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Preface

I am pleased to introduce the book “Microalgae - From Physiology to Application” 
published by IntechOpen publisher. The book summarizes current reviews and 
original articles on microalgae. The term microalgae is commonly used to describe
microscopic algae and cyanobacteria. It is thus a very diverse group of photo-
synthetic microorganisms living in a variety of environments including extreme
habitats. Not only are these organisms fascinating, they can also be exploited by
humans for biotechnologies. Except for the variety of applications, this book aims
to address at least some aspects of microalgae physiology, as applications in biotech-
nology cannot be successful without a solid knowledge of physiology.

The book is organized into four sections and twelve chapters. The sections
Phytoplankton, Microalgae as a nutrition, Microalgae applications, and Microalgae 
secondary metabolites are not strictly defined and the topics partly overlap, reflecting 
the complexity of the topic.

The first section Phytoplankton presents Chapter 1, which describes the potential 
of a novel fluorescent spectroscopic technique for a microalgae species discrimina-
tion. The method is based on special data processing of a set of fluorescent spectra, 
obtained from a single photosynthetic cell of cyanobacteria. The universality of the
considered technique makes it possible to use for investigation of any phytoplank-
ton species irrespective of their habitat or cultivation. The automatization of the
cyanobacterial species differentiation is a key problem in both industrial biomass
production and environmental monitoring.

Chapter 2 discusses the eutrophication of inland waters in many countries from
North to South America due to the increase of the internal load of nitrogen and 
phosphorus. As a consequence, the phytoplankton community in freshwater lakes
and reservoirs is mainly dominated by Cyanobacteria. The taxonomic groups of
phytoplankton can be used to indicate the trophic level and water quality status of
freshwater systems.

Chapter 3 is a very nice tutorial summarizing various techniques and laboratory
protocols of the isolation of native microalgae and their characterization standard-
ized by the authors. The biotechnological potential (biodiesel and nutraceuticals
production) of the native microalgae isolated from Peruvian Amazon is evaluated. 
The isolation and culture techniques of native microalgae, culture media, growth
evaluation process and techniques for molecular characterization are listed and 
described in detail.

The second section Microalgae as a nutrition includes Chapter 4, which reviews
the effect of traditional and innovative drying methods on quality and stability of
microalgae biomass powders with potential use in human alimentation. Microalgae
are dried to allow easy storage and transportation as well as to facilitate their use in
biorefinery and the food and feed industry. The understanding of the degradative
phenomena that occur during storage, namely high sensitivity to light, heat and 
oxygen, of dried microalgal biomass is important.
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XIV

Chapter 5 deals with the use of microalgae as food supplements. The diversity 
of microalgae, their components, applications, and potential health benefits are 
discussed. The major economically important species like Spirulina, Chlorella, 
Dunaliella, Haematococcus, and Aphanizomenon are described in detail in single 
subchapters.

The third section Microalgae applications forms the biggest part of the book and 
deals with the exploitation of microalgae in biotechnology. 

Chapter 6 introduces the unicellular red alga Galdieria of the class Cyanidiophyceae. 
The authors review the origin and taxonomy of Galdieria as well as its morphology, 
genome, and unique extremophilic features. The algae can grow in extreme condi-
tions like high acidity, very low pH, or extremely high metal concentrations. It also 
exhibits a broad metabolic flexibility to grow photoautotrophically, heterotrophi-
cally, or mixotrophically, and to utilize a whole range of unusual carbon sources. 
This chapter also focuses on applications in biotechnology. Wastewater treatment, 
selective metal precipitation, or scarce metals recovery from secondary sources is 
discussed.

In Chapter 7, the authors evaluate the potential of microalga Botryococcus braunii 
(Trebouxiophyceae) to be used as a biorefinery organism. The authors clearly 
describe the physiology and biochemistry of different Botryococcus braunii races 
and summarize all value-added compounds produced by the alga. The profitability 
of the production of hydrocarbons, lipids, pigments, polysaccharides, and other 
polymers is mentioned too.

Chapter 8 deals namely with poly unsaturated fatty acids (PUFAs) production by 
marine algae and the use of lipases as a tool for their enrichment. Marine algae rich 
in n-3 PUFA are a natural and readily available resource of PUFA and alternative to 
fish oil derived n-3 PUFA. The enrichment of microalgae using biolipase from the 
yeast Candida cylinderacea source is of particular interest. The analysis of fatty acids 
in marine algae and the PUFA application effects are explained.

In Chapter 9, the authors explain the composition of carbohydrates in microalgae 
biomass, focusing on separation methods, chemistry and molecular characteriza-
tion as well as their application in several areas. Steps for extraction and purifica-
tion are discussed as well as the relationship between the type of microalgae and its 
composition. The current and prospective trends and methodologies for the use of 
microalgae carbohydrates are summarized.

Chapter 10 is an original research article dealing with adaptation of two Chlorella 
strains to chilling temperature and irradiance. Chlorella is used for large-scale 
outdoor production in Taiwan so the understanding of how green algae overcome 
chilling temperatures during winter is useful from a biotechnological point of view. 
The authors studied changes in photochemical efficiency and differential induction 
of superoxide dismutase as a response to the combined stresses of chilling tempera-
ture and high irradiation.

The last section, Microalgae secondary metabolites, is devoted to the cultivation of 
microalgae for the production of a variety of secondary metabolites for possible 
commercialization. 

V

Chapter 11 describes the cultivation of microalgae for secondary metabolite produc-
tion. The authors describe in detail the metabolism of microalgae and the kinetics
of mixotrophic growth. The comparison of open and closed photobioreactors is
introduced and the problematics discussed. The topic of scale up production of
microalgae is mentioned. The secondary metabolites like fine chemicals, pigments, 
antioxidants, lipids, and proteins are listed and the microalgae and the conditions
suitable for their production are listed.

The closing chapter, Chapter 12, is an excellent review of various applications of
microalgae. The authors focus on the physiological limitations behind the synthesis
of microalgal products, highlight the crucial unknowns behind the role and synthe-
sis of these products and hint at strategies to overcome the limitations to realize the
commercial dream of microalgal products. 

As the editor, I am happy to present to the readers such a broad collection of topics
by a large number of experts from the field of microalgae research. Both authors
and readers can enjoy the open access to all chapters.

I thank all the contributors for their effort and Ms. Lada Bozic, Author Service
Manager, for the smooth cooperation and help.

Welcome to the amazing world of microalgae!

Prof. (FH) RNDr. Milada Vítová, PhD.
Laboratory of Cell Cycles of Algae,

Centre Algatech,
Institute of Microbiology of the Czech Academy of Sciences,

Czech Republic
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Chapter 1

Self-Fluorescence of 
Photosynthetic System: A 
Powerful Tool for Investigation of 
Microalgal Biological Diversity
Natalia Grigoryeva

Abstract

It is well-known that photosynthetic cells of various microalgae species display 
distinct fluorescent properties. The efficiency of self-fluorescence excitation and 
emission at different wavelengths depends on the structure of photosynthetic 
system and particularly on the structure of antenna complex of specific strains. The 
peculiar structure of blue-green algae light-harvesting complex allows to discrimi-
nate and classify known and new cells up to species/strain level by means of micro-
scopic spectroscopy. In this chapter, a novel fluorescent spectroscopic technique 
for microalgae species discrimination will be presented. This method is based on a 
special data processing of a set of fluorescent spectra, obtained from a single photo-
synthetic cell of microalgae, particularly from cyanobacterial cells. According to the 
presented technique, single-cell self-fluorescence spectra are recorded by means of 
confocal laser scanning microscopy (CLSM), and data processing is conducted via 
linear discriminant analysis (LDA) and artificial neural networks (ANN).

Keywords: microalgae, cyanobacteria, photosynthetic system, biological diversity, 
fluorescence, microscopic spectroscopy, artificial neural networks

1. Introduction

Cyanobacteria are the most ancient photosynthetic microorganisms on Earth. 
Nowadays, cyanobacteria are one of the most widespread organisms in nature, and 
the ecological aspect in their investigation is quite valuable. On the other hand, 
thousands of strains belonging to different species are cultivated in biolaboratories 
all over the world for different cyanobacterial biotechnological applications such 
as biofuel cells, food production, pharmaceuticals, fertilizers, etc. [1–3]. Thus the 
noninvasive spectroscopic methods are quite requisite for monitoring of physiologi-
cal state of cyanobacterial cultures and natural communities.

It is well-known that the analysis of self-fluorescence of photosynthetic system 
is a powerful noninvasive tool for investigation of microalgae in vivo. It reports 
on the energy transfer and trapping and, thus, reflects the metabolic mechanisms 
in photosynthetic cells and their photosynthetic efficiency. The detected self-
fluorescence finally reflects the diversity in morphological and physiological states 
of photosynthetic cells [4–6].
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Self-fluorescence originates from excited states that were lost before photochem-
istry took place and usually represents a small fraction of the excited state decay in 
a functional photosynthetic complex. Nevertheless, this small fraction can be easily 
detected by confocal laser scanning microscopy (CLSM). With the confocal fluores-
cence microscopy, a very small excitation and detection areas can be investigated, 
so that single cells under non-damage conditions can be studied in vivo. Single-cell 
detection can provide the information on small peculiarities that is regularly buried 
in normal ensemble average experiments. This is thus a good way to study the time 
evolution process and spectroscopic properties of individual cells. Both steady-state 
and time-resolved fluorescence measurements can be used for probing the organi-
zation and functioning of photosynthetic systems by means of CLSM.

Till now the best taxonomic differentiation is still obtained using classical 
inverted microscopy. Unfortunately, this method is time-consuming, human 
based, and requires appropriate technical skills; this eliminates the possibility of its 
application for continuous online monitoring. Nearly single-cell flow cytometric 
analysis, based on light scattering by the cells and fluorescence of the chlorophylls 
and the phycobilins, can be easily automated, but it is appropriate only for unicel-
lular species and is useless for numerous industrially cultured filamentous strains 
[7, 8]. The main problem of all chemical methods (e.g., high-performance liquid 
chromatography (HPLC) [9, 10]) is that during the chemical sample preparation, 
the most of the information about the peculiarities of individual species is lost and 
the residual part of the information is not enough for species/strain discrimination 
inside cyanobacterial genera and is suitable only for the rude differentiation of big 
classes of phytoplankton. Thus, the analysis of the in vivo fluorescence spectra is 
the only one noninvasive technique for obtaining qualitative information about the 
phytoplankton abundance and composition, which is continuously demonstrated 
by various publications [10–17]. The relative phytoplankton abundance can be 
calculated once initial assumptions about the phytoplankton classes are presented 
and their pigment compositions have been made [7, 12, 13].

Maybe the first attempt to use phycoerythrins as chemotaxonomic markers was 
done by Glazer et al. [18] for red algae in 1982, but until now fluorescence spectra 
of phycobilins do not appear to be useful at familial, ordinal, and class levels in 
taxonomic studies. Although the investigation in [18] concerns only purified high-
molecular-weight phycoerythrin from red algae, this work clearly demonstrates the 
possibility of the correct taxonomic analysis on the basis of phycobiliproteins struc-
tural differences, which can serve as intrinsical fingerprints for taxons and genera 
in phytoplankton diversity. Later, the correlation between the distribution of the 
biliproteins and the genera of Cryptophyceae was discussed in [19]. In 1985, Yentsch 
and Phinney [20] proposed an ataxonomic technique that utilized the spectral 
fluorescence signatures of major ocean phytoplankton. Seppälä [16] used spectral 
fluorescence signals to detect changes in the phytoplankton community. In 2002, 
Beutler et al. reported a reduced model of the fluorescence from the cyanobacterial 
photosynthetic apparatus designed for the in situ detection of cyanobacteria and 
presented a commercially available diveable instrument for online monitoring of 
phytoplankton structure [11].

However, the correct classification of cyanobacterial species on the basis of their 
bulk fluorescence signature is hampered by alterations in pigment composition 
within one strain, which depends on the physiological state of the culture (com-
munity) and environmental conditions [21]. On the other hand, several researchers 
show that the nutrient and light limitations do not significantly change the initial 
fluorescence spectra and cannot impede the species discrimination [17, 22].

Recent rapid development of confocal microscope functionality initiates 
new directions in subcellular biology research [23, 24]. Confocal laser scanning 
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microscopes are distinguished by their high spatial and temporal resolution. 
Modern laser scanning microscopes are unique tools for visualizing cellular 
structures and analyzing dynamic processes inside single cells. One of the specific 
fields of CLSM application is the investigation of self-fluorescence of living cells. 
CLSM single-cell microscopic spectroscopy is undoubtedly the most powerful tool 
for in vivo investigation of physiological processes in photosynthetic organisms 
(cyanobacteria, algae, and higher plants). The investigation of self-fluorescence of 
single living cells reveals the relation between the physiological state and the opera-
tional activity of photosynthetic system. A lot of interesting static and dynamic 
effects can be studied by means of CLSM. The investigation of self-fluorescence 
gives the information about single-cell processes as well as about the collaboration 
in cell communities. Changes in spectral characteristics of living photosynthetic 
cells indicate changes in their physiological state and can be applied for the studies 
of the results of stress states and external actions [4–6]. Moreover, the diversity in 
single-cell self-fluorescence for different species and strains can serve the basis for 
ataxonomic discrimination of cyanobacterial genera.

In this chapter, a novel ataxonomic approach to differentiation of cyanobacte-
rial cells based on the numerical analysis of in vivo single-cell fluorescence spec-
tra, recorded by means of CLSM, is presented. The differentiation is conducted 
according to the structure and operation of their photosynthetic apparatus. An 
optimal set of the parameters is selected, which is sufficient for determination 
of the taxonomic position of cyanobacteria by means of mathematical statistics. 
On the basis of the linear discriminant analysis, the obtained spectroscopic data 
for 23 cyanobacterial strains from CALU collection were analyzed. It was shown 
that the presented technique allows an accurate differentiation of cyanobacteria 
up to the species/strain level and enables to distinguish automatically potentially 
harmful strains. All presented results were obtained using cyanobacterial strains 
from CALU collection of the Core Facility Center “Centre for Culture Collection of 
Microorganisms” of the Research Park of St. Petersburg State University as model 
objects for CLSM studies.

2. Materials and methods

2.1 Cyanobacterial strains and cultivation conditions

All work on preparing cyanobacteria cultures for this research was carried out 
at the Core Facility Center “Centre for Culture Collection of Microorganisms” of 
the Research Park of St. Petersburg State University. In the CALU collection [25] at 
the core facility center, cyanobacterial strains were maintained in semiliquid agar 
(0.8%) medium no. 6 after Gromov [26] in test tubes of volume 5–6 mL under cot-
ton plugs. The strains were stored at 14°C under a constant illumination of 2000 lux 
and were recultivated with a periodicity of 2–3 months.

Cyanobacteria used in this investigation were grown on liquid medium no. 6. A 
stock culture was preliminarily prepared, for which it was cultivated in 30 mL of 
medium and incubated for 2 weeks at room temperature under continuous illumi-
nation from fluorescent lamps. To maintain a constant volume, 5 mL of medium 
were added to the stock culture every 2 weeks. All experiments in this study were 
conducted with cultures presumably in the logarithmic phase of their growth.

In this work, 23 cyanobacterial strains from CALU collection were used:

1. Anabaena variabilis Kutz. CALU 824, ponds near Old Petergof, Saint 
Petersburg, Russia.
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2. Arthrospira sp. CALU 1712, Gulf of Finland, Saint Petersburg, Russia.

3. Geitlerinema sp. CALU 1315, Lake Kyzyl-Tash, Ozersk, Chelyabinsk, Russia.

4. Geitlerinema sp. CALU 1718 Lake Kamenetz, Pskov, Russia.

5. Leptolyngbya sp. CALU 1713, river Tikhaya, Saint Petersburg, Russia.

6. Leptolyngbya sp. CALU 1715, Gulf of Finland, Saint Petersburg, Russia.

7. Leptolyngbya CALU 1750 sp., Lake Tarasovskoe, Saint Petersburg, Russia.

8. Lyngbya sp. CALU 1804, Lake Valdai, Novgorod, Russia.

9. Merismopedia sp. CALU 666 punctata Meyen f., Pinar del Rio, Rio de Soroa, 
Cuba.

10. Microcystis firma sp. CALU 398 (Breb. et Lenorm) Schmidle, Turkmenbashi 
Canal, Turkmenistan.

11. Myxosarcina chroococcoides Geitl. sp. CALU 601, Russia.

12. Nostoc sp. CALU 1763, Lake Ladoga, Saint Petersburg, Russia.

13. Nostoc sp. CALU 1817, springs on the Island Big Solovetsky, White Sea, Russia.

14. Oscillatoria sp. CALU 1415, ponds in Vorkuta region, Russia.

15. Oscillatoria sp. CALU 1416, ponds in Vorkuta region, Russia

16. Phormidium favosum CALU 624, brook Ammersbek, Hamburg, Germany.

17. Plectonema sp. CALU 457, pond in Strelna, Saint Petersburg, Russia.

18. Pleurocapsa sp. CALU 1126, Lake Ladoga, Saint Petersburg, Russia.

19. Spirulina platensis sp. CALU 550 (Nordst.), Czech Republic.

20. Synechococcus sp. CALU 535, ponds near Old Petergof, Saint Petersburg, Russia.

21. Synechococcus sp. CALU 756, Czech Republic.

22. Synechococcus sp. CALU 1409, ponds in Vorkuta region, Russia.

23. Synechocystis sp. CALU 1336 aquatilis, Gulf of Finland, Saint Petersburg, 
Russia.

Fluorescent and corresponding transmission photomicrographs, obtained 
via CLSM, for several strains from CALU collection are presented in Figure 1. In 
further illustrations only the CALU numbers for corresponding strains will be used 
for the clarity of the narration.
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2.2 Confocal laser scanning microscopy

Confocal laser scanning microscopes are distinguished by their high spatial and 
temporal resolution [23, 24]. Modern laser scanning microscopes are unique tools for 
visualizing cellular structures and analyzing dynamic processes inside single cells. 
They exceed classical light microscopes especially in their axial resolution, which 
enables to acquire optical sections (slices) of a specimen. Apart from simple imaging, 
confocal laser scanning microscopes are designed for the quantification and analysis 
of image-coded information. Among other things, they allow easy determination of 
fluorescence intensities, distances, areas, and their changes over time. New acquisi-
tion CLSM tools include the detection of quantitative properties of the emitted light 
such as spectral signatures and fluorescence lifetimes. The most impressive feature 
of modern CLSMs is their capability for single-cell microscopic spectroscopy, which 
allows to obtain spectroscopic information inside single cells and small regions.

In the present investigation, Leica TCS-SP5 was used for the investigation of liv-
ing cyanobacterial cells. Fluorescence emission spectra of the intact cells were mea-
sured at eight excitation wavelengths corresponding to all available laser lines. The 
excitation wavelengths are 458, 476, 488, 496, and 514 nm are the lines of Ar laser, 

Figure 1. 
CLSM fluorescent and transmission photomicrographs for eight cyanobacterial strains from CALU collection. 
The white bar indicates the object scale.
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405 nm is the line of diode UV laser, and 543 and 633 nm are the lines of HeNe laser. 
In all presented experiments, laser power settings are as follows: 29% of Ar laser 
power was reflected onto sample with acousto-optical tunable filter (AOTF), and 
further power percentage for its laser lines was 30% of 458 nm laser line and 10% 
for all other lines. 405 nm line of diode UV laser was reflected onto sample with 
3%; HeNe laser lines 543 and 633 nm were reflected with 10 and 2%, respectively. 
An acousto-optical beam splitter (AOBS) was used to transmit sample fluorescence 
to the detector. Emission spectra between 520 and 785 nm were recorded using the 
lambda scan function of the “Leica Confocal Software” by sequentially acquiring a 
series (‘stack’) of 38–45 images, each with a 6 nm fluorescence detection bandwidth 
and with 6 nm wavelength step. For obtaining fluorescence-intensity informa-
tion, images of 512 × 512 pixels were collected with a 63× Glycerol immersion lens 
(Glycerol 80% H2O) with a numeric aperture of 1.3 (objective HCX PL APO 63.0 
× 1.30 GLYC 37°C UV) and with additional digital zoom factor 5–9 (depending on 
a cyanobacterial strain). One pixel corresponds to 53.5 × 53.5 nm. The photomul-
tiplier (PMT) voltages were used in range from 900 to 1100 V. The fluorescence 
emission images were accompanied with the transmission images (in the parallel 
channel), collected by a transmission detector with the photomultiplier voltages 
ranged from 300 to 500 V. For better signal yield, lambda scans were performed 
with “low speed” setting (400 Hz) in bidirectional scan mode and with a pinhole 
setting of 1 Airy unit (the inner light circle of the diffraction pattern of a point light 
source corresponds to a diameter of 102.9 μm with the lens used (see [23]). Regions 
of interest (ROIs) representing single cells or subcellular regions were used to 
calculate fluorescence spectra.

For 2D imaging, to raise the sensitivity and contrast, images were recorded at 
405 nm excitation wavelength (diod UV laser) and by Leica HyD hybrid detector, 
which strongly improves contrast in comparison to PMTs. HyD gain was taken 
as 100 V. The images of 1024 × 1024 and 2048 × 2048 pixels were collected with a 
63× Glycerol immersion lens (Glycerol 80% H2O) with a numeric aperture of 1.3 
(objective HCX PL APO 63.0 × 1.30 GLYC 37°C UV) and with additional digital 
zoom factor 10–35. The fluorescence emission images were accompanied with the 
transmission images (in the parallel channel). The images were recorded with a 
pinhole setting of 1 Airy unit.

In CLSM applications, the laser light density in the focus point is high. But, 
generally, it is deposited in short “dwell times” during the laser scanning process. 
Dwell time and the intervals between the illuminations may influence photodam-
age and saturation of photosynthetic apparatus of living cells. Thus, since most 
chromophores bleach under the high laser excitation energies, a bleach test should 
be performed [27]. It was shown experimentally that especially phycoerythrin 
(PE) and phycocyanin (PC), as accessory pigments, were very sensitive to pho-
tobleaching, while the fluorescence of chlorophyll a (Chl a) and allophycocyanin 
(APC) remained stable in the intact living cells [27]. During the detection the 
fluorescence of the main accessory pigments for each cyanobacterial strain should 
be controlled and the changes in their fluorescence should not exceed 10–20%. 
In this investigation the power of individual laser lines was chosen according to 
the photodamage they cause. The repeated spectra were obtained under selected 
excitation power at a fixed point in a cell to check whether the excitation would 
affect the cells. It was shown that at the above chosen excitation energies (laser line 
percentage) the fluorescence spectra did not vary within the experimental error 
during 10–15 records. When excitation energy was increased, both the height and 
the center of the bands varied enormously with time because of photodamage or 
structure breakdown in photosynthetic systems. In the experiments, where several 
laser lines were involved for the investigation, the first spectrum was recorded 

9

Self-Fluorescence of Photosynthetic System: A Powerful Tool for Investigation of Microalgal…
DOI: http://dx.doi.org/10.5772/intechopen.88785

again at the end of each series to control the initial state of the cell. It should be 
pointed out that the whole procedure of fluorescence spectra recording, used in 
this study, was designed to minimize preparatory manipulation, so as to conduct 
a noninvasive investigation of small amounts of experimental material and to 
prevent any damage of living cells.

To exclude unpredictable variations in physiological state of investigated 
cultures, the fluorescence spectra were taken from the cells of one strain several 
times, at different days and for various developmental stages of the culture. And it 
was established that the variations in spectrum shape and intensity among cells of 
one strain are not considerable.

2.3 Data processing

2.3.1 Data preprocessing

The main difficulty of the considered discrimination problem resulted from the 
high nonuniformity of the initial data and different numbers of observation for 
different strains. A small size of initial dataset as well as the sophisticated nature 
of the experimental data required a complex preprocessing procedure. The original 
experimental data represents 307 sets of self-fluorescence spectra obtained from 
cyanobacterial cells, belonging to 23 different strains. Each observation from a 
data set is described by a series of seven spectra taken from a single cell by means 
of CLSM. Each initial spectrum is an array of 38–45 numbers, which correspond 
to the fluorescence intensities on specific emission frequencies of visible light in 
the range from 520 to 785 nm. In contrast to the previous investigations, which 
utilized for classification a full spectrum of the samples [12–14], we used a set of 
integral and statistical characteristics, describing the shape of each spectrum. To 
extract a set of classification parameters from initial data, a computer program 
has been developed in a mathematics system MATLAB. By means of this program, 
normalization, interpolation, extrapolation, and smoothing of the raw spectra were 
carried out, to eliminate the random noise and metering fluctuations. All spectra 
were reduced to the same scale and size of data array, the first derivative was taken 
over initial spectra, and the fast Fourier transform (FFT) was performed, to exclude 
random noise, owing to the low intensity of the exciting and emitting light. The 
specific values characterizing the shape of obtained curves and the spectral com-
position of their derivatives were calculated. All selected classification parameters 
can be divided into three groups: asymmetry and excess, fluorescence emission 
percentage for individual pigments in four main spectral regions (phycoerythrin, 
573–586 nm; phycocyanin and allophycocyanin, 649–661 nm; chlorophyll a PSII, 
674–689 nm; chlorophyll a PSII, 711–727 nm), and the frequency characteristics of 
the corresponding first-derivative Fourier transforms for each plot (mean values 
in three specified frequency domains: 43–58 μm-1, 95–110 μm-1, 123–135 μm-1). 
The detailed description of the extraction of classification parameters is given in 
Zhangirov et al. [28].

2.3.2 Linear discriminant analysis

Linear discriminant analysis (LDA) is well-known and often applied in biology 
for various classification problems [15, 17, 29, 30]. Linear discriminant analysis 
(LDA) is a statistical technique for classifying samples into two or more groups 
(classes) [31, 32]. It utilizes linear combinations of independent variables to form a 
basis for a classification scheme. In our case, the independent variables are 63 clas-
sification parameters extracted from each set of single-cell self-fluorescent spectra.
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again at the end of each series to control the initial state of the cell. It should be 
pointed out that the whole procedure of fluorescence spectra recording, used in 
this study, was designed to minimize preparatory manipulation, so as to conduct 
a noninvasive investigation of small amounts of experimental material and to 
prevent any damage of living cells.

To exclude unpredictable variations in physiological state of investigated 
cultures, the fluorescence spectra were taken from the cells of one strain several 
times, at different days and for various developmental stages of the culture. And it 
was established that the variations in spectrum shape and intensity among cells of 
one strain are not considerable.

2.3 Data processing

2.3.1 Data preprocessing

The main difficulty of the considered discrimination problem resulted from the 
high nonuniformity of the initial data and different numbers of observation for 
different strains. A small size of initial dataset as well as the sophisticated nature 
of the experimental data required a complex preprocessing procedure. The original 
experimental data represents 307 sets of self-fluorescence spectra obtained from 
cyanobacterial cells, belonging to 23 different strains. Each observation from a 
data set is described by a series of seven spectra taken from a single cell by means 
of CLSM. Each initial spectrum is an array of 38–45 numbers, which correspond 
to the fluorescence intensities on specific emission frequencies of visible light in 
the range from 520 to 785 nm. In contrast to the previous investigations, which 
utilized for classification a full spectrum of the samples [12–14], we used a set of 
integral and statistical characteristics, describing the shape of each spectrum. To 
extract a set of classification parameters from initial data, a computer program 
has been developed in a mathematics system MATLAB. By means of this program, 
normalization, interpolation, extrapolation, and smoothing of the raw spectra were 
carried out, to eliminate the random noise and metering fluctuations. All spectra 
were reduced to the same scale and size of data array, the first derivative was taken 
over initial spectra, and the fast Fourier transform (FFT) was performed, to exclude 
random noise, owing to the low intensity of the exciting and emitting light. The 
specific values characterizing the shape of obtained curves and the spectral com-
position of their derivatives were calculated. All selected classification parameters 
can be divided into three groups: asymmetry and excess, fluorescence emission 
percentage for individual pigments in four main spectral regions (phycoerythrin, 
573–586 nm; phycocyanin and allophycocyanin, 649–661 nm; chlorophyll a PSII, 
674–689 nm; chlorophyll a PSII, 711–727 nm), and the frequency characteristics of 
the corresponding first-derivative Fourier transforms for each plot (mean values 
in three specified frequency domains: 43–58 μm-1, 95–110 μm-1, 123–135 μm-1). 
The detailed description of the extraction of classification parameters is given in 
Zhangirov et al. [28].

2.3.2 Linear discriminant analysis

Linear discriminant analysis (LDA) is well-known and often applied in biology 
for various classification problems [15, 17, 29, 30]. Linear discriminant analysis 
(LDA) is a statistical technique for classifying samples into two or more groups 
(classes) [31, 32]. It utilizes linear combinations of independent variables to form a 
basis for a classification scheme. In our case, the independent variables are 63 clas-
sification parameters extracted from each set of single-cell self-fluorescent spectra.
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LDA builds n linear discriminant functions, where n is a number of classes and 
a row vector with a number of parameters describes each observation. The deci-
sion of the sample belonging to the class is based on the selecting of the maximal 
discriminant function for the sample row vector. Discriminant analysis has two 
very useful applications. First, it identifies a set of classification parameters that 
are needed to discriminate between known groups, that is, sets of classification 
parameters can be identified that are necessary to discriminate between known 
cyanobacteria strains. Second, the analysis can be used to classify an unknown 
sample (within a certain probability) into a known group of species or strains. The 
high classification accuracy of LDA is due to the fact that it works with distribution 
functions for classification parameters and their statistical characteristics, which 
allows to build better classification model. However, LDA has strong restrictions on 
the presence of correlations between classification parameters.

In addition, LDA allows to reduce dimension of the feature space. This so-called 
linear Fisher discriminant analysis (LFDA) is a data classification method, which 
classifies the samples by dividing them into groups. The boundaries of these groups 
are determined by threshold coordinate values. The goal of this method is to find 
the informative projections by maximizing the function constructed of the projec-
tive matrix, the between-class scatter matrix, and the within-class scatter matrix. In 
this procedure, the first largest component (canonical discriminant function) is the 
maximal, and the classifications are performed using the three-dimensional space 
defined by the three largest components. The selection of the best classification 
parameters is based on the criterion that the dissimilarity between classification 
parameters of different species/strains should be greater than between those of the 
same group. Actually, LFDA bases on a solution of eigenvalue problem. The eigen-
vectors with the first highest eigenvalues are used to construct a lower dimensional 
space, while the other dimensions are neglected.

Also a stepwise discriminant analysis (SDA) was used in this investigation at 
the stage of selection of the most valuable classification parameters to determine 
which parameters discriminate better between the specified groups of observations. 
Standardized coefficients for each variable in each discriminated function represent 
the contribution of the respective parameter to the discrimination between groups.

The calculations were performed in MATLAB software using custom-built 
programs [33].

2.3.3 Artificial neural network

Artificial neural networks (ANNs) are currently being used in a variety of 
applications with great success [8, 34–36]. In contrast with conventional programs 
for data analysis, neural networks follow an adaptive approach. They are flexible 
and eminently suited for application to complex data structures that are not apt for 
other data analysis methods like cluster analysis or principal component analysis. 
Their first main advantage is that they do not require a user-specified problem solv-
ing algorithm (as is the case with classic programming), but instead they “learn” 
from examples, much like human beings. Their second main advantage is that they 
possess an inherent generalization ability. This means that they can identify and 
respond to patterns that are similar but not identical to the ones on which they have 
been trained.

ANN can be described as a mathematical model of a specific structure, con-
sisting of a number of the single processing elements (called artificial neurons), 
arranged in interconnected layers. An active neuron multiplies each input vector 
by its weight, sums the products, and passes the sum through a transfer function to 
produce the output [37]. The ANN is made up of a group of interconnected artificial 
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neurons, belonging to different layers, while inside one layer neurons are indepen-
dent. ANN consists of an input, hidden, and output layers. Each neuron transforms 
input and sends outputs to other neurons to which it is connected.

There are many different types and architectures of neural networks varying 
fundamentally. In this paper a feed-forward ANN (FFANN) is used for solving 
considered classification problem [34, 37]. Figure 2 illustrates the model of the 
ANN used in this work. Due to the simplicity of the classification problem to be 
solved, a multilayer feed-forward neural network (NN) with one hidden layer 
was considered. As an activation function, a hyperbolic tangent was used at the 
hidden layer and Softmax function at the output layer, which allows interpreting 
the output layer as the distribution of probabilities of belonging to each of the 
classes. On both layers a bias neuron with a signal equal to unity is added. The size 
of the input layer (  N  in   ) depends on the number of classification parameters. The 
number of neurons on the output layer was fixed and equal to the number of classes 
(  N  out   = 16 ). The number of neurons on hidden layer was estimated by the following 
equation   N  h   ∼  √ 

_
  N  in    N  out      [37].

Learning in ANNs is accomplished through special training algorithms devel-
oped based on learning rules presumed to mimic the learning mechanisms of 
biological systems. According to supervised learning, the network is trained with a 
dataset of observations and optimized basing on its ability to predict a set of known 
outcomes. The deviation of the network solution from the target (true) value is 
computed, and the calculation of the error is propagated backward from the output 
layer to adjust the connection weights. Since in our case the activation function at 
the output layer was determined as Softmax, the loss function was calculated via 
cross-entropy method. A lot of special training algorithms were developed accord-
ing to learning rules. In this investigation the method of adaptive moment estima-
tion (Adam) was chosen for further calculations [38].

In the training phase, a sample set of classification parameters and the known 
solution (the strain number of the corresponding cell) are forced iteratively upon 
the network. The neuron’s weights (ANN parameters) are adjusted in small steps 
until the network has learned the training examples. In the experiments described 

Figure 2. 
The multilayer feed-forward artificial neural network. The input classification parameters are fed to the input 
layer of ANN, and signals are propagated through the network via internal neurons to the output layer. In this 
way input signal pattern and output signal pattern are associated with each other.
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neurons, belonging to different layers, while inside one layer neurons are indepen-
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input and sends outputs to other neurons to which it is connected.
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considered classification problem [34, 37]. Figure 2 illustrates the model of the 
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was considered. As an activation function, a hyperbolic tangent was used at the 
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outcomes. The deviation of the network solution from the target (true) value is 
computed, and the calculation of the error is propagated backward from the output 
layer to adjust the connection weights. Since in our case the activation function at 
the output layer was determined as Softmax, the loss function was calculated via 
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tion (Adam) was chosen for further calculations [38].
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in this study, the training procedure has 500 iterations (epochs). After training, 
the network is tested. In this test phase, the characteristics of a number of cyano-
bacterial cells with known identities are fed to the network, and the solutions are 
compared with these known identities. In this study, after training the network was 
capable of recognizing about 96% of cyanobacterial cells in the test set. The analysis 
of generalization quality of ANN is identical to the test procedure; only the identi-
ties of the cells are not known beforehand.

The ratio of training sample to the test sampling in this investigation was taken 
70:30%. Other parameters of the selected training algorithm were as follows: 
acceptable error threshold is 0.01, the bandwidth parameter (size of error control 
window) is 20, the moment parameter is 0.1, and the regularization parameter 
is 0.001. The selected learning rate was chosen 0.01, and the number of training 
epochs lays in the range from 300 to 800.

The main criteria for assessing the quality of ANN operation is the value of 
classification accuracy. There are several approaches to evaluate the accuracy of 
classification. In the considered case, the classification accuracy is calculated for 
each class separately, as the ratio of the number of correctly classified class observa-
tions to the total number of observations in a given class. Then the average clas-
sification accuracy for all classes was obtained. In such case it is possible to build a 
matrix of errors with size N × N (N—number of classes) and present the results in 
a bar chart, on which a classification accuracy for each class can be visualized (see 
Figure 8 in “Ataxonomic differentiation of cyanobacterial strains on the base of 
single-cell fluorescence spectra”).

On the base of the classification accuracy analysis, it is possible to evaluate the 
quality of ANN training as well as the quality of internal and external generaliza-
tion. In our case, the evaluation of the quality of external generalization was 
obtained on the base a priori knowledge about new species, which was taken from 
an expert. To validate the correctness of the neural network operation, the results of 
the NN classification were compared with the results of the LDA.

The ANN architecture presented in this paper, as well as the learning algorithm 
and its parameters were determined during the study of various configurations. The 
selected model after training consistently gives a classification accuracy of at least 
95%. In this study, ANN was simulated using MATLAB software [33].

3. Light-harvesting system of cyanobacteria

In cyanobacteria, the antenna complexes for photosystem II (PS II) and to some 
extent for photosystem I (PS I) are extrinsic and formed as large multiprotein 
organelles, which are located on the stromal side of the thylakoid membranes. These 
supramolecular pigment-protein complexes, so-called phycobilisomes (PBSs), first 
described by Gantt [39], are the main light-harvesting antennae in cyanobacteria.

Phycobilisomes are primarily composed of phycobiliproteins, a colored family of 
water-soluble proteins. Their chemical and spectroscopic properties are determined 
by their structure and function that they perform in the photosynthetic process. 
The three classes of phycobiliproteins are allophycocyanin (APC), phycocyanin 
(PC), and phycoerythrin (PE). However, in some cyanobacteria phycoerythrin 
can be replaced by phycoerythrocyanin (PEC), or both pigments can be lacking; 
phycocyanin and allophycocyanin are constitutively present in all cyanobacteria. 
Actually, there are very slight species differences between detached phycobilipro-
teins, even between prokaryotic cyanobacteria and eukaryotic red algae [40].

Usually PBSs are assembled from 12 to 18 different types of polypeptides, which 
may be grouped into three classes: (1) phycobiliproteins, (2) linker polypeptides, 
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and (3) PBS-associated proteins. The amino acid sequences of all components con-
stituting the phycobilisomes of some cyanobacterial strains have been determined, 
and analysis of these data has revealed phylogenetic relationships [41].

The polypeptide composition of PBS varies widely among strains of cyanobac-
teria. It should be noted that the degree of PBS compositional variability, which 
reflects the ability of an organism to adapt to environmental changes, varies from 
strain to strain. Moreover, for a single strain it sometimes depends upon the envi-
ronmental conditions such as nutrient availability, temperature, light quality, and 
light intensity.

It is well-known that total biliprotein content of cyanobacterial cells is inversely 
related to the quality and quantity of irradiance. A comprehensive review given in 
Refs. [41–46] details the various degrees of such chromatic adaptation. However, for 
cyanobacteria cultured under white light of reasonable intensity and in the medium 
with habitual nutrient composition, no chromatic adaptation can occur, and PBS 
structure remains invariable within each strain. Thus the unique spectroscopic 
properties of different cyanobacterial strains, while analyzing in vivo, may become 
promising fingerprints for practical and laboratory applications.

Phycobilisomes are constructed from two main structural elements: a core sub-
structure and peripheral rods that are arranged in a hemidiscoidal fashion around 
that core (Figure 3). Each core cylinder is made up of four disc-shaped phycobili-
protein trimers, allophycocyanin (APC), allophycocyanin B (APC-B), and APC 
core-membrane linker complex (APC-LCM). By the core-membrane linkers, PBSs 
are attached on thylakoids and structurally coupled with PSII. The peripheral cylin-
drical rods (six or eight) radiate from the lateral surfaces of the core substructure 
and are usually not in contact with the thylakoid membrane. The rods are made up 
of hexamers, disc-shaped phycobiliproteins (PE, PEC, and PC), and corresponding 
rod linker polypeptides [41–44]. Most linker polypeptides are colorless proteins, 
but some also contain phycobilin chromophores, endowing them with the ability 
to harvest light as well as aid in the assembly of the phycobilisomes [46]. For more 
details about phycobilisome structure, see [18, 39, 47].

The phycobilisome is attached to the membrane by multiple weak charge-charge 
interactions, either with proteins or with lipid head-groups. Binding is rather 
unstable. The core-membrane linker polypeptide provides a flexible surface, allow-
ing interaction with a range of structurally distinct membrane complexes, including 
photosystem II (PSII) and photosystem I (PSI) (see Figure 4). The stability of each 
interaction may be modulated by covalent modification and/or the presence of 
accessory subunits.

Recently, it was established that phycobilisomes diffuse rapidly on the surface of 
the thylakoid membrane, while PS II reaction centers are normally almost immo-
bile. Fluorescence recovery after photobleaching (FRAP) has been used to measure 

Figure 3. 
Schematic drawing of phycobilisome and photosynthetic energy transfer to reaction center.
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Figure 4. 
Model for the interaction between phycobilisomes and membrane components. (a) Phycobilisomes are shown 
as semicircles, with the core as a darker rectangle [48]. (b) A parallel section through the membrane with the 
terminal phycobilisome pigment in relation to photosystems I and II [51].

the mobility of phycobilisomes in the intact cyanobacterial cells [48, 49], and it 
was clearly demonstrated that a significant proportion of phycobilisome-absorbed 
energy is delivered to PS I as well as to PS II [45, 49, 50].

The high mobility of phycobilisomes along the thylakoid membrane gives the 
opportunity of the occasional direct interaction of phycobilisome rods or core with 
PS I (Figure 4). Two ways that energy could be transferred from phycobilisomes 
to photosystem I are shown in Figure 4; “Spillover” from photosystem II with an 
attached phycobilisome (supposed by Su et al. [51]) (Figure 4a, left photosynthetic 
complex) and direct association of the phycobilisome core with photosystem I 
(Figure 4a, right photosynthetic complex).

Another possible variant of the interaction between phycobilisome and reaction 
centers of two photosystems was proposed by Gantt in the Chapter 6.3 of the book 
[40]. The author assumed that the special close arrangement of both photosystems 
around the base of the phycobilisome provides the partial transfer of the absorbed 
energy to PSII and PSI simultaneously (Figure 4b).

4. Fluorescence spectra of intact cyanobacterial cells

The intrinsic fluorescence of photosynthetic organisms originates from excited 
states that were trapped by light-harvesting system and lost before photochemistry 
took place. Photoexcitation energy absorbed at the outer surface of phycobilisomes 
is transported sequentially through several rod chromoproteins to an inner core and 
then to core-membrane linker (the terminal pigment) that acts as the final energy 
transmitters from the phycobilisome to Chl a heterodimers of two photosystems 
(PSII and PSI), incorporated in the thylakoid membrane. This excitation transfer 
is recognized as due to the Förster dipole-dipole interaction with an extremely high 
efficiency, near unity.

The more distal parts of the antenna system, a peripheral antenna complex (phy-
cobilisome), maximally absorb photons at shorter wavelengths (higher energies) 
than do the pigments in the antenna complexes that are proximal to the reaction 
center. Subsequent energy transfer processes are from these high-energy pigments 
physically distant from the reaction center to low-energy pigments that are physi-
cally closer to the reaction center (Figure 5). With each transfer, a small amount 
of energy is lost as heat, and the excitation is moved closer to the reaction center, 
where the energy is stored by photochemistry. Note that the probability of excita-
tion energy escape from the trap in the form of fluorescence at all transfer steps is 
non-zero and depends on the intensity and wavelength of the excitation light.

During the energy transfer process, the occasional quenching of the absorbed 
light by fluorescence can occur, and this becomes the essential property for 
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fluorescent spectroscopy. It usually represents a small fraction of the excited states 
and diminishes in a functioning photosynthetic complex. Nevertheless, the fluores-
cence is an extremely informative quantity, because it reports on the energy transfer 
and trapping. Both steady-state and time-resolved fluorescence measurements are 
widely used methods for probing the organization and functional state of photo-
synthetic systems.

The fluorescence of intact living cyanobacterial cells is originated from the 
inefficiency of the energy transfer between all components of the energy transfer 
chain including the final step, the delivery to PSII or PSI (Figure 5a). Due to the 
occasional quenching by fluorescence each transfer step result in peak or shoulder 
on the corresponding spectrum (Figure 5b). This is due to the fact that when 
phycobilisomes are bound to the thylakoid membrane, most of the energy from 
phycobilisome is channeled to chlorophylls in the thylakoid membrane and thus 
did not shade the fluorescence of the previous steps in energy transfer chain. In the 
course of the energy transfer from the initially photoexcited phycobiliprotein to the 
reaction center of photosystems PSI and PSII, fluorescence is emitted from almost 
every type of pigment and can be used as a probe to examine the mechanism of 
energy transfer within the light-harvesting system [43, 44, 52].

A convenient way to monitor this energy transfer process is to irradiate a sample 
with light that is selectively absorbed by one set of pigments and then monitor fluo-
rescence that originates from a different set of pigments. Obviously, if the energy 
transfer is taken place between pigments, the light absorbed by one set of pigments 
is emitted by another set differently, depending on the excitation wavelength. 
This type of fluorescence excitation experiment can be used to measure quantita-
tively the efficiency of energy transfer from one set of pigments to another [43]. 
Moreover, different species of cyanobacteria contain different accessory pigment 
proteins and specific linker proteins between them; therefore a set of fluorescence 
emission spectra excited by different wavelengths have its own unique shape for the 
cells of one strain and are quite distinguishable from other species and strains. Such 
sets of fluorescence emission spectra can be used for automatic differentiation of 
cyanobacterial species.

Figure 6 shows several characteristic sets of single-cell fluorescence spectra 
corresponding to Microcystis CALU 398, Merismopedia CALU 666, Leptolyngbya 
CALU 1715, and Phormidium CALU 624, obtained by confocal laser scanning 

Figure 5. 
Schematic illustration of the energy transfer in light-harvesting system of cyanobacteria (a). Panel (b) 
represents the example of normalized in vivo single-cell fluorescence emission spectra at excitation wavelength 
488 nm. Dashed lines and letters over them indicate emission wavelengths of PE, PC, APC, and Chl a of PSII 
and PSI, correspondingly. Fine lines represent fluorescent spectra of corresponding detached pigment-protein 
complexes.
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Figure 4. 
Model for the interaction between phycobilisomes and membrane components. (a) Phycobilisomes are shown 
as semicircles, with the core as a darker rectangle [48]. (b) A parallel section through the membrane with the 
terminal phycobilisome pigment in relation to photosystems I and II [51].

the mobility of phycobilisomes in the intact cyanobacterial cells [48, 49], and it 
was clearly demonstrated that a significant proportion of phycobilisome-absorbed 
energy is delivered to PS I as well as to PS II [45, 49, 50].

The high mobility of phycobilisomes along the thylakoid membrane gives the 
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complex) and direct association of the phycobilisome core with photosystem I 
(Figure 4a, right photosynthetic complex).

Another possible variant of the interaction between phycobilisome and reaction 
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[40]. The author assumed that the special close arrangement of both photosystems 
around the base of the phycobilisome provides the partial transfer of the absorbed 
energy to PSII and PSI simultaneously (Figure 4b).
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took place. Photoexcitation energy absorbed at the outer surface of phycobilisomes 
is transported sequentially through several rod chromoproteins to an inner core and 
then to core-membrane linker (the terminal pigment) that acts as the final energy 
transmitters from the phycobilisome to Chl a heterodimers of two photosystems 
(PSII and PSI), incorporated in the thylakoid membrane. This excitation transfer 
is recognized as due to the Förster dipole-dipole interaction with an extremely high 
efficiency, near unity.

The more distal parts of the antenna system, a peripheral antenna complex (phy-
cobilisome), maximally absorb photons at shorter wavelengths (higher energies) 
than do the pigments in the antenna complexes that are proximal to the reaction 
center. Subsequent energy transfer processes are from these high-energy pigments 
physically distant from the reaction center to low-energy pigments that are physi-
cally closer to the reaction center (Figure 5). With each transfer, a small amount 
of energy is lost as heat, and the excitation is moved closer to the reaction center, 
where the energy is stored by photochemistry. Note that the probability of excita-
tion energy escape from the trap in the form of fluorescence at all transfer steps is 
non-zero and depends on the intensity and wavelength of the excitation light.

During the energy transfer process, the occasional quenching of the absorbed 
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fluorescent spectroscopy. It usually represents a small fraction of the excited states 
and diminishes in a functioning photosynthetic complex. Nevertheless, the fluores-
cence is an extremely informative quantity, because it reports on the energy transfer 
and trapping. Both steady-state and time-resolved fluorescence measurements are 
widely used methods for probing the organization and functional state of photo-
synthetic systems.

The fluorescence of intact living cyanobacterial cells is originated from the 
inefficiency of the energy transfer between all components of the energy transfer 
chain including the final step, the delivery to PSII or PSI (Figure 5a). Due to the 
occasional quenching by fluorescence each transfer step result in peak or shoulder 
on the corresponding spectrum (Figure 5b). This is due to the fact that when 
phycobilisomes are bound to the thylakoid membrane, most of the energy from 
phycobilisome is channeled to chlorophylls in the thylakoid membrane and thus 
did not shade the fluorescence of the previous steps in energy transfer chain. In the 
course of the energy transfer from the initially photoexcited phycobiliprotein to the 
reaction center of photosystems PSI and PSII, fluorescence is emitted from almost 
every type of pigment and can be used as a probe to examine the mechanism of 
energy transfer within the light-harvesting system [43, 44, 52].

A convenient way to monitor this energy transfer process is to irradiate a sample 
with light that is selectively absorbed by one set of pigments and then monitor fluo-
rescence that originates from a different set of pigments. Obviously, if the energy 
transfer is taken place between pigments, the light absorbed by one set of pigments 
is emitted by another set differently, depending on the excitation wavelength. 
This type of fluorescence excitation experiment can be used to measure quantita-
tively the efficiency of energy transfer from one set of pigments to another [43]. 
Moreover, different species of cyanobacteria contain different accessory pigment 
proteins and specific linker proteins between them; therefore a set of fluorescence 
emission spectra excited by different wavelengths have its own unique shape for the 
cells of one strain and are quite distinguishable from other species and strains. Such 
sets of fluorescence emission spectra can be used for automatic differentiation of 
cyanobacterial species.

Figure 6 shows several characteristic sets of single-cell fluorescence spectra 
corresponding to Microcystis CALU 398, Merismopedia CALU 666, Leptolyngbya 
CALU 1715, and Phormidium CALU 624, obtained by confocal laser scanning 

Figure 5. 
Schematic illustration of the energy transfer in light-harvesting system of cyanobacteria (a). Panel (b) 
represents the example of normalized in vivo single-cell fluorescence emission spectra at excitation wavelength 
488 nm. Dashed lines and letters over them indicate emission wavelengths of PE, PC, APC, and Chl a of PSII 
and PSI, correspondingly. Fine lines represent fluorescent spectra of corresponding detached pigment-protein 
complexes.
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Figure 6. 
Four characteristic sets of single-cell fluorescence spectra. The excitation wavelengths (405, 458, 476, 488, 496, 
514, 543, and 633 nm) are given over the curves. All spectra are normalized to the maximum intensity and 
shifted along x-axis for convenience of observation. The dashed lines indicate fluorescence maxima of the 
individual pigments (PE, 580 nm; PC, 656 nm; Chl a, 682 and 715 nm).

microscope (CLSM) Leica TCS-SP5, which are placed near each set. Each spectrum 
in the set was obtained using different laser lines for excitation: 405, 458, 476, 488, 
496, 514, 543, and 633 nm. Corresponding excitation wavelengths are given over 
each spectrum. All spectra are normalized to the maximum intensity and shifted 
along x-axis for convenience of observation. It can be easily noticed that laser line 
458 nm excites mostly in vivo fluorescence of Chl a in both photosystems PSII and 
PSI around 682 and 715 nm, correspondingly, and the emission spectrum by cyano-
bacterial cells shows no appreciable emission of PC or APC. In cyanobacteria, the 
458 nm excitation is preferentially absorbed by PSI that contains more Chl a than by 
PSII and is stoichiometrically more abundant than PSII. However, because reaction 
center of PSI turns over faster than the PSII, it has lower fluorescence intensity than 
the PSII antenna. This is indicated by PSI emission band at 715 nm which is much 
weaker than the PSII emission band at 682 nm. The excitation by intermediate (blue 
and green) wavelengths (405, 488, and 496 nm) reveals fluorescent maxima of 
all photosynthetic pigments, as the light in this range is absorbed by all pigment-
protein complexes almost in equal portions and fluorescence emits by all steps of 
energy transfer chain (Figure 5). The direct excitation of cells in the PE absorption 
region at 514 and 543 nm results in emission spectrum with two main peaks at 580 
and 656 nm, which are due to PE, PC, and APC emission, and for species that lack 
PE, the emission accumulates mostly near 656 nm. Two chlorophyll fluorescence 
components can be resolved for some species in a number of spectra. The spectra 
of the 633 nm excitation directly give a prominent emission band at 656 nm that 
originates from C-PC, omitting band at 580 nm, which cannot be excited by 
633 nm, even for species that have PE (see Figure 6). Other small emission bands, 
corresponding to fine pigment structure of antenna complex, are not resolved at the 
room temperature.

These in vivo fluorescence emission spectra reflect the structure of light-
harvesting complex of corresponding species and correct or incorrect functioning 
of its energy transfer chain. Four characteristic wavelengths, corresponding to 
the fluorescence maximum or shoulder, can be easily distinguished: (1) peak near 
580 nm corresponds to the fluorescence of phycoerythrin, (2) peak near 656–
560 nm corresponds to the fluorescence of phycocyanin and allophycocyanin in 
common (they are undistinguishable at room temperature), (3) peak near 682 nm 
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corresponds to the fluorescence of chlorophyll a in photosystem II, and (4) peak or 
shoulder near 720 nm represents the fluorescence from photosystem I [10, 53].

Comparative analysis of the series of fluorescence spectra for different cya-
nobacterial species and strains reveals visible variations in their shape. If the 
fluorescence spectra were taken from live cells in normal physiological state, which 
are cultured in the same growth environmental conditions, then the interspecies 
variations in pigment/Chl a ratios are more pronounced than variations within the 
individual species. And species/strain differentiation could be carried out on the 
basis of conventional multivariate analysis.

5.  Ataxonomic differentiation of cyanobacterial strains on the base of 
single-cell fluorescence spectra

Fluorescence spectra have been used to classify phytoplankton populations since 
approximately the early 1970s [54, 55]. However, because of the generally low device 
precision and poor availabilities, the rate of species discrimination was relatively 
low. Recently new attempts to conduct the discrimination among microalga on the 
base of absorption or fluorescence spectra were reported [7, 10, 13, 15]. But again in 
published experiments only big algal groups with a considerable differences in pig-
ment composition can be successfully separated (e.g., cryptophytes, chlorophytes, 
cyanobacteria, etc.). Moreover, all the authors pointed out that the discrimination 
among cyanobacterial species is quite complex and ambiguous. Actually, the correct 
discrimination of cyanobacterial species on the base of fluorescence signature is usu-
ally hampered by alterations in the pigment composition within one strain, which 
depends on the environmental conditions and physiological state of the culture. 
These difficulties can be overcome by using single-cell fluorescence spectra instead 
of bulk ones and by recording 7–8 spectra with different excitation wavelengths for 
each cell instead of one or two as usually is done.

In the presented investigation, 307 sets of 8 single-cell fluorescent spectra 
for 23 cyanobacterial strains, belonging to 15 genera, were analyzed. An optimal 
set of classification parameters was considered that is sufficient for determin-
ing the generic membership of cyanobacterial cells by means of mathematical 
statistics. The results of this study show that LDA and ANN are able to recognize 
cyanobacteria up to species/strains according to the data recorded by means of 
CLSM. This implies that the classifier (LDA or ANN) is capable of defining a unique 
niche in a multiparameter space for each of 23 cyanobacterial strains, used in this 
investigation.

The results of LDA, evaluated over 63 parameters extracted from 307 single-cell 
fluorescence spectra, are presented in Figure 7 as 3D-plots in the space of canonical 
discriminating functions. It is clear that the discrimination between species is suf-
ficiently good. Moreover, the closely related species (e.g., Spirulina and Oscillatoria, 
Synechococcus and Chlorogloea, Microcystis, Synechocystis and Myxosarcina) appear 
close to each other. Such species as Leptolyngbia, Geitleninema, and Oscillatoria, 
which includes several strains, form big groups. However, inside these groups single 
strains also can be discriminated, which is demonstrated on the right panel, where 
the corresponding scaled region 1 is presented. This is confirmed by a classification 
diagram plotted in Figure 7C. The classification accuracy in the presented example 
was near 97.4%. The high classification accuracy is due to the fact that LDA works 
with distribution functions for classification parameters and their statistical charac-
teristics, which allows to build a good classification model.

In the legend all used cyanobacterial strains are named and enumerated accord-
ing to CALU collection. Solid curves bounded the regions, occupied by seven strains 
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Figure 6. 
Four characteristic sets of single-cell fluorescence spectra. The excitation wavelengths (405, 458, 476, 488, 496, 
514, 543, and 633 nm) are given over the curves. All spectra are normalized to the maximum intensity and 
shifted along x-axis for convenience of observation. The dashed lines indicate fluorescence maxima of the 
individual pigments (PE, 580 nm; PC, 656 nm; Chl a, 682 and 715 nm).

microscope (CLSM) Leica TCS-SP5, which are placed near each set. Each spectrum 
in the set was obtained using different laser lines for excitation: 405, 458, 476, 488, 
496, 514, 543, and 633 nm. Corresponding excitation wavelengths are given over 
each spectrum. All spectra are normalized to the maximum intensity and shifted 
along x-axis for convenience of observation. It can be easily noticed that laser line 
458 nm excites mostly in vivo fluorescence of Chl a in both photosystems PSII and 
PSI around 682 and 715 nm, correspondingly, and the emission spectrum by cyano-
bacterial cells shows no appreciable emission of PC or APC. In cyanobacteria, the 
458 nm excitation is preferentially absorbed by PSI that contains more Chl a than by 
PSII and is stoichiometrically more abundant than PSII. However, because reaction 
center of PSI turns over faster than the PSII, it has lower fluorescence intensity than 
the PSII antenna. This is indicated by PSI emission band at 715 nm which is much 
weaker than the PSII emission band at 682 nm. The excitation by intermediate (blue 
and green) wavelengths (405, 488, and 496 nm) reveals fluorescent maxima of 
all photosynthetic pigments, as the light in this range is absorbed by all pigment-
protein complexes almost in equal portions and fluorescence emits by all steps of 
energy transfer chain (Figure 5). The direct excitation of cells in the PE absorption 
region at 514 and 543 nm results in emission spectrum with two main peaks at 580 
and 656 nm, which are due to PE, PC, and APC emission, and for species that lack 
PE, the emission accumulates mostly near 656 nm. Two chlorophyll fluorescence 
components can be resolved for some species in a number of spectra. The spectra 
of the 633 nm excitation directly give a prominent emission band at 656 nm that 
originates from C-PC, omitting band at 580 nm, which cannot be excited by 
633 nm, even for species that have PE (see Figure 6). Other small emission bands, 
corresponding to fine pigment structure of antenna complex, are not resolved at the 
room temperature.

These in vivo fluorescence emission spectra reflect the structure of light-
harvesting complex of corresponding species and correct or incorrect functioning 
of its energy transfer chain. Four characteristic wavelengths, corresponding to 
the fluorescence maximum or shoulder, can be easily distinguished: (1) peak near 
580 nm corresponds to the fluorescence of phycoerythrin, (2) peak near 656–
560 nm corresponds to the fluorescence of phycocyanin and allophycocyanin in 
common (they are undistinguishable at room temperature), (3) peak near 682 nm 
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corresponds to the fluorescence of chlorophyll a in photosystem II, and (4) peak or 
shoulder near 720 nm represents the fluorescence from photosystem I [10, 53].

Comparative analysis of the series of fluorescence spectra for different cya-
nobacterial species and strains reveals visible variations in their shape. If the 
fluorescence spectra were taken from live cells in normal physiological state, which 
are cultured in the same growth environmental conditions, then the interspecies 
variations in pigment/Chl a ratios are more pronounced than variations within the 
individual species. And species/strain differentiation could be carried out on the 
basis of conventional multivariate analysis.

5.  Ataxonomic differentiation of cyanobacterial strains on the base of 
single-cell fluorescence spectra

Fluorescence spectra have been used to classify phytoplankton populations since 
approximately the early 1970s [54, 55]. However, because of the generally low device 
precision and poor availabilities, the rate of species discrimination was relatively 
low. Recently new attempts to conduct the discrimination among microalga on the 
base of absorption or fluorescence spectra were reported [7, 10, 13, 15]. But again in 
published experiments only big algal groups with a considerable differences in pig-
ment composition can be successfully separated (e.g., cryptophytes, chlorophytes, 
cyanobacteria, etc.). Moreover, all the authors pointed out that the discrimination 
among cyanobacterial species is quite complex and ambiguous. Actually, the correct 
discrimination of cyanobacterial species on the base of fluorescence signature is usu-
ally hampered by alterations in the pigment composition within one strain, which 
depends on the environmental conditions and physiological state of the culture. 
These difficulties can be overcome by using single-cell fluorescence spectra instead 
of bulk ones and by recording 7–8 spectra with different excitation wavelengths for 
each cell instead of one or two as usually is done.

In the presented investigation, 307 sets of 8 single-cell fluorescent spectra 
for 23 cyanobacterial strains, belonging to 15 genera, were analyzed. An optimal 
set of classification parameters was considered that is sufficient for determin-
ing the generic membership of cyanobacterial cells by means of mathematical 
statistics. The results of this study show that LDA and ANN are able to recognize 
cyanobacteria up to species/strains according to the data recorded by means of 
CLSM. This implies that the classifier (LDA or ANN) is capable of defining a unique 
niche in a multiparameter space for each of 23 cyanobacterial strains, used in this 
investigation.

The results of LDA, evaluated over 63 parameters extracted from 307 single-cell 
fluorescence spectra, are presented in Figure 7 as 3D-plots in the space of canonical 
discriminating functions. It is clear that the discrimination between species is suf-
ficiently good. Moreover, the closely related species (e.g., Spirulina and Oscillatoria, 
Synechococcus and Chlorogloea, Microcystis, Synechocystis and Myxosarcina) appear 
close to each other. Such species as Leptolyngbia, Geitleninema, and Oscillatoria, 
which includes several strains, form big groups. However, inside these groups single 
strains also can be discriminated, which is demonstrated on the right panel, where 
the corresponding scaled region 1 is presented. This is confirmed by a classification 
diagram plotted in Figure 7C. The classification accuracy in the presented example 
was near 97.4%. The high classification accuracy is due to the fact that LDA works 
with distribution functions for classification parameters and their statistical charac-
teristics, which allows to build a good classification model.

In the legend all used cyanobacterial strains are named and enumerated accord-
ing to CALU collection. Solid curves bounded the regions, occupied by seven strains 
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(Anabaena variabilis Kutz. sp. CALU 824, Geitlerinema sp. CALU 1315, Myxosarcina 
chroococcoides sp. CALU 601, Nostoc sp. CALU 1763, Spirulina platensis (Nordst.) 
sp. CALU 550, Synechococcus CALU 756, and Synechocystis aquatilis sp. CALU 1336) 
used for testing ANN classificator (in the legend they are indicated by red color).

In the considered classification problem, the quality of the ANN operation 
should be determined not only by the absolute value of the classification accuracy 
but also by the ability of the designed ANN to recognize and properly classify 
unknown species that did not participate in the training process. Thus, the 
performance of ANN was tested first with the aim only to discriminate between 
16 known cyanobacterial species (Figure 8a). Another seven strains were identi-
fied as test ones, to verify the correctness of ANN in recognizing new strains 
(so-called generalization quality). Analysis of a test set with data from the same 
monocultures confirmed that the parameters extracted from the fluorescent 
spectrum sets contained enough information to correctly identify cyanobacterial 
cells at the species/strain level. The trained neural network presented here showed 
not the highest rate of correct classification—only about 95.7%—but it shows the 
best recognition quality for new strains. The results of the ANN recognition are 
presented in Figure 8b.

Bar charts in Figure 8a represent the results of the classification of 268 experi-
mental measurements by 16 classes. Each bar represents the classification results 
as the probability distributions. Each color in the bar corresponds to 1 of 16 target 
classes (known cyanobacterial strains). The percentage rate of colors in the bar 

Figure 7. 
The results of linear discriminant analysis. (a) and (b) Observations in 3D space of first three maximal 
canonical discriminant functions (root 1,2,3). Solid curves bounded the regions, occupied by seven new species. 
In the legend new species are indicated with red. (c) Classification diagram for 23 cyanobacterial strains from 
CALU collection. Red dots indicate false results.
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shows the probability distribution of belonging to the target classes. Maximal eigen-
class probability is indicated above each bar.

In contrast to standard classifiers, a classifier built on the base of ANN has a 
so-called generalization ability. It means that ANN is able to recognize new cyano-
bacterial strains that were previously unknown for it and suggest possible variants 
of their generic affiliation to known classes. In Figure 8c, the ANN classification 
results for 16 target classes and 7 strains that were not presented in the training 
set are shown. The aim of ANN classifier was to determine which of the 16 known 
classes and 7 unknown strains could be attributed. The results of ANN classifica-
tion correlate well with the results predicted by LDA (Figure 7). The closely related 
strains in this case were 1763–666, 601–398, 756–1409, 1315–1718, 550–1416, 
824–1817, and 1336–398 (in the pairs, the first strain is unknown for ANN, and the 
second is the one of the nearest target classes). The strains of 1336 Synechocystis, 
601 Myxosarcina, and 1315 Geitlerinema ANN classifiers relate to the close genera 
Microcystis and Geitlerinema, correspondingly. And for the remaining strains, it 
proposed possible classification options. Minor errors in classification of strains 756 
Synechococcus, 824 Anabaena, and 550 Spirulina, in which the classifier relates to 
genera Synechococcus, Nostoc, and Oscillatoria, correspondingly, can be explained by 
the fact that in the space of classification parameters they lie in the wide free regions 
between the groups of the known strains, approximately, at equal distances from 2 

Figure 8. 
The results of ANN classification. (a) The results of recognition of 16 known cyanobacterial strains. (b) The 
results of recognition of seven unknown strains. Numbers over each bar indicate maximal class probability for 
each strain. (c) General classification results. Red dots indicate false results. Strains are numbered according to 
CALU collection names.
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(Anabaena variabilis Kutz. sp. CALU 824, Geitlerinema sp. CALU 1315, Myxosarcina 
chroococcoides sp. CALU 601, Nostoc sp. CALU 1763, Spirulina platensis (Nordst.) 
sp. CALU 550, Synechococcus CALU 756, and Synechocystis aquatilis sp. CALU 1336) 
used for testing ANN classificator (in the legend they are indicated by red color).
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but also by the ability of the designed ANN to recognize and properly classify 
unknown species that did not participate in the training process. Thus, the 
performance of ANN was tested first with the aim only to discriminate between 
16 known cyanobacterial species (Figure 8a). Another seven strains were identi-
fied as test ones, to verify the correctness of ANN in recognizing new strains 
(so-called generalization quality). Analysis of a test set with data from the same 
monocultures confirmed that the parameters extracted from the fluorescent 
spectrum sets contained enough information to correctly identify cyanobacterial 
cells at the species/strain level. The trained neural network presented here showed 
not the highest rate of correct classification—only about 95.7%—but it shows the 
best recognition quality for new strains. The results of the ANN recognition are 
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as the probability distributions. Each color in the bar corresponds to 1 of 16 target 
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shows the probability distribution of belonging to the target classes. Maximal eigen-
class probability is indicated above each bar.

In contrast to standard classifiers, a classifier built on the base of ANN has a 
so-called generalization ability. It means that ANN is able to recognize new cyano-
bacterial strains that were previously unknown for it and suggest possible variants 
of their generic affiliation to known classes. In Figure 8c, the ANN classification 
results for 16 target classes and 7 strains that were not presented in the training 
set are shown. The aim of ANN classifier was to determine which of the 16 known 
classes and 7 unknown strains could be attributed. The results of ANN classifica-
tion correlate well with the results predicted by LDA (Figure 7). The closely related 
strains in this case were 1763–666, 601–398, 756–1409, 1315–1718, 550–1416, 
824–1817, and 1336–398 (in the pairs, the first strain is unknown for ANN, and the 
second is the one of the nearest target classes). The strains of 1336 Synechocystis, 
601 Myxosarcina, and 1315 Geitlerinema ANN classifiers relate to the close genera 
Microcystis and Geitlerinema, correspondingly. And for the remaining strains, it 
proposed possible classification options. Minor errors in classification of strains 756 
Synechococcus, 824 Anabaena, and 550 Spirulina, in which the classifier relates to 
genera Synechococcus, Nostoc, and Oscillatoria, correspondingly, can be explained by 
the fact that in the space of classification parameters they lie in the wide free regions 
between the groups of the known strains, approximately, at equal distances from 2 

Figure 8. 
The results of ANN classification. (a) The results of recognition of 16 known cyanobacterial strains. (b) The 
results of recognition of seven unknown strains. Numbers over each bar indicate maximal class probability for 
each strain. (c) General classification results. Red dots indicate false results. Strains are numbered according to 
CALU collection names.
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or 3 nearest ones (see Figure 7). Therefore the ANN cannot make a correct deci-
sion. And the false result of ANN classificator in classification of 1763 Nostoc may 
due to the incorrect initial dataset or false a priori information about 1763 strain 
affiliation.

To validate the correctness of the neural network operation, the results of 
the ANN classification were compared with the results of the LDA. The neural 
network-based classification agrees well with the expected results and with the 
results of LDA. The identification performance of the network for cyanobacterial 
strains from the same species is slightly less than for the cells from different species, 
but anyway they can also be distinguished perfectly well.

6. Conclusion

The automatization of the cyanobacterial species differentiation is a key 
problem in both industrial biomass production and environmental monitoring. 
Unfortunately, all presently utilized methods cannot be implemented in online 
monitoring procedures due to various reasons. In this work, an example of the use 
of LDA and ANN technologies for online differentiation of cyanobacterial strains 
according to their in vivo single-cell fluorescence spectra is presented. The novel 
discrimination technique demonstrated here includes a strict procedure for record-
ing and processing single-cell fluorescence emission spectra, which eliminates most 
of usual data processing difficulties and, as a result, has a quite high classification 
accuracy. And the initial information is obtained via fluorescent spectroscopy; 
the experimental data can be processed automatically. Moreover, due to the use of 
CLSM microscopic spectroscopy instead of conventional fluorimetry, the initial 
data have less variations and can be accurately sorted. Any objectionable and unpre-
dictable impact is eliminated at the first step of obtaining fluorescence spectra. 
Since noninvasive and nondistructive method is used, the information about vital 
cell operation (e.g., light harvesting) can be additionally taken into account, to 
obtain the desirable precision of discrimination.

The universality of the considered technique makes it possible to use it for 
investigation of any phytoplankton species irrespective of their habitat or cultiva-
tion. Utilizing data from several fluorescence spectra, instead of one, results in 
more fingerprint information which leads to the taxonomic differentiation on a 
finer scale. Differentiation procedure, presented here, was carried out by means of 
statistical analysis on the base of mathematical characteristics of intrinsic fluores-
cence spectra of living single cells; therefore it is free from usual subjectivity, which 
can occur while using methods of direct optical microscopy. Moreover, formaliza-
tion of data processing gives a wide opportunity for automating of the classification 
procedure of cyanobacterial strains in field samples, while online monitoring of 
water bodies is conducted.

Undoubtedly, the data set should be expanded to include more species and 
phytoplankton classes/divisions, grown under different nutrient and light condi-
tions. However, this work already demonstrates the potential of the discrimination 
of phytoplankton classes by means of fluorescence microscopic spectroscopy. 
Combining the knowledge of phytoplankton structure along with taxon-specific 
measurements of photosynthetic activity and biochemical cell composition can lead 
to new models which increase the reliability of online monitoring.
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Chapter 2

Eutrophication and 
Phytoplankton: Some Generalities 
from Lakes and Reservoirs of the 
Americas
Ernesto J. González and Gabriel Roldán

Abstract

Eutrophication is one of the most widespread problems of inland waters in the 
world. In many countries from North to South America, eutrophication is due to 
several impacts resulting from the inefficient or nonexistent wastewater treatment; 
the agricultural expansion with inadequate soil uses and application of chemical fer-
tilizers; the urbanization of watersheds, the increase of intensive husbandry of cattle, 
pigs, and chicken; the increase of aquaculture; the construction of reservoirs; and 
the destruction of natural ecosystems. Basically, the increase in the internal load of 
nitrogen and phosphorus in lakes and reservoirs produces an increase in the biologi-
cal productivity of the water bodies. As consequence, phytoplankton community in 
freshwater systems is mainly dominated by cyanobacteria. Despite differences in con-
tinental climate regimes, this seems to be a regular pattern along the Americas, where 
there are various practices related to the use of lower and upper taxonomic groups 
of phytoplankton for the indication of the trophic level and water quality status of 
freshwater systems. As was reported in numerous studies in the Americas, increase in 
nutrient concentrations mainly due to rich in phosphorus cause larger phytoplankton 
biomass and predominance of cyanobacteria such as genera Microcystis, Anabaena, 
Planktothrix, Oscillatoria, and Cylindrospermopsis than ever before.

Keywords: America, eutrophication, phytoplankton, cyanobacterial dominance

1. Introduction

Eutrophication, defined as the nutrient enrichment process (mainly nitrogen 
and phosphorus) of any water body which results in an excessive growth of phyto-
plankton and macrophytes [1–3], has become a major cause of concern in develop-
ing as well as developed countries [1]. Also, it was recognized as a pollution problem 
in the European and North American lakes and reservoirs in the mid-twentieth 
century. Since then, it has become more widespread in the whole world.

Eutrophication is due to several impacts resulting from the inefficient or 
nonexistent wastewater treatment; the agricultural expansion with inadequate 
soil uses and application of chemical fertilizers; the urbanization of watersheds; 
the increase of intensive husbandry of cattle, pigs, and chicken; the increase 
of aquaculture; the construction of reservoirs; and the destruction of natural 
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ecosystems [4]. The eutrophication event describes formation of a set of symptoms 
in a lake system exposed to excessive nutrient increase [2]. Common symptoms 
due to eutrophication include excessive algal blooms, tremendous organic and 
inorganic material accumulation, and lower biodiversity, high turbidity, excessive 
sedimentation, and high anoxia conditions, particularly in the deeper parts of 
lakes. The increase in anoxia condition can cause fish deaths in midsummer. One of 
the first and worst symptoms of eutrophication has been formation of planktonic 
algal blooms. In freshwaters, former of these algal blooms are mostly nitrogen 
(N)-fixing cyanobacteria [5].

Eutrophic water bodies are richly supplied with plant nutrients (N, P, as well 
other nutrients of less acute demand), and consequences include the increase of 
biological productivity and turbidity of water because of dense growths of phy-
toplankton [6, 7]. Thus, phytoplankton community structures and their relevant 
participants could be used as a biological indicator of negative environmental 
impacts formed in lakes and reservoirs, as was eutrophication event [8].

In the Americas, as was reported in previous studies, the increase in nutrient 
concentrations leads to greater biomass of phytoplankton in freshwater systems. In 
this new region of the world, there are numerous experiences relating the effect of 
eutrophication on the phytoplankton community.

In this book chapter, we aimed to provide a short overview based on the sparse 
and scattered literature sources and fixed practices in the American continent 
related to the proliferation of certain groups of phytoplankton in lakes and reser-
voirs in terms of eutrophication. We try to depict some generalizations that have 
arisen from this review, in relation to dominant phytoplankton in the eutrophic 
lakes and reservoirs in the Americas.

2. Eutrophication and phytoplankton

Excessive nutrient accumulation in aquatic ecosystems by carrying of anthro-
pogenic sources, mainly rich in phosphorus (P) and nitrogen (N), creates a series 
of changes in their structure and function in the direction of deterioration of water 
quality, known as eutrophication [9]. Among the structural changes caused by the 
eutrophication, there is the dominance of the “r” selective species in the community 
structure of phytoplankton known as tiny primary pelagic producers, particularly 
in the predominance of cyanobacteria in the freshwater ecosystems such as lakes 
and reservoirs.

As were reported by Bellinger and Sigee [10], the detection of excessive harm-
ful blooms of some algae that are biological indicators of environmental pollution, 
particularly of nutrient pollution, reveals anthropogenic activities in freshwater 
systems and a rapid change in their trophic status. It is known that in the mid-twen-
tieth century, some researchers such as Thunmark [11], Nygaard [12], and Stockner 
[13] developed trophic status indexes by using typical algal groups of oligotrophic 
(particularly desmids, a group of green algae) or typical algal groups of eutrophic 
conditions (chlorococcal, cyanobacterial, and euglenoid species). Although these 
indices provide useful information about trophic status of the lakes, generally 
they are not enough to indicate a lot of environmental problems since a lot of algal 
species have been living in both eutrophic and oligotrophic freshwater systems. In 
the other word, there are a lot of similarities in view of species homogeneity and 
seasonal succession of species for both systems. The rehabilitation of previous 
methods on sampling and taxonomic analysis, and development of new methods 
in this framework have provided the development in indices based on more specific 
indicator algal species from different taxonomic groups. Thus, Bellinger and Sigee 
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[10] revealed in their books what the indicator species of the trophic status would 
be in mid-summer in temperate lakes (Table 1).

In the Americas, there are some examples about how phytoplankton groups and 
species have been used for the determination of the trophic status and quality of sur-
face waters. Some of these experiences will be presented in the following sections.

2.1 North America

2.1.1 Canada

The dominant indicator species list for trophic status of various lake types in 
the western region of Canada is revealed in Table 2. This list bases on 25 years of 
observations by Rawson [14].

In the Experimental Lake Area (ELA), located in Ontario, Schindler [15] and 
Schindler et al. [5] showed that water fertilization (N and P) causes quantita-
tive increase of all phytoplankton groups, especially the cyanobacteria species 
Aphanizomenon schindleri Kling, Findlay and Komárek 1994, and Limnothrix redekei 
(Goor) Meffert 1988.

2.1.2 The United States of America

In 1978, the Environmental Protection Agency (EPA) published a study about 
eutrophication relating aquatic plant response to nutrient loading to lakes and 
reservoirs [16]. There was good correlation between phosphorus loading and the 
average chlorophyll a and water transparency. In general, the correlations between 
phosphorus-loading concentrations and eutrophication response data are bet-
ter than those observed between nitrogen-loading concentrations and the same 
eutrophication parameters, supporting the phosphorus limitation of most of the 
United States water bodies. Summarizing, the characteristic algal species in rela-
tion to the phytoplankton in eutrophic lakes are represented by Anabaena spp., 
Aphanizomenon spp., Microcystis spp., and Oscillatoria rubescens De Candolle ex 
Gomont 1892.

Lake types Algal indicators

Oligotrophic Diatoms: Cyclotella comensis Grunow in Van Heurck 1882, Rhizosolenia spp.
Green algae: Staurodesmus spp.

Mesotrophic Diatoms: Tabellaria flocculosa (Roth) Kützing 1844
Chrysophytes: Dinobryon divergens O. E. Imhof 1887, Mallomonas caudata Iwanoff 
(Ivanov) 1899
Green algae: Sphaerocystis schroeteri Chodat 1897, Dictyosphaerium elegans Bachmann 
1913, Cosmarium spp., Staurastrum spp.
Dinoflagellates: Ceratium hirundinella (O. F. Müller) Dujardin 1841
Cyanobacteria: Gomphosphaeria spp.

Eutrophic Diatoms: Aulacoseira spp., Stephanodiscus rotula (Kützing) Hendey 1964
Green algae: Eudorina spp., Pandorina morum (O. F. Müller) Bory 1897, Volvox spp.
Cyanobacteria: Anabaena spp., Aphanizomenon flos-aquae Ralfs ex Bornet and 
Flahault 1886, Microcystis aeruginosa (Kützing) Kützing 1846

Hypereutrophic Diatoms: Stephanodiscus hantzschii Grunow 1880
Green algae: Scenedesmus spp., Ankistrodesmus spp., Pediastrum spp.
Cyanobacteria: Aphanocapsa spp., Aphanothece spp., Synechococcus spp.

Table 1. 
Phytoplankton indicative species of trophic status in temperate lakes in mid-summer, modified from Bellinger 
and Sigee [10].
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Flahault 1886, Microcystis aeruginosa (Kützing) Kützing 1846

Hypereutrophic Diatoms: Stephanodiscus hantzschii Grunow 1880
Green algae: Scenedesmus spp., Ankistrodesmus spp., Pediastrum spp.
Cyanobacteria: Aphanocapsa spp., Aphanothece spp., Synechococcus spp.

Table 1. 
Phytoplankton indicative species of trophic status in temperate lakes in mid-summer, modified from Bellinger 
and Sigee [10].
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2.1.3 Mexico

In several lakes suffering the eutrophication process, green algae and diatoms 
have been replaced by cyanobacteria, particularly Anabaena spp., Microcystis aerugi-
nosa (Kützing) Kützing 1846, Oscillatoria spp., and Lyngbya spp. ([17–22], among 
others).

Cyanobacteria dominance in the eutrophic Lake Chapala is described by de Anda 
and Shear [23]. The high TN and TP concentrations contained in the large quantities 
of domestic, agricultural, and industrial sewage that enter to the lake through its 
main tributary, the Lerma river, increased the phytoplankton biomass and resulted 
in the dominance of Anabaena flos-aquae Brébisson ex Bornet and Flauhault 1886.

Tomasini-Ortiz et al. [24] reported the dominance of Aphanizomenon gracile 
Lemmermann 1907, followed by M. aeruginosa, Microcystis pulverea (HC Wood) 
Forti 1907, and Anabaena affinis Lemmermann 1898 in the eutrophic Lake 
Pátzcuaro, Michoacán State. The authors pointed out that many cyanobacterial 
blooms have been reported in eutrophic lakes along the Mexican states of Jalisco, 
Michoacán, Veracruz, San Luis Potosí, Querétaro, Guanajuato, Puebla, Oaxaca, and 
Hidalgo and in Mexico City.

Valle de Bravo reservoir (State of Mexico) provides drinking water to about 
2,500,000 inhabitants in Mexico City [25]. This water body also shows frequent 
cyanobacterial blooms as consequence of the high nutrient load in its waters, posing 
health risks for human population. The common genera found during blooms 
are Microcystis sp., Oscillatoria sp., Anabaena sp., Cylindrospermopsis raciborskii 
(Woloszynska) Seenayya and Subba Raju 1972, and Nostoc sp.

2.2 Central America

2.2.1 Guatemala

Unregulated land use and lack of wastewater treatment have led to eutrophica-
tion in many lakes of Guatemala [26]. Some examples of this situation are the 
following studies.

Basterrechea [27] found the prevalence of cyanobacteria in the Lake Amatitlán 
due to eutrophic conditions. Similarly, Rejmánková et al. [28] recorded blooms of the 
Lyngbya species complex (cyanobacteria) as a consequence of the change in land use 

Lake types Algal indicators

Oligotrophic Diatoms: Asterionella formosa Hassall 1850, Melosira islandica O. Müller 1906, Tabellaria 
fenestrata (Lyngbye) Kützing 1844, Tabellaria flocculosa (Roth) Kützing 1844, Fragilaria 
capucina Desmazières 1830, Stephanodiscus niagarae Ehrenberg 1845, Staurastrum spp., 
Melosira granulata (Ehrenberg) Ralfs 1861
Chrysophytes: Dinobryon divergens O. E. Imhof 1887

Mesotrophic Diatoms: Fragilaria crotonensis Kitton 1869
Green algae: Pediastrum boryanum (Turpin) Meneghini 1840, Pediastrum duplex Meyen 
1829
Dinoflagellates: Ceratium hirundinella (O.F.Müller) Dujardin 1841
Cyanobacteria: Coelosphaerium naegelianum Unger 1854, Anabaena spp., Aphanizomenon 
flos-aquae Ralfs ex Bornet and Flahault 1886, Microcystis aeruginosa (Kützing) Kützing 
1846

Eutrophic Cyanobacteria: Microcystis flos-aquae (Wittrock) Kirchner 1898

Table 2. 
The list of dominant algal indicator species for trophic status of various lake types in the western region of 
Canada, modified from Rawson [14].
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in the Lake Atitlán basin. Brocard et al. [26] pointed out that eutrophication has had 
a dramatic impact on the lake Chichój environment; among other effects, fertiliza-
tion of lake waters produced severe hypoxia, massive development of the water 
hyacinth Eichhornia crassipes (Mart.) Solms 1883, and “blue-green” algae dominance.

2.2.2 Honduras

The Lake Yojoa is the largest natural lake in the country and represents an 
important natural resource for Hondurans [29]. The lake is used extensively for 
commercial production of tilapia fish; fishes are raised to full maturity in floating 
cages in the lake, and subsequently, high nutrient load is directly supplied to the 
water body. Other sources of nutrients are: (a) significant amount of wastewater 
from the ineffective product of water treatment plant, (b) wastewater from restau-
rants around the lake, and (c) agricultural practices in the neighboring lands, where 
fertilizers are commonly used, thus contributing with nutrients to the system, 
having an impact on water quality [29].

Because of the high input of nutrients, cyanobacteria are the dominant phy-
toplankton group that accounted for 59.0% of total phytoplankton in the lake 
[30]. Dominant species in the lake are M. aeruginosa, Aphanocapsa delicatissima 
West and GS West 1912, and Oscillatoria limosa C. Agardh ex Gomont 1892, all of 
them common in eutrophic tropical and temperate lakes. Other species that pres-
ent high densities in lake are the green algae Staurastrum leptocladum Nordstedt 
1870 and Sphaerocystis schroeteri Chodat 1897 and the diatom Aulacoseira granulata 
(Ehrenberg) Simonsen 1979.

2.2.3 El Salvador

Wastewater effluents and similar runoffs with high nutrient concentrations 
derived from agricultural fertilizers, which are increased by the susceptibility to 
erosion, deforestation, and sediment trawling, have induced the eutrophication 
process and, consequently, produced the proliferation of M. aeruginosa (cyanobac-
teria) in the volcanic Lake Coatepeque [31].

The Cerrón Grande reservoir also suffered the eutrophication process, and its 
waters are classified as hypereutrophic. The dominant cyanobacteria species is 
Microcystis spp. [32].

2.2.4 Nicaragua

In the eutrophic Lake Xolotlán (Lake Managua), Hooker and Hernández [33] 
and Erikson [34] found high phosphorus concentrations (≈150 μg/L), turbid waters 
(0.40 m of transparency), and high algal biomass of mainly “blue-greens” (cyano-
bacteria). Phytoplankton community was dominated by cyanobacteria throughout 
the entire year [35], and Lyngbya contorta Lemmermann 1898 accounted for more 
than 35.0% of total phytoplankton in the lake, followed by the diatom Cyclotella 
meneghiniana Kützing 1844.

Vammen et al. [36] pointed out that increased eutrophication in Lake Cocibolca 
(Lake Nicaragua) had resulted in the increase of phytoplankton density and a 
marked dominance of two cyanobacterial species (M. aeruginosa and C. raciborskii). 
Cyanobacteria accounted for almost 99% of total phytoplankton in the lake.

Hernández González et al. [37] also found that the most representative phyto-
plankton genera detected during most of the period sampled in the eutrophic lakes 
Cocibolca, Tiscapa, and Masaya, were cyanobacteria, among which are distin-
guished Anabaenopsis, Merismopedia, Chroococcus, and Lyngbya.
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In several lakes suffering the eutrophication process, green algae and diatoms 
have been replaced by cyanobacteria, particularly Anabaena spp., Microcystis aerugi-
nosa (Kützing) Kützing 1846, Oscillatoria spp., and Lyngbya spp. ([17–22], among 
others).

Cyanobacteria dominance in the eutrophic Lake Chapala is described by de Anda 
and Shear [23]. The high TN and TP concentrations contained in the large quantities 
of domestic, agricultural, and industrial sewage that enter to the lake through its 
main tributary, the Lerma river, increased the phytoplankton biomass and resulted 
in the dominance of Anabaena flos-aquae Brébisson ex Bornet and Flauhault 1886.

Tomasini-Ortiz et al. [24] reported the dominance of Aphanizomenon gracile 
Lemmermann 1907, followed by M. aeruginosa, Microcystis pulverea (HC Wood) 
Forti 1907, and Anabaena affinis Lemmermann 1898 in the eutrophic Lake 
Pátzcuaro, Michoacán State. The authors pointed out that many cyanobacterial 
blooms have been reported in eutrophic lakes along the Mexican states of Jalisco, 
Michoacán, Veracruz, San Luis Potosí, Querétaro, Guanajuato, Puebla, Oaxaca, and 
Hidalgo and in Mexico City.

Valle de Bravo reservoir (State of Mexico) provides drinking water to about 
2,500,000 inhabitants in Mexico City [25]. This water body also shows frequent 
cyanobacterial blooms as consequence of the high nutrient load in its waters, posing 
health risks for human population. The common genera found during blooms 
are Microcystis sp., Oscillatoria sp., Anabaena sp., Cylindrospermopsis raciborskii 
(Woloszynska) Seenayya and Subba Raju 1972, and Nostoc sp.

2.2 Central America

2.2.1 Guatemala

Unregulated land use and lack of wastewater treatment have led to eutrophica-
tion in many lakes of Guatemala [26]. Some examples of this situation are the 
following studies.

Basterrechea [27] found the prevalence of cyanobacteria in the Lake Amatitlán 
due to eutrophic conditions. Similarly, Rejmánková et al. [28] recorded blooms of the 
Lyngbya species complex (cyanobacteria) as a consequence of the change in land use 

Lake types Algal indicators

Oligotrophic Diatoms: Asterionella formosa Hassall 1850, Melosira islandica O. Müller 1906, Tabellaria 
fenestrata (Lyngbye) Kützing 1844, Tabellaria flocculosa (Roth) Kützing 1844, Fragilaria 
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in the Lake Atitlán basin. Brocard et al. [26] pointed out that eutrophication has had 
a dramatic impact on the lake Chichój environment; among other effects, fertiliza-
tion of lake waters produced severe hypoxia, massive development of the water 
hyacinth Eichhornia crassipes (Mart.) Solms 1883, and “blue-green” algae dominance.

2.2.2 Honduras

The Lake Yojoa is the largest natural lake in the country and represents an 
important natural resource for Hondurans [29]. The lake is used extensively for 
commercial production of tilapia fish; fishes are raised to full maturity in floating 
cages in the lake, and subsequently, high nutrient load is directly supplied to the 
water body. Other sources of nutrients are: (a) significant amount of wastewater 
from the ineffective product of water treatment plant, (b) wastewater from restau-
rants around the lake, and (c) agricultural practices in the neighboring lands, where 
fertilizers are commonly used, thus contributing with nutrients to the system, 
having an impact on water quality [29].

Because of the high input of nutrients, cyanobacteria are the dominant phy-
toplankton group that accounted for 59.0% of total phytoplankton in the lake 
[30]. Dominant species in the lake are M. aeruginosa, Aphanocapsa delicatissima 
West and GS West 1912, and Oscillatoria limosa C. Agardh ex Gomont 1892, all of 
them common in eutrophic tropical and temperate lakes. Other species that pres-
ent high densities in lake are the green algae Staurastrum leptocladum Nordstedt 
1870 and Sphaerocystis schroeteri Chodat 1897 and the diatom Aulacoseira granulata 
(Ehrenberg) Simonsen 1979.

2.2.3 El Salvador

Wastewater effluents and similar runoffs with high nutrient concentrations 
derived from agricultural fertilizers, which are increased by the susceptibility to 
erosion, deforestation, and sediment trawling, have induced the eutrophication 
process and, consequently, produced the proliferation of M. aeruginosa (cyanobac-
teria) in the volcanic Lake Coatepeque [31].

The Cerrón Grande reservoir also suffered the eutrophication process, and its 
waters are classified as hypereutrophic. The dominant cyanobacteria species is 
Microcystis spp. [32].

2.2.4 Nicaragua

In the eutrophic Lake Xolotlán (Lake Managua), Hooker and Hernández [33] 
and Erikson [34] found high phosphorus concentrations (≈150 μg/L), turbid waters 
(0.40 m of transparency), and high algal biomass of mainly “blue-greens” (cyano-
bacteria). Phytoplankton community was dominated by cyanobacteria throughout 
the entire year [35], and Lyngbya contorta Lemmermann 1898 accounted for more 
than 35.0% of total phytoplankton in the lake, followed by the diatom Cyclotella 
meneghiniana Kützing 1844.

Vammen et al. [36] pointed out that increased eutrophication in Lake Cocibolca 
(Lake Nicaragua) had resulted in the increase of phytoplankton density and a 
marked dominance of two cyanobacterial species (M. aeruginosa and C. raciborskii). 
Cyanobacteria accounted for almost 99% of total phytoplankton in the lake.

Hernández González et al. [37] also found that the most representative phyto-
plankton genera detected during most of the period sampled in the eutrophic lakes 
Cocibolca, Tiscapa, and Masaya, were cyanobacteria, among which are distin-
guished Anabaenopsis, Merismopedia, Chroococcus, and Lyngbya.
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2.2.5 Costa Rica

Umaña et al. [38] stated that there are few long-term works in lakes in Costa Rica, 
which have shown a wide annual variation of their characteristics. In the Talamanca 
region of the province of Limón, Jones et al. [39] found a gradient of trophic states, 
varying from high-altitude lakes with a tendency to be oligotrophic, to lower-altitude 
lakes with a tendency to be eutrophic, despite being located in woodland regions where 
it is away from any human disturbances. These researchers express that, because they 
do not have a high burden of anthropic phosphorus, their planktonic communities 
do not show the classic dominance of cyanobacteria against other planktonic groups, 
but rather a higher prevalence of green algae, a few dinoflagellates and a few crypto-
monadales, all of which suggest a more balanced availability between nitrogen and 
phosphorus. On the other hand, the Arenal reservoir, the largest water body in Costa 
Rica, located between the provinces of Guanacaste and Alajuela, has been classified as 
mesotrophic by Jones et al. [39], representing varied phytoplanktonic community that 
is dominated by green algae, some diatoms, and cyanobacteria (Microcystis spp.).

2.2.6 Panama

Reservoirs of the Panama channel show a mesotrophic status, with a predomi-
nance of diatom populations that are represented by 40.0% of total phytoplankton in 
Gatún reservoir, 55.1% in Alajuela reservoir, and 58.0% in Miraflores reservoir [40].

2.2.7 Cuba

Gómez Luna et al. [41] identified the phytoplankton communities in three 
reservoirs which are used for drinking water supply to 80.0% of the inhabitants 
in the City of Santiago de Cuba. High concentrations of nutrients were detected 
in Chalóns, Charco Mono, and Paradas reservoirs, where the phytoplankton 
communities were dominated by the cyanobacterial species Microcystis spp., 
Aphanothece minutissima (West) J. Komárková-Legnerová and G. Cronberg 1994, 
and Oscillatoria chalybea Mertens ex Gomont 1892.

2.2.8 Puerto Rico

Pantoja Agreda [42] conducted a limnological characterization of Guajataca reser-
voir, which was classified as mesotrophic. The dominant phytoplankton group were 
Euglenophyta (43.8% of total phytoplankton), followed by Pyrrhophyta (34.9%) 
and Chlorophyta (10.7%); cyanobacteria accounted for less than 5.00% of total algal 
density. This fact is common in water bodies with high content of organic matter.

2.3 South America

2.3.1 Colombia

According to Roldán [43] and Roldán and Ramírez [44], water bodies with more 
signs of eutrophication (Porce II, El Peñol, Prado, and Tominé) have a predomi-
nance of cyanobacteria, especially of the genera Anabaena spp. and Oscillatoria spp. 
The main source of eutrophication is domestic wastewater that reaches the rivers 
and streams without any treatment. The use of agrochemicals also contributes to 
eutrophication. The most outstanding case of eutrophication is that of the Porce II 
reservoir, which receives the waters of the Medellín river, carrying pollutants of a 
city of about 3,000,000 inhabitants. Currently, there are two wastewater treatment 
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plants, one of which has started process a short time ago. It is expected that this 
reservoir will begin to recover in the future. Unfortunately, more than 95.0% of the 
towns and cities in Colombia do not have wastewater treatment plants.

2.3.2 Ecuador

Composition of phytoplankton in the Lake Yahuarcocha is dominated by the 
following species: Cylindrospermopsis sp., Anabaena sp., Microcystis sp. (cyano-
bacteria), Monoraphidium sp. (chlorophyta), and Fragilaria sp. (diatom) [45]. 
Eutrophication in this lake is due to the entrance of wastewater caused by the 
tourism industry around the lake.

2.3.3 Peru and Bolivia

In the Lake Titicaca, in the corresponding Bolivian basin, Fonturbel and Castaño-
Villa [46] considered nutrient concentrations and phytoplankton groups as a whole 
to determine that the families Oscillatoriaceae and Nostocaceae (cyanobacteria) 
respond positively to the increase in pH (alkalinization) and negatively to the increas-
ing nutrients, while the families Naviculaceae (diatoms), Closteriaceae, and partly 
Zygnemataceae (green algae) showed an inverse tendency with proliferating in acidic 
water enriched with nutrients. The diatoms seem to respond negatively, both to the 
acidification of the water and to the excessive nutrient enrichments. Studies revealed 
that they are the most sensitive groups to the eutrophication of waters.

Between the 1970s and 1990s, both sections of the Lake Titicaca, deep Lago 
Mayor and large part of shallow Lago Menor, were oligotrophic with high water 
transparency and strong nitrogen limitation. Chlorophyta and cyanobacteria 
(particularly Anabaena spp.) dominated the phytoplankton with low biomass and 
primary production, except for diatoms during the dry season [47]. Currently, the 
deep pelagic areas of the Lake Lago Mayor remain oligotrophic. However, shallow lit-
toral areas of the Lake Lago Mayor and the Lago Menor turn to eutrophic from meso-
trophic. In the northern littoral area of the Lago Menor, there are a lot of villages 
which have domestic pollution sources, while El Alto is responsible for the heavy 
contamination of the Cohana bay. In 2015, the extended rainy season produced the 
first major phytoplankton bloom event in dominance of Carteria sp., which is a 
harmless unicellular green algae in the northern part of the Lago Menor in the period 
of March–April. Phytoplankton blooms in the region have been spotted since the 
2000s. Cyanobacteria Limnoraphis (syn. Lyngbya) predominates in the Puno bay.

2.3.4 Brazil

Numerous studies on eutrophication of freshwater ecosystems have been 
conducted along the Brazilian territory. Prevalence of cyanobacteria under this 
eutrophic condition has also been reported.

Tundisi [48] reported blooms of the cyanobacteria Microcystis spp. and Anabaena 
spp. in the reservoirs of the State of São Paulo, where they are characterized by a 
severe eutrophication in their waters due to industrial and agricultural wastewater.

Huszar et al. [49] and Dantas et al. [50] also found the dominance of Microcystis 
in highly eutrophic shallow lakes and small reservoirs.

Lake Vaca Brava, in the State of Goiás (Central Western Brazil), is an urban 
water body that suffers the eutrophication process as a consequence of the human 
settlement in its neighboring areas [51]. Increased cyanobacterial density accom-
panies the eutrophication process, where Planktolyngbya limnetica (Lemmermann) 
Komárková-Legnerová and Cronberg 1992 is the dominant species.
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and Oscillatoria chalybea Mertens ex Gomont 1892.

2.2.8 Puerto Rico

Pantoja Agreda [42] conducted a limnological characterization of Guajataca reser-
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plants, one of which has started process a short time ago. It is expected that this 
reservoir will begin to recover in the future. Unfortunately, more than 95.0% of the 
towns and cities in Colombia do not have wastewater treatment plants.

2.3.2 Ecuador

Composition of phytoplankton in the Lake Yahuarcocha is dominated by the 
following species: Cylindrospermopsis sp., Anabaena sp., Microcystis sp. (cyano-
bacteria), Monoraphidium sp. (chlorophyta), and Fragilaria sp. (diatom) [45]. 
Eutrophication in this lake is due to the entrance of wastewater caused by the 
tourism industry around the lake.

2.3.3 Peru and Bolivia

In the Lake Titicaca, in the corresponding Bolivian basin, Fonturbel and Castaño-
Villa [46] considered nutrient concentrations and phytoplankton groups as a whole 
to determine that the families Oscillatoriaceae and Nostocaceae (cyanobacteria) 
respond positively to the increase in pH (alkalinization) and negatively to the increas-
ing nutrients, while the families Naviculaceae (diatoms), Closteriaceae, and partly 
Zygnemataceae (green algae) showed an inverse tendency with proliferating in acidic 
water enriched with nutrients. The diatoms seem to respond negatively, both to the 
acidification of the water and to the excessive nutrient enrichments. Studies revealed 
that they are the most sensitive groups to the eutrophication of waters.

Between the 1970s and 1990s, both sections of the Lake Titicaca, deep Lago 
Mayor and large part of shallow Lago Menor, were oligotrophic with high water 
transparency and strong nitrogen limitation. Chlorophyta and cyanobacteria 
(particularly Anabaena spp.) dominated the phytoplankton with low biomass and 
primary production, except for diatoms during the dry season [47]. Currently, the 
deep pelagic areas of the Lake Lago Mayor remain oligotrophic. However, shallow lit-
toral areas of the Lake Lago Mayor and the Lago Menor turn to eutrophic from meso-
trophic. In the northern littoral area of the Lago Menor, there are a lot of villages 
which have domestic pollution sources, while El Alto is responsible for the heavy 
contamination of the Cohana bay. In 2015, the extended rainy season produced the 
first major phytoplankton bloom event in dominance of Carteria sp., which is a 
harmless unicellular green algae in the northern part of the Lago Menor in the period 
of March–April. Phytoplankton blooms in the region have been spotted since the 
2000s. Cyanobacteria Limnoraphis (syn. Lyngbya) predominates in the Puno bay.

2.3.4 Brazil

Numerous studies on eutrophication of freshwater ecosystems have been 
conducted along the Brazilian territory. Prevalence of cyanobacteria under this 
eutrophic condition has also been reported.

Tundisi [48] reported blooms of the cyanobacteria Microcystis spp. and Anabaena 
spp. in the reservoirs of the State of São Paulo, where they are characterized by a 
severe eutrophication in their waters due to industrial and agricultural wastewater.

Huszar et al. [49] and Dantas et al. [50] also found the dominance of Microcystis 
in highly eutrophic shallow lakes and small reservoirs.

Lake Vaca Brava, in the State of Goiás (Central Western Brazil), is an urban 
water body that suffers the eutrophication process as a consequence of the human 
settlement in its neighboring areas [51]. Increased cyanobacterial density accom-
panies the eutrophication process, where Planktolyngbya limnetica (Lemmermann) 
Komárková-Legnerová and Cronberg 1992 is the dominant species.
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Likewise, Chellappa et al. [52] studied the dynamics of phytoplankton in the 
Armando Ribeiro Gonçalves reservoir, located in the state of Rio Grande do Norte 
(Northern Brazil), which is used for drinking water supply; this reservoir was classified 
as eutrophic due to its high nutrient concentrations, and the toxic cyanobacteria domi-
nated the phytoplankton composition, particularly Planktothrix agardhii (Gomont) 
Anagnostidis and Komárek 1988 in drought period and M. aeruginosa in rainy season.

Due to inadequate treatment, sewage with high levels of P and N reaches to 
Pampulha and Ibirité reservoirs in South-Eastern Brazil [53, 54], causing changes in 
the composition and diversity of the plankton community. Microcystis spp. were the 
main species registered during the blooms in these reservoirs.

Despite resulting in known impacts, such as loss of aquatic biodiversity, the 
emergence of potentially toxic cyanobacterial blooms, overgrowth of aquatic mac-
rophytes, anoxia and fish mortality, increased eutrophication of Brazilian reservoirs 
has also, as an additional consequence, the increase of greenhouse gas emission that 
aggravates the global warming process [55, 56].

2.3.5 Chile

In this country, it has also been reported that the increase in the concentration 
of nitrogen and phosphorus leads to an increase in phytoplankton biomass and to 
the dominance of cyanobacteria [57]. In lakes which have heavy eutrophication pro-
cess, the dominant cyanobacteria which occur blooms are usually of Anabaena spp., 
Microcystis spp., and Oscillatoria spp. [58–60], some of them presenting toxic strains 
[58]. On the other hand, Parra et al. [61] found that green algae (Chlorophyta), 
particularly Desmidiaceae family members, are the group more sensitive to negative 
changes in environmental conditions, especially to those associated with pollution 
and eutrophication.

2.3.6 Argentina

Quirós [62], analyzing the empirical relationships between nutrient concentra-
tions and biological communities in more than 100 Argentine lakes and reservoirs, 
found that total phosphorus concentration is the main factor in the control of the 
phytoplankton biomass. Likewise, he also found that the applied empirical order 
grouped lakes in two groups which are the lakes located in the lower latitudes 
which are shallow, warm, and eutrophic where phytoplankton are limited by 
nitrogen, and the lakes located in higher latitude, temperate-cold, and oligotrophic 
where phytoplankton are limited by phosphorus [63]. Also, Quirós et al. [64] 
found that nutrient enrichment of the Pampa’s surface water and its multiple nega-
tive effects on its lagoons have increased the internal phosphorus load allowing the 
increase in the frequency of cyanobacterial blooms, especially during relatively 
dry years.

2.3.7 Uruguay

The largest reservoirs (Salto Grande, Bonete, Baygorria, and Palmar) have 
suffered the process of eutrophication, which has led to an intense growth of phy-
toplankton [65]. De León and Chalar [66], Chalar et al. [67], and Chalar [68, 69] 
studied the phytoplankton dynamics of the Salto Grande reservoir and recorded 
the dominance of typical diatoms in eutrophic environments and high densities of 
cyanobacteria which are predominant with M. aeruginosa during algal blooms.

Vidal et al. [70] had detected cyanobacterial blooms, mainly supported by C. 
raciborskii in many eutrophic water bodies of the country, as were the artificial lakes 
in Canelones, the lake Laguna Blanca in Maldonado, and small dam lakes in Rocha.
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RAP-AL [71] also detected that in the eutrophic system of Laguna del Sauce which 
has a predominance of cyanobacteria throughout the year, there was a marked increase 
in the frequency and duration of microalgae blooms, particularly of M. aeruginosa.

2.3.8 Paraguay

The rapid growth of anthropogenic or human sourced activities has led to the 
environmental degradation of the Lake Ypacaraí, the most renowned water body 
in Paraguay [72]. Increasing nutrient concentrations over the last decades have 
recently resulted in intense cyanobacterial blooms; dominant species in the lake are 
C. raciborskii, M. aeruginosa, and Anabaena spp.

2.3.9 Venezuela

González and Quirós [73], when they considered trends in 16 reservoirs 
that have different trophic status, found both linear relationship, between total 
phosphorus (TP) and total nitrogen (TN) with the phytoplankton biomass, and 
empirical relationship, between total phosphorus concentration and the nitrate/
ammonia quotient which determine the dominance of cyanobacteria. According 
to the authors’ empirical ordination, Venezuelan reservoirs were separated in three 
groups: group 1 includes reservoirs with low TP (<20 μg/L), while groups 2 and 
3 include those reservoirs with moderate to high TP concentrations (>20 μg/L) 
(Figure 1). In group 1, green algae (chlorophyta) are dominant. Group 2 is com-
posed by those reservoirs where nitrate is the dominant inorganic nitrogen com-
pound over ammonia (high nitrate/ammonia quotient), with short water residence 
time, and the dominant phytoplankton taxa are different from cyanobacteria, while 

Figure 1. 
Relationships between TP and the NO3:NH4 ratio in Venezuelan reservoirs: group 1—TP < 20 μg/L—black 
circles; group 2—TP > 20 μg/L and non-cyanobacteria dominance—black diamonds; and group 3—TP > 20 
μg/L and cyanobacteria dominance—black triangles. The Loma de Níquel reservoir is represented by a white 
circle, because it represented an intermediate situation between groups. Abbreviation of reservoir names: 
AFR: Agua Fría, TAG: Taguaza, LAG: Lagartijo, CLA: Clavellinos, TBL: Tierra Blanca, LNI: Loma de 
Níquel, ECI: El Cigarrón, EPU: El Pueblito, ECU: El Cují, EAN: El Andino, LMA: La Mariposa, LPE: La 
Pereza, CAM: Camatagua, QSE: Quebrada Seca, PC1: Pao-Cachinche—western wing with uptake point and 
outlet, and PC2: Pao-Cachinche—eastern wing without outlet, modified from González and Quirós [73].
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Figure 1. 
Relationships between TP and the NO3:NH4 ratio in Venezuelan reservoirs: group 1—TP < 20 μg/L—black 
circles; group 2—TP > 20 μg/L and non-cyanobacteria dominance—black diamonds; and group 3—TP > 20 
μg/L and cyanobacteria dominance—black triangles. The Loma de Níquel reservoir is represented by a white 
circle, because it represented an intermediate situation between groups. Abbreviation of reservoir names: 
AFR: Agua Fría, TAG: Taguaza, LAG: Lagartijo, CLA: Clavellinos, TBL: Tierra Blanca, LNI: Loma de 
Níquel, ECI: El Cigarrón, EPU: El Pueblito, ECU: El Cují, EAN: El Andino, LMA: La Mariposa, LPE: La 
Pereza, CAM: Camatagua, QSE: Quebrada Seca, PC1: Pao-Cachinche—western wing with uptake point and 
outlet, and PC2: Pao-Cachinche—eastern wing without outlet, modified from González and Quirós [73].
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group 3 is composed by those reservoirs with low nitrate/ammonia quotient, high 
residence time of their waters, and the dominant phytoplankton is cyanobacteria.

3. Discussion

Surveys have shown that more than 40.0% of lakes and reservoirs in the 
Americas are in eutrophic trophic level [1, 74], and this is a major cause of concern 
in the developing as well as developed countries.

According to Pratts et al. [75], one of the main problems that affect lakes and 
reservoirs is the eutrophication. It induces undesirable ecological consequences for 
the water bodies [1, 3], such as excessive phytoplankton and macrophyte growth. This 
reduces light penetration and restricts the reoxygenation of water, therefore generat-
ing anoxic conditions in the hypolimnetic layers of lakes and reservoirs, as well as high 
decomposition rates of organic matter that produces a foul smell and makes the water 
more turbid. Other negative consequences are the proliferation of algal blooms and 
toxic phytoplankton, fish mortality by suffocation due to drastic oxygen concentra-
tion drop during the overturning of waters, proliferation of adequate habitats for 
vectors of tropical diseases, and loss of biodiversity. These problems are especially 
important if the water bodies are used for drinking water supply: if these problems are 
inadequately treated, they may involve serious health risks for human populations.

Regarding the main primary producers in lakes and reservoirs, phytoplankton 
communities respond quickly to environmental change (as the fertilization of waters 
with nitrogen and phosphorus) and are indicators of eutrophication [76]. They also 
show different community dynamics in ecosystems with contrasting trophic states, 
where high nutrient levels generally favor species belonging to cyanobacteria group.

In most of the studies on lakes and reservoirs in the Americas discussed in 
the present work, and despite their regional, latitudinal, altitudinal, and climatic 
differences, eutrophic conditions have led to be dominated by specific species of 
cyanobacteria. Then, species from the genera Microcystis, Anabaena, Planktothrix, 
Oscillatoria, and Cylindrospermopsis seem to be the more widespread dominant 
organisms under eutrophic conditions in lakes and reservoirs in the American 
continent. Thus, the cyanobacteria dominance in anthropogenically eutrophic water 
bodies is an increasing problem that impacts recreation, ecosystem integrity, and 
human and animal health [77, 78], by deterioration of water quality [79, 80]. The 
cyanobacterial dominance, on the other side, is under effect of several interacting 
abiotic (temperature, N/P ratio, other factors) and biotic (intraspecies and inter-
specific competition in community) factors that usually show different reactions in 
different environments [81, 82].

According to Reynolds et al. [83] and Bellinger and Sigee [10], cyanobacteria 
adapts to all types of freshwater environment, including extreme conditions and 
frequently have the ability to compete with other phytoplankton groups under 
eutrophic conditions in surface waters. Shapiro [84] and Dokulil and Teubner [81] 
stated that the ability of “blue-greens” to outcompete other freshwater algae has 
been attributed to a range of characteristics, including:

• increasing trend in temperature due to climate change;

• optimum growth at high temperatures not preferred by other phytoplankton 
groups, as in diatoms;

• high survival ability in the water column compared to other species under low 
light tolerance caused by extensive algal bloom;
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• tolerance to low N/P ratios, which is the characteristic for eutrophic lakes—
allowing continued growth when N becomes limited;

• depth regulation by buoyancy—avoiding photoinhibition during the early 
phase of population increase, and allowing algae to obtain inorganic nutrients 
from the hypolimnion layer when the nutrients decrease in the epilimnion 
layer from mid- to late-summer;

• resistance to zooplankton grazing by both mechanical and chemical 
interference;

• tolerance to high pH and low CO2 concentrations, allowing continued growth 
of “blue-greens” (but not other algae) at the lake surface during the extensive 
bloom formation; and

• symbiotic association with aerobic bacteria—bacterial symbionts at the hetero-
cyst surface provide the local reducing atmosphere required for nitrogen fixation 
that causes inorganic nutrients accumulation in surface waters, poor in nutrients.

The dominance of cyanobacteria in eutrophic water bodies can also be explained 
according to the main meaningful functional groups proposed by Reynolds [85, 86] 
and Reynolds et al. [87], based on nutrient availability and stability of the water 
column. Thus, cyanobacteria can dominate in the phytoplanktonic community in 
an array of warm, mixed, and fertilized (mainly phosphorus) water bodies, with 
low transparency values and limitation in C and N [87, 88].

4. Conclusions

In most of the eutrophic lakes and reservoirs in the Americas, as were in various 
researches on freshwater systems in the temperate regions, there are important 
increases in level of nutrients, mainly in level of phosphorus, which leads to exces-
sive phytoplankton biomass firstly in a predominance of cyanobacteria. Likewise, 
in most cases, the dominant cyanobacterial species belong to the genera Microcystis, 
Anabaena, Planktothrix, Oscillatoria, and Cylindrospermopsis, which have toxic 
strains that can cause potential health problems, particularly if the water bodies are 
used for drinking water supply.
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Abstract

The objective of this chapter is to provide scientific information on basic 
aspects to be taken into account to achieve the successful isolation, biochemical, 
and molecular characterization and then to evaluate the biotechnological potential 
of native microalgae of the Peruvian Amazon. Recent investigations reported by 
our research team has demonstrated that the isolated native microalgae from the 
Peruvian Amazon have a great potential for the biotechnological production of 
biodiesel and nutraceuticals. This biotechnological potential was identified thanks 
to the application of various protocols that were standardized by the authors over 
the last 5 years. In conclusion, the native microalgae of the Peruvian Amazon have 
biotechnological potential and are therefore promising for the production of both 
biodiesel and nutraceuticals. Various species of microalgae were identified, isolated, 
cultured, and characterized using biochemical, nutraceutical, and molecular tech-
niques, the isolation stage being the starting point to achieve various biotechnologi-
cal applications. Ankistrodesmus sp. is one of the microalgae with potential for the 
production of biodiesel and microalgae such as Haematococcus pluvialis, Scenedesmus 
sp., and Chlorella sp., among others demonstrated a high potential for nutraceutical 
production. The stress conditions to which microalgae are subjected are being a 
determining factor for the production of biodiesel and nutraceuticals.

Keywords: biotechnological potential, biodiesel, nutraceuticals, Peruvian Amazon

1. Introduction

From the biotechnological point of view, the term microalgae refer to those 
microorganisms that contain chlorophyll-a and/or other similar pigments, which 
allow them to perform oxygenic photosynthesis. In this context, cyanobacteria or 
green-blue algae, prokaryotes, have traditionally been considered within the group 
of microalgae. According to this definition, photosynthetic bacteria are excluded, 
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of native microalgae of the Peruvian Amazon. Recent investigations reported by 
our research team has demonstrated that the isolated native microalgae from the 
Peruvian Amazon have a great potential for the biotechnological production of 
biodiesel and nutraceuticals. This biotechnological potential was identified thanks 
to the application of various protocols that were standardized by the authors over 
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biodiesel and nutraceuticals. Various species of microalgae were identified, isolated, 
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niques, the isolation stage being the starting point to achieve various biotechnologi-
cal applications. Ankistrodesmus sp. is one of the microalgae with potential for the 
production of biodiesel and microalgae such as Haematococcus pluvialis, Scenedesmus 
sp., and Chlorella sp., among others demonstrated a high potential for nutraceutical 
production. The stress conditions to which microalgae are subjected are being a 
determining factor for the production of biodiesel and nutraceuticals.
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1. Introduction

From the biotechnological point of view, the term microalgae refer to those 
microorganisms that contain chlorophyll-a and/or other similar pigments, which 
allow them to perform oxygenic photosynthesis. In this context, cyanobacteria or 
green-blue algae, prokaryotes, have traditionally been considered within the group 
of microalgae. According to this definition, photosynthetic bacteria are excluded, 
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since they do not contain chlorophyll-a and perform anoxygenic photosynthesis. 
Therefore, the term microalgae have no taxonomic meaning and within it, organ-
isms with two different cell types are included: cyanobacteria that have prokaryotic 
cell structure and the remaining microalgae with eukaryotic cell structure [1]. 
Microalgae are characterized by accumulating triglycerides due to their photobio-
synthetic capacity [2, 3], can sequester CO2 from industrial sources [4] and demand 
less cropping area than traditional oleaginous plants [5]. In addition, microalgae can 
produce various substances of commercial interest, such as nutrients, food addi-
tives, drugs, and other substances [6, 7].

Due to this great biosynthetic diversity, isolates have been made and there are 
collections of microalgae in several institutions around the world [8]. An estimated 
50,000 species have been identified and are kept in collections [9]. These only rep-
resent a small fraction of the enormous biodiversity of species that exist. Likewise, 
it is estimated that less than 10% have been evaluated for their biodiesel production 
capacity and only of some species their genomes have been sequenced [10, 11].

Therefore, in the Laboratory of Biotechnology and Bioenergetics of the 
Scientific University of Peru, efforts have been initiated to isolate and increase  
the diversity of the collections and be more likely to find ideal microalgae strains 
for the production of biodiesel, nutraceuticals, bioremediation, and other biotech-
nological applications. It should be noted that there are several methods of isola-
tion, which depend on the dimensions of the microalgae, their mobility, and their 
morphology. The most commonly used methods are: (a) micropipette isolation,  
(b) on agar plates, and (c) serial dilutions. However, it is advisable to combine 
all these techniques to allow isolation and have unialgal cultures [12]. Finally, in 
this chapter, we will focus on the different isolation techniques, cultivation of 
freshwater microalgae, biochemical and molecular characterization to evaluate the 
biotechnological potential of native microalgae of the Peruvian Amazon based on 
our experience acquired over the years.

2. Isolation and culture techniques of native microalgae

2.1 Isolation techniques

The application of the different techniques of isolation in microalgae has as main 
objective to obtain a population of microalgae, starting from a single individual or 
clone (cells, filaments, colonies, and/or cysts) achieving unialgal cultures [3]. The 
use of the isolation technique depends on the dimensions of the microalgae, its 
mobility, and its morphology; however, according to our experience in this field, 
it is advisable to combine the different techniques [8]. The isolation techniques 
that the authors used are micropipette isolation and agar plate isolation, which are 
described below:

2.1.1 Isolation of microalgae with micropipette

This technique consists in isolating microalgae with the help of a Pasteur pipette 
with a reduced tip and/or with a capillary obtained by casting and then sterilized at 
121°C for later use. Once the capillary is prepared and sterilized, a drop is removed 
from the natural collection and placed on a slide sheet, observed with the inverted 
light microscope or compound microscope to verify the presence of microalgae to be 
isolated. Under the microscope and with the help of the capillary, the desired micro-
algae are “trapped” and transferred to a slide sheet having a drop of sterile culture 
medium. This technique requires constant practice, since microalgal transfers must be 
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done quickly and carefully avoiding causing stress to the microalgae. The microalgae 
in isolation process can be continued transferring at least five times successively in 
drops of sterile culture medium, until a single type of microalgal cell is obtained. 
After obtaining the isolated microalgae, it is transferred to a test tube containing 
between 200 and 500 μL of sterile culture medium and grown for 7–10 days until 
microalgal growth is evidenced. Subsequently, the content is transferred to a test tube 
by adding fresh culture medium in order to continue with the culture. It is advisable 
to verify if the isolation was successful, that is to say that it is not contaminated with 
other species of microalgae, otherwise the isolation process must be repeated.

2.1.2 Isolation of microalgae in Petri dishes with agar

This technique is generally used when microalgae are 10 μm in diameter or less 
and consist of preparing Petri dishes with the appropriate culture medium to which 
2% agar is added, and it is autoclaved at 120°C and 15 lb.ft.−2 (1.1 kg.cm−2) pres-
sure for 15 min. Subsequently, it is left at room temperature and before it solidifies, 
they are emptied into the Petri dishes allowing their solidification. In Petri dishes 
with solid medium, 50–100 mL of the natural collection or microalgal suspension 
obtained using the capillary technique (to complement the isolation with capil-
laries) is added on the surface of the medium and with the help of the seeding 
handle or Drigalsky sterile handle homogenizes the suspension in the middle. It is 
immediately covered with the lid, sealed with parafilm, inverted, and cultivated for 
5–10 days until observing the first colonies. The recommended culture conditions 
are photoperiod of 12 h light/12 h dark, light intensity of 100 μmol photons.m2.s−1 
and temperature of 25°C. Subsequently, observations are made on the inverted or 
compound microscope, and the microalgal colonies free of other microorganisms 
are selected with the help of the sowing handle and re-seeded in another Petri 
dish with culture medium. Repeating this procedure as many times as necessary to 
achieve a unialgal culture (Figure 1).

Figure 1. 
Isolation of microalgae in Petri dishes with agar.
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2.2 Microalgae cultivation techniques

Microalgae are characterized by the ability to synthesize various substances 
from water, CO2, and minerals with the help of light energy (photosynthesis) [2]. 
In order to obtain these substances, culture conditions are required that guarantee 
a successful microalgal growth and its subsequent direct consumption as live food 
or nutritional supplements and indirectly for obtaining algal extracts (antibiotics, 
enzymes, essential fatty acids, among others) [13]. Currently, in the world, a large 
number of technologies and culture systems are used, especially those that are 
applied in laboratory conditions, which are addressed in detail in this chapter.

The culture conditions of the microalgae depend on the species to be cultivated 
and on the planned experimental tests. Various factors such as the composition of 
the culture medium, temperature, relative humidity, air flow, CO2 concentration, 
lighting, among others influence the cultivation of microalgae. Initially, the micro-
algal suspensions are kept in test tubes of 10 or 15 mL at 25°C with a light intensity 
of 100 μmol photons.m−2.s−1 with a photoperiod 12 h light/12 h dark. As the cell 
density of the cultures increases, they are transferred to 50, 100, and 250 mL flasks 
to volumes of 5 L or more (depending on the needs of microalgal biomass) for 
4–8 weeks in an orbital shaker at 200 rpm or with constant aeration (Figure 2). If 
you do not have an agitator or air flow, it is recommended to shake manually 2 or 3 
times a day. In addition, it is advisable to monitor the cultures daily by microscopic 
observations.

The amount of inoculum and cell density of the culture are important aspects in 
the cultivation of microalgae. For example, small inoculums and cultures with low 
cell densities may be lost due to photooxidation. Also, cultures with high cell densi-
ties are affected by the self-name effect. In addition, the inoculum must consist of 
cells of a single species and preferably in exponential growth phase [7, 13].

Figure 2. 
Microalgae culture process under laboratory conditions.
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2.2.1 Culture media used

The culture of microalgae under laboratory conditions requires culture medium, 
this being an aqueous solution that transports the nutrients necessary for its growth, 
such as water, light, CO2, and mineral salts; among which are mainly some source 
of nitrogen and a source of phosphorus. The requirements of certain minerals vary 
widely between species and type of study. However, the supply of culture medium 
and nutrient concentrations must be directly related to the production of biomass so 
that it is necessary to periodically add enough to avoid the decrease in the productiv-
ity of the biomass or even some dysfunction of the culture due to photoinhibition.

The use of the culture medium depends on the type of microalgae to be culti-
vated, since there are different compositions and even with some modifications 
with which excellent results were achieved in the growth of these microorganisms. 
However, it is important to take into account certain considerations when preparing 
the culture medium, such as pH of the medium, hardness and salinity of the water, 
validity of the reagents, etc. The culture media that the authors generally used were 
Chu-10, BG-11, Beijerinck, and Bold Basal (see composition in Table 1).

For example, to prepare the Chu-10 medium, stock solutions are required, as 
detailed in Table 2.

Each of the stock solutions are added in a ratio of 1:10 v/v. Likewise, before 
weighing the reagents, it is advisable to perform simple calculations that guarantee 
the good preparation of the culture medium. For example, to prepare a stock solu-
tion of 100 mL of calcium chloride (CaCl2.2H2O), 3.67 g of this salt is required and 
flush up to 100 mL with distilled water.

2.2.2 Microalgal growth evaluation

It is recommended that microalgal growth records be interdiary. Commonly, 
the 0.1 mm deep Neubauer counting chamber is used to count microalgae from 2 to 
30 mm and cultures of densities between 5 × 104 and 5 × 107 cells/mL. For this type 
of record, a sample of the culture (~100 mL) is taken, 50 mL of lugol is added and 
gently homogenized. About 50 mL of the mixture is placed in the Neubauer count-
ing chamber that has the coverslip, allowed to stand for 5–10 min for the sample to 
stabilize. The cells are then counted using a microscope using a manual cell counter 
(Figure 3). It is advisable to double count in each of the fields (upper and lower 
chamber) for each of the samples. Once the average number of microalgal cells is 
obtained, the calculation is carried out with the following equation (Eq. 01):

 N (cells/mL) = Pnc × Fd/6 × 106 (1)

where N = number of cells/mL, Pnc = average number of cells obtained from 
the four fields of the Neubauer counting chamber, Fd = dilution factor (250,000 for 
small microalgae such as Chlorella sp. and Euglena sp. 10,000 for larger microalgae 
such as Scenedesmus sp., and Ankistrodesmus sp.).

A second method to evaluate the microalgal growth used in our laboratory is 
using the Nanodrop 2000 C UV/visible spectrophotometer. This equipment can 
measure accurately and reproducibly up to 2 mL of concentrated cultures. The 
system retains the sample between two optical fibers thanks to the surface tension 
[14]. The procedure is simple and consists of the following steps: (1) in the software 
that controls the spectrophotometer, the option to read cells at 680 nm (wavelength 
absorbed by chlorophylls a and b) is selected, (2) the baseline reading is performed 
(bleaching) by placing 2 mL of the culture medium in the sensor, and (3) the same 
volume of the microalgal culture is read.
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However, the spectrophotometer absorbance readings are not sufficient, it is neces-
sary to determine their correlation with the number of microalgal cells per milliliter of 
culture. This is done through a standard curve of absorbances versus cell count for each 
species under study. To prepare the standard curve, 100 mL of the microalgal culture 
(in the logarithmic growth phase) is transferred to a microtube, and serial dilutions are 
made (1/2, 1/4, 1/8, 1/16, 1/32, 1/64, 1/128) with the culture medium. The absorbance 
at 680 nm in the spectrophotometer is measured from each dilution, and the cell 
number was determined using a Neubauer counting chamber. The absorbance values 
and the corresponding microalgae cell number data/mL, are entered in two columns 
in a Microsoft Excel® spreadsheet. Select both columns, insert the scatter plot, add 

Chemical components CHU-10 BG-11 Beijerinck Bold basal

NaHCO2 12.6 g — — —

NaNO3 85 g 1.5 g — 1.5 g

KH2PO4 — — — 1.05 mg

K2HPO4 8.7 g 40 mg 1.18 g 0.45 mg

MgSO4.7H2O 36.9 g 75 mg 20 mg 0.45 mg

CaCl2.2H2O 36.7 g 36 mg 10 mg 1.2 g

NO3NH4 — — 150 mg —

PO4H2K — — 907 mg —

NaCl — — — 0.15 mg

NaCO3 — 20 mg — —

Na2SiO3.9H2O 28.4 g — — —

HCl (1 mol/L) 0.05 mL — — —

NaEDTA 50 mg 1.04 g 5 mg 50 mg

KOH — — — 31 mg

Citric acid — 6 mg — —

Ferric ammonium citrate 3.35 g 6 mg — —

pH 7.5 7.4 6.8 6.6

Total volume 1 L 1 L 1 L 1 L

H2BO3 618 mg 2.86 g 1 mg 11.42 mg

MnCL2.4H2O 12.6 mg 1.81 g 0.15 mg 1.44 mg

ZnSO4.7H2O 44 mg 0.22 g 2.2 mg 8.8 mg

NaMoO4.2H2O 12.6 mg 0.39 g — —

CuMoO4.2H2O 19.6 mg 79 mg 0.15 mg 1.57 mg

Co(NO3)2.6H2O — 49.4 mg — 0.49 mg

H2SO4 — — — 1 mg

FeSO4.7H2O — — — 4.98 mg

MoO3 — — — 0.71 mg

Mo7O24(NH4)6.4H2O — — 0.10 mg —

CoCl2 20 mg — — —

Distilled water 1.0 L 1.0 L 1.0 L 1.0 L

Table 1. 
Composition of microalgae culture media.
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the trend line. In the trend line options select “Lineal”, activate “present equation in the 
graph”, and “present R2 value in the graph”. This will give us an equation of a straight 
line and the corresponding R2 value (should be > 0.98). For example, for a strain of 
Chlorella sp. from our isolated microalgae culture collection, it has been determined 
that the R2 value was 0.99 and the following equations were obtained (Eq. 02 and 03):

Stocks Components g/100 mL de H2O

1 CaCl2.2H2O 3.67 g

2 MgSO4.7H2O 3.69 g

3 NaHCO3 1.26 g

4 K2HPO4 0.87

5 NaNO3 8.50 g

6 Na2SiO3.9H2O 2.84 g

7 Ferric citrate solution 3.35 g/1000 mg water

8 Micronutrient solution —

NaEDTA 50.0 mg

H2BO3 618.0 mg

CuSO4.5H2O 19.6 mg

ZnSO4.7H2O 44.0 mg

CaCl2.6H2O 20.0 mg

MnCL2.4H2O 12.6 mg

NaMoO4.2H2O 12.6 mg

Table 2. 
Composition of stock solutions of the Chu-10 medium.

Figure 3. 
Microalgal growth evaluation process.
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MgSO4.7H2O 36.9 g 75 mg 20 mg 0.45 mg

CaCl2.2H2O 36.7 g 36 mg 10 mg 1.2 g

NO3NH4 — — 150 mg —

PO4H2K — — 907 mg —

NaCl — — — 0.15 mg

NaCO3 — 20 mg — —

Na2SiO3.9H2O 28.4 g — — —

HCl (1 mol/L) 0.05 mL — — —

NaEDTA 50 mg 1.04 g 5 mg 50 mg

KOH — — — 31 mg

Citric acid — 6 mg — —

Ferric ammonium citrate 3.35 g 6 mg — —

pH 7.5 7.4 6.8 6.6

Total volume 1 L 1 L 1 L 1 L

H2BO3 618 mg 2.86 g 1 mg 11.42 mg

MnCL2.4H2O 12.6 mg 1.81 g 0.15 mg 1.44 mg

ZnSO4.7H2O 44 mg 0.22 g 2.2 mg 8.8 mg

NaMoO4.2H2O 12.6 mg 0.39 g — —

CuMoO4.2H2O 19.6 mg 79 mg 0.15 mg 1.57 mg

Co(NO3)2.6H2O — 49.4 mg — 0.49 mg

H2SO4 — — — 1 mg

FeSO4.7H2O — — — 4.98 mg

MoO3 — — — 0.71 mg

Mo7O24(NH4)6.4H2O — — 0.10 mg —

CoCl2 20 mg — — —

Distilled water 1.0 L 1.0 L 1.0 L 1.0 L

Table 1. 
Composition of microalgae culture media.
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the trend line. In the trend line options select “Lineal”, activate “present equation in the 
graph”, and “present R2 value in the graph”. This will give us an equation of a straight 
line and the corresponding R2 value (should be > 0.98). For example, for a strain of 
Chlorella sp. from our isolated microalgae culture collection, it has been determined 
that the R2 value was 0.99 and the following equations were obtained (Eq. 02 and 03):

Stocks Components g/100 mL de H2O

1 CaCl2.2H2O 3.67 g

2 MgSO4.7H2O 3.69 g

3 NaHCO3 1.26 g

4 K2HPO4 0.87

5 NaNO3 8.50 g

6 Na2SiO3.9H2O 2.84 g

7 Ferric citrate solution 3.35 g/1000 mg water

8 Micronutrient solution —

NaEDTA 50.0 mg

H2BO3 618.0 mg

CuSO4.5H2O 19.6 mg

ZnSO4.7H2O 44.0 mg

CaCl2.6H2O 20.0 mg

MnCL2.4H2O 12.6 mg

NaMoO4.2H2O 12.6 mg

Table 2. 
Composition of stock solutions of the Chu-10 medium.

Figure 3. 
Microalgal growth evaluation process.
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A = (3 × 109) (n) – 0.0025 (2)

n = A + 0.0025/(3 × 109) (3)

where A is the absorbance at 680 nm and n is the microalgae cell number/mL.
Finally, it is important to consider some aspects that could contribute to the 

cultivation of microalgae.

• It is important to keep the crops in proper condition because they will be useful 
for future research. Likewise, it is advisable to use plastic tips with a filter to 
avoid contamination of a microalgal culture with other strains or species of 
microalgae.

• The maintenance of the strains can be done in liquid or solid medium.

• Periodically (15–20 days), culture medium (liquid medium) should be added 
under sterile conditions.

• The plates or flasks must be labeled with the codes and/or names of the micro-
algal strains, date of inoculation among other relevant data.

3. Techniques for biochemical and molecular characterization

3.1 Techniques for biochemical characterization

The biochemical characterization of the microalgae developed in our laboratory 
is based on the following analyzes:

3.1.1 Total lipid extraction

Total lipid extraction according to Yu et al. [15]. It consists of transfer-
ring the dry biomass to mortars for crushing with 8 mL of a mixture of 
chloroform:methanol (2:1). The extract obtained is transferred to 2 mL micro-
tubes, and 100 μL of 0.9% NaCl is added for every 1000 μL of extract. The 
solution is homogenized in vortex for 30 sec and centrifuged at 23,000 × g at 
4°C for 5 min. The chloroform phase is filtered with 0.45 μm syringe filters and 
transferred to beakers of known weight. Cellular debris and other components 
are retained in the intermediate phase (aqueous and chloroform phases) and are 
treated several times with the lipid extraction solution (chloroform:methanol) 
after homogenization in the vortex and centrifugation. All extracts with organic 
solvents are filtered and transferred to the same beaker. The organic solvents 
are evaporated from the beaker in a hotplate at 50°C for 4 h. Then the lipid 
components retained in the beaker are dried at 50°C for 4 h. Finally, the beaker 
is tempered to 25°C, and its weight is determined. The amount of total lipids 
obtained is determined by weight difference of the beaker with and without the 
lipids. With the following equation:

Total lipid content (%) = (PL/PM) × 100 (4)

where PL is the dry weight of total lipids and PM is the dry weight of microalgae.
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3.1.2 Qualitative determination of total lipids

The intracellular triglycerides of the microalgae are detected by the fluorescence 
they emit when interacting with Nile Red [16]. For this, the cells are stained with 2 mg/mL  
of Nile Red (dissolved in acetone) for 15 min and photographed using a trinocular 
microscope of Carl Zeiss-AxioLab.A1 epifluorescence and a real-time AxioCamERc 
5 s digital camera. The images are obtained with a magnification of 1000× with visible 
light and epifluorescence (excitation: 510–560, emission: 590) [17].

3.1.3 Protein and carbohydrate

Protein determination is performed according to Lowry [18], and for carbohy-
drate evaluation, the Dreywood method [19] prior acid hydrolysis with 2 N HCI.

3.1.4 Humidity and ashes

The moisture content of the sample is determined weighing 0.1 g of the microal-
gae and dried in a vacuum oven at a temperature of 105°C for 16 h and at a pressure 
less than 0.1 bar, the result is expressed as a percentage.

The most common method to determine ashes is mucin calcination at tempera-
tures between 500 and 600°C. Water and volatile substances are evaporated, while 
organic substances are incinerated in the presence of oxygen from the air to pro-
duce CO2 and nitrogen oxide [20]. Most minerals are converted to oxides, sulfate, 
phosphate, chloride, and silicate.

Ash %  = [(P1 − P2) × 100]/(P − P2)  (5)

where P is the weight in grams of the capsule plus that of the sample, P1 is 
the weight in grams of the capsule plus ashes, and P2 is the weight in grams of the 
empty capsule.

In general, microalgae have variations in the content of their biochemi-
cal parameters. For example, Chlorella lewinii showed a higher protein content 
(31.2%), Ankistrodesmus sp., a higher total lipid content (39.5%), and Acutodesmus 
obliquus a higher percentage of carbohydrates (49.6%) compared to other freshwa-
ter microalgae [21]. These parameters vary even more in conditions of physiological 
stress to which microalgae are subjected, as evidenced in the species of microalgae 
that accumulated a greater amount of total lipids (mg/g dry biomass) when grown 
in media without nitrogen; Ankistrodesmus nannoselene (316 mg/g dry biomass), 
Ankistrodesmus sp. (263.6 mg/g dry biomass), and Scenedesmus sp. (243.3 mg/g dry 
biomass), with respect to Scenedesmus quadricauda and Chlorella sp. which showed 
lower lipid content. Likewise, Ankistrodesmus sp., A. nannoselene, and Scenedesmus 
sp. showed statistically significant differences in total lipid content when grown in 
media with and without nitrogen, while in S. quadricauda and Chlorella sp., no sig-
nificant differences were observed. However, the ash and moisture content remain 
very low [17]. Therefore, it is a fact that microalgae increase their lipid content 
when subjected to stress conditions in particular under nutrient restrictions [22].

These results suggest that some microalgae species have the ability to modify 
lipid metabolism in response to changes in environmental conditions, such as men-
tions Thompson [23] and Guschina and Harwood [24], producing large quantities 
of microalgal biomass but with relatively low lipid contents [25]. In essence, the 
production of biomass and microalgal triglycerides compete for photosynthetic 
assimilation, often requiring reprogramming of physiological pathways to stimulate 
lipid biosynthesis, which allows microalgae to withstand adverse conditions [26].
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A = (3 × 109) (n) – 0.0025 (2)

n = A + 0.0025/(3 × 109) (3)

where A is the absorbance at 680 nm and n is the microalgae cell number/mL.
Finally, it is important to consider some aspects that could contribute to the 

cultivation of microalgae.

• It is important to keep the crops in proper condition because they will be useful 
for future research. Likewise, it is advisable to use plastic tips with a filter to 
avoid contamination of a microalgal culture with other strains or species of 
microalgae.

• The maintenance of the strains can be done in liquid or solid medium.

• Periodically (15–20 days), culture medium (liquid medium) should be added 
under sterile conditions.

• The plates or flasks must be labeled with the codes and/or names of the micro-
algal strains, date of inoculation among other relevant data.

3. Techniques for biochemical and molecular characterization

3.1 Techniques for biochemical characterization

The biochemical characterization of the microalgae developed in our laboratory 
is based on the following analyzes:

3.1.1 Total lipid extraction

Total lipid extraction according to Yu et al. [15]. It consists of transfer-
ring the dry biomass to mortars for crushing with 8 mL of a mixture of 
chloroform:methanol (2:1). The extract obtained is transferred to 2 mL micro-
tubes, and 100 μL of 0.9% NaCl is added for every 1000 μL of extract. The 
solution is homogenized in vortex for 30 sec and centrifuged at 23,000 × g at 
4°C for 5 min. The chloroform phase is filtered with 0.45 μm syringe filters and 
transferred to beakers of known weight. Cellular debris and other components 
are retained in the intermediate phase (aqueous and chloroform phases) and are 
treated several times with the lipid extraction solution (chloroform:methanol) 
after homogenization in the vortex and centrifugation. All extracts with organic 
solvents are filtered and transferred to the same beaker. The organic solvents 
are evaporated from the beaker in a hotplate at 50°C for 4 h. Then the lipid 
components retained in the beaker are dried at 50°C for 4 h. Finally, the beaker 
is tempered to 25°C, and its weight is determined. The amount of total lipids 
obtained is determined by weight difference of the beaker with and without the 
lipids. With the following equation:

Total lipid content (%) = (PL/PM) × 100 (4)

where PL is the dry weight of total lipids and PM is the dry weight of microalgae.
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3.1.2 Qualitative determination of total lipids

The intracellular triglycerides of the microalgae are detected by the fluorescence 
they emit when interacting with Nile Red [16]. For this, the cells are stained with 2 mg/mL  
of Nile Red (dissolved in acetone) for 15 min and photographed using a trinocular 
microscope of Carl Zeiss-AxioLab.A1 epifluorescence and a real-time AxioCamERc 
5 s digital camera. The images are obtained with a magnification of 1000× with visible 
light and epifluorescence (excitation: 510–560, emission: 590) [17].

3.1.3 Protein and carbohydrate

Protein determination is performed according to Lowry [18], and for carbohy-
drate evaluation, the Dreywood method [19] prior acid hydrolysis with 2 N HCI.

3.1.4 Humidity and ashes

The moisture content of the sample is determined weighing 0.1 g of the microal-
gae and dried in a vacuum oven at a temperature of 105°C for 16 h and at a pressure 
less than 0.1 bar, the result is expressed as a percentage.

The most common method to determine ashes is mucin calcination at tempera-
tures between 500 and 600°C. Water and volatile substances are evaporated, while 
organic substances are incinerated in the presence of oxygen from the air to pro-
duce CO2 and nitrogen oxide [20]. Most minerals are converted to oxides, sulfate, 
phosphate, chloride, and silicate.

Ash %  = [(P1 − P2) × 100]/(P − P2)  (5)

where P is the weight in grams of the capsule plus that of the sample, P1 is 
the weight in grams of the capsule plus ashes, and P2 is the weight in grams of the 
empty capsule.

In general, microalgae have variations in the content of their biochemi-
cal parameters. For example, Chlorella lewinii showed a higher protein content 
(31.2%), Ankistrodesmus sp., a higher total lipid content (39.5%), and Acutodesmus 
obliquus a higher percentage of carbohydrates (49.6%) compared to other freshwa-
ter microalgae [21]. These parameters vary even more in conditions of physiological 
stress to which microalgae are subjected, as evidenced in the species of microalgae 
that accumulated a greater amount of total lipids (mg/g dry biomass) when grown 
in media without nitrogen; Ankistrodesmus nannoselene (316 mg/g dry biomass), 
Ankistrodesmus sp. (263.6 mg/g dry biomass), and Scenedesmus sp. (243.3 mg/g dry 
biomass), with respect to Scenedesmus quadricauda and Chlorella sp. which showed 
lower lipid content. Likewise, Ankistrodesmus sp., A. nannoselene, and Scenedesmus 
sp. showed statistically significant differences in total lipid content when grown in 
media with and without nitrogen, while in S. quadricauda and Chlorella sp., no sig-
nificant differences were observed. However, the ash and moisture content remain 
very low [17]. Therefore, it is a fact that microalgae increase their lipid content 
when subjected to stress conditions in particular under nutrient restrictions [22].

These results suggest that some microalgae species have the ability to modify 
lipid metabolism in response to changes in environmental conditions, such as men-
tions Thompson [23] and Guschina and Harwood [24], producing large quantities 
of microalgal biomass but with relatively low lipid contents [25]. In essence, the 
production of biomass and microalgal triglycerides compete for photosynthetic 
assimilation, often requiring reprogramming of physiological pathways to stimulate 
lipid biosynthesis, which allows microalgae to withstand adverse conditions [26].
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3.2 Techniques for molecular characterization

3.2.1 DNA and RNA extraction and purification

The hereditary basis of all living organisms is its genomic DNA, which  
contains the encoded information that is transmitted from generation to generation 
[27]. The first step of molecular biology studies and DNA recombination techniques 
begins with the extraction and purification of nucleic acids (DNA and RNA). The 
objective of all extraction methods is to obtain purified nucleic acids sufficient for 
downstream applications. Quantity and quality of extracted nucleic acids are espe-
cially important as these factors generally determine whether subsequent molecular 
techniques are successful. Inadequate methods, therefore, can compromise subse-
quent procedures for which much labor, time, and money are invested.

The specific procedure of nucleic acid extraction depends largely on the type 
of sample to be processed but generally consists of three steps: disintegration of 
cells or tissues (cell lysis), inactivation of intracellular nucleases, and separation of 
nucleic acids from other cellular components. RNA extraction is not always a simple 
process; however, since it is less stable than DNA, and the presence of pollutants 
such as RNAase, proteins, polysaccharides, and genomic DNA can complicate 
procedures [28]. Additionally, it has been reported that the presence of these 
contaminants may interfere with the amplification of nucleic acids [29]. Countless 
protocols now exist for obtaining nucleic acids that range from inexpensive home-
brew protocols to commercial kits to complete automation. Each laboratory has 
generally optimized a few commonly used techniques, and their use is dictated on 
the time and money available for each research project.

In this chapter, we focus on the extraction and purification of DNA and RNA in 
freshwater microalgae, which is based on our experiences acquired over the better 
part of the last decade. Microalgae have attracted world-wide interest in the field of 
biotechnology due to their current and potential products of commercial interest 
such as biofuel, nutrients, food additives, and drugs [30].

3.2.1.1 Materials

3.2.1.1.1 Biological material

Approximately, 100–500 mg of microalgal biomass is necessary to achieve the best 
results. Given the amount of biomass, a large and active microalgae culture is required. 
Harvest must be carried out at 4°C and stored immediately at −80°C. In the case of 
RNA extraction, it is advisable to utilize liquid nitrogen to avoid RNA degradation.

3.2.1.1.2 Material and equipment of laboratory

For the extraction and purification of DNA, verify that materials and equipment 
are available (Table 3).

3.2.1.2 DNA extraction and purification

Extraction consists in the isolation of the total dissolved genomic DNA. The 
first step is the rupture of the plasma membrane in the case of animal cells, and 
the cell wall in the case of plant cells, managing to release the DNA, and the 
second is its precipitation. After these extraction steps are finished, agarose gel 
electrophoresis allows to visualize the genomic DNA bands and quantify approxi-
mately the size of the DNA obtained, by direct comparison with a marker whose 
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band size is previously known, and the amount based on the intensity of the 
band in the gel. Visualization is possible thanks to the use of fluorescence emis-
sion markers under UV light. There are various ways to extract DNA. Therefore, 
depending on the nature of the species, the most suitable total DNA isolation 
protocol is selected.

3.2.1.2.1 Reagents and solutions

For the visualization of DNA, verify that the following are available (Table 4).

3.2.1.2.2 Methodology

Approximately 100 mL of liquid biomass from culture harvested by centrifuga-
tion at 1900 × g for 10 min was used. Genomic DNA was extracted using a modified 
version of the CTAB method as described by Doyle and Doyle [31]. Briefly, microalgae 
cells were completely ground by hand using a mortar and pestle containing 50 mg of 
sterilized sand and 3 mL of extraction buffer (300 mM Tris-HCl pH 8.0, 50 mM EDTA, 
2 M NaCl, 2% cetyltrimethylammonium bromide, 3% polyvinylpyrrolidone (MW 

Materials Equipment

Micropipettes of variable volume: 0.5–10, 10–100 and 
100–1000 μL
Eppendorf of 0.2, 1.5, and 2.0 mL
Mortar and pestle
Parafilm
Magnetic stirrer
Wash bottle or Pizetas
Plastic tips with and without filter of 1–10, 20–200, 
100–1000 μL
Graduated Test Tubes of 25, 50, 100, 500, and 1000 mL
Beakers of 50, 250, 500, and 1000 mL
Flasks of 50, 250, and 500 mL

Autoclave (Yamato SM 510)
Stove (Ecocell 111)
Water bath (Labnet)
Centrifuge (Hettich)
Microcentrifuge (Spectrafuge Labnet)
Water distiller (Barnstead Fistreem III Glass 
Still)
Analytical balance (Sartorius)
Gel Imaging System (BiodocAnalyze Biometra)
Power source and horizontal electrophoresis 
system
Spectrophotometer UV/Vis nanodrop 2000c
pH-metro (Thermo Scientific)
Water purifier (EASY pure RoDi Ultrapure)
Vórtex-T Genie 2 (Scientific Industries)
Dry block heater (Labnet).

Table 3. 
Material and equipment of laboratory for the extraction and purification of DNA.

Reagents and solutions

Sterilized sand.
Extraction buffer: Tris-HCl 300 mM, pH 8.0, ethylenediamine tetraacetic acid (EDTA) 50 mM, NaCl 
2 M, cetyltrimethylammonium bromide to 2, 3% polyvinylpyrrolidone (MW 40,000), and 2% de 
β-mercaptoethanol.
Phenol/chloroform/isoamyl alcohol (25:24:1, v/v).
Isopropanol
70% alcohol
RNase treated sterilized water
Absolute ethanol
TE buffer: Tris-HCl 10 mM, pH 8.0, EDTA 1 mM
Agarose gel
Ethidium bromide

Table 4. 
Reagents and solutions for the extraction and purification of DNA.
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3.2 Techniques for molecular characterization

3.2.1 DNA and RNA extraction and purification

The hereditary basis of all living organisms is its genomic DNA, which  
contains the encoded information that is transmitted from generation to generation 
[27]. The first step of molecular biology studies and DNA recombination techniques 
begins with the extraction and purification of nucleic acids (DNA and RNA). The 
objective of all extraction methods is to obtain purified nucleic acids sufficient for 
downstream applications. Quantity and quality of extracted nucleic acids are espe-
cially important as these factors generally determine whether subsequent molecular 
techniques are successful. Inadequate methods, therefore, can compromise subse-
quent procedures for which much labor, time, and money are invested.

The specific procedure of nucleic acid extraction depends largely on the type 
of sample to be processed but generally consists of three steps: disintegration of 
cells or tissues (cell lysis), inactivation of intracellular nucleases, and separation of 
nucleic acids from other cellular components. RNA extraction is not always a simple 
process; however, since it is less stable than DNA, and the presence of pollutants 
such as RNAase, proteins, polysaccharides, and genomic DNA can complicate 
procedures [28]. Additionally, it has been reported that the presence of these 
contaminants may interfere with the amplification of nucleic acids [29]. Countless 
protocols now exist for obtaining nucleic acids that range from inexpensive home-
brew protocols to commercial kits to complete automation. Each laboratory has 
generally optimized a few commonly used techniques, and their use is dictated on 
the time and money available for each research project.

In this chapter, we focus on the extraction and purification of DNA and RNA in 
freshwater microalgae, which is based on our experiences acquired over the better 
part of the last decade. Microalgae have attracted world-wide interest in the field of 
biotechnology due to their current and potential products of commercial interest 
such as biofuel, nutrients, food additives, and drugs [30].

3.2.1.1 Materials

3.2.1.1.1 Biological material

Approximately, 100–500 mg of microalgal biomass is necessary to achieve the best 
results. Given the amount of biomass, a large and active microalgae culture is required. 
Harvest must be carried out at 4°C and stored immediately at −80°C. In the case of 
RNA extraction, it is advisable to utilize liquid nitrogen to avoid RNA degradation.

3.2.1.1.2 Material and equipment of laboratory

For the extraction and purification of DNA, verify that materials and equipment 
are available (Table 3).

3.2.1.2 DNA extraction and purification

Extraction consists in the isolation of the total dissolved genomic DNA. The 
first step is the rupture of the plasma membrane in the case of animal cells, and 
the cell wall in the case of plant cells, managing to release the DNA, and the 
second is its precipitation. After these extraction steps are finished, agarose gel 
electrophoresis allows to visualize the genomic DNA bands and quantify approxi-
mately the size of the DNA obtained, by direct comparison with a marker whose 
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band size is previously known, and the amount based on the intensity of the 
band in the gel. Visualization is possible thanks to the use of fluorescence emis-
sion markers under UV light. There are various ways to extract DNA. Therefore, 
depending on the nature of the species, the most suitable total DNA isolation 
protocol is selected.

3.2.1.2.1 Reagents and solutions

For the visualization of DNA, verify that the following are available (Table 4).

3.2.1.2.2 Methodology

Approximately 100 mL of liquid biomass from culture harvested by centrifuga-
tion at 1900 × g for 10 min was used. Genomic DNA was extracted using a modified 
version of the CTAB method as described by Doyle and Doyle [31]. Briefly, microalgae 
cells were completely ground by hand using a mortar and pestle containing 50 mg of 
sterilized sand and 3 mL of extraction buffer (300 mM Tris-HCl pH 8.0, 50 mM EDTA, 
2 M NaCl, 2% cetyltrimethylammonium bromide, 3% polyvinylpyrrolidone (MW 

Materials Equipment

Micropipettes of variable volume: 0.5–10, 10–100 and 
100–1000 μL
Eppendorf of 0.2, 1.5, and 2.0 mL
Mortar and pestle
Parafilm
Magnetic stirrer
Wash bottle or Pizetas
Plastic tips with and without filter of 1–10, 20–200, 
100–1000 μL
Graduated Test Tubes of 25, 50, 100, 500, and 1000 mL
Beakers of 50, 250, 500, and 1000 mL
Flasks of 50, 250, and 500 mL

Autoclave (Yamato SM 510)
Stove (Ecocell 111)
Water bath (Labnet)
Centrifuge (Hettich)
Microcentrifuge (Spectrafuge Labnet)
Water distiller (Barnstead Fistreem III Glass 
Still)
Analytical balance (Sartorius)
Gel Imaging System (BiodocAnalyze Biometra)
Power source and horizontal electrophoresis 
system
Spectrophotometer UV/Vis nanodrop 2000c
pH-metro (Thermo Scientific)
Water purifier (EASY pure RoDi Ultrapure)
Vórtex-T Genie 2 (Scientific Industries)
Dry block heater (Labnet).

Table 3. 
Material and equipment of laboratory for the extraction and purification of DNA.

Reagents and solutions

Sterilized sand.
Extraction buffer: Tris-HCl 300 mM, pH 8.0, ethylenediamine tetraacetic acid (EDTA) 50 mM, NaCl 
2 M, cetyltrimethylammonium bromide to 2, 3% polyvinylpyrrolidone (MW 40,000), and 2% de 
β-mercaptoethanol.
Phenol/chloroform/isoamyl alcohol (25:24:1, v/v).
Isopropanol
70% alcohol
RNase treated sterilized water
Absolute ethanol
TE buffer: Tris-HCl 10 mM, pH 8.0, EDTA 1 mM
Agarose gel
Ethidium bromide

Table 4. 
Reagents and solutions for the extraction and purification of DNA.
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40,000) and 2% β-mercaptoethanol). Homogenized cells were incubated at 70°C for 
30 min with gentle inversion every 2 min. An equal volume of phenol/chloroform/
isoamyl alcohol (25:24:1, v/v) was then added followed by centrifugation at 20,000 × g. 
The aqueous supernatant was transferred to a new microtube, and an equal volume of 
chloroform/isoamyl alcohol (24:1, v/v) was added followed by centrifugation at 20,000 
× g. The aqueous supernatant was transferred to a new microtube and mixed with 0.1 
volumes of 3 M sodium acetate (pH 5.2), and an equal volume of chilled isopropanol 
was added to precipitate the DNA that was pelleted by centrifugation at 15,000 × g. 
The DNA pellet was washed with 70% alcohol, air dried, and then dissolved in 100 μL 
of sterilized water treated with RNase A at 40°C for 30 min and then extracted with 
chloroform/isoamyl alcohol and DNA precipitation with absolute ethanol. Finally, the 
air-dried DNA pellet was dissolved in TE buffer (10 mM Tris-HCl pH 8.0, 1 mM EDTA) 
and stored at −20°C. Once the purified microalgal DNA has been obtained, the follow-
ing quality control methods are recommended.

Electrophoretic analysis allows nucleic acid molecules to be separated by size 
that is dependent on the density of the matrix used (19–21). High molecular weight 
DNA should produce a single, bright band with little to no smearing. For microal-
gae, samples were resolved by standard gel electrophoresis using 1.2% agarose gels 
[32] stained with ethidium bromide and visualized under ultraviolet light.

Spectrophotometric analysis allows the determination of the concentration 
and purity of extracted DNA [33]. It is important to identify low quality or con-
taminated samples early in the process as common contaminates such as proteins, 
phenols, polyphenols, and carbohydrates, can negatively affect downstream 
procedures. Absorbance measurements are commonly conducted at 230, 260, and 
280 nm, because carbohydrates and polyphenols absorb at 230 nm, nucleic acids at 
260 nm, and proteins at 280 nm. To verify the quality and quantity of genomic DNA 
were evaluated by standard OD measurement [32] using a Nanodrop 2000 UV-Vis 
spectrophotometer (Thermo Fisher Scientific, Wilmington, DE, USA).

3.2.2 RNA extraction and purification

To perform studies at the molecular level, fast, simple, economical, reproducible, 
and high-performance protocols must be available for the extraction and purification 
of high-quality total RNA [34]. To cover these gaps in this chapter of the book, a stan-
dardized protocol is described to purify the total RNA of Amazonian oilseed microal-
gae, considering that the purity and integrity of the total RNA is essential to study the 
genetic expression at the level of individual genes or at the transcriptomic level.

3.2.2.1 Reagents and solutions

For the extraction and purification of RNA, verify that the following materials 
and equipment are available (Table 5).

3.2.2.2 Methodology

The most important process is to break the cell wall of the microalgae and for 
this you need to freeze the cells with liquid nitrogen and crush it with mortar and 
pestle. If liquid nitrogen is not available, crushing can be done with sterile sand, 
which is the case in our experience. Subsequently, the integrity of RNA must be 
ensured, by removing the other cellular components present in the cell, with the 
help of extraction buffers. As to our experience with the standardization of the 
RNA extraction protocol, the procedure was as follows.
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In a mortar previously cooled to −20°C for 30 min, 0.25 g of microalgal biomass is 
added, add 2.5 mL of the extraction buffer [Tris-HCl 300 mM pH 8,0, EDTA 100 mM, 
NaCl 2 M, CTAB 2.25%, SDS 0.75%, Sarkosyl 0.13% and PVP 3%, water treated with 
DEPC (up to ~ 90% of the total volume), measure and adjust the pH (NaOH or HCl) 
and autoclave] and 100 μL of 2-mercaptoethanol, 20 μL of proteinase K (10 mg/mL), 
50 μL of activated carbon (10 mg/mL), and 100 mg of sterile sand. Thoroughly crush 
the samples for ~8 min and transfer it to a 2 mL microtube, add chloroform:isoamyl 
alcohol (24:1) in a ratio of 1:1 v/v, homogenize in the vortex and centrifuge at 21,000 × 
g per 10 min at 4°C. Put the supernatant (700 μL) in a microtube, add 0.3 volumes of 
absolute ethanol, gently homogenize by inversion 8–10 times. Then, add equal volume 
of chloroform:isoamyl alcohol (24:1), homogenize in the vortex, and centrifuge at 
21,000 × g for 10 min at 4°C. Transfer the supernatant to a microtube and repeat the 
previous step. To precipitate the RNA, transfer the supernatant to a microtube, add 
lithium chloride (LiCl) until a final concentration of 2.5 M is achieved, incubate at 
−20°C for 2 h or −80°C for 1 h, and centrifuge at 23,000 × g for 30 min at 4°C. Discard 
the supernatant, resuspend the RNA precipitate with 500 μL of 2 M LiCl, incubate at 
−20°C for 10 min, and centrifuge at 23,000 × g for 10 min at 4°C, repeat this step once 
more. Then wash the precipitated RNA by resuspending it with 500 μL of 70% ethanol 
and then with 500 μL of absolute ethanol, interspersing with centrifugation steps at 
21,000 × g for 8 min at 4°C. Finally, discard the absolute ethanol, dry the precipitated 
RNA in a Thermo block at 45°C for 5 min, resuspend with 30–60 μL of TE buffer 
(10 mM Tris pH 8.0, 1 mM EDTA), and to stock at −80°C. Once the purified microal-
gal RNA is obtained, it is recommended to perform complementary analyzes:

• Electrophoretic analysis: it is a method that allows to determine the integrity 
of the purified RNA, which consisted in putting in a 0.2 mL microtube 5 μL 

Reagents and solutions

Hexadecyltrimethylammonium bromide (CTAB)
Tris base
Ethylenediaminetetraacetic acid (EDTA)
Sodium chloride (NaCl)
Polyvinylpyrrolidone (PVP)
Sodium dodecyl sulfate (SDS)
Sarkosyl, β-mercaptoetanol
Activated carbon
Absolute ethanol
Ethanol 70%
Lithium chloride (LiCl)
Sodium hydroxide (NaOH)
Hydrochloric acid (HCl)
Diethyl pyrocarbonate (DEPC)
Proteinase K
Chloroform
Isoamyl alcohol
Ethidium bromide
Boric acid
Formamide
Agarose
Bromophenol blue
H2O ultrapure
Hydrogen peroxide
Sodium hypochlorite

Table 5. 
Reagents and solutions for the extraction and purification of RNA.
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40,000) and 2% β-mercaptoethanol). Homogenized cells were incubated at 70°C for 
30 min with gentle inversion every 2 min. An equal volume of phenol/chloroform/
isoamyl alcohol (25:24:1, v/v) was then added followed by centrifugation at 20,000 × g. 
The aqueous supernatant was transferred to a new microtube, and an equal volume of 
chloroform/isoamyl alcohol (24:1, v/v) was added followed by centrifugation at 20,000 
× g. The aqueous supernatant was transferred to a new microtube and mixed with 0.1 
volumes of 3 M sodium acetate (pH 5.2), and an equal volume of chilled isopropanol 
was added to precipitate the DNA that was pelleted by centrifugation at 15,000 × g. 
The DNA pellet was washed with 70% alcohol, air dried, and then dissolved in 100 μL 
of sterilized water treated with RNase A at 40°C for 30 min and then extracted with 
chloroform/isoamyl alcohol and DNA precipitation with absolute ethanol. Finally, the 
air-dried DNA pellet was dissolved in TE buffer (10 mM Tris-HCl pH 8.0, 1 mM EDTA) 
and stored at −20°C. Once the purified microalgal DNA has been obtained, the follow-
ing quality control methods are recommended.

Electrophoretic analysis allows nucleic acid molecules to be separated by size 
that is dependent on the density of the matrix used (19–21). High molecular weight 
DNA should produce a single, bright band with little to no smearing. For microal-
gae, samples were resolved by standard gel electrophoresis using 1.2% agarose gels 
[32] stained with ethidium bromide and visualized under ultraviolet light.

Spectrophotometric analysis allows the determination of the concentration 
and purity of extracted DNA [33]. It is important to identify low quality or con-
taminated samples early in the process as common contaminates such as proteins, 
phenols, polyphenols, and carbohydrates, can negatively affect downstream 
procedures. Absorbance measurements are commonly conducted at 230, 260, and 
280 nm, because carbohydrates and polyphenols absorb at 230 nm, nucleic acids at 
260 nm, and proteins at 280 nm. To verify the quality and quantity of genomic DNA 
were evaluated by standard OD measurement [32] using a Nanodrop 2000 UV-Vis 
spectrophotometer (Thermo Fisher Scientific, Wilmington, DE, USA).

3.2.2 RNA extraction and purification

To perform studies at the molecular level, fast, simple, economical, reproducible, 
and high-performance protocols must be available for the extraction and purification 
of high-quality total RNA [34]. To cover these gaps in this chapter of the book, a stan-
dardized protocol is described to purify the total RNA of Amazonian oilseed microal-
gae, considering that the purity and integrity of the total RNA is essential to study the 
genetic expression at the level of individual genes or at the transcriptomic level.

3.2.2.1 Reagents and solutions

For the extraction and purification of RNA, verify that the following materials 
and equipment are available (Table 5).

3.2.2.2 Methodology

The most important process is to break the cell wall of the microalgae and for 
this you need to freeze the cells with liquid nitrogen and crush it with mortar and 
pestle. If liquid nitrogen is not available, crushing can be done with sterile sand, 
which is the case in our experience. Subsequently, the integrity of RNA must be 
ensured, by removing the other cellular components present in the cell, with the 
help of extraction buffers. As to our experience with the standardization of the 
RNA extraction protocol, the procedure was as follows.

59

Isolation, Characterization, and Biotechnological Potential of Native Microalgae…
DOI: http://dx.doi.org/10.5772/intechopen.89515

In a mortar previously cooled to −20°C for 30 min, 0.25 g of microalgal biomass is 
added, add 2.5 mL of the extraction buffer [Tris-HCl 300 mM pH 8,0, EDTA 100 mM, 
NaCl 2 M, CTAB 2.25%, SDS 0.75%, Sarkosyl 0.13% and PVP 3%, water treated with 
DEPC (up to ~ 90% of the total volume), measure and adjust the pH (NaOH or HCl) 
and autoclave] and 100 μL of 2-mercaptoethanol, 20 μL of proteinase K (10 mg/mL), 
50 μL of activated carbon (10 mg/mL), and 100 mg of sterile sand. Thoroughly crush 
the samples for ~8 min and transfer it to a 2 mL microtube, add chloroform:isoamyl 
alcohol (24:1) in a ratio of 1:1 v/v, homogenize in the vortex and centrifuge at 21,000 × 
g per 10 min at 4°C. Put the supernatant (700 μL) in a microtube, add 0.3 volumes of 
absolute ethanol, gently homogenize by inversion 8–10 times. Then, add equal volume 
of chloroform:isoamyl alcohol (24:1), homogenize in the vortex, and centrifuge at 
21,000 × g for 10 min at 4°C. Transfer the supernatant to a microtube and repeat the 
previous step. To precipitate the RNA, transfer the supernatant to a microtube, add 
lithium chloride (LiCl) until a final concentration of 2.5 M is achieved, incubate at 
−20°C for 2 h or −80°C for 1 h, and centrifuge at 23,000 × g for 30 min at 4°C. Discard 
the supernatant, resuspend the RNA precipitate with 500 μL of 2 M LiCl, incubate at 
−20°C for 10 min, and centrifuge at 23,000 × g for 10 min at 4°C, repeat this step once 
more. Then wash the precipitated RNA by resuspending it with 500 μL of 70% ethanol 
and then with 500 μL of absolute ethanol, interspersing with centrifugation steps at 
21,000 × g for 8 min at 4°C. Finally, discard the absolute ethanol, dry the precipitated 
RNA in a Thermo block at 45°C for 5 min, resuspend with 30–60 μL of TE buffer 
(10 mM Tris pH 8.0, 1 mM EDTA), and to stock at −80°C. Once the purified microal-
gal RNA is obtained, it is recommended to perform complementary analyzes:

• Electrophoretic analysis: it is a method that allows to determine the integrity 
of the purified RNA, which consisted in putting in a 0.2 mL microtube 5 μL 
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Sodium dodecyl sulfate (SDS)
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of the total purified RNA and 5 μL of the seeding buffer (contains 6% SDS, 
0.5% bromophenol blue, 0.5% ethidium bromide, 10 μM EDTA, and 95% 
formamide), homogenize them by pipetting 3–5 times and then incubate in 
a water bath at 70°C for 10 min and cool on ice for 5 min, centrifuge for 5 s at 
room temperature, sow the treated sample on the agarose gel and perform the 
electrophoretic run for 30–60 min at 100 volts, and finally, observe the RNA 
bands in the photo documentation system.

• Spectrophotometric analysis: this analysis allows us to determine the concen-
tration and purity of the purified total RNA [33]. The Nanodrop 2000c was 
used to perform the spectrophotometric analysis, the first step is to select the 
nucleic acid reading (RNA) option, subsequently, the blank reading (bleach-
ing) is carried out by placing 2 μL of the TE buffer on the sensor and the same 
volume of the purified RNA is read, subsequently, the absorbance results are 
recorded at 260, 280, the quality ratios (A260/A230 and A260/A280) and the RNA 
concentration in ng/μL.

3.2.3 De novo assembly and annotation of the microalgae transcriptome

Transcriptomics studies the level of expression of all transcribed genes 
(mRNAs, non-coding RNAs, small RNAs, etc.) in a cell or tissue. Transcriptomic 
analysis is often focused on the study of mRNA populations, which are molecules 
with encoded information for the synthesis of all proteins. Therefore, with this type 
of analysis, you can reconstruct the multiple metabolic pathways and physiologi-
cal processes that are active, because these proteins are those that participate in 
fundamental processes as diverse and complex as transport, intracellular signaling, 
defense, enzymatic catalysis, among others.

There is a great variety of techniques used in transcriptomics, which allow 
quantifying millions of RNA molecules at the same time; this thanks to the recent 
development of massive sequencing technologies and the implementation of differ-
ent bioinformatics tools, and it is now possible to analyze the transcriptome of any 
organism, even species that do not have sequenced genomes. Massive sequencing 
technologies differ in their details, but typically consist of three similar stages. 
These stages are: (1) template preparation, (2) clone amplification, and (3) cyclic 
rounds of parallel and massive sequencing.

However, Illumina sequencers are the ones that generate the most data at low 
costs, so these machines currently dominate the market [35]. The sequencing 
process with these platforms consists in the clonal amplification of DNA frag-
ments linked to adapters on the surface of a glass sheet. In all Illumina models, 
the overall error rate is less than 1% and the most common type of error is 
substitution [36, 37]. Once the data are obtained, which are millions of short 
sequences (100–200 bp), they must be pre-processed, assembled, and finally 
their functional annotation.

Preprocessing or “cleaning” consists in eliminating erroneous sequences, low 
quality sequences, and technical sequences (adapters, primers, etc.). This is a 
process where bioinformatics programs are used, for example, the frequently used 
bioinformatics program for this cleaning process is the Trimmomatic and CutAdapt 
[38, 39] are two commonly used programs.

Subsequently, the sequences are assembled, that is to say, correctly join the short 
DNA fragments (100–200 bp) to assemble the thousands of transcripts that com-
monly have sizes from 1000 to 3000 bp. To achieve this purpose, there are different 
bioinformatics programs such as ABySS, ALLPATHS, SHORTY, Velvet, Oases, 
SOAPdenovo, Trinity, CAP3, among others [40, 41].
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Finally, after assembling the transcripts, they proceed to their functional anno-
tation, that is, based on their homology with sequences, previously reported and 
stored in the biological databases, the molecular and cellular function of each of 
the transcripts is deduced. For this bioinformatic analysis, the scientific community 
frequently uses the Blast2GO program [42]. This program also allows us to rebuild 
all metabolic pathways.

4. Biotechnological potential for biofuel and nutraceutical production

Climate change, the growing global energy demand, the increase in the cost and 
depletion of fossil fuels, high rates of child malnutrition, among others are prob-
lems that require medium- and long-term solutions. To mitigate these problems, 
in the different countries, several legal devices are available with the purpose of 
promoting and diversifying the energy matrix based on renewable sources such as 
biofuels and are considered alternatives to venturing into the production of func-
tional (nutraceutical) foods, as it happens in our country. However, many times 
due to low domestic production volumes (approx. 20% of demand), these measures 
are forcing the importation of both biofuels and various food products from other 
countries. In the case of biofuels in our country, its production depends mainly on 
crops of large areas of oil plants such as oil palm, white pine nut, and other species, 
thus contributing to a loss of biodiversity and a decrease in ecosystem services [43]. 
In the case of functional or nutraceutical foods, it is common to find them under 
different commercial presentations (syrups, capsules, powders, etc.) imported 
from abroad that do not allow increasing the supply in each country. Therefore, to 
minimize these negative impacts, it is urgently necessary to have other alternative 
sources of biofuel and nutraceutical production.

An excellent alternative is offered by microalgae, which are organisms that play a 
key role in aquatic ecosystems because of their photosynthetic capacity, and that in 
aerobic conditions can fix carbon dioxide just like plants [44]. Among the com-
pounds of most interest obtained from microalgae, carotenoids, biodiesel, phyco-
biliproteins, lipids, polysaccharides, and compounds with biological activity stand 
out. Currently, researchers from around the world have demonstrated the potential 
of several microalgae species (Chlorella minutissima, Thalassiosira fluviatilis, and T. 
pseudonana) [45]. Our team has carried out studies with Ankistrodesmus sp., using 
different culture media, registering a higher total lipid production of 263.6 mg/g 
dry biomass with 68.56 ± 2.35 palmitic acid under physiological stress conditions 
[46], as raw material to produce biodiesel.

Likewise, it is demonstrated that the determination of the fatty acid profile 
is important to assess the potential for the quality and production of biodiesel in 
microalgae, since the quality of biodiesel depends on the type of fatty acid pres-
ent in each microalgal cell. As also, it is necessary to know the number of cetones, 
oxidative stability and could-flow, which depend on the length of the hydrocarbon 
chains of saturated and unsaturated fatty acids (UFA) [47]. Studies carried under 
conditions of nitrogen limitation in the culture, the microalgae showed variation in 
the composition of saturated fatty acids (SFA) with monounsaturated fatty acids 
(MUFA). And that 20–30% are SFA and 69–80% are UFA, the range of SFA/UFA 
being in the microalgae evaluated between 0.25 and 0.45 [17]. Also, it was reported 
that palmitic (C16:0), oleic (C18:1n-9), linoleic (C18:2n-6), and γ-linolenic acids 
(C18:3n-3) were the most abundant fatty acids and showed greater variations 
within and between the species studied [46].

Regarding the nutraceutical potential of microalgae, it can be mentioned that 
in the early 50s, humans began using microalgae in their diets, mainly as dietary 
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of the total purified RNA and 5 μL of the seeding buffer (contains 6% SDS, 
0.5% bromophenol blue, 0.5% ethidium bromide, 10 μM EDTA, and 95% 
formamide), homogenize them by pipetting 3–5 times and then incubate in 
a water bath at 70°C for 10 min and cool on ice for 5 min, centrifuge for 5 s at 
room temperature, sow the treated sample on the agarose gel and perform the 
electrophoretic run for 30–60 min at 100 volts, and finally, observe the RNA 
bands in the photo documentation system.

• Spectrophotometric analysis: this analysis allows us to determine the concen-
tration and purity of the purified total RNA [33]. The Nanodrop 2000c was 
used to perform the spectrophotometric analysis, the first step is to select the 
nucleic acid reading (RNA) option, subsequently, the blank reading (bleach-
ing) is carried out by placing 2 μL of the TE buffer on the sensor and the same 
volume of the purified RNA is read, subsequently, the absorbance results are 
recorded at 260, 280, the quality ratios (A260/A230 and A260/A280) and the RNA 
concentration in ng/μL.

3.2.3 De novo assembly and annotation of the microalgae transcriptome

Transcriptomics studies the level of expression of all transcribed genes 
(mRNAs, non-coding RNAs, small RNAs, etc.) in a cell or tissue. Transcriptomic 
analysis is often focused on the study of mRNA populations, which are molecules 
with encoded information for the synthesis of all proteins. Therefore, with this type 
of analysis, you can reconstruct the multiple metabolic pathways and physiologi-
cal processes that are active, because these proteins are those that participate in 
fundamental processes as diverse and complex as transport, intracellular signaling, 
defense, enzymatic catalysis, among others.

There is a great variety of techniques used in transcriptomics, which allow 
quantifying millions of RNA molecules at the same time; this thanks to the recent 
development of massive sequencing technologies and the implementation of differ-
ent bioinformatics tools, and it is now possible to analyze the transcriptome of any 
organism, even species that do not have sequenced genomes. Massive sequencing 
technologies differ in their details, but typically consist of three similar stages. 
These stages are: (1) template preparation, (2) clone amplification, and (3) cyclic 
rounds of parallel and massive sequencing.

However, Illumina sequencers are the ones that generate the most data at low 
costs, so these machines currently dominate the market [35]. The sequencing 
process with these platforms consists in the clonal amplification of DNA frag-
ments linked to adapters on the surface of a glass sheet. In all Illumina models, 
the overall error rate is less than 1% and the most common type of error is 
substitution [36, 37]. Once the data are obtained, which are millions of short 
sequences (100–200 bp), they must be pre-processed, assembled, and finally 
their functional annotation.

Preprocessing or “cleaning” consists in eliminating erroneous sequences, low 
quality sequences, and technical sequences (adapters, primers, etc.). This is a 
process where bioinformatics programs are used, for example, the frequently used 
bioinformatics program for this cleaning process is the Trimmomatic and CutAdapt 
[38, 39] are two commonly used programs.

Subsequently, the sequences are assembled, that is to say, correctly join the short 
DNA fragments (100–200 bp) to assemble the thousands of transcripts that com-
monly have sizes from 1000 to 3000 bp. To achieve this purpose, there are different 
bioinformatics programs such as ABySS, ALLPATHS, SHORTY, Velvet, Oases, 
SOAPdenovo, Trinity, CAP3, among others [40, 41].
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Finally, after assembling the transcripts, they proceed to their functional anno-
tation, that is, based on their homology with sequences, previously reported and 
stored in the biological databases, the molecular and cellular function of each of 
the transcripts is deduced. For this bioinformatic analysis, the scientific community 
frequently uses the Blast2GO program [42]. This program also allows us to rebuild 
all metabolic pathways.

4. Biotechnological potential for biofuel and nutraceutical production

Climate change, the growing global energy demand, the increase in the cost and 
depletion of fossil fuels, high rates of child malnutrition, among others are prob-
lems that require medium- and long-term solutions. To mitigate these problems, 
in the different countries, several legal devices are available with the purpose of 
promoting and diversifying the energy matrix based on renewable sources such as 
biofuels and are considered alternatives to venturing into the production of func-
tional (nutraceutical) foods, as it happens in our country. However, many times 
due to low domestic production volumes (approx. 20% of demand), these measures 
are forcing the importation of both biofuels and various food products from other 
countries. In the case of biofuels in our country, its production depends mainly on 
crops of large areas of oil plants such as oil palm, white pine nut, and other species, 
thus contributing to a loss of biodiversity and a decrease in ecosystem services [43]. 
In the case of functional or nutraceutical foods, it is common to find them under 
different commercial presentations (syrups, capsules, powders, etc.) imported 
from abroad that do not allow increasing the supply in each country. Therefore, to 
minimize these negative impacts, it is urgently necessary to have other alternative 
sources of biofuel and nutraceutical production.

An excellent alternative is offered by microalgae, which are organisms that play a 
key role in aquatic ecosystems because of their photosynthetic capacity, and that in 
aerobic conditions can fix carbon dioxide just like plants [44]. Among the com-
pounds of most interest obtained from microalgae, carotenoids, biodiesel, phyco-
biliproteins, lipids, polysaccharides, and compounds with biological activity stand 
out. Currently, researchers from around the world have demonstrated the potential 
of several microalgae species (Chlorella minutissima, Thalassiosira fluviatilis, and T. 
pseudonana) [45]. Our team has carried out studies with Ankistrodesmus sp., using 
different culture media, registering a higher total lipid production of 263.6 mg/g 
dry biomass with 68.56 ± 2.35 palmitic acid under physiological stress conditions 
[46], as raw material to produce biodiesel.

Likewise, it is demonstrated that the determination of the fatty acid profile 
is important to assess the potential for the quality and production of biodiesel in 
microalgae, since the quality of biodiesel depends on the type of fatty acid pres-
ent in each microalgal cell. As also, it is necessary to know the number of cetones, 
oxidative stability and could-flow, which depend on the length of the hydrocarbon 
chains of saturated and unsaturated fatty acids (UFA) [47]. Studies carried under 
conditions of nitrogen limitation in the culture, the microalgae showed variation in 
the composition of saturated fatty acids (SFA) with monounsaturated fatty acids 
(MUFA). And that 20–30% are SFA and 69–80% are UFA, the range of SFA/UFA 
being in the microalgae evaluated between 0.25 and 0.45 [17]. Also, it was reported 
that palmitic (C16:0), oleic (C18:1n-9), linoleic (C18:2n-6), and γ-linolenic acids 
(C18:3n-3) were the most abundant fatty acids and showed greater variations 
within and between the species studied [46].

Regarding the nutraceutical potential of microalgae, it can be mentioned that 
in the early 50s, humans began using microalgae in their diets, mainly as dietary 
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supplements (protein and vitamin, in the form of powder, capsules, pills or tablets). 
These are usually incorporated into foods such as pasta, cookies, bread, candies, 
yogurts, soft drinks, among others. It is currently estimated that approximately 30% 
of the microalgae produced in the world is used in human nutrition due to its high 
protein content [48]. Therefore, Arthrospira-based nutraceutical compounds with 
anti-cancer protection properties are being commercialized due to their high content 
of β-carotene [12], the prevention of malnutrition in vitamin A and blood sugar 
levels, the stimulation of certain prostaglandins, prevention of degenerative diseases, 
and accelerated wound healing [48].

Recent research has shown that human consumption of microalgae is limited 
to few species due to strict control over food safety, commercial factors, market 
demand, and specific preparation for consumption, since the most prominent 
genera are Chlorella, Arthrospira, and Dunaliella, which are marketed as a food 
supplement [49, 50]. Studies on nutraceutical substances have been carried out 
almost exclusively in algae and microalgae, identifying more than 600 naturally 
occurring carotenoids in plants, animals, and fungi, of which 400 have been 
isolated and characterized [51], but of these, only a small number are commercially 
used among them B-carotene and astaxanthin, being only two species of marine 
microalgae recognized commercial sources of carotenoids: Dunaliella salina and 
Haematococcus pluvialis [52]. Recently, our team has registered that Spirulina 
maxima presented 269.54 ± 0.021 μg/g dry mass of β-carotene and Scenedesmus sp. 
presented 15.29 ± 0.01 μg/g dry mass.

In addition, microalgae have the ability to increase the nutritional content of tra-
ditional foods and even positively affect both human health and animal health. This 
is due to its original chemical composition, since the high protein content in some 
species is one of the main reasons to consider them as a source of unconventional 
protein. In turn, the amino acid profile of almost all microalgae is more favorable 
than compared to conventional sources. The carbohydrates in the microalgae can 
be found in the form of starch, glucose, sugars or other polysaccharides. Its digest-
ibility is high, so there is no limitation of use in food preparations for both animals 
and humans [53, 54].

Many microalgal species are marketed for their medicinal value, as Chlorella 
protects against kidney failure and promotes the growth of Lactobacillus. In addi-
tion, it favors the decrease in blood cholesterol concentration [49, 55], increases the 
level of antioxidants in the body [56], and stimulates collagen synthesis, supporting 
tissue regeneration and wrinkle reduction [50]. Dunaliella is marketed for its high 
content of β-carotene [49, 55]. Haematococcus pluvialis is the only microalgae that 
have been commercially exploited for the production of astaxanthin [57, 58]. Today, 
microalgae are used to feed livestock, and human consumption is increasing, par-
ticularly in food supplements [59]. Algae dietary supplements can be particularly 
useful for supporting some diets.

Therefore, the microalgae native to the Peruvian Amazon have been character-
ized in order to determine their application and use from a biotechnological point 
of view, due to the abundant source of antioxidants that microalgae possess, which 
makes them candidates for use in biological processes (aging), as well as in the 
degenerative changes of different organs [60]. In addition, the beneficial effects of 
nutraceuticals have been attributed to polyphenols, polyunsaturated fatty acids, 
terpenes, chlorophyll, and accessory pigments of the photosynthetic apparatus of 
microalgae and are therefore considered excellent sources of proteins, small pep-
tides, and amino acids that contribute to providing high amount of phosphorus to 
fight hypertension and lower cholesterol levels, help in the formation and regenera-
tion of blood cells together with iron and stimulate the release of substances that 
control satiety.
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In that sense, nutraceuticals currently play an important role in the daily life 
of a large number of people, being more prevalent in those with chronic diseases 
and high overall mortality. The various reasons for promoting the consumption of 
these products vary according to age, sex, nationality, customs, and existence of 
comorbidities [61]. Due to these interesting qualities, in recent years, research has 
been carried out with various species of algae for various biotechnological applica-
tions. As a result, today the biotechnology of microalgae has gained relevance due 
to the wide range of applications derived from its use, from biomass production for 
food, its use in aquaculture, as biofertilizer, to obtaining products of therapeutic or 
industrial value. Therefore, the success of microalgal biotechnology lies in choosing 
the correct species with relevant properties that, under specific culture conditions, 
produce the compounds of interest [48]. The applications range from the produc-
tion of simple biomass for animal feed or for the production of valuable products 
for ecological applications. Due to the enormous biodiversity of microalgae and 
recent developments, this group of organisms represents one of the most promising 
sources for new products and applications. With the investigation of sophisticated 
crops, strain search and microalgal biotechnology, the demands of the food and 
pharmaceutical industries can be met [53, 54].

5. Conclusions

The native microalgae of the Peruvian Amazon have biotechnological potential 
and are therefore promising for the production of both biodiesel and nutraceuticals. 
Various species of microalgae were identified, isolated, cultured, and character-
ized using biochemical, nutraceutical, and molecular techniques, the isolation 
stage being the starting point to achieve various biotechnological applications. 
Ankistrodesmus sp. is one of the microalgae with potential for the production of 
biodiesel and microalgae such as Haematococcus pluvialis, Scenedesmus sp., and 
Chlorella sp., among others demonstrated a high potential for nutraceutical produc-
tion. The stress conditions to which microalgae are subjected are being a determin-
ing factor for the production of biodiesel and nutraceuticals.
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supplements (protein and vitamin, in the form of powder, capsules, pills or tablets). 
These are usually incorporated into foods such as pasta, cookies, bread, candies, 
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makes them candidates for use in biological processes (aging), as well as in the 
degenerative changes of different organs [60]. In addition, the beneficial effects of 
nutraceuticals have been attributed to polyphenols, polyunsaturated fatty acids, 
terpenes, chlorophyll, and accessory pigments of the photosynthetic apparatus of 
microalgae and are therefore considered excellent sources of proteins, small pep-
tides, and amino acids that contribute to providing high amount of phosphorus to 
fight hypertension and lower cholesterol levels, help in the formation and regenera-
tion of blood cells together with iron and stimulate the release of substances that 
control satiety.
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In that sense, nutraceuticals currently play an important role in the daily life 
of a large number of people, being more prevalent in those with chronic diseases 
and high overall mortality. The various reasons for promoting the consumption of 
these products vary according to age, sex, nationality, customs, and existence of 
comorbidities [61]. Due to these interesting qualities, in recent years, research has 
been carried out with various species of algae for various biotechnological applica-
tions. As a result, today the biotechnology of microalgae has gained relevance due 
to the wide range of applications derived from its use, from biomass production for 
food, its use in aquaculture, as biofertilizer, to obtaining products of therapeutic or 
industrial value. Therefore, the success of microalgal biotechnology lies in choosing 
the correct species with relevant properties that, under specific culture conditions, 
produce the compounds of interest [48]. The applications range from the produc-
tion of simple biomass for animal feed or for the production of valuable products 
for ecological applications. Due to the enormous biodiversity of microalgae and 
recent developments, this group of organisms represents one of the most promising 
sources for new products and applications. With the investigation of sophisticated 
crops, strain search and microalgal biotechnology, the demands of the food and 
pharmaceutical industries can be met [53, 54].

5. Conclusions

The native microalgae of the Peruvian Amazon have biotechnological potential 
and are therefore promising for the production of both biodiesel and nutraceuticals. 
Various species of microalgae were identified, isolated, cultured, and character-
ized using biochemical, nutraceutical, and molecular techniques, the isolation 
stage being the starting point to achieve various biotechnological applications. 
Ankistrodesmus sp. is one of the microalgae with potential for the production of 
biodiesel and microalgae such as Haematococcus pluvialis, Scenedesmus sp., and 
Chlorella sp., among others demonstrated a high potential for nutraceutical produc-
tion. The stress conditions to which microalgae are subjected are being a determin-
ing factor for the production of biodiesel and nutraceuticals.
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Chapter 4

Drying and Quality of Microalgal 
Powders for Human Alimentation
Fábio de Farias Neves, Mariana Demarco  
and Giustino Tribuzi

Abstract

The demand for natural foods with high protein content and functional proper-
ties is constantly growing in the last years. In this context, microalgae as Spirulina 
(Arthrospira spp.), Chlorella spp., Haematococcus pluvialis, Dunaliella salina, 
and others, assume a key role to diversify the offer of nutritious and functional 
ingredients and supplements. Microalgae are commercialized, mostly, as dried 
powders to facilitate their use as food ingredients and to allow easy transportation 
and long-term stability. Microalgal powder quality and storage stability depend 
mainly on drying method, packaging, and storage conditions. Most of the stud-
ies that approach the subject of microalgal drying evaluate the efficiency of the 
process and suitability for this raw material. However, studies that assess the effect 
of traditional and innovative drying methods on quality of microalgal powder for 
human consumption are rare in literature. In this chapter, the state of the art of 
drying processing technology for microalgae was reviewed, discussing the effect 
of dehydration on quality and stability of microalgal powders with potential use in 
human alimentation.

Keywords: microalgae, dry biomass, biomass quality, microalgal powder,  
functional supplements

1. Introduction

Microalgae are photosynthetic microscopic organisms that convert CO2 and 
water in biomass and O2. This group of organisms is very diverse and abundant 
around the globe. They occur most in freshwater and saltwater aquatic ecosystems 
but also at other environments [1]. The main groups are Cyanophyta, Chlorophyta, 
Ochrophyta, Dinophyta, Rhodophyta, Euglenophyta, Haptophyta, and 
Prymnesiophyta [2]. It is estimated that there are around 300,000 of microalgal 
species around the world [1].

Microalgae have a great ecological importance as they are primary producers 
contributing to a lot of food chains; they produce around 40–60% of the oxygen 
available on Earth atmosphere, convert inorganic nutrients in organic matter, and 
for millions of years have produced the oil that today economy is still dependent [1].

Also, microalgae have been used in different industries for decades. These 
microscopic organisms are produced in ponds or photobioreactors to be used 
directly as live feeds for aquaculture hatcheries or to be used in food industry as 
food supplements or source of nutrients and vitamins, in agriculture as biofertilizer, 
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in pharmaceutical and cosmetic industry as raw material to extract specific mol-
ecules, and in other different biotechnology applications [3]. Also, microalgae 
have been used for environmental purposes as in tertiary wastewater treatment, as 
system for carbon fixation, and as raw materials to produce biofuels [4].

Despite all economic potential applications of microalgae and the great diversity 
of species, the microalgal industry is based mainly in few applications and species. 
The majority of microalgal biomass production is destined for food industry as 
food supplement. The main species belongs to the genus Spirulina also known as 
Arthrospira, Chlorella, Haematococcus, Dunaliella, and few others [5].

Spirulina (Arthrospira) is a cyanobacteria and the same as the green algae 
Chlorella (chlorophyte); both usually are sold as dry biomass. Meanwhile, the 
microalgae Haematococcus pluvialis and Dunaliella salina are usually used as source 
of the carotenoids astaxanthin and beta-carotene, respectively. However, some 
companies also sell the entire biomass and, even when extracting the pigments, 
need to dry the biomass previously [5].

To dry the microalgal biomass is the way microalgae are most commercialized 
because this method increases the product stability and durability, also allowing 
easy storage and transportation.

There are different dryers being used in microalgal industry. The main dryer 
used is the spray dryer [6], and in small spirulina farms, the utilization of ovens 
with forced ventilation is very common. However, freeze-dryer, drum dryer, natu-
ral sun dryer, and other processes to dry the biomass can be also used [6–8].

It is well known that, depending on the drying process method and conditions, 
there is a potential to lose quality of the microalgal biomass. For example, the 
microalgal properties change with the dry process, and for the food industry, the 
nutritional quality can decrease as proteins, lipids, pigments, and other nutrients 
are lost. In particular, functional components (i.e., phycocyanin from spirulina or 
astaxanthin from H. pluvialis) are very sensible to drying conditions, that is, time, 
temperature, and oxygen, among others.

Therefore, the purpose of this chapter is to provide a review of the common 
and innovative dry process technologies available for microalgal biomass, discuss 
the effect of dehydration on quality and stability of microalgal powders used in 
human alimentation, and then support the microalgal industry and research-
ers to choose the most suitable drying method for each different use of dried 
microalgae.

2. Preprocess in algae drying

Microalgae have been studied largely because they have an industrial impor-
tance with their bioproducts, such as lipids, carotenoids, etc. Also, their lipid 
content is considered a potential feedstock for biodiesel production [9, 10]. Some 
adversities found in preprocessing are the presence of rigid cell walls surrounding 
the algae cells and the biomass moisture that interferes in some extraction solvent 
performance [11]. It can be solved with chemical, mechanical, and biological 
means of cell wall disruption and can be used alone or in combined forms [9]. 
Also, in these cases, the step of dewatering is important, that is, with flocculation 
and centrifuge [12]. The proportions of microalgal biomass in cultivation are 
generally relatively low, being around 0.02–0.05% of dry biomass in raceway tanks 
and between 0.1 and 0.5% of dry biomass in tubular photobioreactors. This aspect, 
together with the size of microalgae, turns microalgal biomass separation very 
complex [13]. Ref. [14] presents that separation costs can be around 20 and 30% of 
the total production cost.
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There are different ways to perform biomass separation. The most common 
processes are flocculation followed by sedimentation, centrifugation, and filtration. 
Sedimentation, considered the simplest option, can retain 85% of biomass, with the 
percentage of dry biomass around 3%, depending on the species used. However, this 
process requires significant additional space. The most efficient method for separat-
ing biomass is centrifugation, but it represents a significant increase in production 
costs, so it is widely used when the extracted product has high value. Filtration can 
be performed mainly to separate biomass from filamentous microalgae, but it is a 
slow process and in large-scale systems requires a large infrastructure [13].

Cell disruption is an alternative to cellular disintegration of many microorgan-
isms, like bacteria, yeasts, and microalgae, and can be classified as mechanical 
and nonmechanical manner [15, 16]. Among the mechanical methods, there are 
high-pressure homogenization, ultrasonication, bead milling, autoclaving, lyophili-
zation, and microwaving, being the first and second ones the widely used methods 
for laboratory-scale microalgal cell disruption. The nonmechanical methods involve 
lysing the cell wall with acids, alkalis, enzymes, or osmotic shocks [15, 17].

Some mechanisms involved to the cellular disruption are achieved: impingement 
of the cells on the hard surface of the valve seat and their impact on each other dur-
ing collision, turbulence, viscous and high-pressure shear, pressure-drop-induced 
shear passing from the valve to the chamber, and sudden pressure drop caused by 
rapid release of gas bubbles within the cells [10, 15, 18].

Concerning low-energy input, chemical treatments have advantages, in addition 
to showing good scalability. However, they should be carefully selected and applied 
considering their bio-toxicity and reactivity to some compounds [9].

Physicochemical extraction process can cause thermal and/or chemical stresses 
inducing structural changes and denaturation/degradations of compounds, like 
astaxanthin isomers, and affecting significantly the product qualities, such as 
antioxidative activity, bioavailability, and purity [9]. To guarantee the extraction 
efficiency of astaxanthin, some operating conditions should be properly consid-
ered, like temperature and the use and minimization of less toxic chemicals [19].

3. Drying and microalgal quality

Drying of foods can be defined as a unit operation of water removal aiming to 
reduce moisture content and water activity and consequently stabilize foods by 
inhibiting the microbial grow and enzymatic activity and slowing chemical reac-
tions [20]. Dried foods present advantages which are easy to store and transport and 
have long shelf life.

After separation and concentration, microalgal biomass has a high water con-
tent, presenting high perishability once it represents a good substrate to microbial 
grow and enzymatic activity if commercialized without any stabilization treatment. 
Stabilization of moist biomass by pasteurization is possible, but the prolongation of 
the shelf life is limited, refrigerate storage is needed [21], and degradation of func-
tional components may occur if high temperatures are used. Thus, to extend shelf 
life and allow storage at room temperature, drying of microalgae biomass is gener-
ally considered an effective alternative. Many drying technologies can be potentially 
used to dry microalgae biomass as well as other foods with high viscosity. Different 
factors should be taken in consideration to choose the best drying method. In most 
cases the main factors that influence this choice are energy efficiency and installa-
tion and operation costs. However, if the dried microalgal biomass is produced to 
human alimentation, the preservation of nutritional and functional components of 
the biomass must be also considered [22, 23].
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system for carbon fixation, and as raw materials to produce biofuels [4].

Despite all economic potential applications of microalgae and the great diversity 
of species, the microalgal industry is based mainly in few applications and species. 
The majority of microalgal biomass production is destined for food industry as 
food supplement. The main species belongs to the genus Spirulina also known as 
Arthrospira, Chlorella, Haematococcus, Dunaliella, and few others [5].

Spirulina (Arthrospira) is a cyanobacteria and the same as the green algae 
Chlorella (chlorophyte); both usually are sold as dry biomass. Meanwhile, the 
microalgae Haematococcus pluvialis and Dunaliella salina are usually used as source 
of the carotenoids astaxanthin and beta-carotene, respectively. However, some 
companies also sell the entire biomass and, even when extracting the pigments, 
need to dry the biomass previously [5].

To dry the microalgal biomass is the way microalgae are most commercialized 
because this method increases the product stability and durability, also allowing 
easy storage and transportation.

There are different dryers being used in microalgal industry. The main dryer 
used is the spray dryer [6], and in small spirulina farms, the utilization of ovens 
with forced ventilation is very common. However, freeze-dryer, drum dryer, natu-
ral sun dryer, and other processes to dry the biomass can be also used [6–8].

It is well known that, depending on the drying process method and conditions, 
there is a potential to lose quality of the microalgal biomass. For example, the 
microalgal properties change with the dry process, and for the food industry, the 
nutritional quality can decrease as proteins, lipids, pigments, and other nutrients 
are lost. In particular, functional components (i.e., phycocyanin from spirulina or 
astaxanthin from H. pluvialis) are very sensible to drying conditions, that is, time, 
temperature, and oxygen, among others.

Therefore, the purpose of this chapter is to provide a review of the common 
and innovative dry process technologies available for microalgal biomass, discuss 
the effect of dehydration on quality and stability of microalgal powders used in 
human alimentation, and then support the microalgal industry and research-
ers to choose the most suitable drying method for each different use of dried 
microalgae.

2. Preprocess in algae drying

Microalgae have been studied largely because they have an industrial impor-
tance with their bioproducts, such as lipids, carotenoids, etc. Also, their lipid 
content is considered a potential feedstock for biodiesel production [9, 10]. Some 
adversities found in preprocessing are the presence of rigid cell walls surrounding 
the algae cells and the biomass moisture that interferes in some extraction solvent 
performance [11]. It can be solved with chemical, mechanical, and biological 
means of cell wall disruption and can be used alone or in combined forms [9]. 
Also, in these cases, the step of dewatering is important, that is, with flocculation 
and centrifuge [12]. The proportions of microalgal biomass in cultivation are 
generally relatively low, being around 0.02–0.05% of dry biomass in raceway tanks 
and between 0.1 and 0.5% of dry biomass in tubular photobioreactors. This aspect, 
together with the size of microalgae, turns microalgal biomass separation very 
complex [13]. Ref. [14] presents that separation costs can be around 20 and 30% of 
the total production cost.
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There are different ways to perform biomass separation. The most common 
processes are flocculation followed by sedimentation, centrifugation, and filtration. 
Sedimentation, considered the simplest option, can retain 85% of biomass, with the 
percentage of dry biomass around 3%, depending on the species used. However, this 
process requires significant additional space. The most efficient method for separat-
ing biomass is centrifugation, but it represents a significant increase in production 
costs, so it is widely used when the extracted product has high value. Filtration can 
be performed mainly to separate biomass from filamentous microalgae, but it is a 
slow process and in large-scale systems requires a large infrastructure [13].

Cell disruption is an alternative to cellular disintegration of many microorgan-
isms, like bacteria, yeasts, and microalgae, and can be classified as mechanical 
and nonmechanical manner [15, 16]. Among the mechanical methods, there are 
high-pressure homogenization, ultrasonication, bead milling, autoclaving, lyophili-
zation, and microwaving, being the first and second ones the widely used methods 
for laboratory-scale microalgal cell disruption. The nonmechanical methods involve 
lysing the cell wall with acids, alkalis, enzymes, or osmotic shocks [15, 17].

Some mechanisms involved to the cellular disruption are achieved: impingement 
of the cells on the hard surface of the valve seat and their impact on each other dur-
ing collision, turbulence, viscous and high-pressure shear, pressure-drop-induced 
shear passing from the valve to the chamber, and sudden pressure drop caused by 
rapid release of gas bubbles within the cells [10, 15, 18].

Concerning low-energy input, chemical treatments have advantages, in addition 
to showing good scalability. However, they should be carefully selected and applied 
considering their bio-toxicity and reactivity to some compounds [9].

Physicochemical extraction process can cause thermal and/or chemical stresses 
inducing structural changes and denaturation/degradations of compounds, like 
astaxanthin isomers, and affecting significantly the product qualities, such as 
antioxidative activity, bioavailability, and purity [9]. To guarantee the extraction 
efficiency of astaxanthin, some operating conditions should be properly consid-
ered, like temperature and the use and minimization of less toxic chemicals [19].

3. Drying and microalgal quality

Drying of foods can be defined as a unit operation of water removal aiming to 
reduce moisture content and water activity and consequently stabilize foods by 
inhibiting the microbial grow and enzymatic activity and slowing chemical reac-
tions [20]. Dried foods present advantages which are easy to store and transport and 
have long shelf life.

After separation and concentration, microalgal biomass has a high water con-
tent, presenting high perishability once it represents a good substrate to microbial 
grow and enzymatic activity if commercialized without any stabilization treatment. 
Stabilization of moist biomass by pasteurization is possible, but the prolongation of 
the shelf life is limited, refrigerate storage is needed [21], and degradation of func-
tional components may occur if high temperatures are used. Thus, to extend shelf 
life and allow storage at room temperature, drying of microalgae biomass is gener-
ally considered an effective alternative. Many drying technologies can be potentially 
used to dry microalgae biomass as well as other foods with high viscosity. Different 
factors should be taken in consideration to choose the best drying method. In most 
cases the main factors that influence this choice are energy efficiency and installa-
tion and operation costs. However, if the dried microalgal biomass is produced to 
human alimentation, the preservation of nutritional and functional components of 
the biomass must be also considered [22, 23].
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In the literature many drying methods applied to microalgae biomass are dis-
cussed. Most of them are related to the stabilization of biomass for nonhuman use 
such as oil extraction for biofuel industry or feed production. These methods are 
in general very effective on the point of view of energy efficiency and processing 
time; among them the following methods can be cited: rotary drying, solar drying, 
cross-flow and vacuum shelf drying and flash drying. The main challenge in these 
cases is the processing cost and energy requirement, but not much attention is given 
to degradation on functional and nutritional components [6, 24].

On the other hand, studies on the assessment of drying methods applied to micro-
algae to human use are not so common in literature. In Table 1, a summary of the 
different drying methods used to produce dried biomass with potential application in 
human alimentation is presented in which, together with the engineering of the dry-
ing process, the impact on nutritional and/or functional components was assessed.

One of the conditions that affect the choice of method and the drying per-
formance is the initial moisture that the microalgal biomass presents. The algal 
biomass starts the drying process with initial moisture values between 55 and 88% 
(wet basis) in different dehydration processes [25–30].

Apart from the color change, the compound degradation, and the drying 
kinetics, the final moisture content can be one parameter to compare different 
drying methods and demonstrates how these methods can affect the sample. 
Based on the initial moisture and the chosen method, the drying can show high 
or low drying rates, can influence the velocity heat and water mass transfer 
through the samples, and in some conditions not allow the diffusion between the 
interior and the surface [26, 28]. In short, apart from the initial moisture that can 
influence the chosen method, some physical parameters can influence in veloc-
ity and water outlet, impacting in final moisture and in quality of the product. 
Further, some storage conditions, like light, temperature, water activity, oxygen 
concentration, relative humidity, existence of coating matrix, etc., are impor-
tant parameters to study compound degradation and product shelf life [31, 32]. 
Assessing sorption isotherms, stability studies and DSC, the sample behavior 
during storage, and how the environmental factors influence these parameters 
is important to evaluate the effect of storage on quality retention of the final 
products [28, 32–34].

Many different methods were presented in Table 1; however, similar drying 
technologies have the same principle with few modifications of processing param-
eters or equipment design but are named with different denominations, according 
to the authors, in papers. Figure 1 exemplifies this segregation, based on the same 
principle. The principle depends on the conditions during the drying, physical 
apparat, and intrinsic processes and interactions that occur with the sample and the 
drying environment, that is, mass transference process and water outlet [38]. As it 
can be seen from Figure 1 in most of the drying methods used for microalgal dry-
ing, water is removed by an airflow. Different heat transfer principles can be found, 
that is, convection, conduction (e.g., cast-tape drying), and radiation. The moisture 
and the viscosity of the sample are also variable of these processes.

To enrich the discussion about drying methods and applicability to microalgal 
powder production, the main, traditional, and innovative drying methods are 
briefly presented in their principle and applications to microalgae.

3.1 Spray drying

Spray drying is the most common drying method applied to microalgae biomass 
for human uses [6] and, more general, is one of the most widely diffused drying 
technologies when dehydration of liquid foodstuff is required.
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In the literature many drying methods applied to microalgae biomass are dis-
cussed. Most of them are related to the stabilization of biomass for nonhuman use 
such as oil extraction for biofuel industry or feed production. These methods are 
in general very effective on the point of view of energy efficiency and processing 
time; among them the following methods can be cited: rotary drying, solar drying, 
cross-flow and vacuum shelf drying and flash drying. The main challenge in these 
cases is the processing cost and energy requirement, but not much attention is given 
to degradation on functional and nutritional components [6, 24].

On the other hand, studies on the assessment of drying methods applied to micro-
algae to human use are not so common in literature. In Table 1, a summary of the 
different drying methods used to produce dried biomass with potential application in 
human alimentation is presented in which, together with the engineering of the dry-
ing process, the impact on nutritional and/or functional components was assessed.

One of the conditions that affect the choice of method and the drying per-
formance is the initial moisture that the microalgal biomass presents. The algal 
biomass starts the drying process with initial moisture values between 55 and 88% 
(wet basis) in different dehydration processes [25–30].

Apart from the color change, the compound degradation, and the drying 
kinetics, the final moisture content can be one parameter to compare different 
drying methods and demonstrates how these methods can affect the sample. 
Based on the initial moisture and the chosen method, the drying can show high 
or low drying rates, can influence the velocity heat and water mass transfer 
through the samples, and in some conditions not allow the diffusion between the 
interior and the surface [26, 28]. In short, apart from the initial moisture that can 
influence the chosen method, some physical parameters can influence in veloc-
ity and water outlet, impacting in final moisture and in quality of the product. 
Further, some storage conditions, like light, temperature, water activity, oxygen 
concentration, relative humidity, existence of coating matrix, etc., are impor-
tant parameters to study compound degradation and product shelf life [31, 32]. 
Assessing sorption isotherms, stability studies and DSC, the sample behavior 
during storage, and how the environmental factors influence these parameters 
is important to evaluate the effect of storage on quality retention of the final 
products [28, 32–34].

Many different methods were presented in Table 1; however, similar drying 
technologies have the same principle with few modifications of processing param-
eters or equipment design but are named with different denominations, according 
to the authors, in papers. Figure 1 exemplifies this segregation, based on the same 
principle. The principle depends on the conditions during the drying, physical 
apparat, and intrinsic processes and interactions that occur with the sample and the 
drying environment, that is, mass transference process and water outlet [38]. As it 
can be seen from Figure 1 in most of the drying methods used for microalgal dry-
ing, water is removed by an airflow. Different heat transfer principles can be found, 
that is, convection, conduction (e.g., cast-tape drying), and radiation. The moisture 
and the viscosity of the sample are also variable of these processes.

To enrich the discussion about drying methods and applicability to microalgal 
powder production, the main, traditional, and innovative drying methods are 
briefly presented in their principle and applications to microalgae.

3.1 Spray drying

Spray drying is the most common drying method applied to microalgae biomass 
for human uses [6] and, more general, is one of the most widely diffused drying 
technologies when dehydration of liquid foodstuff is required.
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Spray drying uses the atomization of a liquid food to create droplets which are 
dried as individual particles while moving through a heated gas (hot air) [20]. 
Drying of single droplet provides a large surface area per unit volume of liquid, 
which favors rapid drying [43] and also causes a very short exposition of food to 
a very high temperature causing moderate degradation of product quality (high-
temperature exposition for short time). The main steps of the spray drying process 
are atomization of the liquid, mixing of the droplets with the heated air, and separa-
tion of the dried powder in a cyclone [44]. Size of the droplet, air temperature, 
and liquid flow are the main factors that influence the quality of the dried product. 
Other factors that should be taken into account for the optimization of quality of 
spray-dried products are related to the biomass characteristics such as glass transi-
tion temperature, surface tension, liquid density, viscosity, and composition. The 
presence of high content of sugars, for example, impacts negatively the yield of 
this process. This problem is especially present when fruit pulps are dried; on the 
other hand for microalgae that present mostly long-chain carbohydrates, it does not 
represent an important issue [43, 44].

Among the advantage of this technology, it can be cited the high versatility, 
the possibility of pack directly, the powder produced without any milling process, 
and the easiness of the processing control allowing quality of the product remain 
constant (uniform) during processing [44]. On the other hand, this technology has 
a high installation and energy/operation costs, volatile compounds can be lost, and 
products that present high sensibility to high temperature could lose quality. It can 
cause rupture of cells, due to the high pressure generated during the atomization 
process, causing, in some cases, degradation in product quality [6], that is, promot-
ing oxidation. However, spray drying is the only drying technology used in large-
scale microalgal biomass drying for human consumption [6] mainly due to the 
equilibrium between high productivity and quality of the dried product. Although 
this drying method is the most used by the industry, few papers approach the effect 
of processing parameters, such as air temperature, viscosity of the moist biomass, 
and size of the biomass droplet on microalgal powder quality loss [32, 35, 40, 42].

Figure 1. 
Drying methods of microalgal biomass. Filled shapes, general method denomination; empty shapes, method 
denominations used in articles.
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Spray drying uses the atomization of a liquid food to create droplets which are 
dried as individual particles while moving through a heated gas (hot air) [20]. 
Drying of single droplet provides a large surface area per unit volume of liquid, 
which favors rapid drying [43] and also causes a very short exposition of food to 
a very high temperature causing moderate degradation of product quality (high-
temperature exposition for short time). The main steps of the spray drying process 
are atomization of the liquid, mixing of the droplets with the heated air, and separa-
tion of the dried powder in a cyclone [44]. Size of the droplet, air temperature, 
and liquid flow are the main factors that influence the quality of the dried product. 
Other factors that should be taken into account for the optimization of quality of 
spray-dried products are related to the biomass characteristics such as glass transi-
tion temperature, surface tension, liquid density, viscosity, and composition. The 
presence of high content of sugars, for example, impacts negatively the yield of 
this process. This problem is especially present when fruit pulps are dried; on the 
other hand for microalgae that present mostly long-chain carbohydrates, it does not 
represent an important issue [43, 44].

Among the advantage of this technology, it can be cited the high versatility, 
the possibility of pack directly, the powder produced without any milling process, 
and the easiness of the processing control allowing quality of the product remain 
constant (uniform) during processing [44]. On the other hand, this technology has 
a high installation and energy/operation costs, volatile compounds can be lost, and 
products that present high sensibility to high temperature could lose quality. It can 
cause rupture of cells, due to the high pressure generated during the atomization 
process, causing, in some cases, degradation in product quality [6], that is, promot-
ing oxidation. However, spray drying is the only drying technology used in large-
scale microalgal biomass drying for human consumption [6] mainly due to the 
equilibrium between high productivity and quality of the dried product. Although 
this drying method is the most used by the industry, few papers approach the effect 
of processing parameters, such as air temperature, viscosity of the moist biomass, 
and size of the biomass droplet on microalgal powder quality loss [32, 35, 40, 42].

Figure 1. 
Drying methods of microalgal biomass. Filled shapes, general method denomination; empty shapes, method 
denominations used in articles.
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Spray drying of D. salina biomass allowed production of powder with very low 
degradation of β-carotene and its isomers. On the other hand, during 5 days of 
storage, it degraded to less than 10% of retention. Damages to the membrane cell 
caused by the very fast water vaporization facilitate the oxidation and degradation 
of this functional compound, due to oxygen and light exposition [32]. To avoid 
this problem, a possible strategy is mixing the microalgal biomass with some 
encapsulating agent (e.g., maltodextrin, gum arabic, etc.) producing microcapsules 
by spray drying; in this case the high retention of functional compounds can be 
maintained during storage [42].

3.2 Drum drying

Another technology widely diffused in the food industry to produce dried prod-
uct, from viscous foodstuff, is the drum drying. Drum drying consists in cylindrical 
metallic heated rollers or drums rotating at a variable speed. The material to be 
dried comes into contact with the surface of the drum in a thin layer of film, and 
heat is transferred through the metal. A slide is arranged in the apparatus to remove 
the dry thin film layer from the drum surface [8]; after that, the dried material 
is commonly milled to produce a uniform powder. This technology presents low 
operation costs and can be easily managed by small producers. On the other hand, 
it presents some limitation such as the processing time/temperature binomial which 
the sample must be submitted to be dried [8]. Although this method is widely used 
in microalgae biomass drying, the high temperature of the drum causes degradation 
of quality of the dried product; for this reason, this method is used to produce raw 
materials for biofuel industry but presents no particular interest for dried biomass 
for human alimentation. Alternatives have been developed to overcome the problem 
of high degradation of nutritional and functional components and allow the use 
of this technology to produce algal powders for human use. One example that can 
be cited is the use of an inert bed to increase the surface contact between a hot-air 
flow inside of the drum and the moist spirulina biomass, increasing the drying rate 
and the processing yield; this system also allows to overcome problems such as the 
bed agglomeration [25]; on the other hand, no assessment on biomass quality was 
done with this method, and further studies should be done to improve quality of 
products dried by this method.

3.3 Freeze-drying

Freeze-drying is a well-known drying process that allows production of dried 
food with high added value and high quality. Freeze-drying consists in two main 
steps; firstly the product is frozen and is transferred in a vacuum chamber, and 
water is sublimated [45] providing heat (latent heat of sublimation) by radiation 
or conduction (hot plates). Freeze-drying is particularly indicated to dry products 
with high sensibility to high temperature and oxygen exposition and with high 
added value. On the other hand, it presents high installation and operational cost, 
especially for industrial-scale equipment and requires long drying time (com-
monly up to 12 h). This method is highly recommended when the conservation of 
the nutritional and functional components of the raw material is desired. On the 
other hand, stability of freeze-dried foods could be compromised by their very high 
porosity that facilitates the contact with oxygen and air humidity promoting oxida-
tion during storage [46]. In general, freeze-drying of microalgal biomass is consid-
ered an ideal method because it causes no degradation of biomass quality [21]. On 
the other hand, the very low water activity reached in freeze-dried powder could 
promote, combined with the high porosity, the oxidation of lipids and pigments; 
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thus, vacuum packaging should be considered in freeze-dried powder storage. The 
effect of drying method on stability of functional components of microalgae was 
assessed by [7]. Different drying conditions and storage methods were studied 
assessing their effect on the astaxanthin concentration in Haematococcus pluvialis-
dehydrated powder. As expected, freeze-drying resulted in products with higher 
(approximately 30%) astaxanthin retention than spray-dried biomass. On the other 
hand, both powders present similar pattern of degradation during storage under 
different temperatures (from −20 to 37°C) and packaging (vacuum and air). A 
higher degradation of functional component was found in samples stored at 20 and 
37°C in normal packaging (without vacuum); the highest astaxanthin degradation 
for freeze-dried powder was >80% at 37°C and > 60% at 20°C, both after 20 weeks 
of storage. Vacuum packaging efficiency was confirmed avoiding degradation of 
functional components of microalgae also when storage was performed at room 
temperature [7, 47]. However, due to the higher initial retention of function compo-
nents, freeze-drying was considered a good option for high-quality dried biomass 
production. Stability of dehydrated product during storage plays a key role for the 
drying method chosen. For freeze-dried products, to maintain the high quality of 
the product obtained by this expensive method, specifically storage strategies must 
be used, that is, vacuum, light barrier, and low temperature.

3.4 Solar drying

Solar drying is a traditional drying method used for hundreds of years to 
stabilize the moist algal biomass. In this method the heat for water evapora-
tion is provided by the solar radiation and the moisture removal by the natural 
airflow. Although it presents the obvious advantage of the low processing cost 
both in direct solar radiation method or in solar dryers, the efficiency of the 
method is directly dependent on weather condition and only applicable in few 
producing locations. Moreover, the long processing time and the exposition to 
the open environment increase the risk of spoilage or production of off-odors [6]. 
Strategies and dryers have been developed to overcome these problems optimizing 
the efficiency of the drying equipment and allowing drying of microalgal biomass 
with acceptable quality retention [48].

3.5 Convective drying and thin layer drying

Convective drying of a thin layer of spread biomass or extruded biomass cylinder 
is a method widely used especially by small-scale producers. Ref. [41] produced an 
Aphanothece microscopica Nägeli powder by spreading, in a convective oven, layers of 
biomass with thickness of 5 and 7 mm and testing the effect of drying temperature 
(40–60°C) on protein, carbohydrates, lipid content, and fatty acid profile, finding 
only small differences among treatments. On the other hand, the same research 
group found that in the same drying condition, chlorophyll a content and hue angle 
(related with sample color) were strongly influenced by the process temperature and 
chlorophyll concentration decreases intensely at temperature up to 40°C of drying 
[49], demonstrating the importance of the optimization of the drying temperature 
for producing high-quality dried microalgal powder. The effect of temperature on 
stability of functional components was also proven with spirulina. Many papers 
approach this issue [33, 30, among others] showing the importance of temperature 
and thickness optimization during convective drying (air-drying) to maximize 
the conservation of phycocyanin. This fact was confirmed by [50] that assessed 
the effect of drying temperature on spirulina functional components showing that 
temperatures above 45°C cause degradation, reducing its health benefits.
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thus, vacuum packaging should be considered in freeze-dried powder storage. The 
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method is directly dependent on weather condition and only applicable in few 
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the open environment increase the risk of spoilage or production of off-odors [6]. 
Strategies and dryers have been developed to overcome these problems optimizing 
the efficiency of the drying equipment and allowing drying of microalgal biomass 
with acceptable quality retention [48].

3.5 Convective drying and thin layer drying

Convective drying of a thin layer of spread biomass or extruded biomass cylinder 
is a method widely used especially by small-scale producers. Ref. [41] produced an 
Aphanothece microscopica Nägeli powder by spreading, in a convective oven, layers of 
biomass with thickness of 5 and 7 mm and testing the effect of drying temperature 
(40–60°C) on protein, carbohydrates, lipid content, and fatty acid profile, finding 
only small differences among treatments. On the other hand, the same research 
group found that in the same drying condition, chlorophyll a content and hue angle 
(related with sample color) were strongly influenced by the process temperature and 
chlorophyll concentration decreases intensely at temperature up to 40°C of drying 
[49], demonstrating the importance of the optimization of the drying temperature 
for producing high-quality dried microalgal powder. The effect of temperature on 
stability of functional components was also proven with spirulina. Many papers 
approach this issue [33, 30, among others] showing the importance of temperature 
and thickness optimization during convective drying (air-drying) to maximize 
the conservation of phycocyanin. This fact was confirmed by [50] that assessed 
the effect of drying temperature on spirulina functional components showing that 
temperatures above 45°C cause degradation, reducing its health benefits.
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Other technology that can be used to dehydrate viscous foodstuff is the refrac-
tance window drying [51] or the cast-tape drying [52–55]. In both methods the 
liquid food is spread on surface, and the heat transfer occurs by radiation or by 
conduction. These methods allow producing high-quality fruit pulp powder with 
very low processing time. On the other hand, the temperature used in these pro-
cesses could be above the limit for functional component preservation in microalgal 
biomass; thus, a vacuum chamber can be coupled to the cast-tape drier, and lower 
processing temperature can be used [56]. The vacuum drying removes the sample 
moisture thru low atmospheric pressure, showing many advantages comparing 
the conventional drying methods, that is, oxidation reducing. The low pressure in 
the drying chamber substitutes the hot-air flow, avoiding significantly compound 
degradations that lead to low product quality [57, 58]. This technology has been 
studied recently to spirulina biomass with interesting results in terms of quality and 
processing time [59, 60]. The cast-tape drying method used in preliminary stud-
ies for spirulina biomass drying has proved to be a very effective method in terms 
of drying time and efficiency. Using the same principle (thin layer of sample on 
a heated surface), vacuum cast-tape drying allows drying at lower temperatures, 
thus avoiding the degradation of important compounds such as phycocyanin. 
Preliminary studies conducted by our group showed phycocyanin preservation 
values greater than 60% in the method using vacuum and milder temperatures. The 
authors showed and reported that this technology is a promising method, which can 
achieve excellent moisture and water activity values, better performance, and low 
energy costs compared to conventional and/or expensive drying processes.

4. Conclusions

Microalgae are dried to allow easy storage and transportation as well as to 
facilitate their use in biorefinery and food and feed industry. In this chapter a 
concise overview of the state of the art about drying of microalgal biomass with 
potential use for human alimentation was presented. In literature, drying of algal 
biomass is approached, in most cases, focusing on energy efficiency and engi-
neering of processes. Not much attention is given to the effect of dehydration on 
functional and nutritional components of the final product. Among the methods 
that are studied and applied to produce algal biomass for human use, spray drying 
is the most widely used; it is a very efficient method especially adequate for large-
scale producers. Although, this method allows producing powders with relatively 
high retention of functional components, it was demonstrated that the due to 
cell structure degradation that occurs during drying, these components can be 
lost during storage under inadequate conditions. The same problem was found in 
freeze-dried powders; however, freeze-drying allows higher retention of functional 
components immediately after drying; thus, with adequate storage condition, this 
can be considered the best method to maintain quality of biomass. On the other 
hand, this method is very expensive and energy costing and thus is adequate only to 
produce high added value products. Air-drying is one of the most studied methods, 
and it was proposed, when performed adequately, as a good method to allow quality 
retention in dehydrated products. For example, spreading of the moist biomass in a 
thin layer increases the evaporation rate allowing lower drying time and the use of 
lower temperature, thus allowing higher retention of functional components in the 
final products. Alternatives to this technology have been developed combining thin 
layer drying with a vacuum chamber allowing reducing drying temperature and 
time and obtaining higher-quality products. Air-drying or thin layer drier (air or 
vacuum) is, in general, less expensive than spray driers or freeze-driers, in terms of 
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Chapter 5

Microalgae and Its Use in
Nutraceuticals and Food
Supplements
Joshi Nilesh Hemantkumar and Mor Ilza Rahimbhai

Abstract

Microalgae are a large diverse group of microorganisms comprising photoauto-
trophic protists and prokaryotic cyanobacteria—also called as blue-green algae.
These microalgae form the source of the food chain for more than 70% of the
world’s biomass. It contains higher nutritional values, with rapid growth character-
istics. Microalgae are autotrophic organisms and extensively desired for use in
nutraceuticals and as supplement in diet. Many microalgal species are documented
for health benefits, by strengthening immune system and by increasing the
nutritional constitution of body. In this chapter the major economically important
species like Spirulina, Chlorella, Haematococcus, and Aphanizomenon are described
with reference to its importance as nutraceuticals and food.

Keywords: microalgae, Spirulina, Chlorella, nutraceuticals, food supplements

1. Introduction

Microalgae are a large diverse group of microorganisms comprising photoauto-
trophic protists and prokaryotic cyanobacteria—also called as blue-green algae.
These microalgae form the source of the food chain for more than 70% of the
world’s biomass [1]. Microalgae are single-celled, microscopic photosynthetic
organisms, found in freshwater and marine environment. They produce com-
pounds such as protein, carbohydrates, and lipids. Mostly, microalgae are photo-
synthetic microorganisms; it does not contain cell organelles unlike land plants.
They use the carbon from air for energy production.

Microalgae can be cultivated photosynthetically using CO2, solar energy, and
water. It can be cultivated in shallow lagoons, marginal ponds, raceway ponds, or
artificial tanks. The use of plastic tubes/reactors in pond system can achieve up to
seven times the production efficiency compared to open culture system [2].

There are more than 300,000 species of microalgae, out of which around 30,000
are documented. They live in complex natural habitats and can adapt rapidly in
extreme conditions (in variation of extreme weather conditions). This ability makes
them capable to produce secondary metabolites, with novel structure and
biologically active functions.

Microalgae produce some useful bio-products including β-carotene, astaxanthin,
docosahexaenoic acid (DHA), eicosapentaenoic acid (EPA), bioactive and func-
tional pigments, natural dyes, polysaccharides, antioxidants, and algal extracts.
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The first commercial cultivation of Chlorella was started in 1960 in Japan for
nutraceuticals. Microalgae grow fast and produce large biomass with high protein
content and consist the source of “single cell protein” [3] (Figure 1).

Algae are classified into many major groups, based on pigment composition,
storage compound, and diversity in features of its ultrastructure. However, advance
molecular biology-based techniques are nowadays used to check the relation
between taxonomic groups and families of the specific class.

The global market value of microalgae is estimated to be around US$ 6.5 billion,
out of which about US$ 2.5 billion is generated by the health food sector, US$ 1.5
billion by the production of DHA, and US$ 700 million by aquaculture. The annual
production of microalgae is approximately 7.5 million tons.

2. Microalgal diversity

The diversity of microalgae is vast and represents an intact resource. The scien-
tific literature indicates the existence of 200,000 to several million species of
microalgae when compared to about 250,000 species of higher plants [4].

Green microalgae usually grow in freshwater and seawater, whereas several
other species of microalgae grow in extremely saline environments, such as the
Great Salt Lake in UT, USA, and the Dead Sea in Israel. Within these aqueous
habitats, some algae grow inside the deeper waters, others populate the subsurface
water column, and a few grow at the limits of the photic zone, 200–300 m below
the water surface [5–8]. The microalgae are small in size (mostly 5–50 μm) and
characterized by a simple morphology, usually unicellular. Accordingly, most of the
species are not observed as an individual cell/specimen but become noticeable only
when it generates large colony, specially in the form of green, black, red, or brown
patches on the water surface. Coastlines between 45 and 30°N are suitable regions
for algal farming, in particular in those territories at the south of the Mediterranean
that experience warmer climates and whose temperature does not go too much
below 15°C throughout the year [2]. This type of warmer climate of the Mediterra-
nean region can facilitate the algal growth in the open or closed pond system.

Figure 1.
Application of microalgae in various fields.
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The environmental parameters favorable for mass scale culture are explored by
many counties. For example, Israel and few Mediterranean countries have explored
specific parameters for each economically important alga and cultivating it by
maintaining them artificially for mass scale production. Few advance countries have
started culturing several microalgal strains of biofuel production, while countries
like Libya, Cyprus, and Turkey also have plenty of marginal lands to harvest algae.
For these countries a limited water resource is not a constraint as they are using
recycled brackish or saline water. With the high temperatures in the Mediterranean
region, the open or closed pond system would probably be the most efficient and
suitable to grow algae.

Terrestrial microalgae belong primarily to three diverse evolutionary pedigrees:
the blue-green algae (Cyanobacteria), the green algae (Chlorophyta and
Streptophyta), and the diatoms (Bacillariophyceae, Ochrophyta) [9]. However, the
species of green and blue-green algal group are the majorly studied group, taxo-
nomically as well as with economical perspective. Nevertheless, the understanding
of the patterns of geographical distribution in terrestrial algae is inadequate, mainly
due to poor understanding of the diversity of these organisms [10].

3. Microalgae: uses as nutraceuticals and food

Microalgae have a wide range of industrial applications, in food industries,
wastewater purification, and pharmaceutical formulations [11]. Microalgae can also
be used for high-value food, health food for human, polysaccharides, food and
fodder additives, cosmetics, antioxidants, anti-inflammatory objects, dyes and feed
for aquaculture, and preparation of biofilms [3, 12, 13].

The most widely used microalgae include Cyanophyceae (blue-green algae),
Chlorophyceae (green algae), Bacillariophyceae (including diatoms), and
Chrysophyceae (including golden algae). Table 1 highlights some major microalgal
species, products, and their application.

Since the last 20 years, biotechnological and nutraceutical application of
microalgae has focused specifically on four major microalgae: (a) Spirulina
(Arthrospira), (b) Chlorella, (c) Dunaliella salina, and (d) Haematococcus pluvialis.

3.1 Spirulina

Spirulina is a prokaryotic cyanobacterium that has been commercially produced
for over 30 years for uses including fish food, vitamin supplements, food dyes,
aquaculture, pharmaceuticals, and nutraceuticals [15, 16]. Spirulina is
manufactured by many pharmaceutical companies. This alga is thought of as a
super food and is widely cultured, primarily in specifically designed raceway ponds
and photobioreactors, to meet the current demand.

Spirulina is one of the algae studied for large-scale commercial culture. It grows
best at a high pH (9–11) and high bicarbonate concentrations. Generally raceway
ponds are used to culture Spirulina. The water depth in the pond is generally 300–
500 mm depending on the physical–chemical parameters and density of microalgae.
The depth is also dependent on pond size, water flow velocity, and light absorption
by the algal culture. Water temperature and pH have a large effect on the produc-
tivity of this species. It grows well between the temperatures of 35 and 37°C [17].
Spirulina is a filamentous microalga; hence, its harvesting is relatively easy.

Spirulina contains 60–70% protein by weight (including many amino acids) and
contains up to 10 times more beta-carotene than carrots per unit mass [18]. Spiru-
lina is rich in nutrients such as B vitamins, phycocyanin, chlorophyll, vitamin E,
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The first commercial cultivation of Chlorella was started in 1960 in Japan for
nutraceuticals. Microalgae grow fast and produce large biomass with high protein
content and consist the source of “single cell protein” [3] (Figure 1).

Algae are classified into many major groups, based on pigment composition,
storage compound, and diversity in features of its ultrastructure. However, advance
molecular biology-based techniques are nowadays used to check the relation
between taxonomic groups and families of the specific class.

The global market value of microalgae is estimated to be around US$ 6.5 billion,
out of which about US$ 2.5 billion is generated by the health food sector, US$ 1.5
billion by the production of DHA, and US$ 700 million by aquaculture. The annual
production of microalgae is approximately 7.5 million tons.

2. Microalgal diversity

The diversity of microalgae is vast and represents an intact resource. The scien-
tific literature indicates the existence of 200,000 to several million species of
microalgae when compared to about 250,000 species of higher plants [4].

Green microalgae usually grow in freshwater and seawater, whereas several
other species of microalgae grow in extremely saline environments, such as the
Great Salt Lake in UT, USA, and the Dead Sea in Israel. Within these aqueous
habitats, some algae grow inside the deeper waters, others populate the subsurface
water column, and a few grow at the limits of the photic zone, 200–300 m below
the water surface [5–8]. The microalgae are small in size (mostly 5–50 μm) and
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that experience warmer climates and whose temperature does not go too much
below 15°C throughout the year [2]. This type of warmer climate of the Mediterra-
nean region can facilitate the algal growth in the open or closed pond system.

Figure 1.
Application of microalgae in various fields.
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Chrysophyceae (including golden algae). Table 1 highlights some major microalgal
species, products, and their application.

Since the last 20 years, biotechnological and nutraceutical application of
microalgae has focused specifically on four major microalgae: (a) Spirulina
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3.1 Spirulina
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for over 30 years for uses including fish food, vitamin supplements, food dyes,
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manufactured by many pharmaceutical companies. This alga is thought of as a
super food and is widely cultured, primarily in specifically designed raceway ponds
and photobioreactors, to meet the current demand.

Spirulina is one of the algae studied for large-scale commercial culture. It grows
best at a high pH (9–11) and high bicarbonate concentrations. Generally raceway
ponds are used to culture Spirulina. The water depth in the pond is generally 300–
500 mm depending on the physical–chemical parameters and density of microalgae.
The depth is also dependent on pond size, water flow velocity, and light absorption
by the algal culture. Water temperature and pH have a large effect on the produc-
tivity of this species. It grows well between the temperatures of 35 and 37°C [17].
Spirulina is a filamentous microalga; hence, its harvesting is relatively easy.

Spirulina contains 60–70% protein by weight (including many amino acids) and
contains up to 10 times more beta-carotene than carrots per unit mass [18]. Spiru-
lina is rich in nutrients such as B vitamins, phycocyanin, chlorophyll, vitamin E,
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omega 6 fatty acids, and many minerals [19]. Spirulina is used for weight loss [20],
diabetes [21], high blood pressure, and hypertension [22]. It has documented
antiviral [23, 24] and anticancer properties [25]. Spirulina positively affects choles-
terol metabolism by increasing HDL levels, which can lead to healthy cardiovascular
functions [26]. Romay et al. [27] described the antioxidant and anti-inflammatory
properties of C-phycocyanin, which is a prevalent pigment in Spirulina. Essential
amino acids like leucine, isoleucine, and valine are significantly present in Spirulina.
Spirulina contains fatty acids like linolenic and γ-linolenic acid and ω-3 and ω-6
polyunsaturated fatty acids. Spirulina platensis is a natural source of DHA account-
ing up to 9.1% of the total fatty acids. The mineral content of Spirulina depends on
the water in which it was grown, and its content of iron, calcium, and magnesium
provides high nutritional value [16]. Belay et al. [18] reported that Spirulina powder
contains provitamin A (2.330 � 103 IU/kg), β-carotene (140 mg 100/g), vitamin E
(100 mg 100/g), thiamin B1 (3.5 mg 100/g), riboflavin B2 (4.0 mg 100/g), niacin
B3 (14.0 mg 100/g), vitamin B6 (0.8 mg 100/g), inositol (64 mg 100/g), vitamin
B12 (0.32 mg 100/g), biotin (0.005 mg 100/g), folic acid (0.01 mg 100/g),
pantothenic acid (0.1 mg 100/g), and vitamin K (2.2 mg 100/g). The amino acid
composition of Spirulina is given in Table 2.

3.2 Chlorella

Chlorella is a single-cell, spherical shaped (2–10 μm in diameter), and photoau-
totrophic green microalga with no flagella. It multiplies rapidly requiring only CO2,
water, sunlight, and a small amount of minerals. Chlorella has been grown com-
mercially cultured in photobioreactors [28] and harvested by centrifugation or

Group/species Extract Use/application

Arthrospira (Spirulina)
platensis

Phycocyanin, biomass Health food, cosmetics

Arthrospira (Spirulina) Protein, vitamin B12 Antioxidant capsule, immune system

Aphanizomenon
flos-aquae

Protein, essential fatty acids,
β-carotene

Health food, food supplement

Chlorella spp. Biomass, carbohydrate extract Animal nutrition, health drinks, food
supplement

Dunaliella salina Carotenoids, β-carotene Health food, food supplement, feeds

Haematococcus pluvialis Carotenoids, astaxanthin Health food, food supplement, feeds

Odontella aurita Fatty acids, EPA Pharmaceuticals, cosmetics, anti-
inflammatory

Porphyridium cruentum Polysaccharides Pharmaceuticals, cosmetics

Isochrysis galbana Fatty acids Animal nutrition

Phaeodactylum triconutum Lipids, fatty acids Nutrition, fuel production

Lyngbya majuscule Immune modulators Pharmaceuticals, nutrition

Schizochytrium sp. DHA and EPA Food, beverage, and food supplement

Crypthecodinium cohnii DHA Brain development, infant health and
nutrition

Nannochloropsis oculata Biomass Food for larval and juvenile marine fish

Adopted from [14].

Table 1.
The major microalgal species, products, and application.
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autoflocculation. After harvesting the biomass is spray-dried, and the cell powder is
sold directly. Chlorella contains 11–58% protein, 12–28% carbohydrate, and 2–46%
lipids of its dry weight [29]. It also contains various vitamins such as β-carotene
(180 mg 100/g), provitamin A (55,500 IU/kg), thiamin B1 (1.5 mg 100/g), vitamin
E (<1 mg 100/g), riboflavin B2 (4.8 mg 100/g), niacin B3 (23.8 mg 100/g),
vitamin B6 (1.7 mg 100/g), inositol (165.0 mg 100/g), vitamin B12 (125.9 mg
100/g), biotin (191.6 mg 100/g), folic acid (26.9 mg 100/g), and pantothenic acid
(1.3 mg 100/g) [18, 30]. The amino acid composition of Chlorella is shown in
Table 2.

Chlorella is able to decrease blood pressure, lower cholesterol levels, and
enhance the immune system [16]. It also has the potential to relieve fibromyalgia,
hypertension, or ulcerative colitis [31, 32]. The presence of aortic atheromatous
lesions was significantly inhibited, and low-density lipoprotein (LDL) cholesterol
levels were greatly suppressed upon consumption of Chlorella [33]. Some Chlorella
consumers have mentioned a potential correlation between some brands of Chlo-
rella tablets and nausea, vomiting, and other gastrointestinal issues. Chlorella has
been labeled as a weak allergen and may be of clinical significance to certain types
of people [34].

3.3 Dunaliella

Dunaliella (D. salina) is a unicellular green alga which contains large amounts of
β-carotene, glycerol, and protein that can easily be extracted through its thin cell
wall. Dunaliella does not required waters appropriate for agricultural and domestic

Amino acids (g kg�1) Spirulina Chlorella

Alanine 47 48

Arginine 43 36

Aspartic acid 61 52

Cysteine 6 4

Glutamic acid 91 63

Glycine 32 34

Histidine 10 13

Isoleucine 35 26

Leucine 54 53

Lysine 29 35

Methionine 14 15

Phenylalanine 28 31

Proline 27 29

Serine 32 28

Threonine 32 27

Tryptophan 9 6

Tyrosine 30 21

Valine 40 36

Adapted from [16].

Table 2.
Amino acid profile of Spirulina and Chlorella microalgae (in mg kg�1).
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omega 6 fatty acids, and many minerals [19]. Spirulina is used for weight loss [20],
diabetes [21], high blood pressure, and hypertension [22]. It has documented
antiviral [23, 24] and anticancer properties [25]. Spirulina positively affects choles-
terol metabolism by increasing HDL levels, which can lead to healthy cardiovascular
functions [26]. Romay et al. [27] described the antioxidant and anti-inflammatory
properties of C-phycocyanin, which is a prevalent pigment in Spirulina. Essential
amino acids like leucine, isoleucine, and valine are significantly present in Spirulina.
Spirulina contains fatty acids like linolenic and γ-linolenic acid and ω-3 and ω-6
polyunsaturated fatty acids. Spirulina platensis is a natural source of DHA account-
ing up to 9.1% of the total fatty acids. The mineral content of Spirulina depends on
the water in which it was grown, and its content of iron, calcium, and magnesium
provides high nutritional value [16]. Belay et al. [18] reported that Spirulina powder
contains provitamin A (2.330 � 103 IU/kg), β-carotene (140 mg 100/g), vitamin E
(100 mg 100/g), thiamin B1 (3.5 mg 100/g), riboflavin B2 (4.0 mg 100/g), niacin
B3 (14.0 mg 100/g), vitamin B6 (0.8 mg 100/g), inositol (64 mg 100/g), vitamin
B12 (0.32 mg 100/g), biotin (0.005 mg 100/g), folic acid (0.01 mg 100/g),
pantothenic acid (0.1 mg 100/g), and vitamin K (2.2 mg 100/g). The amino acid
composition of Spirulina is given in Table 2.

3.2 Chlorella

Chlorella is a single-cell, spherical shaped (2–10 μm in diameter), and photoau-
totrophic green microalga with no flagella. It multiplies rapidly requiring only CO2,
water, sunlight, and a small amount of minerals. Chlorella has been grown com-
mercially cultured in photobioreactors [28] and harvested by centrifugation or

Group/species Extract Use/application

Arthrospira (Spirulina)
platensis

Phycocyanin, biomass Health food, cosmetics

Arthrospira (Spirulina) Protein, vitamin B12 Antioxidant capsule, immune system

Aphanizomenon
flos-aquae

Protein, essential fatty acids,
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Health food, food supplement

Chlorella spp. Biomass, carbohydrate extract Animal nutrition, health drinks, food
supplement

Dunaliella salina Carotenoids, β-carotene Health food, food supplement, feeds

Haematococcus pluvialis Carotenoids, astaxanthin Health food, food supplement, feeds

Odontella aurita Fatty acids, EPA Pharmaceuticals, cosmetics, anti-
inflammatory

Porphyridium cruentum Polysaccharides Pharmaceuticals, cosmetics

Isochrysis galbana Fatty acids Animal nutrition

Phaeodactylum triconutum Lipids, fatty acids Nutrition, fuel production

Lyngbya majuscule Immune modulators Pharmaceuticals, nutrition

Schizochytrium sp. DHA and EPA Food, beverage, and food supplement

Crypthecodinium cohnii DHA Brain development, infant health and
nutrition

Nannochloropsis oculata Biomass Food for larval and juvenile marine fish

Adopted from [14].
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autoflocculation. After harvesting the biomass is spray-dried, and the cell powder is
sold directly. Chlorella contains 11–58% protein, 12–28% carbohydrate, and 2–46%
lipids of its dry weight [29]. It also contains various vitamins such as β-carotene
(180 mg 100/g), provitamin A (55,500 IU/kg), thiamin B1 (1.5 mg 100/g), vitamin
E (<1 mg 100/g), riboflavin B2 (4.8 mg 100/g), niacin B3 (23.8 mg 100/g),
vitamin B6 (1.7 mg 100/g), inositol (165.0 mg 100/g), vitamin B12 (125.9 mg
100/g), biotin (191.6 mg 100/g), folic acid (26.9 mg 100/g), and pantothenic acid
(1.3 mg 100/g) [18, 30]. The amino acid composition of Chlorella is shown in
Table 2.

Chlorella is able to decrease blood pressure, lower cholesterol levels, and
enhance the immune system [16]. It also has the potential to relieve fibromyalgia,
hypertension, or ulcerative colitis [31, 32]. The presence of aortic atheromatous
lesions was significantly inhibited, and low-density lipoprotein (LDL) cholesterol
levels were greatly suppressed upon consumption of Chlorella [33]. Some Chlorella
consumers have mentioned a potential correlation between some brands of Chlo-
rella tablets and nausea, vomiting, and other gastrointestinal issues. Chlorella has
been labeled as a weak allergen and may be of clinical significance to certain types
of people [34].

3.3 Dunaliella

Dunaliella (D. salina) is a unicellular green alga which contains large amounts of
β-carotene, glycerol, and protein that can easily be extracted through its thin cell
wall. Dunaliella does not required waters appropriate for agricultural and domestic

Amino acids (g kg�1) Spirulina Chlorella

Alanine 47 48

Arginine 43 36

Aspartic acid 61 52

Cysteine 6 4

Glutamic acid 91 63

Glycine 32 34

Histidine 10 13

Isoleucine 35 26

Leucine 54 53

Lysine 29 35

Methionine 14 15

Phenylalanine 28 31

Proline 27 29

Serine 32 28

Threonine 32 27
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uses and can be cultured in brackish water, marine water, and highly saline water.
Global production of Dunaliella is estimated to be 1200 tons dry weight per year
[16]. The dominant companies that produce Dunaliella, mainly for beta-carotene
production, are located in Israel, China, the USA, and Australia and include
Betatene, Western Biotechnology, AquaCarotene Ltd., Cyanotech Corp., and
Nature Beta Technologies [35].

Dunaliella produces many carotenoid pigments with the dominant being beta-
carotene and smaller amounts of lutein and lycopene [36]. Some strains of
Dunaliella contain up to 14% of beta-carotene on dry weight basis. The total carot-
enoid content of Dunaliella varies with the physicochemical parameters and growth
conditions. In optimal environmental condition, it can yield around 400 mg beta-
carotene/m2 of cultivation area [37]. Carotenoids from Dunaliella are potent free
radical scavengers that reduce levels of lipid peroxidation and enzyme inactivation,
thereby restoring enzyme activity. Research has shown beta-carotene to prevent
cancer of various organs like the lungs, cervix, pancreas, colon, rectum, breast,
prostate, and ovary by means of antioxidant activity [36]. It has also been shown to
promote regression of certain types of cancer. Supplements of Dunaliella have also
shown excellent hepatoprotective effects and reduced the occurrence of liver
lesions [38].

3.4 Haematococcus pluvialis

Haematococcus pluvialis (H. pluvialis) is unicellular biflagellate freshwater green
microalga. This species is known for its ability to accumulate large quantities of

Composition content (% of DW) Green stage Red stage

Proteins 29–45 17–25

Lipids (% of total) 20–25 32–37

Neutral lipids 59 51.9–53.5

Phospholipids 23.7 20.6–21.1

Glycolipids 11.5 25.7–26.5

Carbohydrates 15–17 36–40

Carotenoids (% of total) 0.5 2–5

Neoxanthin 8.3 n.d

Violaxanthin 12.5 n.d

β-carotene 16.7 1

Lutein 56.3 0.5

Zeaxanthin 6.3 n.d

Astaxanthin (including esters) n.d 81.2

Adonixanthin n.d 0.4

Adonirubin n.d 0.6

Canthaxanthin n.d 5.1

Echinenone n.d 0.2

Chlorophylls 1.5 2 0

Adapted from [16].

Table 3.
Composition of H. pluvialis biomass in green and red cultivation stages.
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strong antioxidant astaxanthin (up to 2–3% on dry weight) under any conditions.
The principal commercial astaxanthin-producing microalga is H. pluvialis [9, 26].
Astaxanthin is used as a nutritional supplement and anti-inflammatory and anti-
cancer agent for cardiovascular diseases and is recently recorded to prevent diabetes
and neurodegenerative disorders and stimulates immunization. It also has
anti-inflammatory properties and is used for various commercial applications in the
dosage forms as biomass, capsules, creams, granulated powders, oils, soft gels,
syrups, and tablets [39].

Photoautotrophic culture of H. pluvialis is mainly carried out in open raceway
ponds or closed photobioreactors. The accumulation of astaxanthin is affected by
environmental factors such as light, temperature, pH, salt concentration, and
nutritional stresses. The cellular composition of H. pluvialis varies notably between
its “green” and “red” stages of cultivation [40]. Specific biochemical characters of
green and red stage of H. pluvialis are described in Table 3. The table shows that
carbohydrate content in the green stage is approximately half of the red stage.
H. pluvialis can accumulate approximately 5% DW of astaxanthin which is
considered as a natural source of this high-value carotenoid protein [37].

3.5 Aphanizomenon

Aphanizomenon is a prokaryotic cyanobacterium commonly found in freshwater
systems. There are approximately 500 tons of dried Aphanizomenon produced
annually for use in food and pharmaceutical industries [41]. The dominant produc-
tion source of Aphanizomenon in North America is Upper Klamath Lake and Klam-
ath Falls, Oregon, and currently constitutes a significant part of the health food
supplement industry throughout North America. Aphanizomenon contains a signif-
icant amount of C-phycocyanin, a light-harvesting pigment. It has antioxidant
and anti-inflammatory properties [42]. Aphanizomenon also exhibits high

Component Spirulina Dunaliella Haematococcus Chlorella Aphanizomenon

Protein 63 7.4 23.6 64.5 1.0

Fat 4.3 7.0 13.8 10.0 3.0

Carbohydrate 17.8 29.7 38.0 15.0 23.0

Chlorophyll 1.15 2.2 0.4 (red)
1.1 (green)

5.0 1.8

Magnesium 0.319 4.59 1.14 0.264 0.2

B-carotene 0.12 1.6 0.054 0.086 0.42

Vitamin B1 (thiamin) 0.001 0.0009 0.00047 0.0023 0.004

Vitamin B2 (riboflavin) 0.0045 0.0009 0.0017 0.005 0.0006

Vitamin B3 (niacin) 0.0149 0.001 0.0066 0.025 0.025

Vitamin B5 (pantothenic
acid)

0.0013 0.0005 0.0014 0.0019 0.0008

Vitamin B6 (pyridoxine) 0.00096 0.0004 0.00036 0.0025 0.0013

Vitamin B9 (folic acid) 0.000027 0.00004 0.00029 0.0006 0.0001

Vitamin B12 (cobalamine) 0.00016 0.000004 0.00012 0.000008 0.0006

Adopted from [16].

Table 4.
Summary of referenced biochemical constitutions of average nutritional compositions (g per 100 g DW).
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uses and can be cultured in brackish water, marine water, and highly saline water.
Global production of Dunaliella is estimated to be 1200 tons dry weight per year
[16]. The dominant companies that produce Dunaliella, mainly for beta-carotene
production, are located in Israel, China, the USA, and Australia and include
Betatene, Western Biotechnology, AquaCarotene Ltd., Cyanotech Corp., and
Nature Beta Technologies [35].

Dunaliella produces many carotenoid pigments with the dominant being beta-
carotene and smaller amounts of lutein and lycopene [36]. Some strains of
Dunaliella contain up to 14% of beta-carotene on dry weight basis. The total carot-
enoid content of Dunaliella varies with the physicochemical parameters and growth
conditions. In optimal environmental condition, it can yield around 400 mg beta-
carotene/m2 of cultivation area [37]. Carotenoids from Dunaliella are potent free
radical scavengers that reduce levels of lipid peroxidation and enzyme inactivation,
thereby restoring enzyme activity. Research has shown beta-carotene to prevent
cancer of various organs like the lungs, cervix, pancreas, colon, rectum, breast,
prostate, and ovary by means of antioxidant activity [36]. It has also been shown to
promote regression of certain types of cancer. Supplements of Dunaliella have also
shown excellent hepatoprotective effects and reduced the occurrence of liver
lesions [38].

3.4 Haematococcus pluvialis

Haematococcus pluvialis (H. pluvialis) is unicellular biflagellate freshwater green
microalga. This species is known for its ability to accumulate large quantities of

Composition content (% of DW) Green stage Red stage

Proteins 29–45 17–25

Lipids (% of total) 20–25 32–37

Neutral lipids 59 51.9–53.5

Phospholipids 23.7 20.6–21.1

Glycolipids 11.5 25.7–26.5

Carbohydrates 15–17 36–40

Carotenoids (% of total) 0.5 2–5

Neoxanthin 8.3 n.d

Violaxanthin 12.5 n.d

β-carotene 16.7 1

Lutein 56.3 0.5

Zeaxanthin 6.3 n.d

Astaxanthin (including esters) n.d 81.2

Adonixanthin n.d 0.4

Adonirubin n.d 0.6

Canthaxanthin n.d 5.1

Echinenone n.d 0.2

Chlorophylls 1.5 2 0

Adapted from [16].
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Composition of H. pluvialis biomass in green and red cultivation stages.
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strong antioxidant astaxanthin (up to 2–3% on dry weight) under any conditions.
The principal commercial astaxanthin-producing microalga is H. pluvialis [9, 26].
Astaxanthin is used as a nutritional supplement and anti-inflammatory and anti-
cancer agent for cardiovascular diseases and is recently recorded to prevent diabetes
and neurodegenerative disorders and stimulates immunization. It also has
anti-inflammatory properties and is used for various commercial applications in the
dosage forms as biomass, capsules, creams, granulated powders, oils, soft gels,
syrups, and tablets [39].

Photoautotrophic culture of H. pluvialis is mainly carried out in open raceway
ponds or closed photobioreactors. The accumulation of astaxanthin is affected by
environmental factors such as light, temperature, pH, salt concentration, and
nutritional stresses. The cellular composition of H. pluvialis varies notably between
its “green” and “red” stages of cultivation [40]. Specific biochemical characters of
green and red stage of H. pluvialis are described in Table 3. The table shows that
carbohydrate content in the green stage is approximately half of the red stage.
H. pluvialis can accumulate approximately 5% DW of astaxanthin which is
considered as a natural source of this high-value carotenoid protein [37].

3.5 Aphanizomenon

Aphanizomenon is a prokaryotic cyanobacterium commonly found in freshwater
systems. There are approximately 500 tons of dried Aphanizomenon produced
annually for use in food and pharmaceutical industries [41]. The dominant produc-
tion source of Aphanizomenon in North America is Upper Klamath Lake and Klam-
ath Falls, Oregon, and currently constitutes a significant part of the health food
supplement industry throughout North America. Aphanizomenon contains a signif-
icant amount of C-phycocyanin, a light-harvesting pigment. It has antioxidant
and anti-inflammatory properties [42]. Aphanizomenon also exhibits high

Component Spirulina Dunaliella Haematococcus Chlorella Aphanizomenon

Protein 63 7.4 23.6 64.5 1.0

Fat 4.3 7.0 13.8 10.0 3.0

Carbohydrate 17.8 29.7 38.0 15.0 23.0

Chlorophyll 1.15 2.2 0.4 (red)
1.1 (green)

5.0 1.8

Magnesium 0.319 4.59 1.14 0.264 0.2

B-carotene 0.12 1.6 0.054 0.086 0.42

Vitamin B1 (thiamin) 0.001 0.0009 0.00047 0.0023 0.004

Vitamin B2 (riboflavin) 0.0045 0.0009 0.0017 0.005 0.0006

Vitamin B3 (niacin) 0.0149 0.001 0.0066 0.025 0.025

Vitamin B5 (pantothenic
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0.0013 0.0005 0.0014 0.0019 0.0008
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Vitamin B9 (folic acid) 0.000027 0.00004 0.00029 0.0006 0.0001
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Adopted from [16].

Table 4.
Summary of referenced biochemical constitutions of average nutritional compositions (g per 100 g DW).
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hypo-cholesterolemic activity, significantly greater than soybean oil, which
decreases blood cholesterol and triglyceride levels [43–45]. It also produces poly-
unsaturated fatty acids (i.e., omega 3 and omega 6), a deficiency of which has been
linked to immunosuppression, arthritis, cardiovascular diseases, mental health
issues, and dermatological problems [16]. A summary on biochemical characters of
all these economically important species is described in Table 4.

4. Summary

As the human population continues to increase, the demand for nutritive food
and health products increases concomitantly. The sources of nutritive biomass that
can meet this demand are pursued rampantly. Their wide diversity, fast growth,
and diverse uses make them easily accepted for commercial culture. Microalgae
require much fewer resources as compared to other crops. The role of algae in
human health and nutrition will continually increase with additional research in
the areas of health benefits and culturing. The usage of currently produced algae
primarily includes food, food additives, aquaculture, colorants, cosmetics, pharma-
ceuticals, and nutraceuticals. Very few algal species are being cultivated for human
use. There are likely more species of algae that have not been identified than ones
that have and those still numbers in the thousands. Therefore, the potential for algal
use in the realms of food consumption, health supplements, energy production, and
many more is likely to intensify in the years to come.
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Chapter 6

The Red Microalga Galdieria 
as a Promising Organism for 
Applications in Biotechnology
Mária Čížková, Milada Vítová and Vilém Zachleder

Abstract

The genus Galdieria refers to red algae and includes microscopic  inhabitants 
of highly acidic (pH 1–2), often volcanic habitats. They are thermophilic or 
thermo-tolerant organisms, some of them surviving temperatures up to 56°C. As 
other extremophilic microorganisms, they exhibit unique features derived from 
their modified metabolisms. In this chapter, we will review the special abilities 
of Galdieria species such as metabolic flexibility to grow photoautotrophically, 
heterotrophically or mixotrophically, ability to utilize a whole range of unusual 
carbon sources, capability of surviving extreme environments or their extremely 
high resistance to metals. We will discuss the potential of Galdieria for applications 
in biotechnology, for example, phycocyanin production, nutrient removal from 
urban wastewaters, bio-mining, treatment of acidic mine drainage, selective metal 
precipitation, bioremediation of acidic metal-contaminated areas or recovery of 
critical and scarce metals from secondary sources.

Keywords: Galdieria, red algae, extremophiles, metals, biotechnology, recovery

1. Introduction

The alga Galdieria belongs to the class Cyanidiophyceae, which are unicellular 
red algae classified into three genera Cyanidium, Cyanidioschyzon, and Galdieria. 
They have a relatively simple morphology consisting of spherical thick-walled cells 
containing one chloroplast, 1–3 mitochondria, a nucleus, a vacuole, and storage 
products. They inhabit diverse environments including hot sulfur springs, streams, 
mud, rock walls, endolithic habitats, etc. Galdieria is an extremophilic organism 
surviving in acidic geothermal environments with very low pH and high tempera-
tures. It exhibits a unique metabolism enabling auto-, mixo-, and heterotrophic 
growth. Versatility in the utilization of carbon sources for heterotrophic growth is 
enormous including a large range of sugars and alcohols. Besides low pH and high 
temperature, the Galdieria have several unique mechanisms for metal tolerance, 
enabling them to grow in environments rich in toxic metals [1, 2], where other 
organisms cannot grow at all or with difficulties.

For its unique extremophilic properties, the alga Galdieria is an unrivaled 
 organism for biotechnological applications in surroundings with high temperatures, 
low pH, and high concentrations of heavy metals and organic compounds, par-
ticularly sugars. It can be cultivated under conditions where other microalgae often 
become contaminated with microorganisms, which is a major problem for their 
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application in biotechnology [3]. The autotrophic cultivation of Galdieria follows 
predominant research trends in microalgal pigments, ß carotene, astaxanthin, and 
phycocyanin used in feed, in foods, in health applications or biofuels production. 
The composition of storage glycogen and lipids for biofuels can be largely changed 
depending on the growth conditions. Galdieria biomass has potential for use as food 
ingredients, both for protein-rich or insoluble dietary fiber-rich diets and for its low 
concentration of lipids.

2. Taxonomy and biodiversity

The order Cyanidiales from the class Cyanidiophyceae are a group of asexual, 
unicellular organisms that diverged from ancestral red algae around 1.3 billion years 
ago [4, 5]. These unicellular red algae were classified into three genera, Cyanidium, 
Cyanidioschyzon, and Galdieria. Cyanidioschyzon merolae is clearly recognizable 
thanks to its characteristic size and shape, but the other two algae are morphologi-
cally very similar. Until 1981 Cyanidium caldarium was used as a synonym for 
Galdieria sulphuraria, however, this species can grow only autotrophically while G. 
sulphuraria is also able to grow heterotrophically [6, 7]. Based on morphological, 
ultrastructural and ecophysiological studies the class Cyanidiophyceae was there-
fore instituted, containing the family Cyanidiaceae, including Cyanidium caldarium 
and the family Galdieriaceae, including Galdieria sulphuraria [8].

Different Cyanidiophycean species, including Galdieria, are found all over the 
world; however, their distribution is discontinuous as they are restricted to hot 
springs and geothermal habitats. This is related to the discontinuity of geothermal 
environments. Two decades ago, little was known about their biodiversity, their 
population structures, and the phylogenetic relationships of Cyanidiales.

Research based on environmental PCR studies revealed an unexpected level 
of genetic diversity among Cyanidiales. It was demonstrated that the Cyanidiales 
comprise a species-rich branch of red algae [9]. The high divergence rates in the 
Cyanidiales could be possibly explained by an elevated mutation rate in these taxa, 
resulting potentially from DNA damage in their extreme environments. The analy-
ses also reject the putative mesophilic origin of Cyanidiales and suggest ancestral 
thermo-acidotolerancy of this lineage [9].

Sequencing of the rbcL gene with high sequence divergence within the genus 
has contributed to the taxonomy of Galdieria [10–12]. A cladogram defining 
molecular relationships among these algae shows that Cyanidium caldarium and 
Cyanidioschyzon merolae form a sister group relationship with Galdieria [11]. The 
genus Galdieria is divided into two clades, one of which includes G. sulphuraria 
accessions from Naples (Italy), California, and Yellowstone and the other one 
includes G. sulphuraria accessions from Java (Indonesia) and Russian species [11].

Based on molecular phylogenetics, three well supported Galdieria species exist: 
G. maxima Sentsova, G. sulphuraria (Galdieri) Merola (including two Russian spe-
cies G. partita Sentsova and G. daedala Sentsova, described based on morphological 
differences) and G. phlegrea Pinto, Ciniglia, Cascone et Pollio [9, 13, 14].

Consequently, the main lineages were identified: G. phlegrea [14] comprising 
strains thriving in acidic non-thermophilic Italian sites; G. sulphuraria, a group 
that is geographically dispersed worldwide, including G. sulphuraria strains as 
well as G. partita and G. daedala, isolated from acid-thermal springs in Russia 
[15]. A final lineage contains the cosmopolitan species G. maxima [15], which is 
clustered independently from the Galdieria clade (G. sulphuraria + G. phlegrea) and 
shows an unexplained sister group relationship with the morphologically distinct 
Cyanidioschyzon merolae [5, 9, 10, 12, 16].
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Generally, Galdieria (Cyanidiales) is well known from Italy [5, 9, 14, 17] 
Yellowstone National Park, USA [18, 19], New Zealand [20], Iceland [10], and 
recently from the Czech Republic [21, 22].

Phylogenetic analyses of the rbcL gene also showed that Galdieria from the 
coal mining site at Ostrava, Czech Republic, belongs to the cosmopolitan species 
G. sulphuraria, for now the only eukaryotic organism forming visible biomass on 
a burning coal-waste heap [10]. This was the first evidence of this species growing 
in central Europe, and isolates were closely related to the Italian strains, together 
forming the continental European lineage of G. sulphuraria [21]. Another, non-
thermophilic strain of Galdieria, also found in the Czech Republic [22], referred to 
as CCALA 965 (Culture Collection of Autotrophic Organisms, Institute of Botany, 
CAS, Třeboň, Czech Republic) was found to belong to the species G. phlegrea, so far 
known only from Italy [13, 14].

3. Morphology and extremophile properties

Morphology of the unicellular taxa Cyanidiales is relatively simple. Thick-walled 
cells are of a spherical shape and usually contain one chloroplast, 1–3 mitochondria, 
a nucleus, a vacuole, and energy reserve products [8, 12, 15, 23, 24].

Representatives of the order Cyanidiales are unparalleled among phototrophic 
microorganisms (eukaryotes) in their ability to thrive in acidic (pH 0.5–3.5) and 
high temperature (38–56°C) geothermal environments. Soils, sediments, and 
endolithic habitats around hot springs, boiling mud pools, and steaming fumaroles 
are typical for these extremophiles, which are dominant in local microbial commu-
nities [5, 9, 10, 14, 17–20, 25–30]. They are the principal photosynthetic organisms 
found in hot acidic waters [31], where even photosynthetic prokaryotes, such as the 
cyanobacteria, are completely absent [32–34].

G. sulphuraria is a unicellular, spherical, spore-forming red alga. In addition to 
acidophilic and thermophilic properties, it has the ability to grow phototrophically, 
mixotrophically and moreover heterotrophically while utilizing sugars, alcohols or 
amino acids [7, 35, 36]. G. sulphuraria cells are morphologically indiscernible from 
cells of Cyanidium caldarium, however, are well recognizable thanks to their ready 
ability to grow heterotrophically in the dark [16, 18]. In its natural environment, 
G. sulphuraria has a yellow to green color; however, when heterotrophically grown 
in liquid medium, it looks like yellow-green to dark blue-green. The cell size of G. 
sulphuraria is larger than that of C. caldarium. It reproduces by endospore forma-
tion ranging from four to thirty-two. As originally described, G. sulphuraria has a 
single, cup-shaped, parietally localized chloroplast [8] and includes a vacuole and 
mitochondria [11].

Morphological similarities between G. sulphuraria and G. phlegrea are so high 
that methods for recognition of these species, their habitats, and growth require-
ments, together with molecular analyses, are used.

G. phlegrea (Figure 1) prefers a relatively low temperature (25–38°C) for growth 
and inhabits rather dry endolithic sites with high acidity (pH 0.5–1.5) [9, 14, 22]. The 
Latin word phlegreus means volcanic, what is consistent with the specific locality, 
(Campi Flegrei, Naples, Italy), where the alga was found [14]. The locality provides 
diverse environmental conditions in the form of hot springs, streams, mud, rock 
walls, with different pHs and temperature ranges, producing the different micro-
habitats occurring in that site. [14].

Strain DB01 of G. phlegrea from the Tinto River (Spain) has typical coccoid cells 
with thick smooth cell walls. Mature cells reach the average size of 6.4 μm. The cell 
possesses a blue-green chloroplast without pyrenoids. Typical for the alga is asexual 
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application in biotechnology [3]. The autotrophic cultivation of Galdieria follows 
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fore instituted, containing the family Cyanidiaceae, including Cyanidium caldarium 
and the family Galdieriaceae, including Galdieria sulphuraria [8].
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comprise a species-rich branch of red algae [9]. The high divergence rates in the 
Cyanidiales could be possibly explained by an elevated mutation rate in these taxa, 
resulting potentially from DNA damage in their extreme environments. The analy-
ses also reject the putative mesophilic origin of Cyanidiales and suggest ancestral 
thermo-acidotolerancy of this lineage [9].

Sequencing of the rbcL gene with high sequence divergence within the genus 
has contributed to the taxonomy of Galdieria [10–12]. A cladogram defining 
molecular relationships among these algae shows that Cyanidium caldarium and 
Cyanidioschyzon merolae form a sister group relationship with Galdieria [11]. The 
genus Galdieria is divided into two clades, one of which includes G. sulphuraria 
accessions from Naples (Italy), California, and Yellowstone and the other one 
includes G. sulphuraria accessions from Java (Indonesia) and Russian species [11].

Based on molecular phylogenetics, three well supported Galdieria species exist: 
G. maxima Sentsova, G. sulphuraria (Galdieri) Merola (including two Russian spe-
cies G. partita Sentsova and G. daedala Sentsova, described based on morphological 
differences) and G. phlegrea Pinto, Ciniglia, Cascone et Pollio [9, 13, 14].

Consequently, the main lineages were identified: G. phlegrea [14] comprising 
strains thriving in acidic non-thermophilic Italian sites; G. sulphuraria, a group 
that is geographically dispersed worldwide, including G. sulphuraria strains as 
well as G. partita and G. daedala, isolated from acid-thermal springs in Russia 
[15]. A final lineage contains the cosmopolitan species G. maxima [15], which is 
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Yellowstone National Park, USA [18, 19], New Zealand [20], Iceland [10], and 
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Phylogenetic analyses of the rbcL gene also showed that Galdieria from the 
coal mining site at Ostrava, Czech Republic, belongs to the cosmopolitan species 
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a burning coal-waste heap [10]. This was the first evidence of this species growing 
in central Europe, and isolates were closely related to the Italian strains, together 
forming the continental European lineage of G. sulphuraria [21]. Another, non-
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are typical for these extremophiles, which are dominant in local microbial commu-
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found in hot acidic waters [31], where even photosynthetic prokaryotes, such as the 
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single, cup-shaped, parietally localized chloroplast [8] and includes a vacuole and 
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reproduction by autospores originating in the parental cell and resulting in auto-
sporangia with 2–8 daughter cells. Testing the culture conditions of the isolate DB01 
showed that the algae were not strictly thermophilic [13].

G. maxima is characterized by facultative heterotrophy; however, G. maxima 
strains grow very poorly when cultivated under dark conditions. Spherical cells 
are significantly larger (10–16 μm diameter) compared with other thermoacido-
philic algal species [18, 23]. Cell size is thus used as the main character to distin-
guish one from the other. Inside the cell are at least two parietal plastids, lobe or 
oval shaped [37].

4. Genomes

Genetic information for the red algae Galdieria (G. maxima, G. partita, and  
G. sulphuraria) is located in the nucleus, in two small chromosomes, which differ in 
length. The smaller chromosome ranges from 0.8 to 1.8 μm and the larger one from 
1.2 to 2.3 μm. The genome is characterized by an unusually high gene density, small 
or absent introns, and very few repetitive sequences. A genome size of 10.8 Mbp 
was estimated for G. sulphuraria [38]. In other strains of G. sulphuraria, genome 
sizes were found between 9.8 and 14.2 Mbp [39]. These genome characteristics refer 
to the smallest known genomes of all free living eukaryotes [38, 40].

The mitochondrial genome is extremely small in size with a very low genetic 
content. It is characterized by the highest guanine-cytosine content among all red 
algae.

The plastid genome contains a large number of intergenic stem-loop structures 
but is otherwise rather typical in size, structure, and content in comparison with 
other red algae. It is assumed that the unique genomic characteristic resulted from 
both the harsh conditions in which Galdieria lives and its unusual ability to grow 
mixotrophically, heterotrophically, and endolithically. The authors [41] suggested 
that “these conditions place additional mutational pressures on the mitogenome 
due to the increased reliance on the mitochondrion for energy production, whereas 
the decreased reliance on photosynthesis and the presence of numerous stem-loop 
structures may shield the plastome from similar genomic stress.”

Figure 1. 
Microphotographs of Galdieria phlegrea in bright field (A) and fluorescence (B). Nuclei in the panel B are 
in blue (stained by DAPI) and chloroplasts are in red (autofluorescence). The chloroplasts of large mother 
dividing cells are not visible. The bar is 10 μm.
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5. Biotechnological applications

Galdieria with its extensive extremophilic properties, which are unique not 
only among all eukaryotic organisms but even in extremophilic prokaryotes, has a 
broad utilization in biotechnology. It is the only algae that can grow photo-, mixo-, 
and heterotrophically to biomass concentrations above 100 g/L dry weight [42]. 
For heterotrophic growth, it can use over 27 different kinds of sugars and polyols to 
produce a huge biomass and beneficial compounds [7, 43, 44]. It tolerates concen-
trations of glucose and fructose up to 166 g/L, salt concentrations up to 1–2 M, and 
pH values below pH 1 [42, 45] and can attain 80–110 g L−1 biomass in continuous 
flow cultures [43]. The ability of Galdieria to grow under conditions intolerable for 
other organisms, even prokaryotic ones, predetermines its biotechnical applications 
in such surroundings as different, often toxic, wastewaters, treatment of acid mine 
drainage, selective metal precipitation, bioremediation of acidic metal-contami-
nated areas, or recovery of critical and scarce metals from secondary sources.

5.1 Wastewaters

Recycling of valuable components and nutrients from wastewaters using algae 
has recently been studied extensively. But only limited types of wastewaters can be 
treated because wastewaters are generally acidic and most algal species grow with 
difficulty at low pH, and absorption rates that can be achieved by bioaccumula-
tion decrease substantially [46–49]. The acidophilic alga G. sulphuraria is the only 
alga that has commercial potential for remediation of these wastewaters [50, 51]. 
Nutrient removal from municipal wastewater by the alga G. sulphurea was found 
to be very efficient for ammoniacal-nitrogen (88.3%) and phosphate (95.5%) in 
large scale outdoor bioreactors [51]. Additionally, many crucial elements, including 
phosphate and rare earth elements from wastewater were successfully bio-sorbed 
[51, 52]. It can be concluded that G. sulphuraria can be applied as a preferred strain 
for energy-efficient nutrient removal from urban wastewaters [51], achieving 
higher nutrient removal efficiencies and removal rates than other strains. This alga 
can also be used for bio-sorption of precious metals from metal-containing waste-
waters. The great advantage is that precious metals can be efficiently bio-sorbed by 
Galdieria cells even if they are present in very low concentrations. Over 90% of gold 
and palladium were recovered from aqua-regia-based metallic wastewater where 
metal concentrations were so low that they could not be recycled chemically or 
pyro-metallurgically. Because the entire process could be completed within 1 h, the 
use of G. sulphuraria has promising applications in metal recovery [53], particularly 
where Pt and Au could be selectively re-eluted from cells into a solution containing 
0.2 M ammonium salts without other contaminating metals [54].

5.2 Rare earth elements

Lanthanides [Rare Earth Elements (REEs)] have unique magnetic and catalytic 
properties and are, up to now, irreplaceable materials in numerous technologies, for 
example, wind turbines, solar panels, batteries, fluorescent lamps, computer and 
mobile monitors, TV screens etc. They are also used as fertilizers in agriculture, in 
aquaculture, or as animal growth enhancers.

Methods for extraction of lanthanides from ores, including pyro-metallurgy and 
hydro-metallurgy, have severe negative environmental impacts, as well as being 
expensive. Currently, industrial extraction of lanthanides from monazite involves 
either a basic process that uses concentrated sodium hydroxide or an acidic process 
that uses concentrated sulfuric acid. These processes generate large amounts of 
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in such surroundings as different, often toxic, wastewaters, treatment of acid mine 
drainage, selective metal precipitation, bioremediation of acidic metal-contami-
nated areas, or recovery of critical and scarce metals from secondary sources.
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has recently been studied extensively. But only limited types of wastewaters can be 
treated because wastewaters are generally acidic and most algal species grow with 
difficulty at low pH, and absorption rates that can be achieved by bioaccumula-
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alga that has commercial potential for remediation of these wastewaters [50, 51]. 
Nutrient removal from municipal wastewater by the alga G. sulphurea was found 
to be very efficient for ammoniacal-nitrogen (88.3%) and phosphate (95.5%) in 
large scale outdoor bioreactors [51]. Additionally, many crucial elements, including 
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[51, 52]. It can be concluded that G. sulphuraria can be applied as a preferred strain 
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higher nutrient removal efficiencies and removal rates than other strains. This alga 
can also be used for bio-sorption of precious metals from metal-containing waste-
waters. The great advantage is that precious metals can be efficiently bio-sorbed by 
Galdieria cells even if they are present in very low concentrations. Over 90% of gold 
and palladium were recovered from aqua-regia-based metallic wastewater where 
metal concentrations were so low that they could not be recycled chemically or 
pyro-metallurgically. Because the entire process could be completed within 1 h, the 
use of G. sulphuraria has promising applications in metal recovery [53], particularly 
where Pt and Au could be selectively re-eluted from cells into a solution containing 
0.2 M ammonium salts without other contaminating metals [54].

5.2 Rare earth elements

Lanthanides [Rare Earth Elements (REEs)] have unique magnetic and catalytic 
properties and are, up to now, irreplaceable materials in numerous technologies, for 
example, wind turbines, solar panels, batteries, fluorescent lamps, computer and 
mobile monitors, TV screens etc. They are also used as fertilizers in agriculture, in 
aquaculture, or as animal growth enhancers.

Methods for extraction of lanthanides from ores, including pyro-metallurgy and 
hydro-metallurgy, have severe negative environmental impacts, as well as being 
expensive. Currently, industrial extraction of lanthanides from monazite involves 
either a basic process that uses concentrated sodium hydroxide or an acidic process 
that uses concentrated sulfuric acid. These processes generate large amounts of 
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hazardous waste containing thorium and uranium [55]. Moreover, requirements for 
REEs are continually increasing, becoming critical due to risks of reduced availabil-
ity of resources and their possible exhaustion.

One way to solve the problem would be efficient, sustainable, and cheap recy-
cling of REE-containing wastewaters and others industrial wastes.

Considerable research efforts have been directed toward the development 
of efficient biological methods for recovering small amounts of these materials 
from wastewater systems [48, 49]. Research has recently focused on environmen-
tally friendly technologies of metal recovery, including REEs, from secondary 
resources [56, 57] including bio-sorption by algae or cyanobacteria [52, 58]; for 
review, see [59, 60].

However, if REEs were present in an aquatic environment, together with other 
metals, most algae could not accumulate high concentrations of REEs [61, 62] due 
to metal-inhibited growth. The extraction of REEs or other metals have now been 
simplified by the use of Galdieria cells, which were effective in the recovery of 
many crucial elements, including phosphates and REEs [51, 52].

Similar to its relative Cyanidium caldarium, G. sulphuraria is resistant to high 
concentrations of metals in solution, including Al3+. Moreover, it could be used 
to selectively recover lanthanides and Cu2+ ions from water containing various 
kinds of metals at a pH of 2.5. The concentration of soluble metals in solution 
remained unchanged at pH values within the range 0.5–5.0 [52]. In contrast, 
this process is usually difficult to achieve by bacterial bio-sorption. Lowering 
of pH to 1.0–1.5 enabled the recovery of lanthanides from cells whereas Cu2+ 
ions remained dissolved in aqueous acid. The use of G. sulphuraria also allowed 
recovery of over 90% of low levels of metals (0.5 ppm) from solution by cell 
fractionation at pH values in the range of 1.5–2.5. This system did not require 
any genetic manipulation or treatment of the cells for the efficient recovery of 
lanthanides [52].

Recycling from different mineral ores and electronic wastes (luminophores) 
often meets difficulties in that REEs are not suitable for bio-sorption because they 
are present in solid forms and are almost insoluble in nutrient solutions for algal 
cultivation. The material can be readily dissolved in aqueous acid, but the efficiency 
of metal bio-sorption for most algae is usually decreased under acidic conditions or 
the algae cannot grow at a low pH. Application of extremophilic red alga Galdieria 
would therefore be an advantageous solution to this problem and seems to be the 
aim of future research. The species Galdieria phlegrea has already been used to test 
the bio-accumulation of REEs from luminophores added into the medium in the 
form of a powder. Algal cells were cultured mixotrophically in a liquid medium with 
the addition of glycerol as a source of carbon. Luminophores from two different 
sources (fluorescence lamps and energy saving light bulbs) were tested. In spite 
of the low solubility of luminophores, G. phlegrea could grow in the presence of 
luminophores and accumulate REEs [63, 64].

Another rich source of lanthanides is bauxite residue, called red mud, which is a 
by-product of the production of alumina (aluminum oxide) from bauxite. However, 
less than 2% of the residue produced annually is currently being reused [65], due 
to difficulties related to high pH, salinity, low solid content, size of fine particles, 
and the leaching of metals [66]. The ability to grow in the presence of red mud and 
accumulate REEs was successfully tested with G. phlegrea (Figure 2) [67].

To conclude, the alga G. sulphuraria offers great potential for the direct recovery 
of REEs from metal-containing wastewaters (even if present at very low concentra-
tions) or from solid waste material (luminophores) as well as for bio-mining from 
bauxite ore residue (red mud).
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5.3 Phycocyanin

Phycocyanin is an important compound that can be obtained from microalgal 
and cyanobacterial cultures. It is used as a fluorescent marker in diagnostic histo-
chemistry [68, 69] and as a dye in foods and cosmetics [70] or as a therapeutic agent 
[71, 72]. Production of phycocyanin as a photosynthetic pigment in most microal-
gae grown heterotrophically is low and not suitable for biotechnological applica-
tions [73]. In contrast, phycocyanin as a major pigment of G. sulphuraria can be 
produced even under heterotrophic conditions in darkness [7, 74]. Due to superior 
biomass productivity, the productivity of phycocyanin in cultures of G. sulphuraria 
was 1–2 orders of magnitude greater than in Arthrospira (Spirulina) platensis, which 
was used recently for commercial production of phycocyanin [43] and was depen-
dent on sunlight and climatic conditions. Besides light independence, G. sulphuraria 
tolerates a concentrated medium and can metabolize many different compounds as 
a source of carbon and energy [7, 75].

For example, G. sulphuraria could grow in restaurant and bakery waste hydroly-
sates in which sugars and free amino acids were utilized as substrates. Ammonium 
and inorganic nutrients were, however, needed in order to maximize phycocyanin 
synthesis [76].

The feasibility of utilizing crude glycerol (a major waste by-product of biofuel 
production from oilseed rape) as a carbon source for heterotrophic growth of green 
microalgae [54] was confirmed for Chlorella and also for G. sulphuraria.

G. sulphuraria has also been grown on sugar beet molasses [42]. Under hetero-
trophic conditions, phycocyanin synthesis depends mostly on available ammonium 
ions [77]. Ammonium sulphate was tolerated in higher molar concentrations than 
glucose, fructose, or sodium chloride [22, 23].

G. sulphuraria is well suited for heterotrophic growth to an extremely high 
cell density, which is among the highest biomass concentrations ever reported for 
microalgal cultures. Nearly 5% of sugar is employed for biomass yield, which is 
comparable to the biomass yields in industrially important heterotrophic microor-
ganisms [78].

The high tolerance of Galdieria species to concentrated substances is probably 
an adaptation to the high concentrations of sulfuric acid and other salts present 

Figure 2. 
Electron microphotograph of the dense freeze-dried culture of Galdieria phlegrea used for REEs recovery. The 
bar is 10 μm. (provided by Dr. Jens Hartmann).
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hazardous waste containing thorium and uranium [55]. Moreover, requirements for 
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in acidic springs. G. sulphuraria tolerated and grew well concentrations of glucose 
and fructose of up to 166 g/L (0.9 M) and an ammonium sulphate concentration of 
22 g/L (0.17 M) without negative effects on specific growth rate. In carbon-limited 
fed-batch cultures, biomass dry weight concentrations of 80–120 g/L were obtained 
while phycocyanin accumulated to concentrations between 250 and 400 mg/L [42].

The ability of G. sulphuraria to accumulate high levels of phycocyanin in hetero-
trophic or mixotrophic cultures compete with or at least represents an alternative 
to the cyanobacterium, Arthrospira (Spirulina) platensis that is currently used for 
synthesis of phycocyanin [77].

Since a number of positive health effects have been associated with phycocyanin 
[79], and phycocyanin from A. platensis has been approved for food use in the USA 
and EU in 2013 and 2014, respectively, interests in applications of phycocyanin have 
increased substantially over recent years [80].

In addition to phycocyanin, G. sulphuraria could also provide floridosides sug-
gested as a commercial products [81–83]. Its biomass was also tested and found to 
be a suitable and safe component in foods, as well as a dietary supplement [84].

5.4 Biofuels

The world-wide and continuous increase in fossil fuel consumption, leading 
probably in the relatively near future to an exhaustion of resources, has led to 
increased research for alternative energy sources. Production of biofuels by algae 
might provide a viable alternative to fossil fuels; however, this technology must 
overcome a number of serious obstacles before it could compete in the fuel market 
and be broadly deployed. Application of remarkably extremophilic G. sulphuraria 
could overcome at least some of these.

Microalgae often become contaminated with other microorganisms in large-
scale outdoor cultivations, which is a major problem that inhibits algal growth and 
decreases the quality of biofuel and high-value products. A lack of resistance to 
these factors could be catastrophic for future algae farmers. The red alga G. sul-
phuraria and other species of the same genus have great potential to produce large 
quantities of biofuel [53] and other beneficial compounds without becoming con-
taminated with other microorganisms, under both mixotrophic and heterotrophic 
conditions. Furthermore, the algae are tolerant of pH and temperature extremes 
that offer a reliable means of controlling the composition of large-scale cultures.

5.5 Glycogen

The extremophilic red algae, similarly to other Rhodophyta, produce glycogen 
as energy and carbon reserves, instead of starch, which is characteristic of other 
microalgae and higher plants [81]. Glycogen, in contrast to starch, is readily soluble 
in cold water and more accessible by enzymes. In red algae, glycogen accumulates in 
a lower molecular weight form than glycogen from other microalgae and is a highly 
branched (higher than any other glycogen) glucose polymer [81]. Amylopectin, 
as a highly branched glucose polymer in starch, is used in various products such 
as peritoneal dialysis solutions and sports drinks. However, it is costly to prepare 
because of its insoluble, granular nature. The application of glycogen offers a 
cheaper alternative.

The alga G. sulphuraria can grow to a very high biomass concentration [42], 
accumulating glycogen up to 50% of the dry cell weight. Another advantage of this 
alga is that it can grow heterotrophically using many organic sources and also very 
cheap waste glycerol [84].
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Apart from G. sulphuraria, the production of glycogen by most other micro-
organisms is too low for biotechnological applications because it is produced only 
under growth limiting conditions [85]. Thus, G. sulphuraria can be used as a cheap 
and efficient producer of glycogen, which could be applied as an alternative to 
starch in several fields [83].

Large amounts of glycogen were obtained in mixotrophic cultures, [53] where 
the maximum glycogen content per mL of culture was almost 10- and 2-fold greater 
than those of autotrophic and heterotrophic cultures, respectively. The accumula-
tion of glycogen was enhanced by the addition of glucose, and the amount and 
composition of glycogen were determined by growth conditions. It is assumed that 
in addition to glycogen, other forms of carbon may be stored, although pathways 
are, as yet, unknown [75, 86].

5.6 Nutritional applications

Because of their high content of protein, algal biomass, in general, and green 
algae particularly, have been used in many foods, mostly in the form of dried 
biomass.

Difficulties in introducing microalgal-based ingredients into foods are tech-
nological and include sensorial obstacles such as its unattractive green-brownish 
color and unpleasant fishy smell increasing after longer storing [87]. Another 
problem is bacterial contamination, which decreases the commercial quality 
of algal biomass. Such disadvantages of green algae are not encountered using 
Galdieria species. G. sulphuraria can grow heterotrophically even in large-scale 
bioreactors under so extreme conditions that contamination by other organisms 
is not likely. Biomass is colorless, has a low lipid content, mainly of monoun-
saturated fatty acids, and oxidation during shelf life is negligible. Heterotrophic 
growth enables high cell densities to be achieved using cheap glycerol as a source 
of carbon. Consequently, in addition to other specific applications, red algal 
biomass can be used as a source of protein and other macronutrients. G. sulphura-
ria is rich in proteins (26–32%) and polysaccharides (63–69%), and poor in lipids. 
Under heterotrophic cultivation conditions, the lipid moiety mainly contained 
monounsaturated fatty acids. Nutritional applications of red algae were firstly 
suggested by Bailey and Staehelin [87], who found very high levels of protein in 
their cell walls.

G. sulphuraria proteins are strictly associated with polysaccharide components 
and therefore not digestible. However, a commercial enzyme preparation contain-
ing a mixture of polysaccharidases was developed, and G. sulphuraria proteins 
were good substrates for human gastrointestinal enzymes. G. sulphuraria biomass 
therefore has the potential to be used either for protein-rich or for insoluble 
dietary fiber-rich applications. Among micronutrients, some B group vitamins 
and pigments are present. Carotenoids are minor pigments in G. sulphuraria, 
detected only in the autotrophic algae, the main ones being astaxanthin and 
lutein. The absence of carotenoids under heterotrophic growth conditions is due 
to the lack of photosynthesis. Phycobiliproteins are present under heterotrophic 
and mixotrophic cultivation conditions. The cells grown on organic source of 
carbon frequently lose their photosynthetic antenna undermining the accumula-
tion of the phycobilins. In G. sulphuraria, allophycocyanin is the dominant form 
in the autotrophic algae, while phycoerithrin was the main phycobiliprotein in the 
heterotrophic algae.

G. sulphuraria can therefore be used to develop new food ingredients, including 
preparations that are rich in bioavailable proteins and dietary fiber [84].
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6. Conclusions

The unicellular red alga Galdieria is an amazing organism, not only because of 
its ability to live in extreme habitats, but also because of its metabolic flexibility to 
grow photo-autotrophically, heterotrophically or mixotrophically on diverse carbon 
sources. These properties make it a suitable candidate for biotechnological applica-
tions, including those inappropriate for other organisms. The biotechnological 
potential of Galdieria lies in the tremendous variability of cultivation conditions 
under which it is able to grow, including the ability to accumulate toxic heavy 
metals as well as rare ones such as Au, Pt or lanthanides. This alga can also produce 
biotechnologically attractive products such as phycocyanin, glycogen, protein-rich 
or insoluble dietary fiber-rich additives for nutritional applications. This opens 
up fields for its use in a wide range of industries such as the food industry, phar-
maceuticals, healthcare, waste management, the metal recycling industry, biore-
mediation, wastewater management, etc. Galdieria is certainly worth the effort to 
research it for future uses.
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6. Conclusions

The unicellular red alga Galdieria is an amazing organism, not only because of 
its ability to live in extreme habitats, but also because of its metabolic flexibility to 
grow photo-autotrophically, heterotrophically or mixotrophically on diverse carbon 
sources. These properties make it a suitable candidate for biotechnological applica-
tions, including those inappropriate for other organisms. The biotechnological 
potential of Galdieria lies in the tremendous variability of cultivation conditions 
under which it is able to grow, including the ability to accumulate toxic heavy 
metals as well as rare ones such as Au, Pt or lanthanides. This alga can also produce 
biotechnologically attractive products such as phycocyanin, glycogen, protein-rich 
or insoluble dietary fiber-rich additives for nutritional applications. This opens 
up fields for its use in a wide range of industries such as the food industry, phar-
maceuticals, healthcare, waste management, the metal recycling industry, biore-
mediation, wastewater management, etc. Galdieria is certainly worth the effort to 
research it for future uses.
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Chapter 7

The Colonial Microalgae
Botryococcus braunii as Biorefinery
Edmundo Lozoya-Gloria, Xochitl Morales-de la Cruz
and Takehiro A. Ozawa-Uyeda

Abstract

The growing shortage of fossil fuels caused an increase in the demand for
alternative and renewable fuels. Biofuels, like bioethanol and biodiesel, have
received more attention as a sustainable replacement of fossil fuels. However, these
have a poor oxidative stability, little energy content by volume, and many oxygen-
ated compounds, which may cause corrosion and damage to the engines. Therefore,
they are used as a mixture with standard fuels. Some species of microalgae are
candidates to produce oils as triglycerides (TGA) to produce biodiesel by
transesterification; however, the problem will remain. The colonial microalgae
Botryococcus braunii produces and accumulates a high amount of long-chain
nonoxygenated hydrocarbons, similar to those obtained from the fractionated dis-
tillation of crude petroleum. This is one of the few organisms reported to have a
direct contribution in the formation of the oil reserves currently in use. Addition-
ally, B. braunii produces pigments and long-chain carbohydrates that have interest-
ing properties for various industries. There are still problems to be solved in order to
consider it as economically viable and profitable, but important progress is being
made. Therefore, this microalga is very attractive for the synthesis of hydrocarbons
and other value-added compounds, making it an interesting biorefinery organism.

Keywords: biorefinery, Botryococcus, exopolysaccharides, hydrocarbons, lipids,
pigments

1. Introduction

Botryococcus braunii is a colonial microalga Trebouxiophyceae, distributed in
brackish and sweet water [1]. It reaches densities of 1.4 � 106 colonies/L [2], and its
geochemistry significance is important. Paleobotanical studies suggest that it is one
of the largest sources of hydrocarbons in oil-rich deposits dating back to the Ordo-
vician period [1, 3–5]. It is the only colonial microalga that accumulates and secrets
liquid hydrocarbons (Figure 1), and depending on the strain and growing condi-
tions, race B can accumulate hydrocarbons up to 85% and race A up to 61% of their
dry weight.

B. braunii is related with Characium vaculatum and Dunaliella parva [1]. Due to
the hydrocarbons and the molecular phylogeny of B. braunii [6], it is classified in
three races (A, B, and L). Race A produces n-alkadienes and alkatrienes of C23–C33
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[7], although two unusual hydrocarbons have been characterized, the triene C27H51

and tetraene C27H48 [1]. Race A hydrocarbon dry weight varies from 0.4 to 61%
[7, 8]. Race B produces triterpenoids hydrocarbons known as botryococcenes
(CnH2n�10, n = 30-37) [9] and methylsqualenes C31–C34 [10, 11]. The
botryococcenes can be from 27 to 86% of the dry weight [12]. Race L produces a
tetraterpene C40 known as lycopadiene and constitutes from 0.1 to 8% of the dry
weight [13, 14]. This race contains 5% of lycopatriene, lycopatetraene,
lycopapentaene, and lycopahexaene [15]. In addition, a race S is proposed, which
synthesizes saturated n-alkanes C18 and C20, and epoxy-alkanes; however, its
existence is not yet fully accepted [6].

Figure 1.
B. braunii race B colony secreting liquid hydrocarbons.

Figure 2.
Hydrocarbons produced by the B. braunii races. Biofuels derived from race B are shown. RON, research octane
number = 92–98, this is a measure of autoignition resistance in a spark-ignition engine. In the USA: regular (97
RON) and premium (95 RON). Adapted from [16–18].
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After the hydrocracking process and subsequent distillation, race B hydrocar-
bons become biofuels currently used in internal combustion engines [16] as shown
in Figure 2.

2. Physiology and biochemistry of Botryococcus braunii

B. braunii races differ also by its morphological and physiological characteristics.
Cells from A and B races are of 13 μm � 7–9 μm, and those of L race are
8–9 μm � 5 μm [19].

Each colony is constituted by a group of 50–100 piriform cells embedded in a
hydrocarbon network and the extracellular matrix (ECM). This ECM contains three
main components: (1) a fibrous cell wall surrounding each cell and having β-1,4-
and/or β-1,3-glucans including cellulose; (2) the intracolonial space constituted by a
network of liquid hydrocarbons; and (3) a fibrillary sheath composed mainly of
arabinose and galactose polysaccharides, holding the liquid hydrocarbons [20].

B. braunii may have a hetero-, mixo-, or phototrophic grow and the morphology
will depend on the C source and the amount of light [21]. The hydrocarbon pro-
duction is associated with the cell division [22], likely due to the localization of the
enzymes involved in the alkadienes, alkatrienes (race A), and botryococcenes
(race B) biosynthesis [23].

Other difference among the races is the keto-carotenoid accumulation in the
stationary phase of cultures. Races B and L change color from green-brown to
orange, and race A changes from green to yellow-orange [1]. The production of
carotenoids is also a stress response by environmental factors. The DAD1 gene
expression, a suppressor of programmed cell death, was reported in race B, under
stress conditions at 10–60 min [24]. B. braunii is tolerant to desiccation and extreme
temperatures, which allows its global dispersion in different environments [25]. The
reproduction mechanism of B. braunii seems to be autosporic [26].

Symbiotic bacteria have been reported after microscopic observations, and an
ectosymbiont α-proteobacteria (BOTRYCO-2) that promotes the productivity of
biomass and hydrocarbons was described [2, 27].

2.1 Biosynthesis of alkadienes and alkatrienes

Characteristic alkadienes and alkatrienes of race A have double links and similar
stereochemistry as oleic acid. Experiments with labeled fatty acids have shown that
this one is the main precursor by the long-chain fatty acids (LCFAs) pathway,
followed by a decarboxylation process [1, 17, 28, 29]. The first step is the elongation
of oleic acid (18:1 cis-Δ9) and its isomer elaidic acid (18:1 trans-Δ9). The acyl-CoA
reductase and decarbonylase enzymes in race A microsomes suggest an alternative
mechanism where the LCFAs are reduced to aldehydes and decarbonylated to
produce alkadienes and alkatrienes [17, 30]. Race A transcriptome allowed the
identification of six candidate genes potentially involved in this biosynthesis [31].

2.2 Biosynthesis of botryococcenes

The analysis of race B transcriptome and other evidences suggests that the
biosynthesis of isoprenoids comes from the deoxyxylulose phosphate/methyler-
ythritol phosphate (DXP/MEP) pathway [32–34]. Expressed sequence tag (EST)
markers for enzymes of the DXP/MEP pathway [34], as well as multiple isoforms of
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enzymes for the 3-phospho-D-glycerate biosynthesis from D-glyceraldehyde-3-
phosphate and pyruvate as precursors, were identified. Some of the respective
transcripts are present in high abundance (>250 reads/Kb), suggesting a high met-
abolic flow in B. braunii [31].

The first step is the formation of 1-deoxy-D-xylulose-5-phosphate (DOXP) by
the DOXP synthase (DXS) (Figure 3).

The characterization of three DXS isoenzymes in race B shows that they are
active and have similar kinetic parameters, which increases the metabolic flow for
the production of terpenoids [35]. The DOXP is reduced by the DXP reductoi-
somerase (DXR) to 2-C-methylerythritol-4-phosphate (MEP), and converted to
isopentenyl diphosphate (IPP) and dimethylallyl pyrophosphate (DMAPP). In the
B. braunii transcriptome, only one DXR has been found [34]. The next step involves
condensation of IPP and DMAPP to form geranyl diphosphate (GPP), and the
addition of other IPP produces farnesyl diphosphate (FPP) [17] (Figure 3a). Two B.
braunii genes code for farnesyl diphosphate synthase isoenzymes (FPPS) with an
amino acid identity of 72% [34].

Figure 3.
Biosynthesis of tri- and tetraterpenes in B. braunii race B. (a) FPP production; (b) carotenoid production from
GGPP; (c) squalene production from FPP; (d) methylated botryococcene production; (e) methylated squalene
production. BSS, Botryococcus squalene synthase; CtrB, phytoene-synthase; DXR, 1-deoxy-D-xylulose-5-
phosphate reductase; DXS, 1-deoxy-D-xylulose-5-phosphate synthase; FPPS, farnesyl diphosphate synthase;
GPPS, geranyl diphosphate synthase; NADPH+ and NADP+, nicotinamide adenine dinucleotide phosphate
(reduced and oxidized); PPi, inorganic pyrophosphate; PSPP, cyclopropyl presqualene diphosphate; SAM,
S-adenosyl methionine; SAH, S-adenosyl-L-homocysteine; SSL, squalene synthase-like; SMT, squalene
methyltransferase; TMT, triterpene methyltransferase. Adapted from [17, 34].
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Addition of another IPP forms the geranylgeranyl diphosphate (GGPP), pre-
cursor of the tetraterpenoid carotenoids (Figure 3b). This begins with the forma-
tion of a trans-isoprenyl diphosphate by the phytoene synthase (CtrB) enzyme,
condensing two GGPP molecules in two steps with the release of pyrophosphate.
In the first step, (1R, 2R, 3R)-prephytoene diphosphate is produced from half
cyclopropyl (C10-2-3) reordered to provide 15-cis-phytoene, which can be
converted into a wide variety of carotenoids [34, 36–38]. All are important anti-
oxidant photoprotectors and modulators of the function of membrane proteins for
photosynthetic complexes [39].

The squalene production [40] starts with the Botryococcus squalene synthase
(BSS) enzyme, using two FPP molecules. Botryococcenes production uses also two
FPP molecules but the product is the intermediary cyclopropyl presqualene diphos-
phate (PSPP) (Figure 3c). With NADPH, the PSPP has two options; one forms the
botryococcene with a C3-C1 connection between the FPP molecules (Figure 3d).
The other option forms a C1-C10 between two FPP molecules producing squalene

Figure 4.
Lycopadiene biosynthetic pathway. (a) Reduction of GGPP to PPP and condensation by LOS. (b) LOS
condensation of GGPP to form phytyl diphosphate and reduction to lycopaoctaene. (c) FPP use by LSS or LOS
for squalene production. DXR, 1-deoxy-D-xylulose-5-phosphate reductase; DXS, 1-deoxy-D-xylulose-5-
phosphate synthase; FPP, farnesyl diphosphate; FPPS, farnesyl diphosphate synthase; GGPP, geranylgeranyl
diphosphate; GPPS, geranyl diphosphate synthase; GPPR, geranyl diphosphate reductase; NADPH+ and
NADP+, nicotinamide adenine dinucleotide phosphate (reduced and oxidized); PPi, inorganic pyrophosphate;
PPP, phytyl diphosphate; PLPP, prelycopaoctaene diphosphate; LOS, lycopaoctaene synthase; LSS, B. braunii
race L squalene synthase. Adapted from [15].
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that will be methylated (Figure 3e) further on. These reactions are catalyzed by
squalene synthase-like (SSL) enzymes. Three SSL genes have been identified but
none is directly related with the botryococcene biosynthesis [41]. However, when
the 3 SSLs enzymes were mixed in vivo and in vitro, botryococcene (SSL-1 + SSL-3)
or squalene (SSL1 + SSL-2) was synthesized. SSL-1 condenses two FPP molecules to
produce PSPP [42], demonstrating the versatility and potential for metabolic engi-
neering of botryococcene biosynthesis.

Most botryococcenes are excreted to the ECM where they are methylated. The
di- and tetramethyl forms are related to six genes coding for triterpene and squalene
methyltransferases (TMT, SMT) [43] (Figures 3d and 3e). The botryococcenes are
methylated to produce C31–C37 hydrocarbons, C34 being the main in race B. Three
cyclic botryococcene C33 molecules and a trimethylsqualene isomer were recently
found [44]. Also, two squalene epoxidase (BbSQE-I and -II) enzymes converting
squalene into membrane sterols were identified [45]. Data of the B. braunii race B
nuclear genome will allow the search for possible regulatory routes of this singular
metabolism [46].

2.3 Biosynthesis of lycopadiene

The formation of lycopadiene of race L is similar to the squalene. In the
B. braunii transcriptome, there are two homologous contigs to squalene synthase
(SS) [31]. One encodes a squalene synthase (LSS) and the other for a lycopaoctaene
synthase (LOS). LOS uses preferentially in vivo GGPP, and C15 and C20 prenyl
diphosphates as substrates [15] (Figure 4).

There are two biosynthetic mechanisms for lycopadiene from C20 prenyl
diphosphate intermediates. In one, the GGPP reduction by a GGPP-reductase pro-
duces phytyl diphosphate (PPP), and LOS condenses two PPP molecules producing
lycopadiene (Figure 4a). In the other one, LOS condenses two GGPP molecules
producing prelycopaoctaene diphosphate (PLPP), which rearranges into
lycopaoctaene. Finally, lycopadiene seems to be produced by enzymatic reductions
not yet identified (Figure 4b).

LOS may also form squalene from FPP (Figure 4c). These results show the
plasticity of L race to synthesize squalene and lycopadiene.

2.4 Extracellular matrix (ECM) polymers

ECM contains long chains of polymerized polyacetal hydrocarbons joined to
specific hydrocarbons of each race. There is a fibrillary sheath that envelops the
entire colony, formed mainly by arabinose (42%) and galactose (39%). The cell wall
contains β-1,4 and/or β-1,3 glucans making a cellulose-like polymer [20].

Also, there's a biopolymer resistant to nonoxidative chemical degradation as
acetolysis. This biopolymer resembles sporopollenins [1] of the outer walls of pollen
grains and spores of microorganisms [47]. It seems to be formed by oxidized
carotenoid polymers and phenolic compounds that absorb UV-B light as p-coumaric
and p-ferulic acids [48].

3. Profitability of B. braunii derivatives

3.1 Hydrocarbons

Both bioethanol and biodiesel have a poor oxidative stability, low energy content
by volume, and high content of oxygenated compounds, which damage combustion
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engines and cause corrosion, erosion, and accumulation of deposits in the nozzles;
because of these reasons, they are mixed with standard fuels [49, 50]. B. braunii
accumulates hydrocarbons similar to those of the crude oil, and their direct contri-
bution in the formation of oil reserves currently in use has been reported [3–5]. The
B. braunii oils showed almost equal values in density and surface tension than the
diesel, but with higher kinematic viscosity and distillation temperature [50]. The B.
braunii race B oil was already converted into diesel with an 85% performance, using
a simple conversion process under mild conditions of 260°C and 1 atm. The physical
properties are relatively close to the specification for diesel, with 40 as estimated
cetane (CN) number [51].

The limitation to use B. braunii as biorefinery is the slow growth rate of days in
comparison with hours in other algae [49, 52]. Other factors affecting the growth

St Culture conditions SCGR Dt THC Ref.

°C PAR Php CO2

Showa (B) 30 850 14:10 1 0.5 1.40 NIA [54]

Showa (B) 25, 30 85–398 14:10 1.0–10.0 0.19–0.44 1.60–3.60 30–39 [54]

Showa (B) 23–25 250 24 0.3 0.42 1.70 24–29 [52]

Showa (B) 23 150 16:8 2 0.17 4.08d 25 [55]

Yayoi (B) 25 240 12:12 2 0.2 3.50 40.5 [38]

AC759 (B) 23 150 16:8 2 0.07 9.90d 21 [55]

AC761 (B) 23 150 16:8 2 0.11 6.30d 45 [55]

IPE001 (B) 25 35 16:8 1 0.15c 4.50c 64.3 [61]

BOT-144 (B) 25 60a 24 0 0.16 4.33d 50 [62]

LB-572 (A) 26 12 Klux 24 2 0.07c 10.60c 28 [53]

Gottingen 807/1 (A) 25 26b 14:10 1 0.3 2.30 40.5 [67]

AC755 (A) 23 150 16:8 2 0.05 13.86d 16 [55]

CCALA777 (A) 23 150 16:8 2 0.06 11.55d 10 [55]

CCALA778 (A) 23 150 16:8 2 0.17 4.08d 0 [55]

CCAp807/2 (A) 23 150 16:8 2 0.11 6.30d 7 [55]

765 25 150 24 20 0.13c 5.50c 24 [64]

765 25 120 24 ASLW NIA NIA 23.8 [65]

GUBIOTJTBB1 25 35 16:8 0 0.112 6.19 52.6 [66]

AP 103 23 30 16:8 0 NIA NIA 13 [67]

ASLW, aerated swine lagoon wastewaters (not sterile); °C, temperature; CO2, % v/v; Dt, doubling time (days); NIA,
no information available; PAR, photosynthetic active radiation (μmols of photons/m2 s); Php, photoperiod (light/
dark hours); SCGR, specific cell growth rate (μ/day); μ, specific velocity of growth rate; St, strain (race); THC, total
hydrocarbons (% DW, dry weight).
aBlue light λ = 470 nm.
bW/m2.
cEstimated values [54].
dCalculated values from μ, using Ln(2)/μ equation.
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Comparison of culture conditions and productivity of hydrocarbons between B. braunii strains at laboratory
scale.
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that will be methylated (Figure 3e) further on. These reactions are catalyzed by
squalene synthase-like (SSL) enzymes. Three SSL genes have been identified but
none is directly related with the botryococcene biosynthesis [41]. However, when
the 3 SSLs enzymes were mixed in vivo and in vitro, botryococcene (SSL-1 + SSL-3)
or squalene (SSL1 + SSL-2) was synthesized. SSL-1 condenses two FPP molecules to
produce PSPP [42], demonstrating the versatility and potential for metabolic engi-
neering of botryococcene biosynthesis.

Most botryococcenes are excreted to the ECM where they are methylated. The
di- and tetramethyl forms are related to six genes coding for triterpene and squalene
methyltransferases (TMT, SMT) [43] (Figures 3d and 3e). The botryococcenes are
methylated to produce C31–C37 hydrocarbons, C34 being the main in race B. Three
cyclic botryococcene C33 molecules and a trimethylsqualene isomer were recently
found [44]. Also, two squalene epoxidase (BbSQE-I and -II) enzymes converting
squalene into membrane sterols were identified [45]. Data of the B. braunii race B
nuclear genome will allow the search for possible regulatory routes of this singular
metabolism [46].

2.3 Biosynthesis of lycopadiene

The formation of lycopadiene of race L is similar to the squalene. In the
B. braunii transcriptome, there are two homologous contigs to squalene synthase
(SS) [31]. One encodes a squalene synthase (LSS) and the other for a lycopaoctaene
synthase (LOS). LOS uses preferentially in vivo GGPP, and C15 and C20 prenyl
diphosphates as substrates [15] (Figure 4).

There are two biosynthetic mechanisms for lycopadiene from C20 prenyl
diphosphate intermediates. In one, the GGPP reduction by a GGPP-reductase pro-
duces phytyl diphosphate (PPP), and LOS condenses two PPP molecules producing
lycopadiene (Figure 4a). In the other one, LOS condenses two GGPP molecules
producing prelycopaoctaene diphosphate (PLPP), which rearranges into
lycopaoctaene. Finally, lycopadiene seems to be produced by enzymatic reductions
not yet identified (Figure 4b).

LOS may also form squalene from FPP (Figure 4c). These results show the
plasticity of L race to synthesize squalene and lycopadiene.

2.4 Extracellular matrix (ECM) polymers

ECM contains long chains of polymerized polyacetal hydrocarbons joined to
specific hydrocarbons of each race. There is a fibrillary sheath that envelops the
entire colony, formed mainly by arabinose (42%) and galactose (39%). The cell wall
contains β-1,4 and/or β-1,3 glucans making a cellulose-like polymer [20].

Also, there's a biopolymer resistant to nonoxidative chemical degradation as
acetolysis. This biopolymer resembles sporopollenins [1] of the outer walls of pollen
grains and spores of microorganisms [47]. It seems to be formed by oxidized
carotenoid polymers and phenolic compounds that absorb UV-B light as p-coumaric
and p-ferulic acids [48].

3. Profitability of B. braunii derivatives

3.1 Hydrocarbons

Both bioethanol and biodiesel have a poor oxidative stability, low energy content
by volume, and high content of oxygenated compounds, which damage combustion
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engines and cause corrosion, erosion, and accumulation of deposits in the nozzles;
because of these reasons, they are mixed with standard fuels [49, 50]. B. braunii
accumulates hydrocarbons similar to those of the crude oil, and their direct contri-
bution in the formation of oil reserves currently in use has been reported [3–5]. The
B. braunii oils showed almost equal values in density and surface tension than the
diesel, but with higher kinematic viscosity and distillation temperature [50]. The B.
braunii race B oil was already converted into diesel with an 85% performance, using
a simple conversion process under mild conditions of 260°C and 1 atm. The physical
properties are relatively close to the specification for diesel, with 40 as estimated
cetane (CN) number [51].

The limitation to use B. braunii as biorefinery is the slow growth rate of days in
comparison with hours in other algae [49, 52]. Other factors affecting the growth

St Culture conditions SCGR Dt THC Ref.

°C PAR Php CO2

Showa (B) 30 850 14:10 1 0.5 1.40 NIA [54]

Showa (B) 25, 30 85–398 14:10 1.0–10.0 0.19–0.44 1.60–3.60 30–39 [54]

Showa (B) 23–25 250 24 0.3 0.42 1.70 24–29 [52]

Showa (B) 23 150 16:8 2 0.17 4.08d 25 [55]

Yayoi (B) 25 240 12:12 2 0.2 3.50 40.5 [38]

AC759 (B) 23 150 16:8 2 0.07 9.90d 21 [55]

AC761 (B) 23 150 16:8 2 0.11 6.30d 45 [55]

IPE001 (B) 25 35 16:8 1 0.15c 4.50c 64.3 [61]

BOT-144 (B) 25 60a 24 0 0.16 4.33d 50 [62]

LB-572 (A) 26 12 Klux 24 2 0.07c 10.60c 28 [53]

Gottingen 807/1 (A) 25 26b 14:10 1 0.3 2.30 40.5 [67]

AC755 (A) 23 150 16:8 2 0.05 13.86d 16 [55]

CCALA777 (A) 23 150 16:8 2 0.06 11.55d 10 [55]

CCALA778 (A) 23 150 16:8 2 0.17 4.08d 0 [55]

CCAp807/2 (A) 23 150 16:8 2 0.11 6.30d 7 [55]

765 25 150 24 20 0.13c 5.50c 24 [64]

765 25 120 24 ASLW NIA NIA 23.8 [65]

GUBIOTJTBB1 25 35 16:8 0 0.112 6.19 52.6 [66]

AP 103 23 30 16:8 0 NIA NIA 13 [67]

ASLW, aerated swine lagoon wastewaters (not sterile); °C, temperature; CO2, % v/v; Dt, doubling time (days); NIA,
no information available; PAR, photosynthetic active radiation (μmols of photons/m2 s); Php, photoperiod (light/
dark hours); SCGR, specific cell growth rate (μ/day); μ, specific velocity of growth rate; St, strain (race); THC, total
hydrocarbons (% DW, dry weight).
aBlue light λ = 470 nm.
bW/m2.
cEstimated values [54].
dCalculated values from μ, using Ln(2)/μ equation.

Table 1.
Comparison of culture conditions and productivity of hydrocarbons between B. braunii strains at laboratory
scale.
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and hydrocarbon production are the strain, CO2, light, water, nutrients, tempera-
ture, pH, and salinity [53–55, 60] (Table 1). A JET PASTER treatment was used to
do a mechanical cell disruption and removal of the polysaccharides of the B. braunii
colonies, increasing the hydrocarbon extraction up to 82.8%. This treatment did not
affect the photosynthetic function of the cells [56]. On the other hand, a repetitive
nondestructive extraction with heptane was reported as having some advantages
[57]. Also, a continuous growth and extraction column of n-dodecane was reported
recently as an efficient hydrocarbon extraction method without significant loss of
the viability of the cells [58]. Considering these milking procedures and achieving a
10% rate of return, a minimum sales price (MSP) of US$3.20 per liter was calcu-
lated, and a reduction down to US$1.45 per liter was proposed, if hydrocarbon
content increases and extraction procedures become more efficient [59].

There are different open and closed culture systems in photobioreactors (PBR)
[63, 64], but more studies are required at pilot and industrial scale, to reduce
problems by contamination and low yield of biomass and hydrocarbon production
[49]. Table 2 summarizes some data about cell growth and hydrocarbon produc-
tivity using different culture systems.

St System Cultures Biomass HCs Ref

°C PAR CO2 SCGR Xmax Px CNT WHC

GUBIOT JTBB1 Plain (3 L) 25 35 (16 h) 0% 0.112 NIA 13 52.6 6.8 [62]

765 Column
(3 L)

25 150 (24 h) 20% 0.13g NIA 92.4 24.45g 22.6 [64]

Showa (B) PBRa 25-28 282 (15 h) 5–7% NIA 20 1500 22.5 225-340 [68]

NIA PBRb 25 270 (24 h) Mixo-
trophic

NIA 4.55 234 29.7 71.1 [69]

UTEX-LB 572
(A)

Circular
(50 L)

rT Sol r 0% NIA NIA 77.8 19 13.2 [70]

N-836 (B) Rcwy
(80 L)

rT Sol r 0% NIA NIA 40 24 10.8 [70]

LB572 (B) PBRc 20 Sol r 0% 0.04 0.3 15 NIA 2.4 [71]

AP103 Rcwy
(1800 L)

29 Sol r 5 kWh/
m2.day

0% 0.38 NIA 114 11 12.5 [67]

UTEX-LB 572
(A)

PBRd 25 55 (24 h) 1% NIA 96.4 0.71i NIA NIA [72]

FACHB 357 (B) Attchde 25 500 (24 h) 1% NIA 62h 5.5–6.5i 19.43 1.06i [73]

TN101 Rcwy scf rT Sol r 0% NIA NIA 33.8i 22.6 8.2-13i [74]

°C, temperature; CNT, content (% DW dry weight); CO2, % v/v; HCs, hydrocarbons; PAR, photosynthetic active radiation (μmols of
photons/m2 s); PBR, photobioreactor; Php, photoperiod (light/dark hours); Px, biomass productivity (mg/L day); NIA, no information
available; Rcwy, raceway; rT, room temperature; SCGR, specific cell growth rate (μ/day); μ, specific velocity of growth rate; Sol r, solar
radiation; St, strain (race); WHC, weight of hydrocarbons (mg/L day); Xmax, maximum cellular concentration (g/L).
a“Tickle film” (30.5 � 16.5 in) continuous.
b"Airlift" (10 L).
cPanel (1000 L) outdoor and semicontinuous.
d"Biofilm" (0.275 m2 or 600 mL).
e“Attached” bioreactor (0.08 m2 or 240 mL).
f(25 m2 or 5000 L) semicontinuous.
gEstimated values [64].
hg/m2.
ig/m2/day; shadow area indicates the highest reported values up to now.

Table 2.
Comparison of culture conditions and productivity of hydrocarbons between strains of B. braunii in bioreactors.
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3.2 Lipids

B. braunii also produces saturated and monounsaturated fatty acids, especially
palmitic (16:0) and oleic (18:1), as well as triacylglycerols (TAGs). The percentages
of total lipids as saturated, monounsaturated, and polyunsaturated fatty acids in dry
biomass are around 44.97, 9.85, 79.61, and 10.54%, respectively [64, 75]. Studies
in vitro and in vivo showed that these fatty acids effectively improve the absorption
of lipophilic drugs like flurbiprofen, through the skin [76].

B. braunii stores TAGs and saturated fatty acids in the lag phase as an adaptation
to stress conditions but most are synthesized during the stationary phase. Although
highest content of these acids is intracellular, B. braunii secretes oily drops in small
quantities observed on the surface of the cell apex [64].

The yield and lipid composition depends on the strain, the culture system used,
growth conditions and cell aging, as well as nitrogen, phosphorus, and micronutri-
ent concentrations (Table 3).

St System TRT Biomass Lipids Ref.

SCGR XMax Px CNT Yld. Prod.

UTEX
572 (A)

EF (125
mL)

0.04 mM NO3 0.09 0.16 NIA 63 NIA 0.009 [77]

0.37 mM NO3 0.185 0.38 NIA 36 0.19 0.019

KMITL
2 (n.d.)

EF (1 L) 86 mg/L NO3 NIA 0.48 NIA 39.42 0.19 NIA [78]

222 mg/L PO4 NIA 0.86 NIA 54.69 0.47 NIA

444 mg/L PO4 NIA 1.91 NIA 23.23a 0.45 NIA

27 mg/L Fe NIA 0.22 NIA 34.93 0.08 NIA

KMITL
2 (n.d.)

Outdoor
oval pond
(150 L)

0.17 g/L NO3 0.045 4.84 NIA 35.24 NIA 0.016 [79]

2.5 g/L NO3 0.049 5.62 NIA 38.60 NIA 0.0189

LB572
(A)

FBR
column
(625 mL)

0083 g/L PO4 and 0.1 g/
L SO4

NIA NIA 0.296 64.96 NIA 0.19 [80]

0058 g/L PO4 and 0.09
g/L SO4

NIA NIA 0.304 59.56 NIA 0.18

TRG EF (250
mL)

Photoaut. (CO2) 0.093 1.14 NIA 25.1 NIA 0.0241 [81]

Heterot. (gluc 5 g/L) 0.115 1.75 NIA 29.3 NIA 0.0467

Mixot. (gluc 5 g/L +
CO2)

0.195 2.46 NIA 37.5 NIA 0.0645

IBL-
C117

EF (1 L) Chu (0.75�) 0.13 0.9 0.12 47.1 NIA NIA [82]

Chu (1.0�) 0.13 0.7 0.1 46 NIA NIA

Chu (2.0�) 0.11 1 0.15 41.3 NIA NIA

LB572
(A)

EF (1 L) Chu (0.75�) 0.15 1.3 0.18 20.2 NIA NIA [82]

Chu (1.0�) 0.16 1.4 0.2 22.5 NIA NIA

Chu (2.0�) 0.17 1.5 0.22 11 NIA NIA

2441
(A)

FBR Airlift
(2 L)

(N:P = 1:1) in Chu NIA 4.963 0.173 33.7 NIA NIA [83]

(N:P = 3:3) in Chu NIA 3.857 0.215 34.6 NIA NIA

(N:P = 6:6) in Chu NIA 3.987 0.223 32.1 NIA NIA
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and hydrocarbon production are the strain, CO2, light, water, nutrients, tempera-
ture, pH, and salinity [53–55, 60] (Table 1). A JET PASTER treatment was used to
do a mechanical cell disruption and removal of the polysaccharides of the B. braunii
colonies, increasing the hydrocarbon extraction up to 82.8%. This treatment did not
affect the photosynthetic function of the cells [56]. On the other hand, a repetitive
nondestructive extraction with heptane was reported as having some advantages
[57]. Also, a continuous growth and extraction column of n-dodecane was reported
recently as an efficient hydrocarbon extraction method without significant loss of
the viability of the cells [58]. Considering these milking procedures and achieving a
10% rate of return, a minimum sales price (MSP) of US$3.20 per liter was calcu-
lated, and a reduction down to US$1.45 per liter was proposed, if hydrocarbon
content increases and extraction procedures become more efficient [59].

There are different open and closed culture systems in photobioreactors (PBR)
[63, 64], but more studies are required at pilot and industrial scale, to reduce
problems by contamination and low yield of biomass and hydrocarbon production
[49]. Table 2 summarizes some data about cell growth and hydrocarbon produc-
tivity using different culture systems.

St System Cultures Biomass HCs Ref

°C PAR CO2 SCGR Xmax Px CNT WHC

GUBIOT JTBB1 Plain (3 L) 25 35 (16 h) 0% 0.112 NIA 13 52.6 6.8 [62]

765 Column
(3 L)

25 150 (24 h) 20% 0.13g NIA 92.4 24.45g 22.6 [64]

Showa (B) PBRa 25-28 282 (15 h) 5–7% NIA 20 1500 22.5 225-340 [68]

NIA PBRb 25 270 (24 h) Mixo-
trophic

NIA 4.55 234 29.7 71.1 [69]

UTEX-LB 572
(A)

Circular
(50 L)

rT Sol r 0% NIA NIA 77.8 19 13.2 [70]

N-836 (B) Rcwy
(80 L)

rT Sol r 0% NIA NIA 40 24 10.8 [70]

LB572 (B) PBRc 20 Sol r 0% 0.04 0.3 15 NIA 2.4 [71]

AP103 Rcwy
(1800 L)

29 Sol r 5 kWh/
m2.day

0% 0.38 NIA 114 11 12.5 [67]

UTEX-LB 572
(A)

PBRd 25 55 (24 h) 1% NIA 96.4 0.71i NIA NIA [72]

FACHB 357 (B) Attchde 25 500 (24 h) 1% NIA 62h 5.5–6.5i 19.43 1.06i [73]

TN101 Rcwy scf rT Sol r 0% NIA NIA 33.8i 22.6 8.2-13i [74]

°C, temperature; CNT, content (% DW dry weight); CO2, % v/v; HCs, hydrocarbons; PAR, photosynthetic active radiation (μmols of
photons/m2 s); PBR, photobioreactor; Php, photoperiod (light/dark hours); Px, biomass productivity (mg/L day); NIA, no information
available; Rcwy, raceway; rT, room temperature; SCGR, specific cell growth rate (μ/day); μ, specific velocity of growth rate; Sol r, solar
radiation; St, strain (race); WHC, weight of hydrocarbons (mg/L day); Xmax, maximum cellular concentration (g/L).
a“Tickle film” (30.5 � 16.5 in) continuous.
b"Airlift" (10 L).
cPanel (1000 L) outdoor and semicontinuous.
d"Biofilm" (0.275 m2 or 600 mL).
e“Attached” bioreactor (0.08 m2 or 240 mL).
f(25 m2 or 5000 L) semicontinuous.
gEstimated values [64].
hg/m2.
ig/m2/day; shadow area indicates the highest reported values up to now.

Table 2.
Comparison of culture conditions and productivity of hydrocarbons between strains of B. braunii in bioreactors.
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3.2 Lipids

B. braunii also produces saturated and monounsaturated fatty acids, especially
palmitic (16:0) and oleic (18:1), as well as triacylglycerols (TAGs). The percentages
of total lipids as saturated, monounsaturated, and polyunsaturated fatty acids in dry
biomass are around 44.97, 9.85, 79.61, and 10.54%, respectively [64, 75]. Studies
in vitro and in vivo showed that these fatty acids effectively improve the absorption
of lipophilic drugs like flurbiprofen, through the skin [76].

B. braunii stores TAGs and saturated fatty acids in the lag phase as an adaptation
to stress conditions but most are synthesized during the stationary phase. Although
highest content of these acids is intracellular, B. braunii secretes oily drops in small
quantities observed on the surface of the cell apex [64].

The yield and lipid composition depends on the strain, the culture system used,
growth conditions and cell aging, as well as nitrogen, phosphorus, and micronutri-
ent concentrations (Table 3).

St System TRT Biomass Lipids Ref.

SCGR XMax Px CNT Yld. Prod.

UTEX
572 (A)

EF (125
mL)

0.04 mM NO3 0.09 0.16 NIA 63 NIA 0.009 [77]

0.37 mM NO3 0.185 0.38 NIA 36 0.19 0.019

KMITL
2 (n.d.)

EF (1 L) 86 mg/L NO3 NIA 0.48 NIA 39.42 0.19 NIA [78]

222 mg/L PO4 NIA 0.86 NIA 54.69 0.47 NIA

444 mg/L PO4 NIA 1.91 NIA 23.23a 0.45 NIA

27 mg/L Fe NIA 0.22 NIA 34.93 0.08 NIA

KMITL
2 (n.d.)

Outdoor
oval pond
(150 L)

0.17 g/L NO3 0.045 4.84 NIA 35.24 NIA 0.016 [79]

2.5 g/L NO3 0.049 5.62 NIA 38.60 NIA 0.0189

LB572
(A)

FBR
column
(625 mL)

0083 g/L PO4 and 0.1 g/
L SO4

NIA NIA 0.296 64.96 NIA 0.19 [80]

0058 g/L PO4 and 0.09
g/L SO4

NIA NIA 0.304 59.56 NIA 0.18

TRG EF (250
mL)

Photoaut. (CO2) 0.093 1.14 NIA 25.1 NIA 0.0241 [81]

Heterot. (gluc 5 g/L) 0.115 1.75 NIA 29.3 NIA 0.0467

Mixot. (gluc 5 g/L +
CO2)

0.195 2.46 NIA 37.5 NIA 0.0645

IBL-
C117

EF (1 L) Chu (0.75�) 0.13 0.9 0.12 47.1 NIA NIA [82]

Chu (1.0�) 0.13 0.7 0.1 46 NIA NIA

Chu (2.0�) 0.11 1 0.15 41.3 NIA NIA

LB572
(A)

EF (1 L) Chu (0.75�) 0.15 1.3 0.18 20.2 NIA NIA [82]

Chu (1.0�) 0.16 1.4 0.2 22.5 NIA NIA

Chu (2.0�) 0.17 1.5 0.22 11 NIA NIA

2441
(A)

FBR Airlift
(2 L)

(N:P = 1:1) in Chu NIA 4.963 0.173 33.7 NIA NIA [83]

(N:P = 3:3) in Chu NIA 3.857 0.215 34.6 NIA NIA

(N:P = 6:6) in Chu NIA 3.987 0.223 32.1 NIA NIA
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3.3 Pigments

Algae pigments have been reported to have antioxidant, anticancer, anti-
inflammatory, antiobesity, and antiangiogenic properties and function as
neuroprotectives [85]. So, they could replace synthetic dyes in food, cosmetic,
nutraceutical, and pharmaceutical products [86].

Carotenoid pigments are unsaturated hydrocarbons, while xanthophylls have
one or more functional groups containing oxygen such as lutein, canthaxanthin, and
astaxanthin [85–87].

Carotenoids abound in races B and L, lutein being the main pigment (22–29%),
followed by others as β-carotene, echinenone, 3-OH echinenone, canthaxanthin,
violaxanthin, loroxanthin, and neoxanthin. Transition to stationary phase causes a
color change in B. braunii from green to brown, reddish orange, and pale yellow
by accumulation of carotenoids and a decrease of intracellular pigments [88]. Can-
thaxanthin (46%) and echinenone (20–28%) are predominant in the
stationary phase in response to nitrogen deficiency [36]. The BOT-20 strain showed a
dark red color during growth because of the accumulated echinenone of about 30.5%
dry weight and 630 mg/L production, but with few hydrocarbons (8%) [89].

Adonixanthin was detected in race L during the stationary phase [90], and
botryoxanthin A, botryoxanthin B, and braunixanthin 1 and 2 were detected in race
B [37, 38, 91]. The 2-azahypoxanthine (AHX) similar to the phytohormone induced
the accumulation of secondary carotenoids like botryoxanthin A and braunixanthin
1 and decreased the content of botryococcenes during the stationary phase [92],
imitating a lack of nitrogen condition without inhibiting the growth.

In race A, lutein (79–84%) is the main carotenoid followed by β-carotene (1.75–
2.14%), violaxanthin (6–9%), astaxanthin (3–8%), and zeaxanthin (0.32–0.78%).
In salinity and high light intensity conditions, the lutein increases [53, 93]. All of
these compounds shown antioxidant properties and inhibitory effect against lipid
peroxidation in vitro and in vivo and activated antioxidant enzymes such as catalase
[94, 95].

3.4 Polysaccharides

The aqueous extracts of B. braunii (strain LB 572) reduce the skin dehydration,
stimulate collagen synthesis, promote the differentiation of adipocytes, and

St System TRT Biomass Lipids Ref.

SCGR XMax Px CNT Yld. Prod.

BOT22
(B)

Biofilm
bioreac.

Nitrocell. Memb. (diam.
25 mm and pore size

0.45 μm)

NIA 3.12a 0.42b NIA 0.83a NIA [84]

BOT84
(L)

NIA 10.04a 3.8b NIA 1.11a NIA

BOT7
(S)

NIA 13.6a 0.99b NIA 0.83a NIA

CNT, content (% DW dry weight); Chu, Chu media for microalgae [8]; EF, Erlenmeyer flask; FBR, photobioreactor;
N:P, proportion of nitrogen: phosphate; Px, biomass productivity (g/L day); NIA, no information available; Prod.,
productivity (g/L day); Rcwy, raceway; SCGR, specific cell growth rate (μ/day); μ, specific velocity of growth rate; St,
strain (race); TRT, treatment; Yld., yield (g/L); Xmax, maximum cellular concentration (g/L).
amg/cm2.
bmg/cm2/day.

Table 3.
Comparison of crop conditions and lipid productivity in B. braunii.
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promote antioxidant and anti-inflammatory activities [96]. The extracellular poly-
saccharides (exopolysaccharides, EPS) constitute most of the organic material of
high molecular weight released to the environment by microalgae and other micro-
organisms. They have antioxidant, immunomodulatory, antibacterial, antiviral,
anticarcinogenic, and antihypocholesterolemic effects [97]. They are used as thick-
eners, emulsifiers, bioflocculants, stabilizers, and gelling agents in foods and cos-
metics; are soluble in water; and modify the rheological properties of solutions
increasing their viscosity to form gels [1, 98].

The ECM and the fibrillar pod are composed of mucilaginous polysaccharides
[20], and other detected EPS are fucose, glucose, mannose, rhamnose, uronic
acids, and unusual sugars such as 3-O-methyl fucose, 3-O-methyl rhamnose, and
6-O-methyl hexose [1]. Galactose is involved in the innate and adaptive immune
system [99]. L-Arabinose is used as food additive for its sweet taste and poor
absorption in humans [100] and is an antiglycemic agent by selective inhibition of
invertases, reducing the glycemic response after sucrose ingestion [101]. Uronic
acid is a chelating agent to remove metal ions. Fucose has high commercial
value for its anticancer properties and for chemical synthesis of flavoring
agents [1, 55].

Some B. braunii (UC 58) strains produce 4.0–4.5 g/L EPS with few hydrocarbons
(5%). The EPS amount varies with the strain, race, physiological conditions, and
culture. Strains of A and B races can produce up to 250 mg/L EPS, and race L up to 1
g/L plus glucose [1].

Greater EPS production correlates with minor growth by N deficiency. Urea
and ammonia decrease the pH, as well as EPS production. Optimal conditions for
EPS production were nitrate (8 mM) and between 25 and 30°C. Out of these
temperatures, the EPS polymerization decreased significantly [1, 102]. Light/dark
(16:8) photoperiod produced more hydrocarbons, but continuous light with
agitation increased EPS until 1.6 and 0.7 g/L in LB 572 and SAG-30 strains,
respectively [103]. EPS production increased (2–3 g/L) in low salinity levels
(17–85 mM) as osmoprotectants [53]. High salinity and low N content in D
medium induced EPS production (0.549 � 0.044 g/L) in comparison to the BG11
medium (0.336 � 0.009 g/L), but biomass was higher in BG11 (1.019 � 0.051 g/L)
than in D (0.953 � 0.056 g/L) [104]. Modification of culture conditions could be
used to increase EPS production, to facilitate the removal, and to increase hydro-
carbon recovery. With Botryococcus braunii CCALA 778 (race A), a light:dark cycle
at 26°C resulted in an increased production of EPS, and a milking procedure for
these polysaccharides has been proposed [105, 106]. EPS can be used as thickening
or gelling agents [107].

3.5 Other biopolymers

Algenanes are aliphatic, nonhydrolyzable, and insoluble biopolymers found in
the ECM at 9 and 10% dry weight of race A and B, respectively. Due to their high
resistance to degradation, they are attributed to the good preservation of colonies in
sedimentary rocks [108].

Another reported biopolymer was the polyhydroxybutyrate (PHB), a biode-
gradable plastic with a yield of about 20% of the dry weight [109]. PHB is a
polyester with thermoplastic and biodegradable properties, and it's a carbon and
energy storage compound. For its similar physical properties to polypropylene and
polystyrene, it is of commercial interest [110]. Under pH 7.5, 40°C, and with 60%
wastewater as culture medium, a maximum yield of 247 � 0.42 mg/L PHB was
reported [111].
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3.3 Pigments
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St System TRT Biomass Lipids Ref.

SCGR XMax Px CNT Yld. Prod.

BOT22
(B)

Biofilm
bioreac.

Nitrocell. Memb. (diam.
25 mm and pore size

0.45 μm)

NIA 3.12a 0.42b NIA 0.83a NIA [84]

BOT84
(L)

NIA 10.04a 3.8b NIA 1.11a NIA

BOT7
(S)

NIA 13.6a 0.99b NIA 0.83a NIA

CNT, content (% DW dry weight); Chu, Chu media for microalgae [8]; EF, Erlenmeyer flask; FBR, photobioreactor;
N:P, proportion of nitrogen: phosphate; Px, biomass productivity (g/L day); NIA, no information available; Prod.,
productivity (g/L day); Rcwy, raceway; SCGR, specific cell growth rate (μ/day); μ, specific velocity of growth rate; St,
strain (race); TRT, treatment; Yld., yield (g/L); Xmax, maximum cellular concentration (g/L).
amg/cm2.
bmg/cm2/day.

Table 3.
Comparison of crop conditions and lipid productivity in B. braunii.
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promote antioxidant and anti-inflammatory activities [96]. The extracellular poly-
saccharides (exopolysaccharides, EPS) constitute most of the organic material of
high molecular weight released to the environment by microalgae and other micro-
organisms. They have antioxidant, immunomodulatory, antibacterial, antiviral,
anticarcinogenic, and antihypocholesterolemic effects [97]. They are used as thick-
eners, emulsifiers, bioflocculants, stabilizers, and gelling agents in foods and cos-
metics; are soluble in water; and modify the rheological properties of solutions
increasing their viscosity to form gels [1, 98].

The ECM and the fibrillar pod are composed of mucilaginous polysaccharides
[20], and other detected EPS are fucose, glucose, mannose, rhamnose, uronic
acids, and unusual sugars such as 3-O-methyl fucose, 3-O-methyl rhamnose, and
6-O-methyl hexose [1]. Galactose is involved in the innate and adaptive immune
system [99]. L-Arabinose is used as food additive for its sweet taste and poor
absorption in humans [100] and is an antiglycemic agent by selective inhibition of
invertases, reducing the glycemic response after sucrose ingestion [101]. Uronic
acid is a chelating agent to remove metal ions. Fucose has high commercial
value for its anticancer properties and for chemical synthesis of flavoring
agents [1, 55].

Some B. braunii (UC 58) strains produce 4.0–4.5 g/L EPS with few hydrocarbons
(5%). The EPS amount varies with the strain, race, physiological conditions, and
culture. Strains of A and B races can produce up to 250 mg/L EPS, and race L up to 1
g/L plus glucose [1].

Greater EPS production correlates with minor growth by N deficiency. Urea
and ammonia decrease the pH, as well as EPS production. Optimal conditions for
EPS production were nitrate (8 mM) and between 25 and 30°C. Out of these
temperatures, the EPS polymerization decreased significantly [1, 102]. Light/dark
(16:8) photoperiod produced more hydrocarbons, but continuous light with
agitation increased EPS until 1.6 and 0.7 g/L in LB 572 and SAG-30 strains,
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medium induced EPS production (0.549 � 0.044 g/L) in comparison to the BG11
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B. braunii (UTEX 572) was used to produce intra- and extracellular Ag
nanoparticles (AgNPs) with antimicrobial properties, and analysis suggested that
the exopolysaccharides were the possible reducing and capping agents [112].

4. Conclusions

Although B. braunii has been considered mainly as a good source of biofuels by
the possibility to convert its hydrocarbons into currently used fuels, without the
necessity of engine modifications, it produces many other high-value derivatives
that can be exploited for their promising attractive profits. Besides, along the
photosynthetic process, this alga converts 3% of solar energy into hydrocarbons
[1] and can reduce CO2 emissions up to 1.5 � 105 tons/year [113]. There are
several reports about modifications of the culture conditions through vitamin
addition, affecting the yield of several derivatives like biomass, hydrocarbon,
and carbohydrate in Botryococcus braunii KMITL 5 [114]; however, those are from
not clearly recognized strains and should be carefully taken. With B. braunii race
A, B, or L, the main challenge is to accelerate the doubling rate because,
depending on the race, it varies between 2 and 10 days. This results in easy
contamination with faster growing microorganisms in open ponds used for
industrial production, or a high cost of sterile conditions in closed bioreactors.
In spite of these disadvantages, we consider that B. braunii is an excellent model
of biorefinery. Other strategies to use B. braunii as biorefinery and bioreactor are
being developed like the immobilization in polyester [115] or bioharvesting with
Aspergillus sp. [116].
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Chapter 8

Bioconcentration of Marine Algae 
Using Lipase Enzyme
Jithu Paul Jacob

Abstract

Marine algae rich in n-3 PUFA, being a natural and readily available resource, 
could be an alternative to fish oil derived n-3 PUFA; therefore, it could be of 
immense potentiality in nutraceutical and pharmaceutical industries. This high-
lights the sustainable benefits of algae and the many potential gains in creating 
algal bio-factories. In recent years, the use of lipase as biocatalysts had drawn 
considerable attention. Lipase is an enzyme that hydrolyzes lipids, the ester bonds 
in triglycerides, to form fatty acids and glycerol. Among the lipases assayed, the 
enzyme from the yeast Candida cylindracea is of special interest, as these are proved 
to be a nonspecific catalyst for many (commercially) interesting reactions such as 
the modification of oils and fats, reactions in organic solvents, and resolution of 
racemic mixtures. Hence, the enrichment of microalgae using biolipase from the 
source Candida cylindracea is of particular attention. Lipase action of Candida cyl-
indracea is investigated as a function of time. It is observed that the lipases display 
a significant preference to saturated fatty acids; however, the resistance to release 
EPA and DHA was less as the hydrolysis reaction progresses.

Keywords: marine algae, lipase, PUFA, phospholipids, biofuels

1. Introduction

Poly unsaturated fatty acids (PUFAs) are unit fatty acids with a protracted 
chain contains 20 carbons or more, and primary covalent linkage situated on the 
third position carbon atom at the methyl end. PUFAs, together with EPA and DHA, 
proposed long before projected to bequeath health edges by rising blood pressure 
[1], appeasing symptoms of rheumatoid arthritis and depression, as well as attenu-
ating the progression of Alzheimer’s disease [2]. Although plant-derived α-linolenic 
acid (ALA) is obtained from dairy products and margarines [3] and with the help 
of desaturase and elongase enzyme convert it to EPA and DHA in humans, where 
the process is inefficient (0.04–2.84%), and the conversion is restricted by high 
dietary intake of EPA, DHA and linoleic acid. Also, low delta-6 desaturase activity 
in humans may be the reason for poor conversion of ALA to EPA and DHA [4]. 
However, the intake of PUFA-enriched foods or marine oil supplements containing 
these fatty acids through diet can increase the levels of EPA and DHA. Whereas, the 
diet of developed countries major sources of PUFAs are fish, red meat and poultry 
[5] where combinations of these foods contribute high levels (>75% of the total 
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Chapter 8

Bioconcentration of Marine Algae 
Using Lipase Enzyme
Jithu Paul Jacob

Abstract

Marine algae rich in n-3 PUFA, being a natural and readily available resource, 
could be an alternative to fish oil derived n-3 PUFA; therefore, it could be of 
immense potentiality in nutraceutical and pharmaceutical industries. This high-
lights the sustainable benefits of algae and the many potential gains in creating 
algal bio-factories. In recent years, the use of lipase as biocatalysts had drawn 
considerable attention. Lipase is an enzyme that hydrolyzes lipids, the ester bonds 
in triglycerides, to form fatty acids and glycerol. Among the lipases assayed, the 
enzyme from the yeast Candida cylindracea is of special interest, as these are proved 
to be a nonspecific catalyst for many (commercially) interesting reactions such as 
the modification of oils and fats, reactions in organic solvents, and resolution of 
racemic mixtures. Hence, the enrichment of microalgae using biolipase from the 
source Candida cylindracea is of particular attention. Lipase action of Candida cyl-
indracea is investigated as a function of time. It is observed that the lipases display 
a significant preference to saturated fatty acids; however, the resistance to release 
EPA and DHA was less as the hydrolysis reaction progresses.

Keywords: marine algae, lipase, PUFA, phospholipids, biofuels

1. Introduction

Poly unsaturated fatty acids (PUFAs) are unit fatty acids with a protracted 
chain contains 20 carbons or more, and primary covalent linkage situated on the 
third position carbon atom at the methyl end. PUFAs, together with EPA and DHA, 
proposed long before projected to bequeath health edges by rising blood pressure 
[1], appeasing symptoms of rheumatoid arthritis and depression, as well as attenu-
ating the progression of Alzheimer’s disease [2]. Although plant-derived α-linolenic 
acid (ALA) is obtained from dairy products and margarines [3] and with the help 
of desaturase and elongase enzyme convert it to EPA and DHA in humans, where 
the process is inefficient (0.04–2.84%), and the conversion is restricted by high 
dietary intake of EPA, DHA and linoleic acid. Also, low delta-6 desaturase activity 
in humans may be the reason for poor conversion of ALA to EPA and DHA [4]. 
However, the intake of PUFA-enriched foods or marine oil supplements containing 
these fatty acids through diet can increase the levels of EPA and DHA. Whereas, the 
diet of developed countries major sources of PUFAs are fish, red meat and poultry 
[5] where combinations of these foods contribute high levels (>75% of the total 
intake derived from 29 different food groups) of DHA (fish and poultry), EPA (fish 
and red meat), and docosapentaenoic acid (DPA; red meat, poultry and fish).
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Marine algae, like other algae, have chlorophyll a photosynthetic system and 
thus considering as a diverse group of photosynthetic organisms. However, they 
possess simple structural moiety; their reproductive structures lack sterile cells 
so also do not form any embryos. For broader classification generally algae are 
divided into eight major groups or divisions based on their difference in their 
photosynthetic pigments, carbohydrate reserves, and cell structures. These algal 
groups contain unicellular members (collectively called microalgae) and multicel-
lular members (macroalgae or seaweeds). The application of marine algae varied 
greatly from human food to animal fodder, source of phycocolloids and bioactive 
products to even recently use for biofiltration. The economic utilization of both 
marine macroalgae and microalgae has been explored for some time. Since 1940, it 
has been used as a source of liquid fuels and single cell proteins. During 1960s, with 
the invention of the extraordinarily halophilic algae Dunaliella could be considered 
as the most effective natural supply of carotene, started the business utilization of 
microalgae gained impetus.

Nowadays, microalgae provide a wide range of use as fine chemicals, oils, 
and polysaccharides, as soil conditioners, waste treatment and aquaculture. As 
a result of their usable products, the natural resources of algae cannot meet the 
demand and they are overexploited in their natural habitats [6]. The cultiva-
tion of microalgae is presently one of the most productive and environmentally 
friendly forms of livelihood among the coastal populations. Algal culture is 
being investigated to be used in house vehicles as a way of air revitalisation, food 
production, and waste treatment.

2. Recovery of PUFA from microalgae

The process has three main steps: (1) combined extraction-transesterification 
of fatty esters from the algal biomass; (2) a silver ion column chromatography 
step; and (3) a chlorophyll removal step [7]. Optimal processing conditions, the 
scale up of recovery, and the relative economics of producing microalgal EPA 
are important. The quality and stability characteristics of EPA from microalgae 
area unit has established. Previously, many advance process schemes introduced 
to purify polyunsaturated fatty acids from complex mixtures. To obtain good 
purity, these schemes perpetually employed as many processing operations 
which reduce the overall recovery and magnified costs. In several other cases, 
these methods had other problems which omitted it from uses. There in another 
study which involves complicated procedure of a two-step winterization, 
saponification, and urea fractionation of sardine oil successfully recovered 90% 
fraction of EPA and DHA, but failed to resolve those two compounds. Selective 
extraction of PUFA can be achieved by using aqueous solutions of silver nitrate 
through a water immiscible organic phase. However, this approach is question-
able such that suitably it does not allow purification of a single compound such 
as EPA from complex mixture such as esterified oils. Similarly, PUFAs could also 
by selection obtained by surface assimilation of the esterified oil on aminopropyl 
warranted silicon oxide columns and selective extraction of saturated and oleic 
acid esters with solvent. The polyunsaturated fatty acid esters are then eluted 
with dichloromethane.

This method again had the drawback that it does not resolve highly pure EPA 
from the other polyunsaturated esters. For the fractionation of PUFA there is 
another variant of column chromatography envisions which uses aluminum oxide 
stationary phase and supercritical or liquid carbon dioxide as the mobile phase, but 
only few clear details have been published so far. Fractionation of fish oil and whole 
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triglyceride extracts of other marine organisms can be done directly on silica gel 
and Ag-impregnated silica gel, whereas, initial fractionation of whole triglycerides 
is not efficient for at the same time getting a high purity associate degreed smart 
recovery of most of the Eicosapentenoic acids in an oil.

A newer novel approach used kinetic resolution to separate EPA from fish oil. 
Kinetic resolution is based on differences in selectivity and rates of lipase catalyzed 
esterification of different fatty acids in a mixture. Whereas this approach has 
allowed high recovery of Eicosapentenoic acids (up to 75%) from the oil, the purity 
of the product did not exceed 18%. When free fatty acids were used as the starting 
material rather than the triglycerides, EPA recovery by kinetic resolution improved 
to 93% but purity declined to less than 8%. Obviously, kinetic resolution as a 
method of purification has limited capabilities [8]. In addition, kinetic resolution 
using lipases under anhydrous conditions is difficult to economically implement 
in practice and the process is comparatively slow. Other PUFA recovery schemes, 
mostly useful only in the laboratory, have been reviewed elsewhere. Because of 
their survival in a variety of environmental conditions and widespread availabil-
ity, studies on the mass culture of algae have been largely confined to freshwater 
species of Chlorella and Scenedesmus. According to the use of intend it is needed 
to screen a large number of unicellular algae from the point of view of nutritional 
composition, toxicity, resistance to contaminants, growth rates in mass culture, 
suitability etc. It is possible to mass culture in the laboratory with good results, in 
that cases the conditions must be good not like in primitive area where glass jars 
or tubes, artificial illumination, and equipment for sterilizing large volumes of 
seawater is not available, and in locations where the large scale culture of marine 
species is not possible [9].

It is important therefore to find unsophisticated methods for the production of 
large quantities of marine species. Other investigations into the culture of marine 
protoctist have trusted natural brine, each in open tanks and in closed controlled 
systems. Although impregnated natural saltwater created an honest crop of plant 
life, the inoculated culture was sometimes replaced rapidly by other organisms 
introduced with the seawater, such as motile and non-motile chlorophytes, colorless 
flagellates, ciliates or other zooplankters. Even underneath controlled laboratory 
conditions, little protoctist species in saltwater often experience filters and become 
established in culture carboys. It would be advantageous to use an artificial salt-
water medium which would eliminate the immediate introduction of undesirable 
organisms.

Marine algae rich in n-3 PUFA being natural and readily available resource could 
be an alternative to fish oil derived n-3 PUFA; therefore, it could be of immense 
potentiality in nutraceutical and pharmaceutical industry. Lipids and protein pro-
duce during algal growth may be used as biodiesel, biomass for oil sources, and also 
as animal feed. This uses highlights the suitable benefits of algae and many potential 
gains while developing algal bio-factories. Limit factors for the potential use of 
marine algal oils on large scale are cost, extraction and purification methods.

In addition, extra experimentation is needed to confirm best growth conditions 
for enhancing macromolecule biogenesis. More over algae-derived oils are vegetar-
ian-friendly and easy to grow on a large scale due to their small size. n-3 PUFA are 
typically associated with marine organisms, and algae, as the basis of the marine 
tropic chain that poses a very promising source of PUFA. In recent years, the use of 
lipase as biocatalysts had drawn considerable attention.

Lipase is associate degree catalyst that hydrolyzes lipids, the organic compound 
bonds in triglycerides, to create fatty acids and glycerin. Currently they account 
for 25% of total enzymes used in biotechnology, and this is because of the great 
versatility of the enzyme in catalyzing reactions of hydrolysis and synthesis, 
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interesterification and transesterfication. Among the lipases, the enzyme from the 
yeast Candida cylindracea is of particular interest, since these are proved to be a 
nonspecific catalyst for many (commercially) appealing reactions such as the modi-
fication of oils and fats, resolution of racemic mixtures and reactions in organic 
solvents [10]. Hence, the enrichment of microalgae using biolipase from  
the source Candida cylindracea is of particular attention. The partial hydrolysis of 
the sardine oil by Candida cylindracea lipase indicates a strong discrimination by the 
lipase against DHA, so the DHA present in triglycerides does not get hydrolyzed, in 
effect get concentrated [11].

On the other hand, this lipase has only moderate discrimination against EPA, 
so the concentration percentage of EPA is comparatively lower than that of DHA 
with a moderate enrichment. Thus, the partial hydrolysis values of the sardine oil 
by Candida cylindracea lipase indicate higher specificity of lipase towards DHA than 
towards EPA. Lipase action of Candida cylindracea is investigated as a function of 
time. It is observed that the lipases display a significant preference to saturated fatty 
acids, however, the resistance to release EPA and DHA was less as the hydrolysis 
reaction progresses. It has been reported that because n 3 PUFA is located in the 
second position of triglyceride, hydrolysis of sardine oil with 1,3 specific lipase 
should produce PUFA rich 2-monoglycerides and 1,2 diacyl glycerides [12, 13]. The 
presence of cis carbon–carbon double-bonds in the fatty acids result in bending 
of the chains. Therefore, the terminal methyl group of the fatty acids lies so close 
with the ester bond that can cause a stearic hindrance effect on lipases. Due to the 
presence of five and six double bonds there is a high bending effect of EPA and 
DHA, enhancing the stearic hindrance effect; consequently lipases cannot reach the 
ester-linkage between these fatty acids and glycerol. However, saturated and mono-
unsaturated fatty acids of triglycerides do not possess any barriers to lipases so they 
can be easily hydrolyzed. Therefore, fatty acid selectivity of the lipases for EPA and 
DHA allows their separation and concentration from other components left behind 
portion of marine oils. In addition to it, the lipases have been frequently used for 
the discrimination between EPA and DHA in concentrates containing both of these 
fatty acids, thus providing the possibility of producing omega3-PUFA concentrates 
with dominance of either EPA or DHA.

The enzyme lipase was first commercially successfully introduced by Novo 
Nordisk in 1988 under the trade name “Lipolase”. It was actually originated from the 
fungus Humicola lanuginosa. Again, in 1995 two bacterial lipases were introduced—
“Lumafast” and “Lipomax” from Pseudomonas mendocina and Pseudomonas alcali-
gens, respectively both produced by Genencor International. Currently, industrial 
enzymes are manufactured by three major suppliers, they are Novozymes, 
Denmark, Genencor International Inc., US and DSM NV, Netherlands. Lipases are 
marketed by various brand names like Lipopan, Lipozyme, Novozyme, Patalase, 
Greasex, Lipolase and Lipoprime. Lipases of microbial origin have gained consider-
able attention in the field of biotechnology and a large number of microbial strains 
have been used for the enzyme production.

The production of extracellular lipase by Candida cylindracea in a batch bioreac-
tor is influenced by aeration, substrate type and concentration. Both olive oil and 
oleic acid when used as the carbon sources gave almost identical activity while 
the production of extracellular lipase was growth associated. For optimum lipase 
production it required the enrichment of air flow by pure oxygen by maintaining 
the oxygen concentration at the recommended value. The optimal growth condi-
tions for lipase production by Candida cylindracea is influenced by agitation speeds 
and aeration in a fermentor [14]. Maximum lipolytic activity was observed when 
the microorganisms were at the beginning of the stationary growth phase. For the 
production of lipase submerged cultivations using yeast has been found to be the 
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most suitable process. Meanwhile, these processes are influenced by a variety of 
parameters and also their interactions. Due to the complex morphology of the cells, 
industrial processes involving submerged fermentation require greater attention.

The fermentation runs with 200 rate yielded higher protein activity compared 
with the fermentations runs at 400 rates. Higher bad hat speed light-emitting 
diode to the formation of cells to aggregates with vacuolation. The vacuoles formed 
clumps which lowered the enzyme production. When the agitator speed was 
200 rpm the vacuoles will be separated, resulting in increased enzyme production 
[15]. Aeration and dissolved oxygen also affected the morphology of the cell. Yeasts 
are considered as important sources for lipase production. There are problems such 
as changes in morphology of cells during agitation and while enzyme production 
the combined effect of operational parameters have negative effect on enzyme 
preparation in fermentation steps.

For the enrichment or bio concentration of DHA and EPA in marine oils lipases 
are used. These can be applied in free fatty acids (FFA) or in simple esters of 
marine oil fatty acids also. One of the major advantages is that the lipases can be 
operated under mild conditions, so that products such as EPA and DHA are prefer-
able since they are prone to oxidation. The choice of lipase and raw material used 
were depended upon the structure of the desired lipid and ratio of EPA to DHA 
in the final product. Specificity of the lipase towards the fatty acid should also be 
considered. The location of the fatty acids is in triacylglycerols (TG), and then the 
regiospecificity and TG specificity also have an effect on the enrichment. Thus, the 
positional distribution of the fatty acids on the acylglycerol molecule structure may 
have an effect on the ability of the lipase to enrich DHA and/or EPA in either the 
substrate or product. Different strategies are employed using lipases for the concen-
tration of EPA and/or DHA of marine origin. Lipases from Candida rugosa (for-
merly Candida cylindracea) and Rhizomucor miehei discriminate against DHA than 
EPA. But those from porcine pancreas, Chromobacterium viscosum, Pseudomonas 
sp., Pseudomonas cepacia and Pseudomonas fluorescens do vice versa, i.e.: discrimi-
nate against EPA than DHA. Lipase from Rhizomucor miehei can be applied for the 
enrichment of DHA in FFA from fish oil by alcoholysis of the oil with butanol or 
glycerol. By ethanolysis of fish oil this lipase succeeded in separating DHA into the 
acylglycerol fraction and EPA into the ethyl ester fraction [16]. Lipase from Candida 
rugosa also got similar application in catalyzing the enrichment of DHA in the 
acylglycerol fraction by the hydrolysis of fish oil. Both DHA and EPA enrichment 
has been successful in the acylglycerol fraction obtained by ethanolysis or hydroly-
sis of fish oil catalyzed by the lipase from Pseudomonas sp., Pseudomonas fluorescens 
and Geotrichum candidum [12, 13]. The lipase from Rhizopus delemar has been used 
to catalyze the esterification between FFA and lauryl alcohol to concentrate DHA in 
the FFA from fish oil. To concentrate both DHA and EPA in FFA another approach 
is to esterify FFA from marine origin with glycerol catalyzed by the lipase from 
Pseudomonas sp., Pseudomonas fluorescens, Thermomyces lanuginosus (formerly 
Humicola lanuginosa) or Rhizopus oryzae.

3. Analysis of enriched fatty acid in marine algae

The reagents commonly used for acid-catalyzed transesterification are metha-
nolic, hydrochloric and sulfuric acid, and boron trifluoride in methanol. All of 
them are suitable for lipid transesterification and also free-fatty-acid methylation. 
However, at ambient temperature neither acid-catalyzed nor boron-fluoride-
catalyzed reactions proceed; in both cases the reaction requires heating. Among 
the mentioned reagents, boron trifluoride-methanol reagent (12–14% w/v) is the 
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most suitable process. Meanwhile, these processes are influenced by a variety of 
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The reagents commonly used for acid-catalyzed transesterification are metha-
nolic, hydrochloric and sulfuric acid, and boron trifluoride in methanol. All of 
them are suitable for lipid transesterification and also free-fatty-acid methylation. 
However, at ambient temperature neither acid-catalyzed nor boron-fluoride-
catalyzed reactions proceed; in both cases the reaction requires heating. Among 
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most often used for transesterification of all types of lipids and it is being the best 
and very useful reagent for lipid esterification. Under the conditions recommended 
(heating at 100°C), transesterification is complete within 2 min for free fatty acids, 
within 10 min for phosphoglycerides, within 30 min for triglycerides and within 
90 min for sphingomyelin. For biological samples boron fluoride-methanol reagent 
is used for transesterification of lipids following the procedure given below: into 
a screw-capped tube (Teflon cap liner) a small aliquot of the lipid extract (dis-
solved in chloroform) is added; to it add 0.5–1 ml boron fluoride-methanol reagent 
(140 g/l, containing an required amount of BHT as antioxidant); the tube is then 
closed and heated at 90°C for 2 h. This methodology proved to be administered 
complete transesterification of all lipids; the addition of BHT can prevent rancidity 
of PUFA.

After the transesterification reaction completed, FAMEs are extracted by adding 
n-hexane and water twice to the proportion of sample. This is the most simple and 
effective procedure. Even though, this method is most popular, boron tri-fluoride-
methanol has few disadvantages. Unless refrigerated, the reagent has only a limited 
shelf life [17]. The use of recent or too focused solutions might lead to the assembly 
of artifacts or loss of PUFAs.

If the sample contains plasmalogens, aldehydes area unit liberated by the chemi-
cal agent and area unit regenerate into dimethyl acetals (DMAs), that area unit 
nearly not possible to break free the major carboxylic acid methyl esters including 
methyl palmitate. There is wide usage of anhydrous methanolic hydrochloric acid 
and methanolic sulfuric acid for lipid esterification varying under different condi-
tions, in particular, different reaction temperatures, different acid concentrations, 
and different reaction times. The methanolic acid boron fluoride-methanol works 
as methylating free fatty acids very rapidly so can be used to transesterify all the 
lipids which are typically present in the biological samples. With a concentration 
of 5% methanolic hydrochloric acid complete transesterification can be carried out 
by heating the sample in the reagent for about 2 h under refluxion. This reaction 
can also be carried out at 50°C overnight. In the same way a solution of 1–2% (v/v) 
 concentrated sulfuric acid in methanol can be used for the transesterification of 
lipid samples. This method using methanolic, hydrochloric and sulfuric acids also 
have the disadvantage like boron trifluoride-methanol that DMAs are formed during 
transesterification from plasmalogens. Acetyl chloride and aluminum chloride are 
the other reagents used for transesterification. Both these reagents shown complete 
transesterification in the samples without prior extraction of the lipid, whereas, 
aluminum chloride has the disadvantage that it does not esterify free fatty acids.

4. PUFA as phospholipids fractions

Phospholipids are major constituents of cell membranes and play essential 
roles in biochemistry and physiology of the cell functions. Phospholipids in fish 
and marine species are highly enriched with the long-chain n-3 type polyunsatu-
rated fatty acids. About 40–50% content of EPA and DHA is not uncommon in 
some phospholipid classes in fish. The role of n-3 polyunsaturated fatty acids in 
phospholipid moiety is in adjusting the membrane integrity and functions presum-
ably at lower temperature, and also to the membrane fluidity and mobility as a 
result of their higher unsaturation. In the case of fish among the phospholipids, 
phosphatidylcholine (PC) and phosphatidylethanolamine (PE) are by far the most 
abundant in the flesh, especially PC make up to 50–60% of the total phospholipid 
content [18]. The composition of individual phospholipid classes is remarkably 
similar among fish species as is the characteristic fatty acid composition of each 
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class. Lecithins present in plant and vegetable origin are popularly using as health 
supplements. The vegetable oil is highly enriched with n-6 fatty acids, which so as 
in the case of the n-3 fatty acid fish oils. On the other hand, purified fish lecithins, 
which are highly enriched with n-3 polyunsaturated fatty acids phospholipids, 
are not available on the market at all. This is because tedious extraction procedure 
is required for obtaining lecithin from fish oil unlike plant or vegetable lecithins. 
Here, certain attempts for the preparation of such phospholipids, highly enriched 
with EPA and DHA, from the more readily available plant or animal lecithins is 
explained. Pure phosphatidylcholine can be obtained from egg yolk after purifica-
tion by preparative HPLC and was treated under the acidolysis reaction using the 
Mucor miehei lipase. There is observed reaction as anticipated in which the rate of 
the reaction involving the phospholipids that possess the zwitterionic head group. 
This is much lower as compared to the natural triacylglycerol substrates. Therefore, 
large quantities of lipase were required, which will resulted in high extent of 
hydrolysis side reaction. The optimal reaction conditions is offered in a mixture of 
phospholipids of approximately 40% desired for phosphatidylcholine and lyso-
phosphatidylcholine (LPC) whereas, 20% of glycerol phosphatidylcholine (GPC). 
In LPC only one of the acyl moiety will be hydrolyzed and in glycerol phosphati-
dylcholine both acyl groups will get hydrolyzed. When pure EPA was used, both 
the PC and the LPC fractions were highly enriched with EPA, particularly the LPC 
fraction, 58 and 69%, respectively.

5. Application of PUFA

PUFA had many helpful effects for human health so it considered as unit 
important elements in human nutrition. The intake of PUFA in diet, together with 
n-6 fatty acids, is understood to modulate the inflammatory processes among 
different cell functions. Although many of the species exhibited high amounts 
of SFA, some Phaeophyta and Rhodophyta species show higher concentrations of 
PUFA, and PUFA/SFA ratios higher than 1 (H. scoparia, 1.46; T. atomaria, 1.33; C. 
spongiosus, 1.77; Peyssonnelia sp., 1.33). Whereas, the lowest ratios were discovered 
in algae from the phylum Chlorophyta (0.27–0.68) [19]. It seems that this phylum 
incorporates a lower potential, examination to the opposite two phyla studied, 
as a nutritional source of PUFA for human consumption. However, not all PUFA 
are associated with the promotion of health benefits. For example, in the inflam-
mation process, eicosanoids derived from n-6 PUFA are generally considered as 
pro-inflammatory or as promoters of other cell harmful effects, whereas n-3 PUFA 
derivatives are considered less inflammatory or even anti-inflammatory [20].

Since the synthesis pathway of those fatty acids depends on identical enzymes 
for n-3 and n-6 PUFA, the health promoting effects area unit keen about the 
n-6/n-3 magnitude relation of PUFA obtained through diet.

The World Health Organization (WHO) recommends a ∑n-6/∑n-3 magnitude 
relation not up to 10. Almost all algae can be considered as a good source of dietary 
PUFA, since they showed ratios ranging between 0.29 and 6.73 [21]. The exception 
was Chaetomorpha sp., during which the ∑n-6/∑n-3 magnitude relation was the 
best from all the studied species (31.25) and in D. spiralis during which no n-3 fatty 
acids were detected. Besides associate degree applicable nutritionary profile, these 
macroalgae can also be exploited for pharmaceutical purposes.

Many of the PUFA thought-about powerful molecules against many diseases 
and area unit already employed in totally different medical specialty applications. 
For example, several reports suggest that n-3 fatty acids, mainly EPA and DHA, 
may have a significant potential in the treatment of autoimmune and inflammatory 
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diseases. Rhodophyta was the phylum with the highest percentage of n-3 fatty acids 
(16–27% of total FAME), followed by Phaeophyta (0–15%), in which significant 
amounts of n-3 were also present. Aside from Ulva sp. that had 18 of n-3 FAME, 
Chlorophyta macroalgae conferred very cheap values of n-3 fatty acids (1–9%). 
Conversely, the detected n-6 fatty acids were lower in Rhodophytes (8–15%), 
thanks to the low concentration of linoleic acid, except for Peyssonnelia sp., where 
n-6 concentration was approximately 28% of total FAME. Phaeophytes showed 
the highest contents of n-6 fatty acids (23–44%), whereas chlorophytes presented 
mid-range values (6–27%).

Considering absolutely the concentrations of PUFA within the varied species 
tested, Ulva sp., T. atomaria, C. spongiosus, Peyssonnelia sp. and B. secundiflora pos-
sess the best contents of n-3 PUFA, 1.07, 1.38, 1.19, 1.06 and 1.42 mg/g, severally. 
Apart from genus Ulva sp., during which ALA dominated, the n-3 profile of the 
remaining strains was basically composed of independent agency. Nevertheless, 
Peyssonnelia sp. exhibited a relatively high content of DHA, 0.22 mg/g of dry 
biomass, coupled with an EPA concentration of 0.84 mg/g. A variety of potential 
applications area unit delineated for independent agency and DHA, which hold sig-
nificant potential for pharmaceutical purposes, namely cancer treatment, asthma, 
psoriasis, rheumatoid arthritis, antibiotic, inflammatory bowel disease, depression, 
allergies, cardiovascular diseases, among others [22].

More recently, PUFA verified to own a robust potential in drug delivery; 
additionally to the delineated toxicity of a number of PUFA, PUFA enable a more 
efficient penetration of specific molecules through the cell membranes of tumor 
cells, due to their unique lipophilic characteristics. In fact, several studies show 
that tumor cells display faster PUFA intake than normal cells, as demonstrated 
for the conjugated taxoid DHA-paclitaxel. The nutritionary and pharmaceuti-
cal edges of PUFA, however, contrast with the increasing difficulty in finding 
sustainable sources of n-3 VLCPUFA, which traditionally were obtained from fish 
and fish oil [23].

Declining fish stocks caused by decades of overfishing makes ever more urgent 
to find non-traditional alternatives for the western world. As VLCPUFA are usually 
absent from terrestrial higher plants, traditional crops can also be excluded as viable 
sources of these FA. Though this deficiency can be overcome by applying genetic 
engineering, transgenic foods are not always well accepted by the general public. 
Therefore, n-3 VLCPUFA are typically associated with marine organisms, and 
algae, as the basis of the marine trophic chain, come out as a very promising source 
of VLCPUFA. In fact, large scale farming of marine algae has been accomplished 
successfully for hundreds of years. Approximately, 220 protoctist species area unit 
presently cultivated and harvested everywhere the globe for various functions. 
Though principally used as food for human consumption, particularly in Asia, mac-
roalgae are also the primary source of hydrocolloids such as agar, carrageenan and 
alginate, which have numerous industrial applications, such as gelling, stabilizing or 
binding agents. The next step may somewhat be the property exploitation of marine 
macroalgae as different sources of VLCPUFA, not solely in Asia, however conjointly 
within the western world.
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Abstract

The proposed chapter aims to provide a more in-depth explanation of the com-
position of carbohydrates in microalgae biomass, focusing on separation methods, 
chemistry, molecular characterization, as well as their application in several areas. The 
purpose of this review chapter is to show that biological products from microalgae 
have potential in health, food, and industry applications (materials and biofuel pro-
duction). Steps for extraction and purification will be discussed, as well as the rela-
tionship between the type of microalgae and its composition, as a way of optimizing 
protocol selection and product making, without breaking down the cell to begin with 
(total carbohydrate extraction present in the cell). An overall overview of the current 
and prospective trends and methodologies for the use of microalgae carbohydrate will 
be included as starting points to shed light on some of the possible issues that currently 
do not allow the development and feasibility of microalgae biorefineries.

Keywords: microalgae, carbohydrates, analytical chemistry, biorefinery, trends

1. Introduction

The constant necessity of looking for new alternatives to produce sustainable 
versions of products has led to the discovery and development of new technique 
and biological models. Organisms with the potential of producing molecules that 
can be used for the development of bioproducts in different areas (food, beauty, 
health, and biodiesel, among others) have led to the discovery, study, and use of 
new organisms. Algae and microalgae have become potential and promising model 
organisms to be used for carbohydrate production and use, but besides that, it is 
also deeply studied due to its lipids, proteins, and photosynthetic activity, making 
them a prospective source of bioenergy production [1, 2].

The problems associated to the first- and second-generation feedstock for 
biofuels have seen to become more and more complicated to solve considering the 
food crisis and complex conversion of lignocellulosic materials [3] researchers, 
has led to the exploration of a third-generation feedstock, mostly represented by 
photosynthetic organisms, primarily algae/microalgae [4].
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Microalgae are considered to have the potential to produce third-generation 
biodiesel (due to its capability of fixing carbon dioxide (CO2), which is eventually 
converted to biomass and other products), which can also be referred as third-
generation feedstock, providing mainly lipids, proteins, and carbohydrates. The 
utilization of these molecules in a sequential way allows the treatment of biomass 
in biorefineries, including its use in fermentative production of a range of platform 
biochemical [5]. Through this process, carbohydrates are used as a fundamental 
piece for the production of certain products.

Besides the cell wall and reserves of photosynthetic reaction, the carbohydrates 
can be excreted by the cell. The exopolysaccharides (EPS) are complex carbohy-
drates produced from some microalgae, which are long chains composed of sugar 
derivative structures, mucilaginous and with reactive functional groups, such as sul-
fate, hydroxyl, or carboxylic [6]. The major components of EPS include mainly the 
polysaccharides and others as proteins, nucleic acid, and lipids [7]. Addition of these 
molecules is considered to be of extreme importance for enriching the nutritional 
value of food items [8]. Although these characteristics are beneficial, the extrac-
tion of these compounds from microalgae becomes a real challenge. In this context, 
several treatments can be performed for the disruption of microalgal cells, including 
chemical modifications and mechanical, thermal, or ultra-sonication processes [9].

Although promising, it is still hard to manage the cost and work that developing 
new technologies have for investors (in the industry for applied approaches and 
academia for basic development and standardization), which presents some limita-
tions for the advance of research in this area. On the long run, an implementation 
of the use of microalgae as a substitute for many of the other crop options still used 
will have an important impact on the economics, environment, and more sustain-
able practices.

Due to the vast diversity of species of microalgae, we present an analysis of the 
current trends and importance and potential of the use of carbohydrates present in 

Figure 1. 
Diagram of the main topics involved in the harnessing of microalgae carbohydrates.
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microalgae. The aim of highlighting these points is to bring awareness and present 
new alternatives of methods that will allow the use of carbohydrates in microalgae 
without the breakdown of these carbohydrates, as a way of improving and lower-
ing cost and making the use of these organisms a more feasible way of developing 
new products and technologies [10]. The main topics that will be discussed in this 
chapter can be seen in Figure 1.

2. Carbohydrate importance and composition

Carbohydrates from microalgae are considered to have a great application in 
industry, which has led to the development of new techniques and studies but that 
has exposed new challenges to industry [11, 12]. The diversity of microalgae, the 
composition, and cell organization are some of the few trials that many scientists 
are currently facing.

Carbohydrates are poly- or oligosaccharides that can be present in vacuoles 
and cell walls or that could also be excreted as exopolysaccharides (EPS) [13]. 
Microalgae come to be an interesting key organism to study due to the high content 

Figure 2. 
Glucose polymers found in microalgae.
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of carbohydrates that some of them have. Some examples are Desmodesmus spp. 
(41%) from wastewater and landfill leachate treatment [14], Chlorella stigmatophora 
(~55%) [5], or Chlorella vulgaris (60% [15] or >52% [16]) cultivated under condi-
tions of nitrogen depletion.

Similarly, indigenous microalgae species have been bioprospected in nitrogen-
depleted environments, such as Desmodesmus sp. (57%), an unidentified one with 
more carbohydrate content (70%) [17], and Arthrospira platensis that accumulated 
up to 74% of carbohydrates [18].

Despite their vast potential, using different species imposes a few challenges 
when trying to establish a consistent methodology for extraction and use. Based 
on the differences in metabolism that each species presents, a possible and fea-
sible approach is to consider that they all have reserves made out of polymers of 
glucose (glucans), such as chrysolaminarin (1:11), laminarin (3:1) (β-1,3 and β-1,6 
branches), paramylon(β-1,3), glycogen-type, cyanophycean, floridean (semi-
amylopectin: α-1,4 and α-1,6 branches), and amylose-type starch (α-1, 4) or both 
(Figure 2). The external covering of cell with polysaccharides could be peptidogly-
can matrices, cellulosic wall, and galactose polymer matrix, and others [18–20].

The potential of using microalgae for the development of various products, 
using carbohydrates as the main source, exposes some of the challenges that using 
these organisms can have. The main of it is the process of extraction of the diverse 
saccharides present in each species, but in comparison with plant-derived products, 
it is actually a much easier path, since they do not present lignification of the cell 
wall [11, 21]. In the same way, having various species together as a main feedstock 
source may require adaptations to a proper and more efficient method of extraction.

3. Trends for microalgae use and production, using carbohydrates as the 
main molecule of interest

Microalgae use for development of new products that could be beneficial to mul-
tiple industries has raised many questions in the quest of finding what will be the 
next technology that will be developed, what products will change our industries, 
and how this could benefit populations. As we know, the use of microalgae carbo-
hydrates could be a solution to many current limitations that agriculture, pharmacy, 
nutrition, and other areas are facing while trying to develop better solutions to 
fulfill the needs of people [22].

One of the main reasons for the development of new technologies and the arise 
of trends is to be able to satisfy the demands of the public and produce the income 
that the market will like to have in return for investing in these areas. Unfortunately, 
it is still a difficult task since there is still a long way to go for developments of 
products outside of the food industry.

Carbohydrates/starch is considered to be a positive/beneficial step for the 
chemical development of products, and when produced in high quantities, its use 
for fermentation is considered a better option. To date, the most common way to 
induce the production of specific molecules (in this case, carbohydrates and starch) 
is by creating stress conditions in the environment where the alga is growing, 
mainly by altering nutrient concentrations or by changing light, temperature, and 
other parameters [23, 24].

Photosynthetic electron transport approach seems to be the most researched 
area [25] since genetic modification of algae becomes challenging due to the great 
variety of species. Cyanobacteria are being used more for genetic engineering, but 
no complete success has come out it yet. Besides the interest cyanobacteria, some 
algae species have been explored as potential species for biofuel production through 
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modification of metabolic pathways that could increase the production of carbo-
hydrates, lipids, and other compounds, but the progress in this area has seen to be 
slow, which although discouraging is still considered one of the main focus for the 
future of biotechnologies in microalgae [26].

Microbiome studies of microalgae populations seem to focus more on the 
ecology aspects and the importance of their use in multiple biological processes. 
Toxicity of waters seems to attract the attention of most research groups. Its impor-
tance lies in not only the understanding of structure communities and safety of 
fresh water resources (which is the main source of drinking water for the world) 
but also the discovery of new species that may be hard to culture through regular 
isolation practices.

Similarly, human microbiome studies seem to be interested in the potential use 
of carbohydrates (including exopolysaccharides) derived from microalgae, due to its 
prebiotic potential, improving the health of adults and infants that cannot consume 
breast milk in their early stages, strengthening their immune responses [12, 27].

4. Carbohydrate extraction and analysis

Some microalgae species are capable of accumulating a large amount of intracel-
lular starch and have structural polysaccharides in their cell walls [28]. However, 
the development of standard analytical procedures for the characterization of 
microalgae biomass has been difficult because of the existence of several microalgae 
species with different cellular structures and chemical compositions [28]. Even a 
specific microalgae species may present variability in their chemical composition 
because they can strongly be affected by factors of cultivation conditions such as 
temperature, salinity, and nutrient availability [9]. Thereby, sample preparation for 
the determination of carbohydrates in microalgae is very complex.

The analytical method applied depends on the intended usage of the algal 
carbohydrates. Some require the qualitative or quantitative composition of the 
monosaccharides and others the total carbohydrate analysis [29].

In algal biomass, the carbohydrate profile analysis requires preliminary acid 
hydrolysis. Acid hydrolysis allows depolymerizing the intracellular starch and 
structural polysaccharides into their monomers, which are then further quanti-
fied [28]. The optimal hydrolysis conditions (acid, temperature, and time) should 
ensure complete hydrolysis of the polysaccharides and at the same time avoid exces-
sive degradation of monosaccharides [29].

In this context, the selective cleaving of algal polysaccharides by enzymatic 
hydrolysis is another promising approach once the formation of degradation 
products like furfural or hydroxymethylfurfural is avoided [29]. However, for some 
microalgae species, the composition of the cell wall is complicated and unknown; 
also, some enzymes are very expensive [30]. The cell wall present in the microalgae 
limits extraction yields of high-value products or results in a low bioavailability of 
intracellular components [9, 30].

The methodology widely employed in acid hydrolysis is the procedure pub-
lished by the National Renewable Energy Laboratory (NREL) based on two-step 
hydrolysis using H2SO4 [31, 32]. Despite being a reliable method, it is a multistep 
procedure, increasing the chance of experimental errors, and also presents a high 
time of sample preparation. Northcote et al. [33] proposed another method based 
on one-step acid hydrolysis with dilute H2SO4 and use smaller biomass samples.

Other methods use chemical extraction method like alkaline pretreatment [34] 
and physical method, such as hot-water treatment, microwave-assisted extraction, 
and ultrasonic-assisted extraction [30, 35]. The choice of extraction method is that the 
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modification of metabolic pathways that could increase the production of carbo-
hydrates, lipids, and other compounds, but the progress in this area has seen to be 
slow, which although discouraging is still considered one of the main focus for the 
future of biotechnologies in microalgae [26].

Microbiome studies of microalgae populations seem to focus more on the 
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Toxicity of waters seems to attract the attention of most research groups. Its impor-
tance lies in not only the understanding of structure communities and safety of 
fresh water resources (which is the main source of drinking water for the world) 
but also the discovery of new species that may be hard to culture through regular 
isolation practices.

Similarly, human microbiome studies seem to be interested in the potential use 
of carbohydrates (including exopolysaccharides) derived from microalgae, due to its 
prebiotic potential, improving the health of adults and infants that cannot consume 
breast milk in their early stages, strengthening their immune responses [12, 27].
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Some microalgae species are capable of accumulating a large amount of intracel-
lular starch and have structural polysaccharides in their cell walls [28]. However, 
the development of standard analytical procedures for the characterization of 
microalgae biomass has been difficult because of the existence of several microalgae 
species with different cellular structures and chemical compositions [28]. Even a 
specific microalgae species may present variability in their chemical composition 
because they can strongly be affected by factors of cultivation conditions such as 
temperature, salinity, and nutrient availability [9]. Thereby, sample preparation for 
the determination of carbohydrates in microalgae is very complex.

The analytical method applied depends on the intended usage of the algal 
carbohydrates. Some require the qualitative or quantitative composition of the 
monosaccharides and others the total carbohydrate analysis [29].

In algal biomass, the carbohydrate profile analysis requires preliminary acid 
hydrolysis. Acid hydrolysis allows depolymerizing the intracellular starch and 
structural polysaccharides into their monomers, which are then further quanti-
fied [28]. The optimal hydrolysis conditions (acid, temperature, and time) should 
ensure complete hydrolysis of the polysaccharides and at the same time avoid exces-
sive degradation of monosaccharides [29].

In this context, the selective cleaving of algal polysaccharides by enzymatic 
hydrolysis is another promising approach once the formation of degradation 
products like furfural or hydroxymethylfurfural is avoided [29]. However, for some 
microalgae species, the composition of the cell wall is complicated and unknown; 
also, some enzymes are very expensive [30]. The cell wall present in the microalgae 
limits extraction yields of high-value products or results in a low bioavailability of 
intracellular components [9, 30].

The methodology widely employed in acid hydrolysis is the procedure pub-
lished by the National Renewable Energy Laboratory (NREL) based on two-step 
hydrolysis using H2SO4 [31, 32]. Despite being a reliable method, it is a multistep 
procedure, increasing the chance of experimental errors, and also presents a high 
time of sample preparation. Northcote et al. [33] proposed another method based 
on one-step acid hydrolysis with dilute H2SO4 and use smaller biomass samples.

Other methods use chemical extraction method like alkaline pretreatment [34] 
and physical method, such as hot-water treatment, microwave-assisted extraction, 
and ultrasonic-assisted extraction [30, 35]. The choice of extraction method is that the 
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pretreatment is effective qualitatively and quantitatively, and the technology is simple 
to operate and economical for scale-up [30].

Zhao’s research team [30] investigated three methods of conventional solvent 
extraction (CSE), fluidized bed extraction (FBE), and ultrasonic-assisted extrac-
tion (UAE) to obtain an effective extraction method of carbohydrates/glucose. The 
CSE employed lyophilized microalgae extracted with distilled water and agitation in 
a vortex. For FBE, the Chlorella sp. culture was harvested and washed with distilled 
water and then diluted using distilled water and added into a fluidized reactor with 
air aeration. To UAE, the algal cells were harvested and washed with distilled water, 
diluted, and taken to the ultrasonic processor. The ultrasonic-assisted extraction 
was more effective than the other methods.

Information in the literature related to the amount of cell wall microalgae poly-
saccharides is scarce. Usually, the quantification of polysaccharides in microalgal is 
made by analyzing the total carbohydrate, thus including storage polysaccharides 
(SPS) and cell wall-related polysaccharides, which exhibit different functions in the 
microalgal cell [9].

According to Bernaerts et al. [9], the insight into the composition of cell 
wall-related polysaccharides, such as the monosaccharide profile or the degree of 
sulfation, is not only desired in terms of process optimization but also as a potential 
for several biotechnological. Thereby, the authors investigated to apply a universal 
procedure for extraction of the total cell wall-related polysaccharides, including 
cell wall polysaccharides (CWPS) and extracellular polymeric substances (EPMS), 
of 10 commercially available microalgae species followed by a characterization 
of the monosaccharide profile, uronic acid content, and sulfate [9]. Initially, the 
procedure consisted of dry biomass suspended in saline solution incubated for 16 h 
at 25°C, followed by a two-step centrifugation. Afterward, the supernatant was 
submitted for extraction of EPMS and the residual biomass (pellet) for extraction 
of CWPS. Ethanol was added to the supernatant precipitating EPMS; the solution 
was vacuum filtered, and the insoluble residue was dialyzed against demineralized 
water for 48 h, and finally, the extracts were lyophilized.

In the extraction of CWPS, the pellets were suspended in MOPS buffer, and the 
cells were disrupted using UHPH after cold ethanol was added to the suspensions 
and for pellet recovery. Lipids were removed by addition of hexane/isopropanol to 
the pellet, mixed and centrifuged to remove the upper solvent layer. Afterward, SPS 
and protein were enzymatically removed using endo-β-1,3-glucanase or a combina-
tion of α-amylase/amyloglucosidase and Subtilisin A protease, respectively. The 
mixtures were incubated and after addition of cold ethanol they were centrifuged. 
The pellet was finally washed in acetone, vacuum filtered, and dried overnight at 
40°C, and this residue was considered as CWPS. Monosaccharide and uronic acid 
composition of CWPS and EPMS were hydrolyzed according to De Ruiter et al. [36] 
using methanolysis combined with trifluoroacetic acid (TFA) hydrolysis.

After sample preparation, carbohydrate analysis is a very complex field. Usually, 
after microalgal acid hydrolysis, the total carbohydrate content of the hydrolysate 
can be determined using colorimetric procedures like the phenol-sulfuric acid 
[37–39] or anthrone-based [40–42]. These methods are available, giving excel-
lent and robust results with low effort in a very short time. Nevertheless, detailed 
information about the monosaccharide composition cannot be generated [29]. 
Qualitative investigations can be performed using TLC methods with silica-based 
separation materials making the separation of most monosaccharides possible. 
However, quantification with the TLC methods is not possible [29], and for 
quantification of monosaccharides, analytical methods such as high performance 
liquid chromatography (HPLC) are often used. The HPLC equipped with a refrac-
tive index detector (RID) [32] and HPLC combined with pulsed amperometric 
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detection (HPAEC-PAD) [9, 28] and liquid chromatography mass spectrometer 
(LC–MS) [29] were related.

The trends for carbohydrate analysis are the exploration of methods that study 
both cell wall polysaccharides and extracellular polymeric substances. The developed 
methods always aim to use small amounts of sample, reagents, and shorter analysis. 
Liquid chromatography has been highlighted in the carbohydrate determina-
tion since it presented a good separation and quantification of these compounds. 
Although it is a more expensive analytical technique, it provides data on the composi-
tion of individual monomeric sugars that make it of interest for this type of analysis.

5. Applications

Microalgae have several types of polysaccharides in their composition, such 
as phycocolloids, agar, alginate, carrageenan, fucoidan, ulvana, and cellulose, 
among others. phycocolloids can be formed by different monomers such as glu-
cose, galactose, mannuronic acid, guluronic acid, mannitol, and laminarin. These 
carbohydrates can be inserted into functional beverages and food products such 
as functional bread, ready to serve soups, functional snack foods and a variety of 
sauces, creams, bakery products, and additional food products [43, 44].

Due to the high carbohydrate content, poultry and aquaculture feed is one of 
the main study targets for the use of microalgae biomass. In 2007, around 30% 
of the world’s current algae production was sold for animal feed application [8]. 
Microalgae are also a suitable alternative for growing fish, larvae, and zooplank-
ton. Chlorella is one of the main examples of microalgae that can play a key role 
in food and feed due to the properties of its biomass, which can simultaneously 
provide high concentrations of carbohydrates, vitamins, and proteins [45]. 
Besides Chlorella, other species used in aquaculture can be highlighted: Tetraselmis, 
Isochrysis, Pavlova, Phaeodactylum, Chaetoceros, Nannochloropsis, Skeletonema, and 
Thalassiosira. Spirulina and Chlorella microalgae can be applied in the feeding of 
cats, dogs, aquarium fish, ornamental birds, horses, birds, cows, and breeding bulls. 
The most common genera of larval microalgae include Chaetoceros, Thalassiosira, 
Tetraselmis, Isochrysis, and Nannochloropsis [46].

1,3-β-glucan is an important carbohydrate present in microalgae composition 
due to its applications in the food industry as a thickener, and health applications, 
especially in the protection against infections and also to inhibit cancer cell growth 
in vivo [44, 47]. According to [48], the global β-glucan market was valued at USD 
307.8 million in 2016, and it is predicted that in 2022, the global carbohydrate 
market could reach up to USD 476.5 million, which indicates the huge potential for 
development in many different types of applications.

According to Koller et al. [49], sulfated polysaccharides produced by microalgae 
can be applied in therapies against bacterial infections. Carrageenan polysaccha-
ride, also known as food additive E407, can be used in pharmaceutical applications. 
Marine carbohydrates have been widely used in the cosmetics industries due to 
their chemical and physical properties. Brown algal fucoidans/alginates, green algal 
ulcers, and red algal carrageenans/agar are used as gelling, thickening, and stabiliz-
ing agents. In addition, marine carbohydrates have potential skin benefits, and 
biological activities are linked to their structure as determined by molecular weights 
or the presence of sulfate groups and other sugars [50].

Red algae, such as Chondrus sp., Gigartina sp. Eucheuma sp., Hypnea sp., and 
Furcellaran sp., are widely used for the production of carrageenan. This com-
pound can be used in food and pharmaceutical industries for applications in fruit 
gel, fruit juices, sweets, and jellies, among others. Another carbohydrate group 
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and for pellet recovery. Lipids were removed by addition of hexane/isopropanol to 
the pellet, mixed and centrifuged to remove the upper solvent layer. Afterward, SPS 
and protein were enzymatically removed using endo-β-1,3-glucanase or a combina-
tion of α-amylase/amyloglucosidase and Subtilisin A protease, respectively. The 
mixtures were incubated and after addition of cold ethanol they were centrifuged. 
The pellet was finally washed in acetone, vacuum filtered, and dried overnight at 
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detection (HPAEC-PAD) [9, 28] and liquid chromatography mass spectrometer 
(LC–MS) [29] were related.

The trends for carbohydrate analysis are the exploration of methods that study 
both cell wall polysaccharides and extracellular polymeric substances. The developed 
methods always aim to use small amounts of sample, reagents, and shorter analysis. 
Liquid chromatography has been highlighted in the carbohydrate determina-
tion since it presented a good separation and quantification of these compounds. 
Although it is a more expensive analytical technique, it provides data on the composi-
tion of individual monomeric sugars that make it of interest for this type of analysis.

5. Applications

Microalgae have several types of polysaccharides in their composition, such 
as phycocolloids, agar, alginate, carrageenan, fucoidan, ulvana, and cellulose, 
among others. phycocolloids can be formed by different monomers such as glu-
cose, galactose, mannuronic acid, guluronic acid, mannitol, and laminarin. These 
carbohydrates can be inserted into functional beverages and food products such 
as functional bread, ready to serve soups, functional snack foods and a variety of 
sauces, creams, bakery products, and additional food products [43, 44].

Due to the high carbohydrate content, poultry and aquaculture feed is one of 
the main study targets for the use of microalgae biomass. In 2007, around 30% 
of the world’s current algae production was sold for animal feed application [8]. 
Microalgae are also a suitable alternative for growing fish, larvae, and zooplank-
ton. Chlorella is one of the main examples of microalgae that can play a key role 
in food and feed due to the properties of its biomass, which can simultaneously 
provide high concentrations of carbohydrates, vitamins, and proteins [45]. 
Besides Chlorella, other species used in aquaculture can be highlighted: Tetraselmis, 
Isochrysis, Pavlova, Phaeodactylum, Chaetoceros, Nannochloropsis, Skeletonema, and 
Thalassiosira. Spirulina and Chlorella microalgae can be applied in the feeding of 
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The most common genera of larval microalgae include Chaetoceros, Thalassiosira, 
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due to its applications in the food industry as a thickener, and health applications, 
especially in the protection against infections and also to inhibit cancer cell growth 
in vivo [44, 47]. According to [48], the global β-glucan market was valued at USD 
307.8 million in 2016, and it is predicted that in 2022, the global carbohydrate 
market could reach up to USD 476.5 million, which indicates the huge potential for 
development in many different types of applications.

According to Koller et al. [49], sulfated polysaccharides produced by microalgae 
can be applied in therapies against bacterial infections. Carrageenan polysaccha-
ride, also known as food additive E407, can be used in pharmaceutical applications. 
Marine carbohydrates have been widely used in the cosmetics industries due to 
their chemical and physical properties. Brown algal fucoidans/alginates, green algal 
ulcers, and red algal carrageenans/agar are used as gelling, thickening, and stabiliz-
ing agents. In addition, marine carbohydrates have potential skin benefits, and 
biological activities are linked to their structure as determined by molecular weights 
or the presence of sulfate groups and other sugars [50].

Red algae, such as Chondrus sp., Gigartina sp. Eucheuma sp., Hypnea sp., and 
Furcellaran sp., are widely used for the production of carrageenan. This com-
pound can be used in food and pharmaceutical industries for applications in fruit 
gel, fruit juices, sweets, and jellies, among others. Another carbohydrate group 
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molecule is fucoidan, which is associated with brown algal cell wall components 
(Phaeophyceae). Among the bioactivities derived from this molecule, the anticoagu-
lant, antitumor, antivirus, and antioxidant properties stand out, making it attrac-
tive for pharmaceutical applications [51].

Besides these applications, the remaining biomass of microalgae presents 
carbohydrate-rich molecules, which have been widely used in the production of 
bioplastics, agar, sugars, and other high-added value chemicals. However, despite 
being a growing area, the biorefinery stage must be studied in order to extend its 
applicability on an industrial scale [51]. According to Mihranyan [52], the rheologi-
cal behavior of cellulose found in Cladophora algae is similar to micro fibrillated 
cellulose. Because this cellulose is very robust and not susceptible to chemical 
reactions, the properties of cellulose found in these algae provide excellent rheo-
logical properties making this material interesting in food, pharmaceuticals, paints, 
dressings, and biodegradable plastic applications.

The high carbohydrate content and low-ash values make microalgae more 
suitable for conversion to biofuels [43]. The production of bioethanol from micro-
algae gained importance due to their high biomass productivity, diversity, variable 
chemical composition, and high photosynthetic rates of these organisms [53]. Due 
to the large amount of carbohydrates/polysaccharides and cellulose walls, these 
microorganisms become favorable for the production of this biofuel [54, 55]. In 
many countries, ethanol is produced on a large scale from crops containing sugars 
and starches in its composition through fermentation. The biomass is ground, and 
the starch is converted into sugars by different methods. Polysaccharide starch is 
also accessible as a storage material for various algal species and can be anaerobi-
cally converted into bioethanol [49].

6. Conclusions

Microalgae biomass conversion technologies involve carbohydrates as the main 
source in the production of biofuels and other compounds of high commercial 
value. Changes in metabolic pathways aiming at increased carbohydrate production 
are seen as a potential for enhancing microalgae biotechnology. Extraction methods 
and trends in analytical methodologies focus on microalgae cell wall polysaccha-
rides and the polymers excreted by these microorganisms. The high carbohydrate 
content makes microalgae excellent candidates for the production of numerous bio-
composites, especially beta-glucan, which is on the international market, indicating 
its strong potential for its use in different biotechnological applications.
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Chapter 10

Changes in Photochemical 
Efficiency and Differential 
Induction of Superoxide Dismutase 
in Response to Combined Stresses 
of Chilling Temperature and 
Relatively High Irradiation in Two 
Chlorella Strains
Lee-Feng Chien and Wen-Hao Lin

Abstract

The green algae Chlorella sp. DT (DT) and Chlorella pyrenoidosa 211-8b (8b) 
had similar cell growth rates and photochemical efficiency (Fv/Fm) when they were 
cultivated under a moderate irradiance of 120 μmol photons m−2 s−1 in combina-
tion with a series of temperatures that decreased from 32 to 7°C. Upon shifting the 
cultures to the relatively high irradiance of 240 μmol photons m−2 s−1, DT exhibited 
higher cell growth rates than 8b under the chilling temperatures of 20°C and 15°C 
and differences in the Fv/Fm and Chl a/b ratios from 8b. In particular, DT possessed 
more new differentially induced SOD isoforms than 8b.

Keywords: chlorella, chilling temperature, relatively high irradiance,  
chlorophyll content, Fv/Fm, Chl a/b, superoxide dismutase

1. Introduction

The unicellular green alga Chlorella is a popular nutraceutical that is produced 
industrially in Taiwan. Chlorella requires a moderate climate, including ample 
sunshine and high temperatures of about 25–38°C for optimal large-scale outdoor 
growth. However, in winter, the temperature can range from 4 to 15°C, which is 
unsuitable for algal growth. In order to maintain productivity, it would be helpful to 
understand how green algae overcome chilling temperatures and a mimicking high 
irradiance resulted from chilling temperature [1–3].

Photosynthesis is the energy source for the growth and development of pho-
tosynthetic organisms. Photosynthetic efficiency is reliant on environmental 
conditions such as light and temperature. At low temperatures, algae experience 
reduced photosynthetic efficiency, whereas in high-light environments, they absorb 
more energy than they can consume in the photosynthetic processes [4]. The 
absorption of too much energy can lead to an increase in the production of reactive 
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oxygen species (ROS), which can damage the photosynthetic apparatus and further 
decrease photosynthetic efficiency [5]. Therefore, in response to wide daily and 
seasonal fluctuations in temperature and light, algae must possess some protective 
and regulatory systems to avoid this “energy excess” [6–9].

Upon initial exposure to low temperature or high irradiation, excessive 
excitation pressure may be induced between the rate of energy absorbed via the 
photosynthetic antenna and energy utilization [4, 5, 10–12]. One of the protec-
tion mechanisms that algae and higher plants employ to avoid receiving too much 
light energy is to adjust their chlorophyll (Chl) a/b ratios and the structure of 
the photosystem I and II (PSI and PSII) antenna complexes in response to differ-
ent combinations of light intensity and temperature [2, 13–15]. Light-harvesting 
complexes (LHCs) with modified Chl composition have the ability to absorb 
different levels of light energy depending on the environmental conditions [16–18]. 
Another protective mechanism of algae and plants after receiving too much light 
energy is to adjust the antioxidant response of the scavenging system such that any 
excess excitation pressure is transferred to the superoxide radical (O2·−) pathway 
and other derived reactive oxygen species (ROS) [19]. Superoxide dismutase (SOD, 
EC 1.15.1.1) is known as the first line of cellular defense against oxidative stress, and 
it catalyzes the dismutation of O2·− to H2O2 and O2. There are three distinct types of 
SOD classified on the basis of their metal cofactors: the copper/zinc (CuZnSOD), 
iron (FeSOD), and manganese (MnSOD) isoenzymes [20]. SOD activity increases 
in cells in response to diverse environmental stresses including high light and chill-
ing temperatures [21–23].

The primary objective of this present work was to explore combinations of light 
and temperature in algal cultures that may inform optimization of production 
system in manufacturing [24, 25]. The two warm-climate green algae, Chlorella sp. 
DT (DT) and Chlorella pyrenoidosa 211-8b (8b), were compared in their photosyn-
thetic activity and antioxidant enzymatic responses under relatively high irradiance 
and various chilling temperatures [26, 27]. To determine the capacity of these algae 
to absorb light, their Chl contents and Chl a/b ratios were measured. Photochemical 
efficiency and the extent of photodamage were assessed by quantifying the chlo-
rophyll fluorescence emission of PSII [28, 29]. The responses of SOD antioxidant 
enzymes to chilling and high-light acclimation were also examined because they 
enabled correlation with cell growth and photosynthetic activity [30].

2. Materials and methods

2.1 Chlorella culture and growing conditions

Chlorella sp. DT (DT) was discovered on the surface of power transmission 
cables near a mountain in central Taiwan, and Chlorella pyrenoidosa 211-8b (8b) was 
acquired from the Algal Collection Center at the University of Gottingen, Germany 
[26, 27]. Stock cultures were maintained at an initial concentration of 4 μg Chl mL−1 
in 200 mL Chlorella medium in a 6 × 50 cm column at 32 ± 1°C in a water bath with 
continuous irradiance of 120 μmol photons m−2 s−1 and bubbling of 4% CO2. In this 
study, six different temperatures and two different irradiance levels were used, but 
the growth conditions were similar.

2.2 Chlorophyll (Chl) determination

The growth of algal cultures was monitored by measuring the total Chl  
(Chl a + Chl b) content according to the method of Hoffman and Werner [28]. 
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An algal culture of 5 mL was centrifuged for 5 min at 2000 × g (Sigma, MK-201, 
Germany). After the supernatant was removed, the algal cell pellet was collected, 
5 mL of 100% methanol was added, and the mixture was heated at 60°C for 3 min. 
After centrifugation at 2000 × g for 10 min to remove any cell debris, the Chl 
extract was obtained. To determine the total Chl and Chl a/b ratios, the concen-
trations of Chl a and Chl b were measured spectrophotometrically according to 
Hoffman and Werner’s equations:

  Chl a  (μg  mL   −1 )  = 16.5 ×  A  665nm   − 8.3 ×  A  650nm  ;  (1)

  Chl b  (μg  mL   −1 )  = 33.8 ×  A  650nm   − 12.5 ×  A  665nm  ;  (2)

  Total Chl  (μg  mL   −1 )  = 4 ×  A  650nm   + 25.5 ×  A  665nm  .  (3)

The cell specific growth rate (μ, day−1) was derived from the difference in  
cellular Chl content over time as follows:

  μ =   ln   [Chl]    t  2     − ln   [Chl]    t  1      _______________  t  2   −  t  1      (4)

where [Chl]t1 and [Chl]t2 are the initial and final concentrations, at time t1 and 
t2, respectively.

2.3 Measurement of chlorophyll fluorescence parameters

Chlorophyll fluorescence was measured using a modulated chlorophyll fluorom-
eter (Hansatech Instruments Ltd., Norfolk, UK). Algal samples were collected at the 
indicated times, adjusted to a concentration of 4 μg Chl mL−1, and dark adapted for 
a period of 10 min at room temperature before measurement. The fiber-optic probe 
of the fluorometer was then placed into the chamber with 2 mL of the algal samples. 
The minimum fluorescence (F0) with all open PSII reaction centers was determined 
by a weak non-actinic modulated light (<0.1 μmol m−2 s−1). The maximum fluores-
cence (Fm) with all closed PSII reaction centers was induced by a saturating pulse of 
white light (1 s, 13,000 μmol m−2 s−1) and measured after applying the actinic light 
(300 μmol m−2 s−1). The variable fluorescence (Fv) was calculated as Fm-Fo, and the 
ratio of the variable to maximum fluorescence (Fv/Fm) represented the maximal 
photochemical efficiency [29, 30].

2.4 Spectrophotometrical assay of SOD activity

Algal cells from the log phase were collected by centrifugation. The cell pellet 
was washed three times and resuspended with extraction buffer (100 mM K2PO4 
and 5 mM EDTA, pH 7.0). Algal cells were then broken down by sonication (V500, 
SONIC, USA) and centrifuged at 10,000 × g (MK-201, Sigma, Germany) for 15 min. 
The supernatant obtained was the algal crude extract. Protein concentrations of algal 
crude extracts were determined by the method of Lowry et al. [31] using BSA as the 
standard. The algal crude extracts were then subjected to a SOD assay.

The activity of the SODs was determined by measuring the inhibited reduc-
tion of cytochrome c (cyt c) because the SOD competed with cyt c for superoxide 
radicals, thus inhibiting cyt c reduction [32]. The reduction of cyt c was measured 
by monitoring the change in absorbance at 549 nm (cyt c absorption) when xan-
thine oxidase was added to a reaction mixture of K2PO4 (pH 7.8), xanthine, and 
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oxygen species (ROS), which can damage the photosynthetic apparatus and further 
decrease photosynthetic efficiency [5]. Therefore, in response to wide daily and 
seasonal fluctuations in temperature and light, algae must possess some protective 
and regulatory systems to avoid this “energy excess” [6–9].

Upon initial exposure to low temperature or high irradiation, excessive 
excitation pressure may be induced between the rate of energy absorbed via the 
photosynthetic antenna and energy utilization [4, 5, 10–12]. One of the protec-
tion mechanisms that algae and higher plants employ to avoid receiving too much 
light energy is to adjust their chlorophyll (Chl) a/b ratios and the structure of 
the photosystem I and II (PSI and PSII) antenna complexes in response to differ-
ent combinations of light intensity and temperature [2, 13–15]. Light-harvesting 
complexes (LHCs) with modified Chl composition have the ability to absorb 
different levels of light energy depending on the environmental conditions [16–18]. 
Another protective mechanism of algae and plants after receiving too much light 
energy is to adjust the antioxidant response of the scavenging system such that any 
excess excitation pressure is transferred to the superoxide radical (O2·−) pathway 
and other derived reactive oxygen species (ROS) [19]. Superoxide dismutase (SOD, 
EC 1.15.1.1) is known as the first line of cellular defense against oxidative stress, and 
it catalyzes the dismutation of O2·− to H2O2 and O2. There are three distinct types of 
SOD classified on the basis of their metal cofactors: the copper/zinc (CuZnSOD), 
iron (FeSOD), and manganese (MnSOD) isoenzymes [20]. SOD activity increases 
in cells in response to diverse environmental stresses including high light and chill-
ing temperatures [21–23].

The primary objective of this present work was to explore combinations of light 
and temperature in algal cultures that may inform optimization of production 
system in manufacturing [24, 25]. The two warm-climate green algae, Chlorella sp. 
DT (DT) and Chlorella pyrenoidosa 211-8b (8b), were compared in their photosyn-
thetic activity and antioxidant enzymatic responses under relatively high irradiance 
and various chilling temperatures [26, 27]. To determine the capacity of these algae 
to absorb light, their Chl contents and Chl a/b ratios were measured. Photochemical 
efficiency and the extent of photodamage were assessed by quantifying the chlo-
rophyll fluorescence emission of PSII [28, 29]. The responses of SOD antioxidant 
enzymes to chilling and high-light acclimation were also examined because they 
enabled correlation with cell growth and photosynthetic activity [30].

2. Materials and methods

2.1 Chlorella culture and growing conditions

Chlorella sp. DT (DT) was discovered on the surface of power transmission 
cables near a mountain in central Taiwan, and Chlorella pyrenoidosa 211-8b (8b) was 
acquired from the Algal Collection Center at the University of Gottingen, Germany 
[26, 27]. Stock cultures were maintained at an initial concentration of 4 μg Chl mL−1 
in 200 mL Chlorella medium in a 6 × 50 cm column at 32 ± 1°C in a water bath with 
continuous irradiance of 120 μmol photons m−2 s−1 and bubbling of 4% CO2. In this 
study, six different temperatures and two different irradiance levels were used, but 
the growth conditions were similar.

2.2 Chlorophyll (Chl) determination

The growth of algal cultures was monitored by measuring the total Chl  
(Chl a + Chl b) content according to the method of Hoffman and Werner [28]. 
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An algal culture of 5 mL was centrifuged for 5 min at 2000 × g (Sigma, MK-201, 
Germany). After the supernatant was removed, the algal cell pellet was collected, 
5 mL of 100% methanol was added, and the mixture was heated at 60°C for 3 min. 
After centrifugation at 2000 × g for 10 min to remove any cell debris, the Chl 
extract was obtained. To determine the total Chl and Chl a/b ratios, the concen-
trations of Chl a and Chl b were measured spectrophotometrically according to 
Hoffman and Werner’s equations:

  Chl a  (μg  mL   −1 )  = 16.5 ×  A  665nm   − 8.3 ×  A  650nm  ;  (1)

  Chl b  (μg  mL   −1 )  = 33.8 ×  A  650nm   − 12.5 ×  A  665nm  ;  (2)

  Total Chl  (μg  mL   −1 )  = 4 ×  A  650nm   + 25.5 ×  A  665nm  .  (3)

The cell specific growth rate (μ, day−1) was derived from the difference in  
cellular Chl content over time as follows:

  μ =   ln   [Chl]    t  2     − ln   [Chl]    t  1      _______________  t  2   −  t  1      (4)

where [Chl]t1 and [Chl]t2 are the initial and final concentrations, at time t1 and 
t2, respectively.

2.3 Measurement of chlorophyll fluorescence parameters

Chlorophyll fluorescence was measured using a modulated chlorophyll fluorom-
eter (Hansatech Instruments Ltd., Norfolk, UK). Algal samples were collected at the 
indicated times, adjusted to a concentration of 4 μg Chl mL−1, and dark adapted for 
a period of 10 min at room temperature before measurement. The fiber-optic probe 
of the fluorometer was then placed into the chamber with 2 mL of the algal samples. 
The minimum fluorescence (F0) with all open PSII reaction centers was determined 
by a weak non-actinic modulated light (<0.1 μmol m−2 s−1). The maximum fluores-
cence (Fm) with all closed PSII reaction centers was induced by a saturating pulse of 
white light (1 s, 13,000 μmol m−2 s−1) and measured after applying the actinic light 
(300 μmol m−2 s−1). The variable fluorescence (Fv) was calculated as Fm-Fo, and the 
ratio of the variable to maximum fluorescence (Fv/Fm) represented the maximal 
photochemical efficiency [29, 30].

2.4 Spectrophotometrical assay of SOD activity

Algal cells from the log phase were collected by centrifugation. The cell pellet 
was washed three times and resuspended with extraction buffer (100 mM K2PO4 
and 5 mM EDTA, pH 7.0). Algal cells were then broken down by sonication (V500, 
SONIC, USA) and centrifuged at 10,000 × g (MK-201, Sigma, Germany) for 15 min. 
The supernatant obtained was the algal crude extract. Protein concentrations of algal 
crude extracts were determined by the method of Lowry et al. [31] using BSA as the 
standard. The algal crude extracts were then subjected to a SOD assay.

The activity of the SODs was determined by measuring the inhibited reduc-
tion of cytochrome c (cyt c) because the SOD competed with cyt c for superoxide 
radicals, thus inhibiting cyt c reduction [32]. The reduction of cyt c was measured 
by monitoring the change in absorbance at 549 nm (cyt c absorption) when xan-
thine oxidase was added to a reaction mixture of K2PO4 (pH 7.8), xanthine, and 
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cyt c (oxidized) at room temperature. After a few seconds, the algal crude extract 
was added to the reaction mixture. SOD activity was then calculated as 50% of the 
inhibited reduction rate of cyt c. An extinction coefficient of ε549nm = 21 mM−1 cm−1 
for cyt c was used.

2.5 Native PAGE analysis of SOD

About 5–20 μg of protein from algal cell crude extracts suspended in sample 
buffer comprising 12.5 mM Tris–HCl (pH 6.8), 0.02% (w/v) bromophenol blue, 
and 4% (v/v) glycerol was loaded into each well. SODs in the algal extract were 
separated by native polyacrylamide gel electrophoresis (native PAGE) (10%). After 
electrophoresis the gels were washed with 100 mM K2PO4 buffer (pH 7.8) for 10 min 
and incubated in staining buffer composed of 20 mM K2PO4 buffer (pH 7.0), 
0.05 mM riboflavin, 0.1 mM nitroblue tetrazolium (NBT), and 0.2% (w/v) TEMED 
in the dark at room temperature for 30 min [33]. Then gels were washed twice with 
100 mM K2PO4 butter (pH 7.8) and exposed to light until the development of color-
less bands. The colorless bands on the purple-stained gel indicated the existence of 
SOD because the free radicals produced by riboflavin are removed by the SOD, and 
as a consequence the colorless oxidized NBT in the SOD band is not converted into 
its purple reduced form. The reaction was then stopped by immersing the gels in 
deionized water. The SOD isoenzymes were identified on the basis of their sensitiv-
ity to KCN (5 mM) or H2O2 (10 mM), which were added into the staining buffer 
when required. MnSODs are resistant to both inhibitors, Cu/ZnSODs are sensitive 
to both inhibitors, and FeSODs are resistant to KCN but sensitive to H2O2.

3. Results

3.1  Enhanced inhibition of cell growth by a combined stress of doubled 
irradiance and chilling

The Chl content was monitored during acclimation because it represented 
not only the level of cell growth but also the capacity for light absorption [34]. 
Under a moderate irradiance of 120 μmol photons m−2 s−1 at 32°C (Figure 1A), the 
Chl content of DT algal culture increased with acclimation time. The DT culture 
exhibited a maximum specific growth rate of 2.2 μg Chl mL−1 day−1 and reached a 
stationary phase on Day 3 at a content of 92 μg Chl mL−1. At 20°C, DT growth was 
inhibited on Day 1, but growth resumed at a slower rate than the control on Day 2. 
When the temperature was lowered to 15, 10, or 7°C, DT stopped growing and even 
showed negative growth rates; 15°C seemed to be a critical temperature at which no 
net growth was observed. Under a doubled irradiance of 240 μmol photons m−2 s−1 
at 32°C (Figure 1B), DT cells exhibited a maximum specific growth rate of 2.7 μg 
Chl mL−1 day−1 and reached the stationary phase on Day 1 at a content of 70 μg Chl 
mL−1. At 20°C, DT cells initially ceased growth under this doubled irradiance but 
resumed growth on Day 3. Transferring cultures to temperatures below 20°C pro-
moted cell death, while the critical temperature for avoiding the negative growth 
rate now rose to 17°C, two degrees higher than for moderate irradiation.

A similar response was observed in 8b cells during acclimation at the various 
temperatures. The 8b exhibited maximum specific growth rates of 2.1 and 2.7 μg 
Chl mL−1 day−1 at 32°C on Day 1 under irradiance of 120 and 240 μmol photons 
m−2 s−1, respectively, and reached the stationary phase at about 98 and 69 μg Chl 
mL−1 on Day 3 (Figure 2A, B). However, once moved to temperatures below 20°C 
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under 240 μmol photons m−2 s−1, the 8b culture after Day 3 produced slightly lower 
Chl content than DT after Day 3. For 8b, the critical temperatures below which no 
net cell growth occurred and cell death was observed under both 120 and 240 μmol 
photon m−2 s−1 irradiance were 15°C and above 17°C, respectively.

Therefore, although a slightly higher maximum specific growth rate was 
observed initially at 32°C, lower temperatures induced enhanced inhibition of 
cell growth in both DT and 8b, and this was further inhibited under doubled 
irradiance.

Figure 1. 
Changes in the Chl content and photosynthetic activity of DT under irradiance of 120 or 240 μmol photons 
m−2 s−1 during cultivation between 32 and 7°C. the total Chl content (A, B), the Chl a/b ratio (C, D), and the 
Fv/Fm ratio (E, F) of DT were measured each day. The initial cultivation concentration was 4 μg Chl mL−1. 
Each point represents the mean ± SD (n = 4) from duplicate cultures (where not visible, error bars are smaller 
than the symbol).
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cyt c (oxidized) at room temperature. After a few seconds, the algal crude extract 
was added to the reaction mixture. SOD activity was then calculated as 50% of the 
inhibited reduction rate of cyt c. An extinction coefficient of ε549nm = 21 mM−1 cm−1 
for cyt c was used.

2.5 Native PAGE analysis of SOD

About 5–20 μg of protein from algal cell crude extracts suspended in sample 
buffer comprising 12.5 mM Tris–HCl (pH 6.8), 0.02% (w/v) bromophenol blue, 
and 4% (v/v) glycerol was loaded into each well. SODs in the algal extract were 
separated by native polyacrylamide gel electrophoresis (native PAGE) (10%). After 
electrophoresis the gels were washed with 100 mM K2PO4 buffer (pH 7.8) for 10 min 
and incubated in staining buffer composed of 20 mM K2PO4 buffer (pH 7.0), 
0.05 mM riboflavin, 0.1 mM nitroblue tetrazolium (NBT), and 0.2% (w/v) TEMED 
in the dark at room temperature for 30 min [33]. Then gels were washed twice with 
100 mM K2PO4 butter (pH 7.8) and exposed to light until the development of color-
less bands. The colorless bands on the purple-stained gel indicated the existence of 
SOD because the free radicals produced by riboflavin are removed by the SOD, and 
as a consequence the colorless oxidized NBT in the SOD band is not converted into 
its purple reduced form. The reaction was then stopped by immersing the gels in 
deionized water. The SOD isoenzymes were identified on the basis of their sensitiv-
ity to KCN (5 mM) or H2O2 (10 mM), which were added into the staining buffer 
when required. MnSODs are resistant to both inhibitors, Cu/ZnSODs are sensitive 
to both inhibitors, and FeSODs are resistant to KCN but sensitive to H2O2.

3. Results

3.1  Enhanced inhibition of cell growth by a combined stress of doubled 
irradiance and chilling

The Chl content was monitored during acclimation because it represented 
not only the level of cell growth but also the capacity for light absorption [34]. 
Under a moderate irradiance of 120 μmol photons m−2 s−1 at 32°C (Figure 1A), the 
Chl content of DT algal culture increased with acclimation time. The DT culture 
exhibited a maximum specific growth rate of 2.2 μg Chl mL−1 day−1 and reached a 
stationary phase on Day 3 at a content of 92 μg Chl mL−1. At 20°C, DT growth was 
inhibited on Day 1, but growth resumed at a slower rate than the control on Day 2. 
When the temperature was lowered to 15, 10, or 7°C, DT stopped growing and even 
showed negative growth rates; 15°C seemed to be a critical temperature at which no 
net growth was observed. Under a doubled irradiance of 240 μmol photons m−2 s−1 
at 32°C (Figure 1B), DT cells exhibited a maximum specific growth rate of 2.7 μg 
Chl mL−1 day−1 and reached the stationary phase on Day 1 at a content of 70 μg Chl 
mL−1. At 20°C, DT cells initially ceased growth under this doubled irradiance but 
resumed growth on Day 3. Transferring cultures to temperatures below 20°C pro-
moted cell death, while the critical temperature for avoiding the negative growth 
rate now rose to 17°C, two degrees higher than for moderate irradiation.

A similar response was observed in 8b cells during acclimation at the various 
temperatures. The 8b exhibited maximum specific growth rates of 2.1 and 2.7 μg 
Chl mL−1 day−1 at 32°C on Day 1 under irradiance of 120 and 240 μmol photons 
m−2 s−1, respectively, and reached the stationary phase at about 98 and 69 μg Chl 
mL−1 on Day 3 (Figure 2A, B). However, once moved to temperatures below 20°C 
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under 240 μmol photons m−2 s−1, the 8b culture after Day 3 produced slightly lower 
Chl content than DT after Day 3. For 8b, the critical temperatures below which no 
net cell growth occurred and cell death was observed under both 120 and 240 μmol 
photon m−2 s−1 irradiance were 15°C and above 17°C, respectively.

Therefore, although a slightly higher maximum specific growth rate was 
observed initially at 32°C, lower temperatures induced enhanced inhibition of 
cell growth in both DT and 8b, and this was further inhibited under doubled 
irradiance.

Figure 1. 
Changes in the Chl content and photosynthetic activity of DT under irradiance of 120 or 240 μmol photons 
m−2 s−1 during cultivation between 32 and 7°C. the total Chl content (A, B), the Chl a/b ratio (C, D), and the 
Fv/Fm ratio (E, F) of DT were measured each day. The initial cultivation concentration was 4 μg Chl mL−1. 
Each point represents the mean ± SD (n = 4) from duplicate cultures (where not visible, error bars are smaller 
than the symbol).
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3.2 The readjustment of Chl a/b ratios

In order to understand the influence of Chl composition on excitation energy 
transfer, the Chl a/b ratio was analyzed. Under 120 μmol photon m−2 s−1 irradiance, 
the variation in the Chl a/b ratios of DT (Figure 1C) and 8b (Figure 2C) had similar 
trends at various temperatures. At 32°C, during acclimation, the Chl a/b ratios of 
both strains decreased slightly with time but remained between 2.4 and 2.1. When 
the cultures were moved to lower temperatures, the Chl a/b ratios changed dra-
matically. At 20°C, the Chl a/b ratios of both strains decreased to 1.7 by Day-1 but 
climbed back to about 2.1 by Day 2. At 15°C, the Chl a/b ratios of both strains were 
reduced to 1.0 on Day 1 and then remained at this value until the end of the experi-
mental period. Under the lower temperatures of 10 and 7°C, the Chl a/b ratios of 
both strains rapidly declined to 0.4.

Figure 2. 
Changes in the Chl content and photosynthetic activity of 8b under irradiance of 120 or 240 μmol photons 
m−2 s−1 during cultivation between 32 and 7°C. the total Chl content (A, B), the Chl a/b ratio (C, D), and the 
Fv/Fm ratio (E, F) of 8b were measured each day. The initial cultivation concentration was 4 μg Chl mL−1. 
Each point represents the mean ± SD (n = 4) from duplicate cultures (where not visible, error bars are smaller 
than the symbol).
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Under 240 μmol photon m−2 s−1 irradiance, the Chl a/b ratios of DT (Figure 1D) 
and 8b (Figure 2D) acclimated to 32°C were similar to the ratios observed under 
120 μmol photons m−2 s−1. At lower temperatures, the Chl a/b ratios decreased with 
time, while it returned to a value of 2.6 on Day-3 and was higher than the value of 
2.4 recorded for 8b.

3.3 Change in PSII photochemical efficiency

To assess the photochemical efficiency of PSII, the ratio of the variable to 
maximum fluorescence (Fv/Fm) was measured [28, 29]. In both algal cultures, the 
Fv/Fm ratios of the DT and 8b controls stayed initially in the 0.83–0.85 range at 32°C 
with an irradiance of 120 μmol photons m−2 s−1, but decreased slightly to 0.74–0.75 
by the end of the acclimation period (Figures 1E, 2E). The Fv/Fm ratios of both 
Chlorella strains were higher than those of most green algae but close to those of 
healthy green leaves of higher plants [28, 35–37]. This may be due to the antenna 
sizes of Chlorella PSII being different from those of other algae but similar to higher 
plants because the measured Chl fluorescence is assumed to originate from PSII [29, 
38]. Algal cells grown at 20°C exhibited almost constant Fv/Fm ratios, which were 
similar to those at 32°C, although the cell growth rates were slower than those at 
32°C. Once the cultures were transferred to 15°C, a significant decrease in the Fv/Fm 
ratios was observed, first falling to 0.40 for DT and 0.42 for 8b on Day 1 but by  
Day 2 recovering to 0.57 and 0.60 and staying at this value throughout the rest of 
the cultivation period. When the cultures were transferred to lower temperatures, 
the Fv/Fm ratios of DT and 8b fell rapidly to 0.08 and 0.10 at 10°C and 0.04 and 0.03 
at 7°C, respectively, on Day 1 and continued to decrease to nearly zero by the end of 
the acclimation period.

Under 240 μmol photon m−2 s−1 irradiance, at 32°C the Fv/Fm ratios of the DT 
and 8b strains also remained in 0.79–0.80 range (Figures 1F, 2F). However, the 
Fv/Fm ratios changed dramatically with lower temperatures. At 20°C, the Fv/Fm 
ratio of DT decreased to 0.20 on Day 2 but returned to 0.70 on Day 3, while in 8b 
it decreased to 0.40 but returned to 0.65 on Day 3. At 10 or 7°C, the Fv/Fm ratios 
of both strains declined to zero on Day 1, indicating that photosynthetic activity 
was immediately and completely inhibited. The Day 2 Fv/Fm ratios of both 8b and 
DT at 17°C and 7°C (Figures 1E, F, 2E, F) showed peaks that were probably due to 
experimental variations.

3.4 Shielding effects of high algal cell concentrations on light absorption

In order to understand whether the initial concentration of algal cells affected 
light absorption during chilling acclimation, cell growth was measured at different 
initial concentrations of 2, 4, and 6 μg Chl mL−1 under the doubled irradiance of 
240 μmol photons m−2 s−1.

By Day 3 following the initial cessation of growth at 20°C (Figure 3A, B), the 
DT and 8b cultures that started at concentrations of 4 and 6 μg Chl mL−1 were 
quicker to resume growth than those at 2 μg Chl mL−1 (Figure 3A, B). The Chl a/b 
ratios of DT decreased to 1.2, 1.7, and 2.0 with respect to initial concentrations of 
2, 4, and 6 μg Chl mL−1 by Day 1, but then they increased close to control values by 
Day 3 (Figure 3C). The Chl a/b ratios of 8b showed similar variations with concen-
tration to DT, with the exception of 2 μg Chl mL−1 (Figure 3D). The Fv/Fm ratios of 
DT and 8b initially decreased to 0.58 and 0.60 on Day-1; however, the ratios soon 
recovered and by Day-3 were 0.67 for DT and 0.63 for 8b (Figure 3E, F).

At 15°C, the cell growth of DT and 8b gradually declined with time regardless of 
the initial Chl concentrations. Nevertheless, at initial concentrations of 4 and 6 μg 
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3.2 The readjustment of Chl a/b ratios

In order to understand the influence of Chl composition on excitation energy 
transfer, the Chl a/b ratio was analyzed. Under 120 μmol photon m−2 s−1 irradiance, 
the variation in the Chl a/b ratios of DT (Figure 1C) and 8b (Figure 2C) had similar 
trends at various temperatures. At 32°C, during acclimation, the Chl a/b ratios of 
both strains decreased slightly with time but remained between 2.4 and 2.1. When 
the cultures were moved to lower temperatures, the Chl a/b ratios changed dra-
matically. At 20°C, the Chl a/b ratios of both strains decreased to 1.7 by Day-1 but 
climbed back to about 2.1 by Day 2. At 15°C, the Chl a/b ratios of both strains were 
reduced to 1.0 on Day 1 and then remained at this value until the end of the experi-
mental period. Under the lower temperatures of 10 and 7°C, the Chl a/b ratios of 
both strains rapidly declined to 0.4.

Figure 2. 
Changes in the Chl content and photosynthetic activity of 8b under irradiance of 120 or 240 μmol photons 
m−2 s−1 during cultivation between 32 and 7°C. the total Chl content (A, B), the Chl a/b ratio (C, D), and the 
Fv/Fm ratio (E, F) of 8b were measured each day. The initial cultivation concentration was 4 μg Chl mL−1. 
Each point represents the mean ± SD (n = 4) from duplicate cultures (where not visible, error bars are smaller 
than the symbol).
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Under 240 μmol photon m−2 s−1 irradiance, the Chl a/b ratios of DT (Figure 1D) 
and 8b (Figure 2D) acclimated to 32°C were similar to the ratios observed under 
120 μmol photons m−2 s−1. At lower temperatures, the Chl a/b ratios decreased with 
time, while it returned to a value of 2.6 on Day-3 and was higher than the value of 
2.4 recorded for 8b.

3.3 Change in PSII photochemical efficiency

To assess the photochemical efficiency of PSII, the ratio of the variable to 
maximum fluorescence (Fv/Fm) was measured [28, 29]. In both algal cultures, the 
Fv/Fm ratios of the DT and 8b controls stayed initially in the 0.83–0.85 range at 32°C 
with an irradiance of 120 μmol photons m−2 s−1, but decreased slightly to 0.74–0.75 
by the end of the acclimation period (Figures 1E, 2E). The Fv/Fm ratios of both 
Chlorella strains were higher than those of most green algae but close to those of 
healthy green leaves of higher plants [28, 35–37]. This may be due to the antenna 
sizes of Chlorella PSII being different from those of other algae but similar to higher 
plants because the measured Chl fluorescence is assumed to originate from PSII [29, 
38]. Algal cells grown at 20°C exhibited almost constant Fv/Fm ratios, which were 
similar to those at 32°C, although the cell growth rates were slower than those at 
32°C. Once the cultures were transferred to 15°C, a significant decrease in the Fv/Fm 
ratios was observed, first falling to 0.40 for DT and 0.42 for 8b on Day 1 but by  
Day 2 recovering to 0.57 and 0.60 and staying at this value throughout the rest of 
the cultivation period. When the cultures were transferred to lower temperatures, 
the Fv/Fm ratios of DT and 8b fell rapidly to 0.08 and 0.10 at 10°C and 0.04 and 0.03 
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the acclimation period.
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it decreased to 0.40 but returned to 0.65 on Day 3. At 10 or 7°C, the Fv/Fm ratios 
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2, 4, and 6 μg Chl mL−1 by Day 1, but then they increased close to control values by 
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tration to DT, with the exception of 2 μg Chl mL−1 (Figure 3D). The Fv/Fm ratios of 
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At 15°C, the cell growth of DT and 8b gradually declined with time regardless of 
the initial Chl concentrations. Nevertheless, at initial concentrations of 4 and 6 μg 
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Chl mL−1, both strains were slower to die than cultures starting out at 2 μg Chl mL−1 
(Figure 4A, B). Neither DT nor 8b at 2 μg Chl mL−1 resumed growth at 15°C, and 
no significant difference was recorded between the two strains. The Chl a/b ratios 
of DT and 8b (Figure 4C, D) rapidly decreased on Day 1 from 2.32 to 0.50, 1.03, 
and 1.65 with respect to the initial concentrations of 2, 4, and 6 μg Chl mL−1, and no 
increases were observed for the duration of the acclimation period. The Fv/Fm ratios 
of DT and 8b fell dramatically to near zero on Day 1 regardless of the initial concen-
trations, and no significant recovery was seen (Figure 4E, F).

The results suggested that the initial concentration (2, 4, and 6 μg Chl mL−1) of 
algal cells did affect light absorption, but temperature was the major factor deter-
mining cell growth (Figures 3, 4). DT had a slightly greater tolerance at 20°C than 
8b because its Chl a/b ratios attained levels higher than the control (Day 0), even 
though the Chl a/b ratios of 8b also returned to slightly above the control level. 

Figure 3. 
Effect of initial cultivation concentration on photosynthesis under 20°C and 240 μmol photon m−2 s−1 
irradiance. The total Chl content (A, B), the Chl a/b ratio (C, D), and the Fv/Fm ratio (E, F) of Chlorella 
DT and 8b were measured in cultures with initial concentrations of 2, 4, and 6 μg Chl mL−1 at 20°C with 
irradiation of 240 μmol photons m−2 s−1. Each point represents the average of two measurements from duplicate 
cultures (where not visible, error bars are smaller than the symbol).
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However, neither DT nor 8b could overcome the stress of low temperatures of 15°C 
and below combined with the doubled irradiance of 240 μmol photons m−2 s−1.

3.5 Differential induction of multiple SOD isoforms

For the duration of the 15°C acclimation with 120 μmol photon m−2 s−1 irradia-
tion, the specific growth rate of algal cells remained zero, implying that the energy 
input and output seemed to reach a critical point. To understand the contribution 
of antioxidants in scavenging ROS produced during chilling acclimation, the SOD 
activities were assayed with a spectrophotometrical method. It was found that 
DT had an approximately twofold higher rate of SOD activity (0.46 μmol mg−1 
protein sec−1) than 8b (0.21 μmol mg−1 protein sec−1). Moreover, when the expres-
sion of SOD isoforms was examined after activity staining on native PAGE, three 

Figure 4. 
Effect of initial cultivation concentration on photosynthesis under 15°C and 240 μmol photon m−2 s−1 
irradiance. The total Chl content (A, B), the Chl a/b ratio (C, D), and the Fv/Fm ratio (E, F) of Chlorella 
DT and 8b were measured in the cultures with initial concentrations of 2, 4, and 6 μg Chl mL−1. Each point 
represents the average of two measurements from duplicate cultures (where not visible, error bars are smaller 
than the symbol).
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3.5 Differential induction of multiple SOD isoforms
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tion, the specific growth rate of algal cells remained zero, implying that the energy 
input and output seemed to reach a critical point. To understand the contribution 
of antioxidants in scavenging ROS produced during chilling acclimation, the SOD 
activities were assayed with a spectrophotometrical method. It was found that 
DT had an approximately twofold higher rate of SOD activity (0.46 μmol mg−1 
protein sec−1) than 8b (0.21 μmol mg−1 protein sec−1). Moreover, when the expres-
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represents the average of two measurements from duplicate cultures (where not visible, error bars are smaller 
than the symbol).
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distinct colorless bands were observed in DT (Figure 5) while only two bands were 
observed in 8b (Figure 6). The SOD activities of both strains were generally ampli-
fied with time and decreasing temperature. At the same time, some new SODs were 
induced, and some were diminished.

As shown in Figure 5, the DT control contained two DTMnSODs and three 
DTFeSODs, which were verified with inhibitors of H2O2 and KCN. Once the culture 
was moved to 15°C, the SOD activities of the DT increased greatly on Day-1 and 
reached a maximum on Day 2. By Day 4, at least 10 SOD isoforms were observed 
in DT including two new DTMnSODs and three new DTFeSODs. However, by 
Day 8, SOD activities declined, and some isoforms disappeared, leaving only 
three DTFeSODs and two DTMnSODs present. Similarly, as shown in Figure 6, 
the 8b control contained two 8bMnSODs and two 8bFeSODs. The SOD activities 
of 8b were amplified on Day 2 and reached a maximum on Day 4, while one new 
8bMnSOD and two new 8bFeSODs were induced. At the end of acclimation, the 
SOD activity declined, and only two 8bFeSODs and two 8bMnSODs were present. 

Figure 6. 
Native PAGE analysis of SODs from crude extracts of 8b grown at 15°C under 120 μmol photon m−2 s−1 
irradiance. In each well 5 μg of crude extract proteins was loaded. In comparison to the control (A), SOD 
isoforms were recognized by adding the inhibitors H2O2 (5 mM) (B) and 2 mM KCN (2 mM) (C). Seven 
SODs were induced differentially in DT with regard to original four FeSODs and three MnSODs in 8b. The 
numbers represent the order of discovery.

Figure 5. 
Native PAGE analysis of SOD from a crude extract of DT grown at 15°C under 120 μmol photon m−2 s−1 
irradiance. In each well 5 μg of crude extract proteins was loaded. In comparison to the control (A), SOD 
isoforms were recognized by adding the inhibitors H2O2 (5 mM) (B) and 2 mM KCN (2 mM) (C). In total, 
nine SODs were induced differentially in DT with regard to six FeSODs and three MnSODs. The numbers 
represent the order of discovery.
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These results suggest that DT and 8b utilize different strategies for scavenging O2·−. 
We found that MnSOD1 and FeSOD1 were the most abundant isoforms in both 
Chlorella strains, accounting for about 60–70% of the estimated total SOD activity. 
The other 30% is made up of other isoforms. The main FeSOD in both strains was 
particularly responsive to temperature [39]. Although there are three distinct types 
of SOD isoenzymes, only FeSOD and MnSOD were found in both Chlorella stains. 
Our observation of no CuZnSOD in either strain agrees with Asada et al. [40].

For further identification of which SOD isoforms responded to light stress and 
to temperature stress, the SODs were analyzed under lower temperature or doubled 
irradiance. In the DT culture, the original SOD isoforms of DTFeSOD1, DTFeSOD2, 
DTMnSOD1, and DTMnSOD2 were amplified in response to both the lower tem-
perature of 10°C (Figure 7A) and to a doubled irradiance of 240 μmol photons 
m−2 s−1 (Figure 7B). DTFeSOD3 disappeared on Day 1, probably because it was 
sensitive to both higher light and lower temperature. A newly induced DTFeSOD4 
appeared on Day 1 in response to doubled irradiance, but it was not detected until 

Figure 7. 
Native PAGE analysis of SOD from crude extract of DT and 8b grown at 10°C under 120 μmol photon m−2 s−1 
irradiance (A) or 15°C under 240 μmol photon m−2 s−1 irradiance (B). In (A), 15 μg of crude extract proteins 
was loaded in each well; in (B), 10 μg of crude extract proteins (except 1 μg proteins of DT on Day-2) was 
loaded. The numbers represent the order of discovery.
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distinct colorless bands were observed in DT (Figure 5) while only two bands were 
observed in 8b (Figure 6). The SOD activities of both strains were generally ampli-
fied with time and decreasing temperature. At the same time, some new SODs were 
induced, and some were diminished.

As shown in Figure 5, the DT control contained two DTMnSODs and three 
DTFeSODs, which were verified with inhibitors of H2O2 and KCN. Once the culture 
was moved to 15°C, the SOD activities of the DT increased greatly on Day-1 and 
reached a maximum on Day 2. By Day 4, at least 10 SOD isoforms were observed 
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isoforms were recognized by adding the inhibitors H2O2 (5 mM) (B) and 2 mM KCN (2 mM) (C). Seven 
SODs were induced differentially in DT with regard to original four FeSODs and three MnSODs in 8b. The 
numbers represent the order of discovery.
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These results suggest that DT and 8b utilize different strategies for scavenging O2·−. 
We found that MnSOD1 and FeSOD1 were the most abundant isoforms in both 
Chlorella strains, accounting for about 60–70% of the estimated total SOD activity. 
The other 30% is made up of other isoforms. The main FeSOD in both strains was 
particularly responsive to temperature [39]. Although there are three distinct types 
of SOD isoenzymes, only FeSOD and MnSOD were found in both Chlorella stains. 
Our observation of no CuZnSOD in either strain agrees with Asada et al. [40].

For further identification of which SOD isoforms responded to light stress and 
to temperature stress, the SODs were analyzed under lower temperature or doubled 
irradiance. In the DT culture, the original SOD isoforms of DTFeSOD1, DTFeSOD2, 
DTMnSOD1, and DTMnSOD2 were amplified in response to both the lower tem-
perature of 10°C (Figure 7A) and to a doubled irradiance of 240 μmol photons 
m−2 s−1 (Figure 7B). DTFeSOD3 disappeared on Day 1, probably because it was 
sensitive to both higher light and lower temperature. A newly induced DTFeSOD4 
appeared on Day 1 in response to doubled irradiance, but it was not detected until 

Figure 7. 
Native PAGE analysis of SOD from crude extract of DT and 8b grown at 10°C under 120 μmol photon m−2 s−1 
irradiance (A) or 15°C under 240 μmol photon m−2 s−1 irradiance (B). In (A), 15 μg of crude extract proteins 
was loaded in each well; in (B), 10 μg of crude extract proteins (except 1 μg proteins of DT on Day-2) was 
loaded. The numbers represent the order of discovery.
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Day 1 under moderate irradiance, implying that DTFeSOD4 was probably more 
sensitive to light than to low temperatures. In 8b culture, in addition to the original 
SOD isoforms of 8bFeSOD1, 8bFeSOD2, 8bMnSOD1, and 8bMnSOD2, some new 
isoforms were induced. They were amplified in response to the lower temperature 
of 10°C (Figure 7A) and the doubled irradiance of 240 μmol photons m−2 s−1 
(Figure 7B) on Day 1. However, 8bMnSOD1 declined on Day 2. In spite of new 
SOD isoforms being amplified and in spite of the expectation that the SODs would 
prevent cell death, under the two combined stresses, the algal cells were still dying.

4. Discussion

4.1 Imbalance in excitation pressure

The specific growth rates on Day 1 from DT and 8b were plotted as a function of 
the cultivation temperatures (Figure 8). This showed that the specific growth rates 
decreased exponentially with decreasing temperatures from 32 to 10°C. Our results 
did not follow the previous observation of Sandnes et al. [41] where the specific 
growth rate of the green alga Nannochloropsis oceanica increased linearly with 
increasing low irradiance in the 17–26°C range. The curves fitted for the 120 μmol 
photon m−2 s−1 irradiance data are dispersed from the 240 μmol photon m−2 s−1 
doubled irradiance data. Obviously, doubling the irradiance did not simply double 
the effect of the temperature reduction on the specific growth rate.

Furthermore, the relationship of specific growth rates versus cultivation tempera-
tures was theoretically simulated in accordance with the excessive excitation pressure. 
The temperature coefficient (Q10) represents the factor by which the speed of a bio-
chemical reaction approximately doubles for every 10°C rise. Although some evidence 
indicated that Q10 in plants is temperature dependent [42], a Q10 of 2 was used here to 
theoretically estimate excessive excitation pressure. Therefore, the excessive excita-
tion pressure due to the reduction in biochemical processes was calculated as   2    ( 32   o C− T  2  ) /10  

(T, temperatures below 32°C) so that the theoretical excessive excitation pressure of 

Figure 8. 
Plots of measured and theoretical specific growth rates versus temperatures in DT and 8b. The solid line curves 
represent the measured specific growth rates at 120 (●, DT; ▲, 8b) and 240 (○, DT; Δ, 8b) μmol photon 
m−2 s−1 irradiance. The dotted line curves represent theoretical specific growth rates at 120 (+) and 240 (×) 
μmol photon m−2 s−1 irradiance.
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Day 1 under moderate irradiance, implying that DTFeSOD4 was probably more 
sensitive to light than to low temperatures. In 8b culture, in addition to the original 
SOD isoforms of 8bFeSOD1, 8bFeSOD2, 8bMnSOD1, and 8bMnSOD2, some new 
isoforms were induced. They were amplified in response to the lower temperature 
of 10°C (Figure 7A) and the doubled irradiance of 240 μmol photons m−2 s−1 
(Figure 7B) on Day 1. However, 8bMnSOD1 declined on Day 2. In spite of new 
SOD isoforms being amplified and in spite of the expectation that the SODs would 
prevent cell death, under the two combined stresses, the algal cells were still dying.

4. Discussion

4.1 Imbalance in excitation pressure

The specific growth rates on Day 1 from DT and 8b were plotted as a function of 
the cultivation temperatures (Figure 8). This showed that the specific growth rates 
decreased exponentially with decreasing temperatures from 32 to 10°C. Our results 
did not follow the previous observation of Sandnes et al. [41] where the specific 
growth rate of the green alga Nannochloropsis oceanica increased linearly with 
increasing low irradiance in the 17–26°C range. The curves fitted for the 120 μmol 
photon m−2 s−1 irradiance data are dispersed from the 240 μmol photon m−2 s−1 
doubled irradiance data. Obviously, doubling the irradiance did not simply double 
the effect of the temperature reduction on the specific growth rate.

Furthermore, the relationship of specific growth rates versus cultivation tempera-
tures was theoretically simulated in accordance with the excessive excitation pressure. 
The temperature coefficient (Q10) represents the factor by which the speed of a bio-
chemical reaction approximately doubles for every 10°C rise. Although some evidence 
indicated that Q10 in plants is temperature dependent [42], a Q10 of 2 was used here to 
theoretically estimate excessive excitation pressure. Therefore, the excessive excita-
tion pressure due to the reduction in biochemical processes was calculated as   2    ( 32   o C− T  2  ) /10  

(T, temperatures below 32°C) so that the theoretical excessive excitation pressure of 

Figure 8. 
Plots of measured and theoretical specific growth rates versus temperatures in DT and 8b. The solid line curves 
represent the measured specific growth rates at 120 (●, DT; ▲, 8b) and 240 (○, DT; Δ, 8b) μmol photon 
m−2 s−1 irradiance. The dotted line curves represent theoretical specific growth rates at 120 (+) and 240 (×) 
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2.3-fold at 20°C, of 3.3-fold at 15°C, and so on were calculated relative to the control 
(onefold at 32°C) (Table 1). The diminished activities caused by theoretical excessive 
excitation pressure were plotted as a function of acclimation temperature (Figure 8). 
Subsequently, another plot was obtained for the doubled irradiance of 240 μmol 
photons m−2 s−1, assuming that the excessive excitation pressure was twice the value 
under 120 μmol photon m−2 s−1 irradiance. However, the experimental curves did not 
follow the theoretical ones, implying that regulation of the response to the combined 
light and temperature stresses was more complicated than expected.

In our experiments, under a moderate irradiance of 120 μmol photons m−2 s−1, 
DT and 8b showed no significant differences in growth rates and photochemical 
efficiency when subjected to various low temperatures. However, under a doubled 
irradiance of 240 μmol photons m−2 s−1, DT had a slightly higher growth rate than 
8b at temperatures below 20°C. This suggests that DT might possess a more efficient 
energy dissipation system against the combined stress of low temperatures and high 
irradiation than 8b. These results are in agreement with reports that the impact from 
photoinhibition due to low temperature and high light varies greatly across different 
green algal species [41, 43–45]. Although a greater specific growth rate was obtained 
under 240 μmol photon m−2 s−1 irradiance compared to 120 μmol photon m−2 s−1 
irradiance, neither DT nor 8b favored high irradiance because a smaller Chl content 
was found during the stationary phase, that is, less biomass was generated.

In order to control light energy absorption and transfer, the LHC must modify 
the pigment composition of the Chl a/b ratio, and this is related to alterations in the 
photosynthetic apparatus under various conditions [16–18]. In the present study, 
decreases in both the Chl content and the Chl a/b ratio under low temperatures and 
high lights occurred simultaneously, suggesting a degradation of Chl molecules 
or the rearrangement of the LHCII complex [12]. A Chl a/b ratio of about 2.5 was 
obtained in both DT and 8b, which was similar to the green alga Dunaliella salina 
(2.3) [16], smaller than in Chlorella vulgaris (7.2) [2], and larger than in Bryopsis 
maxima (1.5) [38]. The lowering of Chl a/b ratios in DT and 8b is likely a mecha-
nism to avoid absorbing too much light during acclimation [17]. The restoration of 
the Chl a/b ratio to 2.6 during 20°C acclimation might derive from the bleaching of 
Chl b, which is expected to absorb higher light excitation energy.

Despite the apparent decrease in the Fv/Fm ratios in our 10 and 7°C acclimation 
experiments, an initial increase and then a quenching of Fo was observed (data not 
shown). This phenomenon has been found in C. vulgaris and is suggested as being 
due to a rise in the xanthophyll cycle for dissipating excessive energy [43]. The 
reduction in both Fm and Fo implied changes in antenna size, thereby minimizing 
the absorbance of incident light [43]. Because Fo originates from the Chl a of the 
PSII-associated antenna, an increase in Fo is indicative of decreased energy transfer 
from LHCII to PSII. A large reduction in Fo has generally been regarded as a symp-
tom of serious damage to the photosynthetic apparatus.

4.2 Differential SOD response

Since SOD is the first line of cellular defense against oxidative stress to remove 
O2·−, monitoring how SOD responds to photoinhibition during acclimation may 
provide more information about photoprotection [20]. It is known that SOD 
activity increases in cells in response to diverse environmental stresses including 
high light intensities and low temperatures and that SOD isoforms are expressed 
differently to protect against a subset of oxidative stresses under various environ-
mental conditions [46, 47]. In particular, each of the SOD isoforms is independently 
regulated according to the degree of oxidative stress experienced in the respective 
subcellular compartments [48].
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At 15°C acclimation and 120 μmol photon m−2 s−1 irradiation, which was the 
point where the specific growth rate of the algal cells was zero, DT possessed higher 
SOD activities and more isoforms than 8b. To clarify further which SOD isoform 
responded to light or temperature, SOD activities were measured under the lower 
temperature conditions of 10°C and 120 μmol photon m−2 s−1 irradiance (Figure 7A) 
and at 15°C under the doubled irradiance of 240 μmol photon m−2 s−1 (Figure 7B). 
The results showed that the original SOD isoforms, which are likely sensitive to low 
temperature, were amplified by at 10°C and the newly induced SOD isoforms, which 
are likely sensitive to light, appeared under the doubled irradiance treatment.

Our data also suggested that the regulation of the antioxidant response to 
chilling was different from the response to irradiation. This raises the interesting 
question of why the regulation of antioxidant defenses is so highly complex and 
varied under a range of oxidative stresses even though they are targeting the same 
O2·− substrate [20–23].

5. Conclusion

The green algae Chlorella species DT (DT) and Chlorella pyrenoidosa 211-8b 
(8b) were very alike in their cell growth rate (total Chl), light energy absorption 
regulation (Chl a/b ratio), and photochemical efficiency (Fv/Fm) under optimal 
conditions of 120 μmol photons m−2 s−1 and as temperatures decreased from 32 to 
7°C. Upon exposure of the cultures to a doubled irradiance of 240 μmol photons 
m−2 s−1, DT exhibited higher cell growth rates than 8b at chilling temperatures 
of 20°C and 15°C. It was also found that under the combined stresses of chilling 
temperature and relatively high irradiance, DT possessed higher SOD activity and 
more new SOD isoforms for removing free radicals than 8b.
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Chapter 11

Microalgae Cultivation for
Secondary Metabolite Production
Facundo J. Márquez-Rocha, Diana Palma-Ramírez,
Pedro García-Alamilla, Jenny F. López-Hernández,
Ivonne S. Santiago-Morales and Abelardo I. Flores-Vela

Abstract

Microalgae including cyanobacteria have been recognized as an excellent source
of fine chemicals, renewable fuels, vitamins, and proteins and usually are found in
health food stores around the world. However, the accumulation of these com-
pounds generally occurs at end of the exponential growth phase; furthermore,
biomass density in cultivation commonly is low. Open cultures have been used for
pigment, biofuels, and biomass production, but these types of culture system are
not a good choice for the production of fine chemicals, due to contamination
problems and the expensive production costs. Closed photobioreactors can be
operated in a continuous cultivation providing an increase on biomass density and
contamination-free condition and generally working at a maximum growth rate
under specific conditions; besides, these systems can recycle the consumed culture
medium at least three times before a new enriched medium is supplied, generating
a more cost-effective production system. In addition, microalgae metabolism can be
manipulated to provoke a specific secondary metabolite accumulation by the
addition of organic carbon source or changing light intensity or both. In other
words, photobioreactors can operate in continuous mode, with efficient light supply
and the supplementation of organic carbon source to produce fine biochemicals
such as anticancer, antibacterial, antioxidant, lectins, antiviral compounds,
and biofuels.

Keywords: microalgae metabolism, mixotrophy, continuous cultivation,
secondary metabolites, fine chemicals, biofuels, pigments

1. Introduction

Industrial reactors for microalgae cultivation have been generally constructed
using channels with movement and adapted for a better gas exchange. One of the
biggest problems in this culture system is the low density of microalgae cells; they
are constructed between 15 and 30 cm deep along the canal, limiting therefore the
available light in addition to increasing the potential for contamination. A system
proposed to solve the problem of low density and pollution has been found in closed
polyethylene pipe systems, having the geometric design of the reactor as its main
objective. Some strategies addressing three aspects have been developed to improve
cultivation of microalgae in photobioreactors and produce fine chemicals:
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(1) the culture medium design—it is necessary to fix the nutrient composition to
provide the right source of carbon and energy depending on the microalgae strain
and secondary metabolite to be produced; (2) reducing adverse conditions for
culture, such as oxygen accumulation, CO2 efficient supply, and sufficient light
distribution. For this purpose, studies on the photobioreactor prototype should be
performed; (3) once that photobioreactor prototype works well, critical factor
criteria for scale-up bioengineering process should be fixed [1–3].

2. Microalgae metabolism and mixotrophic growth kinetics

Biomass and product productivity are significantly affected by the culture
condition; energy and carbon supply impacts directly biomass and product
concentration. In effect, different metabolic growth modes for microalgae have
been recognized: (a) autotrophy, in which light is the sole source of energy and
inorganic carbon is the sole source of carbon; (b) heterotrophy, in which energy and
carbon are both obtained exclusively from an organic carbon source, such as glu-
cose, glycerol, and acetate, and growth can proceed without light supply;
(c) mixotrophy, in which the photosynthetic microorganisms obtain energy from
light and organic carbon sources and carbon is obtained from organic and inorganic
carbon sources [4, 5]; and (d) photoheterotrophy, in which carbon can be obtained
from organic compound but strictly with a light supply [5]. Chojnacka and
Noworyta designed an empirical mathematical model to describe mixotrophic
growth; in this model heterotrophic and autotrophic cultures are fractions of
mixotrophic growth, but the metabolic interaction of photosynthesis and
heterotrophy is important to improve biomass density and consequently secondary
metabolite productivity [6].

Light as a source of energy for photosynthetic organisms is the main limiting
factor during cultivation process of these organisms. In light intensities above the
light saturation point, photosynthesis rate is directly proportional to the incident
light supplied. The photosynthetic system of many microalgae becomes saturated to
a radiation close to 30% of the total solar irradiance, i.e., between 1700 and
2000 μEm�2 s�1. Some species of phytoplankton grow to optimal intensities of
50 μEm�2 s�1 and are photoinhibited at around 130 μEm�2 s�1. The culture limita-
tion by photoinhibition is the most important problem for commercial cultivation
of microalgae. A possible solution is to assume that the heterotrophic metabolism in
photosynthetic cells occurs, replacing or supplementing energy and carbon
requirements from organic sources. Some studies suggest that mixotrophic, auto-
trophic, and heterotrophic metabolic activities occur simultaneously during cell
growth [7]. The relative contribution of autotrophy to biomass production increases
by increasing the light supply coefficient (kJ kg m2 s�1) or with an increase in the
supply of CO2 and a decrease of organic carbon source supply. For example, at a
light supply coefficient of 0.5 at 0.03 and 10% of CO2 concentration, the ratio of
contribution of autotrophy (heterotrophy/autotrophy) to the biomass production
was of 98:2 and 70:30, respectively [8]. A respirometric procedure has been pro-
posed to obtain half saturation constant values for several nutrients; it is useful for
modeling bioprocess for photosynthetic microorganisms [9]. These methods can be
useful to evaluate organic substrates to be used in cultures, in a practical way.

2.1 Contribution of autotrophic and heterotrophic metabolisms during the
mixotrophic cultivation performance

Prior works [8, 10] conducted a detailed analysis of the heterotrophic and
autotrophic modes simultaneously in Euglena gracilis and Spirulina platensis,
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respectively, under strict control of culture conditions; mixotrophic biomass con-
centration and growth rates resulted in the sum of the biomass or growth rates of
heterotrophic and autotrophic cells in growing culture in parallel. The yields pro-
duced approximately the same amount of biomass produced in mixotrophic condi-
tions; a mathematical approach can be summarized in Eqs. (1)–(8) [8, 10].
Assuming that mixotrophic growth is derived from cells growing in autotrophic and
heterotrophic conditions, it can be described mathematically by defining the con-
tribution of both metabolic growth modes. This can be simplified in Eq. (1):

XM ¼ XA þ XH (1)

Supposing that α is the heterotrophic fraction in mixotrophic growth, XH (bio-
mass from heterotrophy) may be expressed as follows:

XH ¼ αXM with the condition 0< α< 1 (2)

Combining Eqs. (1) and (2), biomass in mixotrophic (XM) conditions can be
expressed as follows:

XM ¼ XA

1� α
(3)

in which XA is the biomass from autotrophy; the growth rate ratio can be
expressed as follows:

1≈
dXM=dt

dXA=dt þ dXH=dt

� �
g d�1� �

(4)

The α coefficient is low when the incident light reaches all cells in the
photobioreactor, where cell density should be low enough to avoid hiding among
cells. Once that cell density increases, heterotrophic fraction increases as well, in
the presence of an organic substrate as carbon source. To estimate α at any time,
the value of α can be represented by an αi which can be constant for a period
of time, Δti.

Then, Eq. (4) can be expressed as follows:

ΔXM

Δti
¼ 1

1� αi

ΔXA

Δti
(5)

By replacing in Eq. (5) of autotrophic growth, the equation included incident
light:

ΔXM

Δti
¼ 1

1� αi
Kl0 (6)

where K ¼ YkJA
V .

Integrating Eq. (6) results in

ðXMiþ1

XMi

ΔXM¼
Klo

1� αi

ðtiþ1

ti
Δti (7)

And then, αi at any time can be calculated:

αi ¼ 1� Klo
XMiþ1 � XMi

tiþ1 � tið Þ (8)
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respectively, under strict control of culture conditions; mixotrophic biomass con-
centration and growth rates resulted in the sum of the biomass or growth rates of
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With Eq. (8), α value was 0.02 at the beginning of culture, independent of
incident light, to 0.61 after several hours of cultivation. Carbon balance showed
inorganic carbon and carbon from glucose were consumed simultaneously; CO2

produced from respiration was used as carbon source during autotrophic growth
[11]. Ogbonna and McHenry observed similar behavior in Euglena gracilis. Hetero-
trophic and autotrophic growth occurred simultaneously and independently [8];
this work defined two fractions instead of one as follows:

dXM

dt
¼ dXA

dt
þ dXH

dt
(9)

The mixotrophic growth rate dXM/dt was equal to the sum of the heterotrophic
growth rate dXH/dt and the rate of autotrophic growth dXA/dt. However, when two
metabolic activities interact and when the presence of an organic carbon source
affects the autotrophic metabolism or when the light affects the heterotrophic
metabolic activity, then the heterotrophic rate in the mathematical description can
be modified in accordance with Eq. (10), where dXM/dt is the total mixotrophic
growth rate and β and α are coefficients of the autotrophic and heterotrophic
fractions of the total mixotrophic growth rate, respectively:

dXM

dt
¼ β

dXA

dt
þ α

dXH

dt
(10)

The values of α and β can be calculated on the basis of dXA/dt autotrophic
growth rate and dXH/dt heterotrophic growth rate, both during mixotrophic
culture.

β ¼ dXA=dt
dXM=dt

(11)

α ¼ dXH=dt
dXM=dt

(12)

The sum of the values of β and α is 1.0 when the growth proceeds independently
and simultaneously; when the sum is more than 1.0, there is an effect of promotion;
and when it is <1.0, there is an inhibitory effect. It is clear that when mixotrophic
growth occurs, both growth modes, namely, autotrophic and heterotrophic growth,
have contribution in the final biomass and metabolite production; Eqs. (1)–(12)
may be used to describe mathematically the secondary metabolite formation. An
important stoichiometric relationship exists on carbon metabolism, with the pH
changes driven by consumption of carbon source. Bicarbonate consumption
increases pH, whereas glucose consumption decreases the pH due to CO2

production, being the reason that pH is kept almost constant during mixotrophic
growth, CO2 consumption by photosynthesis, this balance may reflect the type of
predominant metabolism.

3. Photobioreactor systems: open and closed systems

Despite certain variability in the shape of open and closed systems, technical
designs for open systems are the type race track, moved by paddles, usually oper-
ating at depths of 15–20 cm. At this depth, the growth rate of microalgae can be
15 g m�2 d�1, with a lipid content of 25%. Similar designs in terms of operation are
the circular ponds, which are commonly found in Asia and Ukraine [3]. The major

196

Microalgae - From Physiology to Application

disadvantages of open systems are the significant loss of water by evaporation, the
loss of CO2 into the atmosphere, the pollution, and the need for considerable surface
for cultivation. Since the 1990s, in certain parameters such as the selection of
species with efficient incident light utilization, the path of the incident light through
the photobioreactor (PBR), the thickness of the wall, the mixing regime, and release
of O2 via degassing, CO2 supply, have been focus on several developments [12].
Closed or semi-closed PBRs, based on different design concepts, have been
implemented and tested at a pilot level. The latest developments seem to be directed
toward tubular or plate-type compact configurations as well as combinations of
these major designs in the form of distributing light over an expanded surface [13].

4. Main problems in closed photobioreactors: light supply,
temperature, and oxygen accumulation

Microalgae need enough quality and quantity of light supply, and it should be
taken into account as a primary critic factor to design proper PBR. Cell density can
increase from 103 cells ml�1 to densities above 108 cells ml�1; it produces a reduc-
tion of the distance among cells over 250 times, and the cell size can reduce its
size 10 times as well. By improving mix capabilities of the PBR, hydrodynamic
shearing stress over the cells can be increased; also, it can reduce growth or even cell
death at high stress conditions [14]. The temperature has a greater influence on
respiration and photorespiration than photosynthesis; when CO2 or light is limiting
for photosynthesis, the influence of temperature is negligible. In contrast, an
increase in the temperature will increase significantly the respiration, but flow of
carbon through the Calvin cycle increases marginally. In other words, the net
efficiency of photosynthesis declines at high temperatures. This effect can worsen
in culture suspension by the difference in the solubility of CO2 and O2 at high
temperatures. Normal temperatures for the growth of microalgae ranged between
25 and 30°C; an increment in the temperature affects the lipid production; at higher
temperatures saturated free fatty acids are produced, while low temperatures favor
unsaturated free fatty acid formation [15]. High concentration of O2 can build up in
closed PBR; if this happens photosynthesis can be damaged by decreasing
microalgae growth, and an improvement in the PBR should be implemented as an
effective gas exchange [16].

5. Photobioreactor design and scale-up

The first generation of closed PBR finds limitations over 50–100 L of culture
volume; this was not effective for light supply to produce higher biomass density.
Several designs of light distribution over the PBR, mainly underwater lamps, optical
fiber, and column-shaped photobioreactors, have been used to provide an efficient
production system; however, not much success has been obtained [12]. This is the
main challenge in the future to find the appropriate scaling criteria for a larger
irradiate surface, mass transfer, and coupled steps upstream and downstream pro-
cesses [17]. The difficulty to scale up PBRs is to establish the inherent relationship
among physical parameters involved in the design and the physiology of the
microalgae to be cultured. An important design rule is to define quantitatively
parameters to describe the interactions between incident light, the light distribution
in the PBR, cell growth, and secondary metabolite production.

To encourage the use of microalgae, it is necessary to implement a step-by-step
system at different levels. The first step is the bioprospecting for selecting the most

197

Microalgae Cultivation for Secondary Metabolite Production
DOI: http://dx.doi.org/10.5772/intechopen.88531
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disadvantages of open systems are the significant loss of water by evaporation, the
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promising strain to produce a specific secondary metabolite and is the interaction of
various disciplines, such as the analytical chemistry, biochemistry, molecular biol-
ogy, and microbiology. The second step is the development of the culture medium,
applicable to the largest volume. The third step is the strategy to analyze the scaling-
up; biochemical or bioprocess engineers play an important role at this point. Strain
and medium selection is carried out at flask level; the type of metabolism for the
desired metabolite production, namely, mixotrophic, heterotrophic, or autotrophic
growth, is also defined in this step. Operation parameters are fixed at small PBR
scale; once the critic factors are overcome, PBR is ready to apply a scale-up proce-
dure, from pilot to industrial production [18]. At the same time, recovery and
purification steps should be performed. The last step of scale-up process should be a
feasibility economic and technological analysis, in which production costs are
obtained [19]. Quinn et al. constructed and validated a scalable growth model with
species-specific variables, such as light and temperature; it can be used with PBR
dimensions to accurate growth modeling for life cycle analysis.

6. Energy efficiency received by microalgae in photobioreactors

Many aspects should be considered to obtain high concentration of biomass and
secondary metabolites. Microalgae need energy from light to drive photosynthesis
and growth. However, many of these organisms are able to use organic compounds
as a source of chemical energy from respiratory mechanism. Although the terms of
mixotrophy, autotrophy, photoheterotrophy, and heterotrophy are not well-
defined, the influence of organic carbon energy and incident light energy can be
quantitatively described in terms of biomass and secondary metabolite production.

Assuming that autotrophy growth occurred in cells absorbing incident light on
the irradiate surface of the reactor, growth depends on the specific energy yield
(YkJA), in other words, the amount of energy required to produce an amount of
biomass; it can be defined by the following equation for continuous cultures:

YkJA ¼ DXAV
IOA

(13)

Moreover, microalgae growing in mixotrophic mode and energy from carbon
source can be included in Eq. (13), as follows:

YkJM ¼ DXMV
IoAþ ΔHSDV So � Sð Þ (14)

Yield equations can be achieved in continuous cultivation, where D is the dilu-
tion rate (h�1). Energy efficiency in batch and continuous cultures for Spirulinawas
calculated in values of 5.0 � 10�3 g biomass kJ�1 [11] and 2.4–4.8 � 10�3 g bio-
mass kJ�1 [20]. There are two different points of view concerning energy efficiency
which should be mentioned: one recently, a photocolor spirometer has been used
for direct measurements of photosynthesis (calorimetry) and oxygen evolution at
different light intensities [21], and the other one uses a photobioreactor to measure
the overall light and carbon energy necessary to produce biomass and secondary
metabolites [5]. The first can be useful to provide a potential energetic yield mea-
surement because it considers the metabolic energy flows in the cells; the second
provides data necessary for bioengineering purposes, specifically for the
photobioreactor design and scaling-up procedures to follow.

198

Microalgae - From Physiology to Application

Mixotrophic growth can be described according to Figure 1. On the left-hand
side, in the photosynthetic growth by the consumption of CO2 from culture
medium, in the presence of light, biomass is produced, and oxygen is produced as
well. On the other side, biomass is also produced but from organic carbon source
consumption. The photosynthesis and respiration rates depend on several factors,
such as microalgae species, O2 and CO2 availability, light supply, organic carbon
source availability, temperature, pH, etc., but the main factor is the ability of
microalgae to use O2 and CO2 at the same time [5].

The balance for energetic yield (YX/kJ) can be described as follows: (i) autotro-
phic growth; total energy comes from incident light, and the biomass is formed
from inorganic carbon:

ΔATPT ¼ ΔATPhv (15)

ΔXA

kJhv
(16)

Heterotrophic growth, energy, and biomass are provided by an organic carbon
source:

ΔATPT ¼ ΔATPGlu (17)

ΔXH

kJGlu
(18)

Then, in mixotrophic growth, energy is supplied by both incident light and
chemical energy from the organic carbon source and biomass from both inorganic
and organic carbon sources.

ΔATPT ¼ ΔATPhv þ ΔATPGlu (19)

YMkJ ¼
ΔXM

kJhv þ kJGlu
(20)

Figure 1.
Drawing describing the interaction of heterotrophy and autotrophy during mixotrophic growth. A, biomass
from autotrophy; H, biomass from heterotrophy, modified from [5].
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7. Secondary metabolite production

In the mixotrophic growth mode, certain molecules are accumulated, and there
is a need to elucidate which metabolite is able to accumulate under specific growth
conditions, but in general mixotrophic growth, it seems to be an efficient way for
secondary metabolite accumulation [15, 22].

7.1 Fine chemicals

Several high valuable products have been described to be produced by photo-
synthetic microorganisms: antitumor agent from Amphidinium sp., food supple-
ments from Dunaliella and Isochrysis galbana, antioxidants from Phaeodactylum
tricornutum, and elastase inhibitor from Oscillatoria agardhii [17]. Algae biomass can
accumulate or produce (i) bioenergy-based products, such as ethanol, methanol,
biodiesel, biohydrogen, biogas, and long-chain hydrocarbons; (ii) staple food and
vitamins such as yellow-white proteins, β-carotene, and phycobiliproteins, such as
phycocyanin; (iii) polyunsaturated fatty acids, such as linolenic acid and
arachidonic acid, that is, omega-3 fatty acids [23, 24]; (iv) base compounds for
cosmetic industry and plant growth regulators; and (v) compounds with anticancer,
antimicrobial, and antiviral activities.

Spirulina platensis showed higher antioxidant activity than other microalgae
tested; Nostoc muscorum and Oscillatoria sp., moreover, have an important incre-
ment of phycobiliproteins by increasing nitrogen to the culture medium. It pro-
duces an important increment of the antioxidant activity in aqueous extracts of
these microalgae. These extracts exhibit anticancer activity as well; in the extracts
phenolic compounds, terpenoids, and alkaloids have been detected which can be
responsible for several biomedical activities [24]. Water extracts of S. platensis have
shown vulvovaginal antifungal activity on Candida and antifungal activity on sev-
eral strains of Candida sp.; this can be the basis for therapeutic treatments, where
secondary effects seem to be absent [25].

7.2 Pigments

Dietary supplements have been produced from biomass of microalgae; they
include pigments and colorants from Haematococcus pluvialis, Chlorella sp.,
Dunaliella, red algae, cyanobacteria, and S. platensis [23]. A profile of natural pig-
ments in dietary supplements of Spirulina including 51 pigments has been found in
commercial products [26]. Pre-column reaction with DPPH radical followed by fast
UHPLC-PDA separation revealed different classes of pigments grouped among
carotenes, xanthophylls, and chlorophylls. Diadinoxanthin, alloxanthin, cantha-
xanthin, diatoxanthin, zeaxanthin, and echinenone were found in powder and
tablets as minor components, in addition to β-carotene as a major component of
dietary supplements [26]. Astaxanthin from H. pluvialis, c-phycocyanin from
Limnothrix sp., and phycoerythrin from Phormidium have been produced [27–29],
respectively.

Production of pigments is affected by the amount of light supplied, and in
combination with mixotrophic growth mode, phycocyanin, chlorophyll-a, and
carotenoid concentrations, increased as light intensity increased, the concentration
increased at least 30% in S. platensis [4, 11]. Production of chlorophylls and carot-
enoids increases 1.5 fold in Chlorella vulgaris in stirred tank photobioreactor [4].
Carotenoid accumulation and composition seem to be induced by light intensity,
nitrogen starving, and salt stress. Higher light and salt stresses active synergistically
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carotenogenesis, mechanism such as esterification of astaxanthin and adonixanthin
in Scenedesmus sp. [30].

Red marine microalga has proven their ability to produce pigments and hydro-
colloids, due to their diversity, and perhaps produce a diversity of high valuable
compounds. Fine chemicals are used as cosmetics, nutraceutics, and therapeutic
agents; some are used in the food industry, diagnostic, biomedical research, and
biosensor. Carbon source such as glucose, sucrose, glycerol, or acetate in the
culture medium can help for accumulation of β-carotene and zeaxanthin by red
microalga [31].

7.3 Antioxidants

Microalgae produce a wide range of antioxidants, some of them involved in the
scavenging machinery of photosynthesis, respiration, and oxidative protection
mechanisms. Pigments (carotenoids, chlorophylls, phycobiliproteins) play an
important role in the photosynthetic mechanism in tocopherols including α, δ, and γ
tocopherols, and pigments are accumulated as secondary metabolites at different
amounts. Tocopherols have been found in Nannochloropsis oculata,Tetraselmis
suecica, Spirulina maxima, Chaetoceros sp., Synechococcus, and Porphyridium
cruentum. These compounds are formed depending several factors, such as
microalga specie, growth phase, nutrient availability, light supply, and oxygen
concentration, but also their production is affected by the processes of extraction
and purification [32–34].

7.4 Biofuels

Lipid metabolism can be induced by a nitrogen-limiting condition; nitrogen
obtained from amino acid catabolism is assimilated via the glutamate-glutamine
pathway; then, it is stored as an amino acid. The excess of carbon obtained from
photosynthesis or glycolysis is redistributed into carbon-containing compounds.
Carbon enters lipid metabolism via gamma-aminobutyrate pathway, glycolysis, and
the tricarboxylic acid cycle [35]; malonyl-CoA is formed via acetyl-CoA from res-
piration; then, lipogenesis proceeds [15]. Supplementing microalgae cultures with
an organic carbon source increases the productivity of biomass, lipid, and carbohy-
drates, enhancing the production of biodiesel, ethanol, starch, and polyunsaturated
fatty acids. However, organic carbon source addition has limitations, for example,
the cost and the bacterial contamination during cultivation. Progress on
biorefineries has been focused on mixotrophic cultivation to enhance either sec-
ondary metabolite accumulation or fine chemicals [36]. Triacylglycerol content in
Neochloris oleoabundans, Dunaliella sp., and Botryococcus braunii is more abundant
when glycerol was used as organic carbon source than with autotrophic cultures.
Profile of free fatty acids is also different. Saturated free fatty acids increase signif-
icantly in the presence of glycerol, but unsaturated free fatty acids decrease in
general [37]. Biomass productivity and also the lipid productivity increased with the
addition of acetate, glucose, and glycerol; although lipid content is smaller than
other cultures, light supply also affected the content of lipids [38]. In contrast, lipid
concentration in Chlorella protothecoides was as high as 55%, four times those
obtained in autotrophic growing cells. Microalgae metabolic pathways for lipid
accumulation are influenced by nitrogen-limiting conditions and carbon metabo-
lism, where distribution pathways contribute to lipid biosynthesis [39, 40]. Biomass
is considered as a renewable fuel source and does not affect the overall balance of
CO2 in the atmosphere. Algal biofuel production coupled to a biomass power plant
waste can serve as a cost-effective process to enhance microalgae biomass and
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biofuel productivity by sequestration of the CO2 produced in the power plant [35].
Productivity of biodiesel from oily plant crops, in terms of produced oil by surface
production, varies from 27.57 to 972 L per ha, whereas that from microalgae culti-
vation is 7688–23,067 L per ha [23].

Biofuels derived from algal biomass depend on algal species: for biodiesel,
Cladophora fracta, C. protothecoides, and B. braunii; for biohydrogen,
C. protothecoides, S. platensis, and Chlamydomonas reinhardtii; for bioethanol
Palmaria, Porphyra, Ascophyllum, Ulva lactuca,Tetraselmis sp., and Chlorococum sp.;
and for biogas C. reinhardtii, Chlorella kessleri, and Spirogyra neglecta [23, 41–44].
To produce biodiesel from microalgae, it is very important to select strains with oil
content over 50% to improve biodiesel yield. With respect to oil content, microalgae
can be divided into low, medium, and high oil content strains [45].

7.5 Proteins

Soluble proteins have been used as nutritional supplements and personal care
products or insoluble proteins for animal feeds [36]. Protein production has been
reported in S. platensis using beet vinasse-supplemented culture media, in tubular
photobioreactor biomass, which reached to 6.5 g L�1 and 168 mg L�1 d�1 of protein
productivity. Continuous cultivation was also suitable for protein production from
S. platensis using a medium supplemented with beet vinasse [46].

Incorporation of carbon from an organic carbon source, the type of carbon
source, the amount supplemented to the culture, and the specie of microalgae are
important for lipid accumulation in the cells of microalgae. The content of protein
mostly increases by the addition of an organic carbon source, but lipid content
decreases, although productivity of biomass, protein, and lipids increases substan-
tially in the presence of organic carbon source [38].

Figure 2 represents the secondary metabolite production along with biomass
that should be included in balance equations. The main components are carbon,
hydrogen, oxygen, and nitrogen; in other words, a secondary metabolite can be a
fraction of the total biomass, and it can be defined as ΘΔX, where is the fraction
corresponding to the secondary metabolite produced, for chlorophyll accumulation,
and it depends on the availability of carbon and nitrogen sources [40].

Figure 2.
Drawing describing the production of secondary metabolites under mixotrophy. P, metabolite from
autotrophy and heterotrophy; A, biomass from autotrophy; H, biomass from heterotrophy. Modified from
Ref. [5].
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Mixotrophy is coupled with three metabolic mechanisms, glycolysis, Calvin-
Benson-Bassham, and the tricarboxylic acid cycle, where ATP is formed in the
tricarboxylic acid cycle helping to drive electron flux on the light reactions of the
photosynthesis to generate NADH, which is needed in the tricarboxylic acid cycle.
These mechanisms are focal point to perform metabolic engineering, which open
new routes to enhance the synthesis of fine chemicals by microalgae [47].

8. Concluding remarks

In the past, microalgae cultures were used as components of aquaculture feeds
and human food supplements. Recently, new alternatives have been opened for the
production of fine chemicals and biofuels. However, production costs have been a
concern; several efforts have been made to reduce processing costs to construct a
profitable process. In this context, Allen et al. propose an integration of biology,
ecology, and engineering topics for a sustainable biofuel and bioproduct production
from microalgae [48].

The potential markets of value-added products from microalgae are
nutraceuticals for human applications and nutraceutical with applications for ani-
mal and fish feed, bulk chemicals, and biofuels, with commercial costs of 100 €/kg
biomass, 5–20 €/kg biomass, <5 €/kg biomass, and <0.4 €/kg biomass, with a
volume market of 60 million, 3–4 billion, >50 billion, and >1 trillion €,
respectively [49].

High value-added products such as antiviral, anticancer, and antioxidants are
target products to be obtained from microalgae, since it is an alternative process
that can be continuously cultivated of axenic cultures in a closed photobioreactor
adapted with a special light source of irradiation, such as fiber-optic or halogen
lamps. In this case, biomass increases as long as microalgae receive light and the
broth hydrodynamic allows enough movement to reach the illuminated surface (see
Table 1), in continuous cultivation. Once the light limitation occurred and due to
the effect of washing out, biomass starts to decrease to a new dilution rate. When an
organic carbon source has a positive effect on the growth, continuous cultivation
can be used as well, to produce an increment in biomass density (Table 1) and
secondary metabolite formation as well, producing an increment of biomass and in
the metabolites. Productivity also has a substantial increment at same light intensity
and same dilution rate (D, h�1). Productivity and biomass concentration have been
obtained in semicontinuous cultivation with a biomass of 5.31 g L�1 and productiv-
ity of 1.32 g L�1 d�1 [50]. Therefore, semicontinuous cultivation seems to be a good
strategy as well.

Secondary metabolite production can be effectively improved, by three advan-
tages,(i) using a continuous process (up- and downstream processes),

Io (J cm
�2 h�1) ΔXA (g L�1) ΔXAD (g L�1 h�1 � 10�3) ΔXM (g L�1) ΔXMD (g L�1 h�1 � 10�3)

3.22 0.050 1.74 0.079 2.76

5.85 0.092 3.21 0.136 4.75

11.11 0.175 6.11 0.241 8.41

18.98 0.301 10.81 0.405 14.13

Modified from Ref. [51].

Table 1.
Biomass concentration and productivity in continuous culture, in autotrophic and mixotrophic conditions
(D = 0.03 h�1).
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(ii) implementing mixotrophic cultivation, and (iii) recycling broth medium at least
three times (Figure 3).
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Chapter 12

Physiological Limitations and 
Solutions to Various Applications 
of Microalgae
Manoj Kamalanathan and Antonietta Quigg

Abstract

Despite over a century of research, the various applications of microalgae have 
only been realized only since the 1940s. With a repertoire of valuable products like 
biodiesel, astaxanthin, canthaxanthin, lutein, β-carotene, phycocyanin, chlorophyll 
a, polyunsaturated fatty acids, exopolymeric substance (EPS), and biohydrogen, 
the commercial importance of microalgae and demand for its product is gaining 
increasing attention. However, successful transition of the synthesis of microal-
gal products from laboratory to industries has yet to be realized, even after over 
70 years of extensive research. This failure of commercial success of microalgal 
products can be attributed to the lack of understanding of the physiological role of 
the products and biological constraint placed by the bioenergetics and physiology, 
which has been largely ignored. This chapter focuses on the physiological limita-
tions behind synthesis of microalgal products, highlights the crucial unknowns 
behind the role and synthesis of these products, and hints strategies to overcome 
the limitations to realize the commercial dream of microalgal products.

Keywords: microalgae, biofuels, PUFA, EPS, hydrogen

1. Introduction

The biological reaction of photosynthesis has played a significant role in 
shaping the course of evolution through the great oxygenation event converting 
atmospheric CO2 into organic form that is being currently extracted as modern day 
fossil fuels and finally balancing the elemental cycles (C, N, P, and Si) on Earth. 
The magnitude of the impact photosynthesis reaction has on humans has encour-
aged scientists, engineers, and others to wonder about exploiting the potential 
of this reaction in different ways. Factors such as simplicity, metabolic elasticity, 
diversity, shorter life cycles, and the range of commercially important products 
synthesized make microalgae the most attractive and practical option of all the 
other photosynthesizing life forms. Some of the commercially important products 
produced by microalgae include biofuels (i.e., biodiesel, biohydrogen), high value 
products (i.e., astaxanthin, canthaxanthin, β-carotene), polyunsaturated fatty acids 
(i.e., omega-3-fatty acids), farming products (i.e., animal and fish feeds), fertilizer, 
single-cell proteins, and miscellaneous products such as exopolymeric substances 
(EPS) that have various applications. Despite the potential of microalgae in produc-
ing such a variety of commercially important products, the idea of microalgae mega 
factories has yet to become a reality. Several factors impede the commercial success 
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of microalgal products. This includes existing sources (fossil fuels), technological 
development, and physiological limitation. In this chapter, we will describe the 
various known physiological limitations associated with productions of various 
microalgal products in a commercial scale and list possible solutions.

2. Biodiesel from microalgae

Spoehr and Milner in 1949 demonstrated that the lipid content increased in the 
green microalga Chlorella under nitrogen starvation [1]. However, it was not until 
the early 1970s, with the oil embargo and the increase in energy prices, that the con-
cept of lipids from microalgae for biofuel production gained attention [2]. Despite 
decades of research, biodiesel from microalgae has yet to be introduced to the gas 
station near you. It has been reported that microalgae can produce around 20–50% 
of their dry weight as lipids [3, 4], with only one research article suggesting as high 
as 80% [5]. The amount of lipid produced by a variety of species under optimum 
growth conditions is summarized in Table 1. The ability to synthesize a higher 
percentage of their dry weight as lipids makes microalgae the highest producer of 

Microalga Taxa %Lipid %Protein %CHO Growth 
rate d−1

Source

Amphora sp. Bacillariophyceae 13.6 17.3 74.9 5.1 [6]

Amphiprora hyaline 
(ENTOM3)

Bacillariophyceae 22–37 2.3 [6]

Anabaena cylindrical Cyanophyceae 4–7 43–56 25–30 [7]

Ankistrodesmus falcatus Chlorophyceae 40.3 14.3 18.3 2.89 [6]

Boekelovia sp. Chrysophyceae 20.7 3.43 [6]

Botryococcus braunii Chlorophyceae 54.2 20.6 14.3 1.8 [6]

Chaetoceros sp. Bacillariophyceae 22.2 31.9 43 4.3 [6]

Chaetoceros calcitrans Bacillariophyceae 16 34 6 [8]

Chaetoceros gracilis Bacillariophyceae 7 12 5 [8]

Chaetoceros muelleri Bacillariophyceae 31 59 10 [9]

Chlamydomonas reinhardtii Chlorophyceae 21 48 17 [7]

Chlorella sp. Chlorophyceae 34–48 19–31 1.33 [6]

Chlorella ellipsoidea Chlorophyceae 8.9 26.1 26.3 5.3 [6]

Chlorella protothecoides Chlorophyceae 15–56 [6]

Chlorella pyrenoidosa Chlorophyceae 2 57 26 [7]

Chlorella vulgaris Chlorophyceae 14–22 51–58 12–17 [7]

Cyclotella sp. Bacillariophyceae 42.1 16.4 10.2 5.1 [6]

Dunaliella bioculata Chlorophyceae 8 49 4 [7]

Dunaliella salina Chlorophyceae 6 57 32 [7]

Dunaliella tertiolecta Chlorophyceae 15–43 2.58 [6]

Euglena gracilis Chlorophyceae 14–20 39–61 14–18 [7]

Isochrysis aff. Galbana Prymnesiophyceae 26 23.3 20.5 2.83 [6]

Monoraphidium sp. Chlorophyceae 17.9–
24.4

25.5 3.1 [6]

Nannochloris Chlorophyceae 31–63 3.19 [6]
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lipid per unit mass and arguably the most practical choice for the production of 
biodiesel. Theoretical estimates of maximum biomass production vary from 24 to 
65 g m−2 ∙ day−1 [7]. Benedetti et al. have reported a theoretical maximum up to 
280 tons ha−1 year−1 of biomass but also noted that the actual cultivation record 
never exceeded 100 tons ha−1 year−1 [11]. Even assuming the theoretical maximum 
estimates of biomass and 80% of the biomass composition as lipid, the maximum 
amount of 224 tons ha−1 year−1 of lipids is what can theoretically be produced. 
However, the lipid produced has to be transesterified to fatty acid methyl esters, 
which then can be used as biodiesel, which can result in some loss. However, earlier 
studies have reported up to 96% recovery of lipids through direct transesterification 
[12]. With 4% loss by transesterification, a maximum of 215 tons ha−1 year−1 of 
biodiesel can be produced. It is important to note that a recent study on Scenedesmus 
accuminatus using open and polyhouse raceway ponds estimated around 2.1 tons 

Microalga Taxa %Lipid %Protein %CHO Growth 
rate d−1

Source

Nannochloropsis Chlorophyceae 46–68 1.05 [6]

Nannochloropsis granulata Chlorophyceae 24–28 18–34 27–36 [10]

Nannochloropsis oculata Chlorophyceae 17.8–
39.9

[6]

Nannochloropsis salina Chlorophyceae 59.8 24.3 15.9 1.05 [6]

Nannochloropsis sp. Chlorophyceae 64 1.04 [6]

Navicula acceptala Bacillariophyceae 32–48 3.8 [6]

Nitzschia sp. Bacillariophyceae 27 36 16 [6]

Nitzschia dissipata Bacillariophyceae 66 12.6 9.3 1.32 [6]

Nitzschia closterium Bacillariophyceae 13 26 10 [8]

Oocystis pusilla Chlorophyceae 10.5 39 37 [6]

Phaeodactylum tricornutum Bacillariophyceae 16–50 31–35 11–17 1.96 [6, 8, 
10]

Porphyridium cruentum Rhodophyceae 9–14 28–39 40–57 [7]

Prymnesium parvum Prymnesiophyceae 22–38 28–45 25–33 [7]

Scenedesmus obliquus Chlorophyceae 12–14 50–56 10–17 [7]

Scenedesmus quadricauda Chlorophyceae 1.9 47 [7]

Scenedesmus dimorphus Chlorophyceae 16–40 8–18 21–52 [7]

Skeletonema costatum Bacillariophyceae 10 25 5 [8]

Spirogyra sp. Chlorophyceae 11–21 6–20 33–64 [7]

Spirulina maxima Cyanophyceae 6–7 60–71 13–16 [7]

Spirulina platensis Cyanophyceae 4–9 46–63 8–14 [7]

Synechococcus sp. Cyanophyceae 11 63 15 [7]

Tetraselmis sp. Chlorophyceae 18 46 36 2.1 [6]

Tetraselmis chuii Chlorophyceae 20 2.1 [6]

Tetraselmis maculate Chlorophyceae 3 52 15 [7]

Tetraselmis succia Chlorophyceae 15–33 2.1 [6]

Thalassiosira pseudonana Bacillariophyceae 19 34 9 [8]

Table 1. 
Summary of macromolecular composition and growth rate of microalgae belonging to various taxa.
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of microalgal products. This includes existing sources (fossil fuels), technological 
development, and physiological limitation. In this chapter, we will describe the 
various known physiological limitations associated with productions of various 
microalgal products in a commercial scale and list possible solutions.

2. Biodiesel from microalgae

Spoehr and Milner in 1949 demonstrated that the lipid content increased in the 
green microalga Chlorella under nitrogen starvation [1]. However, it was not until 
the early 1970s, with the oil embargo and the increase in energy prices, that the con-
cept of lipids from microalgae for biofuel production gained attention [2]. Despite 
decades of research, biodiesel from microalgae has yet to be introduced to the gas 
station near you. It has been reported that microalgae can produce around 20–50% 
of their dry weight as lipids [3, 4], with only one research article suggesting as high 
as 80% [5]. The amount of lipid produced by a variety of species under optimum 
growth conditions is summarized in Table 1. The ability to synthesize a higher 
percentage of their dry weight as lipids makes microalgae the highest producer of 

Microalga Taxa %Lipid %Protein %CHO Growth 
rate d−1

Source

Amphora sp. Bacillariophyceae 13.6 17.3 74.9 5.1 [6]

Amphiprora hyaline 
(ENTOM3)

Bacillariophyceae 22–37 2.3 [6]

Anabaena cylindrical Cyanophyceae 4–7 43–56 25–30 [7]

Ankistrodesmus falcatus Chlorophyceae 40.3 14.3 18.3 2.89 [6]

Boekelovia sp. Chrysophyceae 20.7 3.43 [6]

Botryococcus braunii Chlorophyceae 54.2 20.6 14.3 1.8 [6]

Chaetoceros sp. Bacillariophyceae 22.2 31.9 43 4.3 [6]

Chaetoceros calcitrans Bacillariophyceae 16 34 6 [8]

Chaetoceros gracilis Bacillariophyceae 7 12 5 [8]

Chaetoceros muelleri Bacillariophyceae 31 59 10 [9]

Chlamydomonas reinhardtii Chlorophyceae 21 48 17 [7]

Chlorella sp. Chlorophyceae 34–48 19–31 1.33 [6]

Chlorella ellipsoidea Chlorophyceae 8.9 26.1 26.3 5.3 [6]

Chlorella protothecoides Chlorophyceae 15–56 [6]

Chlorella pyrenoidosa Chlorophyceae 2 57 26 [7]

Chlorella vulgaris Chlorophyceae 14–22 51–58 12–17 [7]

Cyclotella sp. Bacillariophyceae 42.1 16.4 10.2 5.1 [6]

Dunaliella bioculata Chlorophyceae 8 49 4 [7]

Dunaliella salina Chlorophyceae 6 57 32 [7]

Dunaliella tertiolecta Chlorophyceae 15–43 2.58 [6]

Euglena gracilis Chlorophyceae 14–20 39–61 14–18 [7]

Isochrysis aff. Galbana Prymnesiophyceae 26 23.3 20.5 2.83 [6]

Monoraphidium sp. Chlorophyceae 17.9–
24.4

25.5 3.1 [6]

Nannochloris Chlorophyceae 31–63 3.19 [6]
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lipid per unit mass and arguably the most practical choice for the production of 
biodiesel. Theoretical estimates of maximum biomass production vary from 24 to 
65 g m−2 ∙ day−1 [7]. Benedetti et al. have reported a theoretical maximum up to 
280 tons ha−1 year−1 of biomass but also noted that the actual cultivation record 
never exceeded 100 tons ha−1 year−1 [11]. Even assuming the theoretical maximum 
estimates of biomass and 80% of the biomass composition as lipid, the maximum 
amount of 224 tons ha−1 year−1 of lipids is what can theoretically be produced. 
However, the lipid produced has to be transesterified to fatty acid methyl esters, 
which then can be used as biodiesel, which can result in some loss. However, earlier 
studies have reported up to 96% recovery of lipids through direct transesterification 
[12]. With 4% loss by transesterification, a maximum of 215 tons ha−1 year−1 of 
biodiesel can be produced. It is important to note that a recent study on Scenedesmus 
accuminatus using open and polyhouse raceway ponds estimated around 2.1 tons 

Microalga Taxa %Lipid %Protein %CHO Growth 
rate d−1

Source

Nannochloropsis Chlorophyceae 46–68 1.05 [6]

Nannochloropsis granulata Chlorophyceae 24–28 18–34 27–36 [10]

Nannochloropsis oculata Chlorophyceae 17.8–
39.9

[6]

Nannochloropsis salina Chlorophyceae 59.8 24.3 15.9 1.05 [6]

Nannochloropsis sp. Chlorophyceae 64 1.04 [6]

Navicula acceptala Bacillariophyceae 32–48 3.8 [6]

Nitzschia sp. Bacillariophyceae 27 36 16 [6]

Nitzschia dissipata Bacillariophyceae 66 12.6 9.3 1.32 [6]

Nitzschia closterium Bacillariophyceae 13 26 10 [8]

Oocystis pusilla Chlorophyceae 10.5 39 37 [6]

Phaeodactylum tricornutum Bacillariophyceae 16–50 31–35 11–17 1.96 [6, 8, 
10]

Porphyridium cruentum Rhodophyceae 9–14 28–39 40–57 [7]

Prymnesium parvum Prymnesiophyceae 22–38 28–45 25–33 [7]

Scenedesmus obliquus Chlorophyceae 12–14 50–56 10–17 [7]

Scenedesmus quadricauda Chlorophyceae 1.9 47 [7]

Scenedesmus dimorphus Chlorophyceae 16–40 8–18 21–52 [7]

Skeletonema costatum Bacillariophyceae 10 25 5 [8]

Spirogyra sp. Chlorophyceae 11–21 6–20 33–64 [7]

Spirulina maxima Cyanophyceae 6–7 60–71 13–16 [7]

Spirulina platensis Cyanophyceae 4–9 46–63 8–14 [7]

Synechococcus sp. Cyanophyceae 11 63 15 [7]

Tetraselmis sp. Chlorophyceae 18 46 36 2.1 [6]

Tetraselmis chuii Chlorophyceae 20 2.1 [6]

Tetraselmis maculate Chlorophyceae 3 52 15 [7]

Tetraselmis succia Chlorophyceae 15–33 2.1 [6]

Thalassiosira pseudonana Bacillariophyceae 19 34 9 [8]

Table 1. 
Summary of macromolecular composition and growth rate of microalgae belonging to various taxa.
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ha−1 year−1, which is 100 times lower than the theoretical maximum [13]. Another 
study with Chlorella sp. L1 and Monoraphidium dybowskii Y2 using batch and 
semicontinuous mode in a raceway pond resulted in lipid productivities of 13.91 and 
14.45 ton ha−1 year−1 in semicontinuous mode [14], tenfold lower than the theoreti-
cal estimates. This discrepancy between theoretical estimates and laboratory and 
field tests are primarily due to physiological limitations, especially carbon fixation 
and light absorption [15, 16].

The current demand of fossil fuel is approximately 100 million barrels per day 
(~11,563 million liters per day), which is only expected to increase with time (105 
million barrels per day by 2021) [17]. To meet this magnitude of global demand, 
assuming 15 ton ha−1 year−1 lipid productivity from microalgae, around 276 mil-
lion hectares of land would be required for microalgal cultivation every day. This 
huge demand can be reduced by increasing the lipid productivity of microalgae 
by minimizing energy and carbon wasting physiological processes in the cell and 
redirecting it towards lipid synthesis. RUBISCO, the enzyme catalyzing the dark 
reaction of photosynthesis, wherein the atmospheric or dissolved CO2 is converted 
into organic triose phosphate, has a lower affinity to CO2. In addition, oxygen is a 
competitive substrate for RUBISCO, catalyzing the reaction of photorespiration 
wherein energy and NADPH are utilized and fixed CO2 is released. Therefore, 
during CO2 limitation, some species of microalgae utilize a carbon concentration 
mechanism (CCM) that increases the concentration of CO2 at the site of RUBISCO, 
leading to the catalysis of the dark reaction of photosynthesis. Although the CCM is 
an ingenious mechanism evolved to address the lower CO2 affinity of RUBISCO and 
the competition by oxygen, the process consumes one to two molecules of ATP [18]. 
This energy can instead be redirected towards lipid synthesis by simply bubbling 
CO2 into the cultures [19] or by selection CCM lacking microalgae species.

Finkel et al. found that the median macromolecular composition of nutrient-
sufficient exponentially growing microalgae is 17.3% lipid, 32.2% protein, and 
15% carbohydrates [20]. For biofuels, lipids are the most important cellular frac-
tion. Botryococcus braunii has the highest lipid as percent dry weight, 43%, while 
Tetraselmis suecica and Dunaliella tertiolecta have the least (<10%). Also in species-
specific differences (Table 1), Finkel et al. showed that there are some phylogenetic 
differences [20]. Cyanobacteria have the lowest lipid content (11.7%; dry wt), while 
the Bacillariophyta (diatoms) had the highest (18.6–21.3%; dry wt). In fact, in most 
cases, these median values are all significantly lower than those values reported in 
Table 1, which are up to 60% (w/w) for lipid, protein, and carbohydrate. The val-
ues at the higher end of the spectrum are typically induced after some kind of stress 
(e.g., light, nutrient) is placed on the microalgae. Nutrient stress is most often used 
to induce lipid production, particularly nitrogen [5, 21, 22]. These large lipid stores 
are thought to provide a growth advantage under variable resource supplies [23].

Light harvesting systems of microalgae are usually capable of absorbing between 
350 and 700 nm; however much of the radiation extending out to 1100 nm remains 
unused. In addition, Raven et al. calculated a 22% loss of energy even within the 
spectrum of 350–700 nm [24]. However, anoxygenic photosynthetic bacteria 
possess bacteriochlorophylls capable of absorbing light up to 1050 nm and perform 
photochemistry [19]. These bacteriochlorophyll-based photosystem can be engi-
neered into microalgae. By replacing photosystem I, it would extend the range of 
absorbed photons that can be used for photochemistry [25], therefore the energy 
available for lipid synthesis. It has been proposed that smaller cells can photosyn-
thetically perform better larger cells [26, 27], primarily attributing to the “package 
effect.” Package effect refers to the inverse relationship between light harvesting 
ability of the cells and the cell volume. However, studies have shown that larger cells 
tend to decrease the antennae size, thereby counteracting the negative impacts of 
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package effect [28, 29]. Moreover, several studies have shown that decreasing the 
antennae size significantly increased the photosynthetic efficiencies [30, 31]. This 
could be due to decreased photoinhibition and decreased allocation of resources 
towards light harvesting systems [19]. However, the hypothesis that larger cells 
would be less photosynthetically efficient than smaller cells due to package effect 
was recently disproved by a recent study by Malerba et al. [32], which showed that 
larger cells developed compensatory mechanisms by reducing the antenna size, 
increasing the connectivity between the photosynthetic units, and decreasing the 
levels of photo-protective pigment β-carotene. This in turn minimized the negative 
significances of larger cell volume-induced package effects. Exposure to extreme 
conditions such as photoinhibitory light levels, UVA and UVB radiation, and nutri-
ent and temperature stress could result in oxidative damage to cellular components 
especially proteins. These kinds of damage result in breakdown of the damage 
component and re-synthesis of these components or adaptive changes to the cellular 
components. These changes however have a cost in terms of energy (i.e., ATP, 
NADPH) and resources which could have been directed towards biomass and lipid 
synthesis. Protein turnover during scotophase has been shown to consume about 
one-third of the total respiratory ATP production [33]. Exposure to nitrogen-lim-
iting conditions could result in upregulation of nitrogenase in diazotrophic cyano-
bacteria, which in turn could result in 10% decrease in growth rates [34, 35]. These 
are avoidable energy and resource expenditure, which can be easily prevented by 
providing optimal light, nutrient, and temperature during mass cultivation.

Lipids are not secreted/excreted actively by all microalgae, with exception of 
Botryococcus sp. [36]. This constrains the maximum amount of lipid that is syn-
thesized and stored in a microalgal cells, as the largest reported cell volume for a 
microalgae is for species Noctiluca scintillans belonging to the class Dinophyceae 
(83,700,000 μm3) [37]. The most commonly used microalgal species in biotechnol-
ogy belong to the class Chlorophyceae such as Chlorella sp., Haematococcus sp., and 
Scenedesmus sp., which have cell volumes of 34.5, 48, and 26,200 μm3, respectively 
[38], and the species belonging to class Bacillariophyceae such as Phaeodactylum 
tricornutum and Thalassiosira pseudonana which have cell volumes of ~60–100 μm3 
and 28–200 μm3 [37, 39]. On the other hand, the maximum cellular density has an 
inverse relationship with the volume of a cell, by a factor of 3/4 [38]. This further 
constrains the maximum amount of lipids that can be synthesized in a microalgal 
mass culture. However, if the lipids were secreted in a manner similar to EPS, 
physiological limitations such as cell volume or maximum density would not play 
a constraining role on the maximum amount of lipid that can be synthesized in an 
algal mass culture. Microalgal species like Botryococcus sp. has already been shown 
to actively secrete lipids that can be converted into fuel-grade biodiesel. However, 
their slower growth rates limit the maximum lipids that can be synthesized. 
Microalgal species like Scenedesmus has been shown to grow as fast as 1.53 per day 
[40]. Therefore, genetic engineering techniques to integrate the lipid-secreting trait 
into the fast-growing Scenedesmus sp. could be a possible solution.

Phototrophic modes of cultivation depend on two critical factors, namely, light 
and carbon dioxide [16]. Therefore, microalgae grown phototrophically can either 
be limited in light or carbon dioxide or both, limiting the maximum cellular density 
one can achieve using this mode of cultivation. In addition, various inefficiencies 
described above with light-harvesting abilities of microalgae, lower affinity for CO2 
of RUBISCO, cost associated with protein turnover, and photoinhibition can be sim-
ply avoided by growing microalgae heterotrophically and mixotrophically. Extensive 
amount of research suggests enhanced biomass production under heterotrophic and 
mixotrophic modes of cultivation, increasing the cellular density to as much as 4 to 
5 times [41, 42]. Further modification in these modes of cultivation such as using 
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ha−1 year−1, which is 100 times lower than the theoretical maximum [13]. Another 
study with Chlorella sp. L1 and Monoraphidium dybowskii Y2 using batch and 
semicontinuous mode in a raceway pond resulted in lipid productivities of 13.91 and 
14.45 ton ha−1 year−1 in semicontinuous mode [14], tenfold lower than the theoreti-
cal estimates. This discrepancy between theoretical estimates and laboratory and 
field tests are primarily due to physiological limitations, especially carbon fixation 
and light absorption [15, 16].

The current demand of fossil fuel is approximately 100 million barrels per day 
(~11,563 million liters per day), which is only expected to increase with time (105 
million barrels per day by 2021) [17]. To meet this magnitude of global demand, 
assuming 15 ton ha−1 year−1 lipid productivity from microalgae, around 276 mil-
lion hectares of land would be required for microalgal cultivation every day. This 
huge demand can be reduced by increasing the lipid productivity of microalgae 
by minimizing energy and carbon wasting physiological processes in the cell and 
redirecting it towards lipid synthesis. RUBISCO, the enzyme catalyzing the dark 
reaction of photosynthesis, wherein the atmospheric or dissolved CO2 is converted 
into organic triose phosphate, has a lower affinity to CO2. In addition, oxygen is a 
competitive substrate for RUBISCO, catalyzing the reaction of photorespiration 
wherein energy and NADPH are utilized and fixed CO2 is released. Therefore, 
during CO2 limitation, some species of microalgae utilize a carbon concentration 
mechanism (CCM) that increases the concentration of CO2 at the site of RUBISCO, 
leading to the catalysis of the dark reaction of photosynthesis. Although the CCM is 
an ingenious mechanism evolved to address the lower CO2 affinity of RUBISCO and 
the competition by oxygen, the process consumes one to two molecules of ATP [18]. 
This energy can instead be redirected towards lipid synthesis by simply bubbling 
CO2 into the cultures [19] or by selection CCM lacking microalgae species.

Finkel et al. found that the median macromolecular composition of nutrient-
sufficient exponentially growing microalgae is 17.3% lipid, 32.2% protein, and 
15% carbohydrates [20]. For biofuels, lipids are the most important cellular frac-
tion. Botryococcus braunii has the highest lipid as percent dry weight, 43%, while 
Tetraselmis suecica and Dunaliella tertiolecta have the least (<10%). Also in species-
specific differences (Table 1), Finkel et al. showed that there are some phylogenetic 
differences [20]. Cyanobacteria have the lowest lipid content (11.7%; dry wt), while 
the Bacillariophyta (diatoms) had the highest (18.6–21.3%; dry wt). In fact, in most 
cases, these median values are all significantly lower than those values reported in 
Table 1, which are up to 60% (w/w) for lipid, protein, and carbohydrate. The val-
ues at the higher end of the spectrum are typically induced after some kind of stress 
(e.g., light, nutrient) is placed on the microalgae. Nutrient stress is most often used 
to induce lipid production, particularly nitrogen [5, 21, 22]. These large lipid stores 
are thought to provide a growth advantage under variable resource supplies [23].

Light harvesting systems of microalgae are usually capable of absorbing between 
350 and 700 nm; however much of the radiation extending out to 1100 nm remains 
unused. In addition, Raven et al. calculated a 22% loss of energy even within the 
spectrum of 350–700 nm [24]. However, anoxygenic photosynthetic bacteria 
possess bacteriochlorophylls capable of absorbing light up to 1050 nm and perform 
photochemistry [19]. These bacteriochlorophyll-based photosystem can be engi-
neered into microalgae. By replacing photosystem I, it would extend the range of 
absorbed photons that can be used for photochemistry [25], therefore the energy 
available for lipid synthesis. It has been proposed that smaller cells can photosyn-
thetically perform better larger cells [26, 27], primarily attributing to the “package 
effect.” Package effect refers to the inverse relationship between light harvesting 
ability of the cells and the cell volume. However, studies have shown that larger cells 
tend to decrease the antennae size, thereby counteracting the negative impacts of 
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package effect [28, 29]. Moreover, several studies have shown that decreasing the 
antennae size significantly increased the photosynthetic efficiencies [30, 31]. This 
could be due to decreased photoinhibition and decreased allocation of resources 
towards light harvesting systems [19]. However, the hypothesis that larger cells 
would be less photosynthetically efficient than smaller cells due to package effect 
was recently disproved by a recent study by Malerba et al. [32], which showed that 
larger cells developed compensatory mechanisms by reducing the antenna size, 
increasing the connectivity between the photosynthetic units, and decreasing the 
levels of photo-protective pigment β-carotene. This in turn minimized the negative 
significances of larger cell volume-induced package effects. Exposure to extreme 
conditions such as photoinhibitory light levels, UVA and UVB radiation, and nutri-
ent and temperature stress could result in oxidative damage to cellular components 
especially proteins. These kinds of damage result in breakdown of the damage 
component and re-synthesis of these components or adaptive changes to the cellular 
components. These changes however have a cost in terms of energy (i.e., ATP, 
NADPH) and resources which could have been directed towards biomass and lipid 
synthesis. Protein turnover during scotophase has been shown to consume about 
one-third of the total respiratory ATP production [33]. Exposure to nitrogen-lim-
iting conditions could result in upregulation of nitrogenase in diazotrophic cyano-
bacteria, which in turn could result in 10% decrease in growth rates [34, 35]. These 
are avoidable energy and resource expenditure, which can be easily prevented by 
providing optimal light, nutrient, and temperature during mass cultivation.

Lipids are not secreted/excreted actively by all microalgae, with exception of 
Botryococcus sp. [36]. This constrains the maximum amount of lipid that is syn-
thesized and stored in a microalgal cells, as the largest reported cell volume for a 
microalgae is for species Noctiluca scintillans belonging to the class Dinophyceae 
(83,700,000 μm3) [37]. The most commonly used microalgal species in biotechnol-
ogy belong to the class Chlorophyceae such as Chlorella sp., Haematococcus sp., and 
Scenedesmus sp., which have cell volumes of 34.5, 48, and 26,200 μm3, respectively 
[38], and the species belonging to class Bacillariophyceae such as Phaeodactylum 
tricornutum and Thalassiosira pseudonana which have cell volumes of ~60–100 μm3 
and 28–200 μm3 [37, 39]. On the other hand, the maximum cellular density has an 
inverse relationship with the volume of a cell, by a factor of 3/4 [38]. This further 
constrains the maximum amount of lipids that can be synthesized in a microalgal 
mass culture. However, if the lipids were secreted in a manner similar to EPS, 
physiological limitations such as cell volume or maximum density would not play 
a constraining role on the maximum amount of lipid that can be synthesized in an 
algal mass culture. Microalgal species like Botryococcus sp. has already been shown 
to actively secrete lipids that can be converted into fuel-grade biodiesel. However, 
their slower growth rates limit the maximum lipids that can be synthesized. 
Microalgal species like Scenedesmus has been shown to grow as fast as 1.53 per day 
[40]. Therefore, genetic engineering techniques to integrate the lipid-secreting trait 
into the fast-growing Scenedesmus sp. could be a possible solution.

Phototrophic modes of cultivation depend on two critical factors, namely, light 
and carbon dioxide [16]. Therefore, microalgae grown phototrophically can either 
be limited in light or carbon dioxide or both, limiting the maximum cellular density 
one can achieve using this mode of cultivation. In addition, various inefficiencies 
described above with light-harvesting abilities of microalgae, lower affinity for CO2 
of RUBISCO, cost associated with protein turnover, and photoinhibition can be sim-
ply avoided by growing microalgae heterotrophically and mixotrophically. Extensive 
amount of research suggests enhanced biomass production under heterotrophic and 
mixotrophic modes of cultivation, increasing the cellular density to as much as 4 to 
5 times [41, 42]. Further modification in these modes of cultivation such as using 
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fed-batch mode has resulted in further increase in biomass as much as two- to five-
fold [43, 44]. Therefore, by growing a hybrid strain of lipid-secreting Botryococcus 
sp. and fast-growing Scenedesmus sp., in a fed-batch heterotrophic or mixotrophic 
cultivation system, one can possibly overcome the physiological limitations of the 
maximum amount of lipids that can be synthesized in a microalgal system.

3. High valued products

Apart from lipids for biodiesel, microalgae synthesize other products of value 
such as astaxanthin, canthaxanthin, lutein, β-carotene, phycocyanin, chlorophyll a, 
and polyunsaturated fatty acids (PUFAs) such as γ-linolenic acid, docosahexaenoic 
acid, and eicosapentaenoic acid. A subset of these, astaxanthin, canthaxanthin, 
lutein, and β-carotene, have antioxidant properties and are commercially high valu-
able pharmaceutical products. Phycocyanin is a high value natural food dye, and 
products such as γ-linolenic acid and eicosapentaenoic acid are considered animal-
free based sources of essential fatty acids. Some of these products are also con-
sidered to boost the immune system. Table 2 summarizes the common high value 
products, their use, the species of microalgae most commonly grown to harvest the 
products, and the global market values.

Product Use Species (dominant) Global market 
value*

Carotenoids Total US$1.2 billion 
in 2010

β-carotene Antioxidant, 
anti-inflammatory

Dunaliella salina,
Dunaliella bardawil

US$ 300–1500 kg−1

Astaxanthin Feed additive 
for farmed fish; 

pigmenter of the fish 
flesh

Haematococcus pluvialis US$ 
2500–7000 kg−1

Phycobilins Food coloring,
cosmetics coloring

US$ 60 million

C-Phycocyanin Antioxidant, 
anti-inflammatory

Spirulina, Porphyridium,
Rhodella,
Galdieria

US$ 500 to 
100,000 kg−1

Fatty acids
DHA
EPA
PUFA

Health food 
supplements

Nannochloropsis, 
Tetraselmis, Isochrysis, 

Thalassiosira, and 
Chaetoceros

Docosahexaenoic acid Crypthecodinium cohnii US$140 kg−1

Omega-3 oils US$1.5 billion
or

US$80–160 kg−1

Sterols Pharmaceutical 
applications or in 
functional foods

US$ 300 million

Polyhydroxyalkanoates Production of 
biodegradable plastics

Spirulina,
Synechocystis

*(from Borowitzka - 2013, Chew et al. 2017) [45, 46].

Table 2. 
Summary of the main high value products derived from microalgae.
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The major fraction of studies on microalgal PUFA have primarily focused 
on screening for microalgal species and optimization of conditions that lead to 
enhanced PUFA products. However, we have no clear understanding on the physi-
ological role of PUFAs in microalgae. It is hypothesized that PUFAs might play a role 
in homeoviscous adaptation [47], i.e., the enhanced fluidity provided by increased 
unsaturation membrane fatty acids. Additionally, the fatty acid composition and 
therefore the PUFA concentrations appear to have some level species specificity, 
suggesting varying roles [48]. However, the physiological roles of PUFAs are not yet 
confirmed in microalgae, and therefore strategic optimization of their synthesis in 
microalgae has not been realized. Nevertheless, PUFAs make a significant portion of 
the neutral lipid content synthesized in microalgae; therefore optimization strate-
gies discussed above to enhance biomass and lipid synthesis should also increase the 
PUFA content in microalgae.

Astaxanthin is another promising product synthesized by microalgae that has 
already achieved a profit of $200 million per year [49]. Astaxanthin is a red keto-
carotenoid pigment ubiquitous in nature and has antioxidative, anti-inflammatory, 
and anti-apoptotic properties. It is also proposed as a potential therapeutic agent 
for cardiovascular and neurological diseases [50]. Apart from its pharmaceutical 
use, this product is also used as a pigment source in aquaculture of salmon and trout 
[51]. Despite the relatively vast amount of research into its properties and applica-
tions, the mass production of astaxanthin is still unable to meet its huge market 
demand [49]. This problem can be primarily attributed to the lack of knowledge 
on the underlying mechanisms of why these algae accumulate astaxanthin similar 
to PUFAs and hence the lack of better strategies to optimally produce the pigment. 
The most prominent hypothesis regarding its production includes a multifunctional 
photoprotective response to stress induced by exposure to unfavorable conditions 
(excess light, UV-B radiation, nutrient deprivation) leading to ROS formation 
[52–54]. However, this hypothesis does not explain the synthesis of astaxanthin 
under heterotrophic conditions [55, 56]. Therefore, more studies are needed to have 
a better understanding of the physiological roles of astaxanthin.

Nutrient limitation such as nitrogen, phosphorus or sulfur are widely used strat-
egies for inducing astaxanthin accumulation in Haematococcus pluvialis [57, 58]. 
However, nutrient limitation reduces the maximum amount of biomass one can 
achieve, thereby reducing the total amount of astaxanthin that can be produced. 
Additional strategies for inducing astaxanthin production include high salt stress 
and high light exposure, but these external stressors also lower the biomass yield 
and therefore the associated pigment production. Using stress as a mechanism to 
induce astaxanthin synthesis has the fundamental problem of stopping cell cycle 
and therefore reducing biomass and astaxanthin production. Hence, new strategies 
to boost astaxanthin and biomass production with the use of stressors need to  
be discovered.

Phycocyanin is a phycobiliprotein exclusively produced by cyanobacteria and 
commercially important as a high value natural blue coloring agent for food. Being 
a part of light-harvesting pigment-protein complex in cyanobacteria, phycocyanin 
is very critical in light capture and therefore is an indispensable element in the 
growth and survival of cyanobacteria. Phycocyanin has been shown to constitute 
up to 60% of the total cellular protein content [59]. As it is involved in light capture, 
its synthesis is tightly regulated by the wavelength of light the cells are exposed to. 
Green light has been shown to stimulate the synthesis of phycocyanin, whereas red 
light has the opposite effect [60]. In addition, low light levels have been also shown 
to induce accumulation of phycocyanin [61, 62]. Other factors such as glucose and 
salt have also been shown to enhance the synthesis of phycocyanin [61]. Despite 
knowing their physiological roles, the commercial success of phycocyanin from 
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fed-batch mode has resulted in further increase in biomass as much as two- to five-
fold [43, 44]. Therefore, by growing a hybrid strain of lipid-secreting Botryococcus 
sp. and fast-growing Scenedesmus sp., in a fed-batch heterotrophic or mixotrophic 
cultivation system, one can possibly overcome the physiological limitations of the 
maximum amount of lipids that can be synthesized in a microalgal system.

3. High valued products

Apart from lipids for biodiesel, microalgae synthesize other products of value 
such as astaxanthin, canthaxanthin, lutein, β-carotene, phycocyanin, chlorophyll a, 
and polyunsaturated fatty acids (PUFAs) such as γ-linolenic acid, docosahexaenoic 
acid, and eicosapentaenoic acid. A subset of these, astaxanthin, canthaxanthin, 
lutein, and β-carotene, have antioxidant properties and are commercially high valu-
able pharmaceutical products. Phycocyanin is a high value natural food dye, and 
products such as γ-linolenic acid and eicosapentaenoic acid are considered animal-
free based sources of essential fatty acids. Some of these products are also con-
sidered to boost the immune system. Table 2 summarizes the common high value 
products, their use, the species of microalgae most commonly grown to harvest the 
products, and the global market values.

Product Use Species (dominant) Global market 
value*

Carotenoids Total US$1.2 billion 
in 2010

β-carotene Antioxidant, 
anti-inflammatory

Dunaliella salina,
Dunaliella bardawil

US$ 300–1500 kg−1

Astaxanthin Feed additive 
for farmed fish; 

pigmenter of the fish 
flesh

Haematococcus pluvialis US$ 
2500–7000 kg−1

Phycobilins Food coloring,
cosmetics coloring

US$ 60 million

C-Phycocyanin Antioxidant, 
anti-inflammatory

Spirulina, Porphyridium,
Rhodella,
Galdieria

US$ 500 to 
100,000 kg−1

Fatty acids
DHA
EPA
PUFA

Health food 
supplements

Nannochloropsis, 
Tetraselmis, Isochrysis, 

Thalassiosira, and 
Chaetoceros

Docosahexaenoic acid Crypthecodinium cohnii US$140 kg−1

Omega-3 oils US$1.5 billion
or

US$80–160 kg−1

Sterols Pharmaceutical 
applications or in 
functional foods

US$ 300 million

Polyhydroxyalkanoates Production of 
biodegradable plastics

Spirulina,
Synechocystis

*(from Borowitzka - 2013, Chew et al. 2017) [45, 46].

Table 2. 
Summary of the main high value products derived from microalgae.
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The major fraction of studies on microalgal PUFA have primarily focused 
on screening for microalgal species and optimization of conditions that lead to 
enhanced PUFA products. However, we have no clear understanding on the physi-
ological role of PUFAs in microalgae. It is hypothesized that PUFAs might play a role 
in homeoviscous adaptation [47], i.e., the enhanced fluidity provided by increased 
unsaturation membrane fatty acids. Additionally, the fatty acid composition and 
therefore the PUFA concentrations appear to have some level species specificity, 
suggesting varying roles [48]. However, the physiological roles of PUFAs are not yet 
confirmed in microalgae, and therefore strategic optimization of their synthesis in 
microalgae has not been realized. Nevertheless, PUFAs make a significant portion of 
the neutral lipid content synthesized in microalgae; therefore optimization strate-
gies discussed above to enhance biomass and lipid synthesis should also increase the 
PUFA content in microalgae.

Astaxanthin is another promising product synthesized by microalgae that has 
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carotenoid pigment ubiquitous in nature and has antioxidative, anti-inflammatory, 
and anti-apoptotic properties. It is also proposed as a potential therapeutic agent 
for cardiovascular and neurological diseases [50]. Apart from its pharmaceutical 
use, this product is also used as a pigment source in aquaculture of salmon and trout 
[51]. Despite the relatively vast amount of research into its properties and applica-
tions, the mass production of astaxanthin is still unable to meet its huge market 
demand [49]. This problem can be primarily attributed to the lack of knowledge 
on the underlying mechanisms of why these algae accumulate astaxanthin similar 
to PUFAs and hence the lack of better strategies to optimally produce the pigment. 
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(excess light, UV-B radiation, nutrient deprivation) leading to ROS formation 
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achieve, thereby reducing the total amount of astaxanthin that can be produced. 
Additional strategies for inducing astaxanthin production include high salt stress 
and high light exposure, but these external stressors also lower the biomass yield 
and therefore the associated pigment production. Using stress as a mechanism to 
induce astaxanthin synthesis has the fundamental problem of stopping cell cycle 
and therefore reducing biomass and astaxanthin production. Hence, new strategies 
to boost astaxanthin and biomass production with the use of stressors need to  
be discovered.

Phycocyanin is a phycobiliprotein exclusively produced by cyanobacteria and 
commercially important as a high value natural blue coloring agent for food. Being 
a part of light-harvesting pigment-protein complex in cyanobacteria, phycocyanin 
is very critical in light capture and therefore is an indispensable element in the 
growth and survival of cyanobacteria. Phycocyanin has been shown to constitute 
up to 60% of the total cellular protein content [59]. As it is involved in light capture, 
its synthesis is tightly regulated by the wavelength of light the cells are exposed to. 
Green light has been shown to stimulate the synthesis of phycocyanin, whereas red 
light has the opposite effect [60]. In addition, low light levels have been also shown 
to induce accumulation of phycocyanin [61, 62]. Other factors such as glucose and 
salt have also been shown to enhance the synthesis of phycocyanin [61]. Despite 
knowing their physiological roles, the commercial success of phycocyanin from 
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microalgae is limited as their production is strictly dependent on the maximum 
amount of biomass that can be generated. A suggested final concentration of higher 
than 10% of cell dry weight of phycocyanin is required to make a profit over the 
cost of pigment downstream separation [63]. With factors such as blue light and 
low light levels required to induce maximum cellular synthesis of phycocyanin, the 
growth is significantly attenuated under these low energy light conditions, thereby 
limiting the maximum biomass and hence the maximum quantity of phycocyanin 
that can be synthesized. Therefore, a dual phase production approach to maximize 
the biomass production under mixotrophic conditions with cheaper organic carbon 
source such as molasses [41] followed by the second phase of low levels of blue light 
to stimulate the synthesis phycocyanin can significantly maximize the total amount 
of phycocyanin that be produced.

4. Exopolymeric substances from microalgae

Studies show that microalgae actively release from 3 to 40% of the fixed carbon 
into the surrounding environment as exopolymeric substances, mostly polysac-
charides and proteins but also nucleic acids, DNA, RNA, and other macromolecules 
[64]. Although initially presumed as experimental artifact or a product of dead and 
decaying phytoplankton [65], EPS is now universally accepted as a product that is 
actively secreted by microalgae. The relatively higher percentage of fixed carbon 
released extracellularly has led the physiologist to question the reasons behind 
this phenomena. Several hypotheses have been put forward, including carbon 
overflow, photoprotection of the over-reduced photosystems, motility, self-defense 
mechanisms, active selection of phycosphere residents, and passive excretion due to 
osmosis and permeability. The hypothesis of carbon overflow and photoprotection 
has been discredited due to the presence of proteins, amino acids, and vitamins in 
the released substances and due to the secretion of EPS during the night [66]. The 
hypothesis of EPS secretion as a self-defense mechanism, motility, active selection 
of phycosphere residents, and passive excretion due to osmosis and permeability 
needs to be experimentally tested.

Experimental studies have shown contrasting results in the secretion of EPS 
in response to environmental factors such as temperature, nutrient (N, P, and S) 
limitation, salinity, and heterotrophy/mixotrophy [67]. The results vary depend-
ing on the species of microalgae being tested. In addition, EPS secretion during 
various phases of growth was species dependent, with some showing an increased 
secretion during stationary phase and others in exponential phase. Overall, with no 
universal explanation behind the mechanisms of EPS secretion by phytoplankton, 
and multiple hypotheses explaining the phenomena, strategic means to regulate 
the production and composition of EPS release by microalgae is clearly lacking. 
Although more research is needed, EPS are usually composed of carbohydrates, 
nitrogenous compounds, lipids, and organic acids [68]. Polysaccharides usually 
could account for 80–90% of the EPS composition even under healthy conditions 
[69]. Nitrogenous compounds, such as amino acids and proteins, on the other hand, 
only make up to 4–7% of the total EPS secreted [70, 71]. These protein fractions 
can include exoenzymes like phosphatase, β-glucosidase [72], and siderophores 
such as ISIP2a [73]. Characterization of EPS involves quantification of organic 
matter released as polysaccharides, proteins, lipids, neutral sugars, and/or uronic 
acids. EPS characterization of these macromolecules is often performed under the 
assumption these are the dominant molecules, however, possibilities of the same 
molecules possessing both sugar chain and a protein moiety are quite certain. 
Moreover, rarely are the monomers that make up these polymers investigated  
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(e.g., sugars that make up these polysaccharides), and therefore the polymeric 
composition and the structure and physical properties remain unknown. Therefore, 
more in-depth characterization of EPS from microalgal species of potential and 
under different growth conditions and growth phase are needed to integrate EPS 
from microalgae into the algal biotechnology market. Needless to say, these charac-
terization studies of EPS have to be performed with appropriate controls within the 
context of its application, whether as a surfactant, lubricant, antioxidant, anti-
inflammatory, antivirus, antibacterial, antifungal, or anticoagulant.

Xiao et al. [74] in their review compared the emulsifying activity of EPS from 
Dunaliella salina (88% retention) reported by Mishra et al. [75] to commercially 
available surfactants Tween 20 (65% retention), Tween 80 (60% retention), and 
Triton X-100 (65% retention). Furthermore, being extracellularly secreted, EPS 
is not constrained by physiological feedback inhibition mechanisms, or retention 
capacity dictated by the maximum cell volume, or the need of expensive proce-
dures to lyse the cell to release the products from the cell, unlike other microalgal 
products (such as lipid for biodiesel, PUFAs, and high valued pigments). Therefore, 
with better-focused research, EPS has a relatively greater potential of becoming a 
commercial reality as a microalgal product.

5. Hydrogen from microalgae

With the raising awareness of cleaner and sustainable fuel, development of 
hydrogen fuel cell-powered cars, and the high cost and greenhouse gas emission 
associated with thermochemical hydrogen production, microalgae is increasingly 
becoming an attractive source for the fuel. First observed by Hans Gaffron in 1939 
[76], this phenomenon of hydrogen production has been extensively studied since 
then. The production of hydrogen by microalgae only occurs during anaerobic con-
ditions, due to the sensitivity of hydrogenase (the enzyme catalyzing the reversible 
reaction of hydrogen production) to oxygen. Three major enzymes that lead to the 
production of hydrogen in microalgae include (1) reversible/classical hydrogenases, 
(2) membrane-bound uptake hydrogenases, and (3) nitrogenase enzyme [77, 78].  
Of all three, the reversible/classical hydrogenase is the most studied enzyme. 
Located in the chloroplast, the primary electron donor for this enzyme is photo-
system I (PS I). However, the generation of molecular oxygen through photolysis 
by photosystem II (PS II) inhibits the activity of hydrogenase. Therefore, this 
enzyme only functions when the rate of photosynthesis is below the compensation 
point (rate of photosynthesis = rate of respiration). Past studies have achieved this 
condition by either flushing the system with argon or nitrogen [79] or using PS II 
lacking mutants [80], or selective excitation of PS I through far red light (>710 nm) 
[81], or more commonly through sulfur deprivation [82]. During a combination of 
anaerobiosis and below compensation point conditions, supply of electron from 
PSI to hydrogenase has been shown to either come from the excitation of PS I, and/
or through the photolysis of water, and/or through non-photochemical reduction of 
the plastoquinone pool through type II NAD(P)H dehydrogenase that mediates the 
transfer of electron derived from anaerobic catabolism of cellular carbon reserve, 
primarily thought to be proteins at this point [83, 84].

It is proposed that under ideal conditions, one should expect a generation of 2:1 
H2/O2 per 8 photons [85]. However, only around 20% of this efficiency is practically 
achieved [86]. The discrepancy between theory and practical estimations could be 
due to several physiological reasons unaccounted for in the theoretical estimation. 
(1) The physiological role of hydrogenase was although a mystery for the most 
part [86], discuss it’s to act as an electron sink and hence oxidation of reducing 
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microalgae is limited as their production is strictly dependent on the maximum 
amount of biomass that can be generated. A suggested final concentration of higher 
than 10% of cell dry weight of phycocyanin is required to make a profit over the 
cost of pigment downstream separation [63]. With factors such as blue light and 
low light levels required to induce maximum cellular synthesis of phycocyanin, the 
growth is significantly attenuated under these low energy light conditions, thereby 
limiting the maximum biomass and hence the maximum quantity of phycocyanin 
that can be synthesized. Therefore, a dual phase production approach to maximize 
the biomass production under mixotrophic conditions with cheaper organic carbon 
source such as molasses [41] followed by the second phase of low levels of blue light 
to stimulate the synthesis phycocyanin can significantly maximize the total amount 
of phycocyanin that be produced.

4. Exopolymeric substances from microalgae

Studies show that microalgae actively release from 3 to 40% of the fixed carbon 
into the surrounding environment as exopolymeric substances, mostly polysac-
charides and proteins but also nucleic acids, DNA, RNA, and other macromolecules 
[64]. Although initially presumed as experimental artifact or a product of dead and 
decaying phytoplankton [65], EPS is now universally accepted as a product that is 
actively secreted by microalgae. The relatively higher percentage of fixed carbon 
released extracellularly has led the physiologist to question the reasons behind 
this phenomena. Several hypotheses have been put forward, including carbon 
overflow, photoprotection of the over-reduced photosystems, motility, self-defense 
mechanisms, active selection of phycosphere residents, and passive excretion due to 
osmosis and permeability. The hypothesis of carbon overflow and photoprotection 
has been discredited due to the presence of proteins, amino acids, and vitamins in 
the released substances and due to the secretion of EPS during the night [66]. The 
hypothesis of EPS secretion as a self-defense mechanism, motility, active selection 
of phycosphere residents, and passive excretion due to osmosis and permeability 
needs to be experimentally tested.

Experimental studies have shown contrasting results in the secretion of EPS 
in response to environmental factors such as temperature, nutrient (N, P, and S) 
limitation, salinity, and heterotrophy/mixotrophy [67]. The results vary depend-
ing on the species of microalgae being tested. In addition, EPS secretion during 
various phases of growth was species dependent, with some showing an increased 
secretion during stationary phase and others in exponential phase. Overall, with no 
universal explanation behind the mechanisms of EPS secretion by phytoplankton, 
and multiple hypotheses explaining the phenomena, strategic means to regulate 
the production and composition of EPS release by microalgae is clearly lacking. 
Although more research is needed, EPS are usually composed of carbohydrates, 
nitrogenous compounds, lipids, and organic acids [68]. Polysaccharides usually 
could account for 80–90% of the EPS composition even under healthy conditions 
[69]. Nitrogenous compounds, such as amino acids and proteins, on the other hand, 
only make up to 4–7% of the total EPS secreted [70, 71]. These protein fractions 
can include exoenzymes like phosphatase, β-glucosidase [72], and siderophores 
such as ISIP2a [73]. Characterization of EPS involves quantification of organic 
matter released as polysaccharides, proteins, lipids, neutral sugars, and/or uronic 
acids. EPS characterization of these macromolecules is often performed under the 
assumption these are the dominant molecules, however, possibilities of the same 
molecules possessing both sugar chain and a protein moiety are quite certain. 
Moreover, rarely are the monomers that make up these polymers investigated  
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(e.g., sugars that make up these polysaccharides), and therefore the polymeric 
composition and the structure and physical properties remain unknown. Therefore, 
more in-depth characterization of EPS from microalgal species of potential and 
under different growth conditions and growth phase are needed to integrate EPS 
from microalgae into the algal biotechnology market. Needless to say, these charac-
terization studies of EPS have to be performed with appropriate controls within the 
context of its application, whether as a surfactant, lubricant, antioxidant, anti-
inflammatory, antivirus, antibacterial, antifungal, or anticoagulant.

Xiao et al. [74] in their review compared the emulsifying activity of EPS from 
Dunaliella salina (88% retention) reported by Mishra et al. [75] to commercially 
available surfactants Tween 20 (65% retention), Tween 80 (60% retention), and 
Triton X-100 (65% retention). Furthermore, being extracellularly secreted, EPS 
is not constrained by physiological feedback inhibition mechanisms, or retention 
capacity dictated by the maximum cell volume, or the need of expensive proce-
dures to lyse the cell to release the products from the cell, unlike other microalgal 
products (such as lipid for biodiesel, PUFAs, and high valued pigments). Therefore, 
with better-focused research, EPS has a relatively greater potential of becoming a 
commercial reality as a microalgal product.

5. Hydrogen from microalgae

With the raising awareness of cleaner and sustainable fuel, development of 
hydrogen fuel cell-powered cars, and the high cost and greenhouse gas emission 
associated with thermochemical hydrogen production, microalgae is increasingly 
becoming an attractive source for the fuel. First observed by Hans Gaffron in 1939 
[76], this phenomenon of hydrogen production has been extensively studied since 
then. The production of hydrogen by microalgae only occurs during anaerobic con-
ditions, due to the sensitivity of hydrogenase (the enzyme catalyzing the reversible 
reaction of hydrogen production) to oxygen. Three major enzymes that lead to the 
production of hydrogen in microalgae include (1) reversible/classical hydrogenases, 
(2) membrane-bound uptake hydrogenases, and (3) nitrogenase enzyme [77, 78].  
Of all three, the reversible/classical hydrogenase is the most studied enzyme. 
Located in the chloroplast, the primary electron donor for this enzyme is photo-
system I (PS I). However, the generation of molecular oxygen through photolysis 
by photosystem II (PS II) inhibits the activity of hydrogenase. Therefore, this 
enzyme only functions when the rate of photosynthesis is below the compensation 
point (rate of photosynthesis = rate of respiration). Past studies have achieved this 
condition by either flushing the system with argon or nitrogen [79] or using PS II 
lacking mutants [80], or selective excitation of PS I through far red light (>710 nm) 
[81], or more commonly through sulfur deprivation [82]. During a combination of 
anaerobiosis and below compensation point conditions, supply of electron from 
PSI to hydrogenase has been shown to either come from the excitation of PS I, and/
or through the photolysis of water, and/or through non-photochemical reduction of 
the plastoquinone pool through type II NAD(P)H dehydrogenase that mediates the 
transfer of electron derived from anaerobic catabolism of cellular carbon reserve, 
primarily thought to be proteins at this point [83, 84].

It is proposed that under ideal conditions, one should expect a generation of 2:1 
H2/O2 per 8 photons [85]. However, only around 20% of this efficiency is practically 
achieved [86]. The discrepancy between theory and practical estimations could be 
due to several physiological reasons unaccounted for in the theoretical estimation. 
(1) The physiological role of hydrogenase was although a mystery for the most 
part [86], discuss it’s to act as an electron sink and hence oxidation of reducing 
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equivalents derived through anaerobic catabolism of cellular carbon reserve. 
Therefore, all the physiological and thermodynamic limitations that apply to anaer-
obic catabolism of cellular would in turn limit the supply of electrons and protons to 
hydrogenase. (2) Hydrogenase catalyzes a reversible reaction, and Kessler [84] has 
shown a “photoreduction” process of uptake of hydrogen gas to reduce molecular 
oxygen or CO2 similar to the photosynthate derived under aerobic conditions. 
Whether the reduction of CO2 through uptake of hydrogen gas by hydrogenase 
under anaerobic conditions involves the Calvin cycle remains to be demonstrated. 
Regardless, the uptake of hydrogen by hydrogenase should contribute to the reduced 
efficiency of the hydrogenase. (3) Direct oxidation of photosysnthetically derived 
reducing equivalents would mean a net production of 3.1:0 ATP/NADPH per 8 pho-
tons (4 molecules of H2O) and generation of 2 H2. This would provide no anabolic 
advantage to the cells producing hydrogen, as this would lead to a big imbalance in 
the ATP/NADPH levels in the cells. (4) Often the yields of hydrogen derived under 
sulfur deprivation are compared to the theoretical yield of 2:1 H2/O2 per 8 photons; 
however, during sulfur deprivation, the anaerobiosis is created by the failure to 
regenerate the high sulfur photo-damaged D1 protein; therefore the hydrogen gas 
derived is not directly through photolysis of water but instead through catabolism 
of carbon reserves [84, 87]. These carbon reserve can be starch or proteins [82], and 
every molecule of glucose derived from the breakdown of starch, is then catabolized 
to pyruvate through glycolysis yielding 2 NADH and ATP, based on the observa-
tion by Melis et al. [82] of increase in acetate levels beyond 120 hour incubation 
in sulfur deprived anaerobic condition in the presence of light and no ethanol of 
formate secretion, hints towards catabolism of pyruvate to acetate possibly via 
phosphotransacetylase and acetate kinase, which would generate an additional 
molecule of NADH and ATP. Atteia et al. [88] have detected phosphotransacety-
lase and acetate kinase in the species Chlamydomonas reinhardtii that was used in 
Melis et al. (2000) study [82]. Overall, this process of sulfur deprivation-induced 
anaerobiosis leads to a total of 3 NADH and 3 ATP, and 2 molecules of acetate from 
1 molecule of glucose; therefore a net loss of 8 protons and hence 4H2 in the form 
of 2 acetate molecules and formation of 6H2 occurs in this biochemical pathway. 
This, when expressed per photon cost, would result in 6H2 per 32 photons (the 
ideal required amount to make a molecule of glucose), which would result in 75% 
efficiency compared to the ideal generation of 2H2 per 8 photons directly through 
photolysis of water via photosynthesis. The discrepancy of the observed 20% 
efficiency vs. calculated 75% via fermentation can be due to the existence of other 
pathways competing for the same NADH. Oxidative pentose phosphate pathway has 
been shown to be upregulated under sulfur deprivation-induced anaerobiosis [89, 
90]; however, whether reductive pentose phosphate pathway is upregulated remains 
unknown. This is probably due to the cellular demand for ribulose 5-phosphate to 
synthesize nucleic acids and NADP and NAD to maintain the integrity/protect the 
DNA and cellular metabolism. Nevertheless, if the glucose was catabolized only 
via oxidative pentose phosphate pathway, only 2 NADPH would be synthesized, 
which would yield just two molecules of H2, which would match the observed 20% 
efficiency of H2 generation. However, despite nucleic acid synthesis, further catabo-
lism of ribulose 5-phosphate is inevitable and should lead to generation of more 
NADH. Furthermore, catabolism via oxidative pentose phosphate pathway solely 
would not explain the increase in acetate levels observed by Melis et al. [82]. On the 
other hand, if proteins served as carbon source during sulfur-deprived anaerobiosis, 
we hypothesize only amino acid with three or more carbon chains would be utilized, 
based on the absence of acetate consumption during sulfur-deprived anaerobiosis 
observed by Melis et al. [82] and the absence of H2 production and methyl viologen 
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reduction when supplied with α-ketoglutarate during anaerobiosis as observed by 
Noth et al. [91]. Both these studies indicate that TCA cycle was not active during 
anaerobiosis, which explains the absence of acetate and α-ketoglutarate uptake 
under such conditions, therefore making catabolism of amino acid smaller than the 
three-carbon chain (glycine) and serving as a source for reducing equivalents for 
impractical H2 production. However, Noth et al. [91] did observe H2 production and 
methyl viologen reduction when Chlamydomonas reinhardtii was grown on oxalo-
acetate, which suggest glyoxylate pathway might be still active under anaerobiosis. 
It is important to note the absence of acetate uptake in sulfur deprivation-induced 
anaerobiosis as seen in Melis et al. [82] study and the opposite phenomena observed 
by Gibbs et al. [87] where acetate was readily uptaken when anaerobiosis was estab-
lished via flushing with N2. This suggests that glyoxylate pathway is inhibited under 
sulfur deprivation-induced anaerobiosis, probably due to the iron–sulfur (Fe▬S) 
cluster of aconitase [92], thereby limiting the ability of cells to use external acetate 
as a carbon source. Therefore, sulfur deprivation-induced anaerobiosis would lead 
to relatively lower H2 production than N2 flushing-induced anaerobiosis, which is 
due to the extra one NADH and FADH produced via glyoxylate pathway that could 
potentially yield an additional two molecules of H2 per molecule of glucose and the 
two molecules of H2 per molecule of external acetate metabolized. Nevertheless, 
calculation of H2 per photon derived through protein catabolism is complicated by 
the presence of three to five carbon substrates and the various pathways through 
which they can be broken down to acetate. Isotope labelling studies will definitely 
help shed light into which amino acids are preferentially degraded during anaero-
biosis and allow for a more accurate determination of H2 per photon. Studies have 
suggested that using genetic engineering to develop mutants lacking the ability 
to carry out state transitioning, cyclic electron transport, and mutants that have a 
smaller antennae size produced more hydrogen [93, 94].

Hydrogen is also produced in the dark and therefore in the absence of excitation 
and transfer of electrons by PS I. Noth et al. [91] under anaerobic conditions gener-
ated by N2 flushing observed around 0.422 H2 μg Chl−1 in the dark compared to 3.128 
H2 μg Chl−1 in Chlamydomonas reinhardtii. Along with the H2, fermentative metabo-
lism in the dark also leads to the production of formate, acetate, and ethanol [87]. 
Atteia et al. [88] revealed the presence of pyruvate-formate lyase in Chlamydomonas 
reinhardtii, suggesting mixed fermentative metabolism via pyruvate-formate lyase, 
aldehyde-alcohol dehydrogenase, phosphotransacetylase, and acetate kinase, leading 
to the formation of formate, ethanol, and acetate [91]. Furthermore, Noth et al. 
[91] suggested pyruvate ferrodoxin oxidoreductase and not hydrogenase being 
responsible for H2 production in the dark. The combination of mixed acid fermenta-
tion and pyruvate ferrodoxin oxidoreductase suggests the operation of a different 
set of pathways in dark anaerobic conditions compared to light. More studies are 
needed to study to confirm this hypothesis and also to test whether these pathways 
are mutually exclusive. Even though the hydrogen produced were around 87% lower 
than that observed in the light, the absence of photosystem involvement eliminates 
the complication of oxygen-induced inhibition of hydrogenases and competition 
for NADPH by photorespiration. In addition, the complete heterotrophic nature 
of this production and the valuable co-products such as ethanol and acetate allows 
for further optimization and scaling up the fermentative reactions, leading up to 
hydrogen production. Overall, the process of hydrogen production from microalgae 
via anaerobiosis whether in the light and/or dark clearly has a strong potential, espe-
cially with the development of hydrogen fuel cell-powered cars. Given the advantage 
of being a cleaner source of hydrogen than thermochemical production, hydrogen 
production from microalgae can definitely benefit more from more research.
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equivalents derived through anaerobic catabolism of cellular carbon reserve. 
Therefore, all the physiological and thermodynamic limitations that apply to anaer-
obic catabolism of cellular would in turn limit the supply of electrons and protons to 
hydrogenase. (2) Hydrogenase catalyzes a reversible reaction, and Kessler [84] has 
shown a “photoreduction” process of uptake of hydrogen gas to reduce molecular 
oxygen or CO2 similar to the photosynthate derived under aerobic conditions. 
Whether the reduction of CO2 through uptake of hydrogen gas by hydrogenase 
under anaerobic conditions involves the Calvin cycle remains to be demonstrated. 
Regardless, the uptake of hydrogen by hydrogenase should contribute to the reduced 
efficiency of the hydrogenase. (3) Direct oxidation of photosysnthetically derived 
reducing equivalents would mean a net production of 3.1:0 ATP/NADPH per 8 pho-
tons (4 molecules of H2O) and generation of 2 H2. This would provide no anabolic 
advantage to the cells producing hydrogen, as this would lead to a big imbalance in 
the ATP/NADPH levels in the cells. (4) Often the yields of hydrogen derived under 
sulfur deprivation are compared to the theoretical yield of 2:1 H2/O2 per 8 photons; 
however, during sulfur deprivation, the anaerobiosis is created by the failure to 
regenerate the high sulfur photo-damaged D1 protein; therefore the hydrogen gas 
derived is not directly through photolysis of water but instead through catabolism 
of carbon reserves [84, 87]. These carbon reserve can be starch or proteins [82], and 
every molecule of glucose derived from the breakdown of starch, is then catabolized 
to pyruvate through glycolysis yielding 2 NADH and ATP, based on the observa-
tion by Melis et al. [82] of increase in acetate levels beyond 120 hour incubation 
in sulfur deprived anaerobic condition in the presence of light and no ethanol of 
formate secretion, hints towards catabolism of pyruvate to acetate possibly via 
phosphotransacetylase and acetate kinase, which would generate an additional 
molecule of NADH and ATP. Atteia et al. [88] have detected phosphotransacety-
lase and acetate kinase in the species Chlamydomonas reinhardtii that was used in 
Melis et al. (2000) study [82]. Overall, this process of sulfur deprivation-induced 
anaerobiosis leads to a total of 3 NADH and 3 ATP, and 2 molecules of acetate from 
1 molecule of glucose; therefore a net loss of 8 protons and hence 4H2 in the form 
of 2 acetate molecules and formation of 6H2 occurs in this biochemical pathway. 
This, when expressed per photon cost, would result in 6H2 per 32 photons (the 
ideal required amount to make a molecule of glucose), which would result in 75% 
efficiency compared to the ideal generation of 2H2 per 8 photons directly through 
photolysis of water via photosynthesis. The discrepancy of the observed 20% 
efficiency vs. calculated 75% via fermentation can be due to the existence of other 
pathways competing for the same NADH. Oxidative pentose phosphate pathway has 
been shown to be upregulated under sulfur deprivation-induced anaerobiosis [89, 
90]; however, whether reductive pentose phosphate pathway is upregulated remains 
unknown. This is probably due to the cellular demand for ribulose 5-phosphate to 
synthesize nucleic acids and NADP and NAD to maintain the integrity/protect the 
DNA and cellular metabolism. Nevertheless, if the glucose was catabolized only 
via oxidative pentose phosphate pathway, only 2 NADPH would be synthesized, 
which would yield just two molecules of H2, which would match the observed 20% 
efficiency of H2 generation. However, despite nucleic acid synthesis, further catabo-
lism of ribulose 5-phosphate is inevitable and should lead to generation of more 
NADH. Furthermore, catabolism via oxidative pentose phosphate pathway solely 
would not explain the increase in acetate levels observed by Melis et al. [82]. On the 
other hand, if proteins served as carbon source during sulfur-deprived anaerobiosis, 
we hypothesize only amino acid with three or more carbon chains would be utilized, 
based on the absence of acetate consumption during sulfur-deprived anaerobiosis 
observed by Melis et al. [82] and the absence of H2 production and methyl viologen 
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reduction when supplied with α-ketoglutarate during anaerobiosis as observed by 
Noth et al. [91]. Both these studies indicate that TCA cycle was not active during 
anaerobiosis, which explains the absence of acetate and α-ketoglutarate uptake 
under such conditions, therefore making catabolism of amino acid smaller than the 
three-carbon chain (glycine) and serving as a source for reducing equivalents for 
impractical H2 production. However, Noth et al. [91] did observe H2 production and 
methyl viologen reduction when Chlamydomonas reinhardtii was grown on oxalo-
acetate, which suggest glyoxylate pathway might be still active under anaerobiosis. 
It is important to note the absence of acetate uptake in sulfur deprivation-induced 
anaerobiosis as seen in Melis et al. [82] study and the opposite phenomena observed 
by Gibbs et al. [87] where acetate was readily uptaken when anaerobiosis was estab-
lished via flushing with N2. This suggests that glyoxylate pathway is inhibited under 
sulfur deprivation-induced anaerobiosis, probably due to the iron–sulfur (Fe▬S) 
cluster of aconitase [92], thereby limiting the ability of cells to use external acetate 
as a carbon source. Therefore, sulfur deprivation-induced anaerobiosis would lead 
to relatively lower H2 production than N2 flushing-induced anaerobiosis, which is 
due to the extra one NADH and FADH produced via glyoxylate pathway that could 
potentially yield an additional two molecules of H2 per molecule of glucose and the 
two molecules of H2 per molecule of external acetate metabolized. Nevertheless, 
calculation of H2 per photon derived through protein catabolism is complicated by 
the presence of three to five carbon substrates and the various pathways through 
which they can be broken down to acetate. Isotope labelling studies will definitely 
help shed light into which amino acids are preferentially degraded during anaero-
biosis and allow for a more accurate determination of H2 per photon. Studies have 
suggested that using genetic engineering to develop mutants lacking the ability 
to carry out state transitioning, cyclic electron transport, and mutants that have a 
smaller antennae size produced more hydrogen [93, 94].

Hydrogen is also produced in the dark and therefore in the absence of excitation 
and transfer of electrons by PS I. Noth et al. [91] under anaerobic conditions gener-
ated by N2 flushing observed around 0.422 H2 μg Chl−1 in the dark compared to 3.128 
H2 μg Chl−1 in Chlamydomonas reinhardtii. Along with the H2, fermentative metabo-
lism in the dark also leads to the production of formate, acetate, and ethanol [87]. 
Atteia et al. [88] revealed the presence of pyruvate-formate lyase in Chlamydomonas 
reinhardtii, suggesting mixed fermentative metabolism via pyruvate-formate lyase, 
aldehyde-alcohol dehydrogenase, phosphotransacetylase, and acetate kinase, leading 
to the formation of formate, ethanol, and acetate [91]. Furthermore, Noth et al. 
[91] suggested pyruvate ferrodoxin oxidoreductase and not hydrogenase being 
responsible for H2 production in the dark. The combination of mixed acid fermenta-
tion and pyruvate ferrodoxin oxidoreductase suggests the operation of a different 
set of pathways in dark anaerobic conditions compared to light. More studies are 
needed to study to confirm this hypothesis and also to test whether these pathways 
are mutually exclusive. Even though the hydrogen produced were around 87% lower 
than that observed in the light, the absence of photosystem involvement eliminates 
the complication of oxygen-induced inhibition of hydrogenases and competition 
for NADPH by photorespiration. In addition, the complete heterotrophic nature 
of this production and the valuable co-products such as ethanol and acetate allows 
for further optimization and scaling up the fermentative reactions, leading up to 
hydrogen production. Overall, the process of hydrogen production from microalgae 
via anaerobiosis whether in the light and/or dark clearly has a strong potential, espe-
cially with the development of hydrogen fuel cell-powered cars. Given the advantage 
of being a cleaner source of hydrogen than thermochemical production, hydrogen 
production from microalgae can definitely benefit more from more research.
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6. Conclusions

Overall, the successful transition of microalgal products from laboratory to 
industry largely depends on addressing various physiological limitations of micro-
algae. Biodiesel production from microalgae, although requires further research, 
can achieve commercial success by simple modifications such as heterotrophic and 
mixotrophic cultivation of microalgae in combination with genetic engineering to 
gain properties such as fast-growing and high lipid-secreting ability in microalgae. 
High valued products from microalgae can also benefit from similar modification 
such as heterotrophic and mixotrophic cultivation; however, the lack of knowledge 
on the physiological role and the biochemical pathway regulating the synthesis of 
these products demands further research to strategically optimize the production 
to its maximal potential. EPS production by microalgae, on the other hand, has a 
benefit of the product being naturally secreted by microalgae; however, its com-
mercial success is hindered by the lack of knowledge of its physiological role and 
the nebulous nature of its applications. Hydrogen production from microalgae is a 
promising candidate for being a cleaner source of energy over other alternatives; 
however, its failure to gain commercial attention is primarily due to the limited 
research invested.
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