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Chapter 1

Roles of Lipids in Cancer
Jin Yan Lim and Hiu Yee Kwan

Abstract

The term ‘lipids’ refers to a class of biological molecules primarily composed 
of hydrocarbons such as fatty acids, glycerolipids, sphingolipids and sterol lipids. 
Lipids take part in a variety of physiological functions and have specific roles 
depending on their chemical structure and localisation within or outside cells. For 
example, glycerolipids (e.g. triglycerides) are often used as energy stores, sterol 
lipids (e.g. cholesterol) and glycerophospholipids as structural components of cell 
membranes (e.g. the lipid bilayer), and sphingolipids as part of a signalling cascade. 
Since lipids are a source of energy and basic building block of all living cells, it is 
not surprising that development of cancer (i.e. uncontrolled proliferation of cells) 
is closely tied to the metabolism of lipids. This notion is supported by studies into 
the reprogrammed metabolic machinery in cancer cells, and also cell and animal 
model experiments showing that cancer growth and metastasis can be induced or 
inhibited by the exogenous addition of lipids. Here, we review how cancer cells can 
alter their lipid metabolism to meet their metabolic requirements, and the potential 
tumorigenic and tumour-suppressive mechanisms in which lipids are involved.

Keywords: lipids, cancer, metabolic reprogramming, signalling, autophagy, 
tumour development, cancer progression

1. Lipids in cancer

1.1 Lipid metabolism in tumours

Tumours can be simplistically described as masses of uncontrolled abnormal 
cellular growth. As they rapidly divide and proliferate, tumours require a steady 
source of energy and nutrients to accumulate biomass, and compete with healthy 
cells over a limited supply of essential cellular building blocks. Many cancers have 
adapted to their harsh environments by changing their metabolic profiles (the 
term ‘reprogramming’ is commonly used to describe this) to support growth and 
improve their chances of survival [1], among which the most well described is 
arguably their preference to perform glycolysis under aerobic conditions, an obser-
vation known as the Warburg effect [2]. In normal cells, glucose is hydrolysed via 
glycolysis, the tricarboxylic acid (TCA) cycle and oxidative phosphorylation to 
extract the maximum amount of energy in the form of adenosine triphosphate 
(ATP). This process utilises oxygen as the terminal electron acceptor during 
oxidative phosphorylation. In the absence of oxygen, glucose is still broken down 
to pyruvate via glycolysis, but is subsequently converted to lactate instead of being 
passed through the TCA cycle and oxidative phosphorylation. Metabolising glu-
cose through glycolysis and fermentation into lactate results in smaller amounts of 
ATP compared to oxidative phosphorylation, however, tumour cells tend to prefer 
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this path even in the presence of oxygen (i.e. the Warburg effect). A hypothesis to 
explain this preference suggests that instead of completely exhausting the carbon 
molecules in glucose through aerobic respiration (oxidative phosphorylation), 
highly proliferating cells need to conserve their carbon sources for the purpose of 
accumulating biomass [2, 3]. Vander Heiden and colleagues calculated the num-
ber of ATP and reduced nicotinamide adenine dinucleotide (NADH) molecules 
produced by glucose and compared these to the amount required for synthesis 
of macromolecules such as fatty acids, and concluded that proliferating tumours 
cannot utilise all their glucose stores for ATP production alone. The preference for 
glycolysis therefore could serve to increase availability of carbon-based precursors 
of biomolecules such as lipids, amino acids and nucleic acids that would otherwise 
be converted to carbon dioxide (CO2) through respiration via the TCA cycle and 
oxidative phosphorylation.

By reducing the loss of carbon through respiration, tumour cells can utilise this 
saved pool for synthesising basic cellular building blocks necessary for sustain-
ing their proliferation. One such example is the synthesis of fatty acids and other 
lipid molecules derived from the modification of fatty acids. Fatty acids and their 
derivatives have indispensable roles in cell biology; a few key functions include 
formation of the basic structure of the cell membrane, as an energy storage pool 
and as mediators in cellular signalling cascades. Lipids are typically obtained from 
dietary sources or synthesised in living cells beginning from the precursor mol-
ecule acetyl-coA. In most eukaryotic cells, pyruvate is produced from the break-
down of glucose via glycolysis. It is then funnelled into the mitochondria in which 
the enzyme pyruvate dehydrogenase converts pyruvate to acetyl-coA. Acetyl-coA 
is subsequently converted into citrate by citrate synthase (first step in the TCA 
cycle), a step necessary to transport acetyl-coA in the form of citrate from the 
mitochondria into the cytosol which is the site of fatty acid synthesis. Citrate is 
transported out of the mitochondria and converted back into acetyl-coA by ATP 
citrate lyase (ACLY) in the cytosol. Next, acetyl-coA is carboxylated by acetyl-coA 
carboxylase (ACC) to form malonyl-coA, and both precursors are then attached 
to an acyl carrier protein and repeatedly elongated with units of carbons from 
additional malonyl-coA molecules. This elongation is performed by fatty acid 
synthase (FASN) to produce a 16-carbon molecule termed palmitic acid. Palmitic 
acid can be further desaturated and/or elongated to produce unsaturated fatty acid 
derivatives which serve as building blocks for the synthesis of other lipids such 
as phosphoglycerides, phosphoinositides, eicosanoids and sphingolipids (sum-
marised in Figure 1, reviewed in [4]. Separately, acetyl-coA is also used for the 
synthesis of cholesterol through the mevalonate pathway. This process involves 
first converting acetyl-coA into lanosterol (via intermediates including 3-hydroxy-
3-methylglutaryl coA, mevalonate, isopentenyl pyrophosphate, farnesyl pyro-
phosphate and squalene), which is then transformed into cholesterol through a 
multi-step enzymatic process.

Studies have indicated that the biosynthesis of basic cellular building blocks 
including proteins, fatty acids and nucleic acids is modified and/or upregulated in 
[5, 6], indicating that the metabolism in highly proliferating cancer cells is likely 
altered to support their abnormal growth. Lipids and fatty acids in particular are 
required for the biosynthesis and modification of the lipid bilayer membrane in 
newly formed cells [7], and also for other roles related to cell signalling and tumour 
survival. Consistent with the fatty acid biosynthesis pathway, tumours primarily 
obtain carbon acyl fatty acid precursors from glucose [8, 9]. To increase the produc-
tion of fatty acids and other lipids, tumour cells hijack the fatty acid biosynthesis 
pathway to their advantage. Component enzymes in the pathway (ACLY, ACC and 
FASN) are commonly upregulated in tumours [10–13], and inhibition or silencing 
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of these enzymes has been demonstrated to restrict growth of cancerous cells 
[14–16]. The upregulation of these fatty acid synthesis-related enzymes is achieved 
through signalling by the mammalian target of rapamycin (mTOR) complex 1 and 
transcription factors called sterol regulatory element-binding proteins (SREBPs). 
SREBPs exert transcriptional control over various fatty acid, cholesterol, triglycer-
ides and phospholipid synthesis and uptake genes [17] and are regulated by mTOR 
complex 1, a nutrient and growth factor responsive kinase [18]. Previous studies 

Figure 1. 
Lipid biosynthesis. Schematic representation of the pathways involved in the synthesis of fatty acids, 
cholesterols, phosphoglycerides, eicosanoids, and sphingolipids. Enzymes involved in catalysing the process are 
labelled in red. (a) Citrate derived from the tricarboxylic acid (TCA) cycle is first converted to acetyl-CoA 
by ATP citrate lyase (ACYL). (b) For fatty acid synthesis, acetyl-CoA carboxylase (ACC) adds a carboxyl 
group to convert acetyl-CoA to malonyl-CoA. Repeated condensation of acetyl-CoA and malonyl-CoA 
catalysed by fatty acid synthase (FASN) results in a 16-carbon fatty acid chain. After which, the 16-carbon 
fatty acid chain is cleaved by thioesterase to generate long chain fatty acids such as palmitic acid, stearic acid, 
and oleic acid. The addition of a double bond by stearoyl-CoA desaturase (SCD) yields monounsaturated 
fatty acids. (c) Subsequent elongation and desaturation, catalysed by enzymes fatty acid elongase (ELOVL) 
and fatty acid desaturase (FADS) produces a pool of fatty acids with different saturation levels. Essential 
fatty acids can also be obtained from dietary intake. (d–g) Subsequent modification generates different types 
of lipids. (d and e) In glycerolipid biosynthesis, saturated and unsaturated fatty acids combine with glycerol-
3-phosphate, a reaction highly dependent on glycerol-3-phosphate acyltransferase (GPAT) to generate (d) 
phosphoinositides and (e) phosphoglycerides. (f) Eicosanoids are signalling molecules made by oxidation 
of polyunsaturated fatty acids such as arachidonic acid. Downstream, multiple families of eicosanoids such 
as prostaglandins and leukotrienes can be generated. (g) Sphingolipids contains acyl chains and polar head 
groups derived from serine, phosphocholine, and phosphoethanolamine. Ceramide, sphingomyelin, and 
sphingosine are common intermediates of the sphingolipid metabolic pathway (h) cholesterol synthesis is 
regulated by a series of conversion and addition of acyl groups by enzymes 3-hydroxy-3-methylglutarate-CoA 
synthase (HMGCS) and 3-hydroxy-3-methylglutaryl-CoA reductase (HMGCR). Subsequent modifications 
yield farnesyl-pyrophosphate, an important intermediate for protein prenylation. Cholesterol also forms the 
structural backbone of hormone synthesis in the cell. Abbreviations used in the figure: coenzyme A (-CoA), 
prostaglandin-endoperoxide synthase (COX1/2), diacylglycerol O-acyltransferase (DGAT), 3-hydroxyl-
3-methyl-glutaryl-coenzyme A reductase (HMG-CoA), arachidonic acid 5-hydroperoxide (HPETE), and 
phosphatidic acid phosphatase (PPAP).
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conducted in various cancers have implicated deregulation of mTOR signalling in 
mediating proliferation of cancer cells (reviewed in [19, 20]). More specifically, 
mTOR and SREBPs have been shown to increase lipid biosynthesis through Akt 
signalling thereby promoting proliferation in cancer cells [21]. The signalling by 
mTOR complex 1 also leads to upregulated fatty acid biosynthesis in cancer cells 
either by activating SREBPs via S6 kinase [22] or phosphorylating (downregulat-
ing) the SREBP inhibitor Lipin 1 [18]. In addition to lipids, mTOR complex 1 
signalling is also implicated in promoting biosynthesis of proteins and nucleotides 
[23–25]. Taken together, these findings indicate that the deregulation of mTOR 
complex 1 plays a central metabolic role in promoting growth and proliferation of 
cancer cells by allowing them to ‘reprogram’ their metabolism. Indeed, there are 
studies into the potential use of mTOR inhibitors as cancer therapy drugs given its 
importance in the development of cancer.

1.2 Lipids as promoters of cancer

Early experiments have established that the lipid composition of tumour tis-
sues is distinct from normal healthy cells [26–29]. Their lipid composition differs 
depending on the type of tumour tissue and possibly also correlates with tumour 
stage and malignancy characteristics, as recently demonstrated in a comparison 
of membrane lipid composition between six human breast cancer cell lines and 
healthy mammary epithelia [30]. These and other similar studies led to the notion 
that lipids could play an active role in cancers in addition to their basic function of 
maintaining structural integrity of the lipid bilayer membrane. One such example is 
a class of lipids termed sphingolipids. Sphingolipids are lipid molecules that contain 
an amino alcohol group in their backbones, and depending on additional substitu-
tions with fatty acid residues or phosphocholine, form sphingolipid derivatives such 
as ceramides and sphingomyelins. The basic role of sphingolipids is to augment flu-
idity and barrier function of the lipid bilayer cell membrane in which they normally 
reside in the outer leaflet. Sphingolipids, in particular sphingosine-1-phosphate 
(S1P), have been demonstrated to promote cell survival during tumorigenesis 
as inhibition of either upstream fatty acid or specifically sphingolipid synthesis 
restricts tumour growth [31]. Sphingosine can be synthesised from condensation of 
palmitic acid with the amino acid serine, or from the cleaving of fatty acid residues 
from ceramides by ceramidase. The resulting sphingosine is phosphorylation by 
sphingosine kinase, producing S1P. S1P signalling interacts with histone deacetylase 
1, 2 (HDAC1 and HDAC2) and telomerase to control many key cellular process 
involving cellular growth, proliferation, migration and invasion (reviewed by [32, 33];  
see section below on lipids as signalling mediators in cancer), thus its metabolism 
and related enzymes are an area of considerable research interest.

A second aspect to the role of lipids in promoting cancer is the influence of 
exogenous sources of lipids in facilitating tumorigenesis and metastasis. Numerous 
studies have experimented with high lipid content diets using mouse models 
and reported increases in tumour growth and/or metastasis, implicating high fat 
ketogenic diets [34–36] or specific lipids such as cholesterol [37] or palmitic acid 
[38] in promoting cancer. There is a variety of mechanisms by which high concen-
trations of dietary lipids can exert a tumorigenic effect. According to Liśkiewicz 
and colleagues, their high fat ketogenic diet administered ad libitum to mice led to 
activation of ERK1/2 which controls cell proliferation, differentiation and survival 
[39], as well as elevated mTOR signalling in renal tumours [34]. In a different study, 
high fat diets caused acetoacetate levels in the serum of recipient mice to increase, 
subsequently leading to enhanced tumour growth of xenograft human melanoma 
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cells with a V600E mutation in the BRAF gene [35]. Another mechanism by which 
high fat diets could enhance tumour metastasis is through the Ras-Raf-MEK-ERK 
mitogen-activated protein kinase (MAPK) pathway which was recently shown to 
activate SREBPs and therefore lipogenesis in metastatic human prostate cancer 
[36]. More examples of specific lipid groups linked to cancer include cholesterol 
and palmitic acid as mentioned above. The introduction of excess cholesterol either 
through dietary sources or by genetically increasing cellular cholesterol biosynthesis 
stimulated growth of intestinal crypt cells, leading to a more than 100-fold increase 
in the rate of tumour formation in the gastrointestinal tracts of live mice [37]. 
Similarly, exogenous addition of palmitic acid was shown to increase the invasive-
ness of human pancreatic cancer cells via a toll-like receptor 4 (TLR4)-mediated 
pathway [40], promote growth of melanoma cells through Akt signalling [41], and 
also increase the metastatic potential of human oral carcinoma through membrane-
bound fatty acid receptors termed CD36 [38]. These studies collectively suggest 
that excess dietary lipids are detrimental to health and could exacerbate cancers in 
addition to obesity; however, whether these findings translate into appreciable risks 
of cancers in humans remains an open question.

1.3 Lipids as suppressor of cancer

On the other hand, not all classes of lipids appear to stimulate cancer growth 
and metastasis. There is evidence supporting an inhibitory role of polyunsaturated 
fatty acids (PUFAs) in cancer development [42–44]; reviewed in [45], although 
conflicting experimental results do exist [46]; reviewed in [47]. Dietary PUFAs 
commonly consumed by humans encompass two major groups—the n-3 and n-6 
families of PUFAs. These PUFAs are categorised by the position of their first double 
bond from the methyl end of the fatty acid molecule (n-3 signifying double bond 
between third and fourth carbon atom, n-6 between sixth and seventh carbon 
atom). Some common n-3 PUFAs include alpha-linolenic acid (ALA), eicosapentae-
noic acid (EPA) and docosahexaenoic acid (DHA), and common n-6 ones include 
linoleic acid (LA) and arachidonic acid (AA). The cancer promoting or inhibitory 
effects of PUFAs is hypothesised to depend on the relative amounts of n-6 and n-3 
administered [48]. Current trends suggest that n-3 PUFAs are beneficial towards 
reducing cancer, whereas n-6 PUFAs tend to increase risks. An epidemiological 
survey tracking more than 72,000 female participants and their diets over an aver-
age duration of 8 years indicated that individuals consuming higher amounts of n-6 
PUFAs relative to n-3 faced increased risks of developing breast cancer [49]. These 
trends in a large cohort were consistent with previous assessments of the beneficial 
properties of the n-3 PUFAs EPA [50–52] and DHA [53, 54] in fighting various 
cancers. The beneficial properties of ALA (also n-3), however, is less established 
compared to EPA and DHA. Consumption of ALA in mouse models of prostate can-
cer were shown to reduce cancer growth [46], although another study conducted on 
human prostate tissue presented evidence that ALA in the prostate was associated 
with aggressive prostate cancer [47]. The n-6 PUFA LA is commonly studied in the 
context of breast cancers, although its role is still currently unclear as studies of LA 
and risk of breast cancer have returned inconsistent results [55, 56]. The other n-6 
PUFA, AA, is often studied in the context of prostate cancers and have been shown 
to increase prostate cancer growth [57, 58], although a meta-analysis of AA and the 
risk of various cancers including prostate only show weak associations [59]. The 
exact role of PUFAs in cancers most likely depends on many other factors including 
cancer cell type, stage and host metabolism of these PUFAs, all of which should be 
explored in more detail to exploit PUFAs in anticancer therapy.
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2. Lipids as signalling mediators in cancer

Many cellular signalling hormones and growth factors have structural com-
ponents comprising of lipids. Examples of such hormones and factors include 
prostaglandins, lysophosphatidic acid, and steroid hormones to name a few. 
Lysophosphatidic acid is a phospholipid derivative that binds G protein coupled 
receptors (GPCRs) to activate cell proliferation, survival, and migration. As such, 
tumorigenesis and cancer expansion is commonly attributed to dysregulated 
lysophosphatidic acid expression and signalling [60]. In addition, autotaxin, a 
secreted enzyme involved in production of lysophosphatidic acid is associated with 
hyper proliferation [61] and tumour invasiveness [62]. Overexpression of autotaxin 
and lysophosphatidic acid receptors was reported in several cancers including 
glioblastoma [63], prostate [64], and breast cancer [65], all of which overexpression 
contributed to increased cell motility and invasive potential. Notably, production of 
either autotaxin or lysophosphatidic acid receptors was sufficient to induce devel-
opment of high frequency invasive breast tumours [60]. In human liver cancer cells, 
lysophosphatidic acid has also been shown to bind lysophosphatidic receptor 1 to 
activate MMP-9 signalling and promote cancer cell invasion [66].

Bioactive sphingolipids form an important class of lipids consisting of sphin-
gosines, ceramides, and other complex sphingolipids such as sphingomyelins and 
glycosphingolipids. They bind specific protein targets to elicit signalling responses in 
important cellular events such as growth regulation, cell adhesion, migration, apop-
tosis, and inflammation [67]. Sphingolipids and its derivatives have been implicated 
in the regulation of signalling cascades in multiple aspects of cancer pathogenesis 
and therapy, in either tumour suppression or survival of various cancers [33, 67]. For 
instance, ceramides are commonly known to suppress tumour growth by mediating 
cancer cell death via apoptosis, necroptosis or mitophagy [68]. They are synthesised 
in response to cellular stresses that produce apoptotic signals such as chemotherapy 
or ultraviolet (UV) radiation [69]. Various modes by which ceramide regulates 
apoptosis have been proposed. One such example is in radiation-induced apop-
tosis, during which ceramide channels activate mitochondrial apoptosis through 
mitochondrial outer membrane permeabilization [70]. On the other hand, S1P is 
considered to be a pro-survival lipid as it is able to initiate cancer cell proliferation, 
malignant transformation, prevent apoptosis, and promote resistance to anti-cancer 
therapies [68, 71, 72]. SIP mediates host-cancer cell communication by engaging 
G protein-coupled S1P receptor-dependent or -independent signalling to promote 
tumour migration, survival, and evasion of host immune responses [73].

Prostaglandins are a subclass of eicosanoids. They are synthesised by the oxida-
tion of 20-carbon essential fatty acids catalysed by phospholipases and cyclooxy-
genase (COX) enzymes. Prostaglandin E2 (PGE(2)) is the most widely studied 
and has been proposed to directly modulate tumorigenesis in several cancers 
(reviewed in [74]). For instance, administration of exogenous PGE(2) to F344 rat 
models resulted in higher incidences and multiplicity of intestinal adenomas [75]. 
Enhanced colon carcinogenesis was proposed to occur through the activation of 
PGE(2) signalling, by binding of E-prostanoid (EP) membrane receptors 1–4 [75]. 
A separate in vitro study showed that PGE(2) treatment upregulated epithelial cell 
proliferation and COX-2 expression in intestinal adenomas, proposed to act via the 
Ras-mitogen-activated protein kinase signalling pathway [76]. Other than PGE(2), 
uncontrolled expression of EP has also been reported and as a result affects the 
outcome of various cancers [77, 78]. For example, Jin and colleagues [79] demon-
strated that activation of PGE(2) with EP1 receptor agonist ONO-DI-004, but not 
antagonist ONO-8711, improved cell viability and migration of liver cancer cells. 
In Lewis lung carcinoma cells, EP3 was shown to trigger production of MMP-9 and 
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VEGF, both of which are central regulators of angiogenesis and subsequent metas-
tasis [80], further indicating the role of prostaglandin signalling in cancer progres-
sion. Taken together, the modification of signalling pathways by cancer cells affects 
abundance and activation of signalling lipids which, as a result promotes pro-
oncogenic pathways that could lead to resistance against anti-cancer treatments.

3. Lipid-based post-translational modification of proteins in cancer

The understanding of the role of lipids in the modulation of cellular processes 
in cancer cells (with comparison to normal cells) is important to help identify 
potential cancer markers. Since post-translational modification of proteins is 
an important component in many key signalling components during oncogenic 
progression, they are a suitable candidate for cancer studies. Ongoing research 
has highlighted the importance of various post-translational modifications that 
contribute to oncogenesis, namely phosphorylation, glycosylation, ubiquitination, 
prenylation, methylation and acetylation [81]. A common involvement of lipids in 
post-translational modification is known as prenylation. Prenylation is a process 
in which a hydrocarbon-based hydrophobic group (such as farnesyl [a 15-carbon 
isoprenoid] or geranylgeranyl) is covalently attached to a protein post-translation, 
which as a consequence changes cellular localization, protein-protein interaction, 
and function of the modified protein [82]. Prenylation is crucial for membrane 
association and activation of GTPases such as Ras, Rho, cdc42, and GPCRs, all 
of which are important regulators of cancer [83, 84]. For instance, stimulation of 
Ras proteins is known to promote oncogenesis by regulating gene expression, cell 
cycle progression, survival and migration [85]. Inactivation of the retinoblastoma 
protein (a tumour suppressor protein) induced unregulated expression of farnesyl 
diphosphate synthase and prenyltransferases, subsequently increasing prenylation/
activation of N-ras in retinoblastoma tumour and promoted senescence [86]. 
Furthermore, prenylation is also known to involve farnesyl-pyrophosphate, an 
intermediate for cholesterol synthesis. Given the importance of lipid-based post-
translational modification of proteins, many anti-cancer therapies currently target 
proteins and enzymes of the prenylation pathway [87, 88].

Another type of lipid-related post-translational modification is termed acyla-
tion, which is the process of adding fatty acids to amino acids. Protein acylation is 
tightly regulated by histone acetyltransferases (HATs) and deacetylases (HDACs), 
and modulates various cellular functions such as cell proliferation, differentiation, 
and migration [89]. HATs have been reported to modulate cancer in two ways 
depending on the site of acetylation and type of cancer-one pro-tumorigenic and 
the other tumour-suppressive [90]. For instance, histone hyperacetylation was 
reported in liver cancer cells [91] whereas deficiency in acetylation was observed 
in prostate cancer patients [92]. In gastrointestinal carcinomas, decreased histone 
acetylation is significantly associated with severity of tumour invasion and metasta-
sis [93]. Moreover, Kang and colleagues [94] demonstrated that curcumin-induced 
histone hypoacetylation triggers caspase-3-dependent apoptosis and promotes 
neuron differentiation of neural progenitor cells in brain cancer. The role of HDACs 
in cancer was also demonstrated in several cancers such as cervical [95], colon 
[96], and gastric cancer [97]. Similar to HATs, HDACs also have a dual function in 
cancer regulation. For example, loss of HDAC1 in teratomas increased apoptosis 
and induced cell arrest, albeit no change in tumour size [98]. Similarly, increase in 
cellular differentiation and apoptosis was observed when HDAC2 expression was 
ablated in colorectal cancer cells [95]. In contrast, knockdown of HDAC6 promoted 
migration and tube formation in HUVEC cells in vitro [99].
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VEGF, both of which are central regulators of angiogenesis and subsequent metas-
tasis [80], further indicating the role of prostaglandin signalling in cancer progres-
sion. Taken together, the modification of signalling pathways by cancer cells affects 
abundance and activation of signalling lipids which, as a result promotes pro-
oncogenic pathways that could lead to resistance against anti-cancer treatments.

3. Lipid-based post-translational modification of proteins in cancer

The understanding of the role of lipids in the modulation of cellular processes 
in cancer cells (with comparison to normal cells) is important to help identify 
potential cancer markers. Since post-translational modification of proteins is 
an important component in many key signalling components during oncogenic 
progression, they are a suitable candidate for cancer studies. Ongoing research 
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prenylation, methylation and acetylation [81]. A common involvement of lipids in 
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in which a hydrocarbon-based hydrophobic group (such as farnesyl [a 15-carbon 
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Ras proteins is known to promote oncogenesis by regulating gene expression, cell 
cycle progression, survival and migration [85]. Inactivation of the retinoblastoma 
protein (a tumour suppressor protein) induced unregulated expression of farnesyl 
diphosphate synthase and prenyltransferases, subsequently increasing prenylation/
activation of N-ras in retinoblastoma tumour and promoted senescence [86]. 
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tightly regulated by histone acetyltransferases (HATs) and deacetylases (HDACs), 
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and migration [89]. HATs have been reported to modulate cancer in two ways 
depending on the site of acetylation and type of cancer-one pro-tumorigenic and 
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reported in liver cancer cells [91] whereas deficiency in acetylation was observed 
in prostate cancer patients [92]. In gastrointestinal carcinomas, decreased histone 
acetylation is significantly associated with severity of tumour invasion and metasta-
sis [93]. Moreover, Kang and colleagues [94] demonstrated that curcumin-induced 
histone hypoacetylation triggers caspase-3-dependent apoptosis and promotes 
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[96], and gastric cancer [97]. Similar to HATs, HDACs also have a dual function in 
cancer regulation. For example, loss of HDAC1 in teratomas increased apoptosis 
and induced cell arrest, albeit no change in tumour size [98]. Similarly, increase in 
cellular differentiation and apoptosis was observed when HDAC2 expression was 
ablated in colorectal cancer cells [95]. In contrast, knockdown of HDAC6 promoted 
migration and tube formation in HUVEC cells in vitro [99].
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The modification of proteins by lipids is also important for cellular localiza-
tion and transport [100]. For example, attachment of GPI to proteins triggers 
translocation to the outer leaflet of the plasma membrane, which is important for 
signal transduction events [101]. Therefore, the knowledge of different types of 
lipid-based post-translational modification of proteins is useful to dissect the causal 
effects of these modifications in the context of cancer biology.

4. Lipids and autophagy in cancer

The recycling and circulation of lipids within a cell is regulated by lysosomes, a 
membrane enclosed organelle containing hydrolytic enzymes [102]. In recent years, 
there have been emerging studies indicating the importance of lysosomal-mediated 
degradation, a process termed autophagy, in maintaining cellular lipid homeostasis 
in various tissues [103]. Autophagy is essential for cell survival in the event of 
nutrient deprivation, where intracellular proteins and organelles are targeted to 
the lysosome for degradation as an alternative source of recycled energy [104]. 
There are three commonly described autophagy processes: autophagy (also referred 
as macroautophagy) [105], microautophagy [106], and chaperone-mediated 
autophagy [107]. Dysregulation in autophagy is associated with a wide array of 
diseases such as metabolic, cardiovascular, and neurodegenerative diseases, ageing 
and cancer [108]. In addition to its role in starvation responses, growth and dif-
ferentiation, and the clearance of dysfunctional/damaged cytoplasmic protein and 
organelles, autophagy has also been reported in tumour regulation in cancer [109].

The relationship between lipids and autophagy is of particular interest as 
autophagy has been widely established to have a role in cancer, albeit a complicated 
one. Some reports have stated that early in tumorigenesis, autophagy may act as a 
tumour suppressor mechanism (reviewed in [110, 111]). Beclin-1, the mammalian 
ortholog of yeast autophagy-related gene 6 (Atg6), has been widely accepted as a 
candidate for tumour suppression. Allelic deletion of Beclin-1 [112] and reduced 
protein expression [113] was observed in ovarian, breast, and prostate cancers. 
Beclin 1+/− heterozygous mutant mice had reduced autophagic activity and spon-
taneous tumour development [114], indicating the importance of Beclin-1 in the 
causal effect of autophagy and tumour growth. However, as cancer progresses, 
autophagy becomes essential to overcome oxidative and metabolic stressors in the 
cell, hence improving cancer cell survival and progression [115]. For example, 
human cancer cells expressing the Ras oncogene are able to upregulate autophagy 
to support tumorigenesis and tumour cell survival under starvation conditions 
[116]. As autophagy can facilitate or suppress the development of cancer, targeting 
this facet as a cancer therapy should focus on both the regulation and inhibition of 
autophagy at the appropriate stages. It still nevertheless holds potential as a primary 
target or co-target as multiple studies have shown that inhibition of autophagy 
enhanced therapeutic effects against cancer in myeloma, breast, colon, and prostate 
cancer [117].

Lipids and lipid enzymes have indispensable roles in the autophagic process and 
can influence autophagy at various stages [118, 119]. For instance, the mTOR com-
plex is an important negative regulator of autophagy and lipids such as phospha-
tidylinositol 3-phosphate (PI3P), diacylglycerol, and phosphatidic acids interfere 
with mTOR downstream signalling by acting independently to promote autophagy 
[118, 120]. During later stages of autophagy, cellular materials targeted for degrada-
tion are signalled to autophagosomes. Lipid droplets and the lipid enzyme phos-
pholipase D have been postulated to regulate autophagosomes biogenesis as well as 
positively modulate autophagy in vivo and in vitro [121, 122]. Furthermore, Seo and 
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colleagues shown that upon starvation, SREBPs can directly activate genes related 
to autophagy and are required for autophagosome formation and association with 
lipid droplets.

5. Lipids in angiogenesis and lymphangiogenesis

Classic characteristics of malignant tumours are their augmented proliferative 
and invasive properties. In order for cancer cells to sustain these enhanced growth 
requirements as well as expansion into other tissues, they have been shown to 
induce angiogenesis for oxygen and nutrient supply [123]. Tumour vasculature is 
also useful for the clearance of metabolic end products such as lactic acid whose 
accumulation may be toxic to the tumour cells. New capillary formation into 
tumours can be stimulated by growth factors such as vascular endothelial growth 
factor (VEGF) and fibroblast growth factor (bFGF) [124, 125]. In normal healthy 
cells, VEGF functions by creating new blood vessels during embryonic develop-
ment and wound healing [126]. The tumour microenvironment is made up of a 
variety of cell types that are normal or quiescent. As a tumour expands in size, 
nutrient deprivation and hypoxia occurs. This triggers the production of VEGF and 
cytokines by the tumour into its surrounding microenvironment [127], thereby 
initiating the proliferation of endothelial cells which allows tumours to develop and 
grow exponentially. Although this vasculature initiation may provide the tumour 
with more oxygen and nutrients, the eventual outcome is not ideal. VEGF-induced 
formation of tumour vasculature are irregularly shaped, leaky, and often function-
ally abnormal [124]. The leaky nature of these tumour vasculature triggers the 
recruitment of platelets, which subsequently releases angiogenic stimulatory factors 
into the microenvironment to further promote angiogenesis [128]. Other than 
dissemination through blood vessels, tumour cells can also exploit the lymphatic 
vessel pathway for invasion into other tissues, hence promoting metastasis [129]. 
In particular, VEGF-C is the main mediator of lymphangiogenesis and lymph node 
metastasis [130].

The importance of lipids in tumour angiogenesis is highlighted in studies related 
to the bioactive sphingolipid derivative S1P. The function of S1P is comparable to 
growth factors VEGF and bFGF, where its secretion stimulates angiogenesis [131] 
and vascular maturation [132]. Interactions between S1P and these proangiogenic 
growth factors have also been reported and may provide a collective effect in 
promoting development of the vascular network [133]. S1P expression is upregu-
lated in various tumours such as lung [134] and colorectal cancer [135]. Cancer cells 
are able to secrete S1P into their microenvironment to induce both angiogenesis 
and lymphangiogenesis [136, 137]; via binding of S1P receptors [138], thereby 
facilitating tumour spread. Furthermore, in vitro analysis revealed that high levels 
of S1P are associated with increased migration and tube formation in co-cultured 
vascular or lymphatic endothelial cells [139]. Angiogenic and lymphatic metastasis 
is also stimulated by the secretion of prostaglandins, a group of lipid compounds 
enzymatically derived from fatty acids [140]. In particular, PGE(2) in breast cancer 
is able to bind GPCRs and induce angiogenic regulatory genes for proliferation, tube 
formation and subsequently metastasis [141]. This was also true in prostate cancer 
where PGE(2) activates angiogenesis via the prostanoids EP2 and EP4 pathways 
to increase production of urokinase-type plasminogen and vascular endothelial 
growth factors to alter prostate cancer cell motility [142].

Lipid metabolism has also been implicated in angiogenesis. SREBP1 expres-
sion is elevated in newly formed vasculature [143]. In response to VEGF signals, 
endothelial cells activate SREBP1 and SREBP2 to trigger proliferation, migration, 



Advances in Lipid Metabolism

8

The modification of proteins by lipids is also important for cellular localiza-
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causal effect of autophagy and tumour growth. However, as cancer progresses, 
autophagy becomes essential to overcome oxidative and metabolic stressors in the 
cell, hence improving cancer cell survival and progression [115]. For example, 
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and vascular maturation [132]. Interactions between S1P and these proangiogenic 
growth factors have also been reported and may provide a collective effect in 
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lated in various tumours such as lung [134] and colorectal cancer [135]. Cancer cells 
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and lymphangiogenesis [136, 137]; via binding of S1P receptors [138], thereby 
facilitating tumour spread. Furthermore, in vitro analysis revealed that high levels 
of S1P are associated with increased migration and tube formation in co-cultured 
vascular or lymphatic endothelial cells [139]. Angiogenic and lymphatic metastasis 
is also stimulated by the secretion of prostaglandins, a group of lipid compounds 
enzymatically derived from fatty acids [140]. In particular, PGE(2) in breast cancer 
is able to bind GPCRs and induce angiogenic regulatory genes for proliferation, tube 
formation and subsequently metastasis [141]. This was also true in prostate cancer 
where PGE(2) activates angiogenesis via the prostanoids EP2 and EP4 pathways 
to increase production of urokinase-type plasminogen and vascular endothelial 
growth factors to alter prostate cancer cell motility [142].
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and vascular formation [144]. Vice versa, inhibition of SREBP1 resulted in reduced 
production of pro-angiogenic factors [143]. Metastasis is one of the main causes of 
mortality in human cancers. Since angiogenesis and lymphangiogenesis provide a 
platform for tumours to acquire nutrients and metastasise, understanding the role 
of lipids in endothelial cell metabolism may be useful as a target for cancer therapy 
and drug resistance [145, 146].

6. Concluding remarks

Lipid metabolism and signalling are now widely accepted as major players in 
cancer biology. Targeting components such as enzymes, bioactive lipids, and recep-
tors, all of which are important for maintaining lipid homeostasis, metabolism and 
signalling, have been shown to reduce cancer cell proliferation and metastasis. This 
can be achieved through various means such as modifying the function of enzymes 
involved in biosynthesis and metabolism of lipids, altering the structure, composi-
tion and localisation of bioactive lipids and lipid rafts, or through disruption of 
lipid-mediated tumour-stromal crosstalk in the tumour microenvironment, and by 
promoting apoptosis of cancer cells. Considering the central role of lipids in cancer, 
these strategies are encouraging for the treatment and cure against cancer.
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Chapter 2

Analytical Tools for Lipid 
Assessment in Biological Assays
Banny Silva Barbosa Correia, Raquel Susana Torrinhas, 
William Yutaka Ohashi and Ljubica Tasic

Abstract

Lipids are heterogeneous biological molecules with many important roles. In 
human body, lipids can be energy substrates, steroid hormones, inflammatory lipid 
mediators, transporters, and feature as structural cell and organelle membrane 
elements. At the cell membrane, lipids influence the distribution of surface proteins 
and, in part, protein signaling and, consequently, the activation of transcriptional 
factors. One of the best explored relationships in chemistry and science is the 
structure/activity one. Therefore, if the composition of a mixture is discovered and 
the structure of its components is known, a task of proposing relationship among 
all components and their activity would be closer to understanding. There are many 
powerful and advantageous analytical and bioanalytical tools available for the study 
of lipids, but all show at least some limitations. Knowing the advantages/disadvan-
tages of each technique is essential for choosing the most appropriate one for the 
analysis as to answer a scientific question about lipid composition and role within a 
biological model. Often, inexperience and little familiarity with the cited analytical 
resources may limit the validity of the obtained results. Our chapter aims to present 
and discuss different tools available for the study of lipids and their main applica-
tions in biological assays.

Keywords: lipids, bioanalytical tools, gas chromatography, mass spectrometry, 
nuclear magnetic resonance

1. Introduction

Lipids are a very heterogeneous group of biological molecules. Some of the 
most studied lipids are built from the fatty acids (FAs) or isoprenyl groups. FAs 
are carboxylic acids composed by an even number of carbon atoms connected by 
single or double bonds with a methyl group end. FAs can be classified into very long 
(>20 carbons), long (14–20 carbons), medium (6–12 carbons), and short (up to 6 
carbons)-chain FAs, as well as saturated (no double chains), monounsaturated  
(1 double bond), and polyunsaturated (PUFAs, >1 double bond) FAs. Furthermore, 
unsaturated fatty acids can receive its omega (n) assignment according to the first 
double-bond position from the end methyl group. Biosynthetically, endogenous FAs 
have been made from acetyl-CoA/malonyl-CoA [1–3].

FAs represent a class of lipids on their own and do not make part of all lipids 
[4]. Some lipids, which are not formed from FAs but are biosynthetically related to 
them, are the polyketides, formed from the acetyl units. Other unsaponifiable lipids 
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are built from isoprene units, molecules with five carbons with a branch structure 
and alternated double bonds. Isoprenes have their biosynthesis in mevalonate (veg-
etables) or deoxyxylulose phosphate (animals) pathways. They can form sterols and 
prenols [2]; some sterols can also have FAs in their structure [3].

Actually, lipids comprise eight main classes within different chemical character-
istics: fatty acids (1), glycerolipids (2), glycerophospholipids (3), sphingolipids (4), 
sterols (5), prenols (6), saccharolipids (7), and polyketides (8) (Figure 1) [3]. These 
classes show a high diversity of molecules and are grouped into several subclasses. 
Lipid classification based on their chemical information, described by the head-
group and the type of a linkage between the head group and aliphatic chains [5, 6] 
is the most used among biochemists. Investigators have estimated the presence of 
~180,000 lipid species in nature and ~40 common fatty acids as building blocks [7]. 
At the moment, 43,109 structurally distinct lipids are already registered at the Lipid 
MAPS consortium.

The high diversity of lipids reflects their multiple biological functions and can 
be attributed to the wide variety of their building blocks and numerous possible 
permutations [6, 8]. In the human body, lipids serve as: substrates for the synthesis 
of energy (9.3 kcal/g), steroid hormones, inflammatory lipid mediators, vitamins 
or liposoluble vitamins transportation, and structural elements of cell and organ-
elle membranes [9–11]. As a part of the cell membrane, lipids can influence the 
distribution of surface proteins, protein signaling (as part of lipid rafts or as second 
messengers), and consequently, the activation of transcriptional factors [12, 13]. 
This means that besides their recognized biological functions, lipids can influence 
protein signaling and synthesis.

Figure 1. 
Biosynthetic lipid network. Acetyl-CoA: fatty acids-FAs (class 1) are synthetized, enabling the production 
of other lipid classes: 2 (glycerolipids-GLs), 3 (glycerophospholipids-GPs), 4 (sphingolipids-SPs), and 7 
(saccharolipids-SLs), as well the class of eicosanoids. Acetyl-CoA can also generate the class 8 (polyketides-
PKs) and isopentenyl diphosphate molecule, through mevalonate. On the other side, isoprenyl is used as starting 
substrate for producing lipid classes 6 (prenols-PRs) and 5 (sterols-STs). Figure was inspired on Quhenberger 
et al. [4].
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In a cell, lipids show different compositions, tens of thousands to hundreds of 
thousands of compounds, and concentrations from a mol/mg to nmol/mg of pro-
tein [5]. Facing the biological relevance of lipids, it is not surprising that the human 
organism has sophisticated machineries for the FA synthesis when its dietary supply 
flaws. Saturated and monounsaturated FAs can be endogenously generated from 
glucose and amino acids through enzymatic elongation (by adding units of two car-
bons) and desaturation (by forming new double bonds) reactions. However, a piti-
ful lack of the desaturating enzymes ∆-12 and ∆-15 desaturases preclude humans 
to add double bonds before the ninth carbon at the end of the methyl extremity 
for the synthesis of the polyunsaturated fatty acids (PUFAs) n-linoleic acid (C18:2 
n-6, LA) and alpha-linolenic acid (C18:3 n-3, ALA). Consequently, LA and ALA are 
obtained exclusively from diet and, then, called as essentials. After ingestion, LA 
and ALA compete for sequential enzymatic processes of elongation and desatura-
tion until their conversion into longer chain PUFAs: arachidonic acid (C20:4 n-6, 
ARA) from LA and eicosapentaenoic acid (C20:5 n-3, EPA) or docosahexaenoic acid 
(C22:6 n-3, DHA) from ALA [14].

ARA, EPA, and DHA have a high clinical interest once they influence the 
composition and steady-state of cell membranes. Also, they are precursors of the 
lipid mediators named eicosanoids involved in the activation of the inflammatory 

Figure 2. 
Synthesis of lipid mediators from eicosapentaenoic (C20:2 n-6, EPA), docosahexaenoic (C22:6 n-3, DHA), and 
arachidonic (C20:4 n-6, ARA) acids. EPA, DHA, and ARA are previously synthetized from n-3 and n-6 fatty 
acid families in reactions mediated by enzymes: 1—desaturase, 2—elongase, 3—peroxisomal fatty acyl-CoA 
oxidase, 4—lipoxygenase (LOX), and 5—cyclooxygenase (COX). The cellular bioavailability of EPA decreases 
the production of ARA-produced eicosanoids, which include prostaglandins (PG)E2, thromboxane (TX)
A2, and leukotriene (LT)B4. These eicosanoids have a higher pro-inflammatory potential than those contra 
parts produced from EPA (PGE5, TXA3, and LTB5) in promoting vasodilation and leukocyte chemotaxis 
and adhesion, events that stimulate the migration of neutrophils into the damaged tissue. As part of the 
neutrophil-monocyte sequence of inflammation, eicosanoids are no longer produced to initiate the synthesis of 
resolvins, protectins and maresins, lipid mediators from EPA and DHA. Other fatty acids shown are: linoleic 
acid (C18:2 n-6, LA), gamma-linolenic acid (C18:3 n-6, GLA), dihomo-gamma-linolenic acid (C20:3 n-6, 
DGLA), adrenic acid (C22:4 n-6), tetracosatetraenoic acid (C24:4 n-6), tetracosapentaenoic acid (C24:5 
n-6), docosapentaenoic acid (C22:5 n-6), oleic acid (C18:1 n-9), octadecadienoic acid (C18:2 n-9), alpha-
linolenic acid (C18:3 n-3, ALA), stearidonic acid (C18:4 n-3, SDA), eicosatrienoic acid (C20:3 n-3, ETE), 
eicosatetraenoic acid (C20:4 n-3, ETA), docosapentaenoic acid (C22:5 n-3, DPA), tetracosapentaenoic acid 
(C24:5 n-3), and tetracosahexaenoic acid (C24:6 n-3).
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In a cell, lipids show different compositions, tens of thousands to hundreds of 
thousands of compounds, and concentrations from a mol/mg to nmol/mg of pro-
tein [5]. Facing the biological relevance of lipids, it is not surprising that the human 
organism has sophisticated machineries for the FA synthesis when its dietary supply 
flaws. Saturated and monounsaturated FAs can be endogenously generated from 
glucose and amino acids through enzymatic elongation (by adding units of two car-
bons) and desaturation (by forming new double bonds) reactions. However, a piti-
ful lack of the desaturating enzymes ∆-12 and ∆-15 desaturases preclude humans 
to add double bonds before the ninth carbon at the end of the methyl extremity 
for the synthesis of the polyunsaturated fatty acids (PUFAs) n-linoleic acid (C18:2 
n-6, LA) and alpha-linolenic acid (C18:3 n-3, ALA). Consequently, LA and ALA are 
obtained exclusively from diet and, then, called as essentials. After ingestion, LA 
and ALA compete for sequential enzymatic processes of elongation and desatura-
tion until their conversion into longer chain PUFAs: arachidonic acid (C20:4 n-6, 
ARA) from LA and eicosapentaenoic acid (C20:5 n-3, EPA) or docosahexaenoic acid 
(C22:6 n-3, DHA) from ALA [14].

ARA, EPA, and DHA have a high clinical interest once they influence the 
composition and steady-state of cell membranes. Also, they are precursors of the 
lipid mediators named eicosanoids involved in the activation of the inflammatory 

Figure 2. 
Synthesis of lipid mediators from eicosapentaenoic (C20:2 n-6, EPA), docosahexaenoic (C22:6 n-3, DHA), and 
arachidonic (C20:4 n-6, ARA) acids. EPA, DHA, and ARA are previously synthetized from n-3 and n-6 fatty 
acid families in reactions mediated by enzymes: 1—desaturase, 2—elongase, 3—peroxisomal fatty acyl-CoA 
oxidase, 4—lipoxygenase (LOX), and 5—cyclooxygenase (COX). The cellular bioavailability of EPA decreases 
the production of ARA-produced eicosanoids, which include prostaglandins (PG)E2, thromboxane (TX)
A2, and leukotriene (LT)B4. These eicosanoids have a higher pro-inflammatory potential than those contra 
parts produced from EPA (PGE5, TXA3, and LTB5) in promoting vasodilation and leukocyte chemotaxis 
and adhesion, events that stimulate the migration of neutrophils into the damaged tissue. As part of the 
neutrophil-monocyte sequence of inflammation, eicosanoids are no longer produced to initiate the synthesis of 
resolvins, protectins and maresins, lipid mediators from EPA and DHA. Other fatty acids shown are: linoleic 
acid (C18:2 n-6, LA), gamma-linolenic acid (C18:3 n-6, GLA), dihomo-gamma-linolenic acid (C20:3 n-6, 
DGLA), adrenic acid (C22:4 n-6), tetracosatetraenoic acid (C24:4 n-6), tetracosapentaenoic acid (C24:5 
n-6), docosapentaenoic acid (C22:5 n-6), oleic acid (C18:1 n-9), octadecadienoic acid (C18:2 n-9), alpha-
linolenic acid (C18:3 n-3, ALA), stearidonic acid (C18:4 n-3, SDA), eicosatrienoic acid (C20:3 n-3, ETE), 
eicosatetraenoic acid (C20:4 n-3, ETA), docosapentaenoic acid (C22:5 n-3, DPA), tetracosapentaenoic acid 
(C24:5 n-3), and tetracosahexaenoic acid (C24:6 n-3).
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Figure 3. 
The most common analytical techniques used in analyses of lipids and lipidomes are gas chromatography (GC), 
mass spectrometry (MS), and nuclear magnetic resonance (NMR) spectroscopy. These techniques show some 
vantages and weaknesses and could be used in combination with other techniques in so-called hyphenated 
bioanalytical methods. All enable qualitative and quantitative analyses of lipids, but GC needs additional step 
in sample preparation as to increase the volatility of the compounds; thus, not all lipids could be analyzed by 
GC. Also, GC requires greater sample quantities when compared to MS, which is most sensitive. MS analyses 
require the use of ionization techniques, such as electron and chemical ones for gas samples, while electrospray 
ionization (ESI) and matrix-assisted laser desorption/ionization (MALDI) are usually applied for liquid 
and solid samples. NMR is the only nondestructive technique and allows the noninvasive lipid analysis in 
intact cells and tissues, and enables to investigate changes in lipid and dynamic structures in biochemical cell 
functionalization, but it is not sufficiently sensitive and universal when compared to MS.

response. While ARA is a precursor of pro-inflammatory, immunosuppressive, and 
pro-thrombotic eicosanoids, EPA competes with ARA for lipoxygenase (LOX) and 
cyclooxygenase (COX) enzymes to generate functionally less intense and anti-
thrombotic mediators [10]. Furthermore, EPA and DHA are precursors of resolvins 
and DHA is a precursor of protectins and maresins. These lipid mediators are 
collectively called as specialized pro-resolving mediators and have a relevant role in 
the inflammation resolution and homeostasis restoring [15]. In conjunction, these 
observations traduce an anti-inflammatory and pro-resolving potential of EPA and 
DHA (Figure 2).

Moreover, EPA, DHA, and their metabolites can exert anti-inflammatory and 
metabolic effects by modulating the activity of transcriptional factors, such as 
nuclear kappa B factor (NFκB), nuclear factor E2-related factor 2 (Nfr2), peroxi-
some proliferator-activated receptor (PPAR), and sterol regulatory element-
binding proteins (SREBP). Due to their abilities, EPA and DHA can influence the 
transcription of genes enrolled in inflammation, cell survival, oxidative stress, and 
in carbohydrate and lipid metabolism [16]. Some of the EPA and DHA functions 
arise from the capacity of these n-3 PUFAs (mainly DHA) to interfere in protein 
receptors signaling by disrupting lipid rafts, membrane microdomains rich in 
saturated FAs (mainly cholesterol) who confer a rigidity needed for some protein 
dimerization through the fluid cell membrane [17, 18].

Due to biological properties, the importance of EPA and DHA for human health 
has been highly discussed and investigated by basic, translational, and epidemio-
logic scientists. However, studies on lipids and their biological relevance are not 
limited to n-3 PUFAs or other individual lipids, but also include the analysis of all 
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lipid species from a biological sample—the lipidome. Because lipids are intermedi-
ates and even signaling molecules of metabolic pathways, the lipidomic response 
(change of the lipidome pattern of a biological sample) to nutritional, pharma-
cological, or any intervention (i.e., surgery, exercise) treatments can reflect their 
biological effects [5]. Studies on lipidome can also add to the knowledge on the lipid 
content of a nutritional source (i.e., fish) aiming to found ones with the high n-3 
PUFAs, for instance. These are examples of many applications of lipid analysis in 
biological systems.

There are several tools available for the study of individual lipids and lipidome 
(the total lipid content in a cell or an organism), all with their advantages and 
limitations (Figure 3). Understanding these points is essential for the application 
of that most appropriate techniques to answer a scientific question on lipids within 
a biological model. Often little familiarity with these analytical resources may limit 
the validity of the results. This chapter aims to present and discuss different tools 
available for different applications in the study of lipids aiming to assess biological 
hypothesis, with focus on nutrition and metabolism aspects.

2. Gas chromatography: principles, strengths, and weaknesses

According to the principles of chromatographic techniques, the gas chromatog-
raphy (GC) is applied when aimed to separate organic compounds from a mixture 
in the gas form. For this purpose, the GC uses interaction among the sample 
components and the stationary phase and the mobile gas phase. After lipid extrac-
tion, the samples (lipid mixture) are usually liquids and must be exposed to a high 
temperature at the gas chromatograph entrance (injector). Vaporized, the samples 
are carried by a gas, which is usually a nonheavy and inert gas (i.e., hydrogen, 
helium), through a long capillary column containing a high or low polarity material 
(stationary phase) [19].

The gaseous compounds generated from the vaporized sample interact with 
the stationary phase what allows each compound to elute/separate at a different 
time (retention time). Because GC considers both chemical and physical properties 
of the vaporized compounds, those with more chemical affinity to the stationary 
phase will take longer time to be removed from the column and the temperature will 
influence the overall process. This explains why the column stays in an oven, which 
is programmed to work at different temperature ranges (i.e., temperature program-
ming) in which the compounds are carried out by the gas according to their boiling 
point until they get to an electronic detector [20].

At the end of GC analysis, the electronic detector generates a chromatogram 
based on retention time by intensity. This allows a qualitative identification of the 
lipid compounds by comparing their retention times with certified standard using the  
flame ionization detector (FID) or by deduction of spectra information using a 
mass spectrometer as detector. Lipid quantification can also be performed using 
analytical procedures of external or internal certified standard in GC analysis [21].

Main points to be considered when assessing FAs by GC analysis are the carrier 
gas flow rate, column length, and the temperature because these can influence the 
order or retention time of the lipid compounds and then must be precisely stan-
dardized [22]. The column length of the stationary phase influences the resolution 
of the analytes, once the number of theoretical plates (hypothetical zone in which 
two phases establish an equilibrium with each other) is respectively high in longer 
column. As fat and oils have high boiling points not supported by the stationary 
phase, a previous derivatization reaction step is required after lipid extraction from 
the biological sample, in which triacylglycerol and free fatty acids are transformed 
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nuclear kappa B factor (NFκB), nuclear factor E2-related factor 2 (Nfr2), peroxi-
some proliferator-activated receptor (PPAR), and sterol regulatory element-
binding proteins (SREBP). Due to their abilities, EPA and DHA can influence the 
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lipid species from a biological sample—the lipidome. Because lipids are intermedi-
ates and even signaling molecules of metabolic pathways, the lipidomic response 
(change of the lipidome pattern of a biological sample) to nutritional, pharma-
cological, or any intervention (i.e., surgery, exercise) treatments can reflect their 
biological effects [5]. Studies on lipidome can also add to the knowledge on the lipid 
content of a nutritional source (i.e., fish) aiming to found ones with the high n-3 
PUFAs, for instance. These are examples of many applications of lipid analysis in 
biological systems.

There are several tools available for the study of individual lipids and lipidome 
(the total lipid content in a cell or an organism), all with their advantages and 
limitations (Figure 3). Understanding these points is essential for the application 
of that most appropriate techniques to answer a scientific question on lipids within 
a biological model. Often little familiarity with these analytical resources may limit 
the validity of the results. This chapter aims to present and discuss different tools 
available for different applications in the study of lipids aiming to assess biological 
hypothesis, with focus on nutrition and metabolism aspects.

2. Gas chromatography: principles, strengths, and weaknesses

According to the principles of chromatographic techniques, the gas chromatog-
raphy (GC) is applied when aimed to separate organic compounds from a mixture 
in the gas form. For this purpose, the GC uses interaction among the sample 
components and the stationary phase and the mobile gas phase. After lipid extrac-
tion, the samples (lipid mixture) are usually liquids and must be exposed to a high 
temperature at the gas chromatograph entrance (injector). Vaporized, the samples 
are carried by a gas, which is usually a nonheavy and inert gas (i.e., hydrogen, 
helium), through a long capillary column containing a high or low polarity material 
(stationary phase) [19].

The gaseous compounds generated from the vaporized sample interact with 
the stationary phase what allows each compound to elute/separate at a different 
time (retention time). Because GC considers both chemical and physical properties 
of the vaporized compounds, those with more chemical affinity to the stationary 
phase will take longer time to be removed from the column and the temperature will 
influence the overall process. This explains why the column stays in an oven, which 
is programmed to work at different temperature ranges (i.e., temperature program-
ming) in which the compounds are carried out by the gas according to their boiling 
point until they get to an electronic detector [20].

At the end of GC analysis, the electronic detector generates a chromatogram 
based on retention time by intensity. This allows a qualitative identification of the 
lipid compounds by comparing their retention times with certified standard using the  
flame ionization detector (FID) or by deduction of spectra information using a 
mass spectrometer as detector. Lipid quantification can also be performed using 
analytical procedures of external or internal certified standard in GC analysis [21].

Main points to be considered when assessing FAs by GC analysis are the carrier 
gas flow rate, column length, and the temperature because these can influence the 
order or retention time of the lipid compounds and then must be precisely stan-
dardized [22]. The column length of the stationary phase influences the resolution 
of the analytes, once the number of theoretical plates (hypothetical zone in which 
two phases establish an equilibrium with each other) is respectively high in longer 
column. As fat and oils have high boiling points not supported by the stationary 
phase, a previous derivatization reaction step is required after lipid extraction from 
the biological sample, in which triacylglycerol and free fatty acids are transformed 
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into their respective free fatty esters with lower boiling points (transesterification/
esterification reaction) [23]. Several methods are available for FAs derivatization 
[24], and the most applied ones are described in the 969.33 AOAC’s method [25].

Particularly for cholesterol analysis, the samples preparation must consider a 
derivatization reaction. This allows to block protic sites of steroids obtained after 
an unsaponifiable lipid extraction [26] had been performed, and also, to dimin-
ish dipole-dipole interactions, to increase the volatility of the compounds, and 
to generate products with reduced polarity. Cholesterol derivatization is usually 
achieved by using trimethylsilyl compounds as reagents (silylation reaction). A 
common method for this purpose is described by Bowden and collaborators [27], in 
which N,O-bis(trimethylsilyl-trifluoroacetamide/trimethylchlorosilane)—BSTFA/
TMCS is used.

Nowadays, other more modern analytical tools than GC (next-generation 
techniques) do not require sample derivatization for lipid analysis. Needed lipid 
derivatization can be then consider a quite limitation step of the technique. In com-
parison with next-generation techniques, GC also implies in using greater sample 
quantities. This may be the main limitation in biological assays, which usually lead 
with restricted sample amounts. Nevertheless, by using certified standard and a 
powerful detector as FID, GC has the advantage to allow a precise and complete (by 
burning every compound, no one is lost in the detection) quantification of lipid 
compounds from biological samples, not always achieved by the other analytical 
techniques. In this context, GC continues to be accepted as an efficient and simple 
technique for FA and sterol analyses, mainly when combined with mass spectrom-
etry (MS, detailed later in this chapter).

2.1 Gas chromatography: application in biological assays

In biological issues, GC is largely applied to assess the FA and cholesterol 
contents in animal models or human fluids and tissues, as biological markers of FA 
ingestion and cell incorporation. The technique is a powerful tool in studies assess-
ing the effect of FA supplementation on a specific biologic response. For instance, 
the endogenous synthesis of EPA and DHA from ALA is low in humans, who 
have in the ingestion, oily fishes as the most relevant source. Therefore, studies on 
n-3 PUFAs have been focused on the effect of fish ingestion or fish oil/EPA/DHA 
supplementation in several clinical conditions, and cell and disease models. In such 
studies, the treatment compliance or effectiveness can be reflected by the cell or 
circulate contends of n-3 PUFAs [28]. Furthermore, GC can be applied to validate 
data generated by other lipidomic techniques.

A practical example in using GC for treatment compliance is the study of 
Nogueira et al. [29] assessing the effect of n-3 PUFAs supplementation in patients 
with nonalcoholic steatohepatitis against placebo (mineral oil). In this study, 
GC highlighted a similar increase in n-3 PUFAs plasma in both n-3 PUFAs- and 
placebo-treated patients. Because the authors have controlled compliance of n-3 
PUFAs, they were able to discover off-protocol intake of PUFAs by some patients 
from the placebo group. When studying biochemical markers of lipid intake and 
cell incorporation, the biological sample nature matters. For instance, plasma and red  
blood samples can reflect periods of weeks and months of FAs ingestion and their 
effects, respectively, while the adipose tissue is the reference method, once it 
reflects such variables for years [28].

The study of Ravacci et al. [30] can illustrate the use of GC to assess treat-
ment compliance. Applying this technique, the authors were able to demonstrate 
that the treatment of a lineage of breast cancer cell overexpressing HER-2 with 
DHA increased its availability in the cell membrane and was associated with the 
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disruption of surface lipid rafts that sustained cell signal for survival. Regarding 
the use of GC for data validation, a practical example is the study of Ouldamer et al. 
[31], which applied the technique to validate the fatty acid information generated 
by the 1H NMR analysis on the PUFAs n-3 DHA and EPA content in the adipose tis-
sue of mammary tumor model in rats exposed to controlled dietary intake of lipids.

3. Mass spectrometry: principles, strengths, and weaknesses

Modernization of MS used for lipid analysis raised the concept of lipidomics. 
Lipidomics is an emerging science that aims to analyze the total lipid content found 
in a cell or tissue (lipidome) through the application of analytical chemistry prin-
ciples and techniques. As a part of the omics sciences, the processes applied in the 
lipidomic analysis are analogous to those applied in other life-building macromol-
ecules, such as deoxyribonucleic acid (DNA), ribonucleic acid (RNA), and proteins, 
called as genomics, transcriptomics, and proteomics, respectively [32].

The basic principle of the MS technique is founded on the detection of the 
abundance of ions by their mass/charge ratio (m/z). To allow the analysis, such ions 
of compounds are generated by suitable methods and ions are separated according 
to their m/z. Ionization techniques can break some sample’s molecules into charged 
fragments and are chosen according to the physical state of the sample. Also, the 
efficiency of various ionization mechanisms for the unknown species might help 
when picking the most appropriate ionization technique. The most common ones 
for gaseous samples are the electron and chemical ionizations, while for liquid and 
solid samples, the electrospray ionization (ESI) and matrix-assisted laser desorp-
tion/ionization (MALDI) are usually applied [33].

Advances in ESI-MS and MALDI-MS have greatly facilitated lipidomic analysis 
[34] and enabled a great progress in lipid metabolic discoveries. This is because 
ESI is one of the softest ionization techniques, in which some complex dimers and 
solvent adducts can also be detected at the end. The efficiency of lipid ionization 
in ESI is incomparably higher than achieved by other traditional MS ion sources. 
MALDI-MS counts on a good solubility of analytes (lipids) and a matrix (for 
example, 2,5-dihydrobenzoic acid) in organic solvents, and provides excellent 
signal-to-noise ratio and reproducibility [32].

Mass spectrometers are made from three components: the ion source (1), which 
converts a sample into ions that are targeted through the mass analyzer (2) and run 
into the detector (3). The mass analyzer acts as ions organizer (classifier) using ion 
m/z ratios. This component accelerates ions as they face a strong electromagnetic 
field. The detector measures charged particles, such as an electron multiplier [35], 
and the abundances of each ion present in a sample are reported.

An advantage of MS is its high sensibility. A detection limit, expressed in con-
centration units, goes from a mol L−1 to as low as fmol L−1 and surely shall improve 
as the instruments modernize. For example, the instrument response factor for any 
individual molecular species detected is essentially identical within experimental 
error after 13C deisotoping if the analysis is performed properly [34]. Also, MS ion 
source can act as a separation device if set to selectively ionize just a certain lipid 
class. Thus, it is feasible to analyze different classes of lipids and individual molecular 
species with high efficiency without prior chromatographic separation. Nevertheless, 
depending on the analysis aims, MS can also be combined with a chromatography 
system, as GC (early mentioned) and liquid chromatography (LC) [35].

Data obtained by MS are displayed as spectra of the relative abundance 
of detected ions as a function of the corresponding m/z. By correlating the 
known masses (e.g., an entire molecule) to the identified masses, or through the 
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depending on the analysis aims, MS can also be combined with a chromatography 
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compounds deposited characteristic fragmentation pattern, MS are used to identify 
compounds. The MS are also used to determine the elemental or isotopic signature 
of a sample, the masses of particles and molecules, and to elucidate the chemical 
structures of molecules [36]. Database platforms, such as LIPIDMAPS, LIPID Bank, 
LIPIDAT, Cyberlipids, and Lipidomics expertise platform, can help to identify the 
lipid molecules. Then, interpretation of MS-obtained lipid data must be conducted 
in accordance with the literature [7].

When assessing the entire lipidome profile, i.e., lipidomics by MS or nuclear 
magnetic resonance (NMR, detailed later in this chapter), big-data information 
is generated. Therefore, lipidomics require multistatistic tools for data interpreta-
tion. The additional information to MS lipidomics is mapping of the lipid pathway. 
For example, diacylglycerol is an essential precursor for glycerophospholipid and 
glycerolipid synthesis in eukaryotes [5].

Manual data interpretation using publicly available databases (i.e., KEGG 
pathways and the LipidMAPS databases) may add in to lipidomic results and 
provide meaningful biological context to data understanding from biological point 
of view. Indeed, using bioinformatics software platform, one can understand the 
changes in lipid composition and content, and understand adaptive or pathological 
changes in lipid metabolism. Lipids form networks, which are used to build their 
inter-relationships and connect them based on known metabolic pathways. Also, 
these relationships and the determined quantities of lipids are used to calculate the 
possible contributions to the production of a particular lipid class in the network, 
and the masses calculated are compared with the masses determined from the 
lipidomic MS data.

Several parameters involving the metabolic pathways can then be derived from 
computational simulation, such as those associated with enzymatic activities, as 
those analyzed by a lipid expertise, i.e., known principles of lipid biochemistry to 
calculate indexes of fatty acid unsaturation, fatty acyl chain length, or fatty acid 
precursor/product ratios to gain insight into the function of fatty acid remodel-
ing or other relevant lipid metabolic pathways [5, 37]. Some useful tools that can 
be used for this purpose are the public platforms MetaboAnalyst (available from 
http://www.metaboanalyst.ca), VANTED, and MAVEN [37].

Once lipids have a high discrepancy of m/z within their categories and are sus-
ceptible to ion cleavage, the main disadvantage of MS in lipid analysis is that some 
compounds from a mixture may be determined as the same ion and incorrectly 
identified. Furthermore, lipid quantification by MS may be weakened by the loss 
of ion information due to the random collision of lipid molecules that may preclude 
that all of these get to the detector, the differing abilities of lipid species to form 
ions and hence varying signal intensity, and the ion-quenching phenomena. The 
last can occur when the signal from poor ionizing lipids is quenched by more easily 
ionized species (therefore suppressing the former signal), which is quite avoided by 
prior separation of lipid species for accurate quantitation or the use of specialized 
MS [38]. Altogether, these factors result in a loss of sensitivity for some nonpolar 
lipid metabolites.

It is worth to note that the limitations in identification and quantification of 
lipid species by MS described above have been minimized with advances of the 
technique (i.e., target MS). Currently, this analytic tool is considered accurate for 
characterization of lipids and the most efficient one to assess lipidomes.

3.1 Mass spectrometry: application in biological assays

In biological assays, lipidomics-MS analysis is highly applied to generate 
information related to metabolism and biological responses, once several known 
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pathways from metabolic networks in eukaryotes involve lipids as metabolic 
intermediates (mainly sphingolipids, glycerophospholipids, glycerolipids, and 
nonesterified fatty acids [NEFAs]) or signaling molecules (mainly oxysterols) [5]. 
For instance, changes of a lipidome profile can be identified by MS, allowing the 
interpretation of biological responses to external interferences (i.e., by comparing 
the lipidome before and after a medication) or enrolled in the pathophysiology of 
diseases (in comparison with healthy status) [5, 32, 39].

The ionization technique applied is a relevant point to be considered when 
designing studies for lipid assessment in biological samples using MS. For instance, 
MALDI can be used to analyze changes of lipid and their metabolites in single 
genetically identical cells from the RAW264.7 lineage after lipopolysaccharide 
(LPS) stimulation, using a Fourier transform ion cyclotron resonance mass spec-
trometer (FTICR MS). MALDI analysis was chosen because single cells on a plate 
using a histology-directed workflow can increase the number of cells analyzed. 
Furthermore, the speed of MALDI-IMS enables high spatial resolution and high-
throughput single-cell analysis. Combined with the high sensitivity of FTICR MS, 
hundreds of lipids can be measured from a large population of single cells (>100) in 
a few hours.

Tandem MS measurements (i.e., through precursor ion scanning and neutral 
loss scanning experiments) are useful for biological assays requiring the identifica-
tion of all lipid molecular species. These methodologies are usually better than full 
scan MS because they apply sequential analyzers and are often associated with a 
target analysis (i.e., aiming to study a molecule species). This allows high sensitiv-
ity and enhanced signal/noise ratio, facilitating the characterization of minor but 
biologically relevant lipid species [40].

One example of the tandem analysis application is the work of Slatter et al. [41]. 
By using LC-MS/MS (tandem MS), they were able to characterize the lipidomic 
network of human platelets, where nearly 200 oxidized species were identified. 
These minacious data provided by the methodology allowed to display a direct link 
between innate immunity and mitochondrial bioenergetics in human platelets. 
Procedures enabling to achieve this conclusion from generated data included the 
selection of lipids upregulated under thrombin activation and the analysis on 
temporal dynamics of their generation, monitoring precursor-to-product ion 
transitions in multiple reaction monitoring (MRM) modes.

Also, through tandem MS, Morgan et al. [42] have proposed a novel role 
for 12/15-lipoxygenase in regulating autophagy. They have used LC/ESI/MS/
MS in a target approach to determine the levels of 1,2-dimyristoyl-sn-glycero-
3-phosphoethanolamine (DMPE), 1,2-dimyristoyl-sn-glycero-3-phosphocholine 
(DMPC), 1,2-dimyristoyl-sn-glycero-3-phosphate (DMPA), and 1,2-dimyristoyl-
sn-glycero-3-phospho-(1′-rac-glycerol) (DMPG), using comparison technique with 
internal standards. In addition, the 1,2-dimyristoyl-sn-glycero-3-phosphoserine 
(DMPS) was determined by product ions and the analysis of cholesteryl esters was 
performed.

4.  Nuclear magnetic resonance spectroscopy: principles, strengths,  
and weaknesses

Along with other analytical tools available for lipidome investigations, NMR 
spectroscopy allows identification of characteristic signals from the different classes 
of lipids and provides their successful quantification [43, 44]. The technique facili-
tates the analysis of hundreds of metabolites in a single sample with great advantage 
because there is no need for a previous sample treatment [8].
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The principle of NMR spectroscopy is based on the physical resonance phe-
nomenon in which spin-active nuclei in a strong static magnetic field respond to 
a perturbation (radiofrequency waves) by producing an electromagnetic signal 
with a characteristic frequency, which matches magnetic field observed by a given 
nucleus. This process of resonance happens when the oscillation frequency matches 
the intrinsic frequency of the nuclei, which depends on the strength of the static 
magnetic field, the chemical environment, and the magnetic properties of the 
isotope involved [45].

In a practical way, NMR spectroscopy provides information of the number 
(integrals) of magnetically distinct atoms (chemical shift of the resonance frequen-
cies and peak splitting due to the coupling constants J or dipolar couplings between 
nuclear spins in the sample) of the studied isotope and provides all necessary infor-
mation for determination of the structure of unknown molecules. Several nuclei can 
be studied by NMR techniques, but the most commonly available ones are hydro-
gen-1 and carbon-13. The most common experiments for lipid analysis by NMR are 
1H, 13C, 31P, and the bidimensional experiments involving 1H-1H and 1H-13C [45].

Usually, an NMR experiment starts with insertion of a liquid sample into the 
magnet, then, short radio-frequency pulses (from an electronic device named 
probe) are applied, and all emitted frequencies from the same type of nuclei are 
registered and reported as signals with a given chemical shift, multiplicity, and 
intensity. Also, multidimensional NMR as well as solid-state NMR has emerged to 
provide additional and relevant information on sample composition [45].

Also, the exact ratio of specific fatty acids in the lipid samples and their iodine 
values could be calculated considering integral values corresponding to character-
istic peaks with the help of the corresponding spectral information and the existing 
references [46]. This type of experiment works as a relative quantification. Absolute 
and relative quantification experiments by NMR are possible; however, it is neces-
sary to take care of some precautions. Direct quantitative information by NMR is 
due to the fact that the signal intensity of each resonance in the NMR spectrum is 
directly proportional to the number of spins associated with the particular reso-
nance [38]. Thus, no standard with chemical similarity to the studied compounds 
is required as in other analytical methods; however, one certified standard must 
be used. This can be performed through relative quantification using ERETIC. For 
absolute quantification also, a certified standard is required now as an internal 
standard in a known concentration. For both methods, the pulse sequence needs 
to be calibrated to 90° to be sure that the spectral response is completely real, and 
it means that the longitudinal relaxation time (T1) of spins is entirely returned 
[38]. Typically, this is achieved by waiting five times the longest T1 (at five times T1 
approximately 99.3% of the equilibrium value is re-established) between two scans.

Proton magnetic resonance spectroscopic imaging (1H-MRSI) has a major role 
in lipid assays, mainly used in the medical area with extreme importance for in vivo 
sampling. Both profiling and ratio quantifications are possible by the obtained spatial 
resolved spectra. The presence of so many compounds in living biological samples 
may require water or other signal suppression experiments to be performed in order 
to obtain better resolution on the target metabolites. The same approach is used in 
NMR samples but with greater implications due to lack of sample pretreatment [47].

Compared to the MS method, NMR technique is less sensitive and limited 
by the overlapping of signals in either, 1H NMR or 31P NMR, and also by the low 
natural abundance of 13C for 13C NMR. On the other hand, NMR is a nondestructive 
sample technique that allows a high analytical reproducibility, an easy identification 
of molecular moieties, and with relatively easy to get information on molecular 
dynamics [8, 38]. Furthermore, NMR does not require a standard curve or molecule 
species for quantitative measuring. Therefore, this technique has been emerging as 
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a promising approach for more accurate and faster quantitative analysis of lipids 
than other analytical methods [38]. Also, the sensitivity improvement of cryogenic 
probe in an equipment of 800 MHz LC-NMR is very promising in analysis of a trace 
amount of lipids in a faster experiment, once it is able to acquire 1H NMR spectrum 
of approximately 1 μg sample within 30 min, whereas the current 500 MHz NMR 
needs 20 h or longer [38].

4.1 Nuclear magnetic resonance spectroscopy: application in biological assays

A wide variety of NMR experiments (e.g., HSQC, HMBC, TOCSY, etc.) besides 
the classics 1H, 13C, and 31P NMR are being used to solve a variety of biological 
issues where biofluid samples such as serum, plasma, urine, cerebrospinal fluid 
(CSF), etc., are being investigated. More commonly used are 1H, 13C, and 31P NMR 
experiments, which bring rich information on lipid profiling, for example, molecu-
lar identification of fatty acid chains and phospholipid structures. Furthermore, 
heteronuclear and multidimensional experiments can be used to elucidate lipid 
profiling information by signal interpretation and also using comparisons with 
databases. The 13C NMR is also a complementary tool that can be used for fatty acyl 
residue identification [38].

Once NMR allows the noninvasive lipid analysis in intact cells and tissues, the 
technique prevents losses of chemical information in the analyte environment. 
This fact, together with the high sensibility of NMR to molecular dynamics (in 
timescales from picoseconds to seconds), enables to investigate changes in lipid and 
dynamic structures in biochemical cell functionalization. The experiment used for 
this application is the diffusion ordered spectroscopy (DOSY), which enables to sepa-
rate signals according to their diffusion coefficients and then add chromatography- 
like capabilities to NMR [38, 48].

Lipoproteins consist mainly from cholesterol esters and triacylglycerols sur-
rounded by a hydrophilic layer, which comprehend phospholipids, cholesterol, and 
proteins [8]. Lipoproteins perform the lipid transportation in blood circulation 
through the exogenous (dietary lipids) and the endogenous (liver-synthetized 
lipids) channels. The endogenous transportation begins in the liver through the 
production of a very low-density lipoprotein (VLDL). After being secreted into the 
bloodstream, VLDL interacts with other lipoproteins, through collisions, in which 
the contact with the high-density lipoprotein (HDL) is highlighted.

Kostara et al. [49] have found how blood lipoproteins influence the progression of 
coronary heart disease (CHD) by comparing the lipid profiles of atherogenic (non-
HDL) and atheroprotective (HDL) lipoproteins from patients with CHD with those 
from patients with normal coronary arteries (NCA). They analyzed the lipid extracts 
of these lipoproteins using 1H NMR experiments and statistical analysis and identi-
fied the potential target-lipid biomarkers for the early evaluation of the CHD onset. 
Furthermore, Lopes et al. [50] were able to find that circulating HDL increases, and 
LDL and VLDL decrease in obese patients after bariatric surgery by using DOSY 
experiments to monitor these lipoproteins. Notably, lipoprotein investigations and 
quantitative analysis of lipids can be performed using NMR of the same sample [51].

Also, selective recoupling of dipolar and chemical-shift interactions removed by 
magic-angle spinning NMR in the solid state allows the characterization of regula-
tory interactions, dynamics, and ion channels within biological membranes [52].

In this scenario, the NMR application has contributed to obtaining of important 
data on the structure and turnover of lipid species and the composition of lipids in 
cells, and to characterize pathways enrolled in lipid synthesis/transport and deg-
radation [53, 54]. Also, the high-resolution magic-angle spinning NMR (HR-MAS 
NMR) has been applied to global lipidomic studies [52].
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Besides the identification of lipid species and dynamics, NMR can be used for 
reliable quantification of lipid mixtures obtained from tissues, body fluids, and 
cell cultures [40, 55]. It can be allied to the bioinformatic tools available to a bet-
ter quantitative analysis of lipid profiles [56]. For instance, using 1H NMR and 31P 
NMR, Fernando et al. [57] were able to identify an over-accumulation of lipids 
associated with the pathophysiology of ethanol-induced liver steatosis accompanied 
by mild inflammation.

Also, quantification can be used in magnetic resonance imaging (MRI) 
experiments as Vafaeyan et al. [47] have shown. They have used a time-domain 
quantification method namely as subtract-QUEST-MRSI algorithm to quantify 
alterations of the biomarkers, i.e., lipids and other metabolism molecules species 
such as choline, creatine, N-acetyl aspartate, lactate, myo-inositol, and glutamine in 
multiple sclerosis subjects in comparison with control group. This research aimed to 
know how lesion biomarker ratios in multiple sclerosis have affected human brains, 
through the imaging of different brain areas, which could present lesions.

Other MRI works have found that on brain imaging, lipids tend to be an almost 
undesired artifact, and consequently, scientists may use the approach of selective 
signal suppression pulses such as adiabatic frequency selective, spatial-spectral 
lipid suppression, or broadband outer volume suppression bands [58]. Trauner 
et al. [59] have used a dynamic saturation transfer technique in MRI experiments to 
assess dynamic Pi-to-ATP exchange parameters in nonalcoholic fatty liver disease 
(NAFLD) and steatohepatitis (NASH) aiming to report alterations of hepatic lipid, 
cell membrane, and energy.

5. Final considerations

Lipids per se exert several relevant biological functions making the single 
knowledge of the lipidome profile from a biological sample highly informative by 
itself. For instance, sphingolipids and glycerophospholipids are important compo-
nents of the cell membrane and then can affect several cellular functions. Disorders 
of sphingolipid metabolism are associated with lysosomal storage diseases and 
of lysoglycerophospholipid by phospholipase A2 activation are associated with 
lipotoxicity and inflammation. Accumulation of triacylglycerol (a glycerophospho-
lipid) is associated with lipotoxicity and insulin resistance, and the NEFA profile is 
a useful indicator of lipid metabolism and can add to understanding on molecular 
mechanisms underlying the metabolic syndrome [5].

Therefore, lipidomic tools are particularly useful to identify and understand 
changes in metabolic pathways and the underlying mechanisms enrolled in the 
pathophysiology of human health, such as metabolic diseases. One practical exam-
ple is data from Meikle et al. [60] study that measured 259 lipid species in plasma 
samples from prediabetic, diabetic and normal glucose tolerant patients, including 
sphingolipids, phospholipids, glycerolipids, and cholesterol ester. The authors used 
electrospray ionization-tandem mass spectrometry in previous precursor ion and 
neutral loss scans on control plasma extracts, MRM experiments for the major 
species of each lipid class identified in plasma, and quantification using internal 
standards. These approaches highlighted that metabolic pathways altered in type 
2 diabetes include a deregulation of lipid homeostasis, characterized by abnormal 
plasma-free fatty acids accumulation.

In lipidomic studies, beyond the care of equipment calibration and accuracy of 
the experiments, special cares of analytical procedures must be planned to have 
accurate information of data. The statistical recourses are necessary to process the 
data, but, also lipid knowledge is required for correct interpretation in all cases. The 
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choice of the most suitable lipidomic tool to be used for a specific biological assay 
is closely linked to the study aim. Next-generation techniques (MS and NMR) can 
provide detailed lipid information to assess more elaborated scientific questions. 
However, thousands of individual lipid molecular species are present in cells imply-
ing that no single technique can effectively study all the lipid species [38]. When 
possible, combining techniques can be the best choice, because one can compensate 
for the limitation of the other, and bring complementary information and/or can 
validate the previous analysis data.

Usually, combined lipidomic techniques are applied for data validation. For 
instance, data obtained by shotgun lipidomics (direct infusion MS) can be validated 
using LC-MS-based analyses and vice versa. Other methods, including NMR, or 
chromatography-based analysis might be used to validate the total lipid content 
of a lipid class [5]. However, the combined use of lipidomic techniques can also be 
useful to improve the data information on the lipids from biological samples. For 
instance, to assess lipid changes during the response of hypoxia stress to a treatment 
in cervical cancer-derived cells (HeLa cells), Yu et al. [40] applied NMR technique 
for the phospholipid profile analysis and MS for phospholipids characterization. 
Also, Whiley et al. [61] investigated the plasma phosphatidylcholine metabolism 
using NMR and MS to obtain a fingerprint of three phosphatidylcholines (PC) mol-
ecules that significantly decrease in individuals with Alzheimer’s disease compared 
to healthy controls. Then, LC-MS and NMR were used for phosphatidylcholine and 
fatty acyl side chain validation and for total plasma choline validation, respectively. 
The study of Whiley et al. [61] illustrates the scientific value in combining different 
lipidomic tools to obtain complementary information and reinforce validation of 
the obtained data.

In conclusion, all available tools for lipidomic studies in biological samples have 
several advantages and limitations that can be overcome when combining more 
than one technique. Because this practice involves the availability of complex tech-
nologies and skilled labor, it is not always possible. In this scenario, the use of mass 
spectrometry alone can be the best alternative currently available when technique 
combination is impossible. However, NMR has a high potential and, in the future, 
may be expected to answer issues that MS is quite limited to do.
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nents of the cell membrane and then can affect several cellular functions. Disorders 
of sphingolipid metabolism are associated with lysosomal storage diseases and 
of lysoglycerophospholipid by phospholipase A2 activation are associated with 
lipotoxicity and inflammation. Accumulation of triacylglycerol (a glycerophospho-
lipid) is associated with lipotoxicity and insulin resistance, and the NEFA profile is 
a useful indicator of lipid metabolism and can add to understanding on molecular 
mechanisms underlying the metabolic syndrome [5].

Therefore, lipidomic tools are particularly useful to identify and understand 
changes in metabolic pathways and the underlying mechanisms enrolled in the 
pathophysiology of human health, such as metabolic diseases. One practical exam-
ple is data from Meikle et al. [60] study that measured 259 lipid species in plasma 
samples from prediabetic, diabetic and normal glucose tolerant patients, including 
sphingolipids, phospholipids, glycerolipids, and cholesterol ester. The authors used 
electrospray ionization-tandem mass spectrometry in previous precursor ion and 
neutral loss scans on control plasma extracts, MRM experiments for the major 
species of each lipid class identified in plasma, and quantification using internal 
standards. These approaches highlighted that metabolic pathways altered in type 
2 diabetes include a deregulation of lipid homeostasis, characterized by abnormal 
plasma-free fatty acids accumulation.

In lipidomic studies, beyond the care of equipment calibration and accuracy of 
the experiments, special cares of analytical procedures must be planned to have 
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choice of the most suitable lipidomic tool to be used for a specific biological assay 
is closely linked to the study aim. Next-generation techniques (MS and NMR) can 
provide detailed lipid information to assess more elaborated scientific questions. 
However, thousands of individual lipid molecular species are present in cells imply-
ing that no single technique can effectively study all the lipid species [38]. When 
possible, combining techniques can be the best choice, because one can compensate 
for the limitation of the other, and bring complementary information and/or can 
validate the previous analysis data.

Usually, combined lipidomic techniques are applied for data validation. For 
instance, data obtained by shotgun lipidomics (direct infusion MS) can be validated 
using LC-MS-based analyses and vice versa. Other methods, including NMR, or 
chromatography-based analysis might be used to validate the total lipid content 
of a lipid class [5]. However, the combined use of lipidomic techniques can also be 
useful to improve the data information on the lipids from biological samples. For 
instance, to assess lipid changes during the response of hypoxia stress to a treatment 
in cervical cancer-derived cells (HeLa cells), Yu et al. [40] applied NMR technique 
for the phospholipid profile analysis and MS for phospholipids characterization. 
Also, Whiley et al. [61] investigated the plasma phosphatidylcholine metabolism 
using NMR and MS to obtain a fingerprint of three phosphatidylcholines (PC) mol-
ecules that significantly decrease in individuals with Alzheimer’s disease compared 
to healthy controls. Then, LC-MS and NMR were used for phosphatidylcholine and 
fatty acyl side chain validation and for total plasma choline validation, respectively. 
The study of Whiley et al. [61] illustrates the scientific value in combining different 
lipidomic tools to obtain complementary information and reinforce validation of 
the obtained data.

In conclusion, all available tools for lipidomic studies in biological samples have 
several advantages and limitations that can be overcome when combining more 
than one technique. Because this practice involves the availability of complex tech-
nologies and skilled labor, it is not always possible. In this scenario, the use of mass 
spectrometry alone can be the best alternative currently available when technique 
combination is impossible. However, NMR has a high potential and, in the future, 
may be expected to answer issues that MS is quite limited to do.
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Chapter 3

Plant Lipid Metabolism
Fatiha AID

Abstract

In plants, the synthesis of fatty acids takes place in the chloroplast and the fatty 
acid synthase is prokaryotic type. In plants, the structure of membrane lipids is dif-
ferent from that of eukaryotic cells. The membranes of the chloroplasts are essentially 
formed of galatolipids. This chapter will also focus on the structure and biosynthesis 
of fatty acids and membrane lipids in plants. Lipids of seeds are essentially composed 
of TAG; it would be interesting to describe their synthesis during the maturation of 
the seeds. Some plants contain in their reserve lipids unconventional fatty acids such 
as gamma linolenic acid in Borrago officinalis L., short-chain fatty acids C: 12 and C: 
10, fatty acids with very long chains, and fatty acids that are cyclical. All of these fatty 
acids can have industrial and/or pharmaceutical applications.

Keywords: fatty acid, lipids, biosynthesis, plant

1. Introduction

Plants produce the majority of lipids in the world. These lipids are the main 
source of calories and essential fatty acids for men and animals. Plants synthesize a 
huge variety of fatty acids although only a few are major and common constituents 
[1] like palmitic, oleic, linoleic, and linolenic acids. Like other eukaryotes, lipids are 
necessary for the biogenesis of cell membranes, as signal molecules and especially 
as a source of carbon and energy. In plants, carbon, energy, and reducing power are 
needed for fatty acid biosynthesis derived from photosynthesis in chloroplasts [2]. 
This chapter will describe lipid biosynthesis in plants by signaling differences with 
other organisms and highlighting the specificity of plants.

Fatty acid biosynthesis in plants occurs in the chloroplasts of green tissue and in 
the plastids of nonphotosynthetic tissues and not in the cytosol as in the animal cell. 
Although de novo synthesis is located in the stroma, plant mitochondria are capable 
of limited fatty acid synthesis [3]. The plastid membranes are mainly composed 
of galactolipids, while those of extrachloroplast membranes consist of phospho-
lipids as in the animal cell [4]. Fatty acids in cell membranes consist mainly of 
palmitic, stearic, oleic, linoleic, and linolenic acids. All double bonds are of cis type. 
However, in the chloroplast, phosphatidyl glycerol (PG) is acylated with an unusual 
acid having a trans-type double bond: Δ3 16: 1t [5].

Photosynthetic tissues of higher plants contain 60–70% trienoic fatty acids. The 
so-called “C18: 3” plants are generally the most advanced families of angiosperms 
(pea, spinach, etc.) whose position sn-2 of the galactolipids is esterified exclusively 
by polyunsaturated fatty acids with 18 carbon atoms. The “C16: 3” plants are gener-
ally the less evolved families of angiosperms (Brassicaceae) whose position sn-2 of 
the galactolipids is esterified by polyunsaturated fatty acids with 16 or 18 carbon 
atoms [6].
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Figure 1. 
Structure of the two types of ACCase. (A) The multisubunit (MS complex) ACCase and (B) the 
multifunctional (MF) ACCase. BCCP, biotin carboxyl carrier protein; BC, biotin carboxylase; α and β CT, α 
and β carboxy transferase; VLCFA, very long-chain fatty acids.

Plant lipids have a substantial impact on the world economy and human nutrition. 
The majority of oils used by humans are triacylglycerols derived from seeds or fruits. 
Indeed, the seeds are subdivided into three categories according to their reserve. Seeds 
that contain more than 45% protein are called protein seeds. Starchy seeds contain 
more than 70% of carbohydrates like cereals. Oleaginous seeds contain more than 50% 
of lipids in the form of triacylglycerol esterified generally by palmitic, oleic, linoleic, 
and linolenic acids in majority of seeds. Some plants can produce unusual fatty acids 
like hydroxyl fatty acids, cyclopropane fatty acids, epoxy fatty acids, and conjugated 
unsaturated fatty acids in their seed oils, many of which have useful industrial applica-
tions [7]. These unusual fatty acids accumulate preferentially in triacylglycerols.

2. Fatty acid synthesis

In plants, de novo fatty acid biosynthesis mainly takes place in the plastidial 
compartment [8] from acetyl CoA, which is a direct product of photosynthesis. 
Plastid pyruvate dehydrogenase (EC 1.2.4.1) is the main route for a rapid and stable 
supply of acetyl CoA through its action on pyruvate (resulting from glycolysis or the 
pentose phosphate pathway). Another possible source is the import and activation 
of free acetate by acetyl CoA synthase (ACS, EC 6.2.1.1) [9]. The major product of 
FAS is palmitic acid, except the elongation of palmitic acid and the desaturation of 
stearic acid which take place in the chloroplast. Other changes (elongation, desatu-
ration, hydroxylation, and epoxidation) occur mainly in the endoplasmic reticulum.

Two enzyme systems are required for fatty acid formation: acetyl CoA carbox-
ylase (ACCase, EC 6.4.1.2) of which two forms have been identified in plants [10] 
and fatty acid synthase which is a multienzyme complex present in the stroma of 
chloroplasts [11].

2.1 Acetyl CoA carboxylase (ACCase)

The first enzyme complex is the ACCase that catalyzes an ATP-dependent 
carboxylation of acetyl CoA to malonyl CoA. For plants, acetyl CoA carboxylase 
(ACCase) directs the flow of carbon from photosynthesis to primary and second-
ary metabolites. Two distinct molecular forms of ACCase have been identified, a 
multiprotein complex and a multifunctional protein [12] (Figure 1).
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The multisubunit (MS complex) ACCase, present in plastids of all plants, except 
Poaceae and Geraniaceae, is involved in de novo fatty acid synthesis [13]. It is com-
posed of four independent polypeptides: biotin carboxyl carrier protein (BCCP), 
biotin carboxylase (BC) and α and β carboxy transferase (α and β CT). The biotin 
carboxylase (BC) subunit catalyzes the ATP-dependent carboxylation of the bioti-
nyl moeity on biotin carboxyl carrier protein (BCCP), and the carboxytransferase 
(CT) subunits catalyze the transfer of activated carboxyl groups from BCCP to 
acetyl CoA to form malonyl CoA.

The multifunctional (MF) ACCase, consisting of a single 220–240 kDa polypep-
tide with BCCP, BC, and CT domains, is nuclear encoded except the αCT subunit 
which is encoded by the plastidial genome [13]. In all plants, MF ACCase is involved 
in very long-chain fatty acid and flavonoid biosynthesis in the cytosol [13].

The sensitivity of plastidial ACCase to sethoxydim and the presence of a 220-
kDa biotinylated polypeptide in soybean plastids provide a biochemical indication 
for the possible presence of two ACCase isoforms, one resistant (MS) and one 
sensitive (MF), in soybean leaf chloroplasts [14].

2.2 Fatty acid synthase (FAS)

The second enzyme complex involved in de novo synthesis is the fatty acid 
synthase (FAS). In nature, fatty acid synthases are subdivided into two groups. 
The fatty acid synthase type I which is characterized by a large, multifunctional 
proteins typical of yeast and mammals and the fatty acid synthase type II, found in 
prokaryotes which is composed of four dissociable proteins that catalyze individual 
reactions. Although plant cells are eukaryotic, the fatty acid synthase found in 
plastids is of type II [15]. Plant fatty acid synthase has inherited from photosyn-
thetic prokaryotes; plastids being considered by the endosymbiotic theory as an old 
cyanobacteria. In plants, acyl carrier protein (ACP) is used as the acyl carrier for 
the various intermediate for fatty acid synthase unlike other eukaryotic cells where 
fatty acids are in acyl CoA form [15].

The initial substrates for fatty acid biosynthesis are acetyl CoA and malonyl-
ACPs. The transfer of malonyl moiety from CoA to ACP is catalyzed by malonyl 
CoA:ACP transacylase (MAT). After the initial condensation of acetyl CoA and 
malonyl-ACP, all the intermediates for each step of the fatty acid biosynthetic 
pathway are acyl-ACPs.

AGS is composed of four enzymes: ketoacyl-ACP synthase (KAS, EC 2.3.1.41), 
β-ketoacyl-ACP reductase (EC 1.1.1.100), hydroxy acyl-ACP dehydrase (EC 
4.2.1.59), and enoylacyl-ACP reductase (EC 1.3.1.9). All components of fatty acid 
synthase occur in plastids, although they are encoded in the nuclear genome and 
synthesized on cytosolic ribosomes. There are four sequential reactions involved in 
two-carbon addition (Figure 2).

The first condensation takes place between acetyl CoA and malonyl-ACP This 
reaction is catalyzed by 1,3-ketoacyl-ACP synthase III (KAS, EC 2.3.1.41), one of 
three ketoacyl synthases in plant systems [15]. KAS I is responsible for the conden-
sations in each elongation cycle up through that producing palmitoyl-ACP (16:0-
ACP). KAS II is dedicated to the final plastidial elongation, that of palmitoyl-ACP 
(16:0-ACP) to stearoyl-ACP (18:0-ACP).

The β-ketoacyl-ACP formed during the condensation reaction successively 
undergoes a reduction reaction by β-ketoacyl-ACP reductase (EC 1.1.1.100), dehy-
dration by the β hydroxyacyl-ACP dehydratase (EC 4.2.1.59) and a further reduction 
by enoylacyl-ACP reductase (EC 1.3.1.9) to give butyryl-ACP. The coenzyme of the 
two oxidation-reduction reactions is NADPH (Figure 3). The butyryl-ACP formed 
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Figure 1. 
Structure of the two types of ACCase. (A) The multisubunit (MS complex) ACCase and (B) the 
multifunctional (MF) ACCase. BCCP, biotin carboxyl carrier protein; BC, biotin carboxylase; α and β CT, α 
and β carboxy transferase; VLCFA, very long-chain fatty acids.

Plant lipids have a substantial impact on the world economy and human nutrition. 
The majority of oils used by humans are triacylglycerols derived from seeds or fruits. 
Indeed, the seeds are subdivided into three categories according to their reserve. Seeds 
that contain more than 45% protein are called protein seeds. Starchy seeds contain 
more than 70% of carbohydrates like cereals. Oleaginous seeds contain more than 50% 
of lipids in the form of triacylglycerol esterified generally by palmitic, oleic, linoleic, 
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In plants, de novo fatty acid biosynthesis mainly takes place in the plastidial 
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Plastid pyruvate dehydrogenase (EC 1.2.4.1) is the main route for a rapid and stable 
supply of acetyl CoA through its action on pyruvate (resulting from glycolysis or the 
pentose phosphate pathway). Another possible source is the import and activation 
of free acetate by acetyl CoA synthase (ACS, EC 6.2.1.1) [9]. The major product of 
FAS is palmitic acid, except the elongation of palmitic acid and the desaturation of 
stearic acid which take place in the chloroplast. Other changes (elongation, desatu-
ration, hydroxylation, and epoxidation) occur mainly in the endoplasmic reticulum.

Two enzyme systems are required for fatty acid formation: acetyl CoA carbox-
ylase (ACCase, EC 6.4.1.2) of which two forms have been identified in plants [10] 
and fatty acid synthase which is a multienzyme complex present in the stroma of 
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2.1 Acetyl CoA carboxylase (ACCase)
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(ACCase) directs the flow of carbon from photosynthesis to primary and second-
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multiprotein complex and a multifunctional protein [12] (Figure 1).

43

Plant Lipid Metabolism
DOI: http://dx.doi.org/10.5772/intechopen.81355

The multisubunit (MS complex) ACCase, present in plastids of all plants, except 
Poaceae and Geraniaceae, is involved in de novo fatty acid synthesis [13]. It is com-
posed of four independent polypeptides: biotin carboxyl carrier protein (BCCP), 
biotin carboxylase (BC) and α and β carboxy transferase (α and β CT). The biotin 
carboxylase (BC) subunit catalyzes the ATP-dependent carboxylation of the bioti-
nyl moeity on biotin carboxyl carrier protein (BCCP), and the carboxytransferase 
(CT) subunits catalyze the transfer of activated carboxyl groups from BCCP to 
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tide with BCCP, BC, and CT domains, is nuclear encoded except the αCT subunit 
which is encoded by the plastidial genome [13]. In all plants, MF ACCase is involved 
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thetic prokaryotes; plastids being considered by the endosymbiotic theory as an old 
cyanobacteria. In plants, acyl carrier protein (ACP) is used as the acyl carrier for 
the various intermediate for fatty acid synthase unlike other eukaryotic cells where 
fatty acids are in acyl CoA form [15].

The initial substrates for fatty acid biosynthesis are acetyl CoA and malonyl-
ACPs. The transfer of malonyl moiety from CoA to ACP is catalyzed by malonyl 
CoA:ACP transacylase (MAT). After the initial condensation of acetyl CoA and 
malonyl-ACP, all the intermediates for each step of the fatty acid biosynthetic 
pathway are acyl-ACPs.

AGS is composed of four enzymes: ketoacyl-ACP synthase (KAS, EC 2.3.1.41), 
β-ketoacyl-ACP reductase (EC 1.1.1.100), hydroxy acyl-ACP dehydrase (EC 
4.2.1.59), and enoylacyl-ACP reductase (EC 1.3.1.9). All components of fatty acid 
synthase occur in plastids, although they are encoded in the nuclear genome and 
synthesized on cytosolic ribosomes. There are four sequential reactions involved in 
two-carbon addition (Figure 2).

The first condensation takes place between acetyl CoA and malonyl-ACP This 
reaction is catalyzed by 1,3-ketoacyl-ACP synthase III (KAS, EC 2.3.1.41), one of 
three ketoacyl synthases in plant systems [15]. KAS I is responsible for the conden-
sations in each elongation cycle up through that producing palmitoyl-ACP (16:0-
ACP). KAS II is dedicated to the final plastidial elongation, that of palmitoyl-ACP 
(16:0-ACP) to stearoyl-ACP (18:0-ACP).

The β-ketoacyl-ACP formed during the condensation reaction successively 
undergoes a reduction reaction by β-ketoacyl-ACP reductase (EC 1.1.1.100), dehy-
dration by the β hydroxyacyl-ACP dehydratase (EC 4.2.1.59) and a further reduction 
by enoylacyl-ACP reductase (EC 1.3.1.9) to give butyryl-ACP. The coenzyme of the 
two oxidation-reduction reactions is NADPH (Figure 3). The butyryl-ACP formed 
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will be extended by two further C2 units after further condensation with malonyl-
ACP. The β-ketoacyl-ACP synthase I (KASI) catalyzes this reaction. After seven 
rounds of cycle, palmitoyl-ACP is formed.

Although the final product of fatty acid synthase is palmitic acid, two other 
common fatty acids are synthesized in the chloroplast stroma. These are stearic and 
oleic acids. The palmitoyl-ACP (C16:0-ACP) will be extended by two new units to 
form a stearoyl-ACP (C18:0-ACP) chain by a plastid soluble stearoyl-ACP synthase 
which is a multienzymatic complex composed of four enzymes (KASII, enoyl-ACP 
reductase, hydroxyacyl-ACP dehydrase, and enoylacyl-ACP reductase) [16].

The formed stearoyl-ACP is then desaturated with a plastidial soluble stearoyl-
ACP desaturase (SAD, EC 1.14. 19.2) in oleoyl-ACP (C18:1Δ9-ACP) [17]. This 
enzyme is a nuclear-encoded, plastid-localized soluble desaturase that introduces 
the first Δ9 double bond into the saturated fatty acid resulting in the conversion of 
18:0-ACP into 18:1Δ9-ACP [18].

The lack of structural similarity between plant and mammalian desaturase 
reflects the facts that the fatty acid substrates are on different carriers (ACP and 

Figure 2. 
Plant fatty acid biosynthesis. This chain requires a carboxylation reaction of acetyl CoA to malonyl CoA, 
an activation reaction of malonyl CoA to malonyl-ACP, a condensation reaction between acetyl CoA and 
malonyl-ACP to form β-ketoacyl-ACP, which undergoes in turn a reduction reaction, dehydration, and a 
second reduction extending the fatty acid of two carbon atoms.
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CoA, respectively),that the enzymes utilize different electron donors (ferredoxin 
vs. cytochrome b5), and that the plant enzyme is soluble, whereas the animal and 
fungal enzymes are integral membrane protein [19]. This enzyme plays a key role in 
determining the ratio of saturated to unsaturated fatty acids [17].

3. Glycerolipids as substrates for desaturation

In addition to the soluble acyl-ACP desaturases, the fatty acids synthesized in the 
chloroplast (palmitate, stearate, and oleate) are desaturated by membrane-bound 
desaturases that utilize complex lipid substrates such as phosphatidylcholine (PC) 
in the endoplasmic reticulum (ER) or monogalactosyl-diacylglycerol (MGDG) in 
the plastid [16]. These fatty acids were used for the synthesis of glycerolipids by two 
distinct metabolic pathways (prokaryotic and eukaryotic pathway) and in different 
cellular compartments (plastids and ER) [20].

The importance of both biosynthetic pathway depends on the plant species. 
In the “C18:3” plants photosynthetically active, only the extrachloroplast galac-
tolipid pathway is functional; in the case of “C16:3” plants, the two pathways 
coexist and their importance differs according to the species and the conditions of 
the environment.

3.1 Importance of thioesterases

The flow of fatty acids (palmitoyl-ACP, oleoyl-ACP, and to a lesser extent 
stearoyl-ACP) through the two pathways would be subject to severe control. Two 
acyl-ACPs thioesterase enzymes and a chloroplast glycerol 3-phosphate acyl trans-
ferase play a very important role. Indeed, the acyl residues enter directly into the 
extrachloroplast pathway after having been hydrolyzed by fatty acyl-ACPs thioes-
terases FAT (A EC 3.1.2.14 and B EC 3.1.2.22) [22, 23] or in the chloroplast pathway 
after being acylated by acyl transferases [21].

The released palmitic, oleic, and stearic acids are then activated into coenzyme 
A ester by the action of long-chain acyl-CoA synthetase (LACS, EC 6.2.1.3) [24] and 
are exported to the cytosol (Figure 3).

Figure 3. 
Schematic representation of the export of fatty acids from the plastid to the cytosol. ACC, acetyl CoA 
carboxylase; ACP, acyl carrier protein; FA, fatty acid; CoA, coenzyme A; FAS, fatty acid synthase; FAT A/B, 
fatty acyl-ACP thioesterase A/B; LACS, long-chain acyl CoA synthase; PAE, palmitoyl-ACP elongase; SAD, 
stearoyl-ACP desaturase.



Advances in Lipid Metabolism

44

will be extended by two further C2 units after further condensation with malonyl-
ACP. The β-ketoacyl-ACP synthase I (KASI) catalyzes this reaction. After seven 
rounds of cycle, palmitoyl-ACP is formed.

Although the final product of fatty acid synthase is palmitic acid, two other 
common fatty acids are synthesized in the chloroplast stroma. These are stearic and 
oleic acids. The palmitoyl-ACP (C16:0-ACP) will be extended by two new units to 
form a stearoyl-ACP (C18:0-ACP) chain by a plastid soluble stearoyl-ACP synthase 
which is a multienzymatic complex composed of four enzymes (KASII, enoyl-ACP 
reductase, hydroxyacyl-ACP dehydrase, and enoylacyl-ACP reductase) [16].

The formed stearoyl-ACP is then desaturated with a plastidial soluble stearoyl-
ACP desaturase (SAD, EC 1.14. 19.2) in oleoyl-ACP (C18:1Δ9-ACP) [17]. This 
enzyme is a nuclear-encoded, plastid-localized soluble desaturase that introduces 
the first Δ9 double bond into the saturated fatty acid resulting in the conversion of 
18:0-ACP into 18:1Δ9-ACP [18].

The lack of structural similarity between plant and mammalian desaturase 
reflects the facts that the fatty acid substrates are on different carriers (ACP and 

Figure 2. 
Plant fatty acid biosynthesis. This chain requires a carboxylation reaction of acetyl CoA to malonyl CoA, 
an activation reaction of malonyl CoA to malonyl-ACP, a condensation reaction between acetyl CoA and 
malonyl-ACP to form β-ketoacyl-ACP, which undergoes in turn a reduction reaction, dehydration, and a 
second reduction extending the fatty acid of two carbon atoms.

45

Plant Lipid Metabolism
DOI: http://dx.doi.org/10.5772/intechopen.81355

CoA, respectively),that the enzymes utilize different electron donors (ferredoxin 
vs. cytochrome b5), and that the plant enzyme is soluble, whereas the animal and 
fungal enzymes are integral membrane protein [19]. This enzyme plays a key role in 
determining the ratio of saturated to unsaturated fatty acids [17].

3. Glycerolipids as substrates for desaturation

In addition to the soluble acyl-ACP desaturases, the fatty acids synthesized in the 
chloroplast (palmitate, stearate, and oleate) are desaturated by membrane-bound 
desaturases that utilize complex lipid substrates such as phosphatidylcholine (PC) 
in the endoplasmic reticulum (ER) or monogalactosyl-diacylglycerol (MGDG) in 
the plastid [16]. These fatty acids were used for the synthesis of glycerolipids by two 
distinct metabolic pathways (prokaryotic and eukaryotic pathway) and in different 
cellular compartments (plastids and ER) [20].

The importance of both biosynthetic pathway depends on the plant species. 
In the “C18:3” plants photosynthetically active, only the extrachloroplast galac-
tolipid pathway is functional; in the case of “C16:3” plants, the two pathways 
coexist and their importance differs according to the species and the conditions of 
the environment.

3.1 Importance of thioesterases

The flow of fatty acids (palmitoyl-ACP, oleoyl-ACP, and to a lesser extent 
stearoyl-ACP) through the two pathways would be subject to severe control. Two 
acyl-ACPs thioesterase enzymes and a chloroplast glycerol 3-phosphate acyl trans-
ferase play a very important role. Indeed, the acyl residues enter directly into the 
extrachloroplast pathway after having been hydrolyzed by fatty acyl-ACPs thioes-
terases FAT (A EC 3.1.2.14 and B EC 3.1.2.22) [22, 23] or in the chloroplast pathway 
after being acylated by acyl transferases [21].

The released palmitic, oleic, and stearic acids are then activated into coenzyme 
A ester by the action of long-chain acyl-CoA synthetase (LACS, EC 6.2.1.3) [24] and 
are exported to the cytosol (Figure 3).
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Figure 4. 
Possible desaturation scheme of prokaryotic MGDG in plastids.

Plants export sufficient fatty acid (16: 0-CoA, 18: 0-CoA, 18: 1-CoA) for lipid 
synthesis of extraplastid membranes and TAG of seed lipids of all plants.

3.2 Prokaryotic pathway

The prokaryotic pathway uses acyl-ACPs for PA and PG synthesis in all plants, 
and galactolipids (MGDG, DGDG, and SQDG) of so-called “C16:3” plants. This 
pathway is similar to the pathway demonstrated in photosynthetic prokaryotes [22].

The prokaryotic pathway is distinguished from the eukaryotic one by the pres-
ence of C16 fatty acids at the sn-2 position of the glycerol backbone. This pathway is 
characterized by the presence of molecular species 18: 3/16: 3 MGDG [23].

The major molecular species of MGDG synthesized by the prokaryotic pathway 
generally contain α-linolenic acid (C18:3), exclusively on the sn-1 position of glyc-
erol backbone, while the sn-2 position is esterified by hexadecatrienoic acid (C16:3), 
resulting in desaturation of palmitic acid. The prokaryotic pathway, exclusively 
localized in plastids, therefore requires desaturation steps.

The DAG, precursor of prokaryotic MGDG, is an 18:1/16:0 DAG (Figure 5). The 
first molecular species synthesized by MGDG synthase is 18:1/16 0 MGDG. The 
palmitoyl residue is desaturated to a cis-hexadecenoyl residue by an ω9 desaturase, 
which is specific for both, the sn2 position of the fatty acid on glycerol and lipids 
(MGDG) [24, 25]. The ω9 desaturase is much more active on the palmitoyl residue 
in the sn2 position of glycerol of the MGDG than on the one located in the position 
sn2 of the DGDG.

The ω6 and ω3 desaturases, respectively, catalyze the desaturation of the 
monounsaturated acyls (hexadecenoyl and oleoyl) and diunsaturated (hexadecadi-
enoyl and linoleoyl) residues. These desaturases have no specificity with respect to 
the length of the fatty acid chain or its position on glycerol. The ω6 desaturase acts 
equally well on the hexadecenoyl and oleoyl residues located at the sn2 and sn1 posi-
tions of the MGDGs and DGDGs. The desaturation of palmitic acid to hexadecenoyl 
acid is a prerequisite for other desaturations [26] (Figure 4).

This desaturation scheme is similar to that proposed for the desaturation of lipid 
acyls in the blue seaweed Anabaena variabilis [22].

Phosphatidyl glycerol synthesis occurs in both “C16:3” and “C18: 3” plants in 
the chloroplast. It involves in a first step the phosphatidic acid (PA) and CDP DAG 
which is of prokaryotic type. About 30–40% of the palmitoyl residue at position 
sn-2 of PG is desaturated at carbon 3 to form 3-trans-hexadecenoic acid [27]. The 
structure of this fatty acid is unusual; in plants, all the double bonds of the fatty 
acids of the membrane lipids are of cis type with the exception of this fatty acid.

3.3 Eukaryotic pathway

The second pathway, called the “eukaryotic” pathway, leads to the formation 
of two types of MGDG molecular species; one of them contains α-linoleate in both 
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positions of glycerol and the other molecular species contains α-linoleate in position 
sn-2 and palmitate in position sn-1. This pathway requires cooperation between 
plastids and the endoplasmic reticulum for the formation of glyceroglycolipids in 
chloroplasts [23, 28].

The oleate integrated into PC molecules at the position sn-2 of glycerol backbone 
undergoes a succession of desaturations catalyzed by the (ω-6, Δ12) oleate desatu-
rase, still identified by the fad2 mutation of Arabidopsis and allowing the synthesis 
of linoleic acid and the (ω-3, Δ15) linoleate desaturase, identified by the fad3 muta-
tion of Arabidopsis, which allows the synthesis of α-linoleic acid. Mutants deficient 
for the lysophosphatidylcholine acyltransferase (LPCAT1 and LPCAT2 genes) have 
reduced levels of polyunsaturated FA (PUFA) in TAGs [29].

After desaturation as acyl-PC, a part of them, probably in the form of DAG, 
returns to the chloroplast and contributes to the formation of chloroplast galactolip-
ids (Figure 5). These DAGs can be desaturated by chloroplast desaturases [30, 31].

It is therefore possible to judge the relative contributions of the prokaryotic and 
eukaryotic pathways by comparing the proportions of eukaryotic 18/18 and 16/18 
glycerolipids with prokaryotic 18/16 glycerolipids.

4. Synthesis of membrane glycerolipids

Membranes of eukaryotic cells have multiple functions in ensuring physical 
compartmentalization at the cellular and subcellular levels, the regulation of 
exchanges by the transport of metabolites and macromolecules, cellular commu-
nication (hormone receptors, surface antigens, signal transduction, etc.), and in 
some specific metabolic reactions. In the same cell, it is therefore not surprising to 
encounter different types of membranes with a specific lipid and protein composi-
tion that will determine their respective functions [32]. This synthesis is mainly car-
ried out by two metabolic pathways described as prokaryotic and eukaryotic [33].

4.1 Synthesis of plastid lipids

Eukaryotic DAGs and prokaryotic DAG structures are the precursors of gly-
colipid synthesis (SQDG, MGDG, and DGDG). There are therefore two types of 
glycolipids: prokaryotic glycolipids whose DAG backbone is of the C18/C16 type 
and which are desaturated exclusively in the plastid and eukaryotic glycolipids 
including DAGs of the type (C18:1/C18:1 and C16:0/C18:1) are derived from 
phosphatidylcholine and are desaturated in RE and plastid [34]. The synthesis of 
glycolipids, being localized in the membranes of the plastid envelope, thus requires 
a mechanism for importing DAGs of eukaryotic structure. These differences in 
DAG structure are due to different specificities of the chloroplast and ER acyl 
transferases. The first step of the prokaryotic pathway is the transfer of the oleate to 

Figure 5. 
Scheme of possible ways for the synthesis of eukaryotic-type MGDG in spinach, C16: 3 plants according to [25].
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Figure 4. 
Possible desaturation scheme of prokaryotic MGDG in plastids.

Plants export sufficient fatty acid (16: 0-CoA, 18: 0-CoA, 18: 1-CoA) for lipid 
synthesis of extraplastid membranes and TAG of seed lipids of all plants.

3.2 Prokaryotic pathway

The prokaryotic pathway uses acyl-ACPs for PA and PG synthesis in all plants, 
and galactolipids (MGDG, DGDG, and SQDG) of so-called “C16:3” plants. This 
pathway is similar to the pathway demonstrated in photosynthetic prokaryotes [22].

The prokaryotic pathway is distinguished from the eukaryotic one by the pres-
ence of C16 fatty acids at the sn-2 position of the glycerol backbone. This pathway is 
characterized by the presence of molecular species 18: 3/16: 3 MGDG [23].

The major molecular species of MGDG synthesized by the prokaryotic pathway 
generally contain α-linolenic acid (C18:3), exclusively on the sn-1 position of glyc-
erol backbone, while the sn-2 position is esterified by hexadecatrienoic acid (C16:3), 
resulting in desaturation of palmitic acid. The prokaryotic pathway, exclusively 
localized in plastids, therefore requires desaturation steps.

The DAG, precursor of prokaryotic MGDG, is an 18:1/16:0 DAG (Figure 5). The 
first molecular species synthesized by MGDG synthase is 18:1/16 0 MGDG. The 
palmitoyl residue is desaturated to a cis-hexadecenoyl residue by an ω9 desaturase, 
which is specific for both, the sn2 position of the fatty acid on glycerol and lipids 
(MGDG) [24, 25]. The ω9 desaturase is much more active on the palmitoyl residue 
in the sn2 position of glycerol of the MGDG than on the one located in the position 
sn2 of the DGDG.

The ω6 and ω3 desaturases, respectively, catalyze the desaturation of the 
monounsaturated acyls (hexadecenoyl and oleoyl) and diunsaturated (hexadecadi-
enoyl and linoleoyl) residues. These desaturases have no specificity with respect to 
the length of the fatty acid chain or its position on glycerol. The ω6 desaturase acts 
equally well on the hexadecenoyl and oleoyl residues located at the sn2 and sn1 posi-
tions of the MGDGs and DGDGs. The desaturation of palmitic acid to hexadecenoyl 
acid is a prerequisite for other desaturations [26] (Figure 4).

This desaturation scheme is similar to that proposed for the desaturation of lipid 
acyls in the blue seaweed Anabaena variabilis [22].

Phosphatidyl glycerol synthesis occurs in both “C16:3” and “C18: 3” plants in 
the chloroplast. It involves in a first step the phosphatidic acid (PA) and CDP DAG 
which is of prokaryotic type. About 30–40% of the palmitoyl residue at position 
sn-2 of PG is desaturated at carbon 3 to form 3-trans-hexadecenoic acid [27]. The 
structure of this fatty acid is unusual; in plants, all the double bonds of the fatty 
acids of the membrane lipids are of cis type with the exception of this fatty acid.

3.3 Eukaryotic pathway

The second pathway, called the “eukaryotic” pathway, leads to the formation 
of two types of MGDG molecular species; one of them contains α-linoleate in both 
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positions of glycerol and the other molecular species contains α-linoleate in position 
sn-2 and palmitate in position sn-1. This pathway requires cooperation between 
plastids and the endoplasmic reticulum for the formation of glyceroglycolipids in 
chloroplasts [23, 28].

The oleate integrated into PC molecules at the position sn-2 of glycerol backbone 
undergoes a succession of desaturations catalyzed by the (ω-6, Δ12) oleate desatu-
rase, still identified by the fad2 mutation of Arabidopsis and allowing the synthesis 
of linoleic acid and the (ω-3, Δ15) linoleate desaturase, identified by the fad3 muta-
tion of Arabidopsis, which allows the synthesis of α-linoleic acid. Mutants deficient 
for the lysophosphatidylcholine acyltransferase (LPCAT1 and LPCAT2 genes) have 
reduced levels of polyunsaturated FA (PUFA) in TAGs [29].

After desaturation as acyl-PC, a part of them, probably in the form of DAG, 
returns to the chloroplast and contributes to the formation of chloroplast galactolip-
ids (Figure 5). These DAGs can be desaturated by chloroplast desaturases [30, 31].

It is therefore possible to judge the relative contributions of the prokaryotic and 
eukaryotic pathways by comparing the proportions of eukaryotic 18/18 and 16/18 
glycerolipids with prokaryotic 18/16 glycerolipids.

4. Synthesis of membrane glycerolipids

Membranes of eukaryotic cells have multiple functions in ensuring physical 
compartmentalization at the cellular and subcellular levels, the regulation of 
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nication (hormone receptors, surface antigens, signal transduction, etc.), and in 
some specific metabolic reactions. In the same cell, it is therefore not surprising to 
encounter different types of membranes with a specific lipid and protein composi-
tion that will determine their respective functions [32]. This synthesis is mainly car-
ried out by two metabolic pathways described as prokaryotic and eukaryotic [33].
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Eukaryotic DAGs and prokaryotic DAG structures are the precursors of gly-
colipid synthesis (SQDG, MGDG, and DGDG). There are therefore two types of 
glycolipids: prokaryotic glycolipids whose DAG backbone is of the C18/C16 type 
and which are desaturated exclusively in the plastid and eukaryotic glycolipids 
including DAGs of the type (C18:1/C18:1 and C16:0/C18:1) are derived from 
phosphatidylcholine and are desaturated in RE and plastid [34]. The synthesis of 
glycolipids, being localized in the membranes of the plastid envelope, thus requires 
a mechanism for importing DAGs of eukaryotic structure. These differences in 
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Figure 5. 
Scheme of possible ways for the synthesis of eukaryotic-type MGDG in spinach, C16: 3 plants according to [25].



Advances in Lipid Metabolism

48

a glycerol-3-phosphate at position sn-1 by an acyl ACP-glycerol 3 phosphate acyl-
transferase (EC 2.3.1.1), soluble in the stroma of the plastid [35]. Lysophosphatidic 
acid (LPA) is thus formed. A second plastid-related plastid acyltransferase, the 
LPA-ACP acyltransferase, catalyzes the esterification of palmitoyl-ACP at the sn-2 
position (LPAAT1; EC 2.3.1.51) [36]. This results in the synthesis of 18:1/16:0-PA.

Phosphatidic acid (PA) can either be converted to CDP-DAG by the action of a 
CTP-phosphatidate cytidylyltransferase (EC 2.7.7.41) which catalyzes the reaction 
between PA and CTP to form CDP-DAG and pyrophosphate or dephosphorylated to 
diacylglycerol (DAG) by phosphatidate phosphatase (PAP; EC 3.1.3.4). CDP-DAG 
will be used for the synthesis of phosphatidyl glycerol (PG) of the plastid [35] and 
DAG can be used for the synthesis of galactolipids (MGDG, DGDG) or a sulfolipid 
(sulfoquinovosyldiacylglycerol) (Figure 6).

From the phyllogenetic point of view, the difference between so-called “C16:3” 
and “C18:3” plants is related to the presence of plastid phosphatidate phosphatase 
in “C16: 3” plants, lost during evolution in “C18:3” plants. The chloroplast enzyme 
is clearly different from other phosphatidate phosphatases in the cell because it is 
membrane-bound, strongly associated with the inner membrane of the envelope, 
has an optimum alkaline pH, and is inhibited by cations such as Mg2+ [37]. The DAG 
thus produced (18/16 DAG) is at the origin of the glycolipids of prokaryotic struc-
ture, SQDG, MGDG, and DGDG (Figure 5).

4.1.1 Synthesis of monogalactosyl diacylglycerol (MGDG)

MGDG is synthesized in a single step by a 1,2-DAG 3-β-galactosyltransferase 
(or MGDG synthase) that transfers galactose from UDP-Gal to DAG via a β1 → 3 
glycosidic linkage [38]. MGDG synthase 1 catalyzes the synthesis of eukaryotic and 
prokaryotic MGDG molecules in vitro with no apparent specificity for either struc-
ture [38] and is at the origin of the majority of the MGDG synthesized in standard 

Figure 6. 
Biosynthesis of glycerolipids according to the prokaryotic pathway (MGDG, DGDG, SQDG, and PG). The 
enzymes involved are: (1) glycerol-3-phosphate acyl transferase; (2) 1-acyl-glycerol-3-phosphoacyltransferase; 
(3) phosphatidate phosphatase; (4) MGDG synthase; (5) SQDG synthase; (6) phosphatidate cytidyl 
transferase; (7) CDP-DAG: glycerol-3-phospho-cytidylyltransferase; (8) phosphatidate glycerophosphatase; d: 
desaturase.
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condition. In contrast, MGDG synthase 2 and 3 would be localized in the outer 
membrane [38]. These two enzymes have a better affinity for eukaryotic DAG (C18: 2/
C18: 2) [38] and would likely be in the supply of MGDG for synthesis of DGDG [39].

4.1.2 Synthesis of the DGDG

A small proportion of MGDGs are again glycosylated by DGDG synthase (EC 
2.4.1.241) to form DGDG. Two enzymes catalyze DGDG synthesis by adding Gal 
from UDP-Gal to MGDG via α1 → 6 glycosidic linkage [40]. DGDG synthase1 
acts preferentially on MGDG C18/C18, whereas DGDG synthase2 seems to have 
an affinity for MGDG with C16/18 [41]. These two enzymes would be localized in 
plastids, presumably in the outer membrane of the envelope [41].

4.1.3 Synthesis of sulfoquinovosyl-diacylglycerol SQDG

Similarly, a sulfolipid synthase (EC 3.13.1.1) catalyzes the attachment of UDP-
sulfoquinovose (UDP-SQ ) to the sn-3 position of DAG to form SQDG. The first step 
in the synthesis of SQDG or sulfolipid is the formation of UDP-SQ, a polar donor 
group [32]. The second reaction is catalyzed by a sulfolipid synthase (EC 3.13.1.1) 
that transfers SQ from UDP-SQ to a DAG molecule [42].

4.1.4 Synthesis of phosphatidylglycerol (PG)

Phosphatidic acid (PA) is also a substrate for CDP-DAG synthase (EC 2.7.7.41) 
to form CDP-DAG, the precursor of PG synthesis (Figure 5). In chloroplasts, PG 
is generated in the inner membrane of the envelope where phosphatidylglycerol-
phosphate synthase and phosphatidylglycerol-phosphate phosphatase (EC 3.1.3.27) 
activities have been detected [43].

The fatty acids that make up the various glycerolipids formed in the plastid are 
characterized by a high degree of unsaturations introduced by the various fatty acid 
desaturases (FAD6, FAD7 and FAD8, EC 1.14.19) to generate polyunsaturated fatty 
acids (PUFA) necessary for the proper functioning of plastids [43].

4.2 Synthesis of glycerophospholipids in the endoplasmic reticulum

A major proportion of palmitic and oleic acids are transported as CoA esters 
outside the chloroplast to be incorporated at the endoplasmic reticulum (ER) into 
the phospholipids (PC, PE, PI, and PS) (Figure 6). ER is the main site for the 
synthesis of phospholipids and triacylglycerol, which derive from lysophosphatidic 
acid (LPA) as for the prokaryotic pathway (Figure 7).

In plant, the glycerophosphate acyltransferase (GPAT) family is involved in the 
first reaction leading to LPA synthesis of the eukaryotic pathway [35]. In the second 
reaction, cytosolic lysophosphatidic acid acyl transferase (LPAAT2, EC 2.3.1.23) 
specifically incorporates oleic acid at the sn-2 position of LPA, which is the specific 
signature glycerolipids from the eukaryotic pathway.

Most of the flow of chloroplast-exported fatty acids is incorporated in 
phosphatidylcholine (PC) by a mechanism called “acyl editing” [40]. This 
mechanism consists of a deacylation-reacylation cycle of the PC which makes 
it possible to exchange acyls present on the PC with activated FAs taken from a 
cytosolic pool of free acyl CoA. The oleate exported from plastids, in the form 
of oleoyl CoA, is used as a substrate for the synthesis of polyunsaturated fatty 
acids which are inserted either in membrane lipids (PC, PE, and PI) or in storage 
lipids (triacylglycerols TAG).
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C18: 2) [38] and would likely be in the supply of MGDG for synthesis of DGDG [39].
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A small proportion of MGDGs are again glycosylated by DGDG synthase (EC 
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from UDP-Gal to MGDG via α1 → 6 glycosidic linkage [40]. DGDG synthase1 
acts preferentially on MGDG C18/C18, whereas DGDG synthase2 seems to have 
an affinity for MGDG with C16/18 [41]. These two enzymes would be localized in 
plastids, presumably in the outer membrane of the envelope [41].
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Phosphatidic acid (PA) is also a substrate for CDP-DAG synthase (EC 2.7.7.41) 
to form CDP-DAG, the precursor of PG synthesis (Figure 5). In chloroplasts, PG 
is generated in the inner membrane of the envelope where phosphatidylglycerol-
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activities have been detected [43].

The fatty acids that make up the various glycerolipids formed in the plastid are 
characterized by a high degree of unsaturations introduced by the various fatty acid 
desaturases (FAD6, FAD7 and FAD8, EC 1.14.19) to generate polyunsaturated fatty 
acids (PUFA) necessary for the proper functioning of plastids [43].
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A major proportion of palmitic and oleic acids are transported as CoA esters 
outside the chloroplast to be incorporated at the endoplasmic reticulum (ER) into 
the phospholipids (PC, PE, PI, and PS) (Figure 6). ER is the main site for the 
synthesis of phospholipids and triacylglycerol, which derive from lysophosphatidic 
acid (LPA) as for the prokaryotic pathway (Figure 7).

In plant, the glycerophosphate acyltransferase (GPAT) family is involved in the 
first reaction leading to LPA synthesis of the eukaryotic pathway [35]. In the second 
reaction, cytosolic lysophosphatidic acid acyl transferase (LPAAT2, EC 2.3.1.23) 
specifically incorporates oleic acid at the sn-2 position of LPA, which is the specific 
signature glycerolipids from the eukaryotic pathway.

Most of the flow of chloroplast-exported fatty acids is incorporated in 
phosphatidylcholine (PC) by a mechanism called “acyl editing” [40]. This 
mechanism consists of a deacylation-reacylation cycle of the PC which makes 
it possible to exchange acyls present on the PC with activated FAs taken from a 
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of oleoyl CoA, is used as a substrate for the synthesis of polyunsaturated fatty 
acids which are inserted either in membrane lipids (PC, PE, and PI) or in storage 
lipids (triacylglycerols TAG).
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In general, the synthesis of phospholipids is separated into three pathways: 
the phospholipids derived from cytidine diphosphate (CDP)-DAG (PI, PS), those 
derived from DAG (PC, PE) (Figure 6), and those from exchange of polar heads 
belonging to other phospholipids.

4.2.1 Phospholipids derived from CDP-DAG: PI and PS

PA can be converted to CDP-DAG by the action of a CTP phosphatidate cytidyl-
yltransferase. This enzyme catalyzes the reaction between a eukaryotic PA molecule 
and a CTP molecule to form CDP-DAG and pyrophosphate.

Phosphoinositides are an important group of complex structure. PI represents 
93% of phosphoinositides, while PIP (mainly PI-3P and PI-4P) and PIP2 (PI-(4,5) 
P2) represent less than 1%. These phosphoinositides play a major role in signaling 
processes. PI synthesis is catalyzed by PI synthase from free inositol and CDP-
DAG. PI-3P and PI-4P are formed by phosphorylation of PI, respectively, by PI 3- and 
PI 4-kinases. Finally, PIP2 is formed from PI-4P by PI-4P 5-kinase activity (Figure 7).

PS synthase catalyzes the addition of serine to CDP-DAG [44].

4.2.2 Lipids derived from DAG: PE and PC

The plants synthesize ethanolamine by decarboxylation of serine [45], by serine 
decarboxylase which is a soluble, plant-specific enzyme. The synthesized free etha-
nolamine is then phosphorylated by an ethanolamine kinase, specific for ethanol-
amine different from choline kinase [46]. Phosphoethanolamine is then converted 
to CDP-ethanolamine by a CTP: phosphoethanolamine cytidyl transferase. The 
last step of PE synthesis is catalyzed by a CDP-ethanolamine: DAG ethanolamine 

Figure 7. 
Biosynthesis of glycerolipids according to the eukaryotic pathway (PC, PE, PI, and PS). The enzymes involved 
are: (1) glycerol-3-phosphate acyl transferase; (2) 1-acyl-glycerol-3-phosphoacyltransferase; (3) phosphatidate 
phosphatase; (4) CDP-choline: DAG choline phosphotransferase; (5) CDP-ethanolamine: DAG ethanolamine 
phosphotransferase or PE synthase; (6) phosphatidate cytidyl transferase; (7) PS synthase; (8) PI synthase;  
(9) PS decarboxylase; (10) N-methyltransferase.
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phosphotransferase. This enzyme is an amino alcohol phosphotransferase that 
synthesizes both PE and PC [47] (Figure 7).

PC can also be synthesized by two different ways, either by methylation of PE 
with PE-N-methyltransferase, or by the addition of CDP-choline on DAG. The path-
way using CDP-choline is preponderant [48].

The synthesis of all these lipids, phospholipids, and glycolipids is localized in 
specific membranes. However, a large part of the lipids thus generated is present in 
other membranes than those in which they are synthesized (vacuole, plasma mem-
brane, and thylakoid). The cell therefore has specific lipid transport mechanisms.

5. TAG biosynthesis

TAGs are neutral lipids and are the major component of oilseed oil. These 
storage lipids represent the main source of carbon and energy mobilized during 
germination. Other tissues can also accumulate TAGs, such as senescence leaves or 
pollen grains [49, 50].

Their biosynthesis occurs at the ER membrane during the storage accumula-
tion phase after embryogenesis. The TAGs result from the esterification at the sn-3 
position of DAG of fatty acid from the pool of cytosolic acyl CoA by the action of 
diacylglycerol acyltransferase (DGAT, EC 2.3.1.20) or phospholipid: diacylglycerol 
acyltransferase (PDAT, EC 2.3.1.158) [17]. The acyl CoAs can be released from PC 
after desaturation with lyso-PC acyltransferase and reincorporated into the DAG-
TAG chain. This allows for a renewal of the fatty acid composition of TAGs [51].

5.1 Seed triacylglycerols often contain unusual fatty acids

More than 300 different fatty acids are known to occur in seed TAG. Chain 
length may range from less than 8 to over 22 carbons. The position and number of 
double bonds may also be unusual, and hydroxy, epoxy, or other functional groups 
can modify the acyl chain.

The synthesis of these unusual fatty acids involves just one additional or alterna-
tive enzymatic step from primary lipid metabolism. All the enzymes identified to 
date that are involved in unusual fatty acid biosynthesis are structurally related to 
enzymes of primary lipid metabolism. Many of the unusual fatty acids are found in 
taxonomically dispersed families implying that the recruitment of enzymes for the 
synthesis of these unusual fatty acids might have occurred a number of indepen-
dent times during angiosperm evolution.

Plants that synthesize unusual monounsaturated fatty acids have an additional 
desaturase, which is closely related to the Δ9-desaturase but introduces a double 
bond at a different location on the acyl-ACP. In coriander (Coriandrum sativum), 
petroselinic acid is synthesized by a desaturase that introduces a double bond 
between carbons 4 and 5 of a C16 acyl-ACP (Δ4-desaturase). This fatty acid is 
then extended by two carbons and cleaved from ACP to produce the free fatty acid. 
These last two steps are thought to require a specialized condensing enzyme and a 
specialized acyl-ACP thioesterase [52].

Plants that synthesize medium-chain fatty acids have several thioesterases. 
Indeed, plants that produce seeds with high concentrations of 8 to 14 carbon atoms, 
like Cuphea lanceolata rich in decanoic acid (C10: 0) Umbellularia californica rich 
in laurate (C12: 0) contain specific thioesterase for medium fatty acid chains. By 
removing acyl groups from ACP prematurely, the medium-chain thioesterases 
simultaneously prevent their further elongation and release them for triacylglycerol 
synthesis outside the plastids [53].
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phosphotransferase. This enzyme is an amino alcohol phosphotransferase that 
synthesizes both PE and PC [47] (Figure 7).

PC can also be synthesized by two different ways, either by methylation of PE 
with PE-N-methyltransferase, or by the addition of CDP-choline on DAG. The path-
way using CDP-choline is preponderant [48].

The synthesis of all these lipids, phospholipids, and glycolipids is localized in 
specific membranes. However, a large part of the lipids thus generated is present in 
other membranes than those in which they are synthesized (vacuole, plasma mem-
brane, and thylakoid). The cell therefore has specific lipid transport mechanisms.

5. TAG biosynthesis

TAGs are neutral lipids and are the major component of oilseed oil. These 
storage lipids represent the main source of carbon and energy mobilized during 
germination. Other tissues can also accumulate TAGs, such as senescence leaves or 
pollen grains [49, 50].

Their biosynthesis occurs at the ER membrane during the storage accumula-
tion phase after embryogenesis. The TAGs result from the esterification at the sn-3 
position of DAG of fatty acid from the pool of cytosolic acyl CoA by the action of 
diacylglycerol acyltransferase (DGAT, EC 2.3.1.20) or phospholipid: diacylglycerol 
acyltransferase (PDAT, EC 2.3.1.158) [17]. The acyl CoAs can be released from PC 
after desaturation with lyso-PC acyltransferase and reincorporated into the DAG-
TAG chain. This allows for a renewal of the fatty acid composition of TAGs [51].
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More than 300 different fatty acids are known to occur in seed TAG. Chain 
length may range from less than 8 to over 22 carbons. The position and number of 
double bonds may also be unusual, and hydroxy, epoxy, or other functional groups 
can modify the acyl chain.
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tive enzymatic step from primary lipid metabolism. All the enzymes identified to 
date that are involved in unusual fatty acid biosynthesis are structurally related to 
enzymes of primary lipid metabolism. Many of the unusual fatty acids are found in 
taxonomically dispersed families implying that the recruitment of enzymes for the 
synthesis of these unusual fatty acids might have occurred a number of indepen-
dent times during angiosperm evolution.

Plants that synthesize unusual monounsaturated fatty acids have an additional 
desaturase, which is closely related to the Δ9-desaturase but introduces a double 
bond at a different location on the acyl-ACP. In coriander (Coriandrum sativum), 
petroselinic acid is synthesized by a desaturase that introduces a double bond 
between carbons 4 and 5 of a C16 acyl-ACP (Δ4-desaturase). This fatty acid is 
then extended by two carbons and cleaved from ACP to produce the free fatty acid. 
These last two steps are thought to require a specialized condensing enzyme and a 
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Seeds of Ricinus communis L. are the source of castor oil, used for the production of 
high-quality lubricants due to its high proportion of the unusual fatty acid ricinoleic 
acid. Castor bean seed oil contains 90% of the unusual hydroxy-fatty acid. Castor 
bean seeds contain an oleate hydroxylase which is structurally similar to extraplastidial 
membrane-bound Δ12-desaturases (FAD2), and only four amino acid substitutions 
are needed to convert an 18:1-desaturase into an 18:1-hydroxylase [54]. The synthesis 
of these fatty acids is thought to take place on the endoplasmic reticulum and use fatty 
acids esterified to the major membrane lipid phosphatidylcholine as a substrate.

Borage (Borago officinalis L.) seeds and evening primrose (Oenothera biennis L.) 
seeds are rich in γlinolenic acid (Δ6, 9, 12), respectively, from 22 to 25% and from 8 
to 10%, an essential fatty acid. Its synthesis takes place in the RE during the forma-
tion of the seed. The precursor is a linoleoyl-PC and the desaturation is catalyzed by 
a D6 desaturase [55].

Very long-chain fatty acids (AGTLCs, containing more than 18 carbons) are used 
in the biosynthesis of many lipids involved in seed storage and waxes. Very long-chain 
fatty acids (VLCFAs) are synthesized in the following by-products of elongation of a 
C18 fatty acyl precursor by two carbons originating from malonyl CoA. Each elonga-
tion step requires four enzymatic reactions: condensation between an acyl precursor 
and malonyl-CoA, followed by a reduction, dehydration, and another reduction.

6. Conclusion

The reason for the great diversity in plant storage oils is unknown. The spe-
cial physical or chemical properties of the “unusual” plant fatty acids have been 
exploited for centuries. Many of the unusual fatty acids have properties that are 
valuable as renewable feedstocks for the chemical industry. Medium fatty acids 
(lauric acid) are the ingredients of a soap or shampoo. VLCFAs like erucic acid 
(C22:1) can be used as a lubricant or participate in the formation of plastic film. 
Hydroxy fatty acids such as ricinoleic acid could be a source of biodiesel.

These unusual fatty acids synthesized by spontaneous plants are therefore 
obtained in small quantities. In order to obtain these fatty acids regularly and in 
large quantities for industrial use, it will either be necessary to domesticate the plant 
or introduce the specific gene of the nonconventional fatty acid into an oleaginous 
plant grown to obtain sufficient yields for industrial uses.
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Seeds of Ricinus communis L. are the source of castor oil, used for the production of 
high-quality lubricants due to its high proportion of the unusual fatty acid ricinoleic 
acid. Castor bean seed oil contains 90% of the unusual hydroxy-fatty acid. Castor 
bean seeds contain an oleate hydroxylase which is structurally similar to extraplastidial 
membrane-bound Δ12-desaturases (FAD2), and only four amino acid substitutions 
are needed to convert an 18:1-desaturase into an 18:1-hydroxylase [54]. The synthesis 
of these fatty acids is thought to take place on the endoplasmic reticulum and use fatty 
acids esterified to the major membrane lipid phosphatidylcholine as a substrate.

Borage (Borago officinalis L.) seeds and evening primrose (Oenothera biennis L.) 
seeds are rich in γlinolenic acid (Δ6, 9, 12), respectively, from 22 to 25% and from 8 
to 10%, an essential fatty acid. Its synthesis takes place in the RE during the forma-
tion of the seed. The precursor is a linoleoyl-PC and the desaturation is catalyzed by 
a D6 desaturase [55].

Very long-chain fatty acids (AGTLCs, containing more than 18 carbons) are used 
in the biosynthesis of many lipids involved in seed storage and waxes. Very long-chain 
fatty acids (VLCFAs) are synthesized in the following by-products of elongation of a 
C18 fatty acyl precursor by two carbons originating from malonyl CoA. Each elonga-
tion step requires four enzymatic reactions: condensation between an acyl precursor 
and malonyl-CoA, followed by a reduction, dehydration, and another reduction.

6. Conclusion

The reason for the great diversity in plant storage oils is unknown. The spe-
cial physical or chemical properties of the “unusual” plant fatty acids have been 
exploited for centuries. Many of the unusual fatty acids have properties that are 
valuable as renewable feedstocks for the chemical industry. Medium fatty acids 
(lauric acid) are the ingredients of a soap or shampoo. VLCFAs like erucic acid 
(C22:1) can be used as a lubricant or participate in the formation of plastic film. 
Hydroxy fatty acids such as ricinoleic acid could be a source of biodiesel.

These unusual fatty acids synthesized by spontaneous plants are therefore 
obtained in small quantities. In order to obtain these fatty acids regularly and in 
large quantities for industrial use, it will either be necessary to domesticate the plant 
or introduce the specific gene of the nonconventional fatty acid into an oleaginous 
plant grown to obtain sufficient yields for industrial uses.
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into the plant. Nanoparticles are introduced into the plant by various methods, 
for example, through penetration into the coating of seeds, during absorp-
tion of nutrient by the root, and entering the cuticle and stomata of the 
leaf. After absorbing nanoparticles, these materials can accumulate or move 
through the vascular system to the shoot. The first cell-level barrier to move 
nanoparticles is the cell wall. The size of the pores in the cell wall is 5–20 nm. 
Therefore, nanoparticles of less than 20 nm in size can easily pass through the 
pores. But nanoparticles with sizes larger than 20 nm through routes such as 
ion channels, endocytosis, and aquaporins and creation of new pores pass the 
cell wall of the barrier. The next barrier is the plasma membrane. The role of 
the plasma membrane is controlling the passage of materials in and out of the 
cell. Protein and lipids are two main parts of the plasma membrane structure. 
Plasma membrane lipids play an important role in determining cellular struc-
tures, regulating fluid membrane and signal transduction. Lipids are not only 
present in the plasma membrane but also in all parts of the plant. Plants have 
a diverse range of lipids including fatty acids, sterol lipids, glycolipids, sphin-
golipids, phospholipids, and waxes. In this chapter, we discussed the effects of 
nanoparticulate toxicity on the lipids of plants and plant defense mechanisms 
against this toxicity.

2. Interaction of nanoparticles with plants

There are reports that nanoparticles can lead to stress through release of 
reactive oxygen species (ROS) in plants. The lack of balance between the pro-
duction and removal of ROS leads to the production of oxidative stresses with 
oxidative damage to DNA, proteins, and fats. There are two unpaired electrons 
in separate orbitals in the outer shell of oxygen. This oxygen structure makes it 
a candidate for the production of ROS. ROS are free radical species and non-free 
radical oxygen. Radicals can have neutral, negative, or positive charge. Free 
radical is an atom or group of atoms that have one or more unpaired electrons. 
Free radical oxygen species contains the hydroxyl radicals (•OH) and free 
radicals superoxide anion (•O2

−). Non-free radical species containing hydrogen 
peroxide (H2O2) are various forms of activated oxygen resulted from oxidative 
biological reactions or exogenous factors (Figure 1). Radicals are naturally 
produced as intermediate biochemical reactions, but excess production of these 
radicals damages the plant and should be eliminated by the antioxidant system. 

Figure 1. 
Oxygen and some reactive oxygen species.
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The antioxidant system in the plant contains an enzymatic and nonenzymatic 
system. The nonenzymatic antioxidant system contains alpha-tocopherol, 
flavonoids, ascorbate, glutathione and phenolic compounds, and carotenoids, 
while the enzymatic antioxidant system includes catalase (CAT), ascorbate 
peroxidase (APX), superoxide dismutase (SOD), peroxidase (POX), and gluta-
thione reductase (GR).

3. Alpha-tocopherol

Alpha-tocopherol is a hydrophobic antioxidant that is produced by all plants 
(Figure 2). This compound is present primarily in the cell membrane and plays a 
key role in the collection of proxy lipid radicals from lipid peroxidation. One of the 
most prominent properties of tocopherol is their ability to turn off single oxygen, 
and it is estimated that a tocopherol molecule alone can neutralize about 120 
molecules of single oxygen [3].

Alpha-tocopherol also acts as an end point for peroxidation reactions of unsatu-
rated fats, which is converted to radical tocopheroxyl by reaction with lipid peroxyl 
radicals. Radical tocopheroxyl can be converted to tocopherol by reaction with 
ascorbic acid or other antioxidants [4] (Figure 3).

Figure 2. 
Chemical structure of alpha-tocopherol [4].

Figure 3. 
The role of antioxidant tocopherol. Polyunsaturated fatty acids (PUFA).
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4. Ascorbic acid

Ascorbic acid is one of the most powerful antioxidants that has been found in 
a variety of plant cells, organelles, and apoplastic space. In physiological condi-
tions, ascorbic acid is often reduced. The ability of ascorbate to give the electron 
in a wide range of enzymatic and nonenzymatic reactions has transformed this 
substance into active oxygen species detoxification compound. Ascorbic acid plays 
a role in collecting superoxide, hydroxyl radicals, and singlet oxygen or converting 
hydrogen peroxide through the reaction of ascorbate peroxidase into water [5]. The 
conversion of hydrogen peroxide to water in ascorbate-glutathione cycle leads to the 
conversion of ascorbate to monodehydroascorbate. These compounds have a short 
life-span and convert into ascorbate by interfering with the enzymes of monodehy-
droascorbate reductase and NADPH (Figure 4).

5. Glutathione

Glutathione, γ-glutamyl-cysteinyl-glycine, is a tripeptide that has been found in 
all parts of the cell, such as cytosol, endoplasmic reticulum, chloroplast, vacuoles, 
and mitochondria [7]. Glutathione is one of the main sources of thiol in most plant 
cells. Due to the reactivity of the glutathione thiol group, this substance has been 
widely recognized for a wide range of biochemical reactions. The central cyste-
ine in the glutathione molecule has created a high potential for reduction in this 
molecule. Reduced glutathione can remove the hydrogen peroxide [8]. The main 
role of glutathione in antioxidant defense is due to its ability to produce reduced 
ascorbic through the ascorbate-glutathione cycle. Some researchers have reported 
that glutathione protects the cell from oxidative stress by reacting thiol groups with 
singlet oxygen and radical hydroxyl [5, 9, 10].

6. Phenolic compounds

Phenolic compounds of a group of secondary metabolites include flavonoids 
and tannins, which are found in plant tissues abundantly. Most plants synthesize 

Figure 4. 
Ascorbate-glutathione cycle. ASC, ascorbate; MDHA, monodehydroascorbate; DHA, dehydroascorbate; GSH, 
glutathione; GSSG, glutathione disulfide; APX, ascorbate peroxidase; MDHAR, monodehydroascorbate 
reductase; DHAR, dehydroascorbate reductase; GR, glutathione reductase [6].
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phenolic compounds in natural conditions, but their synthesis and accumulation 
are induced by stresses of nanoparticles [11]. Phenolic compounds play a role in 
H2O2-scavenging, quenching of singlet oxygen, and reducing or inhibiting lipid oxi-
dation [14, 15]. There are two main mechanisms for the protective role of phenolic 
compounds (POH).

In the first mechanism, the hydrogen atoms of phenolic compounds are elimi-
nated by free radical (R˙), and the phenolic compounds become radical:

R˙ + POH → RH + PO.

In evaluating the phenolic compounds’ action in this mechanism, the bond 
dissociation energy of the O–H bonds is an important parameter, because the 
weakening of the OH bond increases the activity of phenolic compounds for radical 
deactivation [12].

In the second mechanism, free radicals can take electrons from phenolic com-
pounds and convert them into radical cation [12]:

R˙ + POH → R− + POH˙+

According to the second mechanism, the lower ionization potential of phenolic 
compounds releases electrons more easily.

Therefore, the activity of phenolic compounds is easily estimated by calculat-
ing ionization potential and the bond dissociation energy of the O–H bonds [12]. 
Bendary et al. suggested that the phenolic compounds perform scavenging of H2O2 
from the first mechanism. The number of hydroxyl groups and the aromatic ring 
substitution pattern are all important associated factors. The ortho and para posi-
tion substitution with another hydroxyl group is another important factor that plays 
in H2O2-scavenging [13].

7. Carotenoids

Carotenoids are tetraterpenes that exist in the photosynthetic and non-
photosynthetic tissues of the plants and synthesize from isoprenoid biosynthesis 
pathway. Carotenoids act as auxiliary pigment in chloroplasts, but their main role is 
the role of antioxidant activity [14, 15].

There are two types of carotenoids in plant tissues:

1. Carotenoids that only contain hydrocarbons (carotene)

2. Carotenoids which in addition to the hydrocarbon chain have oxygen atoms 
(xanthophyll).

These compounds carry the antioxidant role through the following routes:

1. Eliminating singlet oxygen and wasting energy in the form of heat 
(Figure 5)

2. The reaction with excite chlorophyll and gaining energy to prevent the forma-
tion of singlet oxygen (Figure 5)

3. Waste high energy of exciting through the xanthophyll cycle [14, 15]
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8. The xanthophyll cycle

In green tissues, zeaxanthin epoxidase can be zeaxanthin converted to violaxan-
thin via the intermediate antheraxanthin. This is a reversible reaction; violaxanthin 
de-epoxidase converts violaxanthin to zeaxanthin by antheraxanthin. The relative 
concentration of zeaxanthin/violaxanthin is controlled by the xanthophyll cycle 
in plant photosynthetic tissues, which is a collection of light and dark control 
reactions.

Under high light conditions, violaxanthin de-epoxidase activated and converted 
violaxanthin to zeaxanthin. In dark conditions zeaxanthin is converted into violax-
anthin [16] (Figure 6).

Figure 6. 
The xanthophyll cycle.

Figure 5. 
Schematic representation of singlet oxygen formation upon excitation of chlorophyll (Chl) and the role of 
carotenoids (car) in protection against photooxidative damage. The symbol * indicates excited states.
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9. Catalase

Catalase has a tetramer enzyme that breaks H2O2 into water and oxygen. 
Catalase has a lower affinity for H2O2, so it can remove H2O2 at high concen-
trations [17]. Hydrogen peroxide is very toxic to plant cells, especially in the 
chloroplast. Hydrogen peroxide at very low concentrations prevents the activ-
ity of the enzymes of the calvin cycle, especially the enzymes with sulfhydryl 
group such as glyceraldehyde 3-phosphate dehydrogenase and fructose 1,6 
bisphosphatase [18, 19].

10. Peroxidases

Peroxides are a group of antioxidant enzymes that cause the decomposition of 
hydrogen peroxide with the oxidation of a substance. Peroxidases are located in the 
cytosol, vacuole, chloroplast, and extracellular space and are classified based on 
their combined composition.

11. Ascorbate peroxidase

Ascorbate peroxidase is an antioxidant enzyme that participates in the 
ascorbate-glutathione cycle, and its activity has been reported in the chlo-
roplast, cytosol, peroxisome, and apoplast. This enzyme uses ascorbate as a 
reducing agent and decomposes hydrogen peroxide into water and oxygen [20]. 
The high concentration of ascorbate peroxidase to hydrogen peroxide shows 
that the ascorbate-glutathione cycle plays a vital role in controlling the level 
of radicals in cellular organs. In ascorbate-glutathione cycle with ascorbate 
peroxidase enzyme activity, ascorbate is oxidized to monodehydroascorbate, 
and ascorbate production is required to continue the cycle. In this cycle, the 
enzymes of monodehydroascorbate reductase (MADAR), dehydroascorbate 
reductase (DHAR), and glutathione reductase (GR) are active and reduce 
ascorbate using water and glutathione. Using NADPH, monodehydroascorbate 
reductase converts monodehydroascorbate to ascorbate. While dehydroascor-
bate reductase catalyzes dehydroascorbate to ascorbate using glutathione (GSH) 
oxidation.

12. Guaiacolperoxidase

Guaiacol peroxidase oxidize guaiacol. This enzyme is also present in the cytosol, 
vacuole, and cell wall [21].

13. Superoxide dismutase (SOD)

Superoxide dismutase is one of the enzymes that is located in all intracellular 
organs and apoplast and is very important in the defense against active oxygen 
species. This enzyme converts the radical superoxide to H2O2, which H2O2 should 
be detoxified during the next stages of antioxidant defense. In the presence of the 
superoxide dismutase enzyme, this reaction occurs 10,000 times faster [22].



Advances in Lipid Metabolism

62

8. The xanthophyll cycle

In green tissues, zeaxanthin epoxidase can be zeaxanthin converted to violaxan-
thin via the intermediate antheraxanthin. This is a reversible reaction; violaxanthin 
de-epoxidase converts violaxanthin to zeaxanthin by antheraxanthin. The relative 
concentration of zeaxanthin/violaxanthin is controlled by the xanthophyll cycle 
in plant photosynthetic tissues, which is a collection of light and dark control 
reactions.

Under high light conditions, violaxanthin de-epoxidase activated and converted 
violaxanthin to zeaxanthin. In dark conditions zeaxanthin is converted into violax-
anthin [16] (Figure 6).

Figure 6. 
The xanthophyll cycle.

Figure 5. 
Schematic representation of singlet oxygen formation upon excitation of chlorophyll (Chl) and the role of 
carotenoids (car) in protection against photooxidative damage. The symbol * indicates excited states.

63

Effect of Nanoparticles on Lipid Peroxidation in Plants
DOI: http://dx.doi.org/10.5772/intechopen.88202

9. Catalase

Catalase has a tetramer enzyme that breaks H2O2 into water and oxygen. 
Catalase has a lower affinity for H2O2, so it can remove H2O2 at high concen-
trations [17]. Hydrogen peroxide is very toxic to plant cells, especially in the 
chloroplast. Hydrogen peroxide at very low concentrations prevents the activ-
ity of the enzymes of the calvin cycle, especially the enzymes with sulfhydryl 
group such as glyceraldehyde 3-phosphate dehydrogenase and fructose 1,6 
bisphosphatase [18, 19].

10. Peroxidases

Peroxides are a group of antioxidant enzymes that cause the decomposition of 
hydrogen peroxide with the oxidation of a substance. Peroxidases are located in the 
cytosol, vacuole, chloroplast, and extracellular space and are classified based on 
their combined composition.

11. Ascorbate peroxidase

Ascorbate peroxidase is an antioxidant enzyme that participates in the 
ascorbate-glutathione cycle, and its activity has been reported in the chlo-
roplast, cytosol, peroxisome, and apoplast. This enzyme uses ascorbate as a 
reducing agent and decomposes hydrogen peroxide into water and oxygen [20]. 
The high concentration of ascorbate peroxidase to hydrogen peroxide shows 
that the ascorbate-glutathione cycle plays a vital role in controlling the level 
of radicals in cellular organs. In ascorbate-glutathione cycle with ascorbate 
peroxidase enzyme activity, ascorbate is oxidized to monodehydroascorbate, 
and ascorbate production is required to continue the cycle. In this cycle, the 
enzymes of monodehydroascorbate reductase (MADAR), dehydroascorbate 
reductase (DHAR), and glutathione reductase (GR) are active and reduce 
ascorbate using water and glutathione. Using NADPH, monodehydroascorbate 
reductase converts monodehydroascorbate to ascorbate. While dehydroascor-
bate reductase catalyzes dehydroascorbate to ascorbate using glutathione (GSH) 
oxidation.

12. Guaiacolperoxidase

Guaiacol peroxidase oxidize guaiacol. This enzyme is also present in the cytosol, 
vacuole, and cell wall [21].

13. Superoxide dismutase (SOD)

Superoxide dismutase is one of the enzymes that is located in all intracellular 
organs and apoplast and is very important in the defense against active oxygen 
species. This enzyme converts the radical superoxide to H2O2, which H2O2 should 
be detoxified during the next stages of antioxidant defense. In the presence of the 
superoxide dismutase enzyme, this reaction occurs 10,000 times faster [22].



Advances in Lipid Metabolism

64

This enzyme is divided into three groups based on its cofactor:

1. Cu/Zn SOD in the chloroplasts and cytosol

2. Fe/SOD in the chloroplasts of some plants

3. Mn/SOD in the mitochondrial matrix

There are genome types of SOD in the nucleus that are synthesized in the cyto-
plasm and then transmitted to different organs [23]. In the chloroplast, the superox-
ide dismutase enzyme is in two forms attached to the thylakoid membrane and is free 
in the stroma. The forms attached to the thylakoid membrane and the free enzyme, at 
the site of production and inward stroma, convert radical superoxide into H2O2 [24].

In summary, the activity of enzymes was shown in Figure 7.

14. Lipids and oxidation

Lipids are major constituents of prokaryotic and eukaryotic membranes. Besides 
serving as structural components of the plasma membrane and intracellular membranes, 
they provide diverse biological functions in energy and carbon storage, signal transduc-
tion, and stress responses. Plants contain a diverse set of lipids including fatty acids, 
phospholipids, glycolipids, sterol lipids, sphingolipids, and waxes. Polyunsaturated fatty 
acids (PUFAs) are lipid components commonly and easily oxidized by unbalanced ROS 
(mainly hydroxyl radical due to its indiscriminative reactive character).

15. Effect of reactive oxygen species on lipids

Cell membrane is one of the primary goals of many environmental stresses. 
Therefore, maintaining the integrity and stability of the membrane under stress is 
one of the signs of stress tolerance [25]. Polyunsaturated fatty acids are one of the 
most important membrane lipid compounds that are very sensitive to peroxidation. 
The main reason for the harmful effects of ROS is their ability to start the chain 
reaction of oxidation of unsaturated fatty acids, which leads to lipid peroxidation 
and membrane degradation.

The reaction is divided into three major steps: initiation, propagation, and 
termination.

Initiation
A radical fatty acid is produced at the initiation stage. Oxygen reactive species 

(ROS), such as OH, combines with hydrogen atom of unsaturated fatty acid to 
produce water and radical fatty acids (Figure 8).

Figure 7. 
Formation and elimination of reactive oxygen species.
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Propagation
The stability of the fatty acid radical is low, so that it reacts with molecular 

oxygen, resulting in the formation of peroxyl-fatty acid radical. This radical also has 
low stability, which reacts with another free fatty acid and produces a lipid peroxide 
and different radical fatty acid (Figure 9).

Termination
It always produces another radical, while a radical reacts with a non-radical. This 

process is called the “chain reaction mechanism.” A non-radical species is produced 
when two radicals react together. So the radical reaction stops.

16. Formation malondialdehyde (MDA)

As previously mentioned, the polyunsaturated fatty acid (PUFA) acyl chain is 
attacked by free radicals and creates a radical fat that reacts easily with an oxygen 
molecule and forms a lipid peroxyl radical. The lipid peroxyl radical can attack neigh-
boring PUFAs, propagating a chain reaction. A linolenic acid (18:3) peroxyl radical 
can also react internally, forming a cyclic peroxyl radical, which spontaneously reacts 
with a second oxygen molecule and is subsequently reduced to phytoprostane G1 
(PPG1). Phytoprostane G1 (PPG1) either spontaneously decays, forming MDA and 
other alkanes and alkenes, or forms other phytoprostanes [27] (Figure 10).

Figure 8. 
The initiation phase of peroxidation of unsaturated fatty acids [26].

Figure 9. 
The propagation phase of peroxidation of unsaturated fatty acids [26].
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17. Malondialdehyde (MDA) assay

Lipid peroxidation was measured according to Heath and Packer (1968) by 
measuring the concentration of MDA. According to this method, 0.2 g of tissue was 
homogenized in 2 ml 0.1% (w:v) trichloroacetic acid (TCA) solution. The homog-
enate was centrifuged at 10,000 g (rcf) at 4°C for 10 min and 2 ml of supernatant 
transfer to new tube and then added 1 ml 20% TCA containing 0.5% (w:v) thiobar-
bituric acid (TBA). The reaction mixture was incubated in boiling water for 30 min at 
95°C followed by placing the tubes on an ice bath to stop the reaction. The homogenate 
was centrifuged at 10,000 g for 15 min, and the absorbance was read at 532 nm [28]. 
The unspecific turbidity was corrected by A600 subtracting from A530. The amount 
of MDA–TBA complex (red pigment) was expressed as μmol/g FW and calculated by 
the extinction coefficient 155 mM − 1 cm − 1 using the formula (Figure 11).

 MDA =    (A532 − A600)   ____________ 155   ×   Amount of reaction mixture  _____________________  tissue   

18. Radical scavenging assays

DPPH• is a stable free radical with purple color and a strong absorption band in 
the range of 515–520 nm. DPPH takes an electron or a hydrogen atom from an anti-
oxidant accumulation molecule to become a stable DPPH molecule, in the presence 
of antioxidant compounds. The reduced form of DPPH is pale yellow. By study-
ing spectrophotometric color changes, it may determine the antioxidant activity. 

Figure 11. 
The formation of MDA–TBA complex [29].

Figure 10. 
Lipid peroxidation [27].
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An antioxidant compound with a larger free radical scavenging capacity reduces 
DPPH further. Therefore, there is less purple color in the sample. The DPPH assay was 
performed according to the method developed by Blois (1958) slightly modified by 
Brand-Williams et al. [30, 31]. For 40 min, a solution of 1 mM DPPH• in 80% (v/v) 
methanol was stirred. Then a standard or sample (50 mL) was added with 2.95 mL 
of DPPH• solution and placed for 30 min in the dark.

Decrease of absorbance was read at 517 nm. DPPH scavenging effect is obtained 
from the following formula:

  DPPH scavenging effects (%)  =   A0 − A1 _ A0   × 100  

A0: The absorbance is at 515 nm of the radical (DPPH) in the absence of 
antioxidant.

A1: The absorbance is at 515 nm of the radical (DPPH) in the presence of 
antioxidant.

19. ABTS+ assay

Another important evaluation for antioxidant activity is the ABTS+ test. In this 
assay, by peroxyl radicals or other oxidants, ABTS+ is oxidized to its radical cation. 
ABTS•+ is intensely colored (dark green). Reduction of color ABTS•+ radical is used 
to measure the antioxidant capacity.

By using spectrophotometer, a decrease in absorbance by test compound and 
control is measured at 415 nm [32].

20. The role of enzymes in peroxidation of lipids

The lipoxygenase enzyme is one of the oxidative enzymes. This enzyme 
catalyzes the addition of molecular oxygen to unsaturated fatty acids, produces 
unsaturated fatty hydroperoxides, and accelerates lipid peroxidation. Free radicals 
produced by lipoxygenase cause irregularities in the selective membrane perme-
ability. This irregularity leads to an increase in ion leakage, a decrease in the activity 
of ion pumps dependent on H+ATPase, and changes in the cell membrane potential 
[33, 34].

21. Benefits of nanotechnology

Nanomaterials can offer many applications in mechanical industries especially 
in coating, lubricants, and adhesive applications. The magnetic nanoparticles such 
as Fe3O4 are employed in the biomedical and clinical fields. TiO2 nanoparticles find 
an application in cosmetics, pigments, sunscreen products, solar cells, and photo-
catalysis [35]. However, human beings must take caution in using nanoparticles and 
nanotechnology.
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Fatty Acid Compositions in 
Fermented Fish Products
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Abstract

Fish fermentation differs from one region to another in the world. Different 
types of fish, different fermentation conditions, and different fermentation pro-
cesses are used, thus resulting in different fermented fish products. The most inves-
tigated fermented fish products in regard to the fatty acid contents are Kejeik from 
Sudan, Fseekh from Egypt, Hatahata-zushi from Japan, and Tareeh and Mehiawah 
from the Middle East. The results of those studies were not consistent regarding the 
effect of the fermentation process on the contents of saturated fatty acids (SFAs), 
monounsaturated fatty acids (MUFAs), and polyunsaturated fatty acids (PUFAs). 
Some of those studies reported an increase in the level of SFAs and a decrease in 
the PUFAs contents, while other studies reported the opposite. The fermentation 
process itself was attributed to different microorganisms such as lactic acid bacteria 
(LAB), halophilic bacteria, the bacterial flora of Micrococcus and Bacillus species, 
and a new bacillus strain named Bacillus mojavensis-ASK. Autolytic enzymes from 
the fish were also reported to be responsible for the fermentation process.

Keywords: fatty acids, fish, fermentation, PUFAs

1. Introduction

Lipids are considered as one major group of the naturally occurring organic mole-
cules, along with carbohydrates, proteins, and nucleic acids [1]. Lipids are characterized 
according to their solubility (physical property) rather than their structure, in which 
they are insoluble in water, but soluble in nonpolar organic solvents, such as chloroform 
and benzene [1, 2]. All lipids are composed of carbon, hydrogen, and oxygen atoms; 
however, some lipids contain phosphorus, sulfur, nitrogen, or other elements [3]. Lipids 
are divided into three classes, (a) triacylglycerol’s (TGs), which are used as long-term 
energy stores such as fats and oils; (b) phospholipids (PLs), which function primarily 
in cell membranes; and (c) steroids, like cholesterol which is a component of animal cell 
membranes and a precursor in the synthesis of various steroid hormones [1, 3]. Lipids 
play a structural role in the cell membranes in combination with proteins to give the 
membranes their semipermeable property [1]. In addition, lipids give the membranes 
their shape and protect them from the external environment [3].

1.1 Fatty acids (FAs)

Fatty acids are the building blocks for the majority of lipids especially TGs 
and PLs [3, 4]. FAs are composed of a long hydrocarbon chain (nonpolar) that is 
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conjugated to a carboxyl group (polar) which is an acidic functional group [5]. FAs 
hydrocarbon chains range in length from 2 to 80 but commonly from 12 up to 24. 
Chain length from 2 to 6 are called short-chain, from 6 to 10 are called medium-
chain, and 12 up to 24 are called long-chain [6]. FAs containing 16 and 18 carbons 
are the most prevalent. The majority of FAs have an even number of carbon atoms 
because they are synthesized by combining the C2 units of acetyl CoA [7, 8]. FAs 
are usually synthesized by the enzyme fatty acid synthase that is responsible to 
convert acetyl CoA into fatty acid [5]. The hydrocarbon chains of FAs are usually 
unbranched and can be divided into saturated and unsaturated [9]. Saturated fatty 
acids (SFAs) have no double bond in their hydrocarbon chain, while unsaturated 
fatty acids (UFAs) have one or more double bonds in their chain. These double 
bonds cause the formation of bents or “kinks” in the fatty acid chains making them 
liquid at room temperature [3].

UFAs are divided into monounsaturated fatty acids (MUFAs) which have one 
double bond in their chain and polyunsaturated fatty acids (PUFAs) which have 
two or more double bonds [10]. The double bonds locations follow a unique pattern; 
the MUFAs usually have the double bond between carbons 9 and 10 (Δ9) where 
C1 is the carboxyl carbon. The second double bond in PUFAs is mostly between 
carbons 12 and 13 (Δ12). PUFAs do not normally have conjugated double bonds 
(─CH〓CH─CH〓CH─), instead their double bonds are usually separated by at least 
one methylene group (─CH〓CH─CH2─CH〓CH─) [7–10]. The stereochemistry of 
the double bond in the naturally occurring UFAs is usually cis, i.e., the two hydro-
gens on the carbon atoms of the double bond are on the same side of the molecule 
[9, 10]. Trans FAs are formed during the hydrogenation process of UFAs to produce 
SFAs [2]. In the transisomers, the two hydrogens on the carbon atoms of the double 
bond are on the opposite sides of the molecule [10].

1.2 Nomenclature of fatty acids

Fatty acids can be named using (a) systematic naming addressed in detail 
by the International Union of Pure and Applied Chemists and the International 
Union of Biochemistry and Molecular Biology (IUPAC-IUBMB) and (b) common 
naming [4]. The systematic naming of FAs ends with the suffix “oic acid” on 
to the name of the parent hydrocarbon. However, the ionized form of the fatty 
acid at physiological pH ends with the suffix “ate” rather than “oic acid.” FAs are 
named according to the total number of carbon atoms, in addition to the number 
and position of double bonds, if present. The carbon atoms in FAs are numbered 
from the carboxylic acid residue (C1), and the position of the double bond is 
described by the symbol delta (Δ) followed by the number of the first carbon 
involved in the bond. For example, the full systematic name for palmitoleic acid 
(common name) is cis-Δ9hexadecenoic acid, and it is written as 16:1(Δ9) in which 
it consists of 16 carbons in its hydrocarbon chain with a double bond positioned 
between carbons 9 and 10 [10].

The common names for FAs reflect their prominent food sources such as 
palmitic acid (C16:0) found in palm oil and arachidonic acid (cis5, cis8, cis11, 
cis14–20:4; from arachis, meaning legume or peanut) found in peanut butter [11]. 
The common names are much simpler than the systematic names; however, they do 
not give any information about the structure of the fatty acids.

Omega (ω, n) system is an alternative system of naming fatty acids. In this 
system, carbon atoms are numbered relative to the methyl end of the molecule. 
Omega system can be distinguished from the IUPAC naming system in the bases of 
the following: (a) omega nomenclature is only applied to unsaturated fatty acids, 
(b) omega system does not identify whether the double bond have cis or trans 
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configuration, and (c) omega system does not identify the location of other double 
bonds in the molecule. For example, linoleic acid C18:2n-6(Δ9,12) can be written as 
ω-6 fatty acid in omega system [11].

1.3 Essential fatty acids (EFAs)

Fatty acids that the body needs but cannot synthesize in sufficient amounts to 
meet physiological needs due to the absence of the required enzymes are called 
essential fatty acids. The body cannot synthesize two polyunsaturated fatty acids: 
linoleic acid (C18:2n6, LA) and alpha-linolenic acid (C18:3n-3, ALA); therefore, 
they must be supplied by the diet [12]. Animal cells are unable to introduce double 
bonds in the n-3 and n-6 positions because they are deficient in certain required 
desaturase enzymes. However, these cells have the ability to introduce double bonds 
into all other positions in fatty acid hydrocarbon chain [13]. Dietary EFAs are used 
to produce long-chain polyunsaturated fatty acids [14].

1.3.1 Omega-3 and omega-6 fatty acids

Although omega-6 FAs were the first to be described as an essential fatty acids in 
the 1920s, omega-3 FAs take more attention than omega-6 [13]. Linolenic acid (ω-3) 
is the parent of the omega-3 FA family in which it can be used to produce other 
members of the family (Figure 1) [12, 15].

Alpha-linolenic acid is the precursor for linolenic acid that is used to synthesize 
two active biological components: eicosapentaenoic acid (C20:5n-3, EPA) and doco-
sahexaenoic acid (C22:6n-3, DHA) [12, 14, 16]. ALA is found in plant oils, nuts, and 
seeds such as flaxseeds, walnuts, soybeans [12].

Aquatic ecosystems are the principal sources of DHA and EPA in the biosphere 
provided by the fish and fish oils in human diet [12, 16]. On the other hand, linoleic 
acid can be used to produce other members of the omega-6 family like arachidonic 
acid (C20:4n-6, AA) that acts as a starting material for a number of eicosanoids, i.e., 
biologically active molecules that regulate body functions [12].

Omega-6 FAs are found in seeds, nuts, and vegetable oils of corn, sesame, 
and sunflower [12]. Before the industrialization, the ratio of omega-6 to omega-3 
(n-6/n-3) was around 1:1 to 2:1 due the abundant consumption of vegetables and 
seafood high in omega-3 fatty acids. However, there is a gradual change in this ratio 
with the industrialization, mainly due to the consumption of refined oils and seeds 
with a high content of omega-6 fatty acids in which the (n-6/n-3) average ratio has 
been around 10:1 to 20:1 [17].

This imbalanced n-6/n-3 ratio can even be worsened by the overnutrition habit 
associated with the Western diet around the world. Overnutrition, associated with 
an increased amount of FAs made available for oxidation in the liver, favors the 
pro-inflammatory state due to the depletion of n-3 long-chain PUFA (n-3 LCPUFA) 
such as EPA and DHA, elevated n-6/n-3 ratio, hyperinsulinemia, and insulin resis-
tance (IR). Such changes may result in the development of nonalcoholic fatty liver 
disease (NAFLD), steatosis [hepatocyte triacylglycerol accumulation, and cirrhosis 
(steatohepatitis)] [18].

1.3.2 The role of omega-3 and omega-6 fatty acids

The consumption of omega-3, omega-6 PUFAs, and their derivatives has vari-
ous beneficial effects, ranging from fetal development to cancer prevention [19]. 
PUFAs have a preventive effect against arterial hypertension, asthma, inflammatory 
diseases, human breast cancer, and disorders of the immune system [20].  
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n-3 FAs protect against several types of cardiovascular diseases such as myocardial 
infarction, atherosclerosis, arrhythmia, hypertension, and human coronary artery 
disease [19, 21]. Moreover, consumption of n-3 FAs interferes with prostaglandin 
metabolism, which can reduce the platelet aggregation and adhesion to blood 
vessels, which reduce the blood pressure [22]. Omega-3 PUFAs can reduce the 
incidence of high cholesterol level in the blood, psoriasis, cancer, and arthritis [23].

The n-3 LCPUFA DHA plays a major role in the development of the nervous 
system during the life of fetus and neonates [24]. The study of Barrera et al. (2018) 
has shown that a low dietary intake of n-3 LCPUFA in pregnant Chilean women has 
resulted in a significant decline in their erythrocytes and breast milk DHA levels. 
Therefore, the improvement of the quality of FAs intake specifically DHA was 
recommended during pregnancy and lactation periods in order to supply adequate 
amount of DHA to embryos and neonates [25]. In addition, n-3 supplements intake 

Figure 1. 
Omega-6 and omega-3 PUFAs and their respective sources and metabolic derivatives [15].

77

Fatty Acid Compositions in Fermented Fish Products
DOI: http://dx.doi.org/10.5772/intechopen.90110

was suggested to improve the low level of n-3 LCPUFA associated with NAFLD 
patients in order to lower their n-6/n-3 ratio and thus reduce the inflammatory 
status as a treatment for the nutritional hepatic steatosis in adults [24].

Omega-6 PUFAs are converted to other important compounds through various 
enzymatic reactions to the key intermediate arachidonic acid, which is subsequently 
converted to eicosanoids that act somewhat like hormones such as prostaglandins, 
thromboxanes, and leukotrienes [15]. Eicosanoids play an important role in muscle 
relaxation and contraction, blood clot formation, blood vessel contraction and dilu-
tion, blood lipid regulation, and immune response to injury and infections [12].

Omega-3 PUFAs are considered as more potent anti-inflammatory agents than 
n-6 PUFAs, but the effects of n-6 PUFAs are more dominant due to the abundance 
of these compounds in the diet [15].

1.3.3 EPA and DHA

Alpha-linolenic acid can be used in the body as a precursor to produce EPA; how-
ever, EPA can be directly obtained through the consumption of fish oils. Moreover, 
EPA can be converted to DHA and also to eicosanoids that are essential for inflam-
matory signaling, such as prostaglandins, thromboxanes, and leukotrienes. DHA 
can also be converted to eicosanoids to produce anti-inflammatory mediators such 
as protectins and resolvins [15]. In 2004, The International Society for the Study of 
Fatty Acids and Lipids (ISSFAL) has recommended the minimum intake of 0.5 g/day 
of EPA and DHA for the prevention of cardiovascular disease [26].

1.4 Metabolism of long-chain PUFAs

ALA and LA obtained from diet can be converted into longer chains of PUFAs 
by the help of two important enzymes, desaturase and elongase, that work to 
increase the degree of unsaturation. Elongase works by adding carbon atoms into 
the chain, while desaturase works to introduce double bonds by removing hydrogen 
atoms [27]. The n-3 and n-6 FA families compete especially at the rate-limiting Δ6 
desaturase enzyme that both pathways start with. Usually desaturase enzymes dis-
play highest affinity to ALA (n-3 family) more than LA (n-6 family) [28]. The n-3 
pathway starts with ALA (C18:3n-3) and ends with DHA (C22:6n-3), while the n-6 
pathway starts with LA (C18:2n-6) and ends usually with AA (C20:4n-6) [27, 29].

The major difference between n-3 and n-6 pathways is that n-6 pathway usually 
does not proceed beyond AA; however, the n-3 pathway involves more complex 
steps. In the n-3 pathway, there are two elongation steps after the formation of 
EPA (C20:5n-3), leading to the formation of tetracosapentaenoic acid (C24:5n-3), 
followed by the reduction by Δ6 desaturase enzyme to produce tetracosahexaenoic 
acid (Nisinic acid) (C24:6n-3). The final step in n-3 pathway yields DHA (22:6n-3) 
by the retroconversion of (24:6n-3) to (22:6n-3) which involves peroxisomal ß-oxi-
dation step (Figure 2) [27, 30]. In the mammalian cells, the FAs from (n-3) and 
(n-6) families cannot be interconverted because of lack of Δ12 or Δ15 desaturase 
enzymes, while the interconversion step takes place in plants [28].

1.5 Sources of omega-3 PUFAs

Fish is a major source of animal protein diet in many countries that is eas-
ily digestible than red meat because fish flesh contains long muscle fibers [18]. 
Consumption of fish have many benefits for human health due to its high content of 
essential n-3 PUFAs, namely, EPA and DHA [14, 31, 32].The FAs content of fish var-
ies according to diet, i.e., availability of planktons [33], environmental conditions 
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n-3 FAs protect against several types of cardiovascular diseases such as myocardial 
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Figure 1. 
Omega-6 and omega-3 PUFAs and their respective sources and metabolic derivatives [15].
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was suggested to improve the low level of n-3 LCPUFA associated with NAFLD 
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[15], and seasonal variation [34]. A regular consumption of fatty fish prevents 
cardiovascular disease and neural disorders [35].

PUFAs are important for brain and retina development since studies with ani-
mals have shown that deficiencies in n-3 FAs decrease the concentration of DHA in 
the brain and retina tissues [16]. Fish and terrestrial animals are not able to synthe-
size n-3 or n-6 PUFAs. The primary producers for PUFAs are marine photosynthetic 
organisms including phytoplankton, macroalgae, and seaweeds [36].

Only some microalgae species are effective producers for EPA and DHA; there-
fore, aquatic ecosystems are the principal sources of these two essential PUFAs in 
the biosphere, in which humans obtain these FAs through the consumption of fish 
and other marine products (Figure 2) [30, 37]. Fish need PUFAs to tolerate low 

Figure 2. 
The elongation-desaturation pathway for the metabolism of n-6 and n-3 polyunsaturated fatty acids [30].
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water temperature; thus, low amounts are expected in wormer water like tropi-
cal waters [38]. Fish oil become very popular and plays an important role in the 
prevention of cardiovascular disease and some type of cancers like breast, colon, 
and prostate [39]. It was observed that there are lower incidence of cardiovascular 
diseases, hypertension, and autoimmune disorders in populations that consume 
diet rich in marine fish like Eskimos and Japanese [40].

2. Fish fermentation in relation to fatty acids

Fresh fish is prone to spoilage which is caused by both microbiological and 
chemical reactions [41]. Lipid deterioration limits the shelf life of oily fish during 
storage [42]. Lipid hydrolysis induced by lipases and phospholipases produce free 
FAs that are susceptible to further oxidation to produce low molecular weight com-
pounds responsible for the rancid of fish products [43]. Fish quality may decline 
during processing and storage mainly due to the oxidation of the PUFAs which is 
related to the production of unpleasant flavors and odors [44, 45].EPA and DHA are 
especially susceptible to oxidation during heating or other culinary treatments [46].

A long time ago, people used to preserve food either by sun drying or salting 
methods [47]. Salting of fish is an old-age technology that is still in use nowadays 
even in developing countries due to its simplicity and low cost [47, 48]. Salting fatty 
fish involves a certain degree of fermentation which is brought by autolytic enzymes 
from the fish and microorganisms in the presence of high concentrations of salt 
[47]. Fish fermentation is the transformation of organic substances into simpler 
compounds like peptides and amino acids by the action of endogenous enzymes or 
microorganisms, normally in the presence of salt [48–50].

Lactic acid bacteria (LAB) are used to ferment fish along with other food materi-
als like dairy, meat, vegetables, and beverage products [51] resulting in shelf life 
extension and the addition of new aromas and consistencies [32]. Fermentation by 
lactic acid bacteria preserves food by the production of lactic acid and other organic 
acids, which help to reduce pH of the food and inhibit the growth of pathogenic and 
spoilage organisms [52].

2.1 Fish fermentation all over the world

2.1.1 Asian fermented fish products

Many types of fish sauce and paste are famous in Japan, Southeast Asia, and 
India. Traditional fermented Japanese seafood is Hatahata-zushi which is processed 
with boiled rice. Hatahata-zushi is prepared by soaking the sandfish (Arctoscopus 
japonicas) in water, salt, and rice vinegar, which is then fermented with boiled 
rice and some vegetables [53]. Bagoong is a fish paste produced in the Philippines 
through the neutral fermentation process of whole fish or shrimp in the presence of 
20–25% salt, while Patis is a Philippine yellowish fish sauce prepared from sardines, 
anchovies, and shrimps [33, 50]. “Suanyu” is a Chinese low-salt fermented whole 
fish snack which is prepared from fresh fish mixed with cooked carbohydrates, 
salt, and spices [54]. Lona ilish is a salt fermented fish from India which has strong 
aroma mixed with some sweet, fruity, and acidic flavors with some saltiness [47].

2.1.2 European fermented fish products

Scandinavia is the main producer of fermented fish products in Europe. 
Surstromming is produced in Sweden and rakefish in Norway. These fermented fish 
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diseases, hypertension, and autoimmune disorders in populations that consume 
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FAs that are susceptible to further oxidation to produce low molecular weight com-
pounds responsible for the rancid of fish products [43]. Fish quality may decline 
during processing and storage mainly due to the oxidation of the PUFAs which is 
related to the production of unpleasant flavors and odors [44, 45].EPA and DHA are 
especially susceptible to oxidation during heating or other culinary treatments [46].

A long time ago, people used to preserve food either by sun drying or salting 
methods [47]. Salting of fish is an old-age technology that is still in use nowadays 
even in developing countries due to its simplicity and low cost [47, 48]. Salting fatty 
fish involves a certain degree of fermentation which is brought by autolytic enzymes 
from the fish and microorganisms in the presence of high concentrations of salt 
[47]. Fish fermentation is the transformation of organic substances into simpler 
compounds like peptides and amino acids by the action of endogenous enzymes or 
microorganisms, normally in the presence of salt [48–50].

Lactic acid bacteria (LAB) are used to ferment fish along with other food materi-
als like dairy, meat, vegetables, and beverage products [51] resulting in shelf life 
extension and the addition of new aromas and consistencies [32]. Fermentation by 
lactic acid bacteria preserves food by the production of lactic acid and other organic 
acids, which help to reduce pH of the food and inhibit the growth of pathogenic and 
spoilage organisms [52].

2.1 Fish fermentation all over the world

2.1.1 Asian fermented fish products

Many types of fish sauce and paste are famous in Japan, Southeast Asia, and 
India. Traditional fermented Japanese seafood is Hatahata-zushi which is processed 
with boiled rice. Hatahata-zushi is prepared by soaking the sandfish (Arctoscopus 
japonicas) in water, salt, and rice vinegar, which is then fermented with boiled 
rice and some vegetables [53]. Bagoong is a fish paste produced in the Philippines 
through the neutral fermentation process of whole fish or shrimp in the presence of 
20–25% salt, while Patis is a Philippine yellowish fish sauce prepared from sardines, 
anchovies, and shrimps [33, 50]. “Suanyu” is a Chinese low-salt fermented whole 
fish snack which is prepared from fresh fish mixed with cooked carbohydrates, 
salt, and spices [54]. Lona ilish is a salt fermented fish from India which has strong 
aroma mixed with some sweet, fruity, and acidic flavors with some saltiness [47].

2.1.2 European fermented fish products

Scandinavia is the main producer of fermented fish products in Europe. 
Surstromming is produced in Sweden and rakefish in Norway. These fermented fish 
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are made by immersing whole herring and trout in brine (salty water) for 1–2 days, 
eviscerating, and retaining the roe or milt in barrels with fresh brine. The final 
fermented product is packed in cans and usually consumed on special occasions 
[49]. “Tidbits” is another Scandinavian product that is canned with vinegar, sugar, 
and spices after maturation. In France, the fish Engraulis encrasicholusis is salted to 
prepare anchovies, while in southern France, a fish sauce called “Pissala” is pre-
pared from small fish of the Engraulis sp., Aphya sp., and Gobius sp. [49].

2.1.3 Middle East, African, and Asian fermented fish products

Many types of fermented fish are prepared in the Middle East. “Fseekh” is a 
famous fermented fish prepared in Egypt and Sudan from different types of fish 
[49]. Kejeik is a fermented dried fish produce that is common in Sudan and central 
Africa which is powdered and thickened with okra after boiling [48]. The FA 
content of Bouri fish varies with fish size; in which it was much greater in small size 
than large size fish because of the higher activity of lipolytic enzymes in small fish 
as stated by the authors [48]. However, the fresh and fermented product Fseekh of 
both fish sizes had the same FA profile. The high salt content was found to have no 
effect on those enzymes responsible for the liberation of free fatty acids from the 
lipids [48]. The ratio of UFAs/SFAs decreased as the amount of UFAs decreased 
significantly after the salting and fermenting process. Moreover, all SFAs except 
palmitic acid (C16:0) increased significantly. The major SFA was C16:0, and the 
major UFAs were palmitoleic acid (C16:1n-7) and oleic acid (C18:1n-9). Appreciable 
amounts of PUFAs such as C18:2n-6, C18:3n-3, stearidonic acid (C18:4n-3, SDA), 
C20:5n-3, docosapentaenoic acid (C22:5n-3, DPA), and C22:6n-3 were also present. 
The presence of the odd-chain pentadecylic acid (C15:0) and heptadecanoic acid 
(C17:0) FAs is considered a unique characteristic of the Bouri fish oil [48].

The analysis of fatty acid compositions was done for different fermented 
seafoods all over the world. For example, the analysis of Hatahata-zushi which is a 
Japanese fermented fish product of sandfish has shown no change in the fatty acid 
compositions throughout the fermentation process; however, the content of SFAs 
and MUFAs increased, while the content of PUFAs decreased markedly during the 
process of fermentation. The highest concentrations of the FAs in “Hatahata-zushi” 
were C18:1n-9, C16:0, C22:6n-3, C20:5n-3, and C16:1n-7, respectively [53].

It has been noticed that bacterial enzymes play an important role in fish fermen-
tation in which the aroma in fermented fish products is claimed to be derived from 
the activity of halophilic bacteria [47]. The enzymes that participate in the produc-
tion of PUFAs are thought to be either fish tissue enzymes or microbial enzymes 
[47]. The traditional fermented fish product Lona ilish of Northeast India has 
shown that salting plays an important role in the fermentation and preservation of 
food. Salt preserves the fermented products through the reduction of water activity 
(aw) of the system, thus rendering a condition less suitable (low moisture) for the 
microbial growth. Generally, food pathogenic bacteria are inhibited when the water 
activity is 0.92 or less which is equivalent to NaCl concentration of 13% (w/v). It 
was reported that halophilic bacteria were responsible for the fermentation process 
of fish product Lona ilish since these bacteria can tolerate high salt conditions. The 
bacterial flora of Micrococcus and Bacillus species were reported to be involved in the 
processing of‘Lona ilish [47]. Other microorganisms are found in the spontaneously 
fermented Chinese fish product Suanyu such as lactic acid bacteria, Staphylococcus, 
and yeast [54].

The two main products of fish fermentation in the Arabian Gulf region are 
fish paste and sauce. It is difficult to classify these products due to the lack of 
standardization throughout the world. Generally, fish paste is a thick product 
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with whole fermented fish, while fish sauce is a thinner product with additives 
such as spices and cereals. The color of fish paste or sauce is usually brown 
resembling soy sauce. Fish paste is more nutritious than fish sauce [49]. Tareeh is 
a salt fermented fish paste in the Arabian Gulf countries prepared from a high-fat 
fish Sardinella spp. [33, 49]. The famous fish sauce in the Arabian Gulf Countries 
is called Mehiawah that is prepared by the addition of spices to the fermented fish 
Tareeh [49, 55].

The fatty acid contents of the fish product Tareeh and Mehiawah of white 
sardinella (Oom) were recently investigated [56, 57]. The study of Freije et al. 
(2018) was conducted in order to determine the effect of fermentation under high 
salting conditions (20%) for 8 weeks on weekly basis on the fatty acid composi-
tions of white sardinella (Sardinella albella) [57]. The fatty acid compositions of 
Tareeh have shown a great deal of variation as the fermentation process proceeded. 
The concentrations of SFAs and MUFAs significantly declined in Tareeh samples 
compared to raw fish, whereas the concentrations of UFAs and PUFAs were sig-
nificantly increased starting from week 4 of fermentation. The amount of n-6 FAs 
as well as n-3 FAs increased during the fermentation process, and the enzymatic 
activities of the elongases and desaturases were found to have higher affinity to n-3 
FAs than n-6 FAs. The ratio of n-6/n-3 was decreased after 8 weeks of fermentation, 
while the proportions of EPA + DHA were increased. This unique fermentation pro-
cess might have a great application in the food industry [56]. It was also concluded 
that the elongation and desaturation process was carried out by single new bacterial 
strain from the Bacillus species named Bacillus mojavensis-ASK [58, 59].

3. Conclusion

The studies that investigated fatty acid compositions in fermented fish products 
all over the world are limited. Each of those studies has given different results with-
out any common consistency among them. Some of those studies have reported 
a decrease in UFAs and an increase in SFAs, while others reported increased SFAs 
and MUFAs but decreased PUFAs during fermentations. On the contrary, the 
most recent studies have reported declined levels of SFAs and MUFAs and a rapid 
increase in PUFAs. Such contradicted results can be attributed to the difference in 
the type of fermented fish, fermentation conditions, and the addition of different 
additives. Therefore, this process requires thorough investigations in order to reveal 
the mystery behind such contradictions.
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