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Preface

This book contains chapters focusing on the theme of insect physiology and ecology. Chapter
contributions fall under the following headings: I. “Morphology, Ecological Importance, and
Distribution," II. “Symbiotic Relationships," III. “Resistance and Defense Mechanisms," and IV.
“The Edible Insect: Used as Food Sources." In the first section, the authors discuss the morphol‐
ogy, ecology, and distribution of water beetles, dung beetles, weevils, and tabanids. In the sec‐
ond section, the authors review insects, such as scale insects, bark beetles, and ambrosia beetles
and their microorganismal interactions with bacteria, fungi, or mites. In the third section, the
authors present insecticide detoxification and insect defense mechanisms against infections. In
the last section, the chapters cover insects as sustainable food. This book targets a wide audi‐
ence of general biologists, as well as entomologists, ecologists, zoologists, virologists, and epi‐
demiologists, including both teachers and students in gaining a better appreciation of this
rapidly growing field.

In Chapter 1, Section 1, “Morphological, Ecological Importance, and Distribution," “Thoughts
on Water Beetles in a Mediterranean Environment," Samir provides data collected from a sur‐
vey on water beetles in freshwater ecosystems in the northern part of Tunisia. The author pro‐
vided a list of 123 species as a result of monthly collecting surveys over the course of a year.

In Chapter 2, “Dung Beetles of Chile, with Emphasis in La Araucania Region," Ranz et al. exam‐
ine dung beetles or scarabs, as they provide a role in the decomposition of manure from live‐
stock, as well as the recycling of soil nutrients, stimulation of plant development, spreading of
seeds for reforestation, biological control of parasite load in manure, soil aeration, help in polli‐
nation, and maintenance of ecological balance. The authors provide details with respect to the
diversity and distribution of these species.

In Chapter 3, “Weevil Borers in Tropical Fruit Crops: Importance, Biology and Management,"
Hernández-Fuentes et al. examine weevils as an economically important group of coleopteran
insects. The authors consider the main species of weevils, such as the big avocado seed weevil,
small avocado seed weevil, avocado branch weevil borer, avocado weevil, avocado stem weevil,
guava weevil, coffee berry borer, and diurnal weevil, with respect to fruits, such as avocado, cof‐
fee, guava, and anonas. The authors provide a description, distribution, list of host plants and
biology, damage, and control methods for each of these species.

In Chapter 4, “Tabanids in South America," Guimarães et al. provide information on the taxon‐
omy, morphological data, distribution, and bionomy of tabanid species in South America.
These insects are the largest blood sucking Diptera and are known for their painful sting. They
are vectors of several helminths, viruses, bacteria, and protozoa that can affect humans, as well
as wild and domestic animals.

In Chapter 5, Section 2 “Symbiotic Relationships," “The Symbiome of Llaveia Cochineals (Hemi‐
ptera: Coccoidea: Monophlebidae) Includes a Gammaproteobacterial Co-symbiont Sodalis
TME1 and the Known Candidatus Walczuchella monophlebidarum," Rosas-Pérez et al., review
beneficial associations of scale insects with symbiotic microbes.

In Chapter 6, “The Role of Mites in Bark and Ambrosia Beetle-Fungal Interactions," Vissa and
Hofstetter explore the complex interactions that insects share with mites and fungi. They pro‐



vide a detailed review of specific beetle-fungal and mite-fungal associations, mutualistic and
antagonistic effects of these fungal relations, and ecological and evolutionary consequences of
beetle-fungal-mite relationships within the host complex.

In Chapter 7, Section 3 “Resistance and Defense Mechanisms," “Role of Carboxylesterases (ALiE)
Regarding Resistance to Insecticides: Case Study of Colorado Potato Beetle (Leptinotarsa decemli‐
neata Say)," Stankovic, S. and Kostic address details on the mechanisms by which the Colorado
potato beetle has been successful in developing resistance against new insecticides by degrading
or detoxifying toxins more quickly than susceptible insects or by using higher levels or more effi‐
cient forms of specific enzymes, resulting in a decrease in the duration and intensity of exposure
and the likelihood of lowering the probability of a lethal outcome.

In Chapter 8, “Cellular and Molecular Mechanisms of Insect Immunity," Rosales assesses chal‐
lenges that insects face when they are exposed to microorganisms (i.e., bacteria, viruses, and fun‐
gi), as well as parasites on a daily basis. The author discusses innate immunity, including both
cellular (i.e., involving phagocytosis of bacteria and encapsulation of parasites mediated by hemo‐
cytes) and humoral or systemic responses (i.e., secretion of soluble antimicrobial peptides into the
hemolymph). These authors include a description of specific receptors for sensing infection and
the signaling pathways that activate genes for the production of antimicrobial peptides, as well as
recent advances in insect antiviral immune responses.

In Chapter 9, Section 3 “The Edible Insect Used as Food Sources," “Potential of Insect-Derived
Ingredients for Food Applications," Tzompa-Sosa and Fogliano study how insects can be used as
sustainable and efficient protein and lipid sources, with respect to their nutritional value for hu‐
man consumption. The authors include information with respect to insect processing, protein and
lipid extraction, perspectives of food applications of insect-derived ingredients, and information
on the chemical and physical characteristics of insect proteins and oils that will be useful in assess‐
ing possibilities of their use in different food applications.

In the last Chapter, Chapter 10 “Entomophagy: Insect as Food," Bernard and Macaire discuss
the benefits of edible insects as rich sources of protein, unsaturated fatty acids, minerals, vita‐
mins, and carbohydrates, for humans, as well as for providing feed to animals. The authors
comment, in addition, how edible insects have valuable medicinal, commercial, and ecological
importance and can potentially replace conventional animal sources.

I wish to thank InTech Open Access Publisher for initiating this book project and inviting me to
serve as editor. I would like to recognize the Publishing Process Manager, Maja Bozicevic, as‐
signed to the task of publishing this book and for guiding me through the process. I would also
like to acknowledge all the authors for their hard work in submitting and editing their contri‐
butions. Lastly, I wish to express a special thanks to my husband, Dr. Thomas Heinbockel, Pro‐
fessor and Director of Graduate Studies, Department of Anatomy, Howard University, College
of Medicine, and our son, Torben Heinbockel, for their patience and understanding in the last
year when I was working on this book project.

Dr. Vonnie D.C. Shields
Associate Dean, Jess and Mildred Fisher College of Science and Mathematics

Professor, Biological Sciences Department
Towson University, Towson, Maryland, USA
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Thoughts on Water Beetles in a Mediterranean 
Environment

Touaylia Samir

Additional information is available at the end of the chapter

Abstract

The chapter provides data from a survey carried out on water beetles in various freshwa-
ter ecosystems in Tunisia as a Mediterranean country of considerable diversity. Studies 
dealing with these insects are fragmentary not only in comparison with the European 
fauna but also in comparison to other zoogeographical areas. A compiled checklist of 
beetle species collected from Tunisia is given with an insight on new recorded species. 
Diversity, altitudinal distribution, and geographical pattern of water beetles in Northern 
Tunisia are discussed with regard to other Mediterranean areas. They include various 
chorotypes related to the history of the Mediterranean basin. Several species are threat-
ened and require conservation. According to the criteria of the IUCN, several water beetle 
species can be included in the list of threatened species.

Keywords: water beetles, diversity, phenology, biogeography

1. Introduction

Water beetles are holometabolous insects characterized by a strongly sclerotized body with 
the forewings hardened into elytra [1]. They occur in a wide variety of habitats, living in virtu-
ally every kind of fresh- and brackish-water habitat, from the smallest ponds to lagoons and 
wetlands and from streams to irrigation ditches and reservoirs [2]. They exhibit high species 
richness in the Mediterranean area and are primarily found in the ecotone between land and 
inland waters [3]. They are of great ecological interest as bioindicators of the quality of limnic 
ecosystems, the type of water, and habitats in danger [4]. Tunisia, a Mediterranean country, 
has important water beetles diversity. Studies dealing with these insects are fragmentary not 
only in comparison with the European fauna but also in comparison to other zoogeographi-
cal areas [5–16]. Synonymy of species is established by following the “Catalogue of Palearctic 

© 2017 The Author(s). Licensee InTech. This chapter is distributed under the terms of the Creative Commons
Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
distribution, and reproduction in any medium, provided the original work is properly cited.



Coleoptera, vol. 2” edited by Löbl and Smetana [17]. Abellán et al. [2] developed a system for 
ranging species according to their conservation priority or vulnerability on local, national, 
and global scales. IUCN [18] also gave rigorous criteria and categories that should classify 
the species according to extinction opportunities for a given period. Of particular interest, 
Northern Tunisia has endemic biota under increasing anthropogenic threats, where several 
species require conservation [19].

The fauna of North Africa could be considered as originating from the passage of Euroasian 
species to the African continent as a result of plate tectonics, leading to the connection of the 
two continents. The Mediterranean and the Atlantic were later connected (in the Pliocene), 
thereby isolating the two continents [20]. Water beetles of Tunisia include various chorotypes 
related to the history of the Mediterranean basin of which Tunisia is a part. The northern part 
of Tunisia includes two mountain ranges: the Tell (Kroumir and Mogods Mountains) and 
the Dorsale (Châambi Range reaching the Cap Bon Peninsula) [21]. Tunisia has a humid to 
Saharan climate. The humid area is limited to the Kroumir Mountains [22]. Annual rainfall 
decreases from the north to the south, with most of the rainfall in winter [23]. Water resources 
are unevenly distributed within the country; the northern part, covering an area of only 17% 
of the territory, has 60% of the total water resources [24]. This highly influences the water per-
manence and, therefore, the phenology, composition, and distribution of the water beetles’ 
communities. We analyze the faunistic, chorological, and phenological aspects of the aquatic 
coleopteran species in the study area.

As the species distribution is determined by a set of ecological and historical filters acting 
on several spatial and temporal scales [25], we analyze the assemblage of aquatic beetles in 
response to environmental variables characterizing the explored streams.

Understanding patterns in biological diversity along major geographical gradients is an 
important topic in ecology. Garrido Gonzalez et al. [26] reported that the species distri-
bution of water beetles was greatly influenced by altitude affecting the characteristics of 
aquatic settings. We tested if such finding is similar for the coleopteran fauna in Northern 
Tunisia.

2. Knowledge status of water beetles

Previous to the exploration of Northern Tunisia during the last years, very little was known 
of the water beetle fauna of Tunisia. So far as can be ascertained, there are only a few pub-
lished notes on their biogeography, and the other a compiled checklist of 214 species col-
lected by [5–16, 27–34]. Compilation of studies focusing on taxonomy of water beetles of 
Tunisia indicated a checklist of 236 species taking into account the eventual synonymous. 
The result of our recent researches is a list of 123 species, including all that I have found on 
the Northern Tunisia (Figure 1 and Table 1). It is mainly the result of monthly collecting 
surveys over the course of a year (May 2005–April 2006), supplemented by some species 
collected by friends while working at other groups of insects. We considered only the water 
beetles’ families sampled in the recent survey. About 1420 species in about 40 genera belong 
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to Hydraenidae Mulsant, 1844 and are encountered on all continents, and some inhabit even 
the Subantarctic Islands, where only a few insects are able to cope with the hostile climatic 
conditions [1]. The Hydraenids of Tunisia comprise 57 species. Recently, we sampled 24 spe-
cies including four recorded for the first time in Tunisia: Hydraena atrata, Hydraena scabrosa, 
Ochthebius mauretanicus, and Ochthebius mediterraneus. Limnebius irmelae is also an endemic 
species and thus require protection with regard to the anthropogenic threat on its habi-
tat. By the North African scale, H. atrata shows demographic and geographic scarcity [19, 
35]). Several species (Hydraena rivularis, Hydraena numidica, Hydraena pici, Limnebius nitifarus, 
Limnebius theryi, and O. mauretanicus) have their distribution area restricted to the extreme 
northern part between Algeria and Tunisia, and they could be considered as threatened spe-
cies (reduction of their numbers and their biogeography). According to the criteria of the 
IUCN [17] for threatened species, we suggest the inclusion of Hydraena kroumiriana in the 
national red list of protected species [19].

Elmids occur on all the continents with about 1330 species in 146 genera. Members of this fam-
ily are generally living in lotic habitats, and very few species are encountered on lake shores 
or in ponds, whereas Dryopids are represented by about 300 species in 33 genera occurring 
in all biogeographical regions, except for the Australian continent. Larvae are generally ripar-
ian or terrestrial; adults of about 75% of the species are regarded as aquatic (lotic and lentic 
habitats), and the remaining ones are riparian or terrestrial (humicolous and arboricolous) [1]. 
Studies on Elmidae and Dryopidae [13, 15, 31] reported 18 species. We collected nine species 
(Table 1), four of them are new recorded from Tunisia; Oulimnius troglodytes, Potamophilus acu-

 Figure 1. Map showing sampling sites and distribution of water beetles in the study area.

Thoughts on Water Beetles in a Mediterranean Environment
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minatus, Dryops peyerimhoffi, and Pomatinus substriatus [36]. A particular attention was given to 
the Maghrebin endemic Esolus filum since the citations in Algeria are old and the occurrence 
of the species in North Africa refers to the recent catch conducted in the Moroccan Rif [37]. 
Hydrochidae is a monogeneric family with about 180 species occurring on all continents. All 
species are truly aquatic, living in well-vegetated stagnant water, and/or at the edges of very 
slowly flowing water [1]. Boumaïza [15] and Hansen [38] recorded two Hydrochus species 
from Tunisia. We sampled also Hydrochus smaragdineus (Table 1) for the first time [39].

Helophoridae is a monogeneric family with about 185 species, more or less confined to the 
Holarctic Realm [1]. Most species seem to prefer standing shallow water with plenty of 
organic debris, such as edges of small-to-medium sized water bodies [40]. Thirteen species 
of Helophorus are known in Tunisia [12, 38]. The checklist of Helophorids of Tunisia was bet-
tered by new records of three species (Table 1): Helophorus milleri, Helophorus paraminutus, 
and Helophorus cincticollis [41]. Hydrophilidae consists of about 2652 species in 174 genera 
occurring on all continents, among them about 70% are aquatic [1]. In total, 21 Hydrophilid 
species were recently found. The most interesting ones from the zoogeographical point of 
view are Enochrus nigritus, Enochrus affinis, Laccobius revelierei (all newly recorded for Tunisia), 
and Laccobius orientalis and Berosus spinosus (newly recorded for North Africa) [42].

An updated checklist of the aquatic adephagan Coleoptera includes a total of 90 species, of 
them 57 were sampled in the study area (three Gyrinidae, six Haliplidae, one Paelobiidae, one 
Noteridae, and 46 Dytiscidae). Hydroglyphus major is recorded for the first time from Tunisia 
[43]. Dytiscidae have approximately 520 undescribed species. Gyrinidae represent a family of 
medium diversity, with an estimated 1000 species. Water beetles display their greatest diver-
sity in the tropics except for Haliplidae and Helophoridae. Haliplidae are distinctly more 
diverse in the Holarctic Realm than in any of the tropical regions, although most tropical 
countries are still rather poorly examined [1].

3. Ecological traits of water beetles

3.1. Diversity and geographical pattern of water beetles

Species were categorized into three groups according to their adult phenology, following the 
approach of Valladares and Garrido [44]; permanent species (found over the course of the 
year), frequent species (encountered in three seasons), and seasonal species (occurring only 
during one or two seasons). The phenology of species is based on the presence of the adults 
since the capture of larvae is sporadic and requires an appropriate methodology [45]. The 
distribution of species in the studied areas in a transect from west to east took into account the 
differences in geological (landform localization) and hydrological (basin connectivity) char-
acteristics. Four distributional categories of the water beetle species are distinguished accord-
ing to the areas in which each species occurs (Figure 1 and Table 1); 19 species occurring 
only in the Kroumir and Mogods Mountains (G1), mainly Hydraenidae and Hydroporinae 
(Dytiscidae) that are pollution-sensitive and rheophilous collected primarily from montane 
streams of the Aïn Draham region that are safe from any anthropogenic activities, 15 species 

Thoughts on Water Beetles in a Mediterranean Environment
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also occurring east of the Tell mountain chain (G2), 19 species occurring only in the Bizerte 
and Cap Bon Peninsula (G3), and 70 species widespread throughout the study area (G4).

Beetles living in freshwater are strongly influenced by physicochemical and biological fac-
tors [46]. The chronology of appearance of the sampled species may be attributed to the flow 
of rivers, which may be temporary. The temporal appearance of species also is affected by a 
spatial variation that can hide the chronology of their emergence in each stream. Indeed, the 
study sites belong to different bioclimatic regions that largely influence water permanence, 
trophic factors, and hence, population dynamics (intensity of drift and migration and distri-
bution of the fauna according to the availability of prey and competition).

The species richness of water beetles follows seasonal fluctuation (Figure 2). The frequency 
and abundance of their adults attenuate considerably and even are absent when the environ-
mental conditions become unfavorable in winter because of decreased water temperature, 
high turbidity, and the reduction of the aquatic vegetation as food, and refuge for the benthic 
community. The seasonal succession of species in temporary waters affects trophic structure, 
adaptations to drought, and traits common to most successful taxa, including highly flexible 
life cycle, temperature-dependent development, diapause or otherwise protected eggs, and 
high dispersal ability [46]. Among the main factors affecting community structure are runoff 
from agricultural areas, vegetation cover, and water chemistry [47]. Except for Noteridae, 
water beetles have terrestrial pupae. The life cycles of these species may include larval 
or adult terrestrial stages that minimizes the likelihood of their occurrence in the aquatic 
environments. In groups such as Dytiscidae and Elmidae, larvae and adults are aquatic. In 
other groups, such as Scirtidae, only larvae are aquatic. Hydraenidae and the hydrophilid 
(Hydrochinae and Helophorinae) have only adults as the aquatic stage [48]; they live as larvae 
in a dry cocoon in an excavated cavity above the water level, and can leave and return to it as 

 Figure 2. Seasonal and spatial variation in species richness of water beetles.
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adults [49], which minimizes the chance of capture. The overall phenology of the water beetle 
species reveals highest abundance and frequency in summer and in autumn. The phenologi-
cal categories revealed a predominance of permanent species compared with frequent and 
seasonal species, with slight differences in abundance levels. Permanent and frequent species 
follow the overall phenological pattern, whereas the seasonal species show a spring maxi-
mum of abundance, which decreases toward a winter minimum [50].

Permanent species (52)—They may be considered the most eurytopic species in terms of envi-
ronmental variables. Their majority are aquatic as larvae and imagoes (Gyrinidae, Haliplidae, 
Dytiscidae, and Elmidae). However, this more complete aquatic existence hides a variability 
of their existence in each river taken separately. The presence of each species can be used for 
the evaluation of its habitat preference [51].

The species exhibiting an autumnal peak of abundance are Noterus laevis, Yola bicarinata, 
and Ochthebius viridescens. Haliplus lineaticollis, Peltodytes rotundatus, Laccophilus minutus, 
Hydrochus flavipennis, Berosus affinis, Helochares lividus, Hydraena leprieuri, L. orientalis, and 
Laccobius atratus were most abundant in summer and autumn. Three species, Hydroporus 
pubescens, H. rivularis, and Ochthebius dilatatus, were most abundant in spring and in 
autumn, whereas only Graptodytes flavipes was maximally abundant in spring and in sum-
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species of the genus year-round in the Pyrenees, whereas Hygrobia hermanni is maximally 
abundant during winter and spring. We found Agabus didymus the most abundant species 
year-round, and H. hermanni was uncommon during all seasons. According to Bertrand 
[54], Hyphydrus aubei is present with quasi similar seasonal abundances, with a collection 
of larvae during April in central and southern Europe and North Africa. We found this spe-
cies slightly more abundant in spring and in summer. According to Millán [55], N. laevis 
is present year-round, but its abundance decreases during autumn in the south-eastern 
Iberian Peninsula. This is different from our observations that show an autumnal increase. 
Valladares and Garrido [44] mentioned that populations of Hydroglyphus geminus increase 
in summer and then decrease in autumn, whereas Anacaena lutescens is encountered only in 
winter. However, in the present study, we observed H. geminus more or less equally abun-
dant year-round, and found A. lutescens all year but most abundant in spring and in sum-
mer. H. flavipennis is a permanent species with slightly higher abundance in summer and 
in autumn. According to Valladares and Garrido [44], it belongs to the group of frequent 
species, but it is absent in spring.

Frequent species (31 species)—they are mainly more localized montane species. These spe-
cies exhibit low abundance associated with low frequencies and restricted distribution. The 
majority of the species exhibit similar seasonal abundance patterns. However, Graptodytes 
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fractus and Hydroporus feryi present two peaks of abundance, in summer and in autumn. 
Helophorus algiricus is maximally abundant in spring, whereas L. revelierei is most abundant in 
summer. Sixteen species in this group were not captured in winter, which is characterized by 
a disturbance of microhabitats due to the flood effect affecting the majority of sites. Six species 
were not captured in summer when temporary streams become dry. Two species, Helophorus 
asturiensis and Helophorus alternans, were rare in autumn and in winter, became abundant in 
spring, and then were absent in summer. They are regarded as seasonal species by Valladares 
and Garrido [44], appearing only in winter and in spring with low abundance. Valladares 
et al. [45] noted that H. lividus, a permanent species in our study, and Enochrus fuscipennis, 
which have similar sizes, habitats, and prey type, exhibited peak abundance in spring and 
in autumn. This may be interpreted as an adjustment of their biological cycles to avoid the 
interspecific competition for shared trophic resources.

Seasonal species (40)—their absence from some sites may be accounted for sampling effort 
and/or scarcity. Their richness decreased from spring to winter, probably due to their ecologi-
cal requirements. Abellán et al. [56] consider measurements based on richness, abundance, or 
evenness, which are usually used in the evaluation of the effects of environmental degrada-
tion on biodiversity, to be highly influenced by sample size, sampling effort, and the type or 
complexity of the habitat. Valladares and Garrido [44] observed that Paracymus scutellaris and 
Dryops algiricus exhibited the same phonological pattern in Spain, whereas Berosus signaticol-
lis had clear peak abundance during these seasons. In the present work, the first species was 
found in spring and in summer only, the second species in summer and winter only in low 
numbers, and only a single specimen of the third species was taken (during spring). H. atrata 
was collected only in one site during September. It is present during four seasons, particularly 
in spring, in the Channel of Castile in Northern Spain [45]. In the same way, Rhantus sutura-
lis was captured in a well during the spring, but it is permanent in the Pyrenees and has its 
population peak in winter [57]. Hydrobius fuscipes was collected only in April in our study, but 
in Spain, it is abundant in autumn and in spring and absent in winter [44].

The geographical distribution was analyzed by chorotype based on distributional patterns 
that are deduced from a comparative analysis of geographical ranges of species [58]. The 
fauna of Tunisia, as well as all of North Africa, is a heritage of Eurasian and Afrotropical 
elements. However, during the Pliocene, the isolation from Europe blocked the arrival of sev-
eral European lineages. The desertification of the Sahara during the Holocene impeded the 
northward movement of Afrotropical species. These two facts explain the relative poverty of 
the water beetle fauna compared to less isolated zoogeographic regions in the world [32]. The 
chorological category corresponding to each species is given in Table 1. The most important 
chorotypes are Europeo-Mediterranean (19.2%), North African (15.8%), West-Mediterranean 
(12.5%), Turano-Europeo-Mediterranean (12.5%), and Mediterranean (8.3%). The number of 
endemic species is low, about 2.5% of the total fauna. For the species of the genus Hydraena, 
as for many other organisms of the chorotype North African (NA), the Sahara desert rather 
than the Mediterranean Sea forms a biogeographical limit. The majority of Hydraena species 
are North African. The main exchanges with Europe took place in the west where the Strait of 
Gibraltar is situated [32]. Abellan et al. [59] considered the biodiversity of freshwater systems 
to be endangered, especially in Mediterranean semiarid regions like our study area. Northern 
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Tunisia has a rich and endemic biota that is threatened by the development of surrounding 
land-crop irrigation. These freshwater habitats and species need more protection in order 
to preserve the biodiversity of the freshwater ecosystems of North Africa. Endemic species 
from Tunisia (En) comprises three species H. kroumiriana, L. irmelae and Dytiscidae (Agabus 
africanus). The distribution of H. kroumiriana is restricted to a small montane stream located in 
Northwestern Tunisia. It is threatened with extinction according to the categories and criteria 
established by the IUCN [18]. L. irmelae apparently has a small population since less than four 
adults were captured per site over the course of a year. A. africanus is more dispersed toward 
the east (Cap Bon Peninsula) but is still scarce.

The fauna of North Africa probably originated from the passage of Euroasian species to the 
African continent as a result of plate tectonics (in the Tortonian), leading to the connection of 
the two continents. The Mediterranean Sea and the Atlantic Ocean were later connected (in 
the Pliocene), thereby isolating the faunas of the two continents [20]. The origin of the water 
beetle fauna in Northern Tunisia reflects the history of the Mediterranean basin. During the 
secondary era, the coastal massifs of the Rif, as far as the Kroumir, were an emerged part of a 
continent or more probably an archipelago, the Tyrrhenid, which spread over what is now the 
western Mediterranean between Spain and Italy [32]. The Eocene and Oligocene transgres-
sions reduced the Tyrrhenid to the Betico-Rifan massif separated from Europe by the North-
Betican trough and from Africa by the South-Rifan trough and by some islets near the Kabylie. 
These lands remained emerged up to the present time. North Africa was joined to Eurasia at 
the end of the Miocene, and the Mediterranean, thus enclosed, dried up. During the Pliocene, 
a transgression covered the Tyrrhenid and the Strait of Gibraltar divided the Betico-Rifan into 
two parts [60]. These events provide a hypothesis explaining the chorological aspects of the 
current water beetle fauna of Tunisia and North Africa.

3.2. Altitudinal distribution of water beetles

The northern part of Tunisia comprises several orographic areas: the Tell (altitude ranges 
between 400 and 800 m), the haut-Tell and the Dorsale culminating at Djebel Châambi (1544 m), 
with a width of 40 km in the west and becoming narrow in the east toward the Cap Bon 
Peninsula [21]. As larger number of species are sensitive to this ecological parameter, the more 
significant are their role in the biotope [61]; an ecological study of the geographical distribu-
tion of water beetles in the mountains of Northern Tunisia was carried out with an analysis 
of the effect of altitude on the distribution of 123 species collected from 64 sampling sites. 
Species richness was analyzed at different altitudinal levels and the indicator species were 
determined by establishing their altitude profile in terms of reciprocal species-factor informa-
tion (see Touaylia et al. [62]). The information related to the altitudinal gradient gave a score 
of I(L; E) = 0.702, while maximum entropy, which depends only on the number of altitudinal 
levels considered, was H(L) max = log2 [NK] = log2 3 = 1.09. The ratio between those two 
scores, which determines the sampling quality, was 0.644. This ratio shows that the altitu-
dinal factor has been sufficiently sampled; however, some information is lost because of the 
high frequency (76.6%) of sampling sites in the first altitudinal level. The variation in aquatic 
beetle species richness at different altitude levels is shown in Table 1; overall, species richness 
decreases with increasing altitude. Species richness decreases within the different families 
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with increasing altitude [62]. In an overall regional survey, we did not analyze the ecological 
features of all species because it would not be necessary to analyze features of species not hav-
ing “useful information”, and it would be difficult to work with such a large number of spe-
cies. An indicator value is attributed to every altitude profile as high as the information score 
that it gives. The species with the highest I(L; E) scores are the most sensitive to the altitudinal 
factor and could be considered as altitude indicator species. Their high I(L; E) value highlights 
the important role of altitude in the distribution of species in the study area. Among the spe-
cies whose reciprocal “species/altitude” information exceeds 0.04, those having a more signif-
icant altitude profile from the corrected frequencies and comprising a less variable spectrum 
of the altitudinal factor were selected as being representative (indicated with an asterisk). The 
ecological influence of altitude on the distribution of water beetles was demonstrated through 
a determination of indicator species linked to the altitudinal gradient. The assessment of the 
barycenter abscissa value is obtained from the set of information provided by the species’ 
altitude profiles, highlighting those that give more information in relation to the considered 
factor (I (L; E) > 0.04). In this way, an ordering was established in the set of species, based on 
increasing “G” values, that is equivalent to classifying species along an altitudinal gradient. 
Species having similar barycenters are expected to possess the same ecological behavior, and 
the barycenter abscissa of the profile can be taken as an index of its ecological optimum in 
terms of the considered factor [63]. However, the frequency profile of the different species 
needs also to be taken into account. The analysis of the barycenter abscissa reveals that species 
having a low value are highly localized. Species whose profile shows an average barycenter 
have greater amplitude. Such phenomena are often very significant, as has been shown in 
similar ecological studies [64]. Taking into account their altitudinal preferences, the 30 repre-
sentative species are categorized into five groups (Table 1):

*Species present along the entire altitudinal gradient—several altitudinally ubiquitous spe-
cies of Hydraenidae, Hydrophilidae, Helophoridae, and Dytiscidae. H. leprieuri (7–588 m) is 
endemic in North Africa [32]; it lives in clear, preferably flowing, waters under detritus and 
stony substrata with rocks and gravel providing with it a homochromy for avoiding preda-
tors. Limnebius pilicauda (2–588 m)—a member of the Maghrebinian element— was captured 
at an altitude of 1300 m in Morocco [34]. It was collected in shady watercourses in the region 
of Aïn Draham as well as in lowland, lentic, vegetated streams with muddy and gravelly 
bottoms. L. theryi (16–588 m)—endemic in Algeria and in Tunisia [34]—is more abundant at 
high altitudes. Its broad ecological profile allows it to live in a variety of habitats. B. affinis is 
an ubiquitous specie, showing great ecological plasticity, occurring in a variety of aquatic 
ecosystems (lagoons, ponds, springs, rivers, and ditches) associated with muddy substrates. 
Its altitudinal distribution ranges from 5 to 1400 m [65]. It has been found associated with 
vegetation, sometimes in muddy and eutrophic as well as in clear waters [66]. It has a wide 
altitudinal distribution (2–588 m) and also high abundance and frequency. H. algiricus is a 
representative of the obscurus complex in North Africa. It occurs in a variety of shady places 
(5–2000 m) in Morocco [65]. Its altitudinal range is wide (6–631 m) with a greater abundance 
at high altitude sites. It was found along the banks of streams rich in organic matter. H. feryi 
shows a preference for highland sites, but rarely occurs in lowland areas; its wide altitudinal 
level (2–614 m) means it is anubiquitous species. It occupies the same habitats as H. pubescens. 
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Its highest abundance is in sites with bryophytes and mosses. H. pubescens was encountered 
on plains and low mountains in stagnant fresh or brackish waters [67]. It is more abundant 
in clear, well oxygenated, fast-flowing, but poorly vegetated waters (2–588 m). Hydroporus 
tessellatus is a typical species of subalpine levels. It has a wide ecological valence, occurring 
in lotic or lentic habitats [26]. It was captured at sites whose altitude ranges between 16 and 
588 m. Its abundance increases considerably at higher altitudes, and it becomes scarcer at 
lower altitudes. Stictonectes samai is well represented in highland areas; in contrast, it was 
taken at a single lowland site. Agabus brunneus has been collected from flowing waters of 
small streams [54]. It was found at both lowland and highland sites (2–588 m), but it is not 
represented at mid-altitude sites. A. didymus is considered a montane species (645–1295 m), 
with greatest affinity for altitudes between 900 and 1200 m, where it is abundant [26]. It occurs 
in clear running waters of the Alps [54]. In our study, it was captured in the same habitat type 
up to 588 m. Agabus nebulosus lives in stagnant waters in the lower Pyrenees (>2000 m) [67]. It 
was captured in lentic (pond and irrigation canal) and lotic (river and high mountain) habitats 
[26]. In our collections, it was also found in lowland areas (16 m) with abundant vegetation 
and reached its highest altitude at 631 m. Ilybius bedeli (3–588 m) is scarce at lowland altitudes, 
but well represented at highland sites. It was recorded by Normand [12] and Vigna Taglianti 
et al. [58] from clear, flowing waters of mountainous part of Aïn Draham, Camp de la Santé, 
and El Feidja. G. fractus (2–714 m) is abundant mainly in the highest mountainous regions of 
Northwestern Tunisia, as also recorded by Normand [13]. Graptodytes ignotus is uncommonly 
distributed along an altitudinal gradient from 16 to 714 m. It has a tendency to sandy and 
gravelly sediments in clear, flowing waters of shady mountainous regions. Graptodytes varius 
(2–588 m) has highest abundance from streams of the Bni Mtir Dam basin. Deronectes perrinae 
is a highland species found in mountains (up to 631 m). However, one adult was collected at 
lowland (7 m), possibly carried there by river debris.

*Species present only in lowland areas—A. exaratus was encountered in a small vegetated 
inlet stream with a substratum of gravel and sand at 265 m [26]. Its ecological requirements 
vary according to geographic area. It can tolerate a wide range of environmental conditions 
[65]. Its altitudinal range in the study area varied between 3 and 176 m. Dryops sulcipennis is 
found in two different kinds of habitats, bogs, and flowing waters [69]. It was collected at low-
land sites (2–237m). P. rotundatus lives among filamentous algae in lakes, pools, ponds, rivers, 
marshes, brooks, and streamlets, and shows a preference for running water among vegetation 
of Utricularia and Nuphar [70]. It was encountered at sites located at altitude from 2 to 236 m.
*Species present only in lowland-midland areas—O. viridescens was found in brackish as well 
as inland waters [71]. It lives mainly in lowland sites (2–255 m). It is associated with the roots 
of vegetation such as Juncus multiflorus and Typha angustifolia. L. orientalis can be considered 
lowland; it is very frequent in sites at low altitude (6–255 m). H. lividus is localized among 
mud and detritus on the edge of temporary ponds, lakes, lagoons, and rivers [66]. It was 
captured at altitudes ranging from 6 to 255 m. N. laevis (2 and 255 m) was found in stagnant 
waters with rich vegetation, but sometimes also in slowly flowing waters as mentioned by 
Vondel and Dottner [70]. L. minutus shares the same habitat type as Laccophilus hyalinus, but it 
shows a preference for stagnant waters and has been captured at altitudes up to 1500 m [54]. 
The altitude range of present collections lies between 2 and 484 m.
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*Species present only in midland-highland areas—Hydraena testacea lives in ponds, slow-flow-
ing, oxygenated small streams, or other stagnant waters with a slimy, eutrophic substratum 
invaded by algae [26, 72]. Its distribution in Tunisia is limited to two closely approximate sites 
from the Aïn Draham forest (484–588 m), categorized as a threatened species at local scale. 
Hydroporus obsoletus lives exclusively in hollows and quiet stream edges of mountains [67]. It 
was collected at altitudes between 329 and 588 m. Hydroporus analis is typical of coastal brack-
ish waters [67]. The habitat of our collection (484–588 m) is characterized by fast flowing, lim-
pid, oligotrophic, unmineralized water, where it was recorded by Pederzani and Schizzeroto 
[16]. Rhithrodytes numidicus was recorded from small streams of Fernana and Aïn Draham 
Mountains [12]. Our captures are restricted to the Bni Mtir Dam basin (314–588 m). It was also 
collected in underground waters (wells) as a stygoxene epigean species.

*Species present only in highland areas—Agabus biguttatus may be considered montane. In 
North Africa, it lives in forest streams (3200 m) [68]. Its occurrence in the study area is limited 
to several streams of the Bni Mtir Dam basin (Northwestern Tunisia) at altitudes between 563 
and 631 m. It occupies a habitat type characterized by steep slopes, a substratum predomi-
nantly of stone and gravel, poor vegetation, and well oxygenated, fast-flowing waters. The 
mean value of the mutual information is higher when species have more affinity for several 
classes of the altitude. The importance of a descriptor corresponds to its effectiveness to select 
species in order to know the zoo-ecological groups among them [61]. Jacobsen [73] indicated 
that mean local and zonal family richness decreased by about 50% from sea level to 4000 m; 
local richness declined linearly from sea level to 1800 m.

The species richness of water beetles decreases with increasing altitude. This may be explained 
by the fact that some species present in lowland streams were not found at higher altitudes 
(Table 1). Furthermore, it can also be attributed to the fact that the majority of sampled sites 
were in the first altitudinal level. Also, there was a decrease in new species with the accumula-
tion of new records. Five species were newly recorded in the mid-altitude level, whereas 25 
species disappear in it. Sixteen species were added in the high altitude level to those of the 
mid-altitude level, with the disappearance of 18 species; seven species were new, and 69 were 
absent in the high altitude level in comparison with the low altitude level.

4. Conclusion

The water beetles in Tunisia are poorly studied not only in comparison with the European 
fauna but also with other zoogeographical areas. The present conducted survey aims at 
bettering the knowledge on this freshwater fauna. The species of richness of water beetles 
is updated by new records; it can be bettered through samples from central and southern 
Tunisia. This checklist seems to better the knowledge of the diversity of the water beetles’ 
habitats and provides a solid basis for further research, focusing on macroinvertebrates in 
order to better direct monitoring conservation projects, and to asses the effects of anthro-
pogenic activities on these fragile ecosystems. The fauna of Tunisia, as well as all of North 
Africa, is a heritage of Eurasian and Afrotropical elements. However, during the Pliocene, 
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by the fact that some species present in lowland streams were not found at higher altitudes 
(Table 1). Furthermore, it can also be attributed to the fact that the majority of sampled sites 
were in the first altitudinal level. Also, there was a decrease in new species with the accumula-
tion of new records. Five species were newly recorded in the mid-altitude level, whereas 25 
species disappear in it. Sixteen species were added in the high altitude level to those of the 
mid-altitude level, with the disappearance of 18 species; seven species were new, and 69 were 
absent in the high altitude level in comparison with the low altitude level.

4. Conclusion

The water beetles in Tunisia are poorly studied not only in comparison with the European 
fauna but also with other zoogeographical areas. The present conducted survey aims at 
bettering the knowledge on this freshwater fauna. The species of richness of water beetles 
is updated by new records; it can be bettered through samples from central and southern 
Tunisia. This checklist seems to better the knowledge of the diversity of the water beetles’ 
habitats and provides a solid basis for further research, focusing on macroinvertebrates in 
order to better direct monitoring conservation projects, and to asses the effects of anthro-
pogenic activities on these fragile ecosystems. The fauna of Tunisia, as well as all of North 
Africa, is a heritage of Eurasian and Afrotropical elements. However, during the Pliocene, 
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the isolation from Europe blocked the arrival of several European lineages. The desertifica-
tion of the Sahara during the Holocene impeded the northward movement of Afrotropical 
species. These two facts explain the relative poverty of the water beetle fauna compared to 
less isolated zoogeographic regions in the world [32]. These aquatic insects are heteroge-
neous in their local and world distribution. Their assemblage is structured by physicochemi-
cal parameters. They include indicator species (water quality, altitude. etc.). Altitude could 
be considered among the physical factors that affect distribution of stream macroinverte-
brate communities, but its effect is also combined with other environmental variables such 
as temperature, substratum, water flow, and stream geomorphology, particularly in streams 
extending along altitudinal gradients [74]. Water permanence and depth were considered 
by Williams et al. [75] among the main environmental variables explaining invertebrate 
assemblage structure. The present study was restricted to the northern part of Tunisia. The 
sampled sites ranged between 1 and 714 m, which is a rather limited altitudinal gradient. 
In many geographical areas, 714 m would hardly be considered “high altitude.” This can 
make difficult a comparison with other areas in which the habitats typical of the Tunisian 
“lowland” are found above such an altitude. Therefore, the distribution of the species has to 
be related to the distribution of habitats, as the same species can be found at different alti-
tudes in different areas, depending on where suitable habitats are found. Further sampling 
is required to confirm these results, especially in higher mountains in central and southern 
Tunisia, since those in central Tunisia rise to 1544 m.
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Abstract

Dung beetles are insects that provide a large-scale ecosystem service worldwide through 
their role in the decomposition of manure from livestock, thereby providing a series of 
environmental services, such as nutrients recycling, control of internal parasites of live-
stock whose eggs are in the feces, soil aeration, spreading of seeds and maintenance of 
ecological balance. Dung beetles are broadly classified according to their nesting behav-
ior in three categories as telecoprids, paracoprids and endocoprids. Telecoprids are the 
rollers that make balls from feces and roll them into the ground; paracoprids are the 
tunnellers that bury the dung balls at different depths, forming galleries in the ground 
below or next to the food source and endocoprids, who are the dwellers that raise their 
larvae inside feces. There are 10 native species of dung beetles recorded in Chile, apart 
from 10 species of Aphodiinae, plus two introduced species, such as Onitis vanderkelleni 
and Onthophagus gazella. Dung beetles species were prospected in La Araucania Region 
and registered Homocopris torulosus, Frickius variolosus, Podotenus fulviventris and Aphodius 
pseudolividus. We found that species from genus Homocopris, Podotenus and Aphodius were 
distributed from 0 to 2000 m above sea level, while F. variolosus was distributed over an 
altitude of 350 m.

Keywords: dung beetles, Scarabaeidae, Geotrupidae, Chile
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1. Introduction

Dung beetles (Coleoptera: Scarabaeidae and Geotrupidae) are well known because of their feed-
ing habits, consisting in collecting the dung from various animals. In some countries, they are 
called scarabs [1–3]. Dung beetles have a worldwide distribution with a range of about 8500 
species. They are present in every kind of environment such as deserts, forests, savannas, 
tropical or cold grasslands and urban areas [4–8]. Dung beetles appeared on Earth during 
the late Cretaceous, where they began taking advantage of the huge amount of accumulated 
manure and the absence of other insects or organisms that could play the role as decomposers 
(see Refs. [5, 8–10]).

The feeding habits of these insects bring significant environmental benefits and ecosystem 
services, such as recycling of soil nutrients, stimulation of plant development, spreading of 
seeds, biological control of parasite load in manure and indirect help in pollination [10–14].

In grasslands, the insects activity generates an increase in the rate of manure decomposition, 
allowing nutrient recycling, and also, the reuse of grassland, once feces have been cleared 
[15, 16]. The introduction of dung beetles has been used as a grassland management decision 
in other parts of the world. For example, in Eastern Island, the species Onitis vanderkelleni 
(Lansberge)and Onthophagus gazella (Fabricius) were introduced for grassland manage-
ment purposes, and the last was introduced in Australia and other countries, too [17, 18]. 
In America, O. gazella, native to sub-Saharan Africa, is now introduced in the United States 
of America, Mexico, Guatemala, Nicaragua, some Caribbean islands, Colombia, Venezuela, 
Brazil, Peru, Bolivia, Paraguay Uruguay and Eastern Island and has not been recorded from 
continental Chile.

Dung beetles have received great attention in recent years due to their higher agro-ecological 
importance in crops and environmental management, especially due to their role in increas-
ing soil fertility and parasites control in cattle. So much so that it is estimated that biological 
activity of dung beetles reaches an economic contribution to agriculture of US$380 million per 
year in the USA [19–21]. Dung beetles are also considered key important due to ecosystem 
services they provide worldwide by eliminating the remains of manure, derived from live-
stock production systems. These services are directly related to improving yields and crop 
sustainability; in addition, seeds dispersion become significant importance in reforestation, 
restoration and conservation of forests [19, 22–24].

Dung beetles have had great religious importance since ancient times, at such a point that 
have been considered as religious symbols in rituals or, as deities. Besides, beetles have been 
used as food, in medicine, and have played important roles in traditional culture and folklore 
(see Refs. [25–28]). Egyptians emphasized at that point, who observed dung beetles behavior 
and their ecology over 5000 years, and even compared a beetle with their deity, god Khepri. 
Beetles were considered sacred by Egyptians due to the role they played in the renewal, trans-
formation and resurrection of life. There were four aspects that determined the relationship 
between facts and the biological-theological explanation [29]: (1) beetles looking for drop-
pings, something to what the Egyptians attributed a sacred character; (2) a beetle rolling a ball 
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of dung and burying it in the ground; (3) the fact that most of their metamorphosis occurred 
underground; and (4) the fact that eggs hatch and restart the life cycle.

Dung beetles have been used as bio-indicators during the last three decades and also in bio-
logical models [23, 28, 29]. However, productive practices in croplands, prairies and even 
forests have lowered significantly the biodiversity of dung beetles, mainly due to the nega-
tive effects of chemical control against weeds and pests, such as herbicides and pesticides, as, 
for example, when controlling the horn fly (Haematobia irritans), or internal parasites of cattle 
(see Ref. [24]).

A decline in the population of dung beetles in prairies has great importance in intensive 
livestock production systems, where the greatest accumulation of manure cannot be elimi-
nated by native insects. In those cases, as a management measure, entomologists propose the 
introduction of exotic dung beetle species. However, previous to such decisions, it becomes 
necessary to carry out studies for assessing possible losses of native species, as it has already 
happened in other parts of the world, such as in Colombia where the release of O. gazella 
would have produced smaller populations of native dung beetles [30–32]. The exotic O. gazella 
was released in Texas, USA in 1972, and since that year, the species have been widely spread 
across most of the countries of South America. This fact would indicate this species is affect-
ing native populations of native dung beetles [33].

There are 10 native species identified in the literature as native species of dung beetles in Chile, 
four paracoprids and five telecoprids with no records of endocoprids [34]. They are Frickius 
costulatus, Frickius variolosus, Taurocerastes patagonicus, Homocopris torulosus, Homocopris punc-
tatissimus and 10 species of genus Aphodius, plus two introduced species, the O. vanderkelleni 
and O. gazella [29, 33]. There are two species from subfamily Aphodiinae in La Araucanía, 
Podotenus fulviventris and Aphodius pseudolividus [34, 35]. The native paracoprids and tele-
coprids are detailed in Table 1.

Feeding class Family Species

Paracoprids Geotrupidae Frickius costulatus (Germain, 1897)

Frickius variolosus (Germain, 1897)

Scarabaeidae Homocopris torulosus (Eschscholtz, 1822)

Homocopris punctatissimus (Curtis, 1844)

Telecoprids Scarabaeidae Megathopa villosa (Eschscholtz, 1822)

Scybalophagus rugosus (Blanchard, 1843)

Tesserodoniella elguetai (Vaz de Mello and Halffter, 2006)

Tesserodoniella meridionalis (Vaz de Mello and Halffter, 2006)

Geotrupidae Taurocerastes patagonicus (Philippi, 1866)

Endocoprids Scarabaeidae No records and there is not any species reported uncertain. 
Podotenus (Podotenus) fulviventris (Fairmaire and Germain, 1860)

Table 1. Native species of dung beetles in Chile according to nesting behavior.
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There are few studies on both native and introduced dung insects in South Central Chile. One 
study in horse droppings was focused on the biology of H. torulosus (previously known as 
Pinotus or Dichotomius torulosus) [30, 35–38], F. costulatus [31], A. pseudolividus and Megathopa 
villosa [33]. In Los Rios region, there are some studies carried out during the autumn season 
to sample the presence and activity of dung beetles over grasslands [31, 34, 35]. Currently, 
there are no published records on the distribution and characterization of the environments 
in which it is possible to find these insects.

2. Methodology

The sample was conducted in five agro-ecological areas of La Araucanía Region covering 
approximately 3,184,200 ha (see Ref. [39]). La Araucania Region is located in Southern Chile 
and corresponds to a transitional zone between a dry Mediterranean and climate. As most of 
South Central Chile, the region is divided into five different landscapes: (1) coastal rain fed 
area (CRF) that includes the coast (west side of coastal range) and the coastal range; (2) the 
interior rain fed area (IRF) that includes the dry east-side of the coastal range; (3) the central 
plain (CP) that includes the flat lands of the central valley; (4) the pre-Andean area (PA) that 
includes lands of the piedmont of the Andes Mountains; and (5) the vo1canic Andean area 
(VA) that corresponds to Andes Mountains. The Pluviometry varies from west to east, with 
notorious lower precipitations in the east side of the coastal range. Temperature decreases 
from west to east in the measure altitude increases to up in the Andes. The differences in 
temperature and altitude determine some vegetation differences. Therefore, in the coastal 
range and its east side will be dryer with sclerophyll vegetation; the central valley will be a 
transition between sclerophyll and rainy temperate and evergreen forests, with these temper-
ate forests covering until the piedmont of the Andes and, with changes in species distribu-
tion, leaving space to species better adapted to low temperature. At higher altitude, forests of 
Chilean monkey puzzle trees (Araucaria araucana), lenga birch (Nothofagus pumilio) or Ñirre 
birch (Nothofagus antarctica) take place replacing the species of the temperate forests.

In each agro-ecological area described above, we chose between 5 and 15 sampling areas based 
on the presence in pastures of manure from cattle and horses, and within native and exotic for-
ests. The sampling areas were chosen and marked over the agroecologic map of the Araucanía 
Region [39].

At the same time, in each of these sampling areas, we chose as many as possible sampling 
points, where we sampled and measured the presence and abundance of insects in, over and 
around feces, and prepared a list of dung beetles. The sampling process was conducted dur-
ing spring, summer and autumn, for 3 years (2008–2010). The observations were made dur-
ing 30 minutes at each sampling place, and then samples with organic material were taken 
for analyses to laboratory. Once in the laboratory, the samples were compared against the 
material of reference (specimens) that are kept at Museum of Entomology, to assure a correct 
identification and classification of sample specimens. In a parallel procedure, the classifica-
tion keys were examined in the literature. Insect samples were deposited in the Entomological 
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collection at the Museum of Entomology.1 Each sampling place was georeferenced using a 
GPS devise “Garmin”.

In addition to the sampling areas, we had installed two light traps. Such light traps included 
a container to receive the insects. The traps were 1.1 m high and weighted approximately 5 kg 
each. The traps contained an ultraviolet illumination tube of 43 cm long and 20 W.

One in a farm located in the urban border of Temuco city, southern Chile and the second in 
the Experimental and Model Farm Maquehue, located at 38°50′27.20S 72°41′34.32″W at 12 km 
far from Temuco city. Both traps were set up for 10 years (year 2000–2010). The samples from 
each light trap were collected on daily basis and taken to the laboratory, for analysis and 
specimen classification.

In relation to the scientific names, we followed the classification for the Scarabaeoidea of 
South America and the most recent taxonomy used in the literature [34, 35].

3. Results and discussion

In our prospection performed in the sampling process (2008–2010) and during years 2000 and 
2010 (light traps), we found four species of dung beetles in La Araucanía, which are detailed 
in Table 2.

We did not register the rest of dung beetles described in the literature nor the exotic ones. 
Apart of those detailed in Table 2, we would have expected to find in La Araucanía Region, 
the native species H. punctatissimus (Curtis, 1844), a species recently revalidated, M. villosa 
(Eschscholtz, 1822), and F. costulatus (Germain, 1897) [29, 33, 35]. In regards the introduced 
species O. vanderkelleni (Lansberge) and O. gazella (Fabricius), we did not succeed at register-
ing them, in spite the fact their presence have been previously reported for Easter Island, an 
insular Chilean territory, and cited for different parts around the world [34, 37–40].

From the four species recorded in the study, F. variolosus and H. torulosus were found present 
in most of the samples along the year, while P. fulviventris always was recorded in early spring 

1Laboratory of Applied Entomology at the Faculty of Agricultural and Forest Sciences, University of La Frontera, Chile.

Feeding class Family Species

Paracoprids Geotrupidae Frickius variolosus (Germain, 1897)

Scarabaeidae Homocopris torulosus (Eschscholtz, 1822)

Endocoprids Scarabaeidae Podotenus fulviventris (Fairmaire and Germain, 1860)

Aphodius pseudolividus (Balthasar, 1941)

Table 2. Native species of dung beetles sampled in La Araucanía, Chile, period 2000–2010 according to nesting behavior.
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and in huge amounts, with approximately 1800 individuals per feces, from both cattle and 
equine. However, A. pseudolividus was always recorded in the period from late February until 
mid-May to June, with counts of 4000 individuals per feces from cattle and equine. According 
to our literature review, there is no other record on this behavior; therefore, the current sam-
ple observations are the very first time this behavior is observed.

Regarding the seasonal flight of the two species Aphodius registered in this study 
(Figure 1), it is seen that, adult specimens of A. pseudolividus appeared between February 
and April, with a higher population peak in March. However, the adult specimens of 
P. fulviventris appeared in large quantity, in feces from cattle and equine, only between 
September and October.

Results indicate these species have completely unknown behavior in regards their univoltine 
life cycle. At least, one can know where they are when adults do not appear. It is interest-
ing the fact that adults of both species coexist with adults of H. torulosus and F. variolosus. 
Apparently, there would be competition for the resource (feces) by having each species, 
a different feeding strategy (Paracropid and endocropid).

Regarding the samples collected with the light traps (Figures 1 and 2), specimens of A. pseudo-
lividus and H. torulosus showed to be strongly attracted to light. However, it must be noted that 
specimens of P. fulviventris were not captured by these traps, but by manual collection. Adult 
specimens of H. torulosus showed to have a seasonal flight over the year, with a decrease in 
population in winter (July), when no adults flight, and an increasing population from August 
onwards, reaching a higher peak of individuals in late summer (February–March). It was dif-
ficult to determine the quantity of generations per year, given the fact that adults flight almost 
the whole year; however, we assume that there were present at least two generations a year 
(bivoltine). This situation should be validated and checked in the field in future research.

It was found that H. torulosus was sharing the food resource with F. variolosus, P. fulviventris 
and A. pseudolividus as adults. It was usual to find specimens of H. torulosus and F. variolosus 
together in the same dung, from equine and cattle. The number of individuals varied greatly 
from one sample to another, at sampling altitude near 500 m, was the two species are sympatric 
(Figure 3).

Figure 1. Flight and seasonal abundance of adults of A. pseudolividus and P. fulviventris.
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Figure 2. Flight and seasonal abundance of Homocopris torulosus, 10-year average 2000–2010 of monthly average 
registered by light traps at Maquehue, Temuco.

Figure 3. Altitudinal distribution pattern of H. torulosus and F. variolosus.

Figure 4. Distribution of H. torulosus and F. variolosus, across agro-ecological areas (CRF—coastal rain fed; IRF—interior 
rain fed; CP—central plain; PA—Pre Andean; VA—Vo1canic Andean).
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Regarding the distribution of species in La Araucanía Region (Figures 4–6), it should be 
noted that according to the sampling methodology, where the observations were made at 
different times, we were able to describe the sample distribution of H. torulosus and F. vario-
losus over time.

In Figure 4, we can see that both species are well distributed across the region, but H. torulo-
sus is distributed between 0 and 850 m above level and F. variolosus was recorded as present 
between 400 and 2000 m above sea level (Figure 3). We registered between 1 and 50 specimens 
per dung (Figure 2) with a marked tendency of insects to prefer horse feces, in occurrence 
and abundance. On the other hand, F. variolosus was registered at altitude higher than 500 m. 
We could not identify a preference of F. variolosus for dung from a particular animal. Sample 
indicated that specimens of F. variolosus preferred sectors in the piedmont of the Andes. The 
registered abundance of F. variolosus was from a couple up to 250 of specimens per dung, 
which coincides with previous reports (see Ref. [29]).

In regards the preference for a type of vegetation, samples were taken in both native forest and 
forestry plantations and, according to registered data, both specimens of H. torulosus and F. 
variolosus preferred native forest to plantations.

Figure 6. Adults of Frickius variolosus.

Figure 5. Adults of Homocopris torulosus.
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4. Conclusions

According to the present study, we found evidence that dung beetles are well distributed in 
La Araucania region, where we were able to collect specimens from four species. They are 
H. torulosus, F. variolosus, P. fulviventris and A. pseudolividus.

All the species registered in this study are native. It is worth to mention that we did not 
find any specimen of those introduced species two decades ago. Besides, we could not find 
any record of previous studies that have found any specimen from such introduced species, 
which help in confirming our findings.

Also, we could not find any evidence, as mentioned in the literature, that dung beetles are 
present in higher frequency in manure located in native forests. We only could confirm that 
dung beetles are abundantly present in manure, independently of the type of cattle or type 
of forest (native or exotic) or vegetation cover, that is, they are present in forests, grasslands 
or any vegetation cover where there is manure that have been directly deposited over the 
ground by cattle. It is worth to note that dungs from wild animals like puma or foxes were not 
checked as part of this study.

The distribution of H. torulosus across La Araucania regions goes from 0 to 2000 m above sea 
level, while F. variolosus is distributed from 350 m and higher. In this study, we have regis-
tered for very first time the behavior of adults’ specimens of A. pseudolividus that showed a 
higher abundance of higher than 1500 individuals per feces in the period from end of summer 
until late mid-Autumn (February until mid-May).

Finally, in the particular case of P. fulviventris, on who there is no previous published records on its 
habits, this study constitutes the first publication describing aspects on its biology, for example, that 
adults appear in very high densities in September and that they share the good substrate with F. 
variolosus and H. torulosus, and apparently, without any competition problems for the food resource.
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Abstract

Weevils are an economically important group of Coleopteran insects of the family 
Curculionidae. This is the largest insect family in the superfamily Curculionoidea. They 
may be found almost everywhere and more than 3000 species in near of 500 genera occur 
in North America. Most of them are plant feeders and others are key pests. These weevils 
use the snout to feed on plant tissues and notch egg-laying sites on it. Adults drill holes 
and feed in seeds, fruits and other reproductive parts of the plants. Some of the most 
notable examples of weevils include Conotrachelus spp. on avocado and guava, Optatus 
palmaris on anonaceous fruits, Heilipus lauri on avocado, Hypothenemus hampei on coffee 
berry and others. The presence of some of these species requires establishing measures of 
restriction when the product is for exportation. Management practices and postharvest 
treatments are required to ensure that the fruits will be free of larvae. In this chapter the 
main species of weevils in the most important tropical fruit are included, such as avo-
cado, coffee, guava and anonas fruits. Weevils of economic and quarantine importance 
are considered.

Keywords: weevils, tropical fruit, management, importance

1. Introduction

The members of the Curculionidae family are called weevils, since most of them have more 
or less prolonged head anteriorly as a peak or nose; this term is less appropriate (and rarely 
used) for Platypodinae and Scolytinae, because there is only little development of the peak in 
these two subfamilies.

© 2017 The Author(s). Licensee InTech. This chapter is distributed under the terms of the Creative Commons
Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
distribution, and reproduction in any medium, provided the original work is properly cited.



Borers and weevils, including bark and ambrosia, are the members of this family most com-
monly found. This family shows considerable variation in size and shape. The peak is well 
developed in most species, with capitate antennae appearing in the middle of the peak. In 
Scolytinae, Platypodinae and some Cossoninae, there is no peak. The Curculionodae species 
present a complete metamorphosis (egg, larva, pupa and adult); the family has great eco-
nomic importance by the number of pest species.

The male external genitalia comes in two types: Ortocera or Gonatocera—in the first one, 
plates of the aedeagus are known as tecto and the pedon; in the second one, only it remains 
the pedon; and in some families, there is a clear reduction of the tecto. The antennae are pre-
sented in two types—straight or elbowed—in addition some appear to be geniculate [1].

Almost all weevils are phytophagous and among these, there are many important agricul-
tural and forest pests. Almost any part of the plant can be attacked, from the roots to the aerial 
parts; usually the larvae feed within plant tissues and adults make holes in the fruits, nuts and 
other parts [2], except for myrmecophilous, saprophagous and predatory species [3].

As mentioned most of them are herbivorous and economically important pest because they 
affect crops by reducing yields or affect stored products. They can actually cause large losses 
since the female makes holes somewhere in the plant, either branches or fruits to oviposit. In 
other cases, females lay eggs on the surface and when the larvae emerge, they pierce the fruit 
or branches, feeding on plants tissues; in the case of ambrosial weevils, they feed on fungi, 
which are cultivated within the plant, causing direct and indirect damages.

We considered the main species of weevils in the most important tropical fruits, for example, 
avocado, coffee, guava and anonas fruits. Weevils of economic and quarantine importance 
are considered. We talk about topics like biology, importance, damages and suggestions to 
their control.

2. Big avocado seed weevil, Heilipus lauri Boheman

2.1. Description

The egg of H. lauri is oval; its surface is finely reticulate with pentagonal forms. It is 1.40 ± 0.06 
mm long and 0.87 ± 0.03 mm wide. At the moment of the oviposition, the chorion is bright 
white; during its embrionary development, its color changes from clear brown to dark brown. 
The forth instar larvae reach 24.21 ± 1.49 mm length. The body is robust, curved with color 
opaque white; the measurement of the head is 1.87 ± 0.06 mm wide and color clear brown 
and it is not retracted in the prothoracic segment. The pupae are the exarate type with color 
creamed white and 16.97 ± 1.25 mm in length. Adult (Figure 1) with opaque integument is 
black reddish in most of the surface of the body, except legs which are reddish. The length of 
the body, excluding the head (rostrum), is 14.77 ± 0.87 mm in the case of females and 13.78 ± 
0.76 mm in males. The head (rostru m) reaches 7.29 ± 0.67 mm in the females and 5.32 ± 0.28 
mm in the males. It is curved in the females and slightly more thick than in the males; in 
malesthe rostrum is short and straight. A distinctive characteristic of this species is the pair of 
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parts; usually the larvae feed within plant tissues and adults make holes in the fruits, nuts and 
other parts [2], except for myrmecophilous, saprophagous and predatory species [3].

As mentioned most of them are herbivorous and economically important pest because they 
affect crops by reducing yields or affect stored products. They can actually cause large losses 
since the female makes holes somewhere in the plant, either branches or fruits to oviposit. In 
other cases, females lay eggs on the surface and when the larvae emerge, they pierce the fruit 
or branches, feeding on plants tissues; in the case of ambrosial weevils, they feed on fungi, 
which are cultivated within the plant, causing direct and indirect damages.

We considered the main species of weevils in the most important tropical fruits, for example, 
avocado, coffee, guava and anonas fruits. Weevils of economic and quarantine importance 
are considered. We talk about topics like biology, importance, damages and suggestions to 
their control.

2. Big avocado seed weevil, Heilipus lauri Boheman

2.1. Description

The egg of H. lauri is oval; its surface is finely reticulate with pentagonal forms. It is 1.40 ± 0.06 
mm long and 0.87 ± 0.03 mm wide. At the moment of the oviposition, the chorion is bright 
white; during its embrionary development, its color changes from clear brown to dark brown. 
The forth instar larvae reach 24.21 ± 1.49 mm length. The body is robust, curved with color 
opaque white; the measurement of the head is 1.87 ± 0.06 mm wide and color clear brown 
and it is not retracted in the prothoracic segment. The pupae are the exarate type with color 
creamed white and 16.97 ± 1.25 mm in length. Adult (Figure 1) with opaque integument is 
black reddish in most of the surface of the body, except legs which are reddish. The length of 
the body, excluding the head (rostrum), is 14.77 ± 0.87 mm in the case of females and 13.78 ± 
0.76 mm in males. The head (rostru m) reaches 7.29 ± 0.67 mm in the females and 5.32 ± 0.28 
mm in the males. It is curved in the females and slightly more thick than in the males; in 
malesthe rostrum is short and straight. A distinctive characteristic of this species is the pair of 
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irregular enlarged spots, formed by copactation of small opaque orange oval scales. The first 
pair is the biggest and it is located 2/5 at the base of the elytra and the second one, 1/5 of the 
apice, located almost over the periapical callus [4].

2.2. Distribution

Heilipus lauri is a species with broad altitudinal adaptation, from 594 to 1900 over sea level. 
Its distribution includes Mexico [5, 6], Honduras (D. Cave 2013, in litt.) and Colombia [4]. Its 
presence in Mexico includes the states of Morelos, State of Mexico, Puebla, Hidalgo, Oaxaca, 
Puebla and Veracruz [2, 5, 7].

2.3. Host plants and biology

According to [8] in the State of Mexico, H. Lauri causes damage in avocado Hass, Fuerte 
and Colin V-33. Medina [9] documented that in the Morelos state. H. lauri has a preference 
for fruits of criollo avocado, P. americana var. drymifolia and Choquette cultivars Hass and 
Fuerte. Recently [7] added to P. americana var. american as a new host. Castañeda Vildozola [5] 
reported the presence of H. lauri in fruits of Persea schiedeana Nees in Huatusco and Zongolica, 
Veracruz. The information from these authors represents the first report of H. lauri damaging 
a different fruit of that of avocado species. The egg incubation period is 10.87 ± 0.45. In Ixtapan 
de la Sal Mexico State, females ovipositing have been recorded from March to September. 
This behavior is closely linked to the phenology of avocado in the region. Larva: It is found in 
a cotyledon where it feeds and develops its larval stage; its life cycle completes in 48.51 ± 2.30 
days. A typical feature of H. lauri is that it develops a single larva per fruit and even two; these 
do not destroy the seeds, when they are used. In Ixtapan de la Sal, the presence of larvae of 
H. lauri occurred from April to August. Pupa: Close to pupation, the larvae form a pupation 
chamber inside one cotyledon, lodge and stand still to be transformed into pupa. The pupa 
occurs from late August to September. Adult: The longevity of adults in laboratory conditions 
was 309.55 ± 86.72 days. Adults have diurnal habits; their presence is very noticeable during 
fruiting avocado period from 09:00 to 19:00 h. Field emergence of new adults occurred from 
September to April 2005. H. lauri biology is closely linked with the phenology of avocado in 

Figure 1. Male of Heilipus lauri, big seed borer of avocado.
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Ixtapan de la Sal. The availability of food throughout the year (fruits and foliage), avocado 
genetic diversity and environmental conditions play a role in favor of the presence of this 
insect [10].

2.4. Damage

Females drill and lay eggs directly in growing fruits (Figure 2) causing its injury inside; once 
the larvae emerge, they feed through the pulp to reach the seed where it completes its life 
cycle. When heavy infestations are recorded and no management is used, infestations of lar-
vae can damage up to 67% of the fruits; in orchards with management of the pest, it has been 
quantified losses of 3% [9].

3. Small avocado seed weevil, Conotrachelus perseae

3.1. Description

Egg: This is elliptical; the chorion is semitransparent when oviposited and acquires a graying 
color when the larva is next to emerging; it is less than 1 mm in length [1]. Larva is yellowish 
white and dark cephalic capsule. Prothorax has a suture open V-shaped and three ventral 
setae. The mesothorax and metathorax present two dorsal lobes; these segments in the pos-
teroventral region have a dorsal setae. All abdominal segments, except the last one, have three 
dorsal lobes and three ventral setae. Well-developed larvae reach a length of 6 mm [11, 12]. 
In pupa, the prothorax has five pairs of lateral setae and three pairs forming two rows on the 

Figure 2. Damages in fruits by Heilipus lauri, big seed borer avocado.
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sides. The mesothorax has two pairs of setae located within a lobe and in the middle part is 
the other rounded lobe. Abdominal segments are characterized by two pairs of setae in the 
ventral part of each segment; the eighth and ninth segments present a pair of lateral setae 
[12]. Adults (Figure 3) are dark brown; prothorax, in dorsal view, is strongly constrained in 
the apical portion [3, 13–15]. Humeral region of the elytra of C. perseae is wider than the base 
of prothorax.

3.2. Distribution

Conotrachelus perseae was first described from specimens collected in Guatemala [14]. This pest 
has been reported in Honduras, Costa Rica and Mexico [15, 16]. In Mexico, its presence has 
been documented in Chiapas Guanajuato, Michoacan, Puebla Hidalgo, State of Mexico and 
Veracruz [17, 18]. C. perseae adults are nocturnal and stay hidden during the day. Damaged 
fruits show small superficial holes. The larvae feed in seeds and the pupae are formed out of 
the fruit, commonly on the floor.

3.3. Host plants and biology

Both weevils have been collected in “Criollo” avocados, Hass and Fuerte [3, 19]. Castañeda 
Vildozola [17] added Persea floccosa as a new host of C. perseae in Mexico. The egg incuba-
tion period occurs between 4 and 13 days after oviposition. The duration of the larval stage 
of C. perseae is 15 to 30 days. Once the larva has completed its development inside the fruit, 
they migrate to ground where pupation occurs, reaching a depth of 3 to 11 cm. Pupal stage 
lasts 35.5 days. The longevity of adults is 111 days for male and 140 days for females. Adults 
are nocturnal; during the day they remained hidden in the stems and leave bent leaves 
and inflorescences [2, 12, 19]. In Tacambaro, Michoacan [8, 20], he concluded that the pres-
ence of the different stages of development occurs as follows: egg from late January to late 

Figure 3. Conotrachelus perseae, small avocado seed weevil.
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March, larvae from February to April, pupa from March to early May and adult from July to 
mid-September.

3.4. Damage

Adults damage fruits when they reach 2 cm diameter; fruits are perforated during oviposi-
tion. The larvae feed the pulp of the seed. Once concluded the larval stage, the fruits fall to 
the ground because of the destruction of the seed [12] causing loss of 85% if control measures 
are not applied.

4. Avocado branch weevil borer, Copturus aguacatae

4.1. Description

The egg is oval in shape, measuring 0.5 mm long and 0.3 mm wide; early oviposited eggs are 
translucent and then change to white. Larva. A well-developed larva reaches 12 mm in length 
and is milky white. The head capsule is retracted in the first thoracic segment. The prothorax 
is ossified in its highest zone and covered with small scales and laterally presents an oval 
spiracle. In the predorse and postdorse of the mesothorax and metathorax are present two 
dorsal folds. On the first abdominal segment, there are three dorsal folds and the segments II 
to VII with four folds. VIII to IX segments have no dorsal folds. All abdominal segments have 
setae varying in number, size and arrangement. The pupa is exarata and measures 5–8 mm 
long and 2–2.5 mm wide [9]. They are creamy white. The rostrum reaches the metathoracic 
coxae. Adults are romboidal shaped, measuring 3.77–5.0 mm long and 2.0–2.5 mm wide [21]. 
They are black to reddish black with small white scales, red, orange, or black. The females are 
bigger than the males. They have an almost triangular prosternal ridge between coxae.

4.2. Distribution

The presence of the avocado branch borer has been registered in the states of Morelos, 
Michoacan, Puebla, State of Mexico, Queretaro, Guerrero, Nayarit and Oaxaca [9, 22, 23].

4.3. Host plants and biology

The avocado is reported as only host [9, 23]. Medina [9] reported that in the state of Morelos, 
C. aguacatae cycle lasts 200 days; egg has an incubation period of 10–12 days; the larval state 
lasts 120 days with five instars, each lasting 20–24 days; pupae last 15 days; and the adult has 
a life span of 45 days. Leos-Rodríguez [24] concluded that the biological cycle of C. aguacatae 
in Uruapan, Michoacan, had a duration of 169–192 days, the incubation period of the egg 
was 10–12 days, the larval stage was completed in 108–117 days and the pupa in 17–19 days 
and adult longevity was 5 days. The adults are diurnals; often they walk on branches with 
quick movements. In Ziracuaretiro, Michoacan, the presence of adults occurred from June to 
November; the egg state was recorded from September to June. The larvae were recorded in 
the months of September to June and pupae were recorded in May and July [23].
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4.4. Damage

Damage is caused by larvae. The branches affected are those with greater exposure to the sun. 
Flowers and fruits are not damaged by the larva. The branches are affected from the epider-
mis to the core; damage is observed on large surface areas covered with lumps of crystallized 
wise. A consequence of damage, branches in production can be disrupted by the weight of 
the fruit [23].

5. Control strategies for Heilipus lauri, Conotrachelus perseae, 
C. aguacatae and Copturus aguacatae in Mexico

The importance of these species in Mexico is that they are classified as quarantine importance 
insects; fruit movement to avocado regions free of this pest is not allowed. This restriction is 
also valid for international market, specifically in the United States where the marketing of 
Mexican avocados were prevented since 1914 until November 1997 [25, 26].

Mexican Official Standard NOM-066-FITO-2002 has defined areas as free of seed borers and 
phytosanitary areas under control. The first step to prevent the spread of weevils to free areas 
of the pest is that the government of Mexico through the SAGARPA considers more rigorous 
sampling at points of entry and exit of agricultural products and makes strong awareness 
campaigns for people to be careful with fruit that moves from one place to another [27]. It 
is important to continue the implementation of studies to learn more about these insects of 
which is much talk, but little is known.

5.1. Control methods

5.1.1. Cultural control

It is advisable to remove the fruits with signs of damage by seed borers and prune the 
branches affected by this pest. All these materials should be burned for the control of eggs and 
immature stages; even though it is a late form of control, it is certain that it will be effective 
for the next cycle of the crop; less damage will be present, if control is supplemented by other 
measures. For Conotrachelus perseae it is recommended to track the ground because larvae next 
to pupation leave the fruit and stay on the floor to form cell pupation; this practice exposes 
larvae to desiccation or predators as birds.

5.1.2. Chemical control

In Mexico, some products are approved to be used in avocado orchards; an example is per-
methrin at doses of 200–300 cc in 100 L of water. The organophosphate insecticides, such as 
methyl parathion and malathion, are recommended for avocado pest control [9]. In the case 
of H. lauri and Copturus aguacatae, for their diurnal habits, the recommendation is to apply at 
early hours in the morning; for Conotrachelus perseae it should ideally apply at night as these 
insects are active from start of the night until dawn [19].
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5.1.3. Legal control

It requires a local legal framework (in the stated affected by the presence of weevils) to attend 
a plant management program in backyard orchards which are reservoirs of this group of 
insects. Integrated management campaigns, which according to the NOM-066-FITO-2002 
standard is to establish requirements and specifications for the phytosanitary handling and 
movement of plants and fruits of avocado. This standard indicates that avocado weevils are 
considered as an obstacle to export fruits; in consequence this is a limitation for exporting 
Mexican avocados to the US market. This situation remains latent, as producers of avocado 
in California and Florida are still dissatisfied with market opening arguing great risk of intro-
ducing weevils and other insects which may affect avocado orchards in these US states [26].

6. Guava weevil, Conotrachelus dimidiatus

6.1. Description

According to [28] adult presents elytra with discontinuous ridges and is less developed than 
C. psidii; the mesosterna is concave between mean coxae where few shallow spots occur; the 
metasternum has points more or less deep and evenly distributed and the crest is continuous 
in the range five; unlike C. psidii C, C. dimidiatus presents bifid nails.

6.2. Distribution

In Mexico, it was reported by misidentification of the species C. psidii [29]; years later [30] 
reported that the species belonged to C. dimidiatus, which is distributed in Mexico, Guatemala 
and Honduras [31]. This species causes major damages to the crop and is widely distributed 
in the producing areas of Mexico.

6.3. Host plants and biology

In Mexico, two species of Conotrachelus damaging guava are reported; however, C. dimidiatus 
is the species that causes the greatest damage [32]. The insect life span is one year; the egg 
incubation period is 6–9 days; the larva goes through a period of diapause for several months; 
however, on average it takes 51 days, the pupae 30 days and adult 75 days.

6.4. Damage

Once adults emerge from the soil, they fly to guava trees to feed; females lay eggs on the mid-
dle of developing fruits (Figure 4); after hatching, the larvae penetrate into the fruit to feed. 
Damaged fruits develop kidney shaped, mature and fall prematurely (Figure 5). In Calvillo, 
Aguascalientes, Mexico, the infestation of fruits averages 37.4%, which is higher in the lower 
portion of the tree and during the rainy season, the fruits are more susceptible when they are 
young, developing two to four cm of polar diameter [33]. The larvae feed the pulp, causing 
destruction and blackening of this and seeds (Figure 6). If control practices are not done or 
treatments are performed at inopportune seasons, damages could be extreme [22].
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Figure 4. Damages in fruits by adults of Conotrachelus dimidiatus.

Figure 5. Damaged fruits by Conotrachelus dimidiatus.
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6.5. Control methods

In the orchards, control is based considering the behavior and biology of the insect, accord-
ing [22, 33] to the presence of adults they have relationship with the rainy season, which are 
the ones to initiate the damage and infestation of fruit. Based on sampling, using a network 
under the tree before the start of rainy season, the detection of an adult/tree and observation 
of fruits with oviposition, applications of chemical insecticides, repellents and entomopatho-
genic are needed. Local tests to evaluate the effectiveness of these products are recommended; 
control is complemented with the destruction of damaged fruit that remains attached to the 
tree. When the fruits are harvested to export to the United States, they are treated by irradia-
tion to eliminate, among other pests, guava weevil. According to [33, 34], the use of chemical 
attractant traps can be used to sample and detect weevil populations. Biological control is still 
not a practice used against weevil; we have found parasitoids, predators of larvae and prepu-
pae; however, it is an activity that should be investigated and expand their knowledge in the 
future. Similarly, the identification of chemical attractants and pheromones as an alternative 
control should be integrated into weevil control.

7. Coffee berry borer, Hypothenemus hampei

7.1. Description

According to the description [35], the egg is bright white at the beginning to become 
opaque later. Chorion surface is smooth, measured 0.64 mm long and 0.32 mm in diam-
eter. The larva is white, wormlike and fully developed measuring 1.39 mm in length and 
has well-developed sclerotic jaws. The pupa is white at the beginning and becomes coffee 
later; sexual dimorphism exists in relation to size, which is also manifested in adulthood; 
the female pupa measures 1.18 mm long and 0.88 mm male. The adult is 0.5–0.8 mm in 
length.

Figure 6. Damaged fruits by larvae of Conotrachelus dimidiatus. Note the blackening of the pulp.
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7.2. Distribution

The coffee berry borer (CBB) is native to equatorial Africa and is currently distributed virtu-
ally in every country where coffee is grown [36].

7.3. Biology

These insects remain within the fruit much of its life cycle, as egg, larva, pupa and adult 
stages. The female only leaves to infest new fruit; males remain inside until death making 
difficult its control [37].

7.4. Damage

In some countries the infestation levels can be up to 90%; in Nayarit, Mexico, it has been 
recorded up to 70% in orchards with minimum crop management. The female drills close 
to physiologically mature fruits; inside it lays eggs and, when the larvae emerge, feeds the 
endosperm of the seed; and it decreases quality and yield.

7.5. Control methods

Due to the wide distribution and importance of the coffee berry borer and the conditions for 
growing coffee, its control requires a large integrated approach, in which the use of traps 
with attractants and the application of entomopathogenic microorganisms and parasitoids 
predominate over the application of insecticide chemicals. The integrated management of the 
coffee berry borer starts with sampling and determining the economic threshold of action, in 
Colombia, for example, [38] recommends a maximum fruit infestation of 2% to initiate control 
activities. The use baited traps for catching and sampling of coffee berry borer is a widespread 
technique and contributes to both detection and reducing pest significantly. To this respect 
[39] recommend installation of 22 traps each 10 ha with a mixture of ethanol-methanol 1:3 
(v/v) with 1% benzoic acid, as an optimal, effective and inexpensive amount for integrated 
management of the CBB. The widespread use of Beauveria bassiana against adults of the CBB 
and the presence of native entomopathogenic fungi must be taken into account because of the 
results obtained [20] to observe inhibitory effects of the development of this fungus by apply-
ing insecticides such as chlorpyrifos, endosulfan and disulfoton. The use and establishment of 
parasitoids with classical biological control method have been successful in all places where 
it has been implemented; the parasitoid Cephalonomia stephanoderis is widely distributed and 
it has remained despite applications of chemical insecticides. In some cases this can control 
94.8% of the CBB [40].

8. Annonaceae weevil, Optatus palmaris

8.1. Description

According to [41], the adult presents strops separated at the apex by a visible keel, middle 
lobe of the pronotum with a short tubercle on each side and elytra with points of inter-stretch 
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marks forming transverse grooves; the forelimbs are longer in males, with more dilated and 
bristly shanks (tarsus). The length of prothorax + elytra is 6.5–9.3 mm in males and 6.8–8.6 mm 
in females. It has a wide body, is rhomboid, has blackening layer, and is covered with fine 
decumbent scales. The head and face are 7.6–9.0 mm long in males and 7.5–8.2 mm in females 
and 1.4–1.8 mm wide in male and 1.5–1.7 mm in females, sometimes as long as the prothorax 
length, inserted at the top of the head in lateral view and slightly curved, reducing its size 
toward the apex, with lateral grooves in the middle basal; the face (rostrum) of the female 
is less sculpted than in the male, almost cylindrical, with scores and smaller scale and more 
limited compared to the male. Middle inserting antennae are 0.53–0.55 in males and 0.52–0.56 
mm in females. Antennae with scapum are 0.34–0.38 and 0.33–0.35 times the length of the 
head (rostrum) or peak in males and females, respectively.

Thorax: Prothorax sometimes is wider than longer. Pronotum is moderately convex; 
medium lobe is pronounced, subtruncate, slotted dorsally and moderately emarginate and 
with a short tubercle on each side. The lateral region of prothorax is furrowed near the tip; 
the lower anterior margin is sub-straight. Mesepimeron is not prominent in the anterior 
region but visible in dorsal view. Scutellum (1.4–2.3 mm in male) sometimes is as wide as 
long with the anterior margin sub-straight and acute apex. Elytra (1.8–2.0 in males, females 
2.0–2.2) is longer than the prothorax, (1.1 mm male) sometimes as long as broad; subtrian-
gular; humerus is rounded and is present dorsolaterally; pre-apical slang developed; find 
superficial stretch marks. Description of larval and egg is missing, being a pest of recent 
detection and increasing their damage, are required to perform morphological studies and 
evaluate alternative control.

8.2. Distribution

Optatus palmaris spread in Mexico, Guatemala, Costa Rica, Peru, Brazil, Bolivia, Colombia, 
Paraguay, French Guyana, Ecuador, Honduras, Panama, Venezuela, Trinidad and Tobago 
and Argentina [42, 43]. In México it is present in the states of Michoacan, Guanajuato, Oaxaca 
and Nayarit [31, 34].

8.3. Host plants and biology

The genus Optatus is closely related to fruits of Annona [43]. O. palmaris in Mexico is associ-
ated to A. diversifolia, A. cherimola and A. muricata [28, 34]. According to [34], the egg incuba-
tion time is 5.36 ± 0.69 days with variation of 4 to 8 days at 24°C and relative humidity of 72 ± 
2%. The larva lasts 73.5 ± 3 days, with an interval of 54 to 93 at 24.9°C and relative humidity of 
81.3%; its pupal period lasts 25.1 ± 1.6 days in the range of 17–41 at 25°C and relative humidity 
81.5 ± 0.12%; the adult lives 34–150 days, with an average of 112 ± 23.51 at 26.76 ± 0.03°C and 
relative humidity of 67 ± 0.2%. O. palmaris biological cycle lasts on average 216 ± 28.7 days, 
with an interval of 109–292 days.

Adults take refuge in the foliage of their host and feed on vegetative buds, flowers and fruits. 
They choose fruits close to physiological maturity where they form groups to feed, lay eggs 
and copulate. It is possible that the adult releases an aggregation pheromone; this may be 
influenced by volatile compounds of fruits during its developing stage, maybe because in 
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young vegetative buds and flowers, they appear very sporadic and solitary. The adults of O. 
palmaris make circular holes in the fruits that later become necrotics; they can create a sort of 
chamber where the female lays eggs. The female feeds and lays eggs; the male is dedicated 
exclusively to copulate and scarcely takes food during copulation time. After this period, 
adult migrates to the top of the tree for resting and feeds on young vegetative buds and flower 
buds; after 24 h it looks for females and continues copulating. These activities are done 15 h 
per day.

8.4. Damage

Optatus palmaris causes damage in chirimoya (Annona cherimola) [41, 42]; it has also been 
found in soursop, Annona muricata L. and ilama (Annona diversifolia L.). The larvae feed on 
the pulp and seeds of the fruit; in the final of the larval stage, it leaves the fruit and pupae in 
the soil [42]. Adults make holes in the fruits of soursop and chirimoya when they are feeding 
(Figure 7) or lay eggs (Figure 8); when there are no developed fruits, they feed on the petals 
and pedicel of small fruit, causing its fall. Damage of the species of the genus Optatus in A. 
cherimola corresponds to a pattern of drawings, similar to the letters “C” or “O,” which is a 
group of holes caused by adults when they feed; in places where the larvae feed, first necroses 
and slight watery discharge are observed; feeding causes a small hole deepens to seed; when 
moves from the fruit, it leaves a hole of 2–3 mm in diameter [42]. In soursop, O. palmaris adults 
can damage 38% of the total area of the fruit and it is possible to find an average of six larvae 
per fruit. The fruits most affected are those close to the harvest [34].

Figure 7. Damaged fruits of soursop by Optatus palmaris.
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8.5. Control

Because of recent detection as Annonaceae pest, considering aspects of its biology and hab-
its, control methods have not been evaluated. It has been observed that it is more frequently 
damaging in the producing annonaceae areas in Mexico; it is necessary to consider this pest as 
main insect pest of these crops and evaluate different methods of control and search of natural 
enemies: parasites, predators and entomopathogenic fungi. Based on their mating and feed-
ing habits recorded by [34, 42], the use of volatile compounds appears to be a good alternative 
management; however, further studies are required in this regard.
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Figure 8. Egg of Optatus palmaris. Space between the black lines is a millimeter.
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Abstract

The text provides information on taxonomy, morphological data, distribution, and bionomy 
on most recorded species of tabanids in South America. The distribution parameters of spe‐
cies according to classification by biogeographical regions are used. An appendix indicating 
the main studies about tabanids according to the countries of their origin is still offered.
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1. Introduction

The species of family Tabanidae Latreille, 1802, commonly known in South America as “ mutucas,” 
“botucas,” “mbutú,” “colihuacho,” and “moscas de los caballos”, comprises more than 4400 
worldwide species, absent only in the regions of higher altitudes and eternal snows [1, 2], with 
more than 1800 species present in the Neotropics [3]. They are the largest bloodsucking Diptera, 
reaching up to 25 mm, with a robust body and some with well‐developed proboscis, an aspect 
that causes respect and fear. Females often require blood meal for maturation of eggs, at least after 
the first posture, so they are considered autogenous, partially autogenous, or nonautogenous 
[4]. Males are phytophagous, but females, always in search of blood, repeatedly attack humans, 
domestic and wild animals, among primates, rodents, alligators, snakes, turtles, and birds, espe‐
cially during the drier seasons [5–8]. Tabanids are known worldwide for its painful sting and 
are mechanical and biological vectors of several helminths, viruses, bacteria, and protozoa, etio‐
logic agents of diseases that can affect humans and wild and domestic animals [9–11]. Tabanids 
have the characteristics necessary for a good mechanical vector: interruption of hematophagism, 
high mobility, and large mouthparts that can carry blood [10]. The painful tabanid sting is rec‐
ognized as a determining factor to interrupt blood meal. The sting causes reactions in the host, 
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such as muscle tremors, tail movement, hit with the head, and kick in order to make the tabanid 
fly away [12]. But the presence of tabanid predators as the solitary sand wasps Stictia punctata 
(Fabricius) and Stictia signata (Linnaeus) (Hymenoptera: Crabronidae) plays an important epide‐
miologic role: the wasps catch tabanids and take them away, before and during the blood meal, 
and in this last case, causing interrupted hematophagism [13]. Around the world, more and better 
evidence has been gathered to assess the importance of tabanids in an epidemiological context. 
Several studies show a correlation between the time of increased activity of horseflies and the 
appearance of diseases in animals and man. The season of year in which the vectors are more 
common means increased health risk to animal populations and exposed human [9, 10, 14, 15]. 
In Neotropics, tabanids occur mainly in tropical rainforest, deciduous forest, wet savannah, and 
grassland meadows; they appear to be rare or absent in open savannah, oak forest, tropical dry 
forest, and seaside mangroves [16]. According to Raymond, there is greater number of species 
and greater possibility of finding rarer species in the ecotone areas  [17].

The classification adopted by most current authors about Neotropical tabanids is the proposal 
by Mackerras [18], which divided the Tabanidae family into three subfamilies, Chrysopsinae 
Blanchard, 1840, Pangoniinae Rondani, 1856, and Tabaninae Latreille, 1802, mainly based on 
genitalia morphology.

The subfamily Chrysopsinae, with species that are an intermediate between Pangoniinae and 
Tabaninae, is divided into three tribes: Bouvieromyiini Séguy 1930 the more primitive, but 
with relatively specialized species; Chrysopsini Blanchard, 1840 with fairly structurally uni‐
form species, and few genera but numerous species; and the tribe Rhinomyzini Enderlein, 
1922 with only a very specialized species in the Neotropics. The subfamily Pangoniinae, in 
the Neotropical region, is divided into the tribes Mycteromyiini Coscarón and Philip, 1979, 
Pangoniini Rondani, 1856, and Scepsini Bequaert, 1930, all with more primitive as specialized 
species, and Scionini Enderlein, 1922, with only one primitive and anomalous species. The 
Tabaninae subfamily consists of three tribes, Diachlorini Lutz, 1909, Tabaninae Latreille, 1802, 
and Haematopotini Bequaert, 1930; the latter does not have representatives in the Neotropics. 
The Diachlorini tribe has primitive species and specialized species and the largest number of 
species in the Neotropics. Tabanini tribe also brings together both primitive and specialized 
species, but not as much as those belonging to tribe Diachlorini; most species is found only 
in one genus (Tabanus Linnaeus) [19, 20]. The terms “primitive” and “specialized” refer to 
the position of key characters: the most primitive are the ones that are closer to the condi‐
tions found in presumably ancestral forms, such as Nematocera, specializing more away from 
them, either by reducing and increasing the structural complexity.

2. Morphology of tabanids

Tabanids belong to the Suborder Brachycera, characterized by short antennae with three (up 
to five) segments and the adults emerge from the puparium by a T‐shaped slot. The species 
of family Tabanidae have head wider than thorax and frons may have one or more callus; 
 generally adjacent eyes (holoptics) in males and separated (dicoptics) in females; subcallus 
 generally inconspicuous, but sometimes well‐developed, smooth and shiny; antennal flagellum 
with first major flagellomere and 4–8 apical flagellomeres; maxillary palps with two segments; 
blood‐sucking mouthparts with mandibles and stiliform maxiles of most females adapted to 
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puncture the skin of the host; thorax with prominent notopleural lobes; legs with apical spurs 
in the median tibiae, and may be absent in hind. Wings with veins R4 and R5 limiting its apex; 
radial basal, basal medium, and discal cells large; posterior cubital cell usually closed near 
the edge of the wing; membranous wings with varying patterns. Male with gonocoxite fused 
with hiparium and single or partially divided gonostile; epandrium whole or divided; 10th 
tergite absent and flattened cerci; females usually with 10th tergite divided, 8th sternite is a 
shield‐shaped enclosure and one‐segmented [21, 22] (Figure 1). About the morphology of taba‐
nids, Barretto's studies must be emphasized, mainly that  external  morphology of Poeciloderas 
quadripunctatus [23]. The studies of Iide, about the morphology of Tabanus importunus [24] and 
species of Fidena (Fidena) [25–28] are still used as a reference in  morphology studies.

Figure 1. Main parts of a tabanid body (Genus Fidena). 1 – Dorsal view of body; 2 – Lateral view of thorax and abdomen; 
3 – Lateral view of head; 3.1 Antenna; 4 – Frontal view of head; 5 – Ventral view of abdomen; 6 – Wing: Bc – Basal costal 
cell; C‐ Costal cell; Cup – Cubital posterior cell; Mp – Medial posterior cell; M1, M2, M3, M4 – Medial cells; R1, R2+3, 
R4 – Radial cells. According MacAlpine. Figures used with permission of Gorayeb.
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3. South‐American tabanids

Studies of tabanid species in South America began in the second half of the nineteenth cen‐
tury, with foreign researchers, some of which have never been on the continent. These studies 
were in full descriptions of native species, and were based on specimens deposited in pri‐
vate collections, museums, or European universities, sent by professional collectors [1]. These 
early records were made by Linnaeus, Scopolli, Strom, DeGeer, Fabricius, Thunberg, Meigen, 
Latreille, and Palisot Beauvois. More extensive studies on tabanofauna South America were 
performed by several authors. Wiedemann described a large number of species from South‐
American continent. Walker studied and described several species of South‐American tabanid 
specimens deposited in British Museum and Saunders collections. Kröber was in Argentina 
and Bolivian Chaco regions, collecting dipterous between 1925 and 1926; he also studied the 
taxonomy and described several species of South‐American tabanids from specimens depos‐
ited in museums and research institutes in Europe. It should be mentioned that an important 
study by Martins [29] on tabanids from Minas Gerais state, Brazil, located in provinces of 
Cerrado (Chacoan sub‐region) and Parana Forest (Parana subregion) revealed the occurrence 
of 9 genera and 42 species of Pangoniinae, and 12 genera and 52 species of Tabaninae (the 
most common genera Chrysops, with 15 species and Tabanus, with 18 species). Descriptions of 
species carried out at this time are mostly considered insufficient to identify the species cur‐
rently collected, if holotypes or paratypes are missing for comparison. Thus, many of these 
species were re‐described, using more specific characters, which previously were not valued.

The first tabanid catalog of South America was published by Hunter in 1901 [30], naming 319 
species; in separate listing, Hunter lists 64 South‐American species described by Walker and 
another list with 62 species described by Wiedemann, Macquart, and Walker, but without 
information of locations from where they were collected, presumably from South America. 
Kröber, in 1934, published another catalog that included species of tabanofauna from South 
and Central America, Mexico, and the West Indies, which listed 861 South‐American spe‐
cies [31]. In 1969, Fairchild [19] published an excellent study of the Neotropical tabanids, 
with key to genera and subgenera, containing information on the geographical distribution 
and morphology. Two years later, the same author published his catalog about tabanids 
from South of the United States, listing 707 species recorded in South America [32]. These 
Fairchild publications served as the basis for the manual to identify genera and subgenera 
published by Coscarón and Papavero in 1993 [33], as well as for a new catalog on tabanids 
from South of the United States, by Fairchild and Burger in 1994 [34]. More recently, in 2009, 
Coscarón and Papavero [20] published a new catalog of the Neotropics, including the spe‐
cies of Central America, southern part of Mexico and Baja California peninsula, southern 
Florida, all Caribbean islands, and South America. In the same year the authors also pub‐
lished a new illustrated manual for identification of the subfamilies, tribes, genera, and sub‐
genera of Neotropical tabanids [35]. After the publications of Coscarón and Papavero [20] 
several species have been described in Neotropics and South America, giving rise to the 
addendum of 11 new taxa to the catalog [36]. And even after this publication, other spe‐
cies have been described from South America. Pityocera (Pseudelaphella) ecuadorensis Krolow 
and colleagues [37] was described from coastal zone of Arid Ecuador province; Protosilvius 

Insect Physiology and Ecology58



3. South‐American tabanids

Studies of tabanid species in South America began in the second half of the nineteenth cen‐
tury, with foreign researchers, some of which have never been on the continent. These studies 
were in full descriptions of native species, and were based on specimens deposited in pri‐
vate collections, museums, or European universities, sent by professional collectors [1]. These 
early records were made by Linnaeus, Scopolli, Strom, DeGeer, Fabricius, Thunberg, Meigen, 
Latreille, and Palisot Beauvois. More extensive studies on tabanofauna South America were 
performed by several authors. Wiedemann described a large number of species from South‐
American continent. Walker studied and described several species of South‐American tabanid 
specimens deposited in British Museum and Saunders collections. Kröber was in Argentina 
and Bolivian Chaco regions, collecting dipterous between 1925 and 1926; he also studied the 
taxonomy and described several species of South‐American tabanids from specimens depos‐
ited in museums and research institutes in Europe. It should be mentioned that an important 
study by Martins [29] on tabanids from Minas Gerais state, Brazil, located in provinces of 
Cerrado (Chacoan sub‐region) and Parana Forest (Parana subregion) revealed the occurrence 
of 9 genera and 42 species of Pangoniinae, and 12 genera and 52 species of Tabaninae (the 
most common genera Chrysops, with 15 species and Tabanus, with 18 species). Descriptions of 
species carried out at this time are mostly considered insufficient to identify the species cur‐
rently collected, if holotypes or paratypes are missing for comparison. Thus, many of these 
species were re‐described, using more specific characters, which previously were not valued.

The first tabanid catalog of South America was published by Hunter in 1901 [30], naming 319 
species; in separate listing, Hunter lists 64 South‐American species described by Walker and 
another list with 62 species described by Wiedemann, Macquart, and Walker, but without 
information of locations from where they were collected, presumably from South America. 
Kröber, in 1934, published another catalog that included species of tabanofauna from South 
and Central America, Mexico, and the West Indies, which listed 861 South‐American spe‐
cies [31]. In 1969, Fairchild [19] published an excellent study of the Neotropical tabanids, 
with key to genera and subgenera, containing information on the geographical distribution 
and morphology. Two years later, the same author published his catalog about tabanids 
from South of the United States, listing 707 species recorded in South America [32]. These 
Fairchild publications served as the basis for the manual to identify genera and subgenera 
published by Coscarón and Papavero in 1993 [33], as well as for a new catalog on tabanids 
from South of the United States, by Fairchild and Burger in 1994 [34]. More recently, in 2009, 
Coscarón and Papavero [20] published a new catalog of the Neotropics, including the spe‐
cies of Central America, southern part of Mexico and Baja California peninsula, southern 
Florida, all Caribbean islands, and South America. In the same year the authors also pub‐
lished a new illustrated manual for identification of the subfamilies, tribes, genera, and sub‐
genera of Neotropical tabanids [35]. After the publications of Coscarón and Papavero [20] 
several species have been described in Neotropics and South America, giving rise to the 
addendum of 11 new taxa to the catalog [36]. And even after this publication, other spe‐
cies have been described from South America. Pityocera (Pseudelaphella) ecuadorensis Krolow 
and colleagues [37] was described from coastal zone of Arid Ecuador province; Protosilvius 

Insect Physiology and Ecology58

gurupi Rafael, Marques, and Limeira‐de‐Oliveira [38], Muscotabanus rafaeli Henriques and 
Krolow, Pityocera (Pseudelaphella) pernaquila Gorayeb and Krolow [37], Elephantotus tracua-
teuensis Gorayeb, Dasybasis antillanca González [39], all from Brazilian Amazonian Subregion. 
Stenotabanus clavijoi Gorayeb, Gómez and Velásquez‐de‐Rios was described from Venezuelan 
Amazonian Forest [40] and Dasybasis collagua González from Chilean Andean region [39]. 
Dichelacera matogrossensis Henriques and Krolow, Pityocera (Pseudelaphella) barrosi Gorayeb 
and Krolow [37], and Pityocera (Pseudelaphella) gorayebi Limeira‐de‐Oliveira and Krolow 
[37] were described from midwest Brazilian Cerrado and Pityocera (Pseudelaphella) rhinolissa 
Krolow and Henriques [37] from midwest Brazilian Cerrado and Bolivia (central Bolivian 
Plateau). Dichelacera walteri Guimarães, Gorayeb and Carvalho was described from southeast 
coast, Brazilian Atlantic Forest province [41]. Most studies on tabanids in South America are 
morphological, with few others about biology, behavior or seasonality, as will be seen by 
studying the main species of the genera represented in the South America.

South America has 11 major biomes: rainforest spanning the Amazon Forest and Atlantic 
Forest; the fields and southern savannas; the flooded fields (Pantanal); the montane camps; 
deserts and scrublands; tropical and subtropical conifers forests (Araucaria Forest); temperate 
forest; dry tropical forest; mangroves; Mediterranean shrub; and coastal areas of salt marshes. 
The tabanofauna is found in all biomes, except at higher altitudes, because of the restrictions 
imposed by low temperatures. In South America, tabanids are found in virtually all habi‐
tats and environments from the beaches of coastal areas, salt marshes, mangroves, salt lakes, 
Chilean and Peruvian deserts, southern grasslands, savannas and scrublands, rain forests, 
plains, up the slopes the mountains in the line of snow in the Andes [4]. Certainly the habitat 
of tabanids is also influenced by the food source, e.g., the arboreal fauna of the Neotropical 
mammals determines that a large number of tabanid species live in that habitat. Fairchild 
observed the preference of Philipotabanus inauratus Fairchild, Stibasoma apicimacula Fairchild, 
Stenotabanus jaculatrix, Stenotabanus maruccii (Fairchild), Stibasoma fulvohirtum (Wiedemann), 
Tabanus defilippii Bellardi, Dichelacera crocata Fairchild, Catachlorops umbratus Hine and 
Stibasoma panamensis Curran, by treetops of rainforest [42]. Generally, tabanids prefer defined 
habitats, although a few species widely distributed can be found in many environments, espe‐
cially those altered by human activity, such as agriculture and livestock [19].

From many studies conducted over the years, it has been possible to map, at least to some 
degrees, the biogeographical distribution of main tabanids genera of South America; how‐
ever, there is no study on biogeographic distribution that contemplate tabanids, except that 
of Fairchild [19]. To characterize the tabanid distribution in South America, a proposal has 
been elaborated bringing together the studies of Fairchild [19] and Morrone [43, 44], and their 
divisions of the Neotropical region in biogeographic subregions. The proposal of Morrone 
is based on previous studies of panbiogeography and cladistic analysis of insect fauna of 
Latin America [44]. Thus, an attempt to join the proposed biogeographical models and current 
knowledge about tabanids in South America is presented here.

According to Morrone [44], in a biogeographical context, South America is characterized as 
consisting of three regions: Neotropical, South American transition zone, and Andean regions 
(Table 1). Neotropical region extends from north‐central Mexico to Argentina, comprises the 
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Region/transition zones Subregion Dominion Provinces

Neotropical Caribbean North‐western South Choco (1)

America Maracaibo (2)

Venezuelan Coast (3)

Trinidad and Tobago (4)

Magdalena (5)

Venezuelan Llanos (6)

Cauca (7)

Galapagos Islands (8)

Western Ecuador (9)

Arid Ecuador (10)

Tumbes‐Piura (11)

Amazonian Napo (12)

Imeri (13)

Guyana (14)

Humid Guyana (15)

Roraima (16)

Amapa (17)

Varzea (18)

Ucayali (19)

Madeira (20)

Tapajos‐Xingu (21)

Para (22)

Pantanal (23)

Yungas (24)

Chacoan Caatinga (25)

Cerrado (26)

Chaco (27)

Pampa (28)

Parana Brazilian Atlantic Forest (29)

Parana Forest (30)

Araucaria angustifolia Forest (31)

South‐American North Andean Paramo (32)

transition zone Coastal Peruvian Desert (33)

Puna (34)
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Caribbean, Amazonian, Chacoan, and Parana subregions. Caribbean subregion from South 
America, with Northwestern South American dominion, comprises the provinces of Choco, 
Maracaibo, Venezuelan Coast, Trindad and Tobago, Magdalena, Venezuela Lannos, Cauca, 
Galapagos Islands, Western Ecuador, Arid Ecuador, and Tumbes‐Piura, where some spe‐
cies of genera Lepiselaga, Chrysops, Esenbeckia, Selasoma, Stibasoma, Dichelacera, Acanthocera, 
and Tabanus occur. Amazonian subregion is the largest subregion of Neotropics, extend‐
ing from Brazil, the Guyanas, Venezuela, Colombia, Ecuador, Peru, Bolivia, Paraguay, to 
Argentina. This subregion comprises 13 provinces: Napo, Imeri, Guyana, Humid Guyana, 
Roraima, Amapa, Varzea, Ucayali, Madeira, Tapajos‐Xingu, Para, Pantanal, and Yungas. The 
tabanid species occurring in these provinces belong mainly to genera Chrysops, Esenbeckia, 
Fidena, Boliviamyia, Catachlorops, Chlorotabanus, Cryptotylus, Dasychela, Diachlorus, Dichelacera, 
Lepiselaga, Leucotabanus, Phaeotabanus, Pityocera, Poeciloderas, Pseudacanthocera, Selasoma, 
Stenotabanus, Stibasoma, Stypommisa, and Tabanus. There are four provinces assigned to 
Chacoan subregion: Caatinga, Cerrado, Chaco, and Pampa. There are no published records 
for tabanids in Caatinga province, except the fossil Cretotabanus stonemyomorphus Martins 
Neto and Santos [45]. Limeira‐de‐Oliveira informed that he had captured specimens 
of Chrysops, Pityiocera, Catachlorops, Diachlorus, Dichelacera, Leucotabanus, Phorcotabanus, 
Poeciloderas, and Tabanus in states of Piauí and Ceará, Brazil (personal communication). In 
other three provinces (Cerrado, Chaco, and Pampa), species of genera Chrysops, Scaptia, 
Esenbeckia, Fidena, Acanthocera, Catachlorops, Chlorotabanus, Diachlorus, Dasybasis, Dichelacera, 
Lepiselaga, Leucotabanus, Phaeotabanus, Phorcotabanus, Stenotabanus, Stypommisa, Poeciloderas, 
and Tabanus occur. Parana subregion comprises three provinces: Brazilian Atlantic Forest, 
Parana Forest, and Araucaria augustifolia Forest. The species reported to this subregion belong 
to genera Chrysops, Esenbeckia, Fidena, Scaptia, Scepsis, Acanthocera, Catachlorops, Chlorotabanus, 

Region/transition zones Subregion Dominion Provinces

Atacama (35)

Prepuna (36)
Monte (37)

Andean region Central Chilean Coquimbo (38)

Santiago (39)

Sub‐Antartic Juan Fernandez Islands (40)

Maule (41)

Valdivian Forest (42)

Magellanic Forest (43)

Magellanic Paramo (44)

Malvinas Islands (45)

Patagonian Central Patagonia (46)

Subandean Patagonia (47)

Table 1. Biogeographical classification of South America, adapted from Morrone [44].

Tabanids in South America
http://dx.doi.org/10.5772/67108

61



Dichelacera, Diachlorus, Lepiselaga, Leucotabanus, Phaeotabanus, Pseudacanthocera, Rhabdotylus, 
Stigmatophtalmus, Poeciloderas, and Tabanus. The South American transition zone extends 
along the highlands of Andes between Venezuela, northern Chile, and western Argentina, 
and comprises six provinces: North Andean Paramo, Coastal Peruvian Desert, Puna, Atacama, 
Prepuna, and Monte, where tabanids species of genera Dasybasis, Esenbeckia, Fidena, Scione, 
and Tabanus occur. The Andean region extends from central Chile and Patagonia, along 
the high mountain ranges of Venezuela, Colombia and Ecuador, through the coastal desert 
and Puna of Peru, Bolivia, northern Chile and Argentina, to Argentine‐Chilean Patagonia. 
Andean region consists in three subregions: Central Chilean subregion with the prov‐
inces of Coquimbo and Santiago with species of Veprius, Protodasyapha, Esenbeckia, Scaptia, 
Mesomyia, Mycteromyia, Dasybasis, and Tabanus. Subantartic subregion, with the provinces 
of Juan Fernandez Islands, Maule, Valdivian Forest, Magelanic Forest, Magelanic Paramo, 
and Malvinas Islands, with tabanids species belonging to genera Parosca, Silvestrielus, Scaptia, 
Acellomyia, Agelanius, Dasybasis, Scaptioides, Pseudoscione, Haematopotina, Poeciloderas and 
Tabanus. Patagonia subregion is divided in two provinces: Central Patagonia and Subandean 
Patagonia, where species of genera Scione, Scaptia, Acellomyia, Agelanius, Caenopangonia, 
Chrysops, Dasybasis, Haematopotina, Nubiloides, Protodasyapha, Scaptioides, Silvestriellus, Veprius, 
and Tabanus occur (Figure 2). There is no doubt that there are species within genera that are 
ubiquitous, and there are genera with species more restricted to specific habitats. This issue 
was discussed by Fairchild in 1969 [19], but lacks a more current study on biogeography of 
tabanids in Neotropics.

Despite the tendency to turn the habitat as the determining factor for tabanid distribution, 
most authors use the politics division, by countries and their states and provinces, as the dis‐
tribution paradigm. So, by the end of the chapter, the authors provide (as an Appendix), the 
main studies on tabanofauna of South‐American countries.

Following, the list of subfamilies, tribes, genera, and more registered species of  South‐
American tabanids, offering information on morphological characteristics, distribution, and 
the most important references of each taxa.

3.1. The subfamily Chrysopsinae (Blanchard, 1840)

This is underrepresented in number of species, except for those belonging to the genus 
Chrysops Meigen, 1803, which has a worldwide distribution. The females of this subfam‐
ily have a simple pointed genitalia style, simple caudal ends of spermathecal ducts, without 
cup‐like expansions, ocelli, and eyes nearly always patterned with contrasting colored bands 
or spots. The subfamily is represented by two tribes in the tropical region: Bouvieromyiini 
Séguy, 1930 and Chrysopsini Blanchard, 1840 [19].

3.1.1. Tribe Bouvieromyiini (Séguy, 1930)

This comprises primitive and specialized species, with the following characteristics: first 
antennal segment hardly longer than width, antennae shorter than antero‐posterior thickness 
of head, callus variable, narrower than frons, and eyes with a transverse band [19]. In South 
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America especially in Chile and Argentina, only the primitive species can be found. Other 
primitive species occur in eastern Nearctic region, temperate South Africa, Northeast Asia 
and Japan, and eastern and southeastern Australia. The more specialized representatives 
occur in the Old World tropical and southern Africa, Madagascar, Seychelles, Indonesia, New 
Guinea, and Australia with few species in India and Southern China. The South‐American 
species of Bouvieromyiini tribe are species that occur in the temperate regions of central Chile 
and Southeast Argentina (Chacoan subregion), and belong to the single subgenus of tribe.

Figure 2. Distribution of genera of tabanids according to occurrence of species in regions and subregions of South 
America. Neotropical Region: Caribbean, Amazonian, Chacoan and Parana subregions; South American Transition Zone; 
Andean Region: Central Chilean, Subantartic and Patagonian subregions. Adapted with permission of Morrone [43, 44].
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3.1.1.1. Genus Pseudotabanus (Ricardo, 1915)

This genus comprises only three species in the subgenus Coracella (Philip, 1960).

3.1.1.1.1. Subgenus Coracella (Philip, 1960)

Pseudotabanus (Coracella) araucana Coscarón, Pseudotabanus (Coracella) carbo (Macquart), and 
Pseudotabanus (Coracella) rubricornis (Kröber). The first species occurs in Chile and Argentina 
[46] and the latter two only in Chile [34]; Pseudotabanus (Coracella) araucana is considered by 
Coscarón and Papavero [20] as araucanus. Coscarón [47] reviewed the subgenera Coracella, as 
belonging to the genus Mesomyia Macquart 1850, which continued to appear [46] until the 
research publication by Fairchild and Burger [34], in which Coracella is considered as subge‐
nus Pseudotabanus; in the same study, Coscarón [47] described Pseudotabanus (Coracella) arau-
cana and provided a key to separate the three species.

3.1.2. Tribe Chrysopsini Blanchard, 1840

This comprises less restrictive species in habitats, and are separated from Bouvieromyiini by 
first antennal segment longer than width, near always at least twice as long as width, the third 
with basal plate and four annuli, antennae longer than width of head, callus generally as wide 
as high or wider, eyes speckled or with a specific pattern of spots and bars [19]. Most species 
occur in tropics in South America and Africa, but they are well represented in the Nearctic 
and Palearctic regions, but few eastern, Australian, or Chilean species. Only two genera are 
present in the Neotropics, Chrysops Meigen, 1803 and Silvius Meigen, 1820, but only the first 
is present in South America.

3.1.2.1. The genus Chrysops Meigen, 1803

It is represented worldwide and brings together 75 species in Neotropics, from Mexico to 
Argentina, of which 52 are South American [20]. In epidemiological and diagnosis of tabano‐
fauna studies, the Chrysops species are more reported in South America. Chrysops variegatus 
(DeGeer) in Paraguay is a possible vector of the equine disease “mal de caderas,” caused by 
Trypanosoma evansi [48]. It was the most abundant species observed in a survey performed in 
Aregua, central Paraguay [49]. Rafael and collaborators [50] captured C. variegatus on Maraca 
Island, Amazonian subregion, Guyana province. Bermúdez and Bermúdez described the lar‐
vae and pupae of Chrysops variegatus collected between March and April, in tropical area of 
high humidity and temperatures, associated with aquatic plants Pondeteria sagitata Presl and 
Sagittaria sp., in the livestock region of Mexico [51]. The species (as variegata) was the second‐
most collected species after Lepiselaga crassipes (Fabricius) in areas of ecotone between second‐
ary forest and pastures, in northern Colombia, Caribbean subregion [52]. The species was also 
collected in eastern Amazon, in areas of primary forest and pasture [53] and in Brazilian north‐
ern Amazon, also in primary forest but at 1200 meters of altitude, border Brazil‐Venezuela 
[50]. In a survey conducted during 1995–1996 in Central Amazon four species of Chrysops were 
found, and the most abundant species was Chrysops formosus Kröber; the other species were 
Chrysops incisus Macquart, Chrysops ecuadoriensis (Enderlein), and Chrysops variegatus (DeGeer) 
[54]. It also occurs in central Amazon, Brazil, in primary forest and “campinaramas” ground 
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level, and in forest canopy, 40 meters high, Amazonian Subregion, Varzea province [55–57]; the 
species was also observed in transition zone between the savannah and the Brazilian Amazon 
forest [58] and in Caatinga (Limeira‐de‐Oliveira, in personal communication). Chrysops varie-
gatus also occurs in coastal highlands of southeast Brazilian Parana subregion [59], but was 
not recorded in Brazilian southern Pampa [60]. Buestán captured Chrysops variegatus in coastal 
zone of Ecuador, Western and Arid provinces, and Caribbean subregion [61]. Chrysops vari-
ans Wiedemann is another wide distributed species and has been captured from savannah of 
French Guiana [17], in pasture area in western Amazon [53], in the transition zone between the 
savannah and eastern Brazilian Amazon forest [58], in highlands of southeast Parana subregion 
[62, 63], and in southern Pampa, province of Chaco subregion, in Brazil [60]. On Marambaia 
Island, southeast Parana subregion, Brazilian Atlantic Forest province, Chrysops variegatus and 
Chrysops varians were observed flying around the head and curling themselves on the hair of 
people who walk through forests or sandbanks [64, 65].

3.2. Subfamily Pangoniinae (Rondani, 1856)

This comprises the more primitive species of tabanids. They are characterized by ninth tergite 
undivided in both sexes, caudal ends of spermathecal ducts without cup‐like expansions, 
usually with 7–8 annuli in third antennal segment, ocelli and hind tibial spurs present [19]. 
Species are distributed in four tribes, all represented in Neotropics [20].

3.2.1. Tribe Mycteromyiini (Coscarón and Philip, 1979)

This was created from genus Mycteromyia Philippi, 1865, characterized by elongated body, 
grayish or yellowish to brown, elevated ocelli at vertex, frons about as wide as high, no cal‐
lus, but some rugosities above subcallus, face conically produced, wing elongated, accentu‐
ated clouds on crossveins, first posterior cell closed and petiolate [19]. The tribe is currently 
divided in four genera.

3.2.1.1. Genus Caenopangonia (Kröber, 1930)

This was recently placed within this tribe, with small to medium yellowish‐brown species, 
dichoptic eyes in both sexes, widened frons, strong scutal vittae, wings with spotted cross‐
veins, palpi small subcilindrical with reduced apical pits [66]. The genus comprises five spe‐
cies occurring in Central Chile and Midwest Argentina. The former genus comprised three 
species: Caenopangonia aspera (Philip), Caenopangonia brevirostris (Philipp) and Caenopangonia 
hirtipalpis (Bigot). Two new species from Chile, Caenopangonia cerdai Krolow, Henriques 
and González and Caenopangonia coscaroni Krolow, Henriques and González, were recently 
described and a key for identification of current species was provided [67].

3.2.1.2. The genus Mycteromyia (Philippi, 1865)

This appears in Coscarón and Papavero's catalog [20] and comprises three Chilean species: 
Mycteromyia conica (Bigot), Mycteromyia etcheverryae Coscarón and Philip and Mycteromyia 
obscuripennis (Philippi). However, in Coscarón and Philip revision [68], Mycteromyia 
obscuripennis does not appear to be included in the genus, as well as in the tabanid list of 
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Chile of Coscarón and González, in 1991 [46] or in the catalog of Fairchild and Burger [34]. 
Coscarón and Papavero [20] reported Kröber [31, 69] as the reason to keep the species in the 
genus. Mycteromyia sp. was captured in a survey performed in summer of 1971, in province 
of Coquimbo, Chile (Andean region, Central Chilean subregion) [70]. González conducted 
morphological studies of the mouthparts of Mycteromyia conica Bigot using scanning electron 
microscopy [71].

3.2.1.3. Genus Promycteromyia (Coscarón and Philip, 1979)

This brings together nine species, endemic to Chile, mainly in Andean region, Central Chile 
subregion [20, 34, 46]. Promycteromyia cinerascens (Bigot), a Chilean species, is the most well 
studied in the genus (as Mycteromyia) [68, 72].

3.2.1.4. Genus Sivestriellus (Brèthes, 1910)

This genus is with four more specialized species, which are distributed to Chile and Argentina 
in provinces of Pampa (Chacoan subregion) and Central Patagonia (Patagonian subregion) 
[20, 68].

3.2.2. The tribe Pangoniini (Rondani, 1856)

This has 130 Neotropical species, more or less restricted in habitats and is considered the 
most ancestral species between tabanids [19, 72]. They have naked eyes, prominent appendix 
in fork R4 vein, face not produced conically and proboscis rarely exceeding the length of the 
head, as frequent in Scionini [19]. With the exception of the species of Esenbeckia, specimens 
of this tribe are rarely collected and do not seem to be very active bloodsuckers [73]. The tribe 
has 14 genera in which the majority is in South America.

3.2.2.1. Genus Esenbeckia (Rondani, 1863)

This brings most tribe species, occurring throughout South America and is considered the 
most specialized among Pangoniini [19]. They are medium to large, slender and robust speci‐
mens, usually narrow frons, with or without a slender to clavate callus, bare eyes, usually 
with long proboscis and small compact labella, body pilosity short to sparse, often pattern 
wings [19]. The genus Esenbeckia is divided in five subgenera [20].

3.2.2.1.1. Subgenus Esenbeckia (Rondani, 1863)

It was reviewed by Wilkerson and Fairchild in 1985 [74], and brings together 51 species 
in the tropical region: Esenbeckia (Esenbeckia) rafaeli Limeira‐de‐Oliveira does not appear 
in Coscarón and Papavero catalog [20, 36, 75]. From neotropical species, only Esenbeckia 
(Esenbeckia) illota (Williston) do not occurs in the South America. In Amazonian  subregion, 
Esenbeckia (Esenbeckia) prasiniventris (Macquart) was collected in forest in Roraima 
 province [50], Esenbeckia (Esenbeckia) matogrossensis Lutz, in eastern Amazonian forest, Para 
 province [53], and Esenbeckia (Esenbeckia) clari Lutz (as lemniscata Enderlein) in Pantanal 
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province [76]. Esenbeckia (Esenbeckia) osornoi Fairchild was recorded in Cerrado province of 
Chacoan subregion, state of Tocantins, Brazil [77]. Esenbeckia (Esenbeckia) lugubris (Macquart) 
a large, glossy and dark‐colored fly, with a powerful flight, and painful sting was by the 
first time reported in Atlantic Forest, from specimens collected on Marambaia Island, Rio 
de Janeiro state, Brazil [65].

3.2.2.1.2. The subgenus Ricardoa (Enderlein, 1922)

This comprises 38 species distributed in Central America and Mexico and will not be treated 
here [20].

3.2.2.1.3. The subgenus Proboscoides (Philip, 1943)

This comprises 11 species, all occurring in South America and ranging from Panama 
to Paraguay. Fairchild and Wilkerson [78] provided a key to females of 11 species of 
Proboscoides. They are not common in collections and there is much interspecific variation. 
The species mentioned in more recent studies are Esenbeckia (Proboscides) farraginis Fairchild 
and Wilkerson, collected in Central Brazil, Chacoan subregion, Cerrado province [77]; and 
Esenbeckia (Proboscoides) suturalis (Rondani), which occur in northern and eastern Amazon 
forest [50, 53].

3.2.2.1.4. The subgenera Astomyia (Burger, 1999) and Palassomyia (Fairchild, 1969)

They are monotypic with both endemic species of Chile. Esenbeckia (Astomyia) media Burger 
was proposed from a specimen deposited in Arthropod Collection of the State of Florida, with 
label written by Fairchild reading “Esenbeckia (Astomyia) media n. sp., n. subg.”, leading to the 
conclusion that the author planned to propose these new taxa. However, Fairchild did not 
accomplish his purpose and Burger, describing the species, preserved the names suggested 
[79]. Esenbeckia (Palassomyia) fascipennis (Macquart) seems to be the least specialized among 
the genus Esenbeckia [19].

3.2.2.2. Genus Protosilvius (Enderlein, 1922)

This comprises five species, all occurring in Brazil and is a part of a more primitive group 
among Pangoniini [19]. They are species smaller in size, with slender, long wings, narrow fore‐
head without callus, short proboscis, naked eyes, and has a third antennal segment with a vari‐
able number of segments [19]. The species occur only in Brazil, mainly in southeast Cerrado, 
Atlantic forest and Parana subregion, with one species in Amazon Basin [38]. There is record of 
a misidentified specimen of Protosilvius termitiformis Enderlein, in Paraná state [11, 38].

3.2.2.3. Genus Veprius (Rondani, 1863)

This has five species present in Central Chile and Midwest Argentina. They are flies with 
head almost twice broader than height, black eyes with no band and abundant pilosity, eye‐
spots present, broad forehead with an inconspicuous or absent callus, third antennal segment 
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basal plate and set aside 4‐style, big and little labela sclerotized [19, 71]. These species occur 
in Central Chile and West Argentina [80]. Gonzáles described the male and re‐described the 
female of Veprius fulvus Coscarón, Philip and Fairchild [80].

3.2.2.4. Genus Protodasyapha (Enderlein, 1922)

This comprises species similar to those in genus Veprius, but with 8‐annulate antennae, subu‐
late, the basal plate consolidated, and pilose eyes, sometimes pilosity is sparse [19]. The genus 
has been reviewed by Coscarón [72] and meets four species in two subgenera.

3.2.2.4.1. Subgenus Curumyia (Coscarón 1976)

It has only one species Protodasyapha (Curumyia) lugens (Philippi) occurring in Chile and 
Argentina [20].

3.2.2.4.2. Subgenus Protodasyapha (Enderlein, 1922)

This contains three endemic species from Central Chile [72]. González described the larvae 
and pupae of Protodasyapha (Protodasyapha) hirtuosa (Philippi) and compared with others 
Pangoniini species from Australia and North America; the larvae were found 3–5 cm beneath 
the soil surface of a Lithraea forest, on a steep and humid hillside [81].

3.2.2.5. Genus Fairchildimyia (Philip and Coscarón, 1971)

This comprises only two species that occur in Midwest Argentina. Coscarón considered that 
this genus and Chaetopalpus Philippi, 1865, form a monophyletic branch in Pangoniini [72]. 
The species have dark eyes, subulate antennae, frons with a circular‐shaped callus, palpi with 
a short apical segment, sternite 8 of female very wide basally [19]. Chainey and Hall provided 
a picture of the front view of male head of Fairchildimyia penai Philip and Coscarón, compar‐
ing it with Boliviamyia fairchildi Chainey and Hall, the species described in that paper [73].

The other genera of Pangoniini are all monotypic: Archeomyotes Philip and Coscarón, 1971, 
Austromyans Philip and Coscarón, 1971 Chaetopalpus Philippi, 1865, each with an endemic spe‐
cies of Chile [20]. The recent genus Boliviamyia Chainey and Hall has only one endemic species 
from Bolivia, Boliviamyia fairchildi Chainey and Hall [73].

3.2.3. Tribe Scepsini (Bequaert, 1930)

It has only the genus Scepsis Walker, 1850 with a single Neotropical species, Scepsis appen-
diculata Macquart, which appears in catalogs as Scepsis nivalis Walker [20, 31, 34, 82]. This is a 
slender‐body fly, with whitish milky wings, atrophied mouthparts, and wide frons without 
callus in both sexes [19]. The species is found on sand beaches, from coast of Rio de Janeiro 
state (Brazil) to probably northern Argentina [19]. The species has nonhematophagous hab‐
its and can be considered autogenous. Turcatel have reports with specimen coming from 
Guarapuava, inside the Paraná state, Brazil, plateau region of mixed rain forest, putting in 
doubt the information of collection [11]. The species was observed on Marambaia Island, Rio 
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de Janeiro, southeastern Brazil, on the white sand beaches, it has a short and low flight, not 
reaching more than 25 cm height and 1.5 cm away [64, 65].

3.2.4. Tribe Scionini (Enderlein, 1922)

This species have robust bodies, well‐developed ocelli, no frontal callus, pilose eyes, long 
proboscis, and short palpi [19]. The tribe comprises over 280 species in 17 genera, austral in 
distribution, occurring in Australia, New Guinea, New Zealand, and South America [66].

3.2.4.1. Genus Pseudomelpia (Enderlein, 1922)

First recognized as subgenus of Scaptia [66], it has only the species Pseudomelpia horrens 
(Enderlein), with little body densely hairy, with robust and cylindrical palp, basal antennal 
ring, partial and irregularly fused with the basal plate [66]. Both male and female are nec‐
tar feeding [83]. The species is endemic to Chile, from Santiago to Maule province, Central 
Chilean and Subantartic regions [66].

3.2.4.2. Genus Osca (Walker, 1850)

This comprises 11 species previously placed in subgenus Scaptia, all from southeastern South 
American, in temperate regions and at high altitudes in Ecuador, Peru, Bolivia, and Chile [20, 66]. 
They are moderately size flies similar to Tabanus, with short proboscis, palpi over half length of 
proboscis, and antennae with eight annuli [19]. González and Sanhueza using scanning electron 
microscopy, conducted detailed studies of the morphology and structure of the oral armor of 
Osca varia Walker (who does not have mandibles), Osca lata (Guérin‐Meville), and rufa Osca rufa 
(Macquart) (all as Scaptia (Scaptia) (the latter two with mandibles with marginal teeth, suggesting 
bloodsucking habits) [84]. Larvae of Osca lata (Guérin‐Méneville) (as Scaptia (Scaptia) were found 
under fallen logs in Puyehue forest area in the Patagonian, Subantartic subregion, Valdivian 
Forest province, Chile [85].

3.2.4.3. Genus Lepmia Fairchild, 1969

This species have moderate‐size body and thick proboscis, small and reduced labella, face 
bulging and few projected, palpi usually short, broad, with extensive bare area [19]. The 
genus currently comprises six species [66]: two original species and four transferred from 
subgenus Scaptia (Pseudoscione) [66]. Pino and colleagues performed a survey during sum‐
mer of 1971 in province of Coquimbo, Chile (Andean region, Central Chilean subregion) 
and found Lepmia atra (Philippi), as Scaptia (Pseudoscione), one of the most abundant species 
[69]. Lepmia seminigra (Ricardo), as Scaptia (Lepmia), was collected in sandbank, during early 
afternoon, in Parana subregion, southeast Brazilian Atlantic Forest province; the species has a 
powerful flight that produces loud [65].

3.2.4.4. Genus Parosca (Enderlein 1922)

This comprises medium‐size species, face conspicuously projected, diverging frons, probos‐
cis long and slender with thick labella, broad palpi extensively flattened triangular dorsally 
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rotate [19]. Three species are included in genus, all transferred from Scaptia (Pseudoscione) [66]. 
The terrestrial larva of austral horsefly Parosca latipalpis (Macquart), as Scaptia (Pseudoscione), 
was identified by molecular techniques and described from specimens found 2–3 cm below of 
the soil surface and associated with larvae of Coleoptera, Lepidoptera, and Diptera in south‐
ern Chile, Osorno, and subantartic subregion [86].

3.2.4.5. Genus Pseudoscione (Lutz, 1918)

This comprises nine species from the former subgenus Scaptia (Pseudoscione) [66]. They are from 
small to medium size stout species, with pale markings along sutures of scutum (like Scione), 
with wing cell M3 open [66]. They are predominantly Patagonian, occurring in Chile, Argentina, 
also Brazil [87]. Coscarón reviewed the former subgenus Pseudoscione, and offered a key to 15 
species (not for the sixteenth species), with its redescriptions and figures [66, 88]. The genus 
Pseudoscione includes the species of former subgenus Scaptia (Pseudoscine), excluding those 
transferred for Lepmia and Parosca [66]. Pino and collaborators performed a survey during sum‐
mer of 1971 in province of Coquimbo, Chile (Andean region, Central Chilean subregion) and 
found Pseudoscione dorsoguttata, as Scaptia (Pseudoscione), one of the most  abundant species [70].

3.2.4.6. Genus Scione (Walker, 1850)

This comprises 41 recognized species uniformly mottled, small and slender body, and well‐
projected face, undeveloped labella, slender legs, cloud marks on wing veins, closed R3 and 
M3 cells [19, 66]. They are considered typically Andean species [88], occurring mainly in the 
mountainous regions of northwest South America, Venezuela, and Bolivia. Coscarón reviewed 
the genus and re‐described Scione claripennis Ricardo and Scione flavohirta Ricardo, both the 
Andean region Argentina, also describing the male of the second species [88]. Scione aurulans 
(Fairchild), Scione ablusus Fairchild, and Scione flavohirta Ricardo, all were recorded to feed on 
man, with the latter also recorded to feed on cattle [89, 90]. There is no current formally review 
of the genus over 80 years, and lacks descriptive and uniform descriptive characters [66].

3.2.4.7. The genus Fidena (Walker, 1850)

This comprises currently 99 species, characterized by medium to large stout body, face shin‐
ing and snout‐like, proboscis extremely long and slender, reduced labella and widely open 
wing cell M3 [19, 66]. The species of this genus are considered difficult to study, by the large 
number of taxa, few males have been described, great variability of characteristics and lack 
studies of immature stages [91]. Fidena species are widely distributed in South America, 
mainly mountains of southeastern Brazil and just off the subandean region [66]. They are 
separated into four subgenera.

3.2.4.7.1. Subgenus Fidena (Walker, 1850)

This comprises 94 species, with flattened palpi without subcallus, scuttum without strong vit‐
tae, femora, and tibiae without long hairs, wing cell R5 usually closed without long petiole; 
they occur in South America from Colombia to Argentina, predominantly in Brazil [66]. The 
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Brazilian species Fidena (Fidena) rufohirta (Walker) has a proboscis as long as the body length. 
IIde performed morphological studies on Fidena (Fidena) nigripes (Röder), Fidena (Fidena) 
brachycephala Kröber, Fidena (Fidena) florisuga Lutz, Fidena (Fidena) rufibasis Kröber, and Fidena 
(Fidena) fusca (Thunberg), that are very useful to study external anatomy of the group [25, 
26, 28, 37]. Coscarón redescribed females of Fidena (Fidena) abominata Philip, Fidena (Fidena) 
atripes (Röder), Fidena (Fidena) latifrons Kröber, Fidena (Fidena) longipalpis Enderlein, Fidena 
(Fidena) neglecta Kröber, Fidena (Fidena) nigripes (Röder), Fidena (Fidena) ochrapogon Wilkerson, 
Fidena (Fidena) opaque (Brèthes), and Fidena (Fidena) sorbens Wiedemann, so as males of these 
species, except atripes and ochrapogon [91]. Fidena (Fidena) fusca Thunberg is reported from 
mountainous regions of Parana subregion, southeastern Brazil [92, 93]. Fidena (Fidena) auripes 
(Ricardo), Fidena (Fidena) eriomeroides Lutz, and Fidena (Fidena) aurulenta Gorayeb, were cap‐
tured in the western Amazon [53]. Rafael and collaborators report Fidena (Fidena) schildi (as 
childi) in Sierra de Pacaraima, northern Brazilian Amazon region [50]. Coscarón described 
the male Fidena (Fidena) haywardi Philip, a species from foothills of Argentine Andes, Puma 
subregion [88]. Fidena (Fidena) pseudoaurimaculata (Lutz) was collected in “campinarama” and 
canopy forest of Central Amazon Forest province [54, 94]. Fidena (Fidena) freemani Barretto, 
Fidena (Fidena) analis (Fabricius), and Fidena (Fidena) loricornis Kröber were also reported in the 
Central Amazon Forest [54, 56, 57, 95]. Records of Fidena species in the Amazonian subregion 
broaden the distribution of this group, in addition to the highlands of Parana and Subandean 
region [88]. Larvae and pupae of Fidena (Laphriomyia) rufopilosa (Ricardo) were found in 
phytotelmata of terrestrial bromeliads Canistrum lindenii (Regel) Mez, Nidularium innocentii 
Lemaire e Vriesea friburgensis (Mez), that grow on granitic rocks in secondary Atlantic for‐
est, Brazilian southeast [96]. Fidena (Fidena) longipalpis Enderlein was captured in Planalto 
Serrano and coastal zone Parana subregion, and pampas of Chaco subregion, of southern 
and south‐eastern Brazil [59, 60, 63]. Buestán collected Fidena (Fidena) aureopygia Kröber (as 
aureopigia) above 2000 m altitude in the Andean Cordillera in the transition zone between the 
humid forests of Chocó and the dry forests of southern Ecuador [97]. Lima reports the occur‐
rence of Fidena (Fidena) bistriga Fairchild and Rafael, Fidena (Fidena) castanea (Perty), Fidena 
(Fidena) fumifera (Walker), and Fidena (Fidena) lissorhina Gorayeb and Fairchild in the state of 
Tocantins, Central Brazil, Chacoan subregion, Cerrado province [77]. Cárdenas and collabo‐
rators collected Fidena (Fidena) rhinophora (Bellardi) between 500 and 2000 m on both sides of 
the Andes, in misty rainforest in Ecuador [98–100]. Guimarães and collaborators collected 
Fidena (Fidena) winthemi (Wiedemann) in ecotone between Atlantic forest sandbank and rain 
forest in Parana subregion, in the southeast Brazilian Atlantic Forest Dominion [65].

3.2.4.7.2. Subgenus Laphriomyia (Lutz, 1911)

This comprises three species with femora and tibiae densely covered by long and conspicuous 
hairs [35]. There are three recognized species: Fidena (Laphriomyia) kroeberi Fairchild (previ‐
ously in subgenus Fidena), Fidena (Laphriomyia) mirabilis Lutz, 1911 (subspecies of rufopilosa 
[20] or rufopilosus [11]), Fidena (Laphriomyia) polidetarsis Kröber (a synonym of silvatica) were 
elected as species of this subgenus [66]. They occur in Peru, Bolivia, and Brazil [66]. Fidena 
(Laphriomyia) kroeberi Fairchild was captured in both the ground level and canopy of western 
and central Amazonian Forest [53, 94].
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3.2.4.7.3. Subgenus Leptofidena (Kröber 1930)

This also has only one species, with palpi thick, swollen and with a deep lateral concavity, 
frons with a protuberance callus‐like, closure of wing cell R3 with a long petiole [19, 66]. The 
species Fidena (Leptofidena) morio Wulp occur in Subandean region, western Argentina, and 
had the male described by Coscarón [20, 88].

3.2.4.7.4. Subgenus Neopangonia (Lutz, 1909)

This has only one species, with hairy face, with long and conspicuous hairs, scutum with a 
strong pattern, and wing cell R5 broadly open [35]. Fidena (Neopangonia) pusilla Lutz occurs 
only in Brazilian Atlantic Forest province, Parana subregion, southeastern Brazil [20].

3.2.4.8. Genus Pityocera (Giglio-Tos, 1896)

This species has a body from small to medium‐size, with antennal flagellum with tufts of 
hairs on one or more flagellomeres, face projected and shiny, proboscis equal to or longer 
than body's length [19]. They occur in northern South America [20]. Krolow and collabora‐
tors reviewed the genus in 2015, when five new species were also described [37]. The genus 
comprises 10 species in three subgenera.

3.2.4.8.1. Subgenus Elaphella (Bezzi, 1913)

This has only one species from Subcaribbean and north Amazonian subregions, Pityocera 
(Elaphella) cervus (Wiedemann) [20]. The species has first flagellomere long and finger‐like 
projection, long projections on dorsal surfaces of the second to sixth flagellomeres, and wing 
with stump vein on M1 [66].

3.2.4.8.2. Subgenus Pityocera (Giglio-Tos, 1896)

This species has pectinate antennae, with first six antennal flagellomeres with long projections 
on both dorsal and ventral surfaces, seventh and eighth fused, long and finger‐like. The single 
species, Pityocera (Pityocera) festai Giglio‐Tos (festai according to Coscarón and Papavero and 
Fairchild; and festae according to Lessard and Krolow [20, 37, 66, 101] occur from Panama to 
Ecuador, Caribbean subregion, and feeds on man [19, 101].

3.2.4.8.3. Subgenus Pseudelaphella (Kröber, 1930)

This currently has eight species after the review of Krolow and collaborators [37], but only 
three appear in Coscarón and Papavero's catalog [20]; in these species lack the dorsal projec‐
tions on antennal segments, but there is a dense dorsal patch of hairs on enlarged first annulus 
of third segment [19]. They occur in Ecuador, Bolivia, and Brazil, in Amazon basin [66]. The 
new review of Lessard on Tribe Scionini [66] did not include the new species described by 
South‐American authors, which are not mentioned by Coscarón and Papavero [20]: Pityocera 
(Pseudelaphella) barrosi Gorayeb and Krolow and Pityocera (Pseudelaphella) gorayebi Limeira‐de‐
Oliveira and Krolow, both described from Brazilian Cerrado [37], Pityocera (Pseudelaphella) 
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pernaquila Gorayeb and Krolow, from Central and Oriental Brazilian Amazon [37] Pityocera 
(Pseudelaphella) rhinolissa Krolow and Henriques, from Central Brazilian Cerrado and Bolivian 
eastern plateau [37], and Pityocera (Pseudelaphella) ecuadorensis Buestán and Krolow, from 
coastal zone of Ecuador [37].

According to Lessard, the current genus Scaptia Walker, 1859 comprises only species occur‐
ring in Australia [66]. But in this text, the records of species of Scaptia are preserved as in major 
original references.

3.3. Subfamily Tabaninae

Neotropical species can be separated from the other subfamilies species by the absence of hind 
tibial spurs and functional ocelli, male with genitalia style truncate, ducts of spermathecal with 
cup‐like extensions on caudal ends, eyes plain or with horizontal stripes [19]. Tabaninae are 
divided in two tribes: Diachlorini Lutz, 1909 and Tabanini Latreille, 1802. In neotropic spe‐
cies, the presence or absence of strong setae on basicosta to separate Tabanini from Diachlorini 
is often unreliable. In addition, others characters are used, as the sclerotized labella and ves‐
tiges of ocelli, which are common in Diachlorini but nearly unknown in Tabanini [19].

3.3.1. Tribe Diachlorini (Lutz, 1909)

This includes more than half of Neotropical Tabaninae, gathering nearly 600 species in 39 
genera [20]. The reading of specialized literature to study this tribe, which has a large variety 
of species, both primitive and specialized, is strongly recommended. The more primitive spe‐
cies are dull colored, from small to medium size, occurring in colder areas and include species 
of genera Dasybasis e Stenotabanus; the remaining species are considered more specialized, 
mostly, are strictly tropical [19]. Trojan [102] published study of South‐American Diachlorini 
distribution and considered that these species “are generally restricted to the northern part 
of the continent”, occupying the Caribbean Archipelagos, limited by Andes in eastern bor‐
der, and from Santa Catarina state in Brazil to Chaco and Salta in Argentina, in South bor‐
der. Following some considerations about the main genera, which include the most common 
 species recorded in surveys conducted by South‐American researchers.

3.3.1.1. The genus Acanthocera (Macquart, 1834)

This comprises 28 species resembling wasps (Hymenoptera: Vespidae). They have slender and 
medium‐sized body, antennae very long, first antennal segment at least 1,5 times the length 
of the second, and third always longer than the first and second together, vestigial or absent 
ocelli, partially sclerotized labella, palpi slender or swollen, slender abdomen with narrowed 
second tergite [103, 104]. Fairchild redefined the characteristics of the genus and provided a 
key to 16 species then known [103]. In catalog of Coscarón and Papavero [20] 20 species are 
listed, and it do not mention the study of Henriques and Rafael [104], where they described 
Acanthocera (Nothocanthocera) distinta Henriques and Rafael, transferred 11 species from the 
genus Nothocanthocera to genus Acanthocera, synonymized Acanthocera (Acanthocera) lutzi to 
Acanthocera (Acanthocera) coarctata, and the subgenus Acanthocera (Mimodynerus) Enderlein to 
Acanthocera (Acanthocera) Macquart. The species of Acanthocera are difficult to capture because 
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they inhabit the canopy of forest [104]. The species of genus Acanthocera are currently distrib‐
uted in four subgenera.

3.3.1.1.1. Subgenus Acanthocera (Macquart, 1834)

This subgenus has 16 species that have at least a tubercle or dorsal angle on antennal basal 
plate, usually a fairly long tooth or slender spine, frons rarely as wide as high, generally nar‐
rower [104]; the subgenus comprises 10 species in South America. Acanthocera (Acanthocera) 
longicornis (Fabricius), one of the most recorded species in studies, was captured in an ecotone 
area between rainforest and sandbanks on Marambaia Island, Rio de Janeiro, and in coastal 
zone in Parana subregion, Brazilian Atlantic Forest province [59, 64, 65].

3.3.1.1.2. Subgenus Nothocanthocera (Fairchild, 1969)

This comprises 12 species with short basal antennal segment, bare or partially bare frontoclypeus 
and gena, not wholly sclerotized labella, usually pale scutellum, without diagonal wing band, 
often resembling wasps [19, 104]; 11 species occurring in South America and one in Central 
America [104]. Acanthocera (Nothocanthocera) distincta Henriques and Rafael, was omitted by 
Coscarón and Papavero, from Amazonian forest, Amazonian subregion, Imeri province [36, 104].

3.3.1.1.3. Subgenus Polistimina (Fairchild 1969)

This has the single species Acanthocera (Polistimina) politiformis Fairchild, described from 
a male specimen from Amapa, northern Brazil [104]. The female was also described from 
Amapa: this red‐yellowish species resembles wasps of the genus Polistes (Hymenoptera) 
[104]. The immature stages of Acanthocera (Polistimina) vespiformis Burger inhabit the tunnels 
opened by beetles in the trunks of guanandi Callophyllum brasiliense Cambess. The larva trans‐
forms sap that flows through these tunnels into a sticky mass with bad smell that attracts flies, 
which are trapped and are predated by the larvae, which are always found in tunnels less 
than 2 m above ground [105].

3.3.1.1.4. Subgenus Querbetia (Fairchild, 1964)

It is accepted by Fairchild [32], Moucha [82], Fairchild and Burger [34], Coscarón and Papavero 
[20] but is not mentioned by Henriques and Rafael in their revision of the genus [104]. These 
are species with bare eyes, frons less than twice as high as basal width, with basal callus as 
wide as frons, antennae with first segment very greatly inflated and shiny, labella extensively 
sclerotized and shiny, basicosta lacking strong setae [19]. There are two species Acanthocera 
(Querbetia) chaineyi Fairchild and Burger from Ecuador and Peru, and Acanthocera (Querbetia) 
inopinata (Fairchild), in Peru and Bolivia [20].

3.3.1.2. Genus Agelanius (Rondani, 1863)

This comprises 12 species, and it is considered as a part of the most primitive group within 
the tribe Diachlorini [106]. They are brown medium‐size species, narrow frons, frontal callus 
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not touching eyes, which are pilose and without bands, without dorsal prolongation on basal 
flagellomere, palpi slender and elongate, bare subcallus, and with abundant setae on basico‐
sta, so that is difficult to use keys to separate the group [19]. They are similar to Dasybasis and 
differ from it by narrower frons, ridge‐like or clavate callus and vestigial ocelli at vertex [19]. 
The genus is endemic to southern South America, Subandean Patagonia province, and occurs 
in Peru, southern Chile, and Argentina [34, 106]. During the last decade, González described 
Agelanius verai González [106], Agelanius fuscus González [107], Agelanius burger González 
[108], and Agelanius chiloensis González [109] all from Central Chile, Andean subregion. He 
also described the immature stages of Agelanius fuscus, which were found 5–10 cm beneath 
soil surface in forest of roble beech Nothofagus obliqua (Mirb.) Oerst [106] and the immature 
stages of Agelanius cortesi (González) collected beneath the soil surface near a small stream 
and with abundant Gunnera chilensis Lam. (giant‐rhubarb) [110].

3.3.1.3. Genus Bolbodimyia (Bigot, 1892)

This comprises 13 species from which nine occurring in South America [20]. They are black or 
black and yellow, with subcallus and first antennal segment swollen and black shiny, wings 
wholly black, except the hyaline apex, vein R4 strongly curved, swollen tibiae [19, 111]. Theses 
species are infrequently collected [112]. Stone reviewed the genus and provided a key to identifi‐
cation of 10 species then known [112]. Gómez and collaborators recorded Bolbodimyia brunneipen-
nis Stone, Bolbodimyia celeroides Stone, Bolbodimyia nigra Stone and Bolbodimyia philipi Stone from 
Venezuela, and provides a key to the identification of five species reported in the country [111].

3.3.1.4. Genus Catachlorops (Lutz, 1913)

This comprises 66 species, characterized by small size body, frons narrow, frontal callus 
ridge‐like or clavate [19]. Kröber [113] reviewed the genus and Barretto [23] provided a key 
to the females in Brazil and described the males of several species. Coscarón also reviewed 
the genus, re‐described three species and described two new from Argentina [114]. The last 
reference to genus was made by Turcatel, when reviewed the records of species from Parana 
region, southeastern Brazil [11]. The species are distributed in six subgenera.

3.3.1.4.1. Subgenus Amphichlorops (Lutz, 1913)

This has seven species resembling to those in Catachlorops, from which are separated by yellow 
and fuses wings, often darker apical half [19]. All species occur in South America. Catachlorops 
(Amphichlorops) flavus Wiedemann was collected in area next to marsh and woodland in the 
evening, on Marambaia Island, Brazilian southeast, Parana subregion, Brazilian Atlantic 
Forest province [65]. They are well distributed in South America occurring in Colombia, 
Ecuador, Brazil, Peru, Bolivia, Paraguay, and Argentina [20].

3.3.1.4.2. Subgenus Catachlorops (Lutz, 1913)

This has 27 species occurring in South America [20]; they have small and medium‐sized 
body, slender, callus usually clavate, brown to black tinted, black wings with a large rounded 
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patch in discal cell, and hyaline apex [19]. Catachlorops (Catachlorops) halteratus Kröber and 
Catachlorops (Catachlorops) rufescens (Fabricius) inhabitat primary Amazonian Forest, Central 
Amazon subregion, Varzea province and the first was collected in February and from June to 
December, and the last, in April and from June to October [95]. Catachlorops (Catachlorops) lepto-
gaster Barretto was collected in area next to marsh and woodland after 17:00 h, on Marambaia 
Island, Parana subregion, Brazilian Atlantic Forest province [65].

3.3.1.4.3. Subgenus Hadrochlorops (Fairchild, 1969)

This consists of six species characterized by large and stout body, hyaline wings faintly tinted, 
brownish or with dark cross veins margins [19]; they occur in Bolivia, Argentina and Brazil [20].

3.3.1.4.4. Subgenus Psalidia (Enderlein, 1922)

This has 13 species of which 7 occur in South America [20]. They are species with very slender 
palpi, very long antennal tooth, often curved in apex, first posterior cell closed, coarctate or 
slightly narrowed discal cell, wings always hyaline at base [19]. Catachlorops (Psalidia) over-
ali Fairchild and Rafael was captured in canopy of “terra firme” Amazonian Forest, Central 
Amazon, subregion, Varzea province [94]. In the same region, Catachlorops (Psalidia) rubigino-
sus (Summers) occurs from June to November [95].

3.3.1.4.5. Subgenus Psarochlorops (Fairchild, 1969)

This has species related to Psalidia, but with the wing pattern reduced to an irregular small 
band bellow stigma and clouds around cross veins and fork of third vein [19]. This subge‐
nus comprises nine species, and only one does not occur in South America [20]. Catachlorops 
(Psarochlorops) difficilis (Krober) inhabits the primary Amazonian Forest, Central Amazon 
 subregion, Varzea province, and is collected from September to November [95].

3.3.1.4.6. Subgenus Rhamphidommia (Enderlein, 1922)

This species is characterized by clavate or ridge‐like frontal callus, as wide as base frons, flagel‐
lum with hook‐like projection, labella partially or wholly sclerotized, abdomen with median 
triangular spots most of tergites, wing with an irregular diagonal dark band [19, 115]. Four spe‐
cies occur in southeast South America, in Brazil and one of them, Catachlorops (Rhamphidommia) 
potator (Wiedemann), also in northern Argentina [20]. Henriques and Krolow described 
Catachlorops (Rhamphidommia) dubius Henriques and Krolow, the first  species of the subgenus in 
Amazonian subregion, Madeira province, and provided a key to determine the species within 
subgenus [115].

3.3.1.5. Genus Chlorotabanus (Lutz, 1909)

This was created to Tabanus mexicanus Linnaeus, without providing a description or point 
type species, not meeting the rules of the International Code of Zoological Nomenclature 
[116]. The same paper was reprinted in 1911, keeping the faults [117]. In 1913, Lutz  published 
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a paper entitled “On the Systematics of horseflies, subfamily Tabaninae”, republished in 
1914 [118, 119]. This issue was currently discussed by Krolow and Henriques [120] and 
Guimarães et al. [121]. The date of 1913 was accepted for Chlorotabanus by Borgmeier [122] 
and Kröber [31], as well Fairchild [32]. Barretto was the first author to question the validity 
of the name [123]. Fairchild and Burger [34] also elected the year 1913 to designate the date 
of Chlorotabanus, in which were followed by Coscarón and Papavero [20, 33], but not in their 
last manual [35]. Chlorotabanus species are crepuscular and nocturnal, greenish pale color, 
without frontal callus, sclerotized labella, and unicolor eyes [19]. Coscarón completed the 
diagnosis of the genus adding features of gentitalia [72]. The genus appears in Coscarón and 
Papavero catalog comprising six species [20]; but Krolow and collaborators, in an excellent 
review, pointed 11 valid species, from which ten occur in South America, and one species in 
the United States, described three new species, and described the males of Chlorotabanus leuco-
chlorus Fairchild and Chlorotabanus flagellatus Krolow and Henriques [57]. Chlorotabanus inanis 
(Fabricius) and Chlorotabanus mexicanus Linnaeus occur in savannah in French Guyana [17]. 
In Central Amazonian, Varzea dominion, Chlorotabanus inanis was observed in two periods 
of activity: in the morning, between 05:20 and 05:50 h, and at afternoon, between 17:45 and 
18:20 h [124]. Chlorotabanus inanis was also captured on Maraca Island, Amazonian subregion, 
Guyana province, and in the state of Tocantins, Brazilian Chacoan subregion, Cerrado prov‐
ince [50, 77]. Guimarães and collaborators reported Chorotabanus inanis on Marambaia Island, 
Parana subregion, southeast Brazilian Atlantic Forest province; they observed that females 
prefer to feed on legs of horses, and when feeding, they become seemingly indifferent to the 
environment and are easily captured [65]. The species seems to be bivoltine, and appears from 
April to May and from October to December [64].

3.3.1.6. Genus Cryptotylus (Lutz, 1913)

This consists of five species with one subspecies, greenish color, with reduced or absent fron‐
tal callus, antennae with strong dorsal angle or tooth, labella wholly sclerotized and clear 
wings; they seldom attack man and are crepuscular and nocturnal species [19]. They are pres‐
ent in northern Amazonian subregion and one species in Chacoan subregion, in Paraguay 
and Argentina [20]. Fairchild provided a good key for species of the genus [125]. Philip and 
Fairchild reviewed the genus as a subgenus of Chlorotabanus [126]. Coscarón elected the key 
features for the diagnosis of genus adding feature of genitalia [72]. Gorayeb and Fairchild 
provided a new key for the genus and described Cryptotylus firkin Gorayeb and Fairchild, 
from Amazonian subregion, province of Para [127]. Coscarón and collaborators collected lar‐
vae of Cryptotylus unicolor (Coscarón and Poi of Neif) on Pistia stratiotes Linnaeus, in ponds in 
a region of dry forest, northeastern Argentine, province of Formosa, Argentine Chaco [128].

3.3.1.7. Genus Dasybasis (Macquart, 184)

This is one of the most numerous in tropical fauna, with 70 valid taxa, all present in South 
America, and also is well represented in of southeastern Subantartic subregion, Chile and 
Argentina, along Andean region [19, 129]. The genus comprises species that represent part 
of the most primitive group among Diachlorini [19]. They are species with callus filling the 
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 generally broad frons, or rarely reduced or absent, no tubercle at vertex, or at least, without 
vestigial ocelli, antennae without tooth, clear wings or clouded crossveins, and pollinose 
body [19]. The genus was reviewed by Coscarón and Philip in 1967, when the authors re‐
described the female Dasybasis mendozana (Macquart) that occurs in the Andean pre‐cordil‐
lera region in Argentina [130]; the male was described by Coscarón [131]. Coscarón also 
described the larva and pupa of Dasybasis nigra (Enderlein), collected at dry season, found 
in small pits, remaining a dry creek, in Patagonian Subregion, Central Patagonian prov‐
ince [132]. An unidentified species of Daybasis was found during a survey performed during 
summer of 1971 in province of Coquimbo, Andean region, Central Chilean subregion [70]. 
Dasybasis fairchildi Coscarón and Philip had described immature stages from specimens col‐
lected in cold water streams in the Peruvian Andean highlands, at 1 cm deep in the sand 
or among the roots of the vegetation [133]. González described the immature stages of 
Dasybasis (Dasybasis) nigrifrons (Philippi), and Dasybasis bruchi (Brèthes) from moss of wet‐
lands in Central and northern Chile [134]. The same author also described the immature 
stages of Dasybasis pruinivitta (Kröber) and Agelanius cortesi (González) from the same region 
[110, 135].

3.3.1.8. Genus Dasychela (Enderlein, 1922)

This consists of nine brown species, with a protuberant face and very long proboscis, tri‐ or 
biramous antennae with one or two long and slender dorsal spines with erect hairs and bare 
eyes [19]; they occur in southeastern South America [20]. Two subgenera are recognized.

3.3.1.8.1. Subgenus Dasychela (Enderlein, 1922)

This has six species, five of which occur in South America in Colombia, Ecuador and Brazil [20].

3.3.1.8.2. Subgenus Triceratomyia (Bequaert, 1937)

This has two species occurring in Ecuador, Peru e Bolivia.

3.3.1.9. Genus Diachlorus (Osten Sacken, 1876)

This comprises flies usually yellow and black colored, wings with a dark pattern, dark band 
in apex, colored eyes with patches and bands similar to Chrysops, variable frons, frontoclyp‐
eus bare and shiny [19]. These small flies occur in all South America, except in Chile [20]. 
Diachlorus has 29 species of which only Diachlorus ferrugatus (Fabricius) does not occur in 
South America (Central and North America). The first key to the genus was Kröber's [136], 
and currently the most elaborated study of the genus is Fairchild's, in which the author pro‐
vided a key to identification of 23 species [137]. Coscarón added genitalia characteristics to 
the key characters for diagnosis of species [72]. Wilkerson and Fairchild provided a revised 
key and described five new species from South America [138]. Diachlorus jobbinsi Fairchild, 
Diachlorus bicinctus (Fabricius), and Diachlorus curvipes (Fabricius) are well distributed in 
northern and central Brazilian Amazonian region, in primary forest or varzea, level ground 
or canopy forest [50, 95]. Diachlorus bivittatus (Wiedemann) is a very aggressive species, and 
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was the most abundant species in survey performed on Marambaia Island, Parana subregion, 
southeast Brazilian Atlantic Forest province. The species presented two generations per year 
(bivoltine) [64, 65]. Diachlorus distinctus Lutz was also found in that survey and has morpho‐
logical and ethological similarities with Diachlorus bivittatus [65].

3.3.1.10. Genus Dichelacera (Macquart, 1838)

This comprises small to medium size species, with slender body, callus almost always as 
broad as frons, eyes usually with a single band, and labella wholly sclerotized [19]. According 
to Coscarón and Papavero [20] there are 80 valid species; but further studies increased this 
number to 83, with the descriptions of Dichelacera matogrossensis Henriques and Krolow, 2015 
[139], Dichelacera (Dichelacera) gemmae Limeira‐de‐Oliveira and Gorayeb [140], and Dichelacera 
(Dichelacera) walteri Guimarães, Gorayeb and Rodrigues‐Guimarães [41]. They are divided 
into four subgenera.

3.3.1.10.1. Subgenus Desmatochelacera (Fairchild, 1969)

This has only two species of which one occur from Costa Rica to Ecuador and one in Colombia 
and Peru [20].

3.3.1.10.2. Subgenus Dichelacera (Macquart, 1838)

This currently has 65 valid species after the revision of the genus Acanthocera by Henriques 
and Raphael and description of new species [41, 104, 139]. A total of 48 species occurs in 
South America. This subgenus is the largest in number of species, and characterized by labella 
wholly sclerotized, eyes nearly always with bands, callus more or less square, as wide as 
frons; all species are small to medium size [19]. Dichelacera amazonenses Henriques, Dichelacera 
cervicornis (Fabricius), Dichelacera damicornis Fabricius), Dichelacera marginata Macquart, 
Dichelacera paraensis Henriques, Dichelacera trisuca Fairchild and Philip, Dichelacera villavoensis 
Fairchild and Philip, are well distributed species in several environments in northern, central 
and eastern Amazonian subregion [54–57, 94, 95]. The type species of Dichelacera (Dichelacera) 
matogrossensis were collected in Chacoan subregion, Brazilian, Cerrado province [139]. Barros 
recorded the occurrence of Dichelacera scutellata Williston in Brazilian Pantanal, Amazonian 
subregion [76]. Dichelacera alcicornis (Fabricius) was the most abundant species collected in 
highlands of southeast Parana subregion [62, 63]. Dichelacera (Dichelacera) walteri Guimarães, 
Gorayeb and Rodrigues‐Guimarães was described from specimens collected from August to 
September, on forest sandbanks from Marambaia Island, Parana subregion, Brazilian Atlantic 
Forest province, Rio de Janeiro [41]. Dichelacera (Dichelacera) alcicornis was also collected in the 
same place [65]. This last species was also recorded from Chacoan subregion, Pampa prov‐
ince, southern Brazil [60].

3.3.1.10.3. Subgenus Idiochelacera (Fairchild, 1969)

It has only one species, Dichelacera (Idiochelacera) subcallosa Fairchild and Philip that occurs 
from Costa Rica to Peru [20].
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3.3.1.10.4. Subgenus Orthostyloceras (Lutz, 1933)

This comprises three species: Desmatochelacera (Orthostyloceras) ambigua (Lutz and Neiva) 
and Desmatochelacera (Orthostyloceras) nubiapex Fairchild and Philip occurring in Brazil, and 
Desmatochelacera (Orthostyloceras) aurata Wilkerson, occurring in Colombia [20].

3.3.1.11. Genus Dicladocera (Lutz, 1913)

This comprises 32 Andean species [19], although the Coscarón and Papavero catalog [20] 
also suggests Brazilian species are included in the genus; most species is distributed between 
Colombia and Peru [20]. This genus includes species with long antennal tooth, short probos‐
cis, soft and pollinose labella, some setae on basicosta, eyes often pilose and wings with a 
dark band with a fenestrae on discal cell [19]. In Ecuador, Dicladocera macula (Macquart) was 
recorded in both side of Andean cordillera between 1600–3400 m, in montane forest, paramo 
and Andean shrubs [98]. Coscarón re‐described the female e described the male of Dicladocera 
nubipennis (Rondani), a species from Argentine Subandean subregion [141].

3.3.1.12. Genus Lepiselaga (Macquart, 1838)

This has four small and robust species of black color, glossy palps, wings with black pattern 
with contracted discal cell, in two subgenera [19].

3.3.1.12.1. Subgenus Lepiselaga (Macquart, 1838)

This has the single Lepiselaga (Lepiselaga) crassipes (Fabricius), which occurs from Mexico to 
northern Argentina [20]. This is a very well‐studied species. Lutz observed larvae of Lepiselaga 
crassipes (Fabricius) on moorhen lettuce, Pistia stratiotes Linnaeus in southeast Atlantic 
Brazilian Forest [142]. Later, Fairchild suspected that the larvae of the species also found on 
Pistia in mangroves in Panama Canal Zone, would be dependent on a more complex envi‐
ronment, formed by a maze composed of floating debris, mats of filamentous algae, Salvinia 
(water fern) and small specimens of Pistia [143]. Lepiselaga crassipes was also found in Central 
Amazon Subregion, Varzea province [55, 95] In a survey conducted in Pantanal, Brazilian 
Chaco subregion, the species was the fourth most abundant, occurring throughout the year, 
but more often in September and October [76]. The species also occurs in the transition zone 
between Cerrado and Pantanal, Brazil [144].

3.3.1.12.2. Subgenus Conopesalaga (Barretto, 1949)

This comprises three species with forehead as wide as high, or wider, inflated notopleurals 
lobes [19], which are distributed from Western Colombia to Argentina [20].

3.3.1.13. The genus Leucotabanus (Lutz, 1913)

This comprises 15 small‐ to medium‐sized species, which have frons narrow to moderate, ver‐
tex with prominent tubercle, nearly always with vestiges of ocelli, callus clavate or ridge‐like, 
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basicosta sparsely or abundantly setose, usually black and shiny [19]. Eleven species occur in 
South America [20]. The genus has been well studied by Fairchild: in 1941 [145] he reviewed 
the genus and provided a key to 11 species with figures of eight; in 1953 [146], he reviewed the 
genus again and updated the key to 15 species; and, in 1985 [147] he updated the studies with 
a discussion of genus taxonomic position and offered a key to females of 18 species. Godoi 
and Rafael [148] described the immature stages of Leucotabanus albovarius (Walker) from spec‐
imens collected in rotten wood of the palm Bactris gasipaes Kunth (Arecaceae); they observed 
the adults active throughout the year in open areas and in primary Amazonian Forest, Central 
Amazon subregion, Varzea province [95]. Leucotabanus exaestuans (Linnaeus), a widely dis‐
tributed species, is collected in the same environment all year long; it attacks horses and other 
animals on the head, near base of the ear [53, 95]. Leucotabanus janinae Fairchild is another spe‐
cies collected in the same environment from July to December, as well as Leucotabanus palculus 
Fairchild, but collected from July to December [95]. Specimens of Leucotabanus sebastianus 
Fairchild were captured next to marsh and rain forest area, on Marambaia Island, Parana 
subregion, Brazilian Atlantic Forest province [65].

3.3.1.14. The genus Myiotabanus (Lutz, 1928)

This comprises four species, three occurring in South America [20]; they are small species, 
with unusually long proboscis, small and partly sclerotized labella, inflated and short palpi 
[19]. They are similar to sarcophagids flies [149]. In 2004, Rafael and Ferreira reviewed the 
genus and provided a key to known species [148]. Coscarón and collaborators found larvae of 
Myiotabanus barrettoi Fairchild on Pistia stratiotes Linnaeus, in northeastern Argentine, prov‐
ince of Formosa, Argentine Chaco, region of dry forest [150].

3.3.1.15. Genus Phaeotabanus (Lutz, 1913)

It has 15 medium to large flies, greenish when alive or recently dead, unicolor eyes, narrow 
frons, slender callus, labella sclerotized, antennal plate with an obtuse dorsal angle, wings 
with dark markings [19]. The majority of species occurs in Brazil [20]. Phaeotabanus cajennensis 
(Fabricius), a large widely distributed species in South America, was captured in Trinidad 
using traps baited with white mice [151]. The same species was captured in canopy of “terra 
firme” Amazonian Forest, Central Amazon subregion, Varzea province [94]. Phaeotabanus 
cajennensis was also captured in ecotone between sandbank and rainforest and Phaeotabanus 
limpidapex (Wiedemann), and Phaeotabanus litigiosus (Walker) (more abundant from 17:00 to 
19:00 h) were captured next to marsh and rain forest area on Marambaia Island, Parana subre‐
gion, Brazilian Atlantic Forest province [65]. This last species was also captured on Mel Island, 
coastal zone of Parana subregion, southeast Brazilian [152]. Phaeotabanus limpidapex was also 
captured at coastal zone of Parana subregion [59]. Phaeotabanus fervens (Linnaeus) feeds on cai‐
man, in Pantanal and Central Amazon [95, 153]. The species occur in primary forest in areas of 
“campinas” and “campinarana”, as well as in open areas near rivers and small stream banks, 
in Central Amazonian subregion, Varzea province [55, 95]; but according to Ferreira‐Keppler 
and collaborators, it is active preferentially in “clareira” than forest [56]. The species was found 
also on Maraca Island, Amazonian subregion, Guyana province [50]. Other species captured 
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in primary Amazonian Forest are Phaeotabanus innotescens (Walker) and Phaeotabanus nigrofla-
vus (Kröber), both commonly collected near surface of water during drier months [95].

3.3.1.16. Genus Philipotabanus (Fairchild, 1943)

It comprises 29 species that are small to medium size flies, slender, narrow to very narrow frons, 
with clavate to threadlike callus, tubercle at vertex, unicolor eyes and palpi nearly always slen‐
der [19]. An excellent review with dichotomous key for the three subgenera and eleven species 
of genus Philipotabanus from records in Amazon was provided by Henriques [154].

3.3.1.16.1. Subgenus Melasmatabanus (Fairchild, 1964)

This has four species and one subspecies, similar to Philipotabanus, with a solid wing pattern, 
without fenestrae around cross veins, with the species all black [19]. All species occur in South 
America: they are largely distributed and can be seen from Panama to Midwest Brazil, in Andean 
areas, Amazonian Forest, and Cerrado [20]. Gorayeb and Rafael provided a key to females of spe‐
cies and subspecies of the genus and described Philipotabanus (Melasmatabanus) pictus Gorayeb 
and Rafael, from specimens collected in Pantanal subregion, Rondonia state, Brazil [155].

3.3.1.16.2. Subgenus Mimotabanus (Fairchild, 1964)

This comprises nine species with eight occurring in South America, Colombia, Ecuador and 
Peru; similar to foregoing group, they have solid wing pattern or a reduced shade below 
stigma, broader frons, clavate callus, and stouter palpi [19, 20]. The subgenus was first char‐
acterized by Fairchild in 1964 in a key for four species, and in 1975 the author reviewed the 
genus and provided a key to eight species than known [156]. The last species described for the 
genus was Philipotabanus (Mimotabanus) tanypterus Wilkerson, 1979. Lima reports the occur‐
rence of Philipotabanus (Mimotabanus) henriquesi Limeira‐de‐Oliveira, Gorayeb and Rafael, 
from Brazil, in Chacoan subregion, Cerrado province [77].

3.3.1.16.3. Subgenus Philipotabanus (Fairchild, 1943)

This comprises 16 species with frons always narrow to very narrow, palpi slender, eyes bronzy 
in life, dark wing pattern, with hyaline fenestrae around crossveins and fork of third vein [19]. 
The genus is represented in Central America, but there are eight South‐American species seen 
from Colombia to Bolivia and northern Amazon region [20]. Philipotabanus (Philipotabanus) 
stigmaticalis Kröber is a widely distributed species in Amazon Basin, more frequently  captured 
in canopy of primary Amazonian Central Forest, Varzea province and is active throughout 
the year [94, 95]. Henriques described Philipotabanus (Philipotabanus)  obidensis Henriques, 2006 
from eastern Peru and Bolivia, Puna subregion [154].

3.3.1.17. Genus Stenotabanus (Lutz, 1913)

This comprises 74 very small to medium size species, difficult to characterize, bare eyes with 
at least two transverse bands, moderate to broad frons, and callus as wide as frons [19]. Seven 
subgenera are currently recognized [20, 157]. Fairchild provided a key to the genera [158].
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3.3.1.17.1. Subgenus Aegialomyia (Philip, 1941)

This has 25 species, but only four in South America [20]. Stenotabanus (Aegialomyia) tobagensis 
Fairchild occurs in Trinidad, Antillean dominion, and was observed attacking man on beach 
and caiman [159], Stenotabanus (Aegialomyia) aberrans Philip, described from Ecuador (north‐
western South American dominion, Magdalena province), Stenotabanus (Aegialomyia) geijskesi 
Fairchild, from Suriname (Humid Guyana province) and Brazil (Para province, Amazonian 
subregion), and Stenotabanus (Aegialomyia) ixyostactes (Wiedemann), from Brazil (Chacoan 
subregion, Cerrado province) [20, 160].

3.3.1.17.2. Subgenus Brachytabanus (Fairchild, 1942)

This has three South‐American species occurring in Colombia, Venezuela, Bolivia and 
Argentina, with one of them also occurring in Costa Rica and Panama [20]. Stenotabanus 
(Brachytabanus) longipennis Kröber, attracted by light in Colombia, Stenotabanus (Brachytabanus) 
platyfrons Fairchild, from Argentina, and Stenotabanus (Brachytabanus) sphaeriscapus Wilkerson, 
from Bolivia [20, 89, 156].

3.3.1.17.3. Subgenus Cretotabanus (Fairchild, 1969)

This has only one species, Stenotabanus (Cretotatabanus) cretatus Fairchild, recorded from east‐
ern and central Amazonia, that appears before the rainy season and is collected preferably 
near the ground [55, 95].

3.3.1.17.4. Subgenus Melanotabanus (Lutz e Neiva, 1914)

This subgenus comprises two species from southeast Brazil: Stenotabanus (Melanotabanus) 
brunnipes Kröber, 1929 and Stenotabanus (Melanotabans) fuliginosus (Lutz & Neiva), 1914.

3.3.1.17.5. Subgenus Stenochlorops (Fairchild, 1969)

There are four Brazilian species: two from Amazon and two from Cerrado. Stenotabanus 
(Stenotabanus) bequarti Rafael, Fairchild and Gorayeb, occurs only in Amazon, along Rio 
Negro and its black water tributaries, flying during drier months [95].

3.3.1.17.6. Subgenus Stenotabanus (Lutz, 1913)

This has 59 species seen from Mexico to Argentina, Antilean and some in USA; 26 species 
are recorded from South America [156, 160]. They are small to very small species, with paral‐
lel‐sided frons, round or square callus as wide as frons, middle frons with dark hair patch, 
eyes with two bands; it is the largest subgenera in South America [19, 20]. Stenotabanus 
(Stenotabanus) obscurus Kröber is a widely distributed species, occurring from Costa Rica to 
Argentina; Coscarón redescribed the female and described the male [161].

3.3.1.17.7. Subgenus Wilkersonia (Fairchild and Burger, 1994)

This has a single species, Stenotabanus (Stenotabanus) roxannae Wilkerson, from Caribbean sub‐
region, Chocó, Colombia [20].
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3.3.1.18. The genus Stibasoma (Schiner, 1867)

This comprises 19 species that are similar to bees of the genera Centris Fabricius, Bombus 
Latreille, Xylocopa Latreille and Euglossa Latreille [11]. They have robust bodies, with vari‐
able colors, very pilose legs, short antenna with a long dorsal spine, inflated palpi, scler‐
otized labella and fringed tibiae [19]. The genus was early studied by Ricardo [162] when 
it comprised six species, and by Knab, in 1913, who provided a key to 10 Neotropical spe‐
cies [163]. Coscarón completed the diagnosis of the genus adding genitalia features [72]. All 
species of the genus are recorded only from South America [20]. More recently, the genus 
was reviewed and two new species were described from southeast Brazilian Atlantic Forest: 
Stibasoma manauensis Turcatel, Rafael and Carvalho, and Stibasoma ruthae Turcatel, Rafael and 
Carvalho [164]. The larvae of the species in this genus are usually found in water of phyto‐
telmata of bromeliads (Bromeliaceae). Stibasoma flaviventre Macquart and Stibasoma venenata 
Osten Sacken develop in arboreal bromeliads and Stibasoma fulvohirtum (Wiedemann) in ter‐
restrial bromeliads, as found in Panama [165]. Stibasoma fulvohirtum (Wiedemann), Stibasoma 
festifestivum (Wiedemann), Stibasoma flaviventre (Macquart), and Stibasoma currani Kröber are 
the most common species appearing in surveys performed in Amazon [54–56, 94, 95].

3.3.1.19. Genus Rhabdotylus (Lutz, 1913)

This appears in Coscarón and Papavero's catalog [20] as a subgenus of Stibasoma, but Trojan, 
in 1998, revalidated the genus, based on characteristics of body pilosity and leg structure 
[166]. The genus comprises four species from which three are recorded from South America, 
and one has unknown distribution [20]. Rhabdotylus planiventris (Wiedemann) and Rhabdotylus 
viridiventris (Macquart) were captured in an ecotone area between sandbank and rain forest, 
on Marambaia Island, Parana subregion, southeast Brazilian Atlantic Forest province [65].

3.3.1.20. Genus Stigmatophthalmus (Lutz, 1913)

It has only one species, Stigmatophthalmus altivagus Lutz, which occurs in southeast Brazil, and 
was collected in mountainous region (800–2150 m above sea level), and in an ecotone area 
between the sandbank and rain forest on Marambaia Island, coastal zone in Parana subregion, 
and southeast Brazilian Atlantic Forest province [65, 167].

3.3.1.21. Genus Stypommisa (Enderlein, 1914)

This comprises 34 species, mostly small and slender, frons near always narrow, callus drop‐
shaped, marked tubercle at vertex, short proboscis, soft labella, palpi somewhat slender, 
clouds on crossveins, or anterior or posterior infuscation, and third appendiculate vein forked 
[19, 20]. The species can be seen from Nicaragua to Argentina, and only two species do not 
occur in South America [20]. Fairchild and Wilkerson reviewed the genus in 1986, including 
28 species then known and provided a key to 26 of those species [168]. Coscarón elected geni‐
talia features as key characters for define the genus [72]. Stypommisa grandicolor (Lutz) was 
the third most abundant species in the Central Amazon in a study conducted using Malaise 
trap in tropical forest [54]. Stypommisa captiroptera (Kröber), Stypommisa glandicolor (Lutz), and 
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Stypommisa modica (Hane) are widely distributed and fairly common species captured in sur‐
veys carried out in several environments in Amazon [54–57, 94, 95].

Recently, Brazilian researchers proposed the following two new genera within tribe Diachlorini.

3.3.1.22. Genus Muscotabanus (Henriques and Krolow, 2013)

This has the species Muscotabanus rafaeli, which was proposed from unidentified specimens 
from Entomological Collection of the National Research Institute Amazon, all collected in the 
Central Amazon [169].

3.3.1.23. Genus Elephantotus (Gorayeb, 2014)

The species Elephantotus tracuateuensis Gorayeb is described from specimens collected on the 
edge of a mangrove forest, coastal area of Brazil’s western Amazon, near nests of Eudocimus 
ruber (Linnaeus) (scarlet ibis), Nycticorax nycticorax (Linnaeus) (socó sleeper) and Ardea alba 
(Linnaeus) (great egret) [170].

Others genera in the tribe Diachlorini are under‐represented in more current surveys, and 
have no economic or sanitary importance.

3.3.2. Tribe Tabanini (Latreille, 1802)

With 207 Neotropical species characterized by setose basicosta, labella wholly pollinose, with‐
out ocelli [19, 36] There are some groups of species of Leucotabanus, Stypommisa e Tabanus 
(those with long antennal spine) difficult to place because the setose basicosta. These prob‐
lems can be solved by the study of Fairchild [19]. In Neotropics, Tabanini comprises five gen‐
era, but only three with South‐American species.

3.3.2.1. Genus Phorcotabanus (Fairchild, 1961)

With two South‐American species, this can be seen from Colombia to Argentina [20]. 
Phorcotabanus cinereus (Wiedemann) occurs in Central Amazon, and was captured in “clareira,” 
being the most abundant among the tabanid species captured in canopy of the forest [56].

3.3.2.2. The genus Poeciloderas (Lutz, 1921)

This comprises nine species, all endemic of South America; they are mainly observed in 
south temperate or Andean region, but not in Chile, although Poeciloderas quandripunctatus 
(Fabricius) is well distributed from Mexico to Argentina [20]. It is a fairly homogeneous group, 
with closely related species and very similar to those of genus Tabanus. This group is under‐
studied and lacks higher setting to characterize the species in the genus [19]. Coscarón and 
Fairchild reviewed the genus in Argentina and provided a key to the four species in that 
country [171]. The more common species captured in current surveys is Poeciloderas quand-
ripunctatus on Central Amazon and on Maraca Island, Amazonian subregion, Guyana prov‐
ince [50, 56]. The species was also captured in Tocantins, Brazil, Chacoan subregion, Cerrado 

Tabanids in South America
http://dx.doi.org/10.5772/67108

85



province [77], and in southeastern Brazilian coastal zone and plateau, Parana subregion [59, 
63]. The species was also collected in open meadows, from 10:00 h until ca. 16:00 h, during 
the sunniest and hottest hours of the day, on Marambaia Island, Parana subregion, southeast 
Brazilian Atlantic Forest province [65]. This species is recognized having a wide distribution 
for all Neotropics.

3.3.2.3. Genus Tabanus (Latreille, 1802)

This comprises world‐wide distributed species with bare eyes, no tubercle at vertex, short 
proboscis, soft labella, setose basicosta, basal plate of third antennal segment with an acute or 
obtuse angle, rarely with a tooth or spine; in tropical species the wings can be tinted, spotted 
on crossveins, margined brown veins, entirely dark or black, but never banded [19]. Coscarón 
and Papavero [20] listed 191 species in tropical region, of which 110 occur in South America: 
in their catalog lacks Tabanus bibanda considered nomen nudum [37], recorded in the southeast‐
ern Brazilian plateau, Parana Forest province, Parana subregion [61]. Fairchild [172] reported 
Tabanus nereus Fairchild and Tabanus eldridgei Fairchild in mangrove areas of Colombia and 
Ecuador, and introduced the measure of “frontal index,” as a morphological key feature to 
tabanid identification. Coscarón reviewed the genus and provided good illustrations to iden‐
tify 16 Argentine species [173]. In 1983, Fairchild published an excellent study of the Tabanus 
lineola complex, providing keys to males and females of South America species Tabanus camp-
estris Brèthes, Tabanus colombensis Macquart, Tabanus commixtus Walker, Tabanus curtus Hine, 
Tabanus eldridgei Fairchild, Tabanus guapiensis Wilkerson, Tabanus nereus Fairchild, Tabanus 
occidentalis Linnaeus Tabanus penai Philip, Tabanus secundus Walker (as stenocephalus Hine), 
Tabanus Triangulum Wiedemann, Tabanus vittiger Thomson, Tabanus wilkersoni Fairchild, and 
Tabanus wokei Fairchild [174]. Fairchild also offered a very relevant study of the larger species 
of Tabanus of eastern South America [175]. Tabanus importunus Macquart, Tabanus occidentalis 
Linnaeus and Tabanus pungens Wiedemann were reported as occurring in French Guiana, in 
pasture area, transition zone between savannah and eastern Brazilian Amazon forest [176]. 
Tabanus aaptus Fairchild, Tabanus augustifrons Macquart, Tabanus antarticus Linnaeus, Tabanus 
callosus Macquart, Tabanus claripennis Wiedemann, Tabanus discus Wiedemann, Tabanus impor-
tunus Wiedemann, Tabanus lineifrons Lutz, Tabanus nebulosus DeGeer, Tabanus nematocallus 
Fairchild, Tabanus occidentalis Linnaeus, Tabanus piceiventris Rondani, Tabanus sannio Fairchild, 
Tabanus trivittatus Fabricius, and Tabanus unimacula (Kröber) were recorded on Maraca Island, 
Amazonian subregion, Guyana province [50]. Several surveys conducted since 1999 till 2010, 
revealed that Tabanus amapaensis Fairchild, Tabanus amanuensis (Barretto), Tabanus angustifrons, 
Macquart, Tabanus antarticus Linnaeus, Tabanus callosus Macquart, Tabanus claripennis (Bigot), 
Tabanus crassicornis Wiedemann, Tabanus discus Wiedemann, Tabanus importunus Wiedemann, 
Tabanus lineifrons Lutz, Tabanus nematocallus Fairchild, Tabanus occidentalis Linnaeus, Tabanus 
piceiventris Rondani, Tabanus pungens Wiedemann, Tabanus sannio Fairchild, Tabanus sextrian-
gulus Gorayeb and Rafael, Tabanus trivittatus Fabricius, and Tabanus xuthopogon Fairchild, are 
the most common species in central Amazon [54, 55, 57, 95]. Tabanus importunus Wiedemann 
is reputed as the most important vector in the Pantanal, Chaco subregion, Midwestern Brazil, 
being most abundant in November. It is the most common species in the region, followed by 
Tabanus occidentalis Linnaeus, a common species found in September and December, by Tabanus 
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being most abundant in November. It is the most common species in the region, followed by 
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claripennis Bigot, more abundant during July to October [76]. A survey performed in Areguá, 
Paraguay, Chacoan subregion, Pampa province, found Tabanus triangulum Wiedemann, 
Tabanus secundus Walker (as stenocephalus Hine), Tabanus occidentalis Linnaeus, and Tabanus pun-
gens (Wiedemann) among the most abundant species [49]. A survey performed in Tocantins, 
Brazil, Chacoan subregion, Cerrado province found Tabanus antarcticus Linnaeus, Tabanus cf. 
cicur Fairchild, Tabanus fuscofasciatus Macquart, Tabanus glaucus Wiedemann, Tabanus importu-
nus Wiedemann, Tabanus mucronatus Fairchild, Tabanus occidentalis var. dorsovittatus Macquart, 
Tabanus occidentalis var. modestus Wiedemann, Tabanus palpalis Brèthes, and Tabanus xuthopogon 
Fairchild [77]. The pupae of Tabanus triangulum Wiedemann and Tabanus platensis Brèthes, 
and larvae of Tabanus nebulosus ornativentris Kröber on Pistia stratiotes Linnaeus were respec‐
tively collected in Santa Fé, Buenos Aires and Formosa, Argentina, Chacoan subregion, Pampa 
province [132]. Tabanus angustus Macquart takes place in the hills of Argentine Pampean sub‐
region [131]. In southeastern Brazilian plateau, Parana Forest province, occur Tabanus fuscus 
Wiedemann, Tabanus colombensis Macquart, Tabanus eldridgei Fairchild, Tabanus nebulosus orna-
tiventris Kröber, and Tabanus wokei Fairchild [63]. Tabanus augustus Macquart, Tabanus claripen-
nis (Bigot), Tabanus fuscus Wiedemann, and Tabanus triangulum Wiedemann were captured in 
coastal zone of Parana state, Brazilian Atlantic Forest [59]. Tabanus claripennis (Bigot), Tabanus 
discus Wiedemann, Tabanus fuscus Wiedemann, Tabanus importunus Wiedemann, Tabanus obso-
letus Wiedemann, Tabanus occidentalis Linnaeus, Tabanus pungens Wiedemann, and Tabanus 
triangulum Wiedemann were collected in several environments on Marambaia Island, Parana 
subregion, southeast Brazilian Atlantic Forest province [65].

4. Tabanids and diseases

There are few studies concerning transmission of diseases caused by tabanids in South 
America. Most of the researchers have the scope of knowing the species found in different 
environments, seasonal fluctuation, and biotic and abiotic factors that affect the behavior of 
tabanid populations. The first author to relate tabanids with animal disease in South America 
was Lutz. He pointed the tabanids as the main mechanical vector of Trypanosoma evansi, 
the etiological agent of “mal‐de‐caderas” or “surra” of equines [176]. Tabanids have been 
recorded as an important mechanical vector of Trypanosoma vivax in South America [177]. 
Raymond found Trypanosoma vivax was transmitted by Tabanus importunus between zebu 
bulls by interrupted blood meal, in French Guiana [17]. In Colombia, three specimens of taba‐
nid (without identification) were found infected with flagellates morphologically compatible 
with Trypanosoma vivax [52], and in a livestock region, was found a strong positive correlation 
between incidence of Trypanosoma vivax in cattle and tabanid population [14]. An experimen‐
tal essay demonstrated that Tabanus nebulosus is able to transmit Trypanosoma vivax between 
cattle, when interrupted blodmeal is resumed within 10 minutes or less [14]. Cryptotylus 
unicolor was able to transmit experimentally Trypanosoma vivax between the livestock 
[178]. Monzón and collaborators recorded equine trypanosomiases transmitted by Tabanus 
sp. in Argentina [180]. Tabanids have been recorded as an important mechanical  vector of 
Trypanosoma evansi in Brazilian and Bolivian Pantanal [179]. Outbreaks of the cattle disease 
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caused by Trypanosoma evansi have been associated with the rainy season when tabanids are 
more abundant [15]. The most important vector of trypanosomiasis of cattle in Pantanal is 
Tabanus importunus and it is more abundant during the rainy season, from September/October 
to January [181–185].

Due to major environmental changes imposed by human productive activity, new interac‐
tions between agents, vectors, and hosts have occurred. A specimen of Tabanus importunus 
was found infected with a Leishmania sp.: the diagnosis was performed using DNA ampli‐
fication technique, in São Paulo, Brazil [186]. Borrelia burgdorferi was found naturally infect‐
ing tabanids on Marambaia Island, Rio de Janeiro, southeast Atlantic Brazilian Forest (no 
published data from Guimarães et al). Tabanus sp. was reported as vector of human botfly, 
Dermatobia hominis Linnaeus Jr., in Rio Grande do Sul, Brazil [187]. In Ecuador it was reported 
the transmission of the botfly by Chrysops varians [188].

The following is offered as an Appendix, in which the main studies performed in South‐
American countries are presented.

Appendix

In this study of South American tabanids, the authors included Trinidad, because of its geo‐
graphic proximity to South America mainland and by the affinity of its tabanofauna with that 
of South America, it is considered to be in Caribbean subregion [189]. For this aspect, Panama 
should also be included, but studies on tabanids in that country are very extensive and we 
chose to omit them. Still, many species that occur in Panama also occur in South America 
Caribbean subregion.

The first studies on the tabanofauna Trinidad were from Bequaert, which listed 23 species 
belonging to the genera Chrysops (five species), Esenbeckia, Selasoma, Stibasoma (two species), 
Dichelacera, Tabanus (12 species) and Acanthocera [189]. In 1944, Bequaert brought the number 
of species as 31, 29 in Trinidad and two in Tobago, adding a species of the genus Lepiselaga, 
four in genus Tabanus and Diachlorus [190]. Callan increased the number of species to 34, regis‐
tering a species for each genus of Tabanus (Chlorotabanus), Stibasoma, and Fidena [191]. Fairchild 
and Aitken added 11 species, describing Acanthocera trinidadensis and Stibasoma flaviventre, and 
corrected previous errors in identification, bringing to 45 species in Trinidad [158]. The record 
of Phaeotabanus cajennensis on the island rose to 46 species of tabanids in Trinidad [151].

About horseflies in Guyanas, Desquesnes and Rocque published an important compilation of 
knowledge on biology, sanitary importance, and control of tabanids [192]. In French Guiana, a 
survey performed by Raymond found some differences in relative abundances of tabanids as the 
environment: in savannah, the most abundant species were Tabanus importunus, Tabanus occiden-
talis var. dorsovittatus, Tabanus wilkersoni, and Chlorotabanus mexicanus; in the rain forest the most 
abundant species were Phaeotabanus cajennensis, Chlorotabanus inanis, Stenotabanus cinereus, and 
Tabanus occidentalis. Raymond also noted that in ecotone environments, there is a greater variety 
of species and greater chance of finding rare species [17]. In Surinam the available information 
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on tabanid is the Coscarón and Papavero catalog which list Tabanus antarcticus and Tabanus nebu-
losus; and the site InsectoidInfo points Chlorotabanus inanis as occurring in that country [20, 193]. 
In Guyana the tabanofauna is very diverse, with species in several genera, but information is 
restricted to catalogs [30, 32, 34, 82].

Studies on tabanids from Colombia were very profitable after 1940s. In 1946, Bequaert pub‐
lished a catalog of Colombian tabanids listing 129 species with their respective localities, and 
provided a key to the genera [194]. A list of 39 species of tabanids collected from Valle del 
Cauca, Pacific Ocean coast, was published in 1969 [195]. In 1979, Wilkerson published a list 
of 158 species of tabanids from Western Colombian in which are described 31 species, one 
subspecies and one subgenus; he also provided a checklist of 226 Colombian species [196]. 
During years 2000–2001 Orozco collected tabanids in eastern plains of southeast Colombia, 
Amazonian subregion, and recorded 64 species in 14 genera (Catachlorops, Chlorotabanus, 
Cryptotylus, Chrysops, Dasychela, Diachlorus, Dichelacera, Fidena, Leucotabanus, Phaeotabanus, 
Pityocera, Poeciloderas, Stypommisa, and Tabanus) [197]. In studies in Antioquia, Colombia, 
western region of Andes, Caribbean subregion, were recorded Lepiselaga crassipes, the most 
abundant species, followed by Chrysops variegatus (as variegata), Tabanus occidentalis, Tabanus 
claripennis, Tabanus importunus, Tabanus albocirculus, and Tabanus nebulosus. The authors also 
found three specimens of tabanid (without identification) infected with flagellates morpholog‐
ically compatible with Trypanosoma vivax [52]. In 2016, Wolf and Miranda‐Esquivel published 
the more currently catalogue in which are listed 256 species of Colombian tabanids [198].

In Venezuela the first list containing 31 species of tabanid was prepared by Pechuman [199]. 
The list was supplemented by Stone in 1944 which reported 52 species in 18 genera, and 
provided a key to the species of the genus Cryptotylus [200]. In savannah of the Venezuelan 
Caribbean subregion it was found the most abundant species Tabanus pungens, Tabanus 
claripennis, Tabanus antarticus, Tabanus nebulosus, Chrysops venezuelensis and Esenbeckia pra-
siniventris; the authors also emphasized the importance of tabanids in the transmission of 
bovine trypanosomiasis in the region [201]. Gorayeb and collaborators recorded 16 species 
to Venezuela, among the genera Fidena (four species), Catachlorops, Diachlorus (three species), 
Dichelacera, Dicladocera, Leucotabanus, Philipotabanus Stenotabanus, Stypommisa (three species) 
from deposited material the Museum of Agricultural Zoology, Institute Francisco Fernández 
Yépez of the Central University of Venezuela [202]. In 2005, it was published a list of 20 spe‐
cies of tabanids from Caribbean subregion, northern Venezuela [203]. In 2010, Gómez and 
collaborators reviewed some species of genus Bolbodimyia and provided a key to the recorded 
five species of this genus in Venezuela [111].

In 1968, Patrick and Hays published a tabanids list of eastern Ecuador, with 27 species among 
genera Esenbeckia, Elaphela, Fidena, Chrysops, Diachlorus, Dichelacera, Lepiselaga, Chlorotabanus 
(two species), Stibasoma, Stenotabanus, Stypommisa (three species), Philipotabanus, Leucotabanus, 
Phaeotabanus (two species), and Tabanus (nine species) collected in 1965–1966 in light areas of 
tropical forest next Limoncocha, Napo province, Amazonian subregion [204]. Buestán con‐
ducted a survey in coastal zone of Ecuador, Western and Arid provinces, Caribbean subre‐
gion of Ecuador, and found the most abundant species Tabanus pungens, followed by Tabanus 
colombensis, Tabanus occidentalis, Tabanus albocirculus, and Lepiselaga crassipes [61]. Fairchild and 
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León in 1986 published a revisional list of 81 species of tabanids of Ecuador, providing refer‐
ences of original descriptions, geographical data and a key to determine the genera [205]. 
In 2005, Cárdenas and Vieira published a list of 42 new records, updating the knowledge of 
Ecuadorian tabanofauna, with 181 species [206]. In 2007, Buestán and colleagues published a 
list rising to 204 tabanids species of Ecuador, providing species morphological data and infor‐
mation about the collections environments [207]. In 2009, Cárdenas, Buestán and Dangles 
published studies on the diversity and distribution of tabanofauna of Ecuador and a catalog 
listing 198 species; in this study, the authors discussed the distribution of Chrysops varians 
tardus, Dicladocera macula and Fidena rhinophora using georeferenced localities and niche mod‐
eling analyses [99]. More recently, Cárdenas studied the distribution of tabanids according 
to altitudes and climatic factors, finding that most specimens have their activities limited by 
extremes temperature and humidity [98, 100].

In Peru, the first specific publication on Peruvian tabanofauna was Soukoup's in 1945, which 
listed 81 species in the country [208], most of them were already mentioned in Kröber's catalog 
of 1934 [31]. In 1951, Kröber reported the result of the expedition held in southern Peru, add‐
ing 14 species to those known [209]. Philip published two lists of species, mostly from Peru, 
from specimens collected during an expedition of California Academy of Science to west coast 
of South America [210, 211]. Carrasco in 1972, published a list of 163 tabanid species of which 
29 were collected from southern Peru, distributed mainly in the genera Esenbeckia (seven spe‐
cies), Fidena (five species), Phaeotabanus (five species), Scaptia (five species), Scione (20 species), 
Chrysops (12 species), Stenotabanus (12 species), Dasybasis (19 species), Dicladocera (12 species), 
Stypommisa (eight species), and Tabanus (31 species) [212]. Wilkerson and Fairchild in 1985 
provided a checklist of 228 species known from Peru, with a key to subfamilies, tribes and 
genera. The list includes 73 tabanid species which were collected in lowland forest, southeast 
Peru, Amazonian subregion, Pantanal province, considered by authors as a site of great diver‐
sity in tabanids [74].

In Brazil, last years of 1900, a new generation of researchers in tabanids brought new knowl‐
edge of tabanofauna almost in the entire country. Gorayeb, in 1985, conducted a survey in 
the western Amazon and recorded 15 species of Tabanus, four Chrysops, four Fidena, three 
Catachlorops, seven Diachlorus, four Dichelacera, three Phaeotabanus, and four species of 
Stypommisa [53]. In surveys conducted in Central Amazon, between 1982 and 2007, using 
Malaise traps at ground level and hanging traps on water depth and 25 and 40 m high, 
60 species belonging to the following genera of tabanids were collected: Tabanus (29 spe-
cies), Chrysops (seven species), Diachlorus (six species), Leucotabanus (five species), Fidena 
(four species), Phaeotabanus (four species), Stibasoma (four species), Dichelacera (two species), 
and Stypommisa (three species) [54–57, 94, 95, 213–215]. One of the most abundant collected 
species in these surveys was Phorcotabanus cinereus (Wiedemann), which also occurs in 
Brazil’s eastern savannah, and in the Argentine Chaco [54, 56, 57, 94, 95, 213–215]. In north‐
ern Amazon border with Colombia were recorded 20 species of Tabanus, two Esenbeckia, 
one Fidena, two Chrysops, and 13 Diachlorini (in genera Catachlorops, Diachlorus, Dichelacera, 
Leucotabanus, Phaeotabanus and Stypommisa [50]. In a study conducted in Central Amazonian 
subregion, Varzea province, were caught Stenotabanus cretatus, Stenotabanus bequarti Rafael, 
Fairchild and Gorayeb, Phaeotabanus nigriflavus, and Tabanus occidentalis feeding on caiman 
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genera. The list includes 73 tabanid species which were collected in lowland forest, southeast 
Peru, Amazonian subregion, Pantanal province, considered by authors as a site of great diver‐
sity in tabanids [74].

In Brazil, last years of 1900, a new generation of researchers in tabanids brought new knowl‐
edge of tabanofauna almost in the entire country. Gorayeb, in 1985, conducted a survey in 
the western Amazon and recorded 15 species of Tabanus, four Chrysops, four Fidena, three 
Catachlorops, seven Diachlorus, four Dichelacera, three Phaeotabanus, and four species of 
Stypommisa [53]. In surveys conducted in Central Amazon, between 1982 and 2007, using 
Malaise traps at ground level and hanging traps on water depth and 25 and 40 m high, 
60 species belonging to the following genera of tabanids were collected: Tabanus (29 spe-
cies), Chrysops (seven species), Diachlorus (six species), Leucotabanus (five species), Fidena 
(four species), Phaeotabanus (four species), Stibasoma (four species), Dichelacera (two species), 
and Stypommisa (three species) [54–57, 94, 95, 213–215]. One of the most abundant collected 
species in these surveys was Phorcotabanus cinereus (Wiedemann), which also occurs in 
Brazil’s eastern savannah, and in the Argentine Chaco [54, 56, 57, 94, 95, 213–215]. In north‐
ern Amazon border with Colombia were recorded 20 species of Tabanus, two Esenbeckia, 
one Fidena, two Chrysops, and 13 Diachlorini (in genera Catachlorops, Diachlorus, Dichelacera, 
Leucotabanus, Phaeotabanus and Stypommisa [50]. In a study conducted in Central Amazonian 
subregion, Varzea province, were caught Stenotabanus cretatus, Stenotabanus bequarti Rafael, 
Fairchild and Gorayeb, Phaeotabanus nigriflavus, and Tabanus occidentalis feeding on caiman 
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Caiman crocodilus (L.) and anaconda Eunectes murinus (Linnaeus) [7]. In Pantanal, Brazilian 
Amazonian subregion, Barros recorded 10 species of Tabanus, and others in several gen‐
eral; most abundant species were Tabanus importunus, Tabanus claripennis, Tabanus occi-
dentalis, Lepiselaga crassipes, and Chrysops sp. [76]. In Chaco subregion, in Cerrado of the 
Brazilian Midwest, two species were recorded in Esenbeckia, four Fidena, six Catachlorops, two 
Dichelacera, three Stypommisa, and 11 species of Tabanus [77]. Tabanus occidentalis, Lepiselaga 
crassipes, Tabanus importunus, Tabanus claripennis, and Tabanus sorbilans were the most abun‐
dant species recorded in the transition zone between Cerrado and Pantanal, Amazonian sub‐
region [144]. In Parana subregion, a survey performed in Atlantic Forest, Marambaia Island, 
and southeastern Brazil, recorded 31 species of tabanids of genera Chrysops (two species), 
Esenbeckia, Scepsis, Fidena, Scaptia, Acanthocera, Catachlorops (two species), Chlorotabanus, 
Diachlorus (three species), Dichelacera (two species), Leucotabanus, Phaeotabanus (three spe‐
cies), Rhabdotylus (two species), Stigmatophtalmus, Poeciloderas, Tabanus (eight species); the 
most abundant species was Diachlorus bivittatus [64, 65]. Also in Parana subregion, southeast‐
ern Brazilian plateau, were recorded species of Acanthocera (three), Chrysops (six), Dichelacera 
(three), Diachlorus, Fidena (two), Lepiselaga, Phaeotabanus, Poeciloderas, and Tabanus (eight) [59, 
63]. Dutra and Marinoni captured Catachlorops furcatus Wiedemann, Catachlorops fuscinevris 
(Macquart), Chlorotabanus inanis, Chrysops sp., Diachlorus bivitattus, Dichelacera alcicornis, 
Phaeotabanus litigiosus, Poeciloderas quadripunctatus, Pseudacanthocera sylverii (Macquart), 
Stenotabanus sp., and Tabanus occidentalis on Mel Island, coastal zone of Parana subregion, 
Brazilian southeast: the most abundant species was Dichelacera alcicornis [152]. Survey con‐
ducted between 1995–1997, using Malaise traps, southern Chacoan subregion, Pampa prov‐
ince, Brazilian far south, resulted in a list of 30 species, mainly representatives of Chrysops 
genera (seven species), Dichelacera (three species) and Tabanus (seven species) [60]. The first 
published study on seasonal fluctuation in Brazil, is Bouvier's, in 1952, which studied 52 
species of tabanids and its seasonal variation in the northwest region of São Paulo, Brazil, 
Parana Subregion, Brazilian Atlantic Forest province [216].

In Bolivia, Chainey and colleagues published a preliminary list and a key to 32 genera and 
167 species of tabanids, they also report tabanid collections in lowlands and mountainous 
areas, including grasslands, forests and wetlands, Chacoan subregion, eastern Bolivia; in this 
region, during August and October, cattle must be gathering in tight groups to reduce taba‐
nid hematophagism impact on beef and milk yields [90]. Chainey and Hall proposed new 
genus and species, Boliviamyia fairchildi from specimens collected in the forest of the Bolivian 
southwest, Amazon subregion of Bolivia [73]. Coscarón re‐described Dichelacera boliviensis 
(Brèthes) and Dichelacera micracantha Lutz from Bolivia [217]. Wilkerson provided a key of 
species of Stenotabanus (Brachytabanus) and described Stenotabanus (Brachytabanus) sphaerisca-
pus, from Bolivia [218]. Gutiérrez and Rumiz in 2002 conducted a great study to assess 
the degree of specialization relative to habitat of four groups of insects: among tabanids, 
Pseudacanthocera brevicorne (cerrado), Tabanus sorbilans (fields), Phaeotabanus fervens (riparian 
forest), and Tabanus nebulosus (woods gallery) were more specialized as the  habitat; Tabanus 
occidentalis (cerrado, fields, riparian galleries and semi deciduous forests), and Lepiselaga 
crassipes (cerrado, fields, riparian forests and semi deciduous) were less  demanding species 
as the habitat use [219].
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About tabanids from Chile, Macquart, Rondani and Walker were the first researchers of 
Chilean tabanofauna [46]. They also highlights the work of Philippi, with the publication of a 
list of Chilean tabanids in 1865 [220]; the catalog “Insects Diptera of Chile,” by Reed in 1888, 
which lists 61 species of tabanids in Chile [221]; and the works of Enderlein and Kröber who 
reviewed and published studies on the Chilean species [32, 69, 222]. It should be noted Pine 
work that offers an excellent review of studies in Chile about tabanids [223]. In 1968, Philip 
reviewed the types of 28 Chilean species previously described by Philippi in 1865 [221, 224]. In 
1973, the first study on tabanid ecology in Chile was published, from collections made using 
Manitoba trap in north coast of Center‐Chilean subregion, recording species of the genera 
Scaptia (three species), Mycteromyia, and Dasybasis [70]. And in 1991, Coscarón and González 
published a list of 110 species of Chilean tabanids in 16 genera, with geographical distribu‐
tion, bibliography, and a key to subfamilies, genera and subgenera [46]. The most recent stud‐
ies on Chilean tabanids concern the description of Dasybasis elquiensis [134]; redescription of 
male and female of Scaptia (Pseudoscione) varies (Walker) and the male’s description of Scaptia 
(Pseudoscione) atra (Philippi) [91]; description of female and male redescription of Dicladocera 
hoppi Enderlein [225]; descriptions of adults and immature stages of Agelanius fuscus [107]; 
adult female of Agelanius verai and Agelanius chiloensis [106, 109]; description of immature 
stages of Scaptia (Scaptia) lata [85], Dasybasis pruinivitta [135], and Agelanius cortesi [110]; and 
description of Dasybasis antillanca and Dasybasis collagua [40]. Studies in wetlands (“hume‐
dales”) in Chilean Andes in Centro‐Chilean subregion, determined that the order Diptera is 
the most abundant among insects collected by Malaise trap, and in this Order, Tabanidae is 
the second group most abundant, after Tipulidae [226].

The study of tabanids in Argentina have been very fruitful, especially the works of Coscarón 
that since the beginning of 1960s has been studying the morphology, taxonomy and biology of 
the group. In addition to describing various species of several genera, Coscarón revised gen-
era Dicladocera Lutz in Argentina [141] and Lepiselaga Macquart [227], the subgenus Mesomyia 
(Coracella) Philip [47], genera Dichelacera Macquart [214], Stenotabanus Lutz and Myiotabanus 
Lutz [161], Catachlorops Lutz [114], Leucotabanus Lutz, Pseudacanthocera Lutz, Bolbodimyia Bigot 
and Pachyschelomyia Barretto [228], Diachlorus Osten Sacken, Stibasoma Schiner, Stypommisa 
Enderlein, Cryptotylus Lutz and Chlorotabanus Lutz [229], Tabanus Linnaeus [173], Chrysops 
Meigen [230], Phaeotabanus Lutz and Acanthocera Macquart [231], Scione Walker [88], Fidena 
Walker [91], Poeciloderas Lutz [171], the subgenus Scaptia (Lepmia) Fairchild [232], the genus 
Dasybasis Macquart [130], the tribe Mycteromyiini [68], and the subgenus Scaptia (Scaptia) 
Walker [233]. He also studied the immature stages of several species in several genera [85, 
128, 132, 133, 149, 234–237]. In 2002, Coscarón compiled an illustrate key to larvae and pupae 
of Argentine tabanids [238]; and in 2014, Coscarón and Papavero published another more 
elaborated key to tabanids immature stages of Neotropical tabanids [239]. In 2016, Dufek and 
colleagues published a study about the tabanids from west Argentina, Chaquean subregion, 
reporting species of Chrysops (four), Fidena, Lepiselaga, Diachlorus, Dichelacera, Phaeotabanus, 
Phorcotabanus, Poeciloderas (two species) and Tabanus (five species) [240]. In 1951 and 1953, 
Hack provided good morphological studies of Argentine tabanids [241, 242]. There is only 
one list of tabanids from Argentina published by Coscarón (1998) in which he listed 350 
species [243].

Insect Physiology and Ecology92



About tabanids from Chile, Macquart, Rondani and Walker were the first researchers of 
Chilean tabanofauna [46]. They also highlights the work of Philippi, with the publication of a 
list of Chilean tabanids in 1865 [220]; the catalog “Insects Diptera of Chile,” by Reed in 1888, 
which lists 61 species of tabanids in Chile [221]; and the works of Enderlein and Kröber who 
reviewed and published studies on the Chilean species [32, 69, 222]. It should be noted Pine 
work that offers an excellent review of studies in Chile about tabanids [223]. In 1968, Philip 
reviewed the types of 28 Chilean species previously described by Philippi in 1865 [221, 224]. In 
1973, the first study on tabanid ecology in Chile was published, from collections made using 
Manitoba trap in north coast of Center‐Chilean subregion, recording species of the genera 
Scaptia (three species), Mycteromyia, and Dasybasis [70]. And in 1991, Coscarón and González 
published a list of 110 species of Chilean tabanids in 16 genera, with geographical distribu‐
tion, bibliography, and a key to subfamilies, genera and subgenera [46]. The most recent stud‐
ies on Chilean tabanids concern the description of Dasybasis elquiensis [134]; redescription of 
male and female of Scaptia (Pseudoscione) varies (Walker) and the male’s description of Scaptia 
(Pseudoscione) atra (Philippi) [91]; description of female and male redescription of Dicladocera 
hoppi Enderlein [225]; descriptions of adults and immature stages of Agelanius fuscus [107]; 
adult female of Agelanius verai and Agelanius chiloensis [106, 109]; description of immature 
stages of Scaptia (Scaptia) lata [85], Dasybasis pruinivitta [135], and Agelanius cortesi [110]; and 
description of Dasybasis antillanca and Dasybasis collagua [40]. Studies in wetlands (“hume‐
dales”) in Chilean Andes in Centro‐Chilean subregion, determined that the order Diptera is 
the most abundant among insects collected by Malaise trap, and in this Order, Tabanidae is 
the second group most abundant, after Tipulidae [226].

The study of tabanids in Argentina have been very fruitful, especially the works of Coscarón 
that since the beginning of 1960s has been studying the morphology, taxonomy and biology of 
the group. In addition to describing various species of several genera, Coscarón revised gen-
era Dicladocera Lutz in Argentina [141] and Lepiselaga Macquart [227], the subgenus Mesomyia 
(Coracella) Philip [47], genera Dichelacera Macquart [214], Stenotabanus Lutz and Myiotabanus 
Lutz [161], Catachlorops Lutz [114], Leucotabanus Lutz, Pseudacanthocera Lutz, Bolbodimyia Bigot 
and Pachyschelomyia Barretto [228], Diachlorus Osten Sacken, Stibasoma Schiner, Stypommisa 
Enderlein, Cryptotylus Lutz and Chlorotabanus Lutz [229], Tabanus Linnaeus [173], Chrysops 
Meigen [230], Phaeotabanus Lutz and Acanthocera Macquart [231], Scione Walker [88], Fidena 
Walker [91], Poeciloderas Lutz [171], the subgenus Scaptia (Lepmia) Fairchild [232], the genus 
Dasybasis Macquart [130], the tribe Mycteromyiini [68], and the subgenus Scaptia (Scaptia) 
Walker [233]. He also studied the immature stages of several species in several genera [85, 
128, 132, 133, 149, 234–237]. In 2002, Coscarón compiled an illustrate key to larvae and pupae 
of Argentine tabanids [238]; and in 2014, Coscarón and Papavero published another more 
elaborated key to tabanids immature stages of Neotropical tabanids [239]. In 2016, Dufek and 
colleagues published a study about the tabanids from west Argentina, Chaquean subregion, 
reporting species of Chrysops (four), Fidena, Lepiselaga, Diachlorus, Dichelacera, Phaeotabanus, 
Phorcotabanus, Poeciloderas (two species) and Tabanus (five species) [240]. In 1951 and 1953, 
Hack provided good morphological studies of Argentine tabanids [241, 242]. There is only 
one list of tabanids from Argentina published by Coscarón (1998) in which he listed 350 
species [243].

Insect Physiology and Ecology92

Tabanids studies in Paraguay are still incipient. The first study of Paraguay tabanofauna was 
performed by Kröber, who described three species of Poeciloderas, all currently synonymized, 
and two species transferred to the genus Tabanus [244]. Tabanids were implicated by Russo 
in transmission of Trypanosoma equinun to equine population in Paraguay since 1954 [245]. 
In 1977, Coscarón summarized available literature on tabanids in Paraguay [246]. Strickman 
[48] collected tabanids during 1978–1980, in south‐central Paraguayan region, Chaquean sub‐
region: nine species of Tabanus, five species of Chrysops, two Dichelacera, two Diachlorus, two 
Stypommisa, and one for each genus Acanthocera, Lepiselaga and Poeciloderas. The same author 
studied the seasonal variation and climatic factors on the bionomics of Chrysops variegatus, in 
central Paraguay, in an area adjacent to a lake, consisted of a sandy and woody strip, bordered 
by the lake and a grassy swamp [49]. The author also points the species as a possible vector 
of the equine disease ‘mal de caderas,’ caused by Trypanosoma evansi [48]. No other record of 
Paraguayan tabanids was found in literature.

Bibliographic information about the tabanids from Uruguay is only available in the cata‐
logs of Kröber [31], Fairchild [32], Moucha [82], Fairchild and Burger [34], and Coscarón 
and Papavero [20]. A list of 21 species of tabanids within the genera Chrysops (three spe‐
cies), Esenbeckia, Fidena, Acanthocera, Catachlorops (two species), Dasybasis (two species) 
Lepiselaga, Poeciloderas, Stenotabanus, Stibasoma, and Tabanus (six species) is available at the site 
“InsectoidInfo” [247].
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Abstract

The genome and transcriptome of the endosymbiotic flavobacterium Candidatus 
Walczuchella monophlebidarum revealed its role in the synthesis of essential amino 
acids for its host, the wax cochineal Llaveia axin axin. There were, however, missing genes 
in the endosymbiont for some biosynthetic pathways. Here, we characterized TME1, 
another cochineal symbiont that may metabolically complement Walczuchella. TME1 was 
ascribed to the gammaproteobacterial genus Sodalis on a phylogenomic basis using gene 
sequences from 143 proteins core genome sequences and the core average nucleotide iden-
tity (ANI) confirmed its position. Additionally, we describe Sodalis as a coherent genus. 
TME1 genome is around 3.4 Mb and has complete gene sequences for the biosynthesis of 
10 essential amino acids, for polyamines, flagella, nitrate respiration, and detoxification 
among many others. Transcripts from ovaries and bacteriomes allowed the identification 
of differentially transcribed genes from the endosymbionts and host. Highly transcribed 
genes were identified in TME1 and transcripts involved in amino acid biosynthesis were 
found. We review here that cosymbionts that derived from different bacterial classes 
and genera seem to be advantageous for insects that have Flavobacteria as the primary 
endosymbionts.

Keywords: endosymbionts, scale insect, Gammaproteobacteria, Sodalis-like, 
Alphaproteobacteria, fungi
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1. Introduction

All organisms are inhabited by microbes that exert different effects on their hosts. In insects, 
there are many examples of beneficial associations with symbiotic microbes that have been 
linked to the insect ecological success. Symbionts that are vertically transmitted from mother 
to offspring and with an intrinsic interdependence with the insect host are considered as pri-
mary endosymbionts and they have reduced genomes [1, 2]; they do not grow on standard 
laboratory media. In theory, endosymbionts evolved from gut bacteria [3] that are largely 
more complex and may be determined by the diet and the environment. Primary endosymbi-
onts may reside inside insect cells called bacteriocytes that may be found in specialized host 
structures called bacteriomes. Bacteriomes may be equivalent to plant-root nodules consid-
ering that they are host structures harboring particular bacterial species with specific roles 
[4]. But even in plants, cosymbionts have been encountered; for example, the slow-growing 
actinobacteria Micromonospora is found in nodules formed by Bradyrhizobium, Rhizobium, or 
Frankia in several legumes or actinorhizal roots, although Micromonospora is unable to form 
nodules [5]. Micromonospora has been reported to enhance nodulation and promote plant 
growth, may enhance plant defense responses, or inhibit pathogens [6].

In insects, cosymbiosis is not uncommon and there are cases in which two or more bacterial 
symbionts are found in the bacteriome [7, 8]. Additionally, other microbes including fungi 
may be found in the hemolymph or in different insect tissues [9–11]. Fungal symbionts may 
be found as well in specialized insect structures known as mycangia [12] or inside insect cells 
called mycetocytes [13].

In insects, primary bacterial endosymbionts synthesize essential amino acids or vitamins for 
their hosts and reside intracellularly in bacteriomes. In some cases, complementation of meta-
bolic pathways seems to occur among different insect symbionts [14–17]. Additionally, cosym-
bionts may have different roles, and some have been implicated in defense [18–21], tolerance 
to stress [22], resistance to high temperatures [23–25], to virus [26–28], or may manipulate 
sex differentiation [29]. There is an example in which a secondary endosymbiont substituted 
a lost primary Buchnera symbiont in an aphid [30]. Among others, alpha, gamma and beta-
proteobacteria have been found as cosymbionts; for example, the primary endosymbiont 
Candidatus Sulcia muelleri (“Sulcia” from here on) (phylum Bacteroidetes, class Flavobacteria) 
with a highly reduced genome has betaproteobacteria as cosymbionts found in green rice 
leafhoppers [7], stinkbugs [31], and spittlebugs [32, 33]. In leafhoppers, the symbionts occupy 
different types of bacteriocytes that constitute the outer or inner regions of the bacteriome [7]. 
The Sulcia cosymbionts are Hodgkinia, Zinderia, Nasuia [34, 35] with very small genomes, and 
the gammaproteobacteria Baummania, Arsenophonus, or Sodalis, the latter considered as a new 
acquisition. Surprisingly a gammaproteobacterium may be found inside Sulcia cells and be 
transmitted to the next generation [36].

Scale insects (Hemiptera: Coccoidea) feed on plant sap, which is a nutritionally poor diet that lacks 
most of the essential amino acids. Therefore, these insects have built up symbiotic associations 
with bacteria that can synthesize them. Most of the scale insect families that have been analyzed, 
such as Monophlebidae, Coelostomidiidae, Orthezidae, Phenacoccinae from Pseudococcidae, 
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Coccidae, Lecanodiaspididae, Diaspididae, and a clade of Eriococcidae, harbor flavobacteria as 
primary symbionts and enterobacteria as secondary symbionts. [37–39]. It has been reported 
that the families from scale insects Dactylopiidae, some Eriococcidae, and Pseudococcinae from 
Pseudococcidae harbor different endosymbionts, which could indicate that they lost their fla-
vobacteria and enterobacteria and acquired other endosymbionts [39]. Flavobacteria seem to be 
very ancient symbionts, perhaps starting symbiosis before the divergence of scale insects [39] 
(150–250 mya [40]). Although it has been suggested that Flavobacteria have cospeciated only 
within Monophlebidae, Coelostomidiidae, Ortheziidae, and Diaspididae [38–41], and host 
switches seem to have occurred in the other families [39]. Otherwise, enterobacteria have under-
gone more evolutionary events (losses, duplications, and host switches). Some scale insects have 
enterobacteria closely related to Sodalis endosymbionts (Sodalis-like). But others may have sym-
bionts closely related to Pantoea and Klebsiella [39].

Sodalis cosymbionts have been identified mainly by their 16S rRNA but also by other gene 
sequences. They have been found within various insect orders including Diptera, Coleoptera, 
Phthiraptera, and Hemiptera [42–45]. The first described was S. glossinidius, the secondary 
symbiont of tsetse flies [46]. Later, bacteria with related gene sequences were referred as 
Sodalis-like [47] or Sodalis-affiliated but more recently several “Sodalis-like” bacteria and SOPE 
[48] are classified as Sodalis, others have been assigned to different genera. Still, scientists are 
in the process of making correct adscriptions for some of these bacteria [49].

The flavobacteria endosymbiont Candidatus Walczuchella monophlebidarum (“Walczuchella” 
from here on) was sequenced from the giant wax cochineal Llaveia axin axin (Llave) (Coccoidea: 
Monophlebidae) [50]. This insect has been used to obtain a lacquer to coat traditional art crafts 
by native people in Mexico and Guatemala since pre-Hispanic times [51]. The flavobacterial 
genome revealed that the endosymbiont’s major role is to synthesize and provide amino acids 
to the insect host [50]. The Flavobacteria genome was obtained from the analysis of a metage-
nome of L. axin axin. From this metagenome, we could also ensemble sequences from other 
microorganisms. Here, we present the draft genome of another cosymbiont of Walczuchella, 
a Sodalis-like bacteria that is designated here as Sodalis TME1. We also present a comparison 
to the genomes of five other Sodalis, as well as preliminary data of a metatranscriptome per-
formed in the bacteriome of L. axin axin adults and in the ovaries of senescent adults.

2. Materials and methods

DNA, sequencing, and assembly were performed from bacteriomes (Illumina HiSeq 2000) 
and from the homogenized of female adults (pyrosequencing) of L. axin axin collected in the 
state of Chiapas, Mexico, as described [50]. A photograph from L. axin axin female adults is 
shown in Figure 1. RAST and GosthKOALA from KEGG [52] were used for genomic and 
metabolic pathway annotation of the metagenomic data that was previously reported when 
we obtained the Walczuchella genome [50]. Sodalis TME1 genome sequence has been deposited 
at DDBJ/ENA/GenBank under the accession MNBX00000000. The version described in this 
chapter is MNBX01000000.

The Symbiome of Llaveia Cochineals Includes Sodalis
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Figure 1. L. axin axin adult females on a Jatropha curcas plant.
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Comparative phylogenomic analysis was performed with 20 genomes of gammaproteo-
bacteria from GeneBank. Gene calling of all genomes was performed using GeneMark 
version 2.5 [53]. The pangenome and core genome from orthologous genes of all strains 
were obtained by GET_HOMOLOGUES version 2.0 software [54] with -A -c -t 0 -M -n 35 
and -A -c -t 0 -G -n 35 parameters. We selected a set of 143 unique single-copy orthologous 
genes from the core genome. Translated coding sequences of each gene were concatenated 
using BioEdit Version 7.2.5 and aligned with Clustal Omega version 1.2.1 [55]. Prottest3 
version 3.4.2 [56] was used to select the best amino acid substitution model using the AICc 
correction. The edited alignment contained 47,803 amino acid positions. Maximum likeli-
hood phylogeny was performed by PhyML software version 3.1 [57] using the CpREV 
model with the Shimodaira–Hasegawa-like procedure for internal branch support [58]. 
The genome of Escherichia coli K-12 MG1655 was used as outgroup.

Comparative genomics was carried out with the following Sodalis genomes: S. glossin-
idius morsitans from tsetse fly, Sodalis-like endosymbiont from the blood-feeding lice 
Proechinophthirus fluctus (an obligate ectoparasite of fur seals), S. pierantonus SOPE from 
rice weevils Sitophilus oryzae, the free-living S. praecaptivus, and Sodalis-like symbiont of the 
meadow spittlebug Philaenus spumarius. Orthologous genes and the core genomes were 
obtained by GET_HOMOLOGUES as described above. Core genome matrix was parsed from 
GET_HOMOLOGUES result, using the parsing_pangenome_matrix.pl script. Shared genes 
between Sodalis-like TME1 and all other strains were retrieved by parsing the core matrix 

Figure 2. Dissected L. axin axin adult females used for the metatranscriptome analysis. (A) early stage and (B) late stage 
or senescent adults.
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using custom perl scripts. Annotation of each gene cluster was carried out by BLASTp 2.2.30+ 
[59] searches against Uniref100 database. Furthermore, average nucleotide identity (ANI) 
was determined for all Sodalis genomes described above using the ANIcalculator software 
described by Varghese et al. [60] with the default parameters.

RNA was extracted from the bacteriome of L. axin axin female adults and from the ovaries 
of senescent female adults that do not possess the structure of the bacteriomes (bacteriomes 
degrade in senescent adults) (Figure 2). Sequencing of cDNA was performed by SOLID tech-
nology. The sequences were mapped to the genomes of Walczuchella, Sodalis-like TME1, and 
two insect reference genomes, Drosophila melanogaster and to the aphid Acyrthosiphon pisum. 
Differentially expressed genes were identified by comparing expression values between sam-
ples and using Kal's Z-test of proportions [61]. Genes with a change in the expression more than 
twofold and a p-value of <0.01 in the Z-test were considered as differentially expressed genes.

To determine the uric acid and uricase activity, L. axin axin adult females were individually 
dissected under sterile conditions. Guts including the Malpighian tubules were extracted and 
metabolic activities were detected as described [62].

3. Results

We found gene sequences of an enterobacterium (gammaproteobacterium) related to Sodalis in 
the metagenome of the wax cochineal L. axin axin [50]. The phylogeny with a set of 143 conserved 
genes shows that the enterobacterium of L. axin axin is closely related to other Sodalis-like endo-

Figure 3. Maximum likelihood phylogeny of sequenced enterobacterial endosymbionts performed with 143 conserved 
genes. Sodalis endosymbionts of plant feeding host: green; blood feeding host: red; free-living style: blue. * : Sodalis TME1 
used in this study. Scale bar indicates 1 % estimated sequence divergence. SH-aLRT values > 50 are indicated.
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symbionts, especially close to the free-living S. praecaptivus [63] (Figure 3). The small branches in 
the Sodalis group may indicate that they have recently diverged while the large differences found 
in genome sizes among these endosymbionts indicate that e volution may be occurring mainly 
by genome reduction when compared to the larger genome of the free-living Sodalis (Figure 3).

TME1 was compared with the ANI (average nucleotide identity) metric to other Sodalis using 
the same core genome used in the phylogenomic analysis. TME1 showed ANIs well over 95% 
that is used to delineate species with S. pierantonius SOPE and S. praecaptivus HS1, but lower 
than 95% with S. glossinidius morsitans, Sodalis-like SPU, and Sodalis-like SPI-1 (Table 1). There 
was a good correlation of the ANI values obtained and phylogenetic positions that allowed the 
identification of three groups within Sodalis (Figure 3 and Table 1).

The draft assembly of the enterobacterial endosymbiont Sodalis TME1 genome consisted 
of 679 scaffolds with an N50 of 7713 and an average G + C content of 55.6%. The scaffolds 
sum 3.4 Mb [50]. A total of 3067 genes were identified to which a functional annotation was 
assigned. The functional categories more represented by the annotated genes were catabolic 
and cellular process as well as carbohydrate, amino acid and transcription DNA dependent 
metabolism (Figure 4). Interestingly, many phage-related sequences were found as well as 
genes for different multidrug efflux pumps and type III and IV secretion systems. TME1 has 
genes for polyamine biosynthesis and excretion as well as Ankyrin repeat domains and for 
a lactoyl-glutathione lyase that is a detoxifying enzyme [64]. Among the conserved genes in 
the core genome of Sodalis TME1, S. pierantonius str. SOPE and S. praecaptivus str. HS1 are 
genes for the synthesis of flagella and for nitrate reduction (narGHI) and nitrite reduction 
(nfrABCD). Maybe nitrate serves in Sodalis as an electron acceptor in anaerobiosis as occurs 
in bacterial symbionts of marine bivalves Lucinoma aequizonata [65]. Sodalis TME1 genome has 
genes for uric acid utilization such as uricase (uaZ), allantoinase (allB), allantoate deiminase 
(allC), and urease (ureC and ureD). Comparative genomics with all Sodalis strains show that 
allC and the alpha subunit for urease gene (ureC) orthologous were only present in Sodalis 
TME1. Experimentally, uric acid and uricase activity were quantified in L. axin axin female 
adults. We detected 5.86 ± 0.77 ng of uric acid per tissue µg−1 and 32.87 ± 5. 25 mU of uricase 
per tissue µg−1 in female cochineals.

Table 1. Average nucleotide identity (ANI) percentage among Sodalis strains. Values in bold are >95%. Colors correspond 
to green, plant-feeding host; red, blood-feeding host; blue, free-living style..
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We obtained 11,042,037 and 11,042,428 reads from the cDNA sequence of the bacteriome 
and the ovaries, respectively. These two organs were selected for studying the differentially 
expressed genes because endosymbionts are transferred from bacteriomes to the ovaries for 
vertical transmission to their offspring. It was expected to find genes related to the migration 
of the endosymbionts from the bacteriome and the colonization of the ovaries. Reads mapped 
to the reference genomes are shown in Table 2. The number of genes that were statistically 
differentially expressed is shown in Table 3.

Walczuchella in the bacteriome tissue showed only two genes that exhibited differential expres-
sion, a putative hydrolase and the chaperone GroEL. Other genes showed a change in expres-
sion less than twofold compared to their expression in the ovary. The chaperonin GroES is 
almost at the limit for differential expression with 1.86-fold (Table 4).

From the ovary tissue, we found differential expression of Walczuchella genes that code for 
some ATP synthase subunits (some of them annotated previously as pseudogenes), cyto-

Figure 4. Gene functional categories of Sodalis TME1.

Reference genome Bacteriome Ovaries

Drosophila melanogaster (exons) 2,019,585 2,008,381

Acyrthosiphon pisum (mRNA refseq) 3,082,319 2,912,207

Walczuchella 1,052,077 87,502

Sodalis TME1 409,128 483,601

Table 2. Number of reads mapped to the reference genomes.
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Table 2. Number of reads mapped to the reference genomes.
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chrome c oxidase, also some genes of protein translocation systems, tryptophan, histidine 
and chorismate biosynthesis, one gene related to oxidative stress, and a gene that encodes a 
possible component of an ABC transporter (Table 4).

In the bacteriome, the enterobacterium TME1 showed very strong overexpression of a gene that 
codes an effector protein possibly secreted by the type III secretion system (TTSS), expressed 
66.8-fold compared to its expression in the ovaries. Also, a gene that codes an allantoinase 
that participates in uric acid metabolism is highly overexpressed in the bacteriome, showing 

Reference genome Bacteriome Ovaries

Drosophila melanogaster (exons) 494 680

Acyrthosiphon pisum (mRNA refseq) 244 280

Walczuchella 2 89

Sodalis TME1 66 50

Table 3. Number of genes differentially expressed according to Z-test (p < 0.01).

Walczuchella Sodalis TME1 Insect

Bacteriome (differential 
expression) (high RPKM)

Putative hydrolase T3SS-secreted effector Chaperon Hsp70

Chaperones GroEL, GroES Allantoinase ABC transporters

Hypothetical proteins Hypothetical proteins Antiparasitic-like peptide

ATP synthase B subunit NAD biosynthesis Asparaginase

Amino acids biosynthesis 
genes

FtsE cell division gene Unknown genes

Transcriptional regulation Extracellular glutamate 
receptor channel

Flagellum synthesis Phospholipids synthesis

Transcriptional regulation

Ovary (differential 
expression) (high RPKM)

ATP synthase B and A 
subunits (pseudogenes)

Hypothetical proteins ATPase subunit

AhpC oxidative stress gene NAD biosynthesis Transmembrane transporters 
of sugars and amino acids

Glycoprotease Flagellum synthesis Peptidoglycan-binding 
protein

Amino acids biosynthesis 
genes

FtsE cell division gene Lysozyme

Cytochrome c oxydase Glycolysis Unknown genes

SecY translocase Phage lysozyme Transcriptional regulation

Hypothetical proteins Transcriptional regulation Phospholipids synthesis

Table 4. Highly expressed and differentially expressed genes in the bacteriome and the ovaries in the endosymbionts 
Walczuchella and Sodalis TME1 and the host L. axin axin.
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a 50-fold change. Other genes with overexpression in the bacteriome are four ABC transport-
ers, a peroxidase, the heme synthase, two genes related to nucleotides biosynthesis, two genes 
related to lipid A biosynthesis, and two genes of the type III secretion system (Table 4).

In the ovary, TME1-overexpressed genes were related to NAD synthesis, carbohydrate metabo-
lism, stress response, and some transporters and transcriptional regulators (Table 4).

Among the insect differentially expressed genes in the bacteriome there were 19 putative 
transporters (for amino acids, carbohydrates, vitamins, drugs, or unknown substrates), 
five genes related to defense systems including an antiparasitic peptide with identity to 
Drosomycin, three from D. melanogaster, two genes related to heat-shock response, an oxida-
tive stress response gene, seven genes related to amino acid metabolism, and some genes 
related to lipid, carbohydrate, and vitamin metabolism (Table 4).

On the other hand, we found that in the insect, in the ovaries there was overexpression of 
15 transporters, 17 immune response genes, some genes related to heat shock, desiccation, 
oxidative stress, and hypoxia response, and genes related to lipids, vitamins, carbohydrates, 
nucleotides, amino acids, and chitin synthesis and metabolism (Table 4).

4. Discussion

Due to the annual cycle of the wax cochineal, we are only able to collect insects once a year dur-
ing the rainy season. It is worth mentioning that in 2015 and 2016, we did not find cochineals in 
many of the places where we had collected previously. Considering the menace of mosquitoes 
transmitting Zika, or Chikungunya, extensive fumigations with chemical insecticides have been 
carried out in many places in Mexico, especially in Chiapas. The relation to the diminished popu-
lations of cochineals remains to be established.

A previous survey of symbiotic bacteria from scale insects in Mexico revealed the prevalence 
of Flavobacteria and Gammaproteobacteria [39]. Some of the Gammaproteobacteria had 16S 
ribosomal gene sequences closely related to those of TME1, and thus they may be considered 
as Sodalis as well. They were obtained from different scale insects such as Insignorthezia sp. 
and I. insignia, Icerya purchasi, Cripticerya sp., and Pseudococcus longispinus that together with 
Llaveia would be hosts for Sodalis.

While Flavobacteria and insects showed a co-divergent pattern of evolution, the phylo-
genetic relationships of the Gammaproteobacteria and insects were not parallel, indicat-
ing multiple enterobacterial transfers among the different hosts, and a more recent and 
less dependent symbiosis. In agreement, the genome size of the gammaproteobacterium 
TME1 is much larger than that from the primary endosymbiont from wax cochineals, 
the Flavobacteria Walczuchella, and also larger than those from other cosymbionts as the 
Betaproteobacteria that accompany the bacteroidete Sulcia found in some insects.

The genome from the gammaproteobacterium TME1 (3.4 Mb) is within the range of those 
from other Sodalis (1.4–4.7 Mb, Figure 3). There are very few genomes available from Sodalis, 

Insect Physiology and Ecology124



a 50-fold change. Other genes with overexpression in the bacteriome are four ABC transport-
ers, a peroxidase, the heme synthase, two genes related to nucleotides biosynthesis, two genes 
related to lipid A biosynthesis, and two genes of the type III secretion system (Table 4).

In the ovary, TME1-overexpressed genes were related to NAD synthesis, carbohydrate metabo-
lism, stress response, and some transporters and transcriptional regulators (Table 4).

Among the insect differentially expressed genes in the bacteriome there were 19 putative 
transporters (for amino acids, carbohydrates, vitamins, drugs, or unknown substrates), 
five genes related to defense systems including an antiparasitic peptide with identity to 
Drosomycin, three from D. melanogaster, two genes related to heat-shock response, an oxida-
tive stress response gene, seven genes related to amino acid metabolism, and some genes 
related to lipid, carbohydrate, and vitamin metabolism (Table 4).

On the other hand, we found that in the insect, in the ovaries there was overexpression of 
15 transporters, 17 immune response genes, some genes related to heat shock, desiccation, 
oxidative stress, and hypoxia response, and genes related to lipids, vitamins, carbohydrates, 
nucleotides, amino acids, and chitin synthesis and metabolism (Table 4).

4. Discussion

Due to the annual cycle of the wax cochineal, we are only able to collect insects once a year dur-
ing the rainy season. It is worth mentioning that in 2015 and 2016, we did not find cochineals in 
many of the places where we had collected previously. Considering the menace of mosquitoes 
transmitting Zika, or Chikungunya, extensive fumigations with chemical insecticides have been 
carried out in many places in Mexico, especially in Chiapas. The relation to the diminished popu-
lations of cochineals remains to be established.

A previous survey of symbiotic bacteria from scale insects in Mexico revealed the prevalence 
of Flavobacteria and Gammaproteobacteria [39]. Some of the Gammaproteobacteria had 16S 
ribosomal gene sequences closely related to those of TME1, and thus they may be considered 
as Sodalis as well. They were obtained from different scale insects such as Insignorthezia sp. 
and I. insignia, Icerya purchasi, Cripticerya sp., and Pseudococcus longispinus that together with 
Llaveia would be hosts for Sodalis.

While Flavobacteria and insects showed a co-divergent pattern of evolution, the phylo-
genetic relationships of the Gammaproteobacteria and insects were not parallel, indicat-
ing multiple enterobacterial transfers among the different hosts, and a more recent and 
less dependent symbiosis. In agreement, the genome size of the gammaproteobacterium 
TME1 is much larger than that from the primary endosymbiont from wax cochineals, 
the Flavobacteria Walczuchella, and also larger than those from other cosymbionts as the 
Betaproteobacteria that accompany the bacteroidete Sulcia found in some insects.

The genome from the gammaproteobacterium TME1 (3.4 Mb) is within the range of those 
from other Sodalis (1.4–4.7 Mb, Figure 3). There are very few genomes available from Sodalis, 

Insect Physiology and Ecology124

namely those from Sodalis found in blood-sucking insects as in lice [42] and tsetse flies [66], 
in plant-feeding insects as the rice weevils [44], in spittlebugs [45], and from a free-living 
bacterium [67]. The average nucleotide identity (ANI [68] being used for global genomic 
comparisons and considered now as a gold standard in prokaryote taxonomy [69]) was esti-
mated for the Sodalis with available genomes. ANI values and the phylogenomic analysis 
performed showed Sodalis as a defined and coherent genus with three groups A–C. These 
groups could represent at least three different species according to the global standards 
[69]. Two of these groups were identified as different lineages by Lo et al. [49]. The phyloge-
netic groups that we described here have a 100 SH-like value support, group A contains S. 
glossinidius from tsetse flies and Sodalis from the meadow spittlebug P. spumarius, group B 
is constituted by Sodalis from the fur seal P. fluctus, and group C contains the closely related 
TME1, the free-living S. praecaptivus and S. pierantonius SOPE. The nucleotide sequence con-
servation among the group A symbiotic and free-living Sodalis may reflect that the former 
were recent acquisitions in insects without enough time for sequence divergence in their 
hosts. The presence of very similar Sodalis in distinct insect isolates reinforces the reports 
that indicate that they may frequently be transferred among hosts [39, 47].

TME1 has biosynthetic pathways for all essential amino acids and may supply the needs of the 
wax cochineal and of Walczuchella that does not have complete pathways for the biosynthesis 
of all essential amino acids. Since Sodalis TME1 has all enzymes for TCA it may complement 
this pathway in Walczuchella. It is worth noting that the flavobacterium Candidatus Uzinura 
diaspidicola, an endosymbiont from the armored scale insect Aphytis melinus that feed on 
parenchyma which may provide more nutrients than sap, supplies its host with all nutrients 
without the need of a cosymbiont [70]. Other armored scale insects have been reported to 
have a Sodalis-like endosymbiont [39].

In S. glossinidius that is a secondary symbiont of tsetse flies, a type III secretion system was 
found implicated in cell invasion and maybe required for colonizing the insect bacteriocytes 
[71]. Genes encoding for a similar system were found in TME1. Notably, genes that code for 
the type III secretion system (TTSS) as well as a gene coding for an effector protein that may 
be secreted by this system were among the most highly induced in the bacteriome of TME1. In 
Salmonella enterica, polyamines are required for full expression of TTSS and for some effector 
coding genes. Mutants in polyamine biosynthesis are affected in intracellular colonization and 
survival and may be complemented by adding polyamines to the medium [72]. Furthermore, 
the modulation of a TTSS by a spermidine transporter has been reported in Pseudomonas 
aeruginosa. Exogenous addition of spermidine to the wild P. aeruginosa strain increased the 
expression of genes that produce effector proteins [73]. TME1 has all genes for spermidine 
and putrescine biosynthesis as well as for the excretion of spermidine. Polyamines may regu-
late host defense responses as do some effectors secreted by TTSS. This remains to be tested.

Uric acid and uricase activity were detected in L. axin axin females. Uric acid is the final prod-
uct of purine metabolism. Only few insects are capable of degrading uric acid into other prod-
ucts. In plant-feeding insects, bacterial and fungal symbionts are capable of recycling uric 
acid into other nitrogen sources [74–76]. Sodalis TME1 has uricase and allantoinase-codifying 

The Symbiome of Llaveia Cochineals Includes Sodalis
http://dx.doi.org/10.5772/66442

125



genes, and the latter was highly expressed in bacteriomes suggesting that Sodalis TME1 could 
participate in providing nitrogen to the host by uric acid recycling.

By reverse transcriptase-polymerase chain reaction (RT-PCR) using primers targeted to 
Sodalis, we found sequences from Sodalis in the bacteriome (our own unpublished results), 
thus we may suppose that Sodalis are localized in bacteriomes as Walczuchella. In Llaveia, 
in addition to Walczuchella and Sodalis we found sequences of alphaproteobacteria that 
are related to Rickettsiales and several fungi that are reported elsewhere (Vera Ponce de 
León, submitted). Coincidently, the seal lice with a Sodalis endosymbiont also harbor a 
Rickettsia that is very abundant. The role of the very little abundant Rickettsia-like bacte-
rium in Llaveia is unknown. Wolbachia is found in members of the Coelostomidiidae family 
[37] that is closely related to Monophlebidae insect family that contains the Mexican wax 
cochineals.

Here, we used the term symbiome [27] to refer to the group of primary and secondary (cosym-
bionts) endosymbionts (and/or their genomes), residing in a host. We consider that the term 
symbiome is more adequate than the terms endosymbiotic community or consortium that are 
sometimes used instead.

The cosymbionts of different Flavobacteria in scale insects are diverse lineages of related 
Gammaproteobacteria [39]. Similarly, the cosymbionts of Sulcia (a flavobacterium as 
Walczuchella) are varied and may be different even in related hosts [7, 36]. Sulcia cosymbi-
onts may belong to alpha, beta, or gammaproteobacteria, with alpha and betaproteobacte-
ria looking like the oldest symbionts. It was reported that Candidatus Zinderia insecticola, 
the Betaproteobacteria of spittelbugs was probably substituted by a Sodalis-like symbiont 
in members of the Philaenini tribe of the spittelbugs [33, 45]. The displacement of beta-
proteobacterial cosymbionts by the gammaproteobacterium Sodalis seems recent and was 
described as an event “in statu nascendi” (in the stage of being born) in Cicadella viridis 
[77]. There are other examples where one endosymbiont may substitute another one or is 
on the way toward displacement of a highly reduced-genome endosymbiont [33, 77–79]. 
Distinct (apparently replaceable) cosymbionts may fulfill the different needs of insects that 
may change overtime and conditions specially if the insect changes habit [22], otherwise 
there may be cosymbiont redundancy, with different bacteria performing the same or very 
similar role (e.g., the synthesis of essential amino acids). The Sodalis cosymbiont in the wax 
cochineals seems to be recently acquired as in C. viridis. The insect symbiome seems plastic 
or dynamic with cosymbionts playing a key role in this plasticity. Here, we enlarged the 
list of putative functions of Sodalis that may include uric acid recycling, polyamine biosyn-
thesis, or detoxification.
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Abstract

Insects share complex interactions with mites and fungi that range from obligate mutualisms 
to antagonistic relationships. These multitrophic interactions often result in changes to the 
host environment and population dynamics of the insect. Here, we review Scolytidae and 
Platypodidae beetles (bark beetles and ambrosia beetles, Coleoptera: Curculionidae) and 
their micro-organismal interactions with mites and fungi. Many bark beetles and ambrosia 
beetles are closely associated with mutualistic fungi used as a food source. These fungi are 
carried by the beetles in specialized pockets called “mycangia.” In addition to beetle-specific 
fungi, secondary fungi are often vectored by mite populations phoretic on the beetles. These 
secondary introductions create a complex fungal micro-biome within the host tree of the 
associated Scolytid beetles, with a myriad of consequences to beetle success and tree mortal-
ity. In this chapter, we provide a detailed review of specific beetle-fungal and mite-fungal 
associations, mutualistic and antagonistic effects of these fungal relations, and ecological 
and evolutionary consequences of beetle-fungal-mite relationships within the host complex.

Keywords: Scolytinae, phoresy, symbiosis, Acari, fungi, mycangia

1. Introduction

A wide diversity of symbionts has contributed to the success of bark and ambrosia beetles 
(Curculionidae: Scolytinae) [1]. All ambrosia beetles and most bark beetles have mutualistic 
fungi that serve as a nutrition source for young and adult beetles. However, some fungal (and 
other) symbiotic associations may be detrimental to beetles. Other beetle symbionts include 
mites that are frequently found traveling on adult beetles and live under the bark of beetle-
infested trees [2]. Similar to fungi, the impacts of mites on beetles vary widely. Mites too can be 
beneficial or detrimental to beetles. Some mite species can contribute to the fungal diversity in 
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beetle galleries by transporting spores within and between trees [3, 4] impacting the behavior, 
development, and population dynamics of beetles [5, 6]. Such complex systems are evolution-
ary unique and can be considered principal factors in the success of Scolytid beetles.

Ambrosia beetles possess symbiotic mutualistic relationships with fungi (Ambrosiella and 
Raffaelea spp.) [7–9]. Ambrosia beetles excavate tunnels within the wood of host trees, termed 
“galleries,” within which female beetles oviposit eggs. The symbiotic fungi are carried by the 
female ambrosia beetle in a specialized pocket, termed “mycangium.” The fungal inoculate is 
deposited along the walls of the gallery where it grows and serves as food for larval broods 
and adult beetles [10, 11]. Fungi allow ambrosia beetles to exploit the wood that would have 
otherwise been a nutritionally poor resource, as well as exploit living trees. In California and 
Israel, an invasive ambrosia beetle poses a serious threat to avocado plantations via the intro-
duction of a Fusarium fungus species causing dieback, wilting, and ultimately host tree mor-
tality [12]. Similarly, adult leaf-cutter ants (Attini: Atta or Acromyremex) use leaves to foster the 
cultivation of fungi inside their colonies, which they in turn use as a food source [13], resulting 
in large-scale defoliation of nearby trees [14]. Contradictory, fungi can serve an antagonistic 
function in insect development or survival. Cordyceps is an obligate, directly transmitted fun-
gus that requires specific insects for reproduction [15], parasitizes tropical ants (among many 
other insects), and results in colony collapse and mortality by taking control of the host ants 
behavior [16]. Other fungal pathogens can result in the direct mortality of insects. For instance, 
blue-staining fungi, such as Ophiostoma minus, can cause the mortality of southern pine beetle 
larval broods by out-competing the beetle mycangial fungi [5]. Beauveria bassiana is a common 
insect pathogenic fungi that kills insects in a variety of habitats and has been demonstrated as 
an effective mortality agent against bark and ambrosia beetles such as the almond bark beetle, 
Scolytus amygdali [17], responsible for the destruction of almond plantations.

Mites (Subphylum: Chelicerata, Class: Arachnida, Subclass: Acari) share a common, but 
important relationship termed “phoresy” with insects and other organisms [18]. Phoresy 
refers to an interspecific relationship between two species where one acts as a host and the 
other acts as a “phoront,” attaching itself to the host for the purpose of dispersal or migration. 
Consequently, Farish [19] explicitly defines “phoresy” as follows: a phenomenon in which 
one animal actively seeks out and attaches to the outer surface of another animal for a lim-
ited time during which the attached animal (the “phoretic” animal or “phoront”) ceases both 
feeding and ontogenesis, presumably resulting in dispersal from areas unsuited for further 
development, either of the individual or its progeny. This sort of commensalism is common 
in species that live in rapidly changing environments, and/or in species that have limited 
mobility [20]. Mites are small-minute organisms ranging from 50 μm to 3 mm in body length 
[21, 22] and thus have limited dispersal ability, other than being blown by the wind or car-
ried by other animals or objects. They generally feed on other small arthropods or larvae and 
eggs of other arthropods, nematodes, fungi, bacteria, or dead organic matter [21]. Due to 
their small size and limited mobility, mites are likely to be phoretic on insects that are able to 
transport them quickly and efficiently, i.e., flying insects such as bees (Hymenoptera), beetles 
(Coleoptera), and flies (Diptera). For instance, mites associated with ants tend to prefer alate 
queens (i.e., flying queens) over workers or any other type of ant [23], presumably because 
they are able to travel longer distances over a short span of time and can be introduced into 
future ant nests. Mites are usually found attached to setae (i.e., external hairs), to grooves in 
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the tarsi, under the wings, under the elytra (hardened exoskeleton of beetles), or attached to 
any part of an insect’s body that provides a firm holdfast (Figure 1).

Phoretic mites may have either advantageous, disadvantageous, or no effect on their insect 
host. During the act of phoresy itself, even though mites cease to feed, their mere presence 
may be antagonistic/parasitic as insects can be weighed down by the presence of numer-
ous mites (e.g., southern pine beetles being weighed down by masses of Uropodine mites 
[24]) slowing down flight speed and increasing energy expenditure (Figure 2). The risk of 
antagonistic effects increase when mites are deposited at the insect’s final destination. For 
example, varroa mites (Varroa destructor) associated with honeybees (Hymenoptera: Apidae) 
are known to carry the deformed wing virus (Iflaviridae); this causes new bees to emerge 
with crumpled dysfunctional wings rendering them useless to the colony, resulting in even-
tual colony collapse disorder [6]. Adult bees with varroa mites have also been shown to have 
significantly less protein, lipid, carbohydrate, and water content [25]. Other destructive mites 
are known to feed on insect larvae and eggs. For example, mites of the genus Iponemus are 
predatory on beetle eggs and larvae [26]. Other mites, such as Tarsonemus ips vector fungi use-
ful for the development of southern pine beetle (Coleoptera: Curculionidae, Scolytinae) larvae 
(i.e., associated mycangial fungi) [22, 27]. Much like beetles, mites in turn act as vectors of 
microbes (fungi, bacteria, and viruses), which may present either a beneficial or a detrimental 
consequence for the insect and/or host plant(s). For example, the mite Siteropsis reniformis is 
associated with carrying the lint rot fungus, Nigrospora, which results in the rotting and death 
of cotton bolls in California [28]. Some Tarsonemus mite species associated with bark beetles 
(such as the southern pine beetle) carry the blue-stain fungus O. minus, which causes infection 
of phloem, host tree death, and ultimately beetle mortality (Figures 3 and 4) [2, 5, 29].

Figure 1. Scanning electron image of phoretic mites on Dryocoetes confusus (Coleoptera: Scolytidae). Picture taken at 
Northern Arizona University by R. Hofstetter; Nov. 2006. Image is 500× magnification.
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Figure 2. Phoretic Trichuoropoda sp. mites on the western pine beetle, Dendroctonus brevicomis. Picture taken by 
R. Hofstetter, Dec. 2016. Flagstaff, AZ, USA. 

Figure 3. Tarsonemus ips mite with O. minus ascospores (dark banana shape spores). Mite was collected from the southern 
pine beetle, Dendroctonus frontalis in Alabama 2001 by R. Hofstetter.
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2. Bark and ambrosia beetle-fungal interactions

Ambrosia beetles and bark beetles (Coleoptera: Curculionidae, Scolytinae) are known to 
share intimate relationships with fungi. The subfamily Scolytinae consists of bark beetles 
(~7000 species), ambrosia beetles (~3400 species), and other various seed and pith-feeding 
beetles [8, 30]. A prominent characteristic of Scolytinae is a widespread association with fun-
gal species, particularly the bark beetles and ambrosia beetles. These fungal associations are 
mutualistic or commensal (i.e., benefiting the fungi via dispersal by beetles) with beetles and 
are primarily Ascomycetes in the genera Ophiostoma, Fusaria, Grosmannia, Ceratocystiopsis, 
and Ceratocystis [7, 31, 32]. Scolytinae are thought to have evolved in the late Jurassic—early 
Cretaceous period with these fungi, historically switching back and forth from angiosperm 
hosts to coniferous hosts [8]. The development of mutualisms with fungi helps explain diver-
sification of Scolytinae to inhabit coniferous habitats and exploit a limiting resource such as 
living tree tissues by growing supplementary fungi within it.

2.1. Bark beetle-fungal associations

Bark beetles can be distinguished from ambrosia beetles and other Scolytinae by the fact that 
they exclusively invade the bark and phloem of trees, and not the woody tissue. Fungi associ-
ated with bark beetles are carried/introduced to the host in one of two ways—mycangially or 
nonmycangially—which indicate the specificity of the relationship between the fungus and 
the beetle. Some bark beetles such as the southern pine beetle (Dendroctonus frontalis) and the 
mountain pine beetle (Dendroctonus ponderosae) possess specialized structures called “mycan-
gia” or “mycetangia,” meaning “fungal vessel.” Mycangia are strictly defined as specialized 

Figure 4. Proctolaelaps scoltyi mite with O. minus ascospores (dark banana shape spores). Mite was collected from the 
southern pine beetle, D. frontalis by John Moser.
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invagination of the integument lined with secretory glands used for the transport of fungi 
[33]. However, the term “mycangia” is often loosely used to describe invaginations that carry 
fungal spores [7]. These mycangial fungi (grown as a yeast-like structure or spores within 
the mycangia) are introduced by the beetle into the tree phloem where it eventually provides 
food for the developing offspring. The growth of fungi within the mycangia is supported by 
the glandular secretions of the mycangia [34]. Nine bark beetle species are known to have 
well-defined mycangia [32] (Table 1). There are several different kinds of mycangial fungal 
species: bionectrotrophic blue-staining ascomycetes, saprophytic ascomycetes, or saprophytic 
basidiomycetes [35]. For example, the southern pine beetle is associated with two types of 
mycangial fungi: Ceratocystiosis ranaculosus (ascomycete) and Entomocorticium sp. A (basidio-
mycete) [4, 36], and the mountain pine beetle is associated with three Ophiostomatoid mycan-
gial fungi—Ophiostoma montium [37], Grosmania clavigera, and Leptographium longiclavatum 
[38, 39] but are also known to harbor Ceratocystiopsis and Entomocorticium [40]. However, only 
one fungal species exists within an individual beetle’s mycangium and is inherited from the 
original parental pair [2, 41]. Other bark beetles such as (most) Ips spp. transport fungal spores 
without using a mycangia; i.e., spores are present in grooves or pits found on the beetle’s 
exoskeleton. For example, Ips typographus, the spruce beetle, which is responsible for extensive 

Bark Beetle Tribe Principal plant 
hosts

Mycangial type Ascomycete 
associates

Basidiomycete 
associates

Dendroctonus 
frontalis

Tomicini Pinus spp. Prothoracic, 
glandular

Ceratocysitis 
ranacuosus

Entomocorticium 
sp. A

D. brevicomis Tomicini P. ponderosae, P. 
coulteri

Prothoracic, 
glandular

C. brevicomis Entomocorticium 
sp. B

D. approximatus Tomicini Pinus spp. Prothoracic, 
glandular

Unknown Phlebiopsis 
gigantea

D. adjunctus Tomicini Pinus spp. Prothoracic, 
glandular

Leptographium 
pyrinum

Unknown

D. ponderosae Tomicini Pinus spp. Maxillary Ophiostoma 
clavigerum, O. 
Montium

Entomocorticium 
dendroctoni, E. 
sp. D,E,F,G,H,P.
gigantea

D. jeffreyi Tomicini P. jeffreyi Maxillary O. clavigerum Entomocorticium 
sp. E

Tomicus minor Tomicini Pinus spp. Unknown O. canum, 
Ambrosiella tingens

Unknown

Ips acuminatus Ipini Pinus spp. Mandibular O. clavatum, A. 
macrospora

Unknown

I. avulsus Ipini Pinus spp. Unknown O. ips Entomocorticium 
sp. 1

Pityoborus comatus Corthylini Pinus spp. Prothoracic, 
pubescent

Unknown Entomocorticium 
sp. C.

Table 1. Information adapted from Harrington, 2005 (Insect-fungal associations: ecology and evolution, p. 264)—Nine 
species of bark beetles associated with well-defined mycangial, and their associated fungi.

Insect Physiology and Ecology140



invagination of the integument lined with secretory glands used for the transport of fungi 
[33]. However, the term “mycangia” is often loosely used to describe invaginations that carry 
fungal spores [7]. These mycangial fungi (grown as a yeast-like structure or spores within 
the mycangia) are introduced by the beetle into the tree phloem where it eventually provides 
food for the developing offspring. The growth of fungi within the mycangia is supported by 
the glandular secretions of the mycangia [34]. Nine bark beetle species are known to have 
well-defined mycangia [32] (Table 1). There are several different kinds of mycangial fungal 
species: bionectrotrophic blue-staining ascomycetes, saprophytic ascomycetes, or saprophytic 
basidiomycetes [35]. For example, the southern pine beetle is associated with two types of 
mycangial fungi: Ceratocystiosis ranaculosus (ascomycete) and Entomocorticium sp. A (basidio-
mycete) [4, 36], and the mountain pine beetle is associated with three Ophiostomatoid mycan-
gial fungi—Ophiostoma montium [37], Grosmania clavigera, and Leptographium longiclavatum 
[38, 39] but are also known to harbor Ceratocystiopsis and Entomocorticium [40]. However, only 
one fungal species exists within an individual beetle’s mycangium and is inherited from the 
original parental pair [2, 41]. Other bark beetles such as (most) Ips spp. transport fungal spores 
without using a mycangia; i.e., spores are present in grooves or pits found on the beetle’s 
exoskeleton. For example, Ips typographus, the spruce beetle, which is responsible for extensive 

Bark Beetle Tribe Principal plant 
hosts

Mycangial type Ascomycete 
associates

Basidiomycete 
associates

Dendroctonus 
frontalis

Tomicini Pinus spp. Prothoracic, 
glandular

Ceratocysitis 
ranacuosus

Entomocorticium 
sp. A

D. brevicomis Tomicini P. ponderosae, P. 
coulteri

Prothoracic, 
glandular

C. brevicomis Entomocorticium 
sp. B

D. approximatus Tomicini Pinus spp. Prothoracic, 
glandular

Unknown Phlebiopsis 
gigantea

D. adjunctus Tomicini Pinus spp. Prothoracic, 
glandular

Leptographium 
pyrinum

Unknown

D. ponderosae Tomicini Pinus spp. Maxillary Ophiostoma 
clavigerum, O. 
Montium

Entomocorticium 
dendroctoni, E. 
sp. D,E,F,G,H,P.
gigantea

D. jeffreyi Tomicini P. jeffreyi Maxillary O. clavigerum Entomocorticium 
sp. E

Tomicus minor Tomicini Pinus spp. Unknown O. canum, 
Ambrosiella tingens

Unknown

Ips acuminatus Ipini Pinus spp. Mandibular O. clavatum, A. 
macrospora

Unknown

I. avulsus Ipini Pinus spp. Unknown O. ips Entomocorticium 
sp. 1

Pityoborus comatus Corthylini Pinus spp. Prothoracic, 
pubescent

Unknown Entomocorticium 
sp. C.

Table 1. Information adapted from Harrington, 2005 (Insect-fungal associations: ecology and evolution, p. 264)—Nine 
species of bark beetles associated with well-defined mycangial, and their associated fungi.

Insect Physiology and Ecology140

tree damage in Europe and in Asia [42], is associated with fungal species of Ceratocystiopsis, 
Ceratocystis, and Grosmania as well as Pyxidiophora sp. carried externally in grooves on the sur-
face of the exoskeleton [43]. Ips perterbatus (the northern spruce engraver) is associated with 
13 different Ophiostomatoid fungi [44] and thus also acts as a potential vector of tree-killing 
Ophiostomatoid fungal pathogens. Ips sexdentatus (a highly prevalent species in Europe) is 
associated with carrying a plethora of ascospores, some among the Ophiostoma genus [45]. 
Consequently, beetles that are mycangially associated with fungi seem to possess a stronger 
fidelity to their allied fungi, whereas those that are not mycangially associated are less spe-
cific as they are merely vectors [8]. For example, western pine beetle (Dendroctonus brevico-
mis) is known to exhibit strong fidelity to one of two inherited mycangial fungal symbionts, 
Ceratocystiopsis brevicomi and/or Entomocorticum sp. B, which is suggestive of coevolution of the 
beetle with their associated fungi [35, 41]. Other fungi associated with the western pine beetle, 
such as O. minus or O. ips, are not carried in the mycangia and are antagonistic to the beetle.

2.2. Ambrosia beetle-fungal associations

Ambrosia beetles (Family: Curculionidae; subfamily: Scolytinae) occur worldwide and share 
close novel symbioses with fungi, such as Ambrosiella spp. and Raffaela spp. [7–9, 46], which 
rely on arthropods for efficient dispersal. Beetle-fungal symbiosis in ambrosia beetles is one of 
the earliest known associations of insect-fungal relationships, and this specific association is a 
primary reason for their success [8, 30]. Ambrosia beetles are “xylomacetophagous” (feed on 
fungi grown in the xylem), and their activity is easily recognized by the distinct staining of wood 
by the inoculation of ectosymbiotic fungi, used as the sole nutrient source by both adults and 
larvae [10, 11, 47, 48]. Like bark beetles, ambrosia beetles transport these fungi via specialized 
mycangia [49], the location of which differs between beetle species [50]. Typically (as seen in 
European ambrosia beetles), females tend to have more well-developed mycangia [49], i.e., large 
and lined with glandular dermal cells containing a waxy substance [51] than males, and are 
responsible for depositing the fungi along the tunnel walls [10, 50]. The waxy secretions of the 
female mycangium contribute to the growth of ambrosia cells [52]. Ambrosia beetles may or 
may not exhibit specificity to ambrosia fungi. Batra [10] suggests that ambrosia beetles rely on a 
primary (mycangial) and auxiliary ambrosia fungi depending on the life stage and do not exhibit 
mycangial specificity to ambrosia fungi. However, further study shows ambrosia beetles in the 
genus Xylosandrus (which are exotic in the United States [46]) exhibit high specificity to a given 
ambrosia fungus in the genus Ambrosiella [53]. This type of fungal specificity highlights a unique 
obligate symbiosis between ambrosia beetles and ambrosia fungi and suggests coevolution of 
the beetle with its fungal associate [8].

Ambrosia beetles are not typically associated with significantly damaging tree diseases in the 
way bark beetles are, as they often attack trees that are already dead or severely stressed [41, 
51, 54, 55]. Coevolution theory suggests that the ambrosia beetle-fungal association is adapt-
able to a given host environment. However, problems arise when atypical beetle-host rela-
tionships form, i.e., exotic ambrosia beetles attack foreign hosts [50, 51, 54]. A recent concern in 
North America is an increase in exotic species of ambrosia beetles attacking living trees with. 
In most cases, these beetles are inoculating trees with non-native ambrosia fungi, for which 
native North American trees have little resistance [46]. For example, the redbay ambrosia 
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beetle (Xyleborinus glabratus) is an exotic beetle from southeast Asia, responsible for extensive 
mortality of redbay trees (Persea borbonia) [46, 55, 56]. These beetles are closely associated with 
a Raffaela lauricola, an asexually reproducing fungus, which grows within the xylem (wood) 
and causes affected branches to wilt, exhibiting a symptomatic black staining of the sapwood 
[55, 56]. In another example, an Euwallacea sp. ambrosia beetle is causing damage to more 
than twenty tree species in California, with particular concern to avocado [12]. The damage is 
caused by the spread of a novel Fusarium fungus causing tree wilting and dieback [12].

The full ecological potential of ambrosia beetle-fungal relationships for exotic invasives is still 
unknown [55]. There is little available detail on phoretic mite populations of ambrosia beetles 
as there is for bark beetles. Therefore, we are unaware of specific mite-fungal interactions for a 
given species of ambrosia beetle. There is a potential for similar complex mite-fungal interac-
tions in ambrosia beetles as there are in bark beetles, particularly in situations with multiple 
beetle species attacking one host tree(s).

2.3. Factors affecting beetle-fungal associations

Both mutualistic and antagonistic fungal associations are context-dependent and highly 
affected on a combination of biotic and abiotic factors such as temperature, moisture, host 
tree defenses, presence of other microbes (i.e., bacteria, yeast, etc.), and other arthropods. 
Depending upon the beetle complex in question, such context-dependent conditions suggest 
that some fungi benefit from multipartite relationships in bark beetles more than others, and 
that the beetle’s ecological niche is determined by the external factors that govern it [57, 58].

Host tree type and conditions (moisture, phytochemical composition/concentrations, etc.) have 
a significant influence on bark beetle-fungal associations. For instance, changes in the chemis-
try and nutritional content of the host tree have the ability to alter the distribution and relative 
prevalence of fungal associates within the tree [8, 59–62]. A conifer tree’s primary defenses are 
resins and other induced secondary chemical compounds, which vary between tree species [57, 
60, 63, 64]. In their study of the effect of tree defenses against fungi associated with the southern 
pine beetle, Hofstetter et al. [65] found that in general the phytochemistry of Pinus tree species 
negatively impacted the growth-rate of O. minus fungi vectored by beetles (and their accom-
panying mites) but (bar a few exceptions) did not hinder growth of the mycangial fungi. This 
indicates that the fungal microbiome of some bark beetles is dependent upon the geographi-
cally dominant host tree species and can accordingly benefit or pose a threat to beetle popula-
tion dynamics [57]. Other host tree factors like moisture content can determine the success of 
a fungal inoculant as well (i.e., a moisture-rich tree typically serves as a better fungal host than 
a dry tree [33]). Ayres et al. also found that presence of basic elements such as high nitrogen 
concentration is dependent on the presence or absence of mycangial fungal associations [66].

Variations in temperature are one of the most vital factors affecting the relative abundance 
and diversity of fungal species, in turn affecting the ecological associations of the fungus’ host 
bark beetle [3, 67–69]. The mountain pine beetle, D. ponderosae, for example, is associated with 
Grosmannia clavigera and O. montium mycangial fungi [37, 38]. The two fungi possess differential 
optimal temperatures with G. clavigera ceasing to grow past 25°C and O. montium dominating 
between 25 and 32°C [67]. Thus, the fungal association of D. ponderosae bark beetles is predictable 
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over changes in season; i.e., the beetle will vector G. clavigera in cooler climates and O. montium 
in hotter climates. This in turn allows the beetle to occupy a wide geographical range (from 
southwestern North America into Canada) due to its ability to exploit not one, but two symbiotic 
resources that span a wide range of host environments. Hofstetter et al. [3] found that the growth 
rate of the symbiotic fungi (O.minus, C. ranaculosus, and Entomocorticium sp. A) of the southern 
pine beetle, D. frontalis, differs within a range of temperatures [3]. While the growth rate of E. sp. 
A. increased steeply between 8 and 22°C before reaching a stable constant, the growth rates of 
O. minus and C. ranaculosus were much less up to 22°C and increased in growth rate past 22°C. 
The growth of the two mycangial fungi associated with the western pine beetle, D. brevicomis 
(C. brevicomi and Entomocorticum sp. B) is also similarly affected by temperature and can vary 
between beetle populations [35]. C. brevicomi tends to thrive better than E sp. B. at cooler and 
hotter temperatures, but fair similarly in intermediate temperatures. This differential growth 
may thus potentially reduce competition between the two fungal symbionts and vary seasonally 
with the beetle’s movement [69]. Such differential growth can also determine which associative 
symbionts are lost with climate change [35].

For bark beetles associated with multiple mycangial symbionts, the prevalence of a specific 
mycangial fungal associate depends upon the beetle’s environmental temperature and con-
sequently determines the beetle’s ability to survive in a given geographic location. Often, 
the presence of multiple beetle-associated fungi results in competition between the different 
fungal species with one species dominating the other. Changes in external factors (such as 
host tree chemistry and temperature) can determine the competitive advantage of a resource 
between multiple fungal symbionts, and also determine the success of antagonistic tree-killing 
pathogens such as species of blue-stain (O. minus, O. picae, O. penicillatum, etc.). As blue-stain 
fungi thrive at higher temperature ranges (recall, O. minus growth rate increases past 22°C), the 
prevalence of blue-stain will depend on climate change and its consequential temperature con-
ditions [70]). A thorough understanding of biotic and abiotic factors affecting pathogenic and 
mycangial fungi can thus allow us to predict which species of fungi will potentially establish 
itself within a major bark beetle’s niche, and what effects it may have on host tree conditions 
and mortality. Thus, differential responses of mutualistic fungi to temperature could reduce 
competition between fungal symbionts by allowing each to dominate at different times as tem-
peratures vary seasonally, annually, or geographically [69]. These differences are also likely to 
determine the future symbiotic complex of beetle populations as warming increases. However, 
mites have the potential to disrupt, alter, or magnify beetle-fungal symbiotic complexes.

3. Mite-fungal-beetle interactions

Mites are a prominent phoront of bark beetles and some ambrosia beetles [2, 58]. Mites 
(Arachnida: Acari) are subdivided into two main super orders: Parasitiformes and 
Acariformes [71]. The Parasitiformes are further divided into four orders—Ixodidae, 
Holothyrida, Opilioacaridae, and Mesostigmata, and the Acariformes are divided into two 
orders—Sarcoptiformes and Trombidiformes [22]. Mites phoretic on bark beetles are predom-
inantly species of the order Mesostigmata and Trombidiformes [62, 72, 73] and range from 80 
μm (e.g., Iponemus sp.) to 5 mm (Mexecheles sp.) in body length [22]. Mites are very efficient 

The Role of Mites in Bark and Ambrosia Beetle-Fungal Interactions
http://dx.doi.org/10.5772/67106

143



phoronts, often having specialized structures, such as suckers and tenet hairs to cling on to 
the host [20]. These organisms also have specialized adaptive stages/morphs for phoresy; e.g., 
many species (e.g., Acari: Astigmata) exhibit phoresy in the deutonymph (juvenile second-
stage nymph) stage, and only one life stage is specialized to be phoretic for a given species 
of mite [21, 22]. Many mites phoretic on bark beetles predominantly tend to be female [26], 
i.e., mites exhibit sexual dimorphism where one (the female) is termed the “phoretomorph” 
(coined by Moser & Cross, 1975) and the other (the male) is “normal.” This phoretomorph 
dimorphism is seen in Pyemotidae mite species (Acarina: Tarsonemoidea) [74] and (likely) 
provides the opportunity for females to develop in a suitable environment for egg laying. 
Mites can be found attached under the elytra, at the base of the elytra, within grooves in 
the tarsi, on external setae, under the wings, etc. However, each mite species is specific in 
the location on which they attach themselves to the beetle [75], depending upon what spe-
cialized clasping adaptations it may have (based on species). Like its host insect, mites also 
share complex interactions with fungi; however, the details of most mite-fungal interactions 
are relatively unknown and understudied [58]. Mycetophagous mites (mites which feed on 
fungi) such as Tarsonemus krantzi (specifically feed on the blue-staining O. minus Ophiostomatid 
fungus) and Histiogaster spp. (generalist fungal feeders) carry spores on their bodies to deposit 
in their designated host environment (usually a medium such as the inner tissues of vascular 
plants/trees from which the fungi may draw nutrition). Tarsonemus mites possess specialized 
structures known as sporothecae in which they carry the fungal spores (see  Figure 3) [62, 76]. 
The sporothecae are similar to the beetle’s mycangia except for the presence of gland cells. 
The fungi also do not multiply within the sporothecae but do so once it has been deposited in 
a suitable host environment [62].

The fungal symbionts of bark beetles often provide a food source for the mites, and the fungal 
associations of the mites provide a food source for the beetle. Tarsonemus mites associated with 
the southern pine beetle carry C. ranaculosus spores, which are mycangially associated with 
the beetle [77]. This enhances the growth of C. ranaculosus as a food source for both the beetle 
and the mite. However, between the southern pine beetle’s two mycangial fungi, C. ranacu-
losus and Entomocorticum sp. A., the latter is a more beneficial food source for the beetle. And 
the presence of C. ranaculosus outcompeting Entomocorticum sp. as the dominant fungus [77], 
resulting in a minor reduction of relative fitness for the beetle, but serves as a compromise for 
both organisms. Inadvertently, not all mite-beetle interactions result in such harmonious coex-
istence between the two organisms. In many cases, the presence of mites results in decreased 
fitness, changes in reproductive success, and even beetle mortality.

3.1. Role of mites in altering population dynamics of bark beetles

We know little of the potential impact of mites on beetle population dynamics. A few studies 
indicate that mites may influence factors affecting beetle life history such as reproductive suc-
cess, development, and mortality, for example, Iponemus confuses L. parasitizes bark beetle eggs 
resulting in mortality before the occurrence of the larval stage [26]. Resinosa mite spp. cause mor-
tality in Dendroctonus pseudotsugae eggs and early instars of larvae [36]. Cercoleipus coelonotus and 
Dendrolaelaps quadrisetus have been known to feed on the eggs and larvae of I. typographus (pine 
engraver) bark beetles. As mentioned earlier, Tarsonemus mites can cause beetle mortality by 
introducing blue-stain fungi that outcompete the beetle’s mutualistic mycangial fungi, causing 
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host tree and beetle mortality [2, 5, 29, 77]. Similarly, Cercoleipus mites are known to carry strains 
of Ophiostoma (specifically Ophiostoma bruneo-cilium and O. montium) that cause damage to the 
pine hosts of carrier bark beetles [78]. Conversely, Pfammatter and Raffa assessed the effects of 
phoretic mites such as Dendrolaelaps spp., Iponemus spp., Histiogaster spp., Tarsonemus spp., etc., 
on the reproductive success of Ips grandicollis bark beetles (a nonmycangial beetle) and noticed a 
weak positive relationship between the abundance of mites and emergence of I. grandicollis. This 
suggests that there might also be a potential mutualistic relationship between the abundance of 
mites and the reproductive performance of beetles. This may be due to mutual suitability of the 
host substrate [36], but it is still uncertain whether mites truly encourage beetle performance. 
Most of our understanding of mite-beetle-fungal interactions come from the widely studied 
southern pine beetle. Tarsonemus mites carrying O. minus spores within sporothecae deposit the 
fungi in the host environment of the beetle; where at first, the beetles are able to coexist and feed 
on this fungus; however, over time the fungus outcompetes the beetles and invades the phloem 
of the tree killing the beetle brood and the tree (Figure 5). The presence or absence of a par-
ticular fungal species or strain can determine the success of development emergence of beetle 
progeny in mountain pine beetles. Six (1998) found that mountain pine beetles associated with 
O. montium mycangial fungi had a higher production of progeny adults with earlier emergence 
than those associated with O. clavigerum fungi [79]. Adult southern pine beetle individuals that 
developed with the presence of mycangial fungi were also found to be larger than individuals 
that developed in the absence of mycangial fungi [66, 80, 81].

Figure 5. Models of interactions between the southern pine beetle, D. frontalis, phoretic mites of the genus Tarsonemus, 
and fungi. The fungal interaction includes either (a) the blue-stain fungus O. minus, which is not found associated with 
the bark beetle mycangium and is an antagonist of D. frontalis, or (b) the mycangial fungus Ceratocystiopsis ranaculosus, 
which is a mutualist of both D. frontalis beetles and Tarsonemus mites. Model A represents an indirect negative-feedback 
complex, and Model B represents an indirect positive-feedback complex.
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The effect of mite-vectored fungi varies between mycangial and nonmycangial bark beetles. The 
presence of symbiont specific mycangia (e.g., D. frontalis, D. ponderosae, and D. brevicomis) indicates 
specificity for a fungal resource and a lack of adaptability to foreign fungal competition, whereas 
nonmycangial beetles (such as Ips spp.) are simply carriers and may possess greater adaptability to 
a variety of potential fungal introductions. While there is no literature supporting this hypothesis, 
it is a topic for future study to help us understand the role of mites in beetle life history.

3.2. Role of mites in spreading fungal pathogens

Bark and ambrosia beetles have been pinpointed as one of the primary vectors of tree dis-
ease-causing pathogens such as Fusarium dieback and Dutch elm disease. In some cases, tree 
pathogenic fungi have been isolated from the external surface of beetles, i.e., they are not 
mycangial fungi. Mite-beetle interactions suggest that it is more likely that the guilty party is 
the mites vectored by the beetle than the beetle itself (e.g., Figure 6) [82, 83].

Bark beetles are associated with an array of mites. The southern pine beetle alone is associ-
ated with 96 different species of mites [73]. The mountain pine beetle is associated with 57 
different phoretic mite species [83], and the spruce beetle (Dendroctonus rufipennis) is associ-
ated with up to 10 different species of mites [84]. Other bark beetles such as Ips beetles (pine 

Figure 6. Hypothetical beetle-fungal-mite complex resulting in host tree disease or decline as seen in the Thousand 
Cankers Disease and Hickory Decline and Mortality.  Created by J. Moser 2012.
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engravers) are also associated with mite species, though the diversity is less than that of 
Dendroctonus species. Ips grandicollis, a bark beetle prevalent in the Great Lakes area, was 
found to be associated with nine different phoretic mite species [36] and Ips pini is associated 
with up to five different species of phoretic mites [85]. I. sexdentatus have been associated 
with nine different mite species, which in turn were associated with ~16 morphologically 
distinct fungi [45]. Not all of these bark-beetle-associated mites are carriers of fungal patho-
gens. However, there are specific genera of mites that are associated with the spread of fun-
gal pathogens and whose occurrence overlaps between the different species of bark beetles.

Dutch elm disease, a vascular wilt disease that affects elm trees, is caused by the introduc-
tion of the Ascomycete species (such as Ophiostoma novo-ulmi and Ceratocystis ulmi (Buis)) 
(Kinn, 1970). The spread of this deadly disease in Europe has been associated with elm bark 
beetles in the genus Scolytus [72]—Scolytus multistriatus, Scolytus pygmaeus, and Scolytus 
scolytus. However, like many other bark beetles, these elm bark beetles are associated with 
phoretic mite species such as Elattoma fraxini, Proctolaelaps scolytii, Pseudotarsonemoides, and 
Tarsonemus crassus [86]. Consequently, Moser et al. (2009) found that P. scolytii and T. crassus 
carried O. novo-ulmi spores, with T. crassus carrying the most number of spores, indicating 
that these beetles are only carriers of this disease because of its introduction by phoretic 
mites—the true carriers of the pathogen. Such interactions could occur in other beetle-fungal-
mite complexes as well (Figure 6). Likewise, studies have shown the O. minus-associated 
southern pine beetle and the mountain pine beetle in North America [39, 87] are associated 
with a Tarsonemus mite sp. similar to the one found on elm bark beetles, T. krantzi, which carry 
the ascospores of O. minus [83, 88].

4. Conclusion

Complex interactions, particularly mutualisms like that of bark and ambrosia beetles and 
mycangial fungi have vast implications on the ability to exploit marginal resources and deter-
mining habitat range, which in turn affect the host tree environment, spread of fungal patho-
gens, changes in fungal community structure, etc. Mite-beetle-fungal interactions are likely to 
alter these ecological implications and effects. Phoretic mites (e.g., Cercoleipus, Dendroctonus, and 
Iponemus spp.) may reduce bark beetle success/fitness via antagonistic ecological interactions 
such as feeding on beetle eggs and beetle larvae [72], or feeding on other mutualist mites ben-
eficial for the beetle. Many other mites serve as vectors of pathogenic fungi, such as Histiostoma 
ovalis (introduces Ophiostoma bruneo-ciliatum and O. montium (blue-stain fungi)) [78]. The intro-
duction of antagonistic fungi by mites may ameliorate the effect of beetle-fungus mutualisms by 
outcompeting them. This has been documented in southern pine beetle populations in which 
associated mites carry antagonistic fungi in sporothecae and outcompete the beetle’s mutualistic 
mycangial fungi [89]. Scolytinae have evolutionarily jumped back and forth from angiosperm to 
coniferous host types. The development of symbiotic associations with fungi has (potentially) 
assisted in the transition of using a tough resource such as pine bark [8, 32]. The evolutionary 
pressure exerted by a change in fungal environment introduced by mites (over time) may lead 
to yet another change in the fungal symbiont of emerging beetles. Mountain pine beetle (D. 
ponderosae), for example, are known to be associated with only one of three mycangial symbi-
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onts passed on from parent to offspring. Increased fungal competition introduced by mites in 
mountain pine beetle populations could cause an adaptive shift for the most successful fungal 
species or strain [39]. Therefore, utilizing microorganismal interactions is a promising area for 
future developments of biocontrol [62], particularly natural fungal inoculation via mite phoresy.

Scolytid beetles, mites, and fungi share a unique tripartite relationship that has the poten-
tial to affect entire ecosystems. Bark beetle-fungal relations are a primary cause for pine tree 
mortality, and mite-induced fungal complexity may potentially alter the effects/progress of 
such pathogenic fungi by either enhancing or diminishing them. For example, mites associ-
ated with the southern pine beetle cause blue-stain by vectoring C. minor (later renamed as 
O.minus). However, reference [81] indicates that the detrimental effect of C. minor naturally 
occurring within the tree is inhibited in the phloem where it coexists with the beetle and other 
microorganisms and is amplified when the fungus acts alone. It is very likely (though not 
experimentally clarified) that this is due to competitive diversity of the fungal microbiome 
being enhanced by spores that are introduced by the beetle and its associated mite popula-
tion. Consequently, the beetle-associated timber loss leads to the need for control/manage-
ment measures. Fungal associates and fungal biocontrol methods have been explored, such 
as the potential use of B. bassiana as a natural insecticide [79, 90]. However, the role of mites 
has generally been overlooked in these studies and thus the full ecological potential of bio-
logically controlling beetle outbreaks remains unknown. If mites have the potential to alter 
beetle-fungal associations, factors such as optimal temperature range and geographic range 
of specific beetle species may also change. Some fungi are adaptive to higher temperatures 
and some to lower thus determining the geographic expansion of the beetle associated with 
it. In the past decade, the mountain pine beetle has expanded in range across North America, 
making its way into the northern forests of British Columbia [91], resulting in tree death. 
Climate change is the foremost theory for this expansion, as changes in thermal regime has a 
direct effect on factors such as host tree vigor, resource availability, etc. [91, 92]. However, it is 
important for managers to understand the consequences of climate and temperature change 
on bark beetle resource dependence. Mycangial (or other resource-dependent) association 
with fungi adaptable to colder temperatures will extend beetle populations up north into 
regions of colder climate and vice versa. The predominance of such a fungus may be influ-
enced by its abundant dispersal by phoretic mites that favor it as a nutritional resource.

While bark and ambrosia beetle populations are typically monitored, their mite and fungal 
associations are not. We believe that geographic expansion, reproductive fitness, and other fac-
tors of beetle population dynamics rely on a thorough understanding of the mite and fungal 
diversity associated with beetles. The mite-beetle-fungal tripartite relationship is a relatively 
new realm of study in the field of multipartite symbioses, with a vast scope for new discover-
ies that expand or knowledge and understanding of ambrosia and bark beetle ecology.
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such pathogenic fungi by either enhancing or diminishing them. For example, mites associ-
ated with the southern pine beetle cause blue-stain by vectoring C. minor (later renamed as 
O.minus). However, reference [81] indicates that the detrimental effect of C. minor naturally 
occurring within the tree is inhibited in the phloem where it coexists with the beetle and other 
microorganisms and is amplified when the fungus acts alone. It is very likely (though not 
experimentally clarified) that this is due to competitive diversity of the fungal microbiome 
being enhanced by spores that are introduced by the beetle and its associated mite popula-
tion. Consequently, the beetle-associated timber loss leads to the need for control/manage-
ment measures. Fungal associates and fungal biocontrol methods have been explored, such 
as the potential use of B. bassiana as a natural insecticide [79, 90]. However, the role of mites 
has generally been overlooked in these studies and thus the full ecological potential of bio-
logically controlling beetle outbreaks remains unknown. If mites have the potential to alter 
beetle-fungal associations, factors such as optimal temperature range and geographic range 
of specific beetle species may also change. Some fungi are adaptive to higher temperatures 
and some to lower thus determining the geographic expansion of the beetle associated with 
it. In the past decade, the mountain pine beetle has expanded in range across North America, 
making its way into the northern forests of British Columbia [91], resulting in tree death. 
Climate change is the foremost theory for this expansion, as changes in thermal regime has a 
direct effect on factors such as host tree vigor, resource availability, etc. [91, 92]. However, it is 
important for managers to understand the consequences of climate and temperature change 
on bark beetle resource dependence. Mycangial (or other resource-dependent) association 
with fungi adaptable to colder temperatures will extend beetle populations up north into 
regions of colder climate and vice versa. The predominance of such a fungus may be influ-
enced by its abundant dispersal by phoretic mites that favor it as a nutritional resource.

While bark and ambrosia beetle populations are typically monitored, their mite and fungal 
associations are not. We believe that geographic expansion, reproductive fitness, and other fac-
tors of beetle population dynamics rely on a thorough understanding of the mite and fungal 
diversity associated with beetles. The mite-beetle-fungal tripartite relationship is a relatively 
new realm of study in the field of multipartite symbioses, with a vast scope for new discover-
ies that expand or knowledge and understanding of ambrosia and bark beetle ecology.
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Abstract

Colorado  potato  beetle  is  one  of  the  most  important  pests  because  of  rapid  and
strongly  developed  resistance  to  insecticides.  Resistant  insects’  populations  may
detoxify  or  degrade  the  toxin  faster  than  susceptible  insects,  or  quickly  rid  their
bodies  of  the  toxic  molecules.  Resistant  populations  may possess  higher  levels  or
more efficient forms of these enzymes. Insecticide metabolic destruction inside the
target  organism  is  a  common  defensive  mechanism,  decreasing  the  duration  and
intensity  of  the  exposure  of  the  target  site,  lowering  the  probability  of  a  lethal
outcome.  Three  major  mechanisms  of  metabolic  transformation  of  insecticides
underlie  the  vast  majority  of  examples  of  biotransformation-based  resistance:  (i)
oxidation; (ii) ester hydrolysis; and (iii) glutathione conjugation. Pyrethrins, pyreth-
roids,  organophosphates,  carbamates  and  other  insecticides  are  degraded  by
hydrolysis. Insecticide detoxification primarily unfolds through molecule hydrolysis
on different  sites,  thereby splitting ester,  carboxyl-ester,  amide and other chemical
bonds.  The  most  important  hydrolytic  enzymes  are  phosphoric  triesters  and
carboxylesterases (ALiE esterases). Structural mutations in mutant carboxylesterases
have now been widely described showing metabolic resistance to organophosphate
and pyrethroid insecticides and relatively few cases of resistance to carbamates role.
Carboxylesterases role in Colorado potato beetle resistance was confirmed by many
authors.

Keywords: insecticide resistance, metabolism, hydrolysis, carboxylesterase, ALiE
esterase
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1. Introduction

Worldwide, Leptinotarsa decemlineata (Say.)—Colorado potato beetle (CPB) is one of the most
important pests of potatoes, an insect extremely difficult to control due to rapid and strongly
developed resistance against insecticides [1–4]. None of the control techniques, during the long-
lasting history, developed against this pest has provided long-term protection for potato crops.
CPB still remains a major threat to potato production because of its resistance to all major groups
of insecticides [5–18]. Numerous alternative control strategies for Colorado potato beetle were
investigated in the last few decades [19–31].

In insects, generally, the factors that lead to resistance are (1) morphological, (2) physiological
and biochemical, and (3) behavioral [32]. Regarding CPB’s resistance to insecticides, the most
important, investigated, and best described are the metabolic changes. Populations of resistant
insects may detoxify or degrade the toxin faster than susceptible insects or quickly rid their
bodies of the toxic molecules. This type of resistance is the common mechanism and often
presents the greatest challenge. Resistant populations may possess higher levels or more
efficient forms of these enzymes. In addition to being more efficient, these enzyme systems
also may have a broad spectrum of activity. The metabolic destruction of an insecticide inside
the target organism is a common defensive mechanism that leads to a decrease in the duration
and intensity of the exposure of the target site and thereby lowers the probability of a lethal
outcome. Three major mechanisms of metabolic transformation of insecticides underlie the
vast majority of examples of biotransformation-based resistance: (i) oxidation; (ii) ester
hydrolysis; and (iii) glutathione conjugation.

In the first stage, the metabolism of insecticides is manifested through many reactions, most
important of which are oxidation, reduction, and hydrolysis. In the second stage, conjugates
are formed, which are practically nontoxic [33]. Selective toxicity of insecticides mostly comes
from the balance of the reactions included in activation and in detoxification. Pyrethrins,
pyrethroids, organophosphates (OP), carbamates, and other insecticides are degraded by
hydrolysis. This is the basis for the selective effect of insecticides and for insects’ resistance
mechanisms. Insecticide detoxification primarily unfolds through molecule hydrolysis on
different sites, thereby breaking ester, carboxylester, amide, and other chemical bonds [32, 34].

The most important hydrolytic enzymes are phosphoric triesters and carboxylesterases (ALiE
esterases, nonspecific, or B-esterases).

Esterase-related insect resistance is based on the following:

• Increase in the total amount of esterase—by altering regulatory genes or regulatory loci
combined with structural genes, which results in change in enzyme synthesis in the
organism or amplification of genes responsible for DNA methylation.

• Change in their activity—by altering structural genes that directly determine the nature of
enzymes [1].

The majority of widely used insecticides are esters. This includes virtually all carbamate and
OPs, most pyrethroids, and others. In almost all the cases, the hydrolysis of the ester group
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leads to a significant decrease in or elimination of toxicity. Consequently, esterase activity often
plays a key role in determining the comparative responses and resistance to current insecti-
cides [1].

In insects, the primary groups of esterases of interest hydrolyze esters of carboxylic acids, and
they are, therefore, termed carboxylesterases. The topic of their nature and significance in
insecticide toxicology and resistance has been reviewed by different researchers [35–38]. A
useful functional method with special relevance for insecticides was developed based on the
ability of the esterase to either hydrolyze OPs (type A) or to become inhibited by them (type
B). There are relatively a few cases of high-level esterase-mediated metabolic resistance to
carbamates. Structural mutations in mutant carboxylesterases have now been described from
four insect species, showing metabolic resistance to OP insecticides [39]. The role of esterase
in CPB resistance was confirmed by many authors [4, 40–44].

2. Hydrolytic metabolic pathways

Insecticide detoxification is primarily performed by hydrolysis of molecules at different sites.
Hydrolysis means splitting of molecules by adding water. This chemical reaction splits
different chemical bonds, such as ester bonds (with phosphoric, carbamine, chrysanthemum,
and other acids), carboxyl ester, amide, and other bonds [32–34].

Hydrolysis of such bonds is done enzymatically and nonenzymatically. Besides hydrolases
(esterases, phosphatases, carboxylesterases, and amidases), in splitting some of the mentioned
chemical bonds there are also some other enzymes involved, such as mixed function oxidases
(MFO) and glutathione S transferases (GST) [33]. Hydrolytically, pyrethrins and pyrethroids,
organophosphates, carbamates, and some other insecticides can decompose faster or more
slowly. This type of metabolism often makes a basis for a selective mode of action of insecticides
and a mechanism of insect resistance to insecticides [34].

2.1. Hydrolytic enzymes

Hydrolases are widely spread in diverse plant and animal tissues and different parts of cells.
In vertebrates, they can be located in blood plasma, and they are able to attack a large number
of xenobiotic esters, but natural substrates of these esterases are unknown. In mammals, A-
type esterases (with –SH group) can be found in the serum, and they are associated with the
lipoprotein fraction. Some hydrolases, especially B-type hydrolases (with –OH group), are
bound to membranes in the microsomal fraction. Up to 7% of all microsomal proteins is
membrane-bound esterases. Such esterases can also be found in the serum and pancreatic
fluid. Hydrolases can be present in the cellular fluid [32].

Most of these enzymes are not purified. Hence, it is often unknown if the investigated
hydrolytic reactions are catalyzed by one enzyme of weak specificity (for example, one enzyme
with both esterase and amidase function) or by a mixture of two or more enzymes with higher
specificities. Unlike oxidases and transferases, hydrolases do not require any coenzymes;
however, from time to time, they require cations for activation [32].
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There are still some difficulties in naming hydrolases and their specificities for substrates. The
same bonds, especially in phosphates, can be attacked not only by hydrolases but also by other
enzymes (MFO and transferases). In the broadest sense, one can identify phosphatases,
carboxyl esterases, carboxyl amidases, and epoxide hydrolases [41]. Cyclic phenyl saligenin
phosphate, S,S,S-tributyl phosphorotrithioate (DEF), and profenofos are stated as hydrolase
inhibitors [45].

2.2. Hydrolysis of phosphorus esters

Enzymes that catalyze a hydrolytic attack on phosphorous esters or anhydride bonds are
marked as hydrolases of phosphoric triesters or phospho-triesterases. In insects, these enzymes
are not purified, so they have not been adequately compared with purified mammalian
hydrolases. These hydrolases do not attack phosphoro-trithioates in any scope. The hydrolase
reaction is activated with 1 mM Mn2+ and Co2+ [46].

In several cases, the activity of these enzymes is higher in resistant insect species. Phosphate
triester hydrolysis results in forming an anion metabolite that is a weak AChE inhibitor,
finally resulting in detoxification of the starting compound. There are two types of phosphate-
ester bonds: an anhydride bond (P—O; P—S; P—C; P—N; and others) and an alkyl-ester bond
(R—O—P). There is also an alkyl–nitrogen bond (R—N—P). These bonds are split not only
by hydrolases but also by MFO and G-S transferases. Enzymatic hydrolysis is found in
mammals, insects, plants, and microorganisms [34].

Some of these bonds can be split nonenzymatically, for example, when it comes to chlor-
pyrifos oxon in trout, hydrolysis is not stimulated by Ca2+ and EDTA does not deactivate
this reaction. None of the known inhibitors has affected the hydrolysis. It is also known
that trichlorfon can be nonenzymatically transformed into dichlorvos in some plant and an-
imal species [34]. Hydrolases attack oxo forms of phosphates, such as paraoxon, diazoxon,
malaoxon (Figure 1), and dichlorvos [46].

Figure 1. Different hydrolases and their specificities for substrates [47].
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Hydrolases (A-esterases) split not only phosphate-ester bonds such as P—O and P—S but also
anhydride bonds such as P—O—P, P—F, P—C. Metabolic splitting of the P—S─aryl bond is
done at P–S, hydrolytically for thiolate esters and oxidatively for thiolothionates. Fonofos is
hydrolyzed after oxidative desulphurization takes place. In some mammals, trichlorfon is
hydrolytically metabolized by splitting the P—C bond, and in some others (rabbits), there is a
different kind of metabolic reactions. Omethoate (thiolate) is also hydrolytically metabolized
in rats by splitting of the P—S bond. However, splitting of the P—S bond in the P—S alkyl
structure is not hydrolytic, while splitting of the S—C bond most probably is. The former can
result in a P–OH product and the latter in a P—SH product. The ester bond in malathion is
split into small scale by breaking the P—S bond (about 1%) and the S—C bond (about 0.5%)
by a liver homogenate. Splitting of alkyl-ester bonds in organophosphates is done not only
hydrolytically but also oxidatively and through a group transfer. Hydrolysis, for example,
splits the ethyl-phosphorous bond in paraoxon. This reaction is conducted in a soluble liver
fraction in mammals and in vivo in insects. In rats, there is also hydrolytic O-demethylation
of omethoate [34].

2.3. Hydrolysis of carboxylic esters

Carboxyl esterases are also called ALiE esterases or B-esterases. The enzyme that catalyzes the
splitting of the carboxyl ester bond in organophosphates is referred to as EC. 3.1.1.1. [34, 38].

It is widely spread in mammals (in the liver, kidneys, lungs, spleen, small intestine, and fluid)
[34] and in insects, of both susceptible and resistant species. A purified carboxyl esterase in
insects (ALiE) has the molecular weight of 16,000 Da [46].

After investigating the specificities of carboxylesterases in the liver of rats, it has been ascer-
tained that nonphosphorous mono- and di-carboxyl esters serve as substrates. The α-carboxyl
ester bond in malathion is hydrolyzed to form malathion α-monoacid. Similarly, the homoge-
nate of the housefly gives α-monoacid more than β-isomer (α/β ratio is 3.5–5.0). However,
esterases taken from the horse liver and rat liver microsomes primarily produce malathion
β-monoacid (α/β ratio is 0.1). Malathion di-acid in rats does not emerge in vitro, but in vivo,
under the influence of an unknown factor [35, 39].

Organophosphates of different structures inhibit carboxyl esterases or the metabolism of
malathion and other insecticides from this group in vivo [34]. EPN oxygen analogue and n-
propyl-paraoxon inhibit these enzymes and show a strong effect (I50 about 10−8 M) [46]. These
compounds are also strong synergists for malathion and acethion in houseflies and mites. Tri-
o-cresyl phosphate (TOCP), which is not an insecticide, is also tested as a carboxylesterase
inhibitor. Compounds of such type are weak esterase inhibitors in vitro, but strong inhibitors
of malathion metabolism in vivo. TOCP is in vivo transformed into saligenin cyclic-o-tolyl
phosphate, marked as M-1, which selectively inhibits carboxyl esterases (pI50 for the mouse
plasma esterase amounts to 7.2). TOCP increases malathion toxicity four times, and M-1 100
times. Other triaryl phosphates with a 0-alkyl group can be activated metabolically in a similar
way. Moreover, increased toxicity of malathion for mice is also exhibited by chlorothion
(insecticide) and S,S,S-tributyl-phosphoro-trithioate (DEF) (defoliant), inhibiting its metabo-
lism in vivo. In resistant insect species, DEF also synergizes paraoxon, azinphos-methyl,
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carbamates, and DDT and with EPN it synergizes dicrotophos, dimethoate, and phorate in
Anthonomus grandis [34].

Several cases have shown that the increased carboxylesterase activity is a mechanism of insect
resistance to malathion. In general, the activity of these enzymes susceptibility to insects is low.
Differences between the enzymes in susceptible and resistant insects are quantitative, and in
Tetranychus urticae, they are also qualitative [46].

In the liver of mammals and products of several insect species, there are enzymes that
hydrolyze pyrethroids. It is not excluded that carboxylesterase that hydrolyzes (+)-trans-
resmethrin is the same one that hydrolyzes malathion. The enzymes in some insects, such as
Oncopeltus fesciatus and Trichoplusia ni, degrade (+)-cis compounds, whereas isomer specificity
is less pronounced in the enzymatic products from Musca domestica and Blattella germanica.
Relative hydrolysis speed is much higher in mammals than in insects, which is most likely the
basis of the selective toxicity of pyrethroids [34].

Figure 2. Hydrolysis of different OPs pesticides by OPH + CbE enzymes [48].
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Little is known not only about the nature of esterases that hydrolase carbamates but also about
biochemistry of these processes. Enzymes in the plasma of rabbits, sheep, and pigs are more
efficient in carbaryl hydrolysis than enzymes in other mammals. In insects, perhaps, it is about
a nonspecific esterase, aromatic esterase, primarily responsible for carbamate hydrolysis [34].

In some organophosphates (malathion, acethion, and phenthoate), the presence of the carboxyl
ester group makes these compounds susceptible to hydrolysis at that site. In malathion,
hydrolysis splits one carbethoxy group, forming nontoxic monoacid (Figure 2). The anionic
charge of the carboxyl group shifts near phosphorous so that the electrophilicity is reduced by
the effect of field. Hence, malathion-α-monoacid is inactive. The metabolism of malathion in
insects and mammals is quantitatively similar, but qualitatively quite different. Due to its much
faster metabolism in mammals, they are usually less susceptible to malathion than insects.
Moreover, such type of malathion metabolism predominates in mammals. The presence of the
carboxyl ester group in organophosphates, however, does not always lead to reduced toxicity.
Mevinphos is much more toxic than it can be expected from its structure that includes the
carbethoxy group. In detoxification of mevinphos, the carboxyl esterase plays no or a very
little role, and this bond is hydrolyzed nonenzymatically [32, 34, 46].

Some arthropod species resistant to malathion have a much higher carboxylesterase activity
than susceptible species. The carboxylesterase activity is, at least in part, responsible for
resistance to organophosphorous insecticides in several insect and mite species (mosquitoes,
houseflies, cicadas, and mites) [36, 40–43].

Carbamates can also be hydrolyzed by esterases (Figure 3). The isolated carbamic acid is
immediately hydrolyzed into CO2 and methyl or dimethyl-amine. The carbamate ester bond is
quite stable in plants and insects, but easy to hydrolyze in the majority of animal species [32, 34].

Figure 3. Hydrolytic pathway for carbaryl [49].

Besides, oxidative metabolites with a still intact carbamate ester bond are also subjected to
hydrolysis by the same or perhaps different enzymes. In many cases, it is impossible to
determine whether oxidation happens before or after hydrolysis [34]. N-substituted carba-
mates, the products of oxidative N-dealkylation are hydrolytically more unstable than N-
methyl carbamates (about 100 times as much).
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The rate of enzymatic hydrolysis depends on carbamate structure and the type of organism.
Therefore, rats hydrolyze about 25% carbaryl, 33% propoxur, and 75% maxacarbate or isolan.
Although most mammals hydrolyze carbamate ester bonds easily, these compounds are
resistant in monkeys and pigs. On the other hand, many insects have difficulties in hydrolyzing
carbamates, whereas hydrolysis is the main pathway to carbamate decomposing in B. german‐
ica. The hydrolysis of carbaryl has been the most studied carbamate hydrolysis. It occurs in a
large percentage in many mammals, in a small number of insect species (B. germanica, for
example), and in a very few plants [34].

Pyrethrins and pyrethroids are quite differently hydrolyzed in living organisms. The
differences are considerably due to the compound’s structure and the type of organism. The
hydrolysis is catalyzed by some kind of carboxylesterases. The basic metabolic pathway in
pyrethroids (such as permethrin) is hydrolytic splitting of the ester bond, but oxidation is also
important. Hydrolysis is, however, irrelevant and little important in the metabolism of
pyrethrins (pyrethrin I, cynarin I, etc.) and related to older pyrethroids (allethrin, tralomethrin,
tetramethrin, barthrin, etc.) [32, 34].

In pyrethroids with cyclopropane acid, the stereochemistry of 1,3-bond of this ring strongly
affects the metabolism of these compounds. When the substituent is transposed to the carboxyl
group at C-1, splitting of the ester bond is easier than when it is cis-positioned. The adding of
a –CN group to α-carbon of 3-phenoxybenzyl alcohol decreases the susceptibility of molecules
to hydrolytic (and oxidative) decomposition. Insects normally hydrolyze pyrethroids more
slowly but split the ester bond of trans-isomers faster than mammals. However, there is an
exception. The larvae of Chrysopa spp., which have unexceptionally high levels of esterase,
hydrolyze cis-isomers of permethrin and cypermethrin faster than trans-isomers. This level of
esterase activity is undoubtedly the main factor of resistance of these species to pyrethroids
[50]. Like in mammals and in insects, the main primary metabolic process of pyrethroids
(permethrin, deltamethrin, cypermethrin, etc.) in plants (beans, cotton, etc.) is the splitting of
the ester bond. Fenvalerate acts similarly in different plants (tomatoes, tobacco, lettuce,
cabbage, etc.). In all plants, the –CN group disappears [32, 34, 50].

Permethrin, a compound without the –CN group, is hydrolyzed in mammals primarily by
splitting of the ester bond, during which the trans-isomer is about 100 times more susceptible
(rats and mice). In goats and cows, about 30% metabolites of permethrin has the preserved
ester bond (both cis- and trans-isomer). Splitting of the permethrin ester bond is more difficult
in fish. Insects (cockroaches, houseflies, cabbage moth, and caterpillars) tear permethrin into
acid and alcohol part, among others, which form conjugates with glucose and amino acids. In
all three species, trans-permethrin is metabolized more easily. In vivo and in vitro results are
similar. The metabolism of permethrin (Figure 4) is, in its basis, similar in other insect species
and some mites species [34, 50]. The main pathway in the metabolism of deltamethrin,
cypermethrin, and cyhalothrin in mammals (mice and rats) is the splitting of the ester bond,
primarily by carboxylesterases, whereby trans-isomers are more susceptible. These com-
pounds are basically similarly metabolized in insects [45, 50]. Generally speaking, esterases
play a main role in the metabolism of pyrethroids in caterpillars and oxidases in houseflies. In
Spodoptera littoralis and T. ni, for example, prophenophos inhibits the hydrolytic decomposi-
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tion of trans-permethin for 65%, and cis-cypermethrin for more than 90%, thereby increasing
the toxicity of the former four times and the latter 20 times (T. ni), i.e., three times for both
compounds (S. littoralis).

Figure 4. Esterase-mediated hydrolysis of the pyrethroid bifenthrin [51].

Phenyl-saligenin, a cyclic phosphate, increases the toxicity of trans-permethrin in Chrysopa
carnea 68 times. Other compounds also undergo hydrolysis. For example, dinobuton (and
similar compounds) is initially hydrolytically activated into dinoseb. Acaricide cycloprate is
hydrolyzed into cyclopropane acid that afterward binds with carnitine, which eventually has
a lethal effect [34, 50].

2.4. Hydrolysis of carboxamides

Amide bonds are relatively similar to ester bonds. Breaking of these bonds is catalyzed by
carboxamidases. Carboxamidases are actually carboxylesterases capable of selecting amides
as substrates [32]. In vertebrates, these enzymes are located only in the liver, and they are
primarily related to the microsome fraction. Different divalent cations and nucleoids do not
affect the enzymatic activity. The oxidative derivative of dimethoates is not hydrolyzed by
carboxyamides but inhibits this enzyme. Dimethoate of amidases from different sources differs
in susceptibility to EPN-induced inhibition in vivo. Hence, housefly and Oncopeltus fasciatus
amidases are not susceptible to EPN, while mammal amidases are highly susceptible. On the
whole, these enzymes are susceptible to organophosphates as inhibitors, including profenofos,
TOCP, DEF, etc. [34].

Breaking the amide bond among organophosphates is primarily determined for dimethoate,
dicrotophos, and vamidothion [32]. When compared to other pathways, splitting of the amide
bond of dimethoates by hydrolysis amounts to 27.3% in houseflies, 2.5% in rat liver, and 0.0%
of rice leaves in vitro. Splitting of the S─C bond in dimethoate is hydrolytic. Vamidothion is
similarly metabolized. It has been determined that splitting of the amide bond of dimethoates
and related insecticides is important for their selective toxicity. Besides, the amide bond of
dimethoate is also hydrolyzed nonenzymatically on the leaf surface after oxidative desulphu-
rization. However, the amide bond of phosphamidon is not split in plants and animals.

The metabolism of benzoyl phenyl urea (BPU) of derivatives is primarily conducted by the
hydrolysis of amide bonds. In a large number of insect species (Tribolium castaneum, S.
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littoralis, Spodoptera exigua, etc.), it has been recorded that these compounds (diflubenzuron,
chlorfluazuron, diflubenzuron, etc.) degrade rapidly. For example, diflubenzuron is rapidly
eliminated from insects (t½ about 7 h), and chlorfluazuron slowly (t½ > 100 h). Adding
hydrolase inhibitors (DEF and related compounds) in food prolongs the retention time (t½
from 7 to 18 h for diflubenzuron) and increases the toxicity of diflubenzuron for T. castaneum
and S. littoralis. The main metabolites in BPU hydrolysis are chloroaniline, chlorpheniramine
urea, and polar metabolites. The activity of these enzymes in hydrolysis of BPU is completely
inhibited by DEF or prophenophos in the concentration of about 10−5 M [32]. Therefore, DEF
and prophenophos express a synergetic activity with diflubenzuron in S. exigua that has
developed resistance to them, ranging from 3.7 (to DEF) to 5.2 times to prophenophos [34,
45].

2.5. Hydrolysis of epoxides

Epoxide hydrolases (or epoxide hydrases, epoxide hydratases, EH), discovered in 1968, take
part in the metabolism of epoxides. These enzymes (EH) are widely spread among mammals
and insects. They are located in microsomes (MEH), solution (CEH), or other parts of mammal
liver cells and different insect tissues [32, 34, 44, 46]. pH optimum for the EH activity is most
often in the alkaline range, and in insects, it ranges from 7.9 to 9.0 [46]. They show a pronounced
specificity for substrates, and there is a great variation among the different species. The
mechanism of hydration is not clear enough. Perhaps it includes a nucleophilic attack of the
OH group on oxirane carbon [46]. The EH activity from liver microsomes does not depend on
NADPH or CO2 and this enzyme is not affected by BDO-type synergists [34]. A certain number
of EH inhibitors in insects include sesamex, piperonyl butoxide, a Cecropia hormone, and some
organophosphates, which are partially in contrast to these enzymes from the mammal liver.
Nevertheless, this enzyme is inhibited for about 80% with the same concentration of Cu2+ ions
[46]. Specific EH inhibitors in mammals are phenyl-glycidoles. S,S-enantiomers are stronger
inhibitors (I50 1.6 × 10−6 M) than R,R-isomers. These compounds are also substrates for EH [44].

EHs catalyze the splitting of the epoxide ring of different insecticides and other compounds.
Thereby, they form certain trans-diols that are less toxic, so these enzymes are included in
epoxide detoxification processes. These processes are most studied in cyclodienes. Splitting of
the epoxide ring of some cyclodienes has been shown in many insect and mammal species. In
vitro, dieldrin and heptachlor epoxide are quite stable in this form of degradation. In vivo,
however, especially in mammals, the main metabolite of dieldrin is trans-diol, which indicates
the splitting of the epoxide ring [34]. Epoxides of various alkenes and arenas are enzymatically
hydrolyzed, thus forming trans-di-hydro diols [46].

3. Determination of esterase activity in Colorado potato beetle

In our research, activity of Colorado potato beetle ALiE/Carboxylesterase was determined,
using spectrophotometry at a wavelength of 585 μm, first described by Gomori [52]. Average
enzyme was prepared out of 40 CBP fourth-instar larvae, using 40 ml of phosphate buffer
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(0.02 M, pH7). Incubation of the average enzyme of Colorado potato beetle with different
inhibitors (PBO, DEF, eserine sulfate (ES)) proved that decomposition of 1-naphtyl acetate (1-
NA) to 1-naphtyl (1-N) is directly related to the activity of esterase. Incubation of an average
enzyme with PBO gave, in all cases, much lower reduction in activity, than in the incubation
with DEF or with eserine sulfate (ES). This indicates that the formation of 1-naphtyl does not
occur due to the activity of oxidase or a glutathione transferase (GST), but due to the activity
of esterases.

Activity of ALiE at varying concentrations of the substrate 1-NA showed that the increasing
the concentration of the substrate affects the increase in 1-N amount, and this dependence is
linear. Statistical analysis has obtained high-correlation coefficient (0.9279) and a very small
statistical error (SE = 0.1601), indicating a high dependence of the examined parameters. The
value of the Michaelis constant (Km) was low (6.664 × 10−3). Km values for the activity of most
enzymes typically range from 10−10 to 10−2 M dm−3, which indicates quite high specificity of the
tested enzyme for substrate.

3.1. Determination of the calibration line for 1-naphthol

In the experimental conditions, for the ALiE enzyme, 1-naphthylacetate (1-NA) is commonly
used as a suitable substrate. Enzyme decomposes substrate 1-NA into 1 naphthol (1-N). In
order to be able to determine the amount of generated 1-N, it is necessary to determine the
calibration line. For these assays, it is also necessary to adjust the conditions of the experiment
when examining the functioning of the enzyme. Tests were carried out in the visible region of
wavelengths of light, for different concentrations of 1-N. Very low concentrations of 1-N does
not give the expressed absorbance maximum. With increasing concentration, the maximum
distinguishes more clearly, and most notably at higher concentrations. For the spectropho-
tometer device UV-VIS Perkin-Elmer 130, determined peak is at a wavelength of 585 nm and
all subsequent determinations of 1-N were carried out at a wavelength of 585 nm.

Concentration (μM) Absorbance per replication Average absorbance
1 2 3

0.5999 0.205 0.201 0.233 0.213

1.1998 0.216 0.274 0.220 0.237

2.3995 0.219 0.234 0.233 0.229

4.7991 0.290 0.276 0.270 0.279

9.5981 0.323 0.349 0.358 0.343

19.1963 0.467 0.511 0.538 0.505

38.3925 0.642 0.643 0.610 0.632

76.7851 0.890 0.883 0.810 0.861

153.5702 0.822 0.822 0.815 0.820

Table 1. Data for the calibration line for 1-naphthol.
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The initial concentration contained 22.14 mg/l of 1-N. Since 1 M solution of the compound is
containing 144.17 gl−1, this concentration expressed as a molar solution amounted to
153.57 μM of the compound. Absorbance values for the nine different concentration of 1-N are
shown in Table 1 and Chart 1. In order to avoid the effect of these concentrations of the field
in which the readings are unreliable, for the calculation of the regression line only concentra-
tions from of 76.8 to 4.8 μM were used.

Chart 1. Data for the calibration line for 1 naphtol.

Statistical regression analysis calculated the following regression line for 1-N:
Y = 0.2918 + 0.0078 × X, as a basis for the calculation of the 1-N amounts for the appropriate
absorbance. Statistical data analysis found out that the regression is linear and directly
dependent. The correlation coefficient is 0.98, which indicates a high dependence of investi-
gated parameters.

3.2. Determination of presence and activities of ALiE

Average enzyme was prepared out of 40 Colorado potato beetle fourth-instar larvae (L4), from
the locality of Dobanovci (Belgrade, Serbia), using 40 ml of phosphate buffer (0.02 M, pH7).
Experimental conditions in terms of the average amount of enzyme in the required amount of
the reaction mixture and the temperature were constant, but the substrate concentration was
varied. It is found that the activity of Colorado potato beetle ALiE exists, since in all the
examined substrate concentrations in the experimental conditions there is a degradation of the
NA-1 1-N due to the enzyme (ALiE) activity (Chart 2).

Increasing the concentration of the substrate affects the increase in creation of 1-N, and this
dependence is linear. Statistical analysis shows high correlation coefficient and a very small
statistical error (as shown in Table 2), which indicates the high dependency of investigated
parameters.
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Chart 2. Activity of ALiE at varying concentrations of the substrate 1-NA.

The value of the Michaelis constant (Km) is small. These values of Km for most of the enzymes
activity typically range from 10−2 to 10−10 M dm−3, indicating quite high specificity of the
investigated enzyme regarding substrate.

Correlation coefficient Statistical error Regression line Km (Mdm−3)

0.9279 0.1601 Y = 0.2849 + 0.00189 × X 6.664 × 10−3

Table 2. ALiE activity at varying substrate (1-NA) concentrations—statistical parameters.

3.3. Determining the type of enzyme activity using inhibitors

For experiments with inhibitors, we used the average enzyme from Colorado potato beetle of
the fourth-grade larvae (L4), population Dobanovci, which contains not only a complex of
enzymes but also a variety of other compounds that can react with inhibitors. PBO is a typical
oxidase inhibitor and therefore is often used as an insecticide synergist, which are subject to
oxidative detoxification. DEF is a specific inhibitor of ALiE esterases, while the ES is specific
cholinesterase inhibitor.

Pre-incubation of the enzyme with PBO showed minimal reduction in activity in the degra-
dation of 1-NA. Statistical analysis showed that there are still significant differences in the
results for the variant, which applies only to the enzyme and variant combinations of enzymes
and piperonyl butoxide.

Pre-incubation of the enzyme with DEF resulted in significantly decreased activity of the
enzyme. Differences in the enzyme activity without inhibitor and pre-incubation with DEF are
very significant. There are very significant differences between variants, such as the enzyme
pre-incubated with the PBO and variants when pre-incubated with DEF.

The greatest reduction in the enzyme activity was obtained when the enzyme is pre-incubated
with eserine sulphate (ES). Statistical analysis showed that there are very significant differences
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between the basic enzyme activity and its activity after pre-incubation with ES. Duncan’s test
proved that all the variants belong to different groups.

Different concentrations of the CPB average enzyme (ALiE) from population Dobanovci,
depending on the increase in the concentration of the enzyme, produce increasing amounts of
1 N, at a constant amount of substrate (1 NA). Similar instances happened with variable
concentrations of substrates in the presence of a constant amount of average enzyme. Since
the reactions are specific to this group of enzymes, these results indicate their distinguished
activity in potato beetle. Incubating the average enzyme with different inhibitors has been
proven in the case of Colorado potato beetle that degradation of 1-NA into 1-N comes under
the influence of esterase. Incubation of average enzyme with PBO gave in all cases much lower
lower reduction in activity, than the impairment of enzyme activities incubated with DEF or
eserine sulphate (ES), which indicates that the creation of 1-N does not come due to the effect
of oxidase or glutathione transferase (GST), but due to the effect of esterase (Table 3).

Treatment Absorbance per replication Average Median Variance Standard deviation Duncan test

1 2 3 4 5

Enzyme 0.82 0.88 0.82 0.82 0.90 0.848 0.82 1.52−3 0.039 a

Enzyme + PBO 0.80 0.80 0.78 0.80 0.84 0.804 0.80 4.80−4 0.022 b

Enzyme + DEF 0.72 0.70 0.70 0.75 0.72 0.718 0.72 4.20−4 0.020 c

Enzyme + ES 0.66 0.65 0.69 0.66 0.67 0.665 0.66 1.75−4 0.013 d

LSD0.05 = 0.06.
LSD0.01 = 0.08.

Table 3. Statistical parameters of the inhibitor effect on the activity of CPB larvae ALiE.

4. Conclusion

Resistant insect populations may detoxify or degrade the toxin faster than susceptible insects,
or quickly rid their bodies of the toxic molecules. Resistant populations may possess higher
levels or more efficient forms of these enzymes. The metabolic destruction of an insecticide
inside the target organism is a common defensive mechanism. Three major mechanisms of
metabolic transformation of insecticides underlie the vast majority of examples of biotrans-
formation-based resistance: (i) oxidation; (ii) ester hydrolysis; and (iii) glutathione conjugation.
Pyrethrins, pyrethroids, organophosphates, carbamates, and other insecticides are degraded
by hydrolysis. The most important hydrolytic enzymes are phosphoric triesters and carboxy-
lesterases (ALiE esterases, nonspecific, or B-esterases). Structural mutations in mutant
carboxylesterases have now been widely described showing metabolic resistance to organo-
phosphate and pyrethroid insecticides. There are relatively few cases of high-level esterase-
mediated metabolic resistance to carbamates. The role of carboxylesterases in Colorado potato
beetle’s resistance to insecticides was confirmed by many authors. CPB is resistant to all major
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groups of insecticides, including organophosphates and carbamates. Insecticide resistance
presence and level are measurable [53]. ALiE’s role in the emergence of resistance to organo-
phosphorus and other insecticides in insects, especially in Colorado potato beetle, is investi-
gated. In most of the insect species in which the testing was performed, the dependence of the
increase in the activity of the enzyme matched with the increase of the insecticide resistance.
Probably, the primary role of this enzyme is its importance for the absorption of organophos-
phorus insecticides, which becomes nontoxic, and then to gradually decompose to nontoxic
components. Increased concentrations of the average CPB enzymes produced increasing
amounts of 1-naphthol (1-N) at a constant amount of substrate (1-NA). Similar results
happened with variable concentrations of substrate (1-NA) in the presence of a constant
amount of average enzyme. Since the reactions are specific to this group of enzymes, these
results indicate their distinguished activity in Colorado potato beetle.
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Abstract

Multicellular organisms constantly encounter potentially harmful microorganisms. 
Although insects lack an adaptive immune system, they do have powerful means of 
fighting infections. Cellular responses involve phagocytosis of bacteria and encapsula‐
tion of parasites. In addition, insects can mount a humoral response against pathogens. 
This is characterized by the secretion of antimicrobial peptides into the hemolymph. 
Recognition of foreign pathogens involves specific receptors for sensing infection. These 
include peptidoglycan recognition proteins (PGRPs) and β‐glucan recognition proteins 
(βGRPs). Engagement of these receptors starts signaling pathways that activate the genes 
that encode antimicrobial peptides. These pathways include the Toll, the Imd, and the 
JAK‐STAT. This chapter describes the innate immunity of insects including both the cellu‐
lar and humoral responses to bacteria, fungi, and parasites. In addition, recent advances 
in insect antivirus immune responses are discussed.

Keywords: insect, phagocytosis, hemocyte, innate immunity, signal transduction, toll, 
Imd, JAK/STAT, TLR, siRNA, autophagy

1. Introduction

Multicellular organisms are constantly exposed to different microorganisms, many of which 
can be potentially harmful. To protect themselves from these microorganisms, multicellular 
organisms have evolved cellular and molecular defense mechanisms against infection. These 
defense mechanisms are known as immunity. At the beginning of an infection from viruses, 
bacteria, fungi, and protozoa, early mechanisms such as expression of antimicrobial prod‐
ucts, recognition of microorganisms by pattern‐recognition receptors (PRRs), and activation 
of phagocytic cells get engaged for eliminating pathogens. These early mechanisms are collec‐
tively known as innate immune systems. In vertebrates, such as mammals, cells facilitate the 
recognition of microorganisms at later times during the course of an infection with specific 
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receptors for microbial antigens. The T‐ and B‐lymphocytes are the cells responsible for the 
specific recognition of pathogenic antigens and together provide a more selective defense 
system, known as adaptive immunity, which provides a much better and faster response to 
the same pathogen during a second challenge.

Insect species live practically in every known habitat and ecological niche, except marine 
environments. This diversity exposes insects to all sorts of infectious agents. Yet, insects 
are clearly very successful organisms against infections. Although insects lack an adaptive 
immune system, they do have a powerful innate immune system for fighting infections. The 
innate immune system of insects consists of physical barriers, humoral responses, and cellular 
responses [1, 2].

Physical barriers include the integument and the peritrophic membrane. Integument, the 
outer surface of an insect, is formed by a single layer of cells covered by a multilayered cuticle 
[3]. The peritrophic membrane is a layer made of chitin and glycoprotein that covers the insect 
midgut. It functions as a physical barrier against abrasive food particles and digestive patho‐
gens [4]. However, this membrane is semipermeable and therefore it is not an efficient bar‐
rier for viruses. These structures constitute the initial protection for the hemocele (the insect 
body cavity) and the midgut epithelium against microorganisms. When microorganisms 
enter these barriers, the humoral and cellular immune responses are activated. Humoral 
immune responses include production of antimicrobial peptides, activation of prophenoloxi‐
dase (proPO), and production of reactive oxygen species [5, 6]. Cellular immune responses 
include nodulation, encapsulation, and phagocytosis [7, 8].

Hemolymph, the liquid that fills the hemocele, transports nutrients throughout the insect 
body and also contains several types of free‐moving cells or hemocytes. There are several 
types of hemocytes including granulocytes, plasmatocytes, spherulocytes, and oenocytoids 
[7, 9]. However, it is important to emphasize that not all these hemocyte types exist in all 
insect species [10, 11]. Hemocytes are essential for insect immunity, as shown in Drosophila 
melanogaster larvae where plasmatocytes, making up approximately 95% of circulating hemo‐
cytes, decrease in numbers during an infection [12]. Also, the genetic [13] or mechanical elimi‐
nation [14, 15] of phagocytic hemocytes in adult Drosophila leads to an increase in infection 
susceptibility from various bacteria.

Upon infection of the hemocele, cellular immune responses are engaged almost immediately; 
while humoral responses take place several hours later. It is believed that invading microor‐
ganisms are first eliminated by hemocytes and later the humoral responses finish up the few 
microorganisms not eliminated by cells [16]. These defense mechanisms do not work inde‐
pendently from each other. For example, hemocytes produce molecules that promote hemo‐
cyte‐microorganism interactions [17, 18]. These molecules function similarly to the opsonins 
(complement and antibodies) that increase phagocytosis of microorganisms by leukocytes [19]. 
Also, Drosophila plasmatocytes induce fat‐body (insect equivalent of the liver) cells to produce 
antimicrobial peptides after a bacterial infection [14]. In addition, in adult flies, plasmatocytes 
contribute to reduce the infection susceptibility to various bacteria including Escherichia coli, 
Bacillus subtilis, and importantly Staphylococcus aureus [13, 15]. These findings clearly indicate 
that there is an effective cross‐talk between humoral and cellular immunity in insects.
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Here, I will describe insect cellular immune functions with emphasis on the innate immunity 
of insects including both the cellular and humoral responses to bacteria, fungi, and parasites. 
Specific receptors for sensing infection and the signaling pathways that activate genes for 
production of antimicrobial peptides will be described. In addition, recent advances in insect 
antivirus immune responses are discussed.

2. The inducible humoral response

One of the first identified defense mechanisms of insects is the production of antimicro‐
bial peptides (AMPs). Upon microbial infection, a series of small peptides and proteins are 
produced and released into the hemolymph [20]. The production of AMPs is highly induc‐
ible following a microbial infection, the levels of AMPs change from mostly undetectable 
in uninfected animals to micromolar concentrations in hemolymph of infected individuals 
[21]. Expression of these AMPs comes mainly from fat‐body although hemocytes also con‐
tribute to their production [5, 22]. The first identified antimicrobial protein of insects was the 
lysozyme from Galleria mellonella. This enzyme is structurally similar to the chicken C‐type 
lysozyme [23] and is capable of degrading bacterial cell wall peptidoglycans of Gram‐posi‐
tive bacteria. It also has some activity against Gram‐negative bacteria [24, 25] and against 
some fungi [26].

2.1. Antimicrobial peptides

Biochemical analysis of the hemolymph of the fruit‐fly D. melanogaster and other Diptera has 
led to the discovery of seven groups of AMPs in insects. They present a wide variety of actions 
against microorganisms and can be grouped into three families based on their main biological 
targets [21]. Against Gram‐positive bacteria, there are defensins. Against Gram‐negative bacte‐
ria, there are cecropins, drosocin, attacins, and diptericin. Against fungi, there are drosomycin 
and metchnikowin.

2.1.1. Defensins

Insect defensins are characterized by having three or four stabilizing intramolecular 
disulfide bonds. The name comes from their molecular similarity to mammalian α and β 
defensins [27]. Insect defensins form two groups: one with peptides presenting α‐helix/β‐
sheet mixed structure and the other with peptides presenting triple‐stranded antiparallel 
β‐sheets. Defensins with antibacterial and antifungal activity have been reported in many 
Lepidopteran species [28–30].

2.1.2. Cecropins

Cecropins are small basic peptides of about 31–37 amino acid residues with an amphipa‐
thic α‐helix conformation [27]. The first amphipathic antimicrobial peptide from insects was 
identified in hemolymph of the silkworm Hyalophora cecropia and was named cecropin [31]. 
Amphipathic peptides present antimicrobial activity due to their capacity to damage pathogen 
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cell membranes; they also inhibit proline uptake and cause leaky membranes. Now, several 
cecropin family genes from many lepidoptera species are known. In Bomby mori, 13 cecropin 
genes were found [32]. Moricins are another group of amphipathic α‐helical antimicrobial 
peptides [33] found first in the silkworm B. mori. In the B. mori genome nine moricin genes 
were found [32], and in G. mellonella eight moricin homologs are reported to have activity 
against bacterial as well as against yeast and filamentous fungi [34]. Cecropins isolated from 
insects other than H. cecropia have been given various names, for example, bactericidin, lepi‐
dopterin, and sarcotoxin [21]. However, all of these peptides are structurally related.

2.1.3. Drosocin

Drosocin is a 19‐mer cationic antimicrobial peptide from D. melanogaster. An O‐glycosylated 
threonine residue has been identified as important for the antimicrobial activity of these pep‐
tides, since elimination of the disaccharide at this position renders them with activity several 
times lower than the native compound [35].

2.1.4. Attacins

Attacins are glycine‐rich 20 kDa AMPs originally isolated from the hemolymph of H. cecropia. 
Two attacin isoforms, one acid and one basic, have been cloned from H. cecropia [36] and they 
induce an increase of permeability of the outer‐membrane of bacteria, binding mainly to lipo‐
polysaccharide (LPS). This explains why the basic attacin is more effective against E. coli than 
the acid attacin. Attacins also inhibit outer‐membrane protein synthesis of bacteria at the tran‐
scriptional level [36]. Attacins have also been cloned from other Lepidoptera such as the beet 
armyworm, Spodoptera exigua [37].

Gloverins and lebocins are also glycine‐rich AMPs found in the lepidoptera [11, 38, 39]. These 
peptides also inhibit bacterial growth by blocking outer‐membrane protein synthesis [40]. 
In addition to their antibacterial activity, gloverins also present antifungal activity [38, 39], 
and recently, it has also been reported that they may have antiviral activity [41].

2.1.5. Diptericin

Diptericin is an AMPs rich in glycine synthesized by insects in response to a bacterial injection 
or to injury. It is a basic heat‐stable peptide with a molecular weight of 8.6 kDa, containing 
high levels of Asx, Pro, and Gly. It is active only against a limited range of Gram‐negative bac‐
teria and seems to function by disrupting the cytoplasmic membrane of growing bacteria [21]. 
Recently, diptericin has been reported to be involved not only in inhibiting bacterial growth 
but also in protection from oxidative stress. Authors suggested that diptericin may trap or 
“scavenge” free radical anions and also attenuate oxygen toxicity by increasing antioxidant 
enzyme activities in D. melanogaster [42].

2.1.6. Drosomycin

Drosomycin is an inducible antifungal peptide of 44 residues initially isolated from bacteria‐
challenged D. melanogaster. It is synthesized in the fat‐body and secreted into the hemolymph 
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of the insect. It exhibits potent antifungal activity but is inactive against bacteria. Drosomycin 
belongs to the cysteine‐stabilized α‐helical and β‐sheet (CSαβ) superfamily and is composed of 
an α‐helix and a three‐stranded β‐sheet stabilized by four disulphide bridges [43]. It also has 
a significant homology with a family of 5 kDa cysteine‐rich plant antifungal peptides isolated 
from seeds of Brassicaceae [44]. Drosomycin exhibits a narrow antimicrobial spectrum and is 
only active against some filamentous fungi [45]. However, recent work using recombinant dro‐
somycin expressed in E. coli revealed that it also has antiparasitic and antiyeast activities [46].

2.1.7. Metchnikowin

Metchnikowin is a 26‐residue proline‐rich peptide whose expression in Drosophila is induc‐
ible by infection [47]. This peptide is expressed in the fat‐body after immune challenge and 
can be induced either by the Toll or the Imd pathways [48] (described later). The metch‐
nikowin peptide is unique among the Drosophila antimicrobial peptides in that it is active 
against both Gram‐positive bacteria and fungi. Recently, Metchnikowin has been shown to 
be able to protect a transgenic plant from fungal pathogens. Transgenic barley expressing the 
metchnikowin gene displayed enhanced resistance to several fungal ascomycetes pathogens, 
including powdery mildew and Fusarium head blight [49].

2.2. Signaling pathways activating genes that encode antimicrobial peptides

Once a microorganism is detected by PRRs, a series of signaling molecules are activated 
inside cells to instruct them for different responses. These molecules follow particular sig‐
naling pathways that determine the final cellular response. In insects, the signaling path‐
ways involved in humoral immune responses are best described in D. melanogaster [50]. The 
humoral immune responses mainly involve the release of AMPs by the fat‐body, via the Toll 
[51, 52], the immune deficiency (Imd) [53, 54], and the JAK‐STAT [55] pathways. Gram‐posi‐
tive bacteria and fungi predominantly induce the Toll signaling pathway, whereas Gram‐
negative bacteria activate the Imd pathway.

2.2.1. The Toll pathway

The Toll pathway was initially identified as a developmental pathway in D. melanogaster. 
It involves signaling to nuclear factor kappa B (NF‐κB) and is essential for embryonic devel‐
opment and immunity [51, 56]. The study of this pathway leads to the subsequent charac‐
terization of Toll‐like receptors (TLRs) and using this it has reshaped our understanding 
of the mammalian immune system [57, 58]. Activation of the transmembrane receptor Toll 
requires a proteolytically cleaved form of an extracellular cytokine‐like polypeptide, Spätzle 
[59], suggesting that Toll requires cooperation of other PRRs. This idea is supported by the 
fact that a mutation in a peptidoglycan recognition protein (PGRP‐SA) blocks Toll activation 
by Gram‐positive bacteria and significantly decreases resistance to this type of infection [60]. 
Toll activation is not only mediated by PGRPs, but it requires Gram‐negative binding protein 
(GNBP) 1 for Gram‐positive bacterial infections [61], and GNBP3 for fungal infections [62]. In 
addition, the Drosophila Persephone protease activates the Toll pathway when proteolytically 
matured by secreted fungal virulence factors [63] (Figure 1).
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Toll signaling is activated when cleaved Spätzle binds the Toll receptor. This binding triggers 
dimerization of the intracytoplasmic TIR domains, inducing binding of the adaptor protein 
MyD88 through its own TIR domain. MyD88 binds the adaptor protein Tube, which in turn 
recruits the protein kinase Pelle. These interactions take place via contact of death domains in 
each protein. Recruitment of Pelle induces its autophosphorylation, triggering phosphoryla‐
tion and degradation of cactus (an IκB inhibitor) and translocation to the nucleus of the NF‐κB 
transcription factors Dorsal and Dif depending on the context [51, 52, 64, 65] (Figure 2).

2.2.2. The Imd pathway

The D. melanogaster Imd (immunodeficiency) pathway was discovered when adult flies car‐
rying this mutation alone had impaired production of most AMPs after infection with E. coli 
and Micrococcus luteus. In these flies, however, the antifungal Drosomycin remained induc‐
ible [66]. It was later shown that Drosomycin induction, after fungal infection, was regu‐
lated by the Toll pathway, while the response to most Gram‐negative bacteria was blocked 
by the Imd mutation [67]. The Imd pathway is activated when the receptors peptidoglycan 

Figure 1. Protease cascades important for Toll activation. The Toll ligand Spätzle is formed when proSpätzle is cleaved 
by serine protease cascades. The fungi cell wall component β‐1,3‐glucan is recognized by the circulating pathogen 
recognition receptor Gram‐negative binding protein 3 (GNBP3); while the receptors peptidoglycan recognition proteins 
PGRP‐SA and PGRP‐SD, together with GNBP1, recognize peptidoglycan of Gram‐positive bacteria. These interactions 
initiate protease cascades that converge at the level of the serine protease ModSP, which then activates the protease Grass, 
which in turn activates the Spätzle processing enzyme (SPE). Some microbial proteases (virulence factors) released from 
pathogenic fungi or bacteria can also be detected by the protease Persephone. Cleavage of Persephone leads to activation 
of SPE and formation of active Spätzle. Horizontal blue arrows represent proteolytic conversion of the proenzymes 
(circles) into their active forms (stars). Vertical black arrows represent the site of action for the active proteases.
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recognition protein (PGRP)‐LC and PGRP‐LE bind meso‐diaminopimelic acid (DAP)‐type 
peptidoglycan [68, 69], which comprises the cell wall of most Gram‐negative bacteria. These 
receptors initiate signaling to the NF‐κB transcription factor Relish [70], via the Fas‐associ‐
ated protein with death domain (FADD)—death‐related ced‐3/Nedd2‐like protein (DREDD), 
and the transforming growth factor beta (TGF‐β)‐activated kinase 1 (TAK1)—inhibitor 
of κB kinase (IKK) pathways [53, 68, 71] (Figure 3). Once bound to peptidoglycan, these 
receptors likely dimerize and connect to the adaptor protein Imd [72]. Imd recruits dFADD 
(Drosophila FADD) [73] and the DREDD caspase [74]. DREDD cleaves Imd, which is then 
further activated by K63‐ubiquitination via the ubiquitination machinery component inhibi‐
tor of apoptosis 2 (IAP2) [75]. The K63‐polyubiquitin chains are thought, recruit, and activate 
TAK1 via the ubiquitin‐binding domain of its regulatory partner TAK1‐associated binding 
protein 2 (TAB2). TAK1 is then responsible for activating the IKK complex to allow free 
Relish to translocate into the nucleus. DREDD is also required for mediating the cleavage of 
the precursor Relish [76] (Figure 3).

Figure 2. The Toll signaling pathway. Activation of the transmembrane receptor Toll requires a proteolytically cleaved 
form of Spätzle. Upon Spätzle recognition by a dimer of Toll molecules, a signaling complex is assembled. Toll binds 
Myd88 through TIR domains (circles), and in turn Myd88 binds Tube and Pelle through their death domains (triangles). 
The kinase Pelle gets activated by autophosphorylation and then phosphorylates cactus (an IκB inhibitor), marking it for 
degradation. The NF‐κB transcription factors Dorsal or Dif get free and translocate to the nucleus, where they activate 
transcription of antimicrobial peptides (AMP). P represents a phosphate group.
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2.2.3. The JAK‐STAT pathway

As mentioned above, the Toll and Imd pathways were first described in Drosophila and then 
similar pathways were found in mammals, due to the fact that the central components of 
these pathways are conserved in evolution. In contrast, the Janus kinase‐signal transducer and 
activator of transcription (JAK‐STAT) signaling pathway was first recognized as important 
in regulating multiple processes of human immunity [77], including control of inflammation 
and activation of leukocytes, such as neutrophils and macrophages. Now, research is looking 
back to the fruit fly as a useful model system for elucidating the in vivo roles of the JAK‐STAT 
pathway and its regulators, which are challenging to demonstrate in mammalian systems [55].

The canonical signaling model for the JAK‐STAT pathway indicates that after binding of a cyto‐
kine to its receptor, the receptor dimerizes and JAKs that are constitutively associated with the 
cytoplasmic tail of the receptor get activated. Activated JAKs phosphorylate each other and spe‐
cific tyrosine residues on the cytoplasmic part of the receptor. These phosphorylated tyrosines 
become docking sites for the Src homology 2 (SH2) domains of STAT molecules. The STATs are 
then tyrosine phosphorylated by JAKs, which allows them to form dimers and translocate into 

Figure 3. The Imd signaling pathway. In the case of Gram‐negative bacteria and some Gram‐positive species, polymeric 
DAP‐type peptidoglycan (poly PGN) is recognized by a dimer of PGRP‐LC to activate Imd signaling. Imd binds to 
FADD (Fas‐associated protein with death domain), and then the caspase DREDD (FADD‐death‐related ced‐3/Nedd2‐
like protein) is recruited. DREDD cleaves Imd, which is then activated by K63‐ubiquitination. The K63‐polyubiquitin 
chains (yellow circles) help connect to TAB2 (TAK1‐associated binding protein 2) and to recruit and activate TAK1 
(transforming growth factor beta (TGF‐β)‐activated kinase 1). TAK1 is then responsible for activating the IKK complex, 
which phosphorylates the NF‐kB‐like nuclear factor Relish. DREDD is also required for mediating the cleavage of the 
precursor Relish. Upon cleavage and phosphorylation, free Relish can translocate into the nucleus, where it activates 
transcription of specific antimicrobial peptides (AMP). Monomeric peptidoglycan can be recognized intracellularly by 
the receptor PGRP‐LE, and also activate the Imd pathway.
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back to the fruit fly as a useful model system for elucidating the in vivo roles of the JAK‐STAT 
pathway and its regulators, which are challenging to demonstrate in mammalian systems [55].

The canonical signaling model for the JAK‐STAT pathway indicates that after binding of a cyto‐
kine to its receptor, the receptor dimerizes and JAKs that are constitutively associated with the 
cytoplasmic tail of the receptor get activated. Activated JAKs phosphorylate each other and spe‐
cific tyrosine residues on the cytoplasmic part of the receptor. These phosphorylated tyrosines 
become docking sites for the Src homology 2 (SH2) domains of STAT molecules. The STATs are 
then tyrosine phosphorylated by JAKs, which allows them to form dimers and translocate into 

Figure 3. The Imd signaling pathway. In the case of Gram‐negative bacteria and some Gram‐positive species, polymeric 
DAP‐type peptidoglycan (poly PGN) is recognized by a dimer of PGRP‐LC to activate Imd signaling. Imd binds to 
FADD (Fas‐associated protein with death domain), and then the caspase DREDD (FADD‐death‐related ced‐3/Nedd2‐
like protein) is recruited. DREDD cleaves Imd, which is then activated by K63‐ubiquitination. The K63‐polyubiquitin 
chains (yellow circles) help connect to TAB2 (TAK1‐associated binding protein 2) and to recruit and activate TAK1 
(transforming growth factor beta (TGF‐β)‐activated kinase 1). TAK1 is then responsible for activating the IKK complex, 
which phosphorylates the NF‐kB‐like nuclear factor Relish. DREDD is also required for mediating the cleavage of the 
precursor Relish. Upon cleavage and phosphorylation, free Relish can translocate into the nucleus, where it activates 
transcription of specific antimicrobial peptides (AMP). Monomeric peptidoglycan can be recognized intracellularly by 
the receptor PGRP‐LE, and also activate the Imd pathway.
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the nucleus, where they bind the promoters of their target genes [78]. In humans, this pathway 
is very complex due to the number of cytokines that can activate it, and the ability of the JAKs 
and STATs to form homo‐ and heterodimers and associate with multiple transcription factors 
and coactivators. There are four JAKs (JAK1, JAK2, JAK3, and TYK2) and seven STATs (STAT1, 
STAT2, STAT3, STAT4, STAT5A, STAT5B, and STAT6) [78]. In Drosophila, the known JAK‐STAT 
pathway ligands consist of only three cytokine‐like proteins called unpaired (upd), upd2, and 
upd3 [79]. All three upd molecule signal via a single receptor, Domeless (Dome) [80], which binds 
to a single JAK, hopscotch (hop) [81], and one STAT transcription factor, Stat92E [82] (Figure 4). 
In addition, in mammals, the JAK‐STAT pathway is regulated at the receptor level by the mem‐
brane‐spanning signal transducer protein gp130 [83], and by negative feedback loops involv‐
ing the suppressor of cytokine signaling (SOCS) proteins [84]. In Drosophila, similar regulating 
mechanisms have been found. Eye transformer (ET), a no signaling protein that resembles gp130, 
is associated with the receptor complex, interacting with both Dome and hop. Thus, ET seems 
to inhibit intracellular signaling [85, 86] (Figure 4). Also, three members of the SOCS family are 
found in Drosophila, Socs16D, Socs36E, and Socs44A. Of these, Socs36E is the principal negative 
feedback loop regulator, and it is strongly induced by JAK‐STAT signaling [87] (Figure 4).

Figure 4. The JAK‐STAT signaling pathway. Three cytokine‐like proteins called unpaired (upd), upd2, and upd3 signal 
via the receptor Domeless (Dome), which binds to a single JAK, hopscotch (hop). Upon receptor activation, hopscotch 
phosphorylates itself and specific tyrosine residues on the cytoplasmic part of the receptor. These phosphorylated tyrosines 
become docking sites for the STAT transcription factor, Stat92E. Hopscotch also phosphorylates Stat92E at tyrosine residues, 
allowing it to form dimers and then translocate into the nucleus, where it binds the promoters of their target genes. This 
pathway is also regulated by a negative feedback loop involving the suppressor of cytokine signaling (SOCS) protein Socs36E, 
which is upregulated by STAT‐JAK signaling. In addition, eye transformer (ET), a nonsignaling receptor for upd, is able to 
associate with the receptor complex, interacting with both Dome and hop. Thus, ET seems to inhibit intracellular signaling.
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As described above, the humoral immune response in Drosophila is mainly controlled by the 
Toll and Imd pathways in cells of the fat‐body and leads to the production of antimicrobial 
peptides [51, 54]. Also, the JAK‐STAT pathway leads to production by the fat‐body of other pro‐
teins, including cytokines and stress response proteins. This pathway is activated by the ligand 
upd3. Various stress conditions, such as injury, heat‐shock, or dehydration, induce hemocytes 
to secrete upd3 [88] (Figure 5). Moreover, the JAK‐STAT pathway has been shown to contribute 
to the Drosophila viral response. Established JAK‐STAT pathway target genes, such as TotM, 
upd2, and upd3, are all induced by multiple viruses [89]. Finally, the JAK‐STAT pathway also 
contributes to the antimicrobial defense in the gut by inducing the expression of a subset of 
antimicrobial peptides, such as drosomycin‐like peptide (dro3). However, this response seems 
to be mediated by recognition of cell damage rather than the pathogen [90] (Figure 5).

3. Receptors sensing infections

Innate immune responses of insects can be triggered through the interaction of hemocyte 
receptors or plasma proteins with specific molecules, such as lipids or sugars, on the surface 
of many microorganisms [91]. Pattern‐recognition proteins can be grouped into various types 
including peptidoglycan recognition protein (PGRP) [92], β‐1,3‐glucan recognition protein 
(βGRP), hemolin, and C‐type lectins.

Figure 5. Activation signals for the JAK‐STAT signaling pathway. (A) In Drosophila, hemocytes participate in recognizing 
stress conditions by secreting the cytokine‐like protein upd3, which binds to the receptor Domeless (Dome). This 
activates the JAK, hopscotch (hop) and the STAT, Stat92E for induction of immune response genes. (B) In the fly gut 
epithelium, an infected (with pathogenic bacteria, for example) cell also produces upd3 for activating the JAK‐STAT 
pathway in neighbor cells. These cells then produce antimicrobial peptides, such as drosomycin‐like peptide (dro3). Also 
some proliferation and tissue repair responses are activated to protect the epithelium from infection.

Insect Physiology and Ecology188



As described above, the humoral immune response in Drosophila is mainly controlled by the 
Toll and Imd pathways in cells of the fat‐body and leads to the production of antimicrobial 
peptides [51, 54]. Also, the JAK‐STAT pathway leads to production by the fat‐body of other pro‐
teins, including cytokines and stress response proteins. This pathway is activated by the ligand 
upd3. Various stress conditions, such as injury, heat‐shock, or dehydration, induce hemocytes 
to secrete upd3 [88] (Figure 5). Moreover, the JAK‐STAT pathway has been shown to contribute 
to the Drosophila viral response. Established JAK‐STAT pathway target genes, such as TotM, 
upd2, and upd3, are all induced by multiple viruses [89]. Finally, the JAK‐STAT pathway also 
contributes to the antimicrobial defense in the gut by inducing the expression of a subset of 
antimicrobial peptides, such as drosomycin‐like peptide (dro3). However, this response seems 
to be mediated by recognition of cell damage rather than the pathogen [90] (Figure 5).

3. Receptors sensing infections

Innate immune responses of insects can be triggered through the interaction of hemocyte 
receptors or plasma proteins with specific molecules, such as lipids or sugars, on the surface 
of many microorganisms [91]. Pattern‐recognition proteins can be grouped into various types 
including peptidoglycan recognition protein (PGRP) [92], β‐1,3‐glucan recognition protein 
(βGRP), hemolin, and C‐type lectins.

Figure 5. Activation signals for the JAK‐STAT signaling pathway. (A) In Drosophila, hemocytes participate in recognizing 
stress conditions by secreting the cytokine‐like protein upd3, which binds to the receptor Domeless (Dome). This 
activates the JAK, hopscotch (hop) and the STAT, Stat92E for induction of immune response genes. (B) In the fly gut 
epithelium, an infected (with pathogenic bacteria, for example) cell also produces upd3 for activating the JAK‐STAT 
pathway in neighbor cells. These cells then produce antimicrobial peptides, such as drosomycin‐like peptide (dro3). Also 
some proliferation and tissue repair responses are activated to protect the epithelium from infection.

Insect Physiology and Ecology188

3.1. Peptidoglycan recognition proteins (PGRPs)

Peptidoglycan recognition proteins (PGRPs) are innate immunity proteins, conserved from 
insects to mammals, which recognize bacterial peptidoglycan, and function in antibacterial 
immunity and inflammation. Mammals have four PGRPs [93, 94]. They are secreted pro‐
teins expressed in polymorphonuclear leukocytes (PGRP1), in liver (PGRP2), or in secre‐
tions (PGRP3 and PGRP4). All PGRPs recognize bacterial peptidoglycan and three of them 
(PGRP1, PGRP3, and PGRP4) are directly bactericidal for both Gram‐positive and Gram‐
negative bacteria [94]. Insects have up to 19 PGRPs, classified into short (S) and long (L) 
forms. The short forms are present in the hemolymph, cuticle, and fat‐body cells, whereas 
the long forms are mainly expressed in hemocytes [95, 96]. The expression of insect PGRPs 
is often upregulated by exposure to bacteria. These receptors activate the Toll or the Imd 
signal transduction pathways (described above) or induce proteolytic cascades that generate 
antimicrobial products [94, 97].

Known functions of PGRPs in Drosophila are as follows: the PGRP‐SA in hemolymph 
binds to Lys‐type peptidoglycan and together with PGRP‐SD and Gram‐negative binding 
protein (GNBP) 1 leads to activation of the Toll pathway (Figure 1). GNBP3 also leads 
to activation of the Toll pathway in response to yeast. These pattern‐recognition pro‐
teins initiate the serine protease cascades that lead to activation of the Spätzle‐processing 
enzyme (SPE), which in turn cleaves proSpätzle to generate free Spätzle, the ligand for 
Toll (Figure 1). Similarly, the Imd pathway is activated when the PGRP‐LCx homodi‐
mer complex binds DAP‐type polymeric peptidoglycan, or the heterodimer PGRP‐LCx/
PGRP‐LCa binds DAP‐type monomeric peptidoglycan. PGRP‐LE can bind both poly‐
meric and monomeric DAP‐type peptidoglycan. Extracellular PGRP‐LE activates the Imd 
pathway through PGRP‐LC transmembrane receptors and is also involved in activation of 
the prophenoloxidase (proPO) cascade upstream of the proPO‐activating enzyme (PPAE) 
(Figure 6). Intracellular PGRP‐LE can also activate the Imd pathway by recognizing intra‐
cellular bacteria with DAP‐type peptidoglycan and binding to the Imd adaptor protein. 
In addition, intracellular PGRP‐LE can activate autophagy in an Imd pathway‐indepen‐
dent manner (Figure 6). PGRP‐LF functions as an inhibitor of the Imd pathway, because it 
can bind to PGRP‐LCx but not to peptidoglycan. In this manner, it prevents the formation 
of a PGRP‐LC active dimer. PGRP‐LB and ‐SC1a/1b/2 cleave DAP‐type peptidoglycan 
to inactive fragments, thus preventing activation of the Imd pathway. In addition to its 
scavenger function, PGRP‐SC1a is involved in the phagocytosis of bacteria as an opsonin. 
PGRP‐SB1 is directly bactericidal due to its DAP‐type peptidoglycan‐specific amidase 
activity [98] (Figure 6).

3.2. Beta‐1,3‐glucan recognition proteins (βGRPs)

Insect β‐1,3‐glucan recognition proteins (βGRPs) and Gram‐negative bacteria binding proteins 
(GNBPs) are a family of plasma proteins with an amino‐terminal glucan‐binding domain and a 
carboxyl‐terminal region similar to β‐1,3‐glucanases [99]. All β βGRPs bind to β‐1,3‐glucans on 
bacteria and can activate the proPO cascade. Manduca sexta βGRP1 is constitutively expressed 
in fat‐body, whereas βGRP2 gene expression is increased during the early wandering stage 
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prior to pupation or after and immune challenge [5, 100]. Binding of these βGRPs to hemo‐
lymph proteinase‐14 precursor (proHP14) induces autoactivation of HP14 to initiate a protein‐
ase cascade leading to proPO activation [101]. A βGRP with glucanase activity was isolated 
from midgut extract of Helicoverpa armigera larvae. This enzyme hydrolyzes β‐1,3‐glucan but 
not β‐1,4‐glucan, and it probably functions more as a digestive enzyme than an immune activa‐
tor [102].

3.3. Hemolin

Hemolin is a plasma protein with four immunoglobulin (Ig) domains commonly found in adhe‐
sion molecules of vertebrates [103]. Hemolin is a common protein in several Lepidopteran  species, 
including B. mori [32], Antheraea mylitta [104], Plutella xylostella [105], and Samia cynthia [106], but 
it has not been identified in insects from other orders. Hemolin binds to bacterial LPS and lipotei‐
choic acid [23]. Hemolin also associates with hemocytes, thus serving as a bridge between micro‐
organisms and hemocytes, and inducing phagocytosis or nodulation [107].

Figure 6. Known functions of PGRPs in Drosophila. Peptidoglycan recognition proteins (PGRPs) are innate immunity 
proteins, conserved from insects to mammals, which recognize bacterial peptidoglycan. The Imd pathway is 
activated when the PGRP‐LCx homodimer complex binds polymeric peptidoglycan (poly PGN), or the heterodimer 
PGRP‐LCx/PGRP‐LCa binds monomeric peptidoglycan (mono PGN). PGRP‐LE can bind both polymeric and monomeric 
peptidoglycan. Extracellular PGRP‐LE activates the Imd pathway through PGRP‐LC transmembrane receptors and is 
also involved in activation of the prophenoloxidase (proPO) cascade upstream of the proPO‐activating enzyme (PPAE). 
Intracellular PGRP‐LE can also activate the Imd pathway by recognizing intracellular monomeric peptidoglycan and 
inducing Imd signaling or autophagy independently of Imd. PGRP‐LF functions as an inhibitor of the Imd pathway. 
PGRP‐LB and ‐SC1a/1b/2 cleave DAP‐type peptidoglycan to inactive fragments, thus preventing activation of the Imd 
pathway. In addition, PGRP‐SC1a acts as an opsonin for phagocytosis of bacteria. PGRP‐SB1 is directly bactericidal due 
to its DAP‐type peptidoglycan‐specific amidase activity.
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3.4. C‐type lectins (CTLs)

C‐type lectins (CTLs) from animals are a large group of carbohydrate‐recognition molecules 
that bind ligands in a calcium‐dependent manner. Several C‐type lectins have been found 
in Lepidoptera including LPS‐binding protein (LBP or CTL20), immulectins ‐1, ‐2, ‐3, and 
‐4, [108, 109], CTL10 [110], CTL11, CTL19, and CTL21 [32]. All these lectins have two carbo‐
hydrate‐recognition domains, and their genes suggest that these types of lectins are rather 
unique to Lepidoptera, since they have not been found in other insect species [5].

Most Lepidopteran CTLs bind to bacterial LPS and some also to lipoteichoic acid [108, 109, 
111], inducing agglutination of bacteria and yeast [109, 110], probably because each of the 
two carbohydrate‐binding domains bind to sugar residues on the surface of adjacent micro‐
bial cells [5]. This microbial aggregation may help hemocytes eliminate pathogens via phago‐
cytosis and nodule formation.

4. The cellular response

Cellular immune responses are immediately after an invasion of the hemocele, while humoral 
responses appear several hours after an infection. Hemocytes are responsible for a variety of 
defense responses in insects. Many variations in hemocyte immune responses exist due to the 
presence of millions of insect species, and we are just beginning to understand these varia‐
tions [7, 112]. However, a number of frequent cellular immune responses have been described 
in most insects studied. These responses include nodulation, encapsulation, melanization, 
and phagocytosis.

4.1. Hemocytes

There are various types of hemocytes described in insects, including granular cells, crys‐
tal cells, oenocytoids, and plasmatocytes [8]. These hemocytes are capable of adhesion and 
phagocytosis [2]. Other types of hemocytes like oenocytoids can produce proPO. This classifi‐
cation of hemocytes, based on morphology, does not always correlate well with cell function. 
Thus, other attempts have been made to classify hemocyte types. By flow cytometry, three 
major types of hemocytes can be separated: large granular cells, small semigranular cells, 
and small hyaline cells [113]. Also, there are some monoclonal antibodies that can distinguish 
hemocytes based on antigenicity rather than morphology [114, 115]. A number of those mono‐
clonal antibodies could also inhibit some cellular responses [116, 117]. In D. melanogaster, 
three types of hemocytes have been described in greater detail: crystal cells, plasmatocytes, 
and lamellocytes [118].

Crystal cells are relatively large cells with crystalline inclusions, thus their name. They 
produce the zymogen proPO, which is activated during melanization. Melanin deposits 
are important for wound healing or encapsulation of parasites [119, 120]. Plasmatocytes 
comprise approximately 95% of the hemocyte pool. They are rather small cells (around 10 
μm in diameter), but extend large lamellipodial protrusions and form dynamic filopodia 
[121, 122]. Plasmatocytes are long‐lived cells that seem to persist through the entire life 
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of a fly [122]. Mature plasmatocytes express Croquemort (Crq), a CD36 scavenger recep‐
tor ortholog, Peroxidasin, an extracellular matrix enzyme, and phagocytic receptors [123]. 
Lamellocytes are flat cells that appear during larval stages and only detectable when the 
larvae is infected by parasitic organisms. These hemocytes are mainly responsible for encap‐
sulating the parasitoid wasp egg [119]. Lamellocytes seem to differentiate from a precursor 
pool of plasmatocytes [124], during a wasp egg infestation and also during sterile injury 
[125, 126] (Figure 7).

Independently of the type of hemocyte involved, insect immune responses initiate with adhe‐
sion of granular hemocytes and plasmatocytes to foreign surfaces or to other cells [127, 128]. 
Adhesion of hemocytes leads to phagocytosis and also to nodule formation and encapsula‐
tion. These cellular innate functions are described next.

4.2. Phagocytosis

Phagocytosis is the process by which cells recognize, bind, and ingest relatively large par‐
ticles [19]. In insects, phagocytosis is performed by a subset of hemocytes in the hemolymph 
[7]. Professional phagocytes in Diptera and Lepidoptera have been described as plasmato‐
cytes and granular hemocytes, respectively [129]. In agreement with this, plasmatocytes or 
granulocytes are the main phagocytic cells in most insects [7, 113, 130, 131]. Recognition of 
target particles for phagocytosis can be direct by specific cell‐surface receptors, or indirect 

Figure 7. Types and functions of hemocytes in Drosophila. Crystal cells are relatively large cells with crystalline 
inclusions. They produce the zymogen prophenoloxidase, which is activated during melanization. Plasmatocytes are 
granular cells that comprise approximately 90% of all hemocytes. They express phagocytic receptors and eliminate 
most of the invading bacteria by phagocytosis or nodulation. Lamellocytes are flat cells that appear during larval stages 
and only detectable when the larvae are infected by parasitic organisms. These hemocytes are mainly responsible for 
encapsulating the parasitoid wasp egg. Images are not drawn to scale.
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by opsonins that cover the particle so that it can be detected by phagocytic receptors. During 
development, phagocytic hemocytes eliminate many dying cells, which are detected by the 
scavenger receptors Croquemort [132], and Draper [133]. In the embryo, hemocytes phago‐
cyte live bacteria but the receptors involved have not been yet identified [134]. In the larva 
and adult insects, recognition of microorganisms is mediated by the Nimrod family receptors 
Eater [135] and NimC1 [136], which bind to both Gram‐positive and Gram‐negative bacteria. 
Cytokines capable of activating hemocyte functions have also been reported in Lepidoptera 
insects. A hemocyte chemotactic peptide from Pseudaletia separata induces migration and 
aggregation of hemocytes [137]. This peptide belongs to a group of Lepidopteran cytokines 
called ENF peptides, which have various biological activities, including plasmatocyte adhe‐
sion and spreading, and release of proPO activation [138].

4.3. Nodulation

When the initial phagocytic immune response is not sufficient, hemocytes activate other 
mechanisms to control infections. To deal with large bacterial loads, hemocytes form nod‐
ules to control the infections. Nodulation involves the formation of multicellular hemocyte 
aggregates that entrap large numbers of bacteria. First, hemocytes surround bacteria and 
then join other hemocytes to form small aggregates. These cell aggregates continue grow‐
ing by adding more hemocytes until large nodules are formed. At the end, the nodule is 
covered with layers of flattened hemocytes and it is melanized. Melanin‐covered nodules 
efficiently isolate bacteria from the hemolymph. Although the process of nodule formation 
is not completely characterized, certain molecules such as eicosanoids, proPO, and dopa 
decarboxylase (Ddc) are important for nodule formation in many insect species [139–142]. In 
addition, screenings for novel immune genes from an Indian saturniid silkmoth (A. mylitta) 
larvae, and from B. mori larvae, identified two proteins, Noduler [143] and Reeler1 [144], 
respectively, as essential molecules in mediating nodulation against E. coli K12 and B. subtilis 
bacteria challenge.

4.4. Encapsulation

For larger pathogens such as parasites, protozoa, and nematodes, hemocytes respond by 
forming a capsule around the foreign organism. Lamellocytes are the effector cells of encapsu‐
lation. Lamellocytes bind to the target in multiple cell layers until they form a capsule around 
the invader. The capsule is normally melanized at the end by degranulation of crystal cells 
[145]. Inside the capsule the invading organism is killed by reactive cytotoxic products or by 
asphyxia [146]. Insect hemocytes aggregate in multiple layers during encapsulation and bind 
to microorganisms during phagocytosis. These functions can be mediated by integrins [147] 
and indeed various integrins have been found in insect hemocytes [129]. Integrins are also 
relevant for encapsulation. Various α and β integrins are required for microbial recognition 
by M. sexta hemocytes [148], and in Drosophila, the β2‐integrin myospheroid is required for 
attachment to the wasp egg [149].

Interestingly, recent reports have shown that insect hemocytes can release chromatin in a con‐
trolled manner to form extracellular traps [150], similar to the NETs formed by mammalian 
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neutrophils [151, 152]. Hemocytes release their nucleic acids in a process known as ETosis. 
The chromatin fibers participate in histone‐mediated killing of microorganisms [150], and also 
in the process of encapsulation by creating a scaffold on which hemocytes can assemble [153].

4.5. Melanization

Melanization is the process of melanin formation. It is activated during wound healing and 
also in nodule and capsule formation against large pathogens or parasites in several insects [8, 
154]. The enzyme phenoloxidase (PO) is a key in this process. Activation of proPO to PO [155] 
is mediated by a Serine proteinase cascade [156] and requires pattern‐recognition proteins such 
as PGRP or βGRP. Then active PO binds to foreign surfaces including hemocyte membranes 
[157], where it initiates melanin formation. PO acts on tyrosine and converts it to dopa [22]. 
Dopa can then be decarboxylated by Ddc to dopamine or further oxidized by PO to dopaqui‐
none. Both products are then further metabolized to eumelanin and finally melanin [22].

5. Antivirus insect response

Insects, like any other organism, are also infected by viruses. Some viruses are restricted to 
insect cells and are pathogenic to them; other viruses are transmitted to mammals by biting 
insects. Understanding the insect innate immune response against viruses thus has tremen‐
dous medical and economic importance.

The major mechanism of antiviral defense is the RNA interference (RNAi) pathway that rec‐
ognizes virus‐derived double‐stranded RNA (dsRNA) to produce small, interfering RNAs 
(siRNAs). These siRNAs, in turn, target viral RNA for degradation and hence suppress virus 
replication. In addition, other innate antimicrobial pathways such as Imd, Toll, and JAK‐STAT 
pathways have also been shown to play important roles in insect antiviral responses. In par‐
ticular, the JAK‐STAT pathway seems to function similarly to the mammalian interferon sys‐
tem. A virus‐infected cell sends a signal that activates this pathway in uninfected bystander 
cells leading to antiviral activity. Finally, the autophagy pathway has also been suggested to 
be important in some viral infections.

5.1. The RNA interference (RNAi) pathway

When challenged with viruses, the most robust insect response is through the RNA interfer‐
ence (RNAi) pathway (Figure 8). Double‐stranded viral RNA is detected by Dicer‐2 (a mem‐
ber of the RNase III family of endoribonucleases) together with the protein R2D2 [158, 159]. 
Then, Dicer‐2 cleaves the dsRNA into small (21‐nucleotide) duplex DNA fragments [160, 161]. 
Unwinding of the duplex takes place and a guide strand is selected on the basis of comple‐
mentarity. The siRNA guide strand is then loaded into the RNA‐induced silencing complex 
(RISC), which includes the RNase Argonaute [162]. A target viral RNA pairs with the guide 
strand, and it is degraded by Argonaut (Figure 8).

The importance of the RNAi pathway for controlling virus infections is highlighted by the 
fact that several viruses have been found to produce RNAi suppressor proteins (1A proteins 
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mentarity. The siRNA guide strand is then loaded into the RNA‐induced silencing complex 
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strand, and it is degraded by Argonaut (Figure 8).
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in Nodaviridae, or B2 proteins in Dicistroviridae) that block the action of the RISC during 
infection [163, 164]. The B2 protein from the flock house virus (FHV) is a dimer that binds to 
dsRNA and prevents the cleavage of dsRNA by Dicer‐2 [165]. The A1 protein from Drosophila 
C virus (DCV) functions similarly to FHV B2, by binding to dsRNA and preventing cleavage 
[164]. In contrast, the 1A protein of cricket paralysis virus (CrPV) interacts with Argonaute 
and inhibits its RNAse activity [164] (Figure 8). When viruses do not have these proteins they 
replicate poorly and the insect is able to clear the infection completely. The RNAi pathway 
is clearly very important also for protecting mammalian cells against viruses. Recently, the 
NS4B protein of dengue virus 2 (DENV‐2), flavivirus was found to inhibit the siRNA path‐
ways both in mammalian and insect (Sf21) cells [166].

5.2. The JAK‐STAT pathway

In addition to the RNAi pathway, the Toll [167, 168] and Imd signaling [169, 170] pathways 
have been also reported to be involved in antivirus responses. In addition to AMPs, these 
pathways induce particular sets of genes that are distinct from the genes induced by bacteria 
or fungi, depending on the virus involved [171]. The actual mechanism for virus recognition 
and the particular response induced through these pathways is just beginning to be eluci‐

Figure 8. RNA interference (RNAi) pathway. Double‐stranded viral RNA is detected by Dicer‐2 together with the 
protein R2D2. Then, Dicer‐2 cleaves the dsRNA into small duplex DNA fragments. These siRNA fragments are loaded 
into the preRNA‐induced silencing complex (preRISC), which includes the RNase Argonaute (Arg). A target viral RNA 
pairs with the guide strand and Argonaut degrades it. RNAi suppressor proteins from some viruses can block the RNAi 
pathway. The B2 protein from the flock house virus (FHV) prevents the cleavage of dsRNA by Dicer‐2; the 1A protein of 
cricket paralysis virus (CrPV) interacts with Argonaute and inhibits its RNAse activity.
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dated. In contrast, the JAK‐STAT pathway response to viruses seems to be more relevant for 
preventing the spread of infection [172]. Recent reports also suggest that the JAK‐STAT path‐
way may function similarly to the mammalian interferon system [173]. Infected cells produce 
factors that activate this pathway in uninfected bystander cells inducing an antiviral state in 
those cells [172, 173].

As mentioned earlier, the JAK‐STAT pathway was initially characterized for its role in develop‐
ment and hemocyte proliferation [77]. The JAK‐STAT pathway also gets activated in respond to 
bacterial infections leading to production of AMPs and other effector molecules [55, 174]. This 
pathway is activated in a paracrine fashion through the binding of secreted ligands. In the case 
of virus infections, a novel ligand for the JAK‐STAT pathway has recently been identified. In fruit 
flies, DCV and Sindbis virus (SINV) infections result in increased expression of mRNA for Vago, 
an 18 kDa cysteine‐rich protein with a single von Willebrand factor type C motif [175]. Vago was 
then shown to be secreted by West Nile virus (WNV)‐infected Culex quinquefasciatus (southern 
house mosquito) cells [173]. In addition, Vago mRNA expression was dependent on Dicer‐2 but 
no other RNAi pathway components [173]. Secreted Vago then goes and activates the JAK‐STAT 
pathway in other cells, but interestingly it does not bind the Dome receptor. A different unknown 
receptor must be responsible for activation of this signaling pathway (Figure 9). This creates a 
new level of complexity to our understanding of the JAK‐STAT pathway in insects [176]. The 
mechanism by which the JAK‐STAT pathway creates an antiviral state in the cells is also not 
known. Future research will help understanding this complex immune response in insects.

5.3. The autophagy pathway

Autophagy has also been proposed as another antiviral mechanism in insects that is independent 
of the Toll, Imd, or JAK‐STAT pathways [177, 178]. Autophagy is the process by which double‐
membrane vesicles named autophagosomes are formed inside cells. These vesicles are formed 
with newly synthesized membranes that incorporate large cytoplasmic components including 
damaged organelles or protein aggregates. Then, the autophagosome fuses with lysosomes 
and degrades its content. Autophagy is induced by several stress signals including nutrient 

Figure 9. RNA interference (RNAi) pathway and JAK‐STAT pathway in viral infections. In a virus‐infected cell, an 
increased expression of mRNA for Vago is observed. The Vago mRNA expression is dependent on Dicer‐2. Secreted Vago 
then goes and activates the JAK‐STAT pathway in other cells, but interestingly it does not bind the Dome receptor. 
A different unknown receptor (?) must be responsible for activation of this signaling pathway to induce expression of 
viral response genes, including TotM, upd2, and upd3.
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starvation, infection, and cellular repair mechanisms. In this manner, the degradative process 
of autophagy helps recycle nutrients and maintains cellular homeostasis [179]. The signaling 
pathway to autophagy involves the phosphoinositide 3‐kinase (PI3K)‐Akt pathway, which aug‐
ments the level of TOR, a negative regulator of autophagy [180] (Figure 10). During growing 
conditions, TOR is active and phosphorylates Autophagy‐related (Atg) 13 protein at multiple 
sites. This prevents Atg13 to bind with Atg1, a central regulator for autophagy [180], leading to 
decreased Atg1 kinase activity and blocking autophagy (Figure 10). During starvation condi‐
tions, TOR activity is reduced and Atg13 is rapidly dephosphorylated and forms a complex with 
Atg1, thus activating it. Atg1 in turn binds to other Atg proteins for assembly of the preautopha‐
gosomal structure (PAS) leading to autophagy (Figure 10). Different Atg proteins accumulate 
at the PAS under normal growing conditions to generate cytoplasm to vacuole targeting (Cvt) 
vesicles, or under starvation conditions to generate autophagosomes [181].

In an infection of Drosophila with vesicular stomatitis virus (VSV), the PI3K‐Akt‐TOR signal‐
ing pathway is inhibited. This activates autophagy and in turn decreases viral replication 
[178]. The viral surface glycoprotein, VSV‐G, was proposed to be the pathogen‐associated 
molecular pattern (PAMP) that initiated this cell response [178]. More recently, it was found 
that, the Drosophila TLR ortholog, Toll‐7, was responsible for sensing VSV on the cell sur‐
face (Figure 10). Toll‐7 signaling was activated upon VSV infection and knockdown of Toll‐7 
resulted in a higher viral protein level in vitro and greater pathogenesis in vivo [177].

Figure 10. Autophagy response in viral infections. The signaling pathway to autophagy involves the phosphoinositide 
3‐kinase (PI3K)‐Akt pathway, leading to activation of TOR. This kinase phosphorylates autophagy‐related (Atg) 13 
protein at multiple sites. This prevents Atg13 binding to Atg1 and other Atg proteins like Atg17, for assembly of the 
preautophagosomal structure (PAS), which leads to autophagy. Different Atg proteins accumulate with Atg1 under 
normal growing conditions to generate cytoplasm to vacuole targeting (Cvt) vesicles. During an infection with vesicular 
stomatitis virus (VSV), the receptor Toll‐7 detects the virus, and the PI3K‐Akt‐TOR signaling pathway is inhibited. This 
activates autophagy and in turn decreases viral replication.
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6. Conclusion

Insects clearly possess powerful defense mechanisms for fighting infections. Cellular 
responses involve phagocytosis of bacteria, and encapsulation of parasites, while humoral 
responses involve secretion of antimicrobial peptides into the hemolymph. Recognition of 
foreign pathogens involves specific receptors such as peptidoglycan recognition proteins 
(PGRPs), β‐glucan recognition proteins (βGRPs), and Toll‐related proteins. These receptors 
activate signaling pathways such as the Toll, the Imd, and the JAK‐STAT pathways. The par‐
ticular pathway activated by each pathogen and the final outcome in each case are still not 
completely known. This is particularly true for viral infections. Thus, future research in the 
area of insect immunity promises to be full of surprises.

Another fascinating aspect of insect defense mechanisms against infections is the current 
view that insects depend only on its innate immune response to fight invading microorgan‐
isms. By definition, innate immunity lacks adaptive characteristics. However, there are some 
reports showing that in Drosophila, an initial sublethal exposure to Streptococcus pneumoniae 
can protect flies from a second lethal exposure to the same bacteria [182]. Although not all 
microbial challenges generate this specific primed response, the fungus Beauveria bassiana, 
a natural fly pathogen, can also induce specific protection against a second exposure to the 
fungus [182]. These results indicate that insect immune responses can indeed adapt and sug‐
gest that insect hemocytes may also present an activation response similar to the one known 
in mammalian leukocytes.

Finally, most of what we know about insect innate immunity comes from studies of 
Drosophila, where genetics analysis has been instrumental in elucidating the antimicrobial 
peptide response, as well as to open the door for the study of Toll‐like receptors, which 
are essential for the innate immune response of mammals. Similarly, future genetic screens 
will help identifying novel host antiviral genes and also the receptor molecules that sense 
viral infection. Yet, it is important to keep in mind that insect‐pathogen interactions have 
coevolved. Thus, it is important to confirm findings from Drosophila studies in other insect 
species [8, 128, 176].
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“The supreme irony is that billions are spent every year to save crops that contain no more than 14% 
of plant protein by killing another food source (insects) that may contain up to 75% of high quality 
animal protein”. [1]

Abstract

Insects are a sustainable and efficient protein and lipid source, compared with conven-
tional livestock. Moreover, insect proteins and lipids are highly nutritional. Therefore, 
insect proteins and lipids can find its place as food ingredients. The use of insect proteins 
and lipids as food ingredients requires a deep understanding on the chemical and physi-
cal characteristics of these ingredients, as well as its functionality. Information on the 
chemical and physical characteristics of insect proteins and oils will help to assess the 
possibilities of its use on different food applications. In this chapter, we briefly review 
the nutritional aspects of insect proteins and lipids, insect processing, protein and lipid 
extraction as well as the perspectives of food applications of insect protein and lipids. 
Future studies should delve into extraction methods and into intrinsic properties of 
insect ingredients. This knowledge will be useful to introduce insect ingredients into 
various food preparations. Also valuable will be the study of other insect species with 
perspectives for its commercial rearing.

Keywords: fractionation, insect proteins, insect fats and oils, food ingredient, food 

applications

1. Introduction

Sustainability is becoming increasingly important in the world. Alternative sources of pro-
teins and oils have to be found to replace traditional less sustainable ingredients. One of 
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the possible alternatives to replace traditional proteins and oils in food products is insects. 
About 1900 insect species are traditionally consumed as a whole or low processed by 
approximately two billion people worldwide [2]. In some cases, insects have been con-
sumed as emergency food, in other circumstances as staple food, and in other cultures, 
they are even considered delicacies [3]. Insects are in general a healthy food source with 
a high content of protein, fat, vitamins, minerals and fibres. Furthermore, there is a wide 
range of edible insects which contributes to a high variation in terms of protein and fat 
profiles. Using insects as a source of protein and lipids can contribute to global food secu-
rity through feed or as a direct food. Edible insects have been traditionally harvested from 
natural forests or in the fields, providing food in rural areas for self-consumption or local 
markets.

Despite the proven nutritional aspects of insects, in the western world, the acceptability of 
insects as food is low due to its association as pests and disease transmitters [4], which is often 
described as “dirty image.” In other countries with entomophagy tradition, the consumption 
of insects has decreased due to the growing urban society. FAO has pointed out the need to 
examine modern food science practices to increase insect trade, consumption and acceptance. 
Food scientists and food technologists have been innovating and have been looking for alterna-
tive solutions for postharvest handling, to improve processing and increase shelf life of insect 
products to increase availability and consumer acceptance. One of the proposed solutions to 
increase consumer acceptance is isolation of insect proteins and fats to be used as food ingredi-
ent. This requires a deep understanding on the chemical and physical characteristics of insect 
proteins and lipids, its functionality as well as an assessment on the consumer’s perception and 
motivations to accept this novel source. In this chapter we describe some nutritional aspects of 
insect proteins and lipids, insect processing, protein and lipid extraction as well as the perspec-
tives of food applications of insect-derived ingredients. Since the use of insect-derived ingredi-
ents is still in its infancy, there are more questions than answers. In this chapter, we also point 
out the need of information on the chemical and physical characteristics of insect proteins and 
oils that will help to assess the possibilities of its use for different food applications.

2. Insect proteins

Food scientists need to tackle in the next future the challenge of food security: how to ensure 
enough protein production to the 2–3 billions of additional people that will populate the planet 
in the coming decades [5]. There are different possibilities that could be explored as alternative 
source to obtain a sustainable production of proteins in the future. In this vein, several studies 
have been done looking at the potentiality of protein from yeast [6], microscopic fungi [7] and 
microalgae [8].

Recently, insects have been proposed as one of the most promising alternative source of pro-
teins to solve the global issue of protein shortage: the main advantage of insects over other 
protein sources is the low environmental costs of production, which becomes essential to 
satisfy the rise in the global protein demand [2, 9]. In Table 1, a short summary of the main 
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advantage and disadvantages related to the use of insect proteins in comparison with other 
alternative protein sources is provided.

Table 1 focuses on the intrinsic advantage and disadvantage of the different organisms; how-
ever, it is clear that new technological solutions as well as changes in consumer awareness can 
probably solve many of the present disadvantages. It is very likely that in the next few years, 
the scenario will be significantly different.

In particular, it is important to consider that the sustainability aspects are gaining more and 
more importance and for this reason, they are already shaping the production systems in 
many food chains. In this respect, insects and microalgae have now the competitive advan-
tage that can be produced using nonsophisticated technological infrastructure. Moreover, the 
possibility to feed insect using by-products of food productions or organic municipality waste 
could represent the perfect solution to close the circle of food and feed production favouring 
the transition towards a zero waste system.

As for the sustainability and also food security standpoint, the best way to take advantage 
from the insect proteins is to use the whole insect eventually grinded to favour consumer 
acceptance. However, protein-rich ingredients, which can be used in various food prepara-
tions, are also very important, and their development would require a better knowledge of the 
intrinsic properties of these proteins and also to understand the behaviour of insect proteins 
during extraction and processing.

2.1. Insect processing and protein extraction

Protein extraction and fractionation are necessary steps to produce insect protein-rich ingre-
dients. The protein concentration in the various insect species is usually very high (typically 
50–70% of the dry matter), and this facilitates the isolation process.

Organism Pro Cons Reference

Insects Thousands of species
High conversion rate of feed into 
edible biomass
Protein and lipid production

Low consumer acceptability
Scale up of rearing facilities

[10]

Fungi (Quorn) Easy to grow and harvest
Good consumer acceptability

Lower growth rate and relatively low 
protein content

[7]

Microalgae Metabolic versatility
Environmental friendly
Easy to grow and harvest
High-quality proteins and lipids

Nondigestible cell wall
Easily contaminated by heavy metals

[8]

Yeast High consumer acceptability
Production easy to scale up
Low DNA amount

Slow growth rate
Low protein content

[6]

Table 1. Intrinsic advantage and disadvantage related to the use of different organisms for feed and food production.
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Grinding of fresh insect is mechanically complicated, and it would result in the production 
of a slurry, which could be difficult to store and be further processed. Therefore, the first 
necessary processing step immediately after the insect harvesting is their drying. The condi-
tions of the biomass preliminary treatment are critical: time/temperature can be adjusted 
according to the species and their initial water content. The damage of the tissue should 
be limited to avoid the contact of proteolytic and browning enzymes with their substrates. 
These enzymes are confined in specific organelles surrounded by membranes. The main 
objective of the drying step is to reduce the water content up to 5–10%. In this condition, 
the microbiological growth is ruled out, and the quality of the starting material can be bet-
ter preserved. Fat oxidation is another main factor that could bring to quality decay during 
this step and during the following storage. In production, plants dedicated to insect protein 
production, drying and defatting conditions can be adjusted according to the need of the 
following steps.

In fact, for many purposes and especially to produce insect protein-rich ingredients, extrac-
tion of fats and grinding into small particles are essential prerequisite. Also when protein 
extraction is not the ultimate goal, it must be considered that the particle size of the final 
powder has a big impact on the technological properties of the insect-based ingredients. In 
particular grinding conditions will influence the:

• Dispersibility and solubility

• Water and lipid holding capacity

• Rheological performance when rehydrated

Therefore, a careful selection of the grinding conditions according to the species should be 
performed particularly when adult insect (such as crickets or grasshoppers) rich in chitins 
and with a structured exoskeleton must be processed.

Up to now mainly wet fractionation processes have been proposed in the literature, 
although in principle dry fractionation could potentially lead to a better quality, and it 
is also intrinsically more sustainable because you do not need to eliminate water after 
extractions.

Data on the amount of proteins that can be extracted by grinded insect powder in aqueous 
solutions showed an enormous variability [11]. Factors like solid/water ratio as well as the pH 
of the media and the temperature play an important role. Using alkaline pHs (i.e. far from 
the protein isoelectric point), higher extraction yield was obtained [12]. Also ionic strength, 
i.e. the presence of sodium chloride in the solution, can increase the solubility, and as above 
mentioned, the finer the granulometry, the higher the extraction yield. However, the most 
important factor affecting protein extractability is the thermal treatment insects undergo 
before extraction. When the biomass is heated before extraction, the yield of soluble protein 
extraction drops dramatically moving from about 50% of the total proteins below the 20%. 
Figure 1 suggests that the denaturation of insect proteins decreases their water solubility in a 
similar way observed for meat proteins.
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There are some good reasons to perform a thermal treatment before extraction. First of all, the 
higher the temperature, the faster is the drying step. Secondly, a treatment at high tempera-
ture can be used to prevent enzymatic browning. Enzymatic browning catalysed by polyphe-
nol oxidases (PPOs) is a major phenomenon taking place during insect protein extraction on 
aqueous solutions [12]. The browning reaction has negative effects on proteins by affecting 
the solubility and other technological functionalities. Moreover, brown colour is generally not 
well accepted by consumers, and consequently brown ingredients are always more difficult to 
use in several food preparations. Browning can be prevented also with not thermal treatment 
adding chemical agent such as sodium bisulphite or ascorbic acid in the extraction buffer [12].

The design of an insect protein extraction and fractionation process could often result in a 
trade-off between yield and purity. A higher yield of the extraction always comes with a lower 
purity of the final product and vice versa. For instance, an aqueous extraction followed by an 
acidic precipitation step could bring to a fraction containing more than 85% of proteins, which 
is a remarkably high purity, but this comes at the expenses of a final yield below 20% [13].

In such a condition, it is useful to follow an approach driven by the ingredient final desti-
nation of use, i.e. when the final goal is to get the maximum nutrient value, it is logical to 
prioritise the protein yield. On the other hand, when specific techno-functionality of proteins 
is desired, such as gelling or foaming properties, it is better to elaborate strategies that allow 
to obtain more purified preparation also at the expenses of a low yield.

2.2. Insect protein techno-functional properties and their food applications

Unfortunately, due to lack of standardised fractionation procedure, studies about the tech-
nological functionality of insect proteins are still at their infancy. Looking at what happened 
first with the dairy proteins and later on with legumes proteins (soybean, pea, lupine), the 
capability to fractionate them in defined preparations opened many possibilities of use as 
ingredients. We can assume that also for insect proteins, their use in different foods will be 
mainly driven by the added value they can bring to specific food preparations.

The main techno-functional properties that should be considered for insect proteins are:

• Water and lipid holding capacity

• Thickening capacity

• Emulsification capacity

• Foaming capacity

• Gelation capacity

• Structuring capacity

Interestingly, all these properties depend on the nature of the starting material (for instance, the 
species and maturity stage of the insects); however, they can be also modulated by the extrac-
tion and fractionation process especially by heating and the consequent protein denaturation.
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Looking at the properties that can be influenced by the hydration of the proteins (i.e. the water 
holding and the thickening capacities), they can be particularly useful to improve the quality 
of meat and bakery products or even to modify the sensory properties of thick beverages such 
as the electrolyte-rich solutions for sportsman or the satiating products. As far as the emulsi-
fication and foaming capacities, they are particularly interesting for drinkable dairy products, 
desserts and salad dressing, while the gelation and structuring capacities are relevant for 
products such as cheese and tofu.

These potential applications of various insect protein fractions in real food product should 
also take into account the potential negative effects associated to their use. Although the 
increase of protein concentration is often desired parameters, insect proteins are often brown 
or even dark. The colour change in the final products caused by protein addition could be 
perceived as a very negative sensory attribute especially in dairy products. On the other hand, 
in many bakery products or when insect proteins will be used as meat replacers, this is not 
expected to be a significant problem.

2.3. Nutritional and healthy properties

A large part of the literature focused on the nutritional quality and the benefit related to 
the whole insect consumption. The attention is focused on proteins and the most important 
parameter is their total concentration. When measured on fresh weight basis, the insect pro-
tein concentration is within the range of that of the other animals, i.e. between 10 and 30%. So 
the real nutritional advantage of using insect proteins can be only understood when looking 
at the bigger picture as it was done by the consortium of the SUSFAN project. What makes 
the insect proteins particularly interesting from the nutritional point of view is not only their 
high concentration and the favourable amino acid composition but also their potential to meet 
all the so-called sustainable, healthy, affordable, reliable, palatable (SHARP) principles [14]. 
To have a 360 degree evaluation of the potentiality, the protein sources of the future should 
confront with these five criteria. In this respect, insects will perform very well.

In the previous paragraph, the reasons highlighting the sustainability, affordability, reliabil-
ity and palatability of insect proteins have been discussed. Regarding the healthiness which 
includes also the nutritional properties, it is essential to say that insect proteins are rich in all 
essential amino acids. A diet based on insect proteins can perfectly sustain the harmonious 
growth of laboratory and husbandry animals also indicated that there are no major limiting 
or anti-nutritional factors affecting the growth of mice, fish and poultry [15].

Interestingly, insect proteins can be a good vehicle to increase mineral bioavailability. Insect 
contain much more iron, zinc and calcium than beef, pork and chicken [16]. As observed for 
the casein-calcium system in milk, it can be hypothesised that thanks to the interaction with 
specific peptides formed during insect protein digestion, these minerals can be more bioavail-
able than in protein-free food matrix.

Recent papers also confirmed that insect proteins are well digested during gastroduodenal 
digestion: in vitro data showed that the extent of the digestion depends also on the frac-
tion of the insect proteins considered. In particular, the water soluble proteins are digested 
more efficiently than those remaining in the insoluble moiety [13]. No consisting data have 
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been still published about the effect of browning and thermal treatment on the insect protein 
digestibility. Both phenomena can have opposite effects: on one hand they determine protein 
aggregation and crosslinking which decrease protein digestibility; on the other they favour 
protein denaturation, thus improving their degradation.

In addition to their use as nutrients, proteins from different sources have emerged as precur-
sors of specific peptides, which are now known to be bioactive. A wide range of biological 
properties have been demonstrated with protein-derived bioactive peptides including anti-
hypertensive, immunomodulatory, antimicrobial and antioxidant. These effects can be rel-
evant in human and animal health promotion and can also be applied in food preservation 
for extended shelf life. The production of bioactive peptides has relied heavily on the use of 
food proteins, which further contributes to the depletion of their primary food sources. Edible 
insects can also be sustainable sources of proteins for bioactive peptide production. The avail-
ability of the gene sequence of major proteins in several insects such as Tenebrio molitor or 
Hermetia illucens allows the theoretical calculations of the linear structure, conformation and 
biological significance of peptide motifs released by specific proteinases used in industrial 
food processing. Open-access web-based tools can be used to verify the presence of these 
potential bioactive peptides, and enzymatic and microbiological methodology can be used to 
generate these peptides from the different insect biomasses.

We could image that the same variety of products and applications now available for dairy or 
soybean proteins will be soon available also for insects.

3. Insect lipids

Lipids in insects are either obtained from the diet or de novo synthesised. These lipids are 
stored in the insects in the fat body, where lipids are stored, degraded, transformed and fur-
ther transported to the site of utilisation [17, 18]. Lipids are used by insects for several physio-
logical functions, among them for reproduction, development, flight, buoyancy, integumental 
waterproofing, communication via pheromones, structure of cell membranes, etc. [17, 19]. 
Insects are rich in lipids; its content ranges from 10 to up to 50% in dry basis [20]. The fat 
content and the fatty acid (FA) composition of insect are related to its species, sex, life stage, 
diet, environmental temperature, diapause and migratory flight [17, 21, 22]. Therefore, it is 
not strange to find a wide variability of FA profiles among insects.

Insect lipids are composed mainly of triacylglycerols. Other types of lipids present in minor 
amounts include cholesterol, partial glycerides, free fatty acids (FFA), phospholipids and wax 
esters [18, 23]. When insect lipids are extracted for its consumption as edible oils, the main 
types of lipids are triacylglycerols, which reflect the original composition of the lipids in the 
insect. The presence of other minor compounds in the lipid extraction greatly depends on the 
extraction process.

The extraction of insect lipids aiming its use as edible oils has been investigated using 
Soxhlet extraction, an aqueous method and supercritical CO2 extraction [24, 25]. The lipid 
extraction process does not have a major impact in the FA composition of the extract, 
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but it strongly influences the lipid extraction yield and the types of lipids extracted. For 
instance, when aqueous extraction is used, only triacylglycerols are extracted. In contrast, 
when organic solvents are used, phospholipids, partial glycerides and triacylglycerols are 
extracted [25]. Partial glycerides, FFA and phospholipids are undesired in edible oils and 
fats. To eliminate these undesired compounds, the fats and oils undergo refining processes, 
which increases the cost of the oils and fats. Insect lipid aqueous extraction provides a high 
oil quality similar to that of virgin oils. However the yield is lower than that obtained using 
organic solvents or supercritical CO2 extraction in which more than 95% of the lipids are 
extracted [24, 25]. Therefore, the extraction process should be carefully selected according 
to desired application and the costs of each extraction process. Other method for insect 
lipid extraction with industrial potential is extrusion and expelling, which is a method com-
monly used in oil extraction of seeds. However, this method remains unexplored in the 
scientific literature.

Most insect lipids are liquid at room temperature (20°C); thus, they are called “insect oils.” 
Insect oils are rich in unsaturated fatty acids (UFA > 60% of total FA), being the most abun-
dant C18:1 cis 9 (>30% of total FA) and C18:2 cis 9,12 (>20% of total FA). The most abundant 
saturated fatty acid (SFA) found in these oils is C16:0 (20–30% of total FA) [10, 26]. In general, 
insect oils are rich in essential fatty acids such as C18:2 cis 9,12 (LA) and contain other FA asso-
ciated to health benefits such as C18:3 cis9,12,15 (ALA) and ω-3 FA, which further points its 
nutritional value. The concentration of these FA varies among species [21], and it is strongly 
influenced by the insect diet. Studies showed that the insects caught in the wild are richer in 
ω-3 than those commercially reared.

There are a few known insect lipids that are solid at room temperature, such as the lipids 
extracted from black soldier fly larvae (H. illucens). In this case, they are called “insect fats.” 
The solid state of this insect fat reflects its high content in saturated FA, which ranges from 
57 to 75% of total FA. The most abundant SFA in this fat are C12:0 (≈45% of total FA), C14:0 
(≈9% of total FA) and C16:0 (≈12% of total FA) [22, 27]. This insect fat is especially interesting 
for food and feed applications since it is rich in C12:0, with a concentration similar to that 
of coconut oil. C12:0 is more water soluble and is readily digestible than long-chain FAs. 
Moreover, after digestion C12:0 is transported to the liver and is immediately converted to 
energy; thus, it is not stored as fat [28]. Other properties related to lauric acid and monolaurin 
are antimicrobial activity against gram-positive bacteria and a number of fungi and viruses 
[28, 29]. Therefore, the fat from black soldier fly larvae could be used as a functional ingredi-
ent in food applications.

In Figure 1, we show the spatial arrangement of vegetable oils and fats, animal fats and insect 
oils. This plot was obtained using the FA composition of different fats and oils and was anal-
ysed using principal component analysis. When the FA of insect oils are compared with that 
of vegetable oils, vegetable fats and animal fats, it appears that insect oils have a FA profile 
similar to that of vegetable oils and animal fats. This is due to the increase content of SFA, 
namely, C16:0 and C18:0, and at the same time a high content of mono- and polyunsaturated 
FA, namely, unsaturated C18 FA. Saturated C18 and C16 FA are increased in most animal fats, 
whereas unsaturated C18 FA are typical of vegetable oils.
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3.1. Potential food uses of insect oils

The liquid nature of insect oils makes them ideal for its use in mayonnaise, in vinaigrettes, as 
frying oils and as food grade lubricants, among others. Applications such as bakery, spreads, 
or confectionery are ideal for insect fats, such as the fat extracted from black soldier fly larvae, 
because these applications require a certain percentage of solid fat. In order to evaluate the 
specific applications of these oils, a detailed chemical and physical characterisation of the oils 
is necessary. Ekpo et al. [32] performed detailed chemical analysis in the extracted oil of four 
insect species consumed in Nigeria. They concluded that these insect oils had potential used in 
the pharmaceutical industry due to their low melting point, specific gravity (<0.89) and refrac-
tive index (<1.3) [32]. Other insect application oils remain unexplored in the scientific literature.

Traditionally, insect oils and fats have only being characterised in terms of its FA composi-
tion, mainly because this determines the nutritional value of fats and oils. However, other 
chemical and physical analyses are required in order to evaluate its potential applications as 
food ingredient. For instance, crystallisation, texture analysis and solid fat content at differ-
ent temperatures are required to evaluate the use of a fat as a spread, in confectionary or its 
use as an ingredient in bakery. Rheological properties help to determine spreadability, ease 
of cutting and stand-up in margarines. Volatile compound analysis and sensory evaluations 
are required to assess its taste, mouth feel and aroma. Detailed triacylglycerol profiling and 

Figure 1. The first and second principal components of the principal component analysis. The amount of explained 
variance is provided in parenthesis in each axis. Fatty acids per group; LC SFA, long-chain saturated fatty acids; SFA, 
saturated fatty acids; MC SFA, middle-chain saturated fatty acids; SC FA, short-chain fatty acids; MUFA monounsaturated 
fatty acids; VLC SFA, very-long-chain saturated fatty acids; PUFA, polyunsaturated fatty acids; and UFA, unsaturated 
fatty acids. Source: Refs. [25, 30, 31] and the authors.
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thermal behaviour analysis are required to evaluate the possibilities of fractionation of an 
insect fat or oil. Profiling of minor lipid compounds such as phospholipids and sterols help to 
fully assess its nutritional value. Currently, none of these information is available. However, 
information on the physical and chemical characteristics of insect fats and oils will become 
available as the attention of the consumers and the food industry for insect lipids increases.

3.2. Fractionation of an insect oil

Dry fractionation is a thermal procedure use to separate oils and fats into two or more com-
ponents with different melting points. The aim of this separation is to extend the range of 
applications of the original oil or fat as well as to increase its commercial value. Fractionation 
is applied mainly to palm oil but also to coconut, palm kernel, butter oil and beef tallow, 
among others. Dry fractionation can be applied to insect oils showing different melting frac-
tions. To show the possibilities of this process in insect oils, we applied dry fractionation to 
oil extracted from yellow mealworm (T. molitor). Then we performed physical and chemical 
analysis to the original oil and its fractions.

The first step of this study included a thermal analysis of the original oil. This analysis was per-
formed to study the possibilities for fractionation of the yellow mealworm oil. In this analysis, 
the oil was heated to 70°C to eliminate all the crystals present in the oil; then the oil was cooled 
at a rate of 5°C/min from 70 to −60°C. In this step, the oil is crystallised and the crystallisation 
points of the fat are obtained. Then, the fat was melted again at 5°C/min from −60 to 70°C. In 
this step, all the formed crystals are melted and the melting points are obtained. The results of 
yellow mealworm oil showed four crystallisation points and three melting points (Figure 2). 
Each peak indicates the crystallisation or melting of crystals formed by triacylglycerols with 
similar structure. Therefore, when more than one crystallisation/melting point is obtained, it 
indicates that the triacylglycerols in the oil are crystallising/melting independently. This is 
because the structure and/or FA within the triacylglycerols are different and they cannot co-
crystallise into one single crystal lattice. The results from this first thermal analysis showed 
that the yellow mealworm oil can be fractionated because several crystallisation and melting 
peaks were obtained and these peaks were clearly separated from each other.

In the second step of this study, we aimed to fractionate yellow mealworm oil into a high 
melting fraction (or stearin) and a low melting fraction (or olein). We applied two cooling 
temperatures, namely, 2 and 4°C, and then the solid and the liquid fractions were separated. 
These temperatures were selected because in the previous analysis, it was shown that the 
highest crystallisation point was 3.6°C. The first step of dry fractionation was to melt the 
fat at 60°C for 30 min to eliminate the crystals present. Then, the oil was placed in a water 
bath, at the crystallisation temperature (2, or 4°C) for 24 h. During this crystallisation process, 
only triacylglycerols capable of crystallising at this temperature nucleate and grow into crys-
tals (solid fat); the rest of the triacylglycerols having lower crystallisation temperatures will 
remain liquid (liquid fat). Finally, the liquid fraction was separated from the solid fraction by 
centrifugation at 4800 g for 20 min at the cooling temperature. Both fractions were placed in a 
separated tube and weighted to obtain the fractionation yield. The physical (thermal analysis 
and colour) and chemical characteristics (FA composition) of the original oil and the obtained 
solid and liquid fractions were performed to assess the effect of fractionation in the oil.
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3.2.1. Physical characteristics of the yellow mealworm oil and its fractions

Separation into solid and liquid fat was possible at 2 and 4°C. Fractionation changed the 
colour of the liquid and solid fractions as compared with the unfractionated oil as analysed 
by Hunter Lab colorimeter in L*a*b* scale (Table 2). In general, the solid fractions had a more 
red-yellow colour when compared with the liquid fractions. The liquid fraction had a bright 
appearance, and the red and yellow tones were lower in the liquid oil fractionated at 2°C than 
oil separated at 4°C (Figure 3). As expected, the amount of liquid fat fraction increased as the 
crystallisation temperature increased (Table 3).

Figure 2. Non-isothermal crystallisation and melting of unfractionated yellow mealworm oil. Cooled from 70 to −60°C 
at 5°C/min and heated from −60 to 70°C at the same rate.

Sample L* a* b*

Unfractionated oil 15.72 1.35 12.86

Solid fraction 4°C 34.27 3.26 25.33

Solid fraction 2°C 21.01 3.14 18.97

Liquid fraction 4°C 5.12 0.15 2.81

Liquid fraction 2°C 4.40 −0.56 1.74

L*a*b* scale was used. The data shown are the average of two repetitions. Taken from [33]

Table 2. Colour of unfractionated and fractionated yellow mealworm oil measured at 20°C.
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The unfractionated oil of yellow mealworm showed four crystallisation points at −45.4, −19.9, 
−5 and 3.6°C and three melting points at −24.7, −17.4 and 16.7°C (Table 3). The liquid frac-
tions lack the two highest crystallisation points at −5 and at 3.6°C, and the last melting point 
was reduced from 16.7 to 1.7 and 3.2°C (L4 and L2, respectively). The solid fractions lack the 
crystallisation point at −5°C and showed an increase in the highest crystallisation points from 
3.6 to up to 10.7°C (S4 and S2, respectively). The final melting point of the solid fractions was 
increased from 16.7 to 21.5 and 27.1°C (S2 and S4, respectively).

Figure 3. Unfractionated and fractionated yellow meal worm oil (Tenebrio molitor). This picture was taken after stabilising 
the oil for 2 h at 24°C.

 
Sample Yield (%) Crystallisation points (°C) Melting points (°C)

YMW −45.4 −19.9 −5.0 3.6 −24.7 −17.4 16.7

S4 54 −46.3 −19.3 10.7 – −24.4 −18.0 27.1

S2 81 −46.3 −19.8 2.7 – −24.4 −16.9 21.5

L4 46 −49.4 −19.7 – – −25.5 −18.3 1.7

L2 19 −44.7 −19.5 – – −24.3 −17.4 3.2

Non-isothermal analysis cooled from 70 to −60°C and then heated from −60 to 70°C at 5°C/min.
YMW: original yellow meal worm oil extracted by Soxhlet using petroleum ether
S4, solid fraction at 4 °C; S2, solid fraction at 2 °C; L4, liquid fraction at 4 °C; and L2, Liquid fraction at 2 °C
Adapted from Ref. [33]

Table 3. Yield, crystallisation and melting points of unfractionated and fractionated yellow meal worm oil (N = 2).
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After fractionation the solid and the liquid fraction did show differences in their physi-
cal properties, as shown by the change in colour and by the changes in crystallisation and 
melting points. The liquid fractions obtained after fractionation had bright and transpar-
ent appearance and were liquid even at refrigeration temperatures (4°C). Therefore, these 
liquid fractions can be used for sauces, dressings, vinaigrettes, mayonnaise, etc. Regarding 
the solid fractions obtained, the solid fraction obtained after fractionation at 4°C was solid 
when it was kept at room temperature (24°C). This solid fraction can be potentially used as 
margarine. Further studies on crystal form (α, β′ and β) are necessary to fully assess the use 
of this solid fraction as a margarine. To produce high-quality spreads, such as margarines, 
the crystals should be in the β′ form because these crystals are relatively small and can incor-
porate large volumes of oil; moreover, β′ crystals give the product a glossy surface and a 
smooth lustre [34, 35]. In contrast, β crystals are less desirable in spreads because they grow 
into large needle-like crystals producing a sandy mouthfeel and are less able to incorporate 
liquid [36].

3.2.2. Chemical characteristics of the yellow mealworm oil and its fractions

The FA composition of the unfractionated oil and its fraction was determined by GC-FID. 
Similar FA composition of the unfractionated oil was found in previous studies done in our 
laboratory [25]. It is interesting that the FA composition between the unfractionated oil and 
its fractions did not change (Table 4). The solid fat separated at 4°C was highly unsaturated 
(74% of FA). In theory, this fraction should have remained liquid. However the experimental 
results showed a different behaviour. Several possibilities exist to explain this behaviour. It 
is likely that the arrangement of FA within the triacylglycerol molecule is different in the 
liquid than in the solid fat, if the arrangement differs, so will the physical properties of the 
triacylglycerol. The second possibility is that the solid fraction contains a compound that is 
structuring the oil and turning it into a solid-like material. It is known that natural waxes and 
partial glycerides are used to structure highly unsaturated oils, forming oleogels [37]. Waxes 
and partial glycerides are present in insect tissues and in the oil fraction [18, 25] and could 
remain in the solid fraction after fractionation. Therefore, it can be suggested that these two 
components can be structuring the solid fraction of the yellow mealworm oil and turning it 
into a solid-like material or oleogel.

The differences seen in physical properties of the fractions cannot be explained by its FA 
composition. To understand the differences in physical properties seen in this study, it will be 
necessary to analyse the profile and structure of the triacylglycerols as well as to analyse the 
concentration of other minor compounds such as waxes.

The fractionation process presented in the present study succeeded in changing the physical 
properties of yellow mealworm oil. This fractionation can broaden the applications of this oil 
as a food ingredient. However, further physical, chemical and sensory analyses are necessary 
to fully assess the potential use of yellow mealworm oil as a food ingredient.
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4. Concluding remarks

Insects represent a viable source of proteins and fats since they have a low environmental cost 
of production. However, its effective inclusion in food preparations or as a food ingredient 
relies on several factors including consumer’s acceptance, rearing facilities and technological 
functionalities. A lot of work is needed regarding protein and fat extraction methods as well as 
on technological functionality of insect proteins and fats. Understanding the behaviour of insect 
proteins and fats during extraction and processing as well as better knowledge of the intrinsic 
properties of insect ingredients is required for the development of various food preparations. 
It is very likely that in the next few years, the scenario will be significantly different as there 
is an increase attention of the consumers and the food industry for the use of insects as food.
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FA Unfractionated oil Fractionated

Solid 2 °C Solid 4 °C Liquid 2 °C Liquid 4 °C

Total CLA <0.10 <0.10 0.13 0.14 <0.10

Total ω-3 1.68 1.66 1.65 1.69 1.71

Total ω-6 30.96 30.63 30.75 31.19 31.18

ω-6/ω-3 Ratio 18.43 18.45 18.64 18.46 18.23

Total SFA 21.35 21.05 21.80 21.85 21.00

Total UFA 73.98 73.36 73.28 74.72 74.70

Total MUFA 41.23 40.87 40.70 41.73 41.70

Total PUFA 32.71 32.45 32.54 32.94 32.96

Adapted from Ref. [33]

Table 4. Fatty acid composition (g/100 g of fat) of unfractionated and fractionated yellow meal worm oil (N = 2).

Insect Physiology and Ecology228



4. Concluding remarks

Insects represent a viable source of proteins and fats since they have a low environmental cost 
of production. However, its effective inclusion in food preparations or as a food ingredient 
relies on several factors including consumer’s acceptance, rearing facilities and technological 
functionalities. A lot of work is needed regarding protein and fat extraction methods as well as 
on technological functionality of insect proteins and fats. Understanding the behaviour of insect 
proteins and fats during extraction and processing as well as better knowledge of the intrinsic 
properties of insect ingredients is required for the development of various food preparations. 
It is very likely that in the next few years, the scenario will be significantly different as there 
is an increase attention of the consumers and the food industry for the use of insects as food.

Author details

Daylan Amelia Tzompa Sosa* and Vincenzo Fogliano

*Address all correspondence to: daylancita@hotmail.com

Food Quality and Design Group, Wageningen University, Wageningen, the Netherlands

References

[1] Premalatha, M., T. Abbasi, and S.A. Abbasi, Energy-efficient food production to 
reduce global warming and ecodegradation: The use of edible insects. Renewable and 
Sustainable Energy Reviews, 2011. 15(9): pp. 4357-4360. DOI: 10.1016/j.rser.2011.07.115.

FA Unfractionated oil Fractionated

Solid 2 °C Solid 4 °C Liquid 2 °C Liquid 4 °C

Total CLA <0.10 <0.10 0.13 0.14 <0.10

Total ω-3 1.68 1.66 1.65 1.69 1.71

Total ω-6 30.96 30.63 30.75 31.19 31.18

ω-6/ω-3 Ratio 18.43 18.45 18.64 18.46 18.23

Total SFA 21.35 21.05 21.80 21.85 21.00

Total UFA 73.98 73.36 73.28 74.72 74.70

Total MUFA 41.23 40.87 40.70 41.73 41.70

Total PUFA 32.71 32.45 32.54 32.94 32.96

Adapted from Ref. [33]

Table 4. Fatty acid composition (g/100 g of fat) of unfractionated and fractionated yellow meal worm oil (N = 2).

Insect Physiology and Ecology228

[2] Van Huis, A., Potential of insects as food and feed in assuring food security. Annual 
Review of Entomology, 2013. pp. 563-583. DOI: 10.1146/annurev-ento-120811-153704

[3] Durst, P.B. and K. Shono, Edible forest insects: Exploring new horizons and traditional 
practices, in Forest insects as food: humans bite back, P.B. Durst, et al., Editors. 2010, 
FAO: Bangkok, Thailand.

[4] Yen, A.L., Edible insects: Traditional knowledge or western phobia? Entomological 
Research, 2009. 39(5): pp. 289-298. 10.1111/j.1748-5967.2009.00239.x.

[5] Veldkamp, T., G. van Duinkerken, A. van Huis, C.M.M. Lakemond, E. Ottevanger, G. 
Bosch, and M.A.J.S. van Boekel, Insects as a sustainable feed ingredient in pig and poul-
try diets – a feasibility study, 2012, Wageningen UR Livestock Research: Wageningen, 
the Netherlands.

[6] Nasseri, A.T., S. Rasoul-Amini, M.H. Morowvat, and Y. Ghasemi, Single cell protein: 
Production and process. American Journal of Food Technology, 2011. 6(2): pp. 103-116. 
DOI: 10.3923/ajft.2011.103.116.

[7] Wociór, A., D. Złotkowska, H. Kostyra, and E. Kostyra, Mycoprotein. Zywnosc. Nauka. 
Technologia. Jakosc/Food. Science Technology. Quality, 2010. 17(5): pp. 5-16.

[8] Buono, S., A.L. Langellotti, A. Martello, F. Rinna, and V. Fogliano, Functional ingredients 
from microalgae. Food and Function, 2014. 5(8): pp. 1669-1685. DOI: 10.1039/c4fo00125g.

[9] van Huis, A., J. van Itterbeeck, H. Klunder, E. Mertens, A. Halloran, G. Muir, and P. 
Vantomme, Edible insects: future prospects for food and feed security. FAO Forestry 
Paper; 1712013, Food and Agriculture Organization of the United Nations (FAO): Rome.

[10] Rumpold, B.A. and O.K. Schluter, Nutritional composition and safety aspects of edible 
insects. Molecular Nutrition & Food Research, 2013. 57(5): pp. 802-823. DOI: 10.1002/
mnfr.201200735.

[11] Zhao, X., J.L. Vázquez-Gutiérrez, D.P. Johansson, R. Landberg, and M. Langton, Yellow 
mealworm protein for food purposes – Extraction and functional properties. PLoS One, 
2016. 11(2). DOI: 10.1371/journal.pone.0147791.

[12] Yi, L.Y., C.M.M. Lakemond, L.M.C. Sagis, V. Eisner-Schadler, A. van Huis, and M.A.J.S. 
van Boekel, Extraction and characterisation of protein fractions from five insect species. 
Food Chemistry, 2013. 141(4): pp. 3341-3348. DOI: 10.1016/j.foodchem.2013.05.115.

[13] Yi, L., M.A.J.S. van Boekel, S. Boeren, and C.M.M. Lakemond, Protein identification 
and in vitro digestion of fractions from Tenebrio molitor. European Food Research and 
Technology, 2016: pp. 1-13. DOI: 10.1007/s00217-015-2632-6.

[14] Rutten, M., T. J. Achterbosch, I. J. M. de Boer, J. C. Cuaresma, J. M. Geleijnse, P. Havlík, 
T. Heckelei, J. Ingram, A. Leip, S. Marette, H. van Meijl, L.-G. Soler, J. Swinnen, P. van’t 
Veer, J. Vervoort, A. Zimmermann, K. L. Zimmermann, & M. Zurek, Metrics, models 
and foresight for European sustainable food and nutrition security: The vision of the 

Potential of Insect-Derived Ingredients for Food Applications
http://dx.doi.org/10.5772/67318

229



SUSFANS project. Agricultural Systems, 2016. In press. DOI: http://dx.doi.org/10.1016/j.
agsy.2016.10.014

[15] Józefiak, D., A. Józefiak, B. Kierończyk, M. Rawski, S. Świątkiewicz, J. Długosz, and R.M. 
Engberg, Insects—A natural nutrient source for poultry—A review. Annals of Animal 
Science, 2016. 16(2): pp. 297-313. DOI: 10.1515/aoas-2016-0010.

[16] Zielińska, E., B. Baraniak, M. Karaś, K. Rybczyńska, and A. Jakubczyk, Selected species 
of edible insects as a source of nutrient composition. Food Research International, 2015. 
77: pp. 460-466. DOI: 10.1016/j.foodres.2015.09.008.

[17] Beenakkers, A.M.T., D.J. Vanderhorst, and W.J.A. Vanmarrewijk, Insect lipids and lipo-
proteins, and their role in physiological processes. Progress in Lipid Research, 1985. 
24(1): pp. 19-67. DOI: 10.1016/0163-7827(85)90007-4.

[18] Fast, P.G., Insect lipids. Progress in the Chemistry of Fats and other Lipids, 1971. 11: pp. 
179-242. DOI: 10.1016/0079-6832(71)90006-1.

[19] Lease, H.M. and B.O. Wolf, Lipid content of terrestrial arthropods in relation to body 
size, phylogeny, ontogeny and sex. Physiological Entomology, 2011. 36(1): pp. 29-38. 
DOI: 10.1111/j.1365-3032.2010.00767.x.

[20] Xiaoming, C., F. Ying, Z. Hong, and C. Zhiyong, Review of the nutritive value of edible 
insects, in Forest insects as food: humans bite back, P.B. Durst, et al., Editors. 2010, FAO: 
Bangkok, Thailand. pp. 85-92.

[21] Fontaneto, D., M. Tommaseo-Ponzetta, C. Galli, P. Rise, R.H. Glew, and M.G. Paoletti, 
Differences in fatty acid composition between aquatic and terrestrial insects used as 
food in human nutrition. Ecology of Food and Nutrition, 2011. 50(4): pp. 351-367. DOI: 
10.1080/03670244.2011.586316.

[22] Oonincx, D.G.A.B., S. van Broekhoven, A. van Huis, and J.J.A. van Loon, Feed conver-
sion, survival and development, and composition of four insect species on diets com-
posed of food by-products. PLoS One, 2015. 10(12). ARTN e0144601. DOI: 10.1371/
journal.pone.0144601.

[23] Downer, R.G.H. and J.R. Matthews, Patterns of lipid distribution and utilisation in 
insects. American Zoologist, 1976. 16(4): pp. 733-745.

[24] Purschke, B., T. Stegmann, M. Schreiner, and H. Jäger, Pilot-scale supercritical CO2 
extraction of edible insect oil from Tenebrio molitor L. larvae—Influence of extraction 
conditions on kinetics, defatting performance and compositional properties. European 
Journal of Lipid Science and Technology, 2016. in press. DOI: 10.1002/ejlt.201600134.

[25] Tzompa-Sosa, D.A., L. Yi, H.J.F. van Valenberg, M.A.J.S. van Boekel, and C.M.M. 
Lake mond, Insect lipid profile: Aqueous versus organic solvent-based extrac-
tion methods. Food Research International, 2014. 62: pp. 1087-1094. DOI: 10.1016/j.
foodres.2014.05.052.

Insect Physiology and Ecology230



SUSFANS project. Agricultural Systems, 2016. In press. DOI: http://dx.doi.org/10.1016/j.
agsy.2016.10.014

[15] Józefiak, D., A. Józefiak, B. Kierończyk, M. Rawski, S. Świątkiewicz, J. Długosz, and R.M. 
Engberg, Insects—A natural nutrient source for poultry—A review. Annals of Animal 
Science, 2016. 16(2): pp. 297-313. DOI: 10.1515/aoas-2016-0010.

[16] Zielińska, E., B. Baraniak, M. Karaś, K. Rybczyńska, and A. Jakubczyk, Selected species 
of edible insects as a source of nutrient composition. Food Research International, 2015. 
77: pp. 460-466. DOI: 10.1016/j.foodres.2015.09.008.

[17] Beenakkers, A.M.T., D.J. Vanderhorst, and W.J.A. Vanmarrewijk, Insect lipids and lipo-
proteins, and their role in physiological processes. Progress in Lipid Research, 1985. 
24(1): pp. 19-67. DOI: 10.1016/0163-7827(85)90007-4.

[18] Fast, P.G., Insect lipids. Progress in the Chemistry of Fats and other Lipids, 1971. 11: pp. 
179-242. DOI: 10.1016/0079-6832(71)90006-1.

[19] Lease, H.M. and B.O. Wolf, Lipid content of terrestrial arthropods in relation to body 
size, phylogeny, ontogeny and sex. Physiological Entomology, 2011. 36(1): pp. 29-38. 
DOI: 10.1111/j.1365-3032.2010.00767.x.

[20] Xiaoming, C., F. Ying, Z. Hong, and C. Zhiyong, Review of the nutritive value of edible 
insects, in Forest insects as food: humans bite back, P.B. Durst, et al., Editors. 2010, FAO: 
Bangkok, Thailand. pp. 85-92.

[21] Fontaneto, D., M. Tommaseo-Ponzetta, C. Galli, P. Rise, R.H. Glew, and M.G. Paoletti, 
Differences in fatty acid composition between aquatic and terrestrial insects used as 
food in human nutrition. Ecology of Food and Nutrition, 2011. 50(4): pp. 351-367. DOI: 
10.1080/03670244.2011.586316.

[22] Oonincx, D.G.A.B., S. van Broekhoven, A. van Huis, and J.J.A. van Loon, Feed conver-
sion, survival and development, and composition of four insect species on diets com-
posed of food by-products. PLoS One, 2015. 10(12). ARTN e0144601. DOI: 10.1371/
journal.pone.0144601.

[23] Downer, R.G.H. and J.R. Matthews, Patterns of lipid distribution and utilisation in 
insects. American Zoologist, 1976. 16(4): pp. 733-745.

[24] Purschke, B., T. Stegmann, M. Schreiner, and H. Jäger, Pilot-scale supercritical CO2 
extraction of edible insect oil from Tenebrio molitor L. larvae—Influence of extraction 
conditions on kinetics, defatting performance and compositional properties. European 
Journal of Lipid Science and Technology, 2016. in press. DOI: 10.1002/ejlt.201600134.

[25] Tzompa-Sosa, D.A., L. Yi, H.J.F. van Valenberg, M.A.J.S. van Boekel, and C.M.M. 
Lake mond, Insect lipid profile: Aqueous versus organic solvent-based extrac-
tion methods. Food Research International, 2014. 62: pp. 1087-1094. DOI: 10.1016/j.
foodres.2014.05.052.

Insect Physiology and Ecology230

[26] Yang, L.F., S. Siriamornpun, and D. Li, Polyunsaturated fatty acid content of edible  
insects in Thailand. Journal of Food Lipids, 2006. 13(3): pp. 277-285. DOI: 10.1111/j. 
1745-4522.2006.00051.x.

[27] Ushakova, N.A., E.S. Brodskii, A.A. Kovalenko, A.I. Bastrakov, A.A. Kozlova, and D.S. 
Pavlov, Characteristics of lipid fractions of larvae of the black soldier fly Hermetia illu-
cens. Doklady Biochemistry and Biophysics, 2016. 468(1): pp. 209-212. DOI: 10.1134/
S1607672916030145.

[28] Dayrit, F.M., The properties of lauric acid and their Significance in coconut oil. Journal of 
the American Oil Chemists' Society, 2015. 92(1): pp. 1-15. DOI: 10.1007/s11746-014-2562-7.

[29] Hinton Jr, A. and K.D. Ingram, Antimicrobial activity of potassium hydroxide and lau-
ric acid against microorganisms associated with poultry processing. Journal of Food 
Protection, 2006. 69(7): pp. 1611-1615.

[30] Ivanova-Petropulos, V., S. Mitrev, T. Stafilov, N. Markova, E. Leitner, E. Lankmayr, and 
B. Siegmund, Characterisation of traditional Macedonian edible oils by their fatty acid 
composition and their volatile compounds. Food Research International, 2015. 77: pp. 
506-514. DOI: 10.1016/j.foodres.2015.08.014.

[31] Gunstone, F.D., Vegetable oils, in Bailey's industrial oil and fat products—Edible oil and 
fat products: chemistry, properties, and health effects, F. Shahidi, Editor 2005, Wiley-
Interscience USA: Hoboken, US.

[32] Ekpo, K.E., A.O. Onigbinde, and I.O. Asia, Pharmaceutical potentials of the oils of 
some popular insects consumed in southern Nigeria. African Journal of Pharmacy and 
Pharmacology, 2009. 3(2): pp. 51-57.

[33] Tzompa-Sosa, D.A., J.M. Verbeek, and H.F.J. van Valenberg, Fractionation of insect oils: 
The case of yellow mealworm oil, in Inform 2016, American Oil Chemistry Society: 
Urbana, IL, USA. pp. 24-27.

[34] Ghotra, B.S., S.D. Dyal, and S.S. Narine, Lipid shortenings: A review. Food Research 
International, 2002. 35(10): pp. 1015-1048. DOI: 10.1016/S0963-9969(02)00163-1.

[35] Narine, S.S. and A.G. Marangoni, Relating structure of fat crystal networks to mechani-
cal properties: A review. Food Research International, 1999. 32(4): pp. 227-248. DOI: 
10.1016/S0963-9969(99)00078-2.

[36] Sato, K., & S. Ueno, (2014). Physical properties of fats in food. In  Fats in Food Technology 
(Second edition. ed., pp. 1-38). in press. 2014. Chichester, West Sussex, UK: John Wiley & 
Sons, Ltd. DOI: 10.1002/9781118788745.ch1

[37] Patel, A.R. and K. Dewettinck, Edible oil structuring: An overview and recent updates. 
Food and Function, 2016. 7(1): pp. 20-29. DOI: 10.1039/c5fo01006c.

Potential of Insect-Derived Ingredients for Food Applications
http://dx.doi.org/10.5772/67318

231





Chapter 10

Entomophagy: Insects as Food

Tiencheu Bernard and Hilaire Macaire Womeni

Additional information is available at the end of the chapter

http://dx.doi.org/10.5772/67384

Provisional chapter

© 2016 The Author(s). Licensee InTech. This chapter is distributed under the terms of the Creative Commons  
Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use, distribution, 
and reproduction in any medium, provided the original work is properly cited. 

Entomophagy: Insects as Food

Tiencheu Bernard and  
Hilaire Macaire Womeni

Additional information is available at the end of the chapter

Abstract

Due to the increasing cost of animal proteins, food and feed insecurity, population 
growth, and increasing need for protein-rich food in the developed and less developed 
countries, alternative sources of protein-rich food are highly needed. Scientific research 
has shown that edible insects are a very rich source of proteins and other nutrients. 
Hence, insect consumption might help revolutionaries’ food and feed insecurity and thus 
replace the conventional animal source. This work assesses the potential of insects as 
food for humans and feed for animals and gathers existing information and research on 
edible insects. The assessment is based on the most recent and complete data available 
from various sources and experts around the world, because lack of a complete data on 
edible insects reduces consumer confidence and limits integration of edible insect con-
sumption with other food sources. Considering the nutritional, economic, and ecological 
advantages of edible insects over conventional livestock, much attention should there-
fore be given to their method of collection as this will help improve their availability. 
This could be achieved by improved conservation or by raising them as a minilivestock. 
Considering the economic, nutritional, and ecological advantages of this traditional food 
source, its promotion deserves more attention both from national governments and assis-
tance programs.

Keywords: edible insects, entomophagy, minilivestock, food and feed security, 
conservation

1. Introduction

Entomophagy, the consumption of insects, is rooted in human evolutionary history [1]. Insects 
have played an important part in the history of human nutrition in Africa, Europe, Asia, and 
Latin America. Over 1900 species of insects are known worldwide to be part of human diets; 
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some important groups include grasshoppers, caterpillars, beetle grubs, wringed termites, 
bees, worms, ant brood, cicadas, and a variety of aquatic insects [2]. It is interesting to know 
that more than two billion people consume insects on a regular basis, and insect eating pro-
vides a significant proportion of the animal proteins consumed in some regions [3]. Because 
entomophagy is widely practiced, and because it compares favorably with nutrient and envi-
ronmental aspects of conventional livestock rearing, it has the potential to contribute substan-
tially to reducing undernutrition among an expanding global population [3].

2. Diversity of edible insect species in the world

Insects have been in existence for at least 400 million years, making them among the earliest 
land animals. They diverged as members of one of the largest subphyla in arthropods more 
than 390 million years ago experiencing a rapid evolution and radiation that is considered 
faster than any other group [4]. The class insects are the largest animal group on earth and 
constitute as much as 80% of the animal kingdom. Because of the nutritional importance of 
edible insects and their huge availability, this has attracted their consumption by more than 
two billion people on a daily basis [5].

Over 1900 species of edible insects in 300 ethnic groups in 113 countries worldwide have been 
recorded by various authors to be part of human diet (Table 1) [6]. According to Van Huis et 
al. [3], 246 species of edible insects have been reported in 27 countries in Africa. Another study 

Order Species Location

Lepidoptera Anaphe panda (Boisduval) DRC, Zambia, Cameroon, Congo, CA Republic, 
Zimbabwe, Nigeria, Tanzania

Cirina forda (Westwood) DRC, Zambia, South Africa, Botswana, Burkina Faso, 
Nigeria, Mozambique, Namibia, Ghana, Togo, Chad

Dactyloceras lucina (Drury) DRC, Zambia, South Africa, Botswana, Burkina Faso, 
Nigeria, Mozambique, Namibia, Ghana, Togo, Chad

Gynanisa ata Strand DRC, Zambia, South Africa, Botswana, Burkina Faso

Anaphe venata Butler Zambia, Nigeria, Ivory Coast, Sierra Leone, Guinea, 
Liberia, Guinea Bissau

Orthoptera Acanthacris ruficornis (Fabricius) DRC, Zambia, South Africa, Botswana, Burkina Faso, 
Nigeria, Mozambique, Namibia, Ghana, Togo, Chad

Ruspolia differens (Serville) DRC, Zambia, South Africa, Cameroon, Congo, CA 
Republic, Zimbabwe, Burkina Faso, Malawi, Mali

Zonocerus variegatus Linnaeus) DRC, Zambia, South Africa, Cameroon, Zimbabwe, 
Kenya, Uganda, Tanzania, Malawi

Coleoptera Oryctes boas (Fabricius) DRC, Cameroon, Congo, CA Republic, Nigeria, Ivory 
Coast, Sao Tomé, Guinea, Ghana, Liberia

Rhynchophorus phoenicis (Fabricius) Thailand, Australia, Nigeria, Ivory Coast, Sierra Leone, 
Guinea, Liberia, Guinea Bissau DRC, Congo, Botswana
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carried out 2 years later by Ramos-Elorduy noted that Africa is one of the most important 
hot spots of edible insect biodiversity in the world with 524 species recorded from 34 African 
countries [7]. These species are mostly of the orders Orthoptera, Lepidoptera, Coleoptera, 
Hymenoptera, and Isoptera. Below is a checklist of the most consumed edible insect species 
in the world and their orders and locations (Figure 1).

Order Species Location

Hymenoptera Apis mellifera (Linnaeus) Mexico, Cameroon, Congo, CA Republic, Nigeria, 
Angola, Ivory Coast, Niger, Sao Tomé, Guinea

Carebara vidua (Smith) DRC, Zambia, South Africa, Zimbabwe, Botswana, 
Malawi, Sudan, Kenya, South Sudan

Carebara lignata Westwood Zambia, South Africa, Zimbabwe, Botswana, Sudan, 
Mozambique, Namibia, South Sudan

Isoptera Macrotermes subhyalinus (Rambur) Zambia, Angola, Kenya, Togo, Burundi, Ivory Coast, 
Canada, the USA

Macrotermes falciger (Gerstäcker) Zambia, Zimbabwe, Burkina Faso, Burundi, Benin, 
Australia, the Netherlands

Macrotermes natalensis (Haviland) DRC, Cameroon, Congo, CA Republic, Nigeria, Burundi, 
South Africa, Zimbabwe, Nigeria, Malawi

Sources: Banjo et al. [8], Igwe et al. [9], Opara et al. [10], Kelemu et al. [11].

Table 1. Diversity and location of the most consumed edible insects in the world.

Figure 1. Recorded number of edible insect species, by country. Source: Centre for Geo Information, Wageningen 
University, based on data compiled by Jongema, 2012 [21]. Banjo et al, [8]; Igwe et al, [9]; Opera et al, [10]; Kelemu et al, [11].
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3. Why eat insects?

Hunger and malnutrition is a serious problem in the ever-expanding human population. 
With the high rate at which the world population is growing, the world food supply should 
grow at the same rate, if not faster. Therefore, the search for new food sources including the 
identification and development of localized ethnic ones continues [3].

In most part of the world, particularly in Africa and Latin America, food resources are becom-
ing increasingly scarce and the importing of foods is becoming more expensive. It is thus 
imperative to identify and develop indigenous food resources. To effectively respond not just 
to rapid population growth but also to other pressing challenges, researchers have turned 
their attention to insects not only because of their abundance, enormous biomass, and high-
quality protein but also because of the time-honored practice among many culturally diverse 
peoples of Africa and Latin America of consuming live, roasted, and fried insects, providing 
them with a nutritious protein of good quality and high digestibility [12, 13]. The choice of 
insects as food is further strengthened by the fact that they also constituted rich sources of fat, 
vitamins, and minerals, especially iron and zinc [14].

4. Edible insects as food for humans and feed for animals

Insects are the most abundant and most diverse multicellular organisms on planet earth and are 
thought to account for about 80% of all species [15]. Numerous crops rely on them for pollina-
tion, and their importance extends into their other agricultural and human health benefit [16].

Over 1900 species of insects are known to be part of human diets, more than 2 billion people 
consume insects on a regular basis, and insect eating provides a significant proportion of 
the animal protein consumed in some regions [3, 17]. In fact, in many developing countries 
and among various cultures scattered throughout the world, insects remain a vital and pre-
ferred food and an essential source of protein, fat, minerals, and vitamins [18]. This is because 
some edible insects have been shown to have nutritional value that can be compared with 
meat and fish, while others have higher proportion of proteins, fat, and energy value [19]. 
This has become especially important as the need for alternative protein sources increases 
due to rapid urbanization in developing countries and the shifts in the composition of global 
food demand. Among the most important orders of insects consumed in the world are the 
Coleoptera, Hymenoptera, Isoptera, Lepidoptera, Odonata, and Orthoptera, and they are 
highly priced (Figure 2) [20]. Notable examples of these are the locusts, termites, worms, 
grasshoppers, caterpillars, palm weevils, and beetle grubs, among others.

Although insects were mainly recognized as pests affecting humans, plants, and animal 
health, insects play an essential role in minimizing food insecurity in addition to provide 
ecosystem services (such as pollination, waste degradation, and biological control). Insects 
also represent an important food source for a wide variety of animal species. Van Huis et al. 
outlined the important role of insects in assuring food and feed security. Below is a list of pic-
tures showing the various edible insects consumed around the world (Figure 3) [3].
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Figure 2. Number of insect species, by order, consumed worldwide. Source: Jongema [21].

Figure 3. Examples of edible insects.
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5. Medicinal value of edible insects

Scientific validation of traditional wisdom in bioprospecting has assured greater significance. 
Edible insects have long been a significant dietary factor and remedy for illnesses in many 
regions of the world [22]. Traditional healers have used insects as medicine to treat various 
diseases in human beings and animals successfully. Some of these diseases include common 
fever, scabies, epilepsy, violent headaches, bronchitis, hemorrhage, and dog bite. Insects are 
also used to treat wound, to prevent gangrene, and to increase milk flow in lactating women, 
among others [23]. This treatment is finding modern usage in many hospitals. Also, chemicals 
produced by edible insects against self-defense have also been exploited by many researchers 
for the production of antibacterial and anticancer drugs. For instance, pierisin, a protein puri-
fied from pupa of cabbage butterfly, exhibits cytotoxic effects against human gastric cancer. 
Cecropin has also been reported to be cytotoxic against mammalian lymphoma and leukemia 
cells [22]. Despite the fact that edible insects have a high nutritional, economic, and medicinal 
value, they are often neglected. It is high time that scientists recognize this fact and begin to 
build on it given the benefits of these creatures to the environment and to human health.

6. Market value of edible insects

Many rural communities like those in Africa, Asia, and South America know that eating 
insects provides a valuable source of protein, minerals, and vitamins as well as a tasty snack 
and therefore must be in high demand. Crickets, grasshoppers, and locusts, for example, are 
a seasonal delicacy, while the giant water beetles are used in salads [22].

Considering the popularity of edible insects, it is not surprising that scores of species have 
been and are prominent items of commerce in the town and village markets of Africa and 
tropical and semitropical regions of the world [24]. In several areas in Africa, particularly in 
Zimbabwe, Nigeria, South Africa, Ivory Coast, and Zambia, many families make fairly good 
living from selling insects [25, 26]. These insects are mostly gathered from bushes and farm-
land by women and children (Figure 4), processed, and eaten or sold in school premises and 

Figure 4. A picture showing women and children selling edible insects in local markets.
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local and urban markets. Some of these insects are also processed and exported to shops and 
restaurants in cities in and out of the country [20, 27]. The commercialization of edible insects 
therefore provides significant income to many households in Africa. However, poorly under-
stood and poorly organized market chains severely limit agribusiness in Africa. The market 
constraints encountered by farmers when attempting to diversify the production of edible 
insect business should therefore be documented.

7. Nutritional value of edible insects

The part played by insects in human nutrition cannot be underestimated [28]. Substantial 
evidence suggests that insects are a highly nutritious and healthy food source with high 
content of nutrients such as fats, proteins, amino acids, carbohydrates, vitamins, fibers, and 
minerals required by humans and animals [3]. However, the nutritional compositions of 
edible insects between and within species are highly variable depending upon the metamor-
phic stage, habitat, and diet of the insect as well as the preparation and processing meth-
ods applied before consumption [29]. Although the nutritional composition of some edible 
insects has previously been investigated in a number of countries, for example, India, the 
USA, Mexico, and Thailand, very few authors have reported a compiled nutritional compo-
sition of edible insects in the world. The lack of nutritional data on most edible insects may 
result in a reduction in consumer confidence and limits integration of insect consumption 
with other food sources. Hence, this work seeks to compile nutritional data of edible insects 
consumed in the world.

7.1. Dietary energy content of edible insects

With the growing world population, there are now more than 3.7 billion people suffering 
from malnutrition, mainly due to lack of protein and energy from food [30]. Also, new 
agricultural land is scarce to produce food for humans, and as such a greater proportion of 
people are eating resource-intensive animal protein than ever before. Livestock production 
is very expensive because it requires a large input of energy compared to the energy output 
[31]. These livestock also compete for nutrients and energy with humans.

Utilization of insects as a protein source could benefit insect conservation through habitat 
protection [32]. Insects are essential agents because they are able to exploit all organic 
sources in nature and are able to recycle organic waste and provide nutrients to farm ani-
mals and humans [33, 34]. Furthermore, edible insects have high quantities of polyunsatu-
rated fat which provides majority of the energy for sustaining life. The energy contents of 
edible insects vary according to the species and region found and have also been found 
to be significantly higher than those of livestock and vegetables [19, 35]. Hence, edible 
insects may efficiently provide the necessary energy for the vital functions and survival of 
organisms.

Ramos Elorduy et al. [36] analyzed 78 insects from Oaxaca State, Mexico, and determined that 
caloric content was 293–762 kcal per 100 g of dry matter as shown in Table 2.
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7.2. Protein and amino acid composition of edible insects

Proteins are organic compounds consisting amino acids which are the building blocks and 
could be either essential or nonessential. Protein is the basis of all organism activity and 
constitutes many important materials such as enzyme, hormones, and hemoglobin. Proteins 
are the most abundant biological macromolecules, occurring in all cells and all parts of cells. 
Proteins also occur in great variety; thousands of different kinds, ranging in size from rel-
atively small peptides to huge polymers with molecular weights in the millions, may be 
found in a single cell. Moreover, proteins exhibit enormous diversity of biological function 
and are the most important final products of the information pathways. Proteins are the 
molecular instruments through which genetic information is expressed. Therefore, ensuring 
a steady source of protein is very important in providing energy for humans and animals.

Insects are potentially an important energy efficient source of protein in humans (Table 3), either 
through a direct consumption or as food supplements for stock [17]. Many local communities in 

Location Common name Scientific name Energy content kcal/100 g fresh 
weight

Australia Australia plague locust, 
raw

Chortoicetes terminifera 499

Australia Green (weaver) ant, raw Oecophylla smaragdina 1272

Canada, Quebec Red-legged grasshopper, 
whole, raw

Melanoplus femurrubrum 160

The USA, Illinois Yellow mealworm, larva, 
raw

Tenebrio molitor 206

The USA, Illinois Yellow mealworm, adult, 
raw

Tenebrio molitor 138

Ivory Coast Termite, adult, dewinged, 
dried, flour

Macrotermes subhyalinus 535

Mexico Veracruz State Leaf-cutter ant, adult, raw Atta mexicana 404

Mexico Hidalgo State Honey ant, adult, raw Myrmecocystus melliger 116

Thailand Field cricket, raw Gryllus bimaculatus 120

Thailand Giant water bug, raw Lethocerus indicus 165

Thailand Rice grasshopper, raw Oxya japonica 149

Thailand Grasshopper, raw Cyrtacanthacris tatarica 89

Thailand Domestic silkworm, pupa, 
raw

Bombyx mori 94

The Netherlands Migratory locust, adult, 
raw

Locusta migratoria 179

Source: FAO [37].

Table 2. Examples of energy content of different processed insect species, by regions.
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the world, particularly in the Amazon region, attain about 8–70% of their dietary protein from 
insects [39]. The highest amount of crude protein is found in insects in the order Lepidoptera fol-
lowed by Coleoptera, while the order Hymenoptera has the least. The high protein content is an 
indication that edible insects can be of value to man and animal ration and can eventually replace 
higher animal protein usually absent in the diet of rural dwellers in developing countries [8].

Xiaoming et al. [40] evaluated the protein content of 100 species from a number of insect 
orders. He showed that protein content was high and in the range of 13–77% of dry matter 
and that there was a large variation between and within the insect orders.

Edible insects have also been shown to have higher protein content, on a mass basis, than 
other animal and plant foods such as beef, chicken, fish, soybeans, and maize [41]. FAO com-
pared protein content of insects, reptiles, cattle, and fish (Table 4) [42]. Results showed that 
the protein content of the selected insect species had higher protein contents than the fish and 
mammals. This strongly suggests that insects are an important source of protein and as such 
their consumption should be encouraged.

Many studies have also shown that edible insects are important source of amino acids (tryp-
tophan and lysine). The inclusion of these insect species in diets could be of immense benefit 
in complementing lysine-poor staple cereals [43–45], and a host of others were able to demon-
strate that an insect species Tenebrio molitor had a significant amount of essential and nones-
sential amino acids compared to beef (Table 5).

7.3. Fat and carbohydrate composition of edible insects

Fats and carbohydrates are important nutritive elements in the human body. They are the main 
energy source in the body, can reduce consumption of proteins, and help for detoxification [38].

Edible insects are also a good source of carbohydrates. In fact, the carbohydrate content of edi-
ble insects ranged from 6.71% in sting bug to 15.98% in cicada [47]. Carbohydrates in insects 

Insect order Stage Range (% protein)

Coleoptera Adults and larvae 23–66

Lepidoptera Pupae and larvae 14–68

Hemiptera Adults and larvae 42–74

Homoptera Adults, larvae, and eggs 45–57

Hymenoptera Adults, pupae, larvae, and eggs 13–77

Odonata Adults and naiad 46–65

Orthoptera Adult and nymph 23–65

Source: Xiaoming et al. [40].

Table 3. Crude protein content, by insect order.
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are formed mainly by chitin. Chitin is a macromolecular compound that has a high nutritional 
and health value. This chitin reduces serum cholesterol [48]. Also, recent report showed that 
considerable amounts of polysaccharide in edible insects might improve immune functioning 
of human body [49].

Fat is the most energy-dense macronutrient in food. It consists of triglycerides and three fatty 
acid molecules which are the backbone. Fatty acid can either be saturated, unsaturated, or 
essential. Dietary intervention and epidemiological studies showed that fatty acid intake 

Animal group Species and common name Edible product Protein content (g/100 g fresh 
weight)

Insect (raw) Locusts and grasshoppers: 
Locusta migratoria, Anacridium 
melanorhodon, Ruspolia differens

Larva 14–18

Locusts and grasshoppers: 
Locusta migratoria, Anacridium 
melanorhodon, Ruspolia differens

Adult 13–28

Sphenarium purpurascens 
(chapulines, Mexico)

Adult 35–48

Silkworm (Bombyx mori) Caterpillar 10–17

Palm worm beetles: 
Rhynchophorus palmarum, R. 
phoenicis, Callipogon barbatus

Larva 7–36

Yellow mealworm (Tenebrio 
molitor)

Larva 14–25

Crickets Adult 8–25

Termites Adult 13–28

Cattles Turtles: Chelodina rugosa, 
Chelonia depressa

Flesh 25–27

Intestine 18

Liver 11

Heart 17–23

Liver 12–27

Fish (raw) Finfish Tilapia 16–19

Mackerel 16–28

Catfish 17–28

Crustaceans Lobster 17–19

Prawn (Malaysia) 16–19

Shrimp 13–27

Mollusks Cuttlefish 15–18

Sources: FAO [37, 42].

Table 4. Comparison of average protein content among insects, fish, reptiles, and cattle.
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played a key role in human health. Reduction in dietary saturated fatty acids can decrease 
factor VII coagulant activity, which was implicated as a risk factor of cardiovascular disease 
[50]. Scientific literature has shown that consumption of PUFAs has several health benefits to 
humans such as reduction of glucose tolerance, thus reducing risk of diabetes and blood pres-
sure [51], and prevention of insulin resistance [52], decreasing thrombotic tendency by inhibi-
tion of thromboxane A2 formation [53] and lowering blood pressure [51, 54]. Womeni et al. 
[55] investigated the content and composition of fat extracted from several insects (Table 6). 
They showed that their oils are rich in polyunsaturated fatty acids and frequently contain the 
essential linoleic and α-linolenic acids. The nutritional importance of these two essential fatty 
acids is well recognized, mainly for the healthy development of children and infants [56].

Amino acid T. molitor g/kg dry matter Beef g/kg dry matter

Essential

Isoleucine 24.7 16

Leucine 52.2 42

Lysine 26.8 45

Methionine 6.3 16

Phenylalanine 17.3 24

Threonine 20.2 25

Tryptophan 3.9 -

Valine 28.9 20

Semi-essential

Arginine 25.5 33

Histidine 15.5 20

Methionine + cysteine 10.5 22

Tyrosine 36.0 22

Nonessential

Alanine 40.4 30

Aspartic acid 40.0 52

Cysteine 4.2 5.9

Glycine 27.3 24

Glutamic acid 55.4 90

Proline 34.1 28

Serine 25.2 27

Taurine 210 -

Sources: Finke [45], Oonincx [46].

Table 5. Average amino acid content in Tenebrio molitor and beef in g/kg dry matter.
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Many recent studies have shown that edible insects are a rich source of fatty acids, particu-
larly polyunsaturated fat [19, 57]. These fatty acids differ and depend on many factors such as 
species reproduction stages [58, 59] and season or life stage [59].

7.4. Mineral composition of edible insects

Minerals are known to play important metabolic and physiologic roles in the living system. 
Iron, zinc, copper, and manganese strengthen the immune system as antioxidant and cofactors 
of enzyme [60]. Similarly, magnesium, zinc, and selenium prevent cardiomyopathy, muscle 
degeneration, growth retardation, impaired spermatogenesis, immunologic dysfunction, and 
bleeding disorder [61]. Iron deficiency is a major problem in women’s diets in the develop-
ing world, particularly among pregnant women, and especially in Africa [62]. Magnesium is 
needed for more than 300 biochemical reactions in the body. It helps to maintain normal mus-
cle and nerve function, keeps the heart rhythm steady, and regulates blood sugar levels [63].

Analysis of normal elements showed that edible insects are rich in nutritious elements such 
as potassium and sodium (cricket nymph), calcium (adult cricket), copper (mealworm), iron 
(axayacatl), zinc (cricket), manganese (cricket), and phosphorus [3]. Therefore, edible insects 

Edible insect species Fat content (% of  
dry matter)

Composition of main fatty 
acids (% of oil content)

Type of fatty acid

African palm weevil 
(Rhynchophorus phoenicis)

54% Palmitoleic acid 38% MUFA

Linoleic acid 45% PUFA

Edible grasshopper 
(Ruspolia differens)

67% Palmitoleic acid 28% MUFA

Linoleic acid 46% PUFA

a-Linolenic acid PUFA

Termites (Macrotermes sp.) 49% Palmitic acid SFA

Oleic acid MUFA

Stearic acid 9% SFA

Saturniid caterpillar 
(Imbrasia sp.)

24% Palmitic acid 8% SFA

Oleic acid 9% MUFA

Linoleic acid 7% PUFA

a-Linolenic acid 38% PUFA

Variegates grasshopper 
(Zonocerus variegates)

9% Palmitoleic acid 24% MUFA

Oleic acid 11% MUFA

Linoleic acid 21% PUFA

a-Linolenic acid 15% PUFA

g-Linolenic acid 23% PUFA

Source: Womeni et al. [55]. PUFA= Polyunsaturated Fatty Acids; MUFA= Monounsaturated Fatty Acids; SFA= Saturated 
Fatty Acids.

Table 6. Fat content and randomly selected fatty acids of several edible insect species consumed in Cameroon.
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can supply the necessary nutritive elements for human body functions and could be consumed 
along with other food and animals rich in other essential minerals to further complement the 
diet of these insects. The mineral contents of some edible insects in Nigeria are shown in Table 7.

7.5. Vitamin composition of edible insects

Vitamins are a group of organic compounds that are necessary for metabolism in human 
bodies. Vitamins cannot be synthesized in the human body; they must be supplied constantly 
by food [38]. Vitamin C, also called ascorbic acid, serves as a reducing agent (an antioxidant), 
while vitamin B comprises of components of coenzymes. Vitamins K and A are required for 
normal blood clotting and proper vision, respectively. Many studies have shown that edible 
insects contain appreciable amounts of vitamins [9, 44]. The high vitamin content of edible 
insects presents them as a highly potentially good source of food supplement for malnour-
ished people and animals. The vitamin contents of some insect orders are shown in Table 8. 
Each of the orders contains appreciably high amounts of vitamins A, B2, and C.

Insect species Ca P Fe Mg Ash

Megachile 
nigeriensis

1.00* 14.90* 9.56* 60.96* 7.60*

Macrotermes 
bellicosus

21 136 27 0.15 2.90

M. natalensis 18 114 29 0.26 1.90

Brachytrupes spp. 9.21 126.9 0.68 0.13 1.82

Circus aeruginosus 4.40 100.2 0.35 0.09 2.10

Z. variegatus 42.40 131.2 1.96 8.21 1.20

Argiope trifasciata 61.28 136.4 18.2 6.14 4.21

Anaphe infracta 8.56 111.3 1.78 1.01 1.60

Annona reticulata 10.52 102.4 2.24 2.56 2.50

Lepidoptera litoralia 12.00 9.00 19.50 0.50 4.30

A. venata 8.57 100.5 2.01 1.56 3.20

C. forda 8.24 111.0 1.79 1.87 1.50

A. mellifera 15.4 125.5 25.2 5.23 2.20

O. boas 45.68 130.2 2.31 6.62 1.50

Oryctes monoceros NA NA 85.00 175.00 10.50

Gymnelia lucens NA NA NA NA 6.40

R. phoenicis 54.1 685.0 30.80 131.8 2.70

Aphodius rufipes 42.16 131.2 30.82 11.72 2.74

*mg/kg body weight; NA, not available.
Sources: Banjo et al. [8], Ifie and Emeruwa [64], Finke [45]; Paiko et al. [65]; Solomon and Pisca [66], Johnson [67].

Table 7. Mineral and ash (mg/100 g) contents in some edible insect species.
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8. Edible insects as an engine for improving/replacing livestock rearing

Land, water, and energy resources are declining, so these resources need to be conserved 
and managed to produce more food [68]. Also, animal husbandry competes for these vital 
resources, as the land is occupied by the production of feed and cannot be used to produce 
more food for humans [32]. It is very expensive to carry out livestock farming. This is because 
they consume large amounts of energy than they produce [68]. For example, livestock con-
sume 77 million tons of protein in feedstuff that is potential for human nutrition to produce 
58 million tons of protein [69]. Insect culture, on the other hand, requires little areas [70]. 
Also, many of the edible insect species do not compete with human beings for food resources. 
Equally, insect farming requires little water, which is significant because water shortages 
already exist throughout the world and are likely to increase. Hence, insects are nick named 
“minilivestock” [71].

9. Environmental (ecological) opportunities of insect rearing

Insects deliver a host of ecological services fundamental to the survival of humankind. 
Utilization of insects as a protein source could benefit insect conservation through habitat 
protection [32]. Insects are essential agents feeding on organic matter in nature, and they 
efficiently exploit all organic sources. Insects also recycle organic waste and provide nutri-
ents for farm animals [33, 34]. Many insect species are absolutely necessary to improve soil 
fertility. This is because insects play an important role in breaking down waste products 
until it is fit to be consumed by fungi and bacteria, thus releasing minerals and nutrients 
which become readily available in the soil for plant uptake, hence improving soil fertility. 
Animal carcasses, for example, are consumed by fly maggots and beetle larvae. Dung bee-
tles—of which there are about 400 known species—also play a significant role in decompos-
ing manure. Hence, insects could be used as efficient bio-transformers to convert abundant, 
low-cost organic wastes into animal biomass rich in proteins and suitable for use in animal 
nutrition [72].

Order N Vitamin A Vitamin B2 Vitamin C

Range Mean Range Mean Range Mean

Isoptera 3 0.026–0.05 0.14 1.54–1.98 1.69 3.01–17.76 8.06

Coleoptera 3 0.086–0.125 0.11 0.08–2.62 1.64 4.25–7.59 5.75

Orthoptera 3 0.0–0.068 0.03 0.03–0.08 0.06 0.0–8.64 3.21

Lepidoptera 5 0.028–0.034 0.09 0.09–2.21 1.50 1.95–4.52 2.83

Hymenoptera 1 3.24 10.25

N, number of insect species in each order. Sources: Banjo et al. [8], Ifie and Emeruwa [64], Igwe et al. [9].

Table 8. Vitamin (mg/100 g) contents in some edible insects in Nigeria.
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8. Edible insects as an engine for improving/replacing livestock rearing

Land, water, and energy resources are declining, so these resources need to be conserved 
and managed to produce more food [68]. Also, animal husbandry competes for these vital 
resources, as the land is occupied by the production of feed and cannot be used to produce 
more food for humans [32]. It is very expensive to carry out livestock farming. This is because 
they consume large amounts of energy than they produce [68]. For example, livestock con-
sume 77 million tons of protein in feedstuff that is potential for human nutrition to produce 
58 million tons of protein [69]. Insect culture, on the other hand, requires little areas [70]. 
Also, many of the edible insect species do not compete with human beings for food resources. 
Equally, insect farming requires little water, which is significant because water shortages 
already exist throughout the world and are likely to increase. Hence, insects are nick named 
“minilivestock” [71].

9. Environmental (ecological) opportunities of insect rearing

Insects deliver a host of ecological services fundamental to the survival of humankind. 
Utilization of insects as a protein source could benefit insect conservation through habitat 
protection [32]. Insects are essential agents feeding on organic matter in nature, and they 
efficiently exploit all organic sources. Insects also recycle organic waste and provide nutri-
ents for farm animals [33, 34]. Many insect species are absolutely necessary to improve soil 
fertility. This is because insects play an important role in breaking down waste products 
until it is fit to be consumed by fungi and bacteria, thus releasing minerals and nutrients 
which become readily available in the soil for plant uptake, hence improving soil fertility. 
Animal carcasses, for example, are consumed by fly maggots and beetle larvae. Dung bee-
tles—of which there are about 400 known species—also play a significant role in decompos-
ing manure. Hence, insects could be used as efficient bio-transformers to convert abundant, 
low-cost organic wastes into animal biomass rich in proteins and suitable for use in animal 
nutrition [72].

Order N Vitamin A Vitamin B2 Vitamin C

Range Mean Range Mean Range Mean

Isoptera 3 0.026–0.05 0.14 1.54–1.98 1.69 3.01–17.76 8.06

Coleoptera 3 0.086–0.125 0.11 0.08–2.62 1.64 4.25–7.59 5.75

Orthoptera 3 0.0–0.068 0.03 0.03–0.08 0.06 0.0–8.64 3.21

Lepidoptera 5 0.028–0.034 0.09 0.09–2.21 1.50 1.95–4.52 2.83

Hymenoptera 1 3.24 10.25

N, number of insect species in each order. Sources: Banjo et al. [8], Ifie and Emeruwa [64], Igwe et al. [9].

Table 8. Vitamin (mg/100 g) contents in some edible insects in Nigeria.
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10. Beneficial roles of insects for humans

Besides serving as sources of food, edible insects provide humans with a variety of other 
valuable products. A huge variety of insect species are known to have remarkable commercial 
and pharmaceutical values. For example, bees and silkworm have been shown to produce 
massive tons of honey and silk, respectively. These products can be sold in the local as well 
as in the international markets [72], while silkworms produce more than 90,000 tons of silk 
[73]. Also carmine, a red dye produced by scale insects of the order Hemiptera, is used to 
color foods, textiles, and pharmaceuticals. Resilin, a rubberlike protein that enables insects 
to jump, has been used in medicine to repair arteries because of its elastic properties [74]. 
In addition to this, other products produced by edible insects such as honey, propolis, royal 
jelly, and venom have been used in treating traumatic and infected wounds and burns [75]. 
Furthermore, insect products have also been used in engineering methods in the production 
of biomaterials [76].

11. Conclusion

Sustainably meeting global food demands is one of humanity’s greatest challenges and has 
attracted considerable attention in the past few years [77]. There is general consensus on agri-
culture’s positive contribution to food security through its role in increasing availability of 
affordable food and the incomes of the poor. Within the context of sustainable diet, the use of 
insects as food and feed has a significant role to play in assuring food security and improving 
livelihood of the African people. Edible insects are rich in protein and amino acids, especially 
essential amino acids which are necessary for the human body. They can also supply unsatu-
rated fatty acids, minerals, vitamins, and carbohydrates, which have an excellent nutritive 
value. They are also of valuable importance medically, commercially, and ecologically. These 
edible insects should therefore be taken into consideration for a world in which human nutri-
tion has been a huge problem.

12. The way forward

Recent studies have identified four important challenges that must be addressed in order to 
tap the huge potentials that edible insects offer for enhancing food and feed security.

To begin with, more work on the nutritional values of edible insects is needed in order to 
establish insects as food. Also, insect farming should be compared with livestock farming in 
order to determine which one of them is more environmentally damaging or environmentally 
friendly. Furthermore, there should be a further clarification on the socioeconomic importance 
of edible insects in enhancing food security. Lastly, clear comprehensive legal framework at 
(inter)national levels is needed to pave the way for more investment, leading to the full devel-
opment of production and international trade in insect products as food and feed sources.
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