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The cytoskeleton is a highly dynamic intracellular platform constituted by a three-
dimensional network of proteins responsible for key cellular roles as structure and

shape, cell growth and development, and offering to the cell with “motility” that being
the ability of the entire cell to move and for material to be moved within the cell in a

regulated fashion (vesicle trafficking). The present edition of Cytoskeleton provides new
insights into the structure-functional features, dynamics, and cytoskeleton’s relationship

to diseases. The authors’ contribution in this book will be of substantial importance to
a wide audience such as clinicians, researches, educators, and students interested in

getting updated knowledge about molecular basis of cytoskeleton, such as regulation
of cell vital processes by actin-binding proteins as cell morphogenesis, motility, their

implications in cell signaling, as well as strategies for clinical trial and alternative
therapies based in multitargeting molecules to tackle diseases, that is, cancer.
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Preface

All cells of all domains of life (archaea, bacteria, and eukaryotes) contain constituents of the
cytoskeleton, in which systems of different organisms are composed of similar proteins.
However, the structure, function, and dynamic behavior of the cytoskeleton can be very dif‐
ferent, depending on organism and cell type. Even within one cell, the cytoskeleton can
change through association with other proteins and the previous history of the network.

In eukaryotes, the cytoskeletal matrix is a dynamic structure integrated in three main pro‐
teins (microtubules, intermediate filaments, and actin filaments), which are capable of a fast
growth or disassembly depending on the cell’s requirements at a certain period of time. Un‐
derlying all this complexity is the knowledge that the cell is alive and is constantly changing
its properties, actively, as a consequence of many external factors, by integrating environ‐
ment stimuli through different cell signaling pathways.

In recent years, it has been shown that bacteria contain a number of cytoskeletal structures
and elements that include homologues of eukaryotic cytoskeletal proteins (actin, tubulin,
and intermediate filament proteins) and a fourth group, the MinD-ParA group, which ap‐
pears to be unique to bacteria.

The cytoskeleton is the overall name given to protein filaments and motor proteins in the
cell, which form a massive and dynamic three-dimensional (3D) scaffolding structure, driv‐
ing cell shape and cell organization, in determining the spatial arrangement of membrane
receptors and thus in the development of cell polarity, movement, and cell stability. It plays
a crucial role in many fundamental processes of cell growth and development such as chro‐
mosome segregation during cellular division and cytokinesis (the division of a mother cell
into two daughter cells), cell expansion, and intracellular organization, also contributing to
the organelles’ functionality.

Furthermore, filaments can be cross-linked to other similar filaments and to membranes,
having accessory and/or actin-binding proteins as intermediaries. This interlinking signifi‐
cantly increases rigidity, as the time that some filaments are used as trackways for motor
proteins to transport molecules and cargo-containing vesicles around the cell and the uptake
of extracellular material (endocytosis).

Many proteins of the cytoskeleton have been newly identified and have tentative functions
assigned, and recently deficiencies were identified in disease states. In addition, components
of the cytoskeleton form specialized structures, such as flagella, cilia, sperm, lamellipodia,
and podosomes, allowing cells to move, cell organelles to be moved and positioned along
the protein filaments using them as roadways rather like how a railway locomotive runs on
rail tracks, and muscles to function.



The cytoskeleton is of fundamental importance in a wide range of cellular processes and
that an appreciation of its features and functions impacts on a wide range of cell physiology,
spanning research from fundamental cell biology to cancer pathology. We believe that
knowledge of the cytoskeleton will be of benefit to a large number of physiologists, bio‐
chemists, and medical students as well as cell and molecular biologists.

Until recently, the emphasis in cytoskeleton research has been on identification of protein
components and structural studies of the proteins and to stress functional aspects of the cy‐
toskeleton and how this may be related to cell and tissue physiology and to disease.

This chapter presents the preface to cytoskeletal advances in structure, functional dynamics,
and disease. It discusses protein structure-composition of the major filament systems (microfi‐
laments, microtubules, and intermediate filaments) and major cytoplasmic components (actin
and tubulin, the monomeric constituents of microfilaments and microtubules, are major cell
proteins), which play important roles in cell function, and investigations into the functional role
of the cytoskeleton currently represent a major area of cell biological research.

We would like to thank the authors for writing these interesting articles.

Jose C. Jimenez-Lopez, Ph.D.
Spanish National Research Council (CSIC)

Estacion Experimental del Zaidin (EEZ)
Department of Biochemistry, Cell and Molecular Biology of Plants,

Spain
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Chapter 1

Reorganization of Vegetal Cortex Microtubules and Its

Role in Axis Induction in the Early Vertebrate Embryo

Elaine Welch and Francisco Pelegri

Additional information is available at the end of the chapter

http://dx.doi.org/10.5772/66950

Abstract

In vertebrate species, induction of the embryonic axis is initiated by the transport of mater-
nally supplied determinants, initially localized to the vegetal pole of the egg, toward the 
prospective organizer in the animal region. This transport process remains incompletely 
understood. Here, we review studies involving embryonic manipulations, visualiza-
tion, and functional analysis of the cytoskeleton and loss- and gain-of-function condi-
tions, which provide insights in this process. Transport of dorsal determinants requires 
cytoskeletal reorganization of a vegetal array of microtubules, microtubule motors, and 
an off-center movement of the vegetal cortex with respect to the inner egg core, a so-
called cortical rotation. Additional mechanisms may be used in specific systems, such as 
a more general animally directed movement found in the teleost embryo. Initial polar-
ity of the microtubule movement depends on early asymmetries, which are amplified 
by the movement of the outermost cortex. An interplay between microtubule organiza-
tion and axis specification has also been reported in other animal species. Altogether, 
these studies show the importance of cytoskeletal dynamic changes, such as bundling, 
force- inducing motor activity, and regulated cytoskeletal growth, for the intracellular 
 transport of maternally inherited factors to their site of action in the zygote.

Keywords: microtubules, dorsoventral axis, cortical rotation, zebrafish, Xenopus, 
embryo

1. Introduction

One of the main events that take place during vertebrate development is the establishment of 
the dorsoventral (DV) axis. This process has been studied in a variety of vertebrate species, 
in particular in the amphibian Xenopus laevis and the teleost fish Danio rerio. In these model 
systems, embryological manipulations show that the ligation of the vegetal pole of the freshly 

© 2017 The Author(s). Licensee InTech. This chapter is distributed under the terms of the Creative Commons
Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
distribution, and reproduction in any medium, provided the original work is properly cited.



laid egg results in embryos that lack a primary (dorsal) axis (reviewed in Ref. [1]). However, 
the ligation of the same vegetal region after the second cell cycle does not have this effect. 
These manipulations allowed to infer the presence of dorsal determinants initially localized 
to the vegetal pole of the egg, which following fertilization are transported to a more animal 
region to specify prospective dorsal cells. These determinants, through mechanisms that have 
not been fully determined, result in the activation of the canonical Wnt/β-catenin signaling 
pathway, leading to dorsal gene expression and the induction of the dorsal organizer [2–4]. In 
Xenopus, the inferred transport of these determinants is coincident with the shift of the outer 
cortex, the “cortical rotation,” relative to the entire cytoplasm, a shift that is readily apparent 
due to pigmentation patterns of granules in the cortex.

It has been shown that the process of transport of dorsal determinants is dependent on the 
microtubule cytoskeleton in the egg cortex, specifically on the reorganization of vegetal 
microtubules as long tracks of parallel bundles (Figure 1, left and center). In Xenopus, this 
array of aligned microtubule bundles extends the relatively long span from the vegetal pole 
to the prospective dorsal region near the animal pole, and visualization of particles, vesicles, 
and fluorescently labeled factors suggests that these tracks of microtubules may be acting as a 

Figure 1. Schematic of early developmental processes in fish, amphibians, and ascidians. Prior to fertilization in 
zebrafish and Xenopus wild-type embryos, maternal factors are localized at the vegetal pole. Upon fertilization, they 
are transported to the dorsal region via a parallel array of vegetal microtubules. In zebrafish hecate/grip2a (hec) mutants, 
this vegetal microtubule array is compromised, preventing an initial early off-center dorsal shift of maternal factors, 
subsequently leading to a ventralized embryo (bottom row, second from left, compared to wild-type at left). A second 
phase of animally directed transport in zebrafish (not shown) appears to depend on a more general mechanism, 
independent of vegetal microtubule alignment [26]. In ascidian embryos, first the egg cortex and plasma membrane 
contract, resulting in the segregation of microfilaments, mitochondria, cER, postplasmic/PEM RNAs, and muscle-
forming and endoderm-forming determinants toward the vegetal pole region. These components subsequently move 
toward the posterior pole through the attraction of a microtubule aster-based center.

Cytoskeleton - Structure, Dynamics, Function and Disease4
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substrate for long-range transport [5, 6]. Early zebrafish embryos do not exhibit an outwardly 
apparent cortical shift [7], and aligned vegetal microtubule tracks appear to span a more 
restricted area [6, 8], yet vegetal cortex microtubules may have similar transport functions as 
in Xenopus. Analysis of dynamic changes during microtubule reorganization in the context of 
the embryo has led to a model in which cortical rotation and microtubule-dependent trans-
port are interdependent processes that together mediate the transport of dorsal determinants 
(see below) [5]. Forward and reverse genetic approaches in various systems, primarily zebra-
fish and Xenopus, have contributed to our understanding of these processes.

This chapter reviews events involved in the cytoskeletal reorganization required for the 
movement of determinants leading to axis induction. The outcome of microtubule reorgani-
zation in the early embryo is the induction of the dorsal axis, and we first briefly review this 
process in the zebrafish as well as the amphibian X. laevis.

2. Induction signals for axis specification

A primary event in the establishment of the dorsoventral axis in zebrafish and Xenopus is the 
translocation of the normally cytoplasmic protein β-catenin into the nuclei of dorsal blasto-
meres during cleavage stages (Figure 2) [2, 9, 10]. In the absence of Wnt signaling, levels of 
the cytoplasmic pool of β-catenin are reduced by the activity of glycogen synthase kinase-3 
(GSK-3), which promotes β-catenin degradation (reviewed in Ref. [11]). Accordingly, enrich-
ment of β-catenin in dorsal cell nuclei, as well as dorsal axis induction, is blocked by ectopic 
expression of GSK-3. Activation of the canonical Wnt signaling pathway, resulting in localized 
inhibition of GSK-3 on the future dorsal side of the embryo, is thought to promote the accu-
mulation of cytoplasmic β-catenin in the prospective dorsal region. Accumulated β-catenin in 
turn translocates to the nucleus [3, 12], where it can influence gene expression (reviewed in 
Refs. [13, 14]).

A key mediator of Wnt signaling, when localized to the nuclei, β-catenin acts as a tran-
scriptional effector to activate dorsal-specific genes such as bozozok/dharma, nodal-related 
1, and chordin [13]. Products expressed from these dorsal genes along with those from 
their targets antagonize ventralizing signals such as bone morphogenetic proteins (BMPs), 
thus promoting dorsal cell fate specification (reviewed in Refs. [14, 15]). Failure of nuclear 
β-catenin to localize to the nuclei of dorsal blastomeres results in the ventralization of 
embryos [16].

The intricacies of the Wnt signaling pathway and its role in vertebrate axis induction have 
been determined through many studies, including functional manipulation of genes through 
ectopic expression and knockdown or expression of dominant-negative constructs (reviewed 
in Refs. [11, 17]). For example, overexpression of β-catenin induces a secondary axis in Xenopus 
embryos [18]. When β-catenin is overexpressed in zebrafish embryos, it is able to induce the 
expression of target genes such as goosecoid and ntl [19]. Similar results have been observed 
with the overexpression of some Wnt ligands [20], including overexpression of Wnt8 and 
Wnt8b in zebrafish embryos [19].

Reorganization of Vegetal Cortex Microtubules and Its Role in Axis Induction in the Early Vertebrate Embryo
http://dx.doi.org/10.5772/66950
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Several mutations in zebrafish have allowed for the confirmation of an endogenous role 
for Wnt signaling pathway in axis induction in the early embryo. An identified recessive 
maternal-effect mutant in ichabod results in defective dorsal organizer formation and severe 
ventralization and shows impaired nuclear localization of maternal β-catenin protein [21]. 
This mutation was found to be closely linked to β-catenin-2 (ctnnb2), a duplicate copy of 
the β-catenin gene located on a different linkage group from the previously characterized 
β-catenin-1 [22]. It was shown that although the ichabod mutation does not functionally 
alter the β-catenin-2 open reading frame, the level of maternal β-catenin-2 transcript (but 
not that of the unlinked β-catenin-1 gene) is substantially lower in ichabod mutant embryos. 
Reduction of β-catenin-2 function in wild-type embryos by the injection of a gene-specific 
morpholino antisense oligonucleotide (MO) results in ventralized phenotypes [22], which 
are similar to those seen in ichabod mutant embryos. In contrast, MOs directed against 
β-catenin-1 have no ventralizing effect on wild-type embryos. These data strongly suggest 

Figure 2. Simplified diagram of Wnt activity involved in axis specification. In the canonical Wnt signaling pathway, 
extracellular Wnt protein ligands signal through Frizzled transmembrane receptors to activate the cytoplasmic protein 
dishevelled (Dsh). Dsh in turn inhibits GSK-3 activity. GSK-3 is part of a complex that normally destabilizes β-catenin 
protein; hence, inhibition of GSK-3 activity results in β-catenin stabilization and its translocation into the nucleus. 
β-Catenin forms a complex with the transcription factor Tcf/Lef to activate dorsal-specific gene expression. Asterisk 
denotes factors thought to undergo a translocation to the prospective dorsal site through a process involving cortical 
rotation and/or microtubule-dependent transport.

Cytoskeleton - Structure, Dynamics, Function and Disease6
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that the ichabod mutation corresponds to the β-catenin-2 gene, providing genetic evidence 
for the role of this factor in axis induction. These results indicate that activation of Wnt 
signaling via the stabilization of β-catenin is essential for proper organization of the embry-
onic axis.

Activation of the Wnt/β-catenin signaling pathway, as well as its important role in the 
expression of dorsal genes, has been extensively studied in a number of cellular systems 
(reviewed in Refs. [11, 17]). However, the identity of the molecules thought to activate 
the pathway in early vertebrate embryos, referred to as dorsal determinants, remains to 
be fully elucidated. Wnt11 has been proposed to be a dorsal determinant in amphibian 
species [23]. In Xenopus, wnt11 mRNA is located at the vegetal pole of the mature egg 
and, after fertilization, becomes enriched at the future dorsal side of the embryo. Thus, 
the localization of wnt11 RNA exhibits the expected behavior of the inferred dorsal deter-
minant, as predicted from transplantation of the dorsal-inducing activity. Additionally, 
it was shown that depletion of wnt11 mRNA from oocytes results in embryos defective 
in dorsal axis induction [24]. Further studies have implicated ubiquitously present Wnt5 
as acting together with Wnt11 in Wnt/β-catenin activation [23]. Studies in zebrafish have 
not implicated Wnt11 or Wnt5 function in axis induction. However, a role for zebrafish 
Wnt8a has been suggested in this process [25, 26]. Similarly to Xenopus wnt11, zebrafish 
wnt8a mRNA is localized to the vegetal pole of the egg and can be observed to translo-
cate after fertilization toward the animally located blastomeres. These studies also indicate 
that, while Wnt/β-catenin pathway activation may be highly conserved in axis induction 
across the animal kingdom, there are variations in maternally based mechanisms leading 
to pathway activation.

Studies in Xenopus and zebrafish also showed that the transport of dorsal determinants, 
which results in the translocation of β-catenin to the nuclei of dorsal blastomeres, requires 
an array of parallel microtubules originating in the vegetal pole region [6, 27]. Miller 
and colleagues investigated the mechanisms responsible for the dorsal activation of the 
Wnt signaling pathway in Xenopus eggs and the subsequent specification of dorsal cell 
fates in the embryo. It was shown that dishevelled (Dsh) protein, a cytoplasmic compo-
nent of the Wnt pathway that functions upstream of β-catenin [28], is associated with 
vesicle-like organelles that become enriched in the prospective dorsal side of the egg at 
the end of the first cell cycle and that the accumulation of Dsh persists through early 
cleavage stages [27]. Further experiments revealed that when embryos were UV irradi-
ated at the vegetal hemisphere, the distribution of Dsh was blocked, which also blocked 
dorsal axis formation. Subsequently, when observing the subcellular localization of 
Dsh fused to GFP, it was revealed that during cortical rotation Dsh-GFP is translocated 
toward the future dorsal side via the vegetal cortex microtubule array [27]. Together, 
these data suggest a model in which dorsal-determining factors including wnt gene prod-
ucts and Dsh protein are transported via a microtubule-dependent pathway to the future 
dorsal side of the embryo, leading to the localized activation of the Wnt signaling path-
way, the accumulation of β-catenin in dorsal blastomeres, and the induction of dorsal cell 
fates [27].
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3. Transport of dorsal determinants in Xenopus and zebrafish

3.1. Molecular mechanism underlying cortical rotation

As mentioned above, embryological manipulations showed that, both in Xenopus and zebra-
fish, dorsal determinants are localized to the vegetal pole of the egg at the time of fertilization 
but have within several cell cycles moved to an animal region where they influence cell fate. 
Spatial changes that lead to these determinants translocating to the prospective dorsal region 
appear to be facilitated by two processes: the rotation of the zygote cortex with respect to 
the core during cortical rotation and the intracellular movement of factors (e.g., wnt RNA or 
Dsh-bound vesicles) along aligned vegetal microtubules. These are likely intertwined pro-
cesses, as tracks of parallel microtubules appear to be required not only for the movement of 
vegetal factors to the prospective dorsal side but also for cortical rotation [29]. Treatment of 
the vegetal portion of embryos to prevent microtubule polymerization, such as exposure to 
nocodazole, cold shock, hydrostatic pressure, or UV irradiation [30, 31], shows that microtu-
bules are required for cortical rotation in normal conditions [31]. In contrast, cytochalasin D, 
an inhibitor of actin polymerization, does not interfere with cortical rotation, indicating that 
microfilaments are not required for this process. Inhibition of protein synthesis with cyclo-
heximide, known to have dramatic effects such as cell cycle arrest [32], also does not inhibit 
rotation, indicating that the control of cortical rotation is posttranslational and depends on 
preformed maternal proteins [32].

Failure of cortical rotation results in a ventralized mutant phenotype in the embryo. However, 
in embryos treated to inhibit microtubules, a cortical rotation can be artificially induced by 
gravity after immobilizing the embryo in a matrix and physically turning it 90°. This manipu-
lation results in the formation of dorsal structures, albeit delayed [33]. Under these condi-
tions, gravity leads to a rearrangement of the heavier yolk-containing core of the embryo 
relative to the cortex. This is thought to increase the proximity of vegetally localized cortical 
signals to internal regions in the more animally located prospective dorsal region. The abil-
ity of the entire cortex to move as a whole relative to the embryonic core contrasts with the 
visualization of moving particles along microtubule tracks. These observations suggest that 
both transport along cortical microtubules and a cortical shift relative to the embryonic core 
contribute to the redistribution of signals involved in axis induction during the early embry-
onic cell cycles. We subsequently address each of these processes.

3.2. Relocalization of RNA determinants during oogenesis and early embryogenesis

The mRNA for the putative zebrafish dorsal determinant wnt8a is localized to the Balbiani 
body during oogenesis. The zebrafish Balbiani body [34] is a mitochondria-rich subcellular 
structure in the forming oocyte shown to be essential for the creation of animal-vegetal polar-
ity in the oocyte. This structure, thought to be homologous to the early messenger transport 
organizer (METRO) pathway of localization in Xenopus [35], constitutes a crucial component 
of a vegetally directed transport pathway that entraps mRNAs and other gene products nec-
essary for patterning of the embryo and germ cell formation [34, 35]. Association of wnt8a 
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RNA with the Balbiani body leads to the localization of this RNA to the vegetal pole of the 
mature zebrafish oocyte [25]. Thus, fertilized embryos initiate development with wnt8a RNA 
localized to the vegetal pole. However, in wild-type embryos starting at 30 min, this mRNA 
experiences an asymmetric movement toward a more animal region that will become the 
prospective organizer region [25, 26].

In addition to wnt8a, genetic studies in zebrafish have allowed the identification of other 
maternally inherited factors involved in the transport of determinants essential for dorsal 
axis induction, such as hecate/grip2a mRNA and Tokkaebi/Syntabulin proteins. Molecular 
characterization of the three independent mutant alleles of the zebrafish maternal effect 
gene hecate/grip2a shows that loss of function for its product results in embryos with reduced 
dorsal gene expression and concomitant defects in forming dorso-anterior structures [26]. 
Similar effects are caused by a single mutation in tokkaebi [36]. Mutations in genes coding 
for either hecate/grip2a or tokkaebi/syntabulin do not interfere with vegetal pole localization 
of wnt8a RNA during oogenesis, but abolish the animally directed asymmetric movement 
of this RNA that normally occurs after fertilization [25, 36, 37]. Given the proposed role 
for Wnt8a as the dorsal determinant in zebrafish [25], the postfertilization defect in wnt8a 
RNA asymmetric movement in hecate and tokkaebi mutants explains axis induction defects 
observed in these mutants.

Positional cloning of hecate shows that this gene encodes glutamate receptor-interacting pro-
tein (Grip) 2a, a factor whose Drosophila homologue protein is associated with membrane 
vesicles in postsynaptic neuronal cells, where it acts in the reception of Wnt signals across 
the synapse [38]. Zebrafish Grip2a protein has four PDZ domains, which are known to inter-
act with membrane-associated factors including members of the Wnt signaling pathway. 
Mutant alleles in this protein exhibit a range of phenotypes whose severity roughly corre-
lates with the extent of unaffected protein, with the strongest allele causing a premature stop 
codon that truncates the Grip2a protein, removing all four PDZ domains [26]. The mutation 
in tokkaebi corresponds to syntabulin, which codes for a linker of the kinesin I motor pro-
tein [36], and acts as a linker molecule that attaches mitochondria to the kinesin-1 motor, 
thereby contributing to anterograde trafficking of mitochondria to neuronal processes [39]. 
The known roles for Grip and syntabulin in the transport of membranous organelles and 
signaling in neuronal types begin to draw similarities between microtubule-based transport 
of vesicles in neurons and the transport of dorsal determinants, also thought to at least par-
tially associate with vesicles (as highlighted by Dsh-GFP movement [27]), in early vertebrate 
embryos.

Consistent with the effect of maternal-effect mutations in hecate/grip2a and tokkaebi/syntabulin 
on the formation of dorsal structures, products of these genes are localized in patterns that 
likely facilitate the movement of dorsal determinants [26, 36, 40]. In wild-type embryos, grip2a 
mRNA, like wnt8a, is localized via a Balbiani body-dependent mechanism to the vegetal pole 
of the oocyte and early embryo, and following egg activation and fertilization, the localization 
of this mRNA shifts off-center about 30° from the vegetal pole. During oogenesis, as in the 
case of grip2a RNA, syntabulin RNA becomes localized to the vegetal pole of the oocyte via 
a Balbiani body-dependent pathway, resulting in the localization of both syntabulin mRNA 
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and protein to the vegetal pole of the egg. After fertilization, as in the case of wnt8a RNA and 
grip2a RNA, Syntabulin protein (but not its RNA) exhibits an off-center shift upon egg activa-
tion [36]. The off-center shift from the vegetal pole exhibited by wnt8a and grip2a mRNAs and 
Syntabulin protein roughly corresponds to a 30° arc offset from the vegetal pole that contains 
an aligned set of arrayed microtubules in the zebrafish embryo and which has been observed 
to contain moving subcellular particles [8]. Thus, the movement of these mRNAs roughly 
corresponds to a region in the teleost early embryo thought to undergo mass movements 
toward the future dorsal side, reminiscent of the amphibian cortical rotation. The coordinated 
asymmetric movement of vegetally localized products such as wnt8a RNA, grip2a RNA, and 
Syntabulin protein is consistent with the observed mass transport of particles in the veg-
etal cortex [8], although they may also reflect specialized transport mechanisms involving 
microtubule tracks, Syntabulin-mediated motor movement, and wnt8 RNA- and grip2a RNA-
containing RNPs.

Genetic analysis indicates that the Hecate/Grip2a and Tokkaebi/Syntabulin products are 
required for the off-center, asymmetric shift of vegetally localized determinants that fol-
lows fertilization. hecate/grip2a mutants show defects in this off-center movement for veg-
etally localized products such as wnt8a RNA and Syntabulin protein, as well as grip2a RNA 
itself [26]. Mutations in tokkaebi/syntabulin also result in defects in wnt8a RNA and Syntabulin 
protein asymmetric movement [36]. However, in both of these mutants, localization of dor-
sal factors (wnt8a RNA, hecate/grip2a RNA, and tokkaebi products) during oogenesis remains 
unaffected. Localization of these factors during oogenesis is instead dependent on the func-
tion of buckyball [25, 26, 36], a novel protein required for Balbiani body formation [34, 41]. 
Thus, localization of dorsal factors to the vegetal pole of the oocyte relies on a Balbiani body-
dependent pathway, and the asymmetric movement of these factors after fertilization, which 
is required for axis induction, depends on the subsequent action of hecate and tokkaebi. As 
discussed below, these functions rely on microtubule-dependent reorganization and trans-
port processes.

Additional studies have shown that, as in Xenopus, zebrafish vegetal cortex microtubules 
become reorganized into parallel bundles (Figure 3) [6, 8]. The studies paint a picture of trans-
location of dorsal axis determinants that is remarkably similar to that of the known Xenopus 
cortical rotation. However, transport of dorsal determinants in zebrafish appears to use a dual 
system, in which microtubule alignment initiates an off-center shift, and other cytoskeletal 
processes mediate long-range transport (see below). In spite of observed differences, these 
studies show that microtubule-dependent transport of dorsal determinants plays an essential 
role in canonical Wnt pathway activation and dorsal axis determination in teleost embryos, 
as in amphibians.

Interestingly, the RNA for the grip2 homologue in Xenopus, XGRIP2 is, like its zebrafish 
homologue grip2a, localized to the mitochondrial cloud (the Balbiani body in zebrafish) dur-
ing Xenopus oocyte development and subsequently to the vegetal pole of the mature oocyte. 
However, in contrast to zebrafish grip2a RNA, Xenopus XGRIP2 RNA does not have an appar-
ent role in axis induction, and after fertilization its RNA becomes localized to germplasm 
masses that coalesce in the embryo (see below) [42–44].
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Altogether, these studies indicate key roles for RNA localization pathways during oogenesis 
leading to the localization of factors required for axis induction to the vegetal pole of the egg. 
Initially localized to the vegetal pole through the action of the mitochondrial cloud during 
oogenesis, after fertilization and egg activation these factors exhibit an off-center shift depen-
dent on the function of vegetally localized factors, such as Grip2a and the kinesin motor adap-
tor protein Syntabulin.

3.3. Reorganization of microtubules during cortical rotation

At least in the case of Xenopus, it is clear that the rotation of the cortex facilitates the reloca-
tion of dorsalizing factors from the vegetal pole to the presumptive future dorsal side or to a 
more animal (equatorial in the case of Xenopus) region, where they act to initiate gene expres-
sion programs corresponding to the body axis, at a signaling center known as Spemann’s 
organizer [45]. Following fertilization in the Xenopus egg, the cortex rotates an average of 
30° within the first cell cycle, relative to the inner cytoplasm [29, 46], a rotation mediated 
by an array of aligned microtubules beneath the vegetal cortex [47]. At the same time, these 
microtubules become aligned in a parallel arrangement with plus ends directed toward the 
direction of cortical translocation [48], a reorganization that coincides with the initiation of 
cortical rotation [30].

Figure 3. Alignment of microtubules at the vegetal cortex in wild-type zebrafish embryos. (A–B) Between 7 and 12 
min postfertilization (mpf), microtubules at the vegetal cortex start to become reorganized to form parallel bundles. 
(C–D) Around 17 mpf, microtubules become organized into parallel bundles. This organization facilitates the movement 
of dorsal determinants from the base of the vegetal pole to the dorsal region. Scale bar in D represents two microns 
for all panels. (E) Diagrammatic representation of dorsal determinants (green) with respect to more internally located 
determinants, such as vegetally localized germplasm determinants in the zebrafish (orange), depicting microtubule 
reorganization (red lines), before (left) and after (right) cortical rotation.
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In the early Xenopus embryo, microtubule nucleation occurs deep within the animal hemi-
sphere [49] by the sperm-derived centriole near the site of sperm entry. These microtubules 
extend through the cytoplasm toward the vegetal pole, where they contribute to the formation 
of the vegetal microtubule array (Figure 4, top left) [50]. Thus, in Xenopus, rotation (and dorsal 
site formation) typically occurs away from the sperm site of entry. On the other hand, the orien-
tation of the vegetal microtubule array can occur in potentially any direction with respect to the 
cleavage site [5, 29], so that it is unlikely that there is an intrinsic preexisting dorsal asymmetry 
in the egg with respect to the site of cellular cleavage, itself determined by the orientation of 
the spindle [51, 52]. Studies have also shown that cortical rotation can occur toward the sperm 
entry point in specific cases, such as when the sites of meiotic spindle assembly and polar body 
extrusion are oppositely located [53], suggesting the existence of additional unknown variables 
that influence the orientation of the vegetal microtubule array. In Xenopus, cortical rotation is 
halted right before the first cellular cleavage occurs [47], when the microtubules of the vegetal 
microtubule array are depolymerized under the influence of M-phase-promoting factor [54].

A morphologically apparent cortical rotation, observed through changes in the position of 
an outer cortex relative to an inner core as observed in Xenopus, is not readily apparent in 
the zebrafish embryo. However, studies have indicated the existence of processes in the 
zebrafish embryo that share similarities with the amphibian cortical rotation. Early studies 
showed that fluorescent polystyrene beads injected at the vegetal pole were transported 

Figure 4. Microtubule dynamics during cortical rotation. In the Xenopus embryo, microtubule polymerization is 
initiated approximately 30 min after fertilization at the vegetal cortex, when astral microtubules derived from sperm 
components at the animal pole reach the vegetal cortex. Microtubule polymerization also occurs at the vegetal pole 
(growing microtubule (plus) ends indicated by green arrows and preformed microtubules by red lines). Relative 
movement between the yolk cell and the cortex (dashed arrows), initiated by the asymmetry conferred by the sperm-
derived asters, facilitates the alignment of both growing and preformed microtubules in the direction of movement. 
Microtubule alignment in turn contributes to cortical movement. Microtubules oriented toward the dorsal side, the 
direction in which the cortex rotates (Reprinted from Ref. [58], with permission).
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animally along microtubule-based cortical tracks in a microtubule-dependent manner [6] 
and that this movement had temporal dynamics and functional requirements similar to 
that of the movement of putative dorsal determinants as defined by embryological manip-
ulations. However, this movement was shown to occur by visualizing injected fluorescent 
beads, as opposed to an entire cortex, consistent with translocation along microtubule 
arrays but not necessarily a shift of the outer cortex analogous to a cortical rotation. A cor-
tical rotation process in the zebrafish was later suggested by the observation of coordi-
nated movement of optically visible particles in the vegetal cortex, and that long-term 
tracking of these particles occurs toward the presumed dorsal side, as expected from a 
cortical rotation [8].

A cortical rotation-like process is also consistent with differences in the changes in RNP par-
ticle distribution at different cortical depths, as visualized by fluorescent in situ hybridization, 
since RNPs located at the outermost cortex undergo a spatial shift with respect to more inter-
nally located RNPs (Figure 3E) [55]. To understand the basis of transport for differentially 
localizing factors at the zebrafish vegetal-most embryonic cortex, double fluorescence in situ 
hybridization (FISH) was used to detect pairs of RNAs for factors involved in axis induc-
tion (wnt8a and grip2a) and RNAs for vegetally localized germ cell specification factors (dazl). 
Localization of these three factors occurs in different RNPs at the vegetal cortex. Moreover, 
RNAs for dorsal factors, wnt8a and grip2a, are enriched in the outermost layer of the cortex, 
whereas RNPs for the primordial germ cell determining factor dazl are present in more inter-
nal regions [55]. Although domains containing RNPs for these two sets of vegetally localized 
factors are both centered at the vegetal pole in the egg, upon fertilization the domain con-
taining the outer cortex RNPs, coding for dorsal induction factors, shifts relative to the more 
internal domain containing germplasm determinant RNPs. RNPs in the outer cortex have a 
function in axis determination and need to experience a relative shift to generate an asym-
metry in the embryo, facilitated by the cortical rotation-like movement. These observations 
further add to the finding of bulk particle movement at the zebrafish embryo vegetal cortex 
[8] and are consistent with a cortical rotation-like process in the early zebrafish embryo. As in 
amphibians, this teleost cortical rotation-like process may be involved in generating an asym-
metry in the location and function of dorsal determinants.

Thus, both in amphibians and teleost, an array of aligned microtubules is associated with the 
movement of RNA molecules and the vegetal cortex itself with respect to the inner egg core, 
which altogether mediates the transport of dorsal determinants toward the prospective dorsal 
site.

3.4. Long-range vs. short-range transport

In both Xenopus and zebrafish, the process of cortical rotation appears to be an important 
part of the mechanism that directs dorsal determinants to their final destination at the animal 
pole. However, zebrafish and Xenopus embryos display some differences in mechanism of 
animally directed transport. In the Xenopus embryo, aligned tracks of microtubules appear to 
span most if not all of the space between the vegetal pole and the prospective dorsal region. 
In zebrafish, in contrast, transport with an end point in blastomeres at the animal pole of the 
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embryo appears to depend on two sequential steps: an initial short-range transport of veg-
etal localizing factors generating a slight off-center shift toward the animal pole, followed by 
animally-directed transport via a more general mechanism. The first, off-center asymmetry, 
is revealed by changes in the distribution of RNAs such as wnt8a and grip2a in a process 
that appears to correspond to a cortical rotation-like event. As in Xenopus, the initial cortical 
rotation-like event in zebrafish depends on the alignment of microtubules in parallel bundles 
at the vegetal cortex. The microtubule reorganization into parallel bundles in turn is depen-
dent on the function of Grip2a (Figure 1, left). Short-range shift in vegetal signals is affected 
in homozygous hecate/grip2a mutant embryos, evidenced by defective off-center shift of RNAs 
such as wnt8a and other factors [26].

The second step involves a long-range transport along the mediolateral region of the embryo 
to the base of the blastomeres by a mechanism that is neither restricted to the dorsal side nor 
dependent on Grip2a function [6, 26]. The presence of such a second transport mechanism can 
be inferred by the observation that hecate/grip2a mutants do not exhibit a defect in the long-range 
animally directed translocation of vegetally injected beads, indicating that animally directed 
movement occurring in mediolateral regions is independent of hecate function. Indeed, injec-
tion of beads in opposite sides of the embryo indicates that animally directed travel along the 
mediolateral region of the yolk cortex occurs in both injected sides, implying that, as opposed 
to Xenopus, the entirety of the zebrafish mediolateral cortex, and not only the prospective dorsal 
region, is competent for long-range movement [26]. It is possible that the second step in zebraf-
ish depends on a more general transport mechanism associated with animally directed trans-
port in meroblastic embryos, through which other factors with a function unrelated to dorsal 
axis induction, such as vegetally localized germplasm RNAs [56], need to travel animally 
toward the forming blastodisc. Thus, both Xenopus and zebrafish experience animally directed 
movement of dorsal determinants facilitated by a microtubule-dependent cortical rotation-
like process. However, the Xenopus embryo uses a mechanism in which cortical rotation and 
microtubule alignment into parallel tracks together implement long-range movement of dorsal 
determinants through an apparently seamless mechanism. In teleost embryos, on the other 
hand, embryonic-scale differences along the dorsoventral axis are generated by the sequential 
action of a short-range off-center movement mediated by less expansive vegetal microtubule 
array, which is subsequently amplified by a more general animally directed system.

3.5. Other factors involved in vegetal microtubule reorganization

Additional factors have been identified to be important for dorsal axis induction. A mutation 
in the maternal-effect mutant brom bones, which has a nonsense mutation in the gene hnRNP 
I, shows egg activation defects, disorganized vegetal microtubule array formation, and subse-
quently defects in axis formation [16]. Additionally, these mutant embryos display egg activation 
defects as evidenced by failure of cortical granule exocytosis and chorion expansion. In zebrafish, 
cortical granule exocytosis is one of the first cellular responses to egg activation and is initiated by 
a wave of elevated cytoplasmic calcium that is impaired in brom bones mutants [16]. It is possible 
that the defect in vegetal microtubule alignment in brom bones is similarly based on the calcium 
release defects after egg activation, which is required for vegetal microtubule array formation [8].
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Studies have also revealed that an ubiquitin ligase, tripartite motif-containing 36 (trim36), is 
required for vegetal microtubule reorganization mediating axis induction. Xenopus trim36 is 
maternally expressed, with mRNA enrichment at the Balbiani body in stage 1 oocytes and 
localization to the vegetal cortex of stage VI oocytes. trim36 mRNA is also detectable in the 
germplasm of fertilized eggs and cleavage-stage embryos [57]. Embryos depleted of trim36 
function by injection of antisense oligos into oocytes exhibit defects in vegetal microtubule 
reorganization and cortical rotation, leading to reduced organizer formation and severe 
embryo ventralization at later stages [57]. As expected, injection of wnt11 mRNA rescues this 
effect, confirming that Trim36 functions upstream of Wnt/β-catenin activation. Recent studies 
have shown that Trim36 attenuates the growth of plus ends of vegetal microtubules during 
array formation (see below) [58], indicating a role for this factor, possibly through the media-
tion of protein degradation, in the regulation of microtubule dynamics essential for array 
formation.

The mRNA for dead end, which codes for an RNA-binding protein initially shown to be essen-
tial for the development of the germ line [59–68], has been shown to have a role in vege-
tal microtubule array formation. In Xenopus, the mRNA for dead end1, like that of trim36, is 
localized to the vegetal pole of the oocyte [61]. Early embryos depleted of dead end exhibit 
an unexpected defect in the formation of arrays of parallel vegetal microtubules and conse-
quently axis specification [69]. This requirement appears to depend on the function of Dead 
end protein to directly bind trim36 mRNA and anchor it to the oocyte vegetal pole, likely 
increasing Trim36 protein local concentration in this region [46].

Thus, a variety of factors are required for the reorganization of vegetal cortex microtubules 
leading to dorsal determinant transport. In some cases, these factors are important for general 
processes essential for the microtubule reorganization, such as in the case of hnRNP I and 
dependent calcium signaling. In other cases, these factors begin to delineate a pathway for 
microtubule reorganization, as in the case of dead end and trim36, involved in the regulation 
of vegetal microtubule growth.

3.6. Mechanism of microtubule alignment during cortical rotation

Even though it has been shown that microtubule-dependent cortical rotation is important for 
axis formation, the molecular mechanisms underlying the organization and orientation of 
cortical microtubule have not been fully elucidated. The process of cortical rotation is highly 
conserved, and it likely requires the embryo to use a significant amount of energy. Weaver 
and Kimelman [70] asked the question that if dorsal determinants can travel along microtu-
bules, then what is the purpose of the cortical rotation? As described above, cortical rotation 
might directly contribute to the overall animally directed movement of the dorsalizing activ-
ity. However, studies have also suggested that cortical rotation might serve to facilitate align-
ing the polymerizing microtubules into parallel bundles and orienting their plus ends toward 
the dorsal side. One favored model for the orientation of the microtubule array is a positive 
feedback mechanism where initial random asymmetry in microtubule growth is amplified by 
continuous movement of the cortex [31, 58].
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Microtubules that form the vegetal microtubule array appear to arise from several sources 
[70]. Some are nucleated by the centriole of the sperm, which acts as a minus-end micro-
tubule-organizing center, others extend toward the periphery from unknown sources deep 
in the cytoplasm and bend into the vegetal shear zone, and, finally, some arrays appear to 
polymerize spontaneously in the vegetal shear zone [49, 50]. As the vegetal microtubule array 
begins to form, it becomes progressively stabilized by movement of the cortex during cortical 
rotation, which provides an amplifying loop for microtubule alignment [58]. The precise man-
ner by which this cortical movement contributes to microtubule alignment and stabilization 
is not fully understood. Suggested mechanisms, described below, include a combing process 
mediated by cortically anchored kinesin-related proteins [54, 70] or the stabilization of micro-
tubules by membrane compartments such as the endoplasmic reticulum and vesicles [58].

Vegetal microtubules originally appear with their plus ends in a random orientation yet sub-
sequently become aligned in parallel arrays with plus ends directed toward the dorsal side 
(Figure 4) (reviewed in Ref. [70]; see also Ref. [58]). Marrari and colleagues suggested how 
microtubules could become aligned through cortical motor proteins and the process of the 
cortical rotation [54] (reviewed in Ref. [70]). They proposed that cortically anchored plus-end-
directed motor proteins, such as kinesins, move toward microtubule plus ends, generating a 
cortical displacement with respect to the inner core [47, 54, 71]. The attachment of plus ends to 
the moving cortex mediates aligning of microtubules in the same direction. Thus, the move-
ment and action of these kinesin-related proteins could potentially align the microtubules 
as well as generate the pulling force that is needed to translocate the cortex relative to the 
cytoplasm [54, 70]. This positive feedback loop also allows amplifying an original small asym-
metry into the observed prominent array of parallel microtubule bundles.

Marrari and colleagues also investigated the role of kinesin and dynein motors in the for-
mation of the cortical microtubule array as well as their role in the translocation of the 
vegetal cortex [47, 54, 71]. The function of kinesin was inhibited using an antibody against 
a highly conserved peptide of the kinesin motor domain, LAGSE. Anti-LAGSE antibodies 
block spindle elongation in semi-in vitro systems [47, 54, 71, 72] and successfully interfere 
with kinesin function [47, 54, 71]. The function of dynein was inhibited by microinjection 
of p50/dynamitin beneath the vegetal cortex [54]. In Xenopus egg extracts as well as cells, 
excess dynamitin inhibits processes dependent on dynein function by disrupting the dyn-
actin complex [73].

Inhibition of kinesin-related function results not only in expected defects in mitosis and 
cell cleavage but also in disruptions in the array of vegetal microtubules and cortical rota-
tion [71]. On the other hand, inhibition of dynein causes an inward shift in the distribu-
tion of microtubules with respect to the cortex, indicating that dynein functions to move 
microtubules outward, into the vegetal subcortical layer [47]. Moreover, these experiments 
showed that the formation of the vegetal microtubule array (and therefore cortical rota-
tion) is sensitive to dynein inhibition prior to array formation, but that cortical rotation 
remains sensitive to inhibition of kinesin function throughout the normal period of rotation 
[47]. Together, these data suggest that kinesin and dynein motors have different functions 
during cortical rotation (Figure 5) [47]. In this model, dynein motors anchored to internal 
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elements generate an outward force to facilitate bringing microtubules from the inner egg 
core region to the vegetal cortex. Kinesins, on the other hand, are thought to act by tethering 
microtubule plus ends to the cortex, thus generating a pulling force on microtubule arrays, 
mediating the rotation of the cortex itself, and favoring further parallel alignment of micro-
tubules within the array. It is important to note that, after the vegetal microtubule array 
has formed, further microtubule alignment and cortical rotation can occur independent of 
dynein function, but motors of the kinesin-related protein family are needed for the move-
ment of the cortex [47]. Thus, kinesin motor function appears to be essential for Xenopus 
cortical rotation, whereas the role of dynein appears to be more indirect. Altogether, these 
data suggest that both motor proteins interact early in the process of vegetal microtubule 
array, followed by a period in which kinesin-dependent translocation is sufficient to gener-
ate cortical movement.

Olson and colleagues performed experiments that would characterize microtubule plus-end 
dynamics in Xenopus oocytes and eggs, identified changes in microtubule stability and plus-
end flux during the oocyte to egg transition, and characterized behaviors that are present at 
the onset of cortical rotation (Figure 4) [58]. They showed that the initial phase of microtu-
bule assembly is between 25 and 35 min post egg activation. During this time, microtubules 
are short and dynamic with a low initial density that increases rapidly [58]. In the second 
phase of assembly, microtubules polymerize rapidly from sites within the vegetal cortex. 
Microtubules became thinner or less bundled, and the entire network appears to sink deep 

Figure 5. Proposed role of microtubule-dependent motors on the rotation of the vegetal cortex, as suggested by inhibitor 
studies [47, 54, 71]. A pushing force from the minus-end-directed microtubule motor dynein (green; green arrows show 
direction of motor movement relative to microtubules) helps translocate microtubules (depicted in red) from the inner 
cytoplasm outward onto the cortical surface (green arrowheads indicate direction of microtubule movement). Plus-end-
directed microtubule motors such as kinesins (blue) anchor microtubules to the cortex and facilitate cortical movement 
relative to the yolk mass (blue arrows show direction of motor movement relative to microtubules). (Reprinted from Ref. 
[71], with permission. The original image has been rotated horizontally for a better comparison to others in this chapter.)
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into the cytoplasm. At this time the microtubule array is referred to as exhibiting a “fine-
combed” appearance, which is thought to be the result of the continual action of cortical kine-
sin-related proteins that straighten microtubules as the cortex moves along them [47, 58, 70]. 
At the same time, at approximately 36 min post activation, the cortical shift in relation to the 
egg core becomes apparent [58]. These studies also reveal that microtubule-directed growth, 
occurring after the initial cortical microtubule alignment, has an important contribution to the 
formation of the vegetal array of parallel microtubules, which powers cortical rotation.

It was previously noted that the direction of microtubule polymerization in cultured cells 
depends on the arrangement of elongated tubes of endoplasmic reticulum [74]. Endoplasmic 
reticulum, vesicles, and tubes possess kinesin-like microtubule-associated proteins that asso-
ciate with microtubules during transport and elongation, and it is possible that similar mem-
brane organelles are attached to the vegetal cortex and facilitate kinesin-mediated anchoring 
of microtubules during cortical rotation [31]. A precedent for this is the association of cortical 
ER with aligned microtubules in early ascidian embryos (see below) [75]. Further studies 
will be required to address a potential role for membrane organelle attachment in Xenopus 
vegetal microtubule array formation and cortical rotation, such as membrane organelle slid-
ing between membrane organelles and microtubules, or associations of ER extensions with 
growing microtubule tips [76].

Studies in zebrafish are consistent with mechanisms for cortical microtubule array formation 
and alignment as detailed in amphibians, including the presence of early internal microtu-
bules, increase in cortical microtubule polymerization concomitant with microtubule align-
ment and bulk movement of the cortex, and the aligned orientation of microtubule plus ends 
toward the prospective dorsal site [8].

Altogether, these studies suggest that the formation of the vegetal microtubule array is 
dependent on the orchestration of various influences, including dynein-dependent out-
ward translocation of existing microtubules, kinesin-dependent vegetal anchoring of 
cortical microtubules, and microtubule polymerization at the vegetal cortex. Vegetal 
microtubule and cortical rotation are interdependent and enhance each other, resulting 
in the alignment of preexisting and new microtubules and allowing dorsal determinant 
transport.

4. Cortical rotation and cytoskeletal dynamics in invertebrate and 
protovertebrate systems

As described above, a cortical rotation process has been described in amphibians, and a related 
process proposed in teleosts. However, other studies have described processes of cytoskeletal 
reorganization that serve a similar purpose as the cortical rotation, namely, the early distri-
bution of cellular determinants that will help pattern the egg or embryonic axis. We briefly 
discuss three such examples below, in ascidians (a chordate protovertebrate), the nematode 
Caenorhabditis elegans, and the dipteran Drosophila melanogaster, highlighting similarities with 
cortical rotation-like processes in lower vertebrates. For a more in-depth description of these 
processes, the reader is referred to Refs. [77–81] .
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4.1. Ascidians

In ascidians, gastrulation and neurulation involve cellular rearrangements that are comparable 
to those in vertebrates, with the exception that ascidians are composed of just a few hundred 
cells, while vertebrate embryos contain thousands of cells [82]. In fact, the very first classical evi-
dence that localized determinants control cell fate specification was found in ascidians [82, 83].

The ascidian egg undergoes dramatic cytoplasmic and cortical reorganizations between fertil-
ization and the beginning of the first cleavage, a process that has been referred to as ooplasmic 
segregation [83–85]. Ascidian ooplasmic segregation occurs in two major phases (Figure 1, 
right). The first phase occurs shortly after fertilization. The first consequence of fertilization is 
that a calcium wave is initiated from the site where the sperm and egg fuse [86]. Upon fertil-
ization, the sperm activates the stage IV oocyte, which was arrested in metaphase I of meiosis, 
resulting in the contraction of the egg cortex and the plasma membrane as a wave that travels 
across the egg in the animal to vegetal direction. It was suggested early on that an oocyte acto-
myosin cortical network can only contract in a general animal to vegetal direction regardless 
of the sperm entry site, because of it being less dense around the animal pole, in a basket-like 
arrangement [86, 87]. This animal-to-vegetal contraction in turn causes the segregation of 
cortical and subcortical components including microfilaments, mitochondria, and the cortical 
endoplasmic reticulum (cER) [77, 88, 89].

Unfertilized eggs after the first phase of ooplasmic segregation are radially symmetrical along 
the animal-vegetal (A-V) axis. This symmetry is broken in the second phase of reorganization 
after the movement of cortical and subcortical components from the vegetal pole toward the 
posterior pole occurs, generating an anteroposterior asymmetry, and eggs become bilaterally 
symmetrical [77]. In this second ooplasmic segregation phase, a number of cellular organelles 
such as the ER and mitochondria are brought toward the future posterior pole [90]. These 
organelles also anchor specific RNAs, termed postplasmic/PEM, which are important for mus-
cle determination and the specification of the posterior cell fate, in particular the germ line [91]. 
Other factors involved in endoderm formation and gastrulation do not move toward the future 
posterior pole and instead expand their distribution to the vegetal hemisphere (see Figure 1) 
[77]. Reminiscent of asymmetry development in Xenopus, it has been suggested that also in the 
ascidian egg, reorganization of plus-end-directed motors attached to the ER could provide the 
major force to move the vegetal cortex dorsally to a more equatorial location [48, 92].

Ascidian embryonic polarity is directed by a posteriorly located centrosome, introduced 
through sperm entry in this region [77, 93, 94]. In contrast to the first phase which is driven 
by microfilaments, and where the sperm triggers a cortical contraction [88], the second phase 
is mediated by anchoring one of the centrosomes of the bipolar spindle to the vegetal poste-
rior cortex, resulting in the posterior asymmetric localization of germ line-determining com-
ponents. Spindle pole posterior anchoring also results in the eccentric, posteriorly located 
placement of the spindle, which in turn (because of the influence of the spindle midzone on 
furrow induction) [51, 52], results in asymmetric division [75, 77]. In this manner, the embryo 
generates sets of smaller posterior cells fated to become the germ line.

Thus, in both Xenopus and ascidians, microtubule-dependent function results in the redis-
tribution of embryonic determinants just before the onset of embryonic mitoses, the  
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posterior-specifying cytoplasmic components such as the cER-mRNA and myoplasm domains 
being displaced posteriorly in ascidians and dorsalizing factors being translocated toward the 
future dorsal side in Xenopus [89, 95].

4.2. Caenorhabditis elegans

In the nematode C. elegans, a role for PAR proteins in anterior-posterior (AP) axis specification 
is well documented [96]. In contrast, dorsal-ventral (DV) patterning in this system is less under-
stood. It was recently reported that the so-called cytokinetic midbody remnant (MBR), a thus-
far poorly studied organelle, acts as a polarity cue to define the C. elegans DV axis [97]. The MBR 
is an organelle that forms from the cytokinetic midbody when the fully constricted actomyosin 
furrow embraces the condensed material of the spindle midzone [98, 99]. To understand the 
role of the MBR in DV axis specification, Singh and Pohl [100] analyzed the pattern of segrega-
tion and the movements of the MBR during the first divisions of the C. elegans embryo. The 
AP axis of the C. elegans embryo is established by the asymmetric distribution of PAR proteins 
during the P0 division producing an anterior AB and a posterior P1 blastomere. Subsequently, 
the DV axis is established in the transition from the two-cell to the four-cell stage [101]. During 
prophase of the second cell division in the P1 cell, a 90° rotation of the nucleus-centrosome com-
plex relative to the AP axis takes place, and is regarded as a key event in DV axis formation [102, 
103]. It was not clear as to what generates this movement, which has long been a point of inter-
est. The authors showed that the MBR was displaced toward the ventral side of the embryo and 
that it acts as a positional cue for mitotic spindle rotation in the P1 cell, thereby establishing DV 
axis patterning. Importantly, the authors demonstrated that ventral displacement of the MBR 
is directed by myosin II cortical flow [97, 100]. In this system, again microtubules together with 
coordinated actomyosin regulation are important for symmetry-breaking events in the embryo.

4.3. Drosophila melanogaster

In D. melanogaster, the transition from a round to an elongated egg is driven by the rearrange-
ment of the polar arrays of microtubules [80, 81], a process that is again facilitated by the 
actomyosin cytoskeleton [81]. As in C. elegans and ascidians, this reorganization results in 
the segregation of cell determinants to the posterior pole of the egg, except that in the case of 
Drosophila, these changes occur during oogenesis and not early embryogenesis.

Altogether, these studies show that the microtubule cytoskeleton, and in some cases the acto-
myosin cortex, is used to generate axis asymmetry in various organisms, although the precise 
details of the interactions, and whether microtubules act as tracks that mediate transport or 
attraction centers, are specific to different species [97, 104].

5. Relationship between axis induction and germ cell specification

As mentioned above, in addition to dorsal determinants, anuran and teleost embryos con-
tain other vegetally localized factors, particularly RNAs that become associated with the 
germplasm. The germplasm, also referred to as nuage, is a maternally inherited cytoplasmic 
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Altogether, these studies show that the microtubule cytoskeleton, and in some cases the acto-
myosin cortex, is used to generate axis asymmetry in various organisms, although the precise 
details of the interactions, and whether microtubules act as tracks that mediate transport or 
attraction centers, are specific to different species [97, 104].

5. Relationship between axis induction and germ cell specification

As mentioned above, in addition to dorsal determinants, anuran and teleost embryos con-
tain other vegetally localized factors, particularly RNAs that become associated with the 
germplasm. The germplasm, also referred to as nuage, is a maternally inherited cytoplasmic 
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 structure containing RNPs present in some animal species. Through a mechanism referred to 
a preformation, inherited germplasm determines the germ cell fate [105]. Evidence for prefor-
mation mechanism for PGC induction in anurans was originally shown by the inheritance of 
electron-dense cytoplasm, corresponding to germplasm, into the primordial germ cells of this 
organism [106]. This electron-dense cytoplasm was later shown to contain specialized mRNAs 
involved in germ cell specification [107]. Similarly, RNAs involved in germ cell development 
in zebrafish, such as for the gene vasa [108] and subsequently other mRNAs [56, 59, 109], were 
shown to localize in electron-dense particles and become segregated to primordial germ cells.

Maternally inherited germplasm in Xenopus and zebrafish contains shared sets of factors for 
primordial germ cell specification, such as deleted in azoospermia-like (dazl) and Xcat2/nanos. 
Zebrafish and Xenopus additionally share similarities in the way in which germplasm masses 
are assembled and segregated, including the gradual condensation of germplasm masses 
from smaller particles, the formation of four germ masses, and their asymmetric segregation 
during cell division in the cleavage stages [110, 111].

Recent studies in these systems have begun to suggest a functional connection between axis 
induction and germ cell determination. As described above, during oogenesis both dorsal 
determinants are transported to the vegetal pole of the egg through the mitochondrial cloud 
in Xenopus and its equivalent structure, the Balbiani body, in zebrafish [111, 112]. Moreover, 
during early embryogenesis, genes acting in dorsal induction functionally overlap and share 
localization patterns with genes involved in germ cell determination. For example, the germ-
plasm component dead end, which has been well characterized as a germplasm-specific tran-
script both in Xenopus [61] and zebrafish [59] and is known to function in germ cell migration 
and survival, has been shown in Xenopus to have an unexpected role in axis induction [46]. 
Xdead end RNA localizes to the vegetal pole in oocytes beginning at the early stage III to stage 
VI, when it becomes transported to the vegetal pole via the late RNA transport pathway [61]. 
It has recently been shown that maternal XDead end plays a role in vegetal microtubule reor-
ganization required for dorsal axis induction [46]. When XDead end function is disrupted, 
the expression of dorsal-specific genes is reduced, and embryos become ventralized, due to 
the disruption in vegetal microtubule reorganization [46]. As mentioned above, this require-
ment appears to be due to a role for XDead end function in the vegetal cortex anchoring of the 
RNA for the Trim36 ubiquitin ligase [46], itself needed for growth regulation of the vegetal 
microtubule array [58].

Conversely, factors known to be involved in dorsal axis induction also function in germ cell 
development. One example is maternal Syntabulin, which as mentioned above is impor-
tant for vegetal microtubule array reorganization and axis induction in both zebrafish 
and Xenopus [36, 113]. Recently, syntabulin mRNA has been shown to localize in Xenopus-
cleaving embryos to clusters near the cleavage furrow on the vegetal hemisphere of the early 
embryo, consistent with germplasm localization and colocalization with Xpat RNA, a germ 
cell marker, during later stages [113]. Xenopus Syntabulin is also expressed in scattered cells 
localized along the posterior endoderm, presumably primordial germ cells [113]. These data 
suggest that, in addition to a role in DV patterning, Syntabulin may have a role in germ cell 
development.
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Similarly, grip2a, which as mentioned above is required for vegetal cortex microtubule 
reorganization in zebrafish [26], has gene homologues involved in germ cell development 
in the Xenopus embryo [43, 44], suggesting a potential scenario in which an ancestral grip 
gene had a role in both processes. Altogether, these findings suggest that there is functional 
overlap between factors involved in germplasm segregation and axis induction. Whether this 
functional overlap is caused by evolutionary history or convergent evolution remains to be 
determined.

It is important to note, as stated above, that there is a difference with respect to cortical depth 
between the factors that are localized to the vegetal pole. Those that are important for micro-
tubule reorganization, and thereby patterning the embryonic axis, namely, grip2a and wnt8a, 
are located toward the outermost region of the cortex. This allows them to be transported 
from the vegetal to the prospective dorsal region of the egg and embryo through a cortical 
rotation-like process. Those factors that are important for germ cell specification, such as dazl 
RNA, are localized deeper within the embryo and are transported via the actin cytoskeleton 
to the animal pole, where they become localized to the aggregating zebrafish germplasm [55]. 
Thus, RNA localization at the cortex reflects transport mechanisms consistent with the func-
tion of the localized product.

These set of studies highlight commonalities between processes and factors involved in axis 
induction and germ cell specification. Factors such as Dead end, Grip2, and Syntabulin may 
form a core gene set with a current or ancestral function in both axis induction and germ cell 
determination.

6. Conclusion: challenges and future directions

The cytoskeleton plays an essential role in axis specification, through its role mediating the 
movement of maternal factors within the early zygote. Studies have shown that the reorga-
nization of the microtubule cytoskeleton is important for the transport of factors from the 
vegetal pole of the embryo to the future dorsal side in both zebrafish and Xenopus, in a process 
associated with the shift of the outermost cortical layer of the embryo—a cortical rotation. 
This cytoskeletal reorganization allows for the asymmetric transport of localized dorsal deter-
minants, involved in the specification of the main embryonic axis. Precise mechanisms for 
microtubule reorganization remain incompletely understood, although are known to involve 
microtubule dependent motors and a positive feedback loop in which an early asymmetry 
and microtubule alignment triggers the rotation of the cortex, which in turn amplifies and sta-
bilizes the incipient cytoskeletal rearrangement. Anurans and teleosts show similarities in the 
use of microtubule arrays and a cortical rotation-like mechanism, although they also exhibit 
differences in the spatial extent implemented by these coordinated processes, variations that 
may be related to the different cleavage type of these embryos. Components of the germ-
plasm, which also become localized to the vegetal pole of the fertilized embryo, may escape 
cortical rotation by virtue of differential localization in more internal regions of the embryo. 
A comparison of early cytoplasmic segregation events in other species, such as ascidians, 
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movement of maternal factors within the early zygote. Studies have shown that the reorga-
nization of the microtubule cytoskeleton is important for the transport of factors from the 
vegetal pole of the embryo to the future dorsal side in both zebrafish and Xenopus, in a process 
associated with the shift of the outermost cortical layer of the embryo—a cortical rotation. 
This cytoskeletal reorganization allows for the asymmetric transport of localized dorsal deter-
minants, involved in the specification of the main embryonic axis. Precise mechanisms for 
microtubule reorganization remain incompletely understood, although are known to involve 
microtubule dependent motors and a positive feedback loop in which an early asymmetry 
and microtubule alignment triggers the rotation of the cortex, which in turn amplifies and sta-
bilizes the incipient cytoskeletal rearrangement. Anurans and teleosts show similarities in the 
use of microtubule arrays and a cortical rotation-like mechanism, although they also exhibit 
differences in the spatial extent implemented by these coordinated processes, variations that 
may be related to the different cleavage type of these embryos. Components of the germ-
plasm, which also become localized to the vegetal pole of the fertilized embryo, may escape 
cortical rotation by virtue of differential localization in more internal regions of the embryo. 
A comparison of early cytoplasmic segregation events in other species, such as ascidians, 
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nematodes, and dipterans, highlights the importance of microtubule- and other cytoskeletal-
dependent processes in the generation of early asymmetries in the embryos. Further studies 
will allow better understanding for mechanisms of microtubule generation, bundling, and 
alignment that drive the movement of cellular determinants in the early vertebrate embryo 
and their relation to similar processes in other animal lineages.
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Abstract

Interactions between actins and microtubules play an important role in many funda-
mental cellular processes in eukaryotes. Although several studies have shown actins and 
microtubules to be involved in specific cellular activities, little is known about how actins 
and microtubules contribute together to a given process. Preprophase band formation, 
which plays an essential role in plant division site determination, is a cellular process 
that lends itself to studies of actin-microtubule interactions and how they contribute to 
important cellular functions. Recently, we have analyzed microtubule-associated micro-
filaments during preprophase band formation in onion cotyledon epidermal cells using 
a combination of high-pressure freezing/freeze substitution and electron tomography. 
Quantitative analysis of our electron tomography data showed that relatively short single 
microfilaments form bridges between two adjacent microtubules in the process of nar-
rowing of the preprophase microtubule band. Two types of microtubule-microfilament-
microtubule connections are observed, and these microfilament-microtubule interactions 
suggest a direct role of F-actins in microtubule bundling. Based on these observations, we 
discuss how different actin-microtubule linkers might contribute to preprophase band 
narrowing and to other changes in microtubule organization in plant cells.

Keywords: actin-microtubule interaction, electron tomography, microtubule bundling, 
plant morphogenesis, preprophase band

1. Introduction

Actin filaments (F-actins) and microtubules (MTs) are major components of the cytoskel-
eton of eukaryotic cells. Each involved in fundamental cellular processes, such as cell divi-
sion, directional cell expansion, organelle movement and signal transduction. Studies of 
cross-talk between F-actin and MT networks have led to the conclusion that actin-MT inter-
actions are essential for the regulation of these cytoskeletal networks in eukaryotes [1]. In 
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plants, actin has been  postulated to play critical roles in MT-mediated cytomorphogenesis. 
Plant shape is determined by the spatial and temporal regulation of cell division and cell 
expansion. During interphase, directional cell expansion is controlled by interphase cortical 
MTs, whereas during cell division, arrays of MTs, such as preprophase bands (PPBs), spin-
dles and phragmoplasts contribute to division site determination, chromosome movement 
and cell plate formation, respectively. Although electron microscope (EM) observations, 
studies with fluorescence probes, pharmacological studies and molecular genetic studies 
have provided insights into the possible cross-talk between actin and MT-systems, little is 
known about how actin controls MT organization during morphogenesis [2]. The PPB is a 
plant-specific cytokinetic apparatus that establishes the future site of cell division, and the 
evidence for actin-MT cross-talk has been obtained from fluorescent microscope studies 
[3]. Recently, we have succeeded in observing how microfilaments (MFs) interact with MTs 
and thereby cause MT bundling using electron tomography analysis of cryofixed cells [4]. 
In this chapter, we review how interactions between F-actins and MTs control plant cell 
expansion and cell division. We then explain why electron tomography is an excellent tool 
for the analysis of the 3D architecture of MF-MT interactions during PPB development. 
Finally, we discuss candidate molecules that might mediate these actin-MT interactions.

2. Evidence for the involvement of actin-MT interactions in plants

A list of studies supporting the hypothesis that actin-MT interactions play important roles in 
plant morphogenesis is shown in Tables 1 and 2. In electron micrographs, F-actins give rise to 
~6 nm in diameter MFs and are seen in close proximity to and aligned with MTs. Such MFs are 
linked to the MTs through cross-bridging structures (see papers marked EM in Tables 1 and 
2). Fluorescent microscopy provides several methods for studying F-actins and MTs. Most 
frequently, F-actins and MTs are visualized by means of specific antibodies with attached 
fluorescent tags (see papers marked IF in Tables 1 and 2). Fluorescent-labeled phalloidins 
are also used to detect F-actins (see papers marked Ph in Tables 1 and 2). Microinjection of 
fluorescent-labeled cytoskeletal proteins or phalloidin has been used to examine cytoskel-
etal dynamics in living cells (see papers marked Inj (Ph/) in Tables 1 and 2). Live cell stud-
ies of expressed chimera peptides with fluorescent protein-tags have also yielded important 
results (see papers marked e.g. live GFP-AtFim1/ in Tables 1 and 2). An alternative is to use 
cytoskeleton-modifying drugs to investigate cytoskeletal involvement in cellular processes 
in different types of cells (Tables 1B, C and 2B). For example, to determine whether actins 
exert a role in a MF-mediated function of a cell, the disruption or stabilization on the organi-
zation of MTs, and vice versa can be determined. Genetic modifications in combination with 
cytoskeleton-altering drugs provide yet another tool for investigating MF-MT interactions 
(Tables 1B, C and 2B)

2.1. Directional cell expansion

The shape of plant cells is defined by the mechanical properties of their cell walls, and cor-
tical MTs help determine plant cell shape by controlling the direction of deposition of cell 
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References Plant Cell type Imaging method

(A) Colocalization of actins with MTs/ MFs associated with MTs

Franke et al. [5] Liliumlongiflorum Pollen tube EM (chem)

Seagull and Heath [6] Raphanussativus Root hair EM (chem)

Hardham et al. [7] Graptopetalumparaguayense Leaf EM (chem)

Tiwari et al. [8] Triticum
Agrostis
Phleum

Leaf trichome
Leaf epidermal cell
Root tip cell

EM (cryo)
EM (chem)

Emons [9] Equisetum hyemale
Limnobiumstoloniferum

Root hair
Root hair

EM (cryo)

Lancelle et al. [10] Nicotianaalata Pollen tube EM (cryo)

Kobayashi et al. [11] Zinnia elegans Suspension culture cell 
(tracheary element)

Ph/ IF

Pierson et al. [12] Nicotianatabacum
Liliumlongiflorum

Pollen tube
Pollen tube

Ph/IF

Sonobe and Shibaoka [13] Nicotianatabacum Suspension culture cell Ph/IF

Ding et al. [14] Nicotianatabacum Root tip cell EM (cryo)

Kengen and Derksen [15] Nicotianaplumbaginifolia Protoplast EM (DC)

Lancelle and Hepler [16] Nicotianaalata Pollen tube EM (cryo)

Cleary et al. [17] Selaginellakraussiana Differentiating guard cell Ph/MT

Tominaga et al. [18] Hydrocharisdubia Root hair Ph/IF, EM (chem)

Murata et al. [19] Nicotianatabacum
Allium cepa

Root tip cell
Cotyledon epidermal cell

EM (cryo)

Sampathkumar et al. [20] Arabidopsis thaliana Epidermal cell of root Live (GFP-FABD/ 
mCherry-TUA5)

(B) F-actin disruption/stabilization causes alternation in MT organization

Kobayashi et al. [11] Zinnia elegans Suspension culture cell 
(tracheary element)

Ph/IF

Seagull [21] Gossypiumhirsutum Cotton fiber IF/IF

Kadota and Wada [22] Adiantumcapillus-veneris Protonemal cell Ph/IF

Hasezawa et al. [23] Nicotianatabacum Suspension culture cell Ph/IF

Takesue and Shibaoka [24] Vignaangularis Epidermal cell of epicotyl Ph/IF

Blancaflor [25] Zea mays Cortical cell of root Ph/IF

Schwab et al. [26] Arabidopsis thaliana (dis2) Trichome Live (-/GFP-MAP4)

Saedler et al. [27] Arabidopsis thaliana (dis2) Trichome Live (CFP-mTalin/
YFP-MAP4)

Timmers et al. [28] Medicagotruncatula Root hair Live (GFP-FABD2/
GFP-MBD,YFP-EB1)

Sainsbury et al. [29] Allium porrum Leaf epidermall cell Live (-/GFP-MBD)
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References Plant Cell type Imaging method

(A) F-actins (or MFs) in the PPB

Kakimoto and Shibaoka [36] Nicotianatabacum Suspension culture cell Ph/IF

Palevitz [37] Allium cepa Root tip cell Ph/IF

Traas et al. [38] Daucuscarota Suspension culture cell Ph/-

Lloyd and Traas [39] Daucuscarota Suspension culture cell Ph/-

McCurdy et al. [40] Triticumaestivum Root tip cell IF/-

Palevitz[41] Allium cepa Root tip cell Ph/IF

Katsuta et al. [42] Nicotianatabacum Suspension culture cell Ph/IF

McCurdy and Gunning [43] Triricumaesrivum Root tip cell IF/IF

Mineyuki and Palevitz [44] Allium cepa Cotyledon epidermal cell Ph/IF

Ding et al. [45] Nicotianatabacum Root tip cell EM (cryo)

Cleary et al. [46] Tradescantiavirginiana Stamen hair cell Inj (Ph/tubulin)

Eleftheriou and Palevitz [47] Allium cepa Root tip cell IF/IF

Liu and Palevitz [48] Allium cepa
Tradescantiavirginiana

Root tip cell IF/IF

Panteris et al. [49] Adiantumcapillus-veneris Root tip cell Ph/IF

Cleary [50] Tradescantiavirginiana Stomatal complexes Inj (Ph/-)

Cleary and Mathesius [51] Tradescantiavirginiana Leaf epidermal cell Ph/IF

Baluska et al. [52] Zea mays Root tip cell IF/-

Zachariadis et al. [53] Pinusbrutia Root tip cell Ph/IF

Sano et al. [54] Nicotianatabacum Suspension culture cell Live (GFP-ABD2/-)

References Plant Cell type Imaging method

(C) MT disruption/stabilization causes alteration in actin organization

Kobayashi et al. [11] Zinnia elegans Suspension culture cell 
(tracheary element)

Ph/ IF

Chu et al. [30] Secalecereale Root tip cell Ph/ IF

Tominaga et al. [18] Hydrocharisdubia Root hair Ph/ IF

Collings et al. [31] Nicotianatabacum Suspension culture cell IF/ IF

Collings and  
Wasterneys [32]

Arabidopsis thaliana Root epidermal cell IF/ IF

Collings et al. [33] Arabidopsis thaliana (mor1) Root epidermal cell IF/ IF

Smertenko et al. [34] Nicotianatabacum
Arabidopsis thaliana

Suspension culture cell
Root

Live (GFP-Lifeact/-)

Shevchenko [35] Arabidopsis thaliana Root transition zone Liv (GFP-ABD2/-)

EM (chem), electron microscopy with chemical fixed materials;EM (cryo), electron microscopy with cryo-fixed materials; 
EM (DC), electron microscopy of dry cleaved sample; IF, immunofluorescence method; Ph, phalloidin labelled with 
fluorescent dyes; Live, live imaging

Table 1. Actin-MT cross-talks in cell expansion.
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Table 1. Actin-MT cross-talks in cell expansion.
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References Plant Cell type Imaging method

Li et al. [55] Arabidopsis thaliana Suspension culture cell Ph/IF

Higaki et al. [56] Nicotianatabacum Suspension culture cell Live (GFP-ABD2/ -)

Panteris et al. [57] Zea mays, Triticumturgidum Leaf stomatal complexes Ph/ IF

Takeuchi et al. [58] Allium cepa Root tip cell IF/ IF

Takeuchi et al. [4] Allium cepa Cotyledon epidermal cell EM (cryo)

(B) F-actin disruption causes alternation in MT organization in the PPB

Mineyuki and Palevitz [44] Allium cepa Cotyledon epidermal cell Ph/ IF

Eleftheriou and Palevitz [47] Allium cepa Root tip cell IF/ IF

Granger and Cyr [59] Nicotianatabacum Suspension culture cell Live (-/ GFP-MBD)

Li et al., [55] Arabidopsis thaliana Suspension culture IF/ IF

Kojo et al. [60] Nicotianatabacum Suspension culture cell Live (-/GFP-tubulin)

Takeuchi et al. [58] Allium cepa Root tip cell IF/ IF

(C) Actins in spindle

Forer and Jackson,  
Forer et al. [61–63]

Haemanthuskatherinae Endosperm EM (chem)

Seagull et al. [64] Medicago sativa Suspension culture cell Ph/IF

Traas et al. [38] Daucuscarota Suspension culture cell Ph/-

Traas et al. [65] Splanummelongena Miotic cell Ph/IF

Czaban and Forer [66] Haemanthuskatherinae Endosperm Ph/IF

(D) Actins in phragmoplast

Clayton and Lloyd [67] Allium cepa Root tip cell Ph/IF

Gunning and Wick [68] Tradescantiavirginiana Stamen hair cell Ph/IF

Schmit et al. [69] Haemanthuskatherinae Endosperm Ph/IF

Kakimoto and Shibaoka [36] Nicotianatabacum Suspension culture cell Ph/IF

Traas et al. [38] Daucuscarota Suspension culture cell Ph/-

Palevitz [70] Allium cepa Root tip cell Ph

Schmit and Lambert [71] Haemanthuskatherinae Endosperm Ph, IF/ IF, EM (chem)

Lloyd and Traas [39] Daucuscarota Suspension culture cell Ph/IF

Kakimoto and Shibaoka [72] Nicotianatabacum Suspension culture cell EM (chem)

Traas et al. [65] Splanummelongena Miotic cell Ph/ IF

Schmit and Lambert [73] Haemanthuskatherinae Endosperm Inj (Ph/-)

Zhang et al. [74] Tradescantiavirginiana Stamen hair cell Inj (Ph/tubulin)

Collings et al. [75] Allium cepa Root tip cell IF/IF

Collings and Wasteneys [32] Arabidopsis thaliana Root tip cell IF/IF

EM(chem), electron microscopy with chemical fixed materials; EM(cryo), electron microscopy with cryo-fixed 
materials;Live, live imaging; IF, immunofluorescence method; Ph, phalloidin labeled with fluorescent dyes; Inj, 
microinjection of fluorescent-labeled probes

Table 2. Actin-MT cross-talks in cell division.
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wall fibrils [76–78]. In pollen tubes and root hair cells, cortical MTs run parallel to the cell 
axis and a similar F-actin pattern has been observed by EM images (see papers marked EM 
in Table 1A). Transversely aligned cortical MTs are observed in the elongating cells of roots, 
suspension culture cells and fern protonemata. Transversely arranged F-actins have also 
been observed in these cells (Table 1A) as well as MFs associated with cortical MTs (see 
papers marked EM in Table 1A). In dry-cleaved preparations of tobacco protoplasts, Kengen 
and Derksen [15] were able to follow MT-associated MFs over distances up to 1.46 µm. The 
presence of MTs connected to MFs via cross-bridging molecules [10, 14] suggests that the 
organization of such MTs is influenced by the direct interaction with F-actins. The fact that 
the short F-actins can slide along MTs as seen in live cell imaging studies using fluorescent-
labeled MTs and F-actins suggests an involvement of motor proteins in this cross-bridging 
process [20]. Pharmacological studies suggest that F-actins either play a role in cortical MT 
organization, or that the MTs can regulate the organization of actin (Table 1B, C).

In addition to the direct physical actin-MT interactions described in the previous paragraph, 
there are other MT systems in which different types of actin-MT interactions have been observed. 
For example, during the formation of tracheary elements in cultured cells of Zinnia, F-actins are 
formed between reticulate arrays of MT bundles. The fact that the disruption of the F-actin 
aggregates by cytochalasin affects the MT organization in this system suggests that the F-actin 
aggregates are involved in MT organization [11, 79]. Coordination of MT and actin networks is 
also required for morphogenesis of cells showing complex expansion patterns such as leaf pave-
ment cells and trichomes [80–83]. Actins and MTs have been shown to serve distinct roles during 
the formation of the intricately shaped leaf mesophyll and epidermal cells. Thus, the cortical 
MT bundles appear to determine the sites of deposition of cell wall molecules that prevent cell 
wall expansion, whereas actin patches regulate the formation of the cell lobes [80]. Formation 
of separate MT and actin domains appears to be coordinated by the activity of RopGTPase [82].

During trichome morphogenesis, control of MT dynamics by actin has been inferred from stud-
ies of distorted2 (dis2) mutants defective in the actin-related ARP2/3 complex. The ARP2/3 com-
plex regulates actin polymerization and the dis2 mutation gives rise to distorted trichomes. The 
mutant trichomes exhibit changes in MT organization that is similar to those seen in cytocha-
lasin-treated cells [26, 27]. The tortifolia2 (tor2) mutant has a mutation in α-tubulin4 that causes 
aberrant cortical MT dynamics and overbranching of the trichomes. The double mutant of tor2 
with dis1, another ARP2/3 complex mutant, shows complete loss of anisotropic growth, and 
MT organization in the mutant is severely disturbed in comparison with the respective single 
mutants. Based on these observations, Sambade [84] proposed that cortical MTs have two differ-
ent functions, actin-dependent and actin-independent functions during trichome differentiation.

2.2. Cell division

Spindle: Forer’s group has suggested that F-actins are present in the spindles of Haemanthus 
endosperm based on EM observations of chemically fixed cells decorated with heavy meromyo-
sin as well as on fluorescent microscope observations using rhodamine phalloidin [61–63, 66]. 
In contrast, Schmit and co-workers [69, 71, 73] using live Hemanthus endosperms injected with 
fluorescent phalloidin probes or fixed Hemanthus endosperms stained with fluorescent phalloi-
din, reported that the concentration of F-actins is low inside spindles and that instead they form 
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a cage-like structure around the spindle. The actin cage has also been observed in Tradescantia 
stamen hair cells [46]. Disruption of the actin cages around spindles alters both spindle position-
ing and spindle orientation [60, 85].

Phragmoplast: Actins have been shown to be present in phragmoplasts by means of fluores-
cent dye-labeled phalloidin [36–38, 67, 68]. However, both EM and fluorescent microscope 
observations have shown that the organization of phragmoplast actin differs from that of 
the MTs [32, 71, 75, 85]. A high density of short F-actins is seen in the equatorial plane ori-
ented parallel to the MTs. F-actins identified by heavy meromyosin decoration have also been 
observed near the forming cell plate, and the heavy meromyosin arrowheads on the F-actins 
point away from the cell plate [72].

PPB: The presence of actins in PPBs has been documented in a variety of tissues through 
fluorescence microscopy techniques (Table 2A). Single MFs associated with PPBs in high-
pressure frozen cells have also been visualized by EM [4, 45]. The development of PPBs is an 
interesting process in terms of actin-MT interactions, because actins are associated with MTs 
during the early developmental stages but are absent from later stages. This is illustrated in 
Figure 1. PPBs develop from broad bands of MTs in the G2 phase of the cell cycle. Cells exhib-
iting an early broad PPB also possess a broad cortical F-actin array (Interphase in Figure 1), 

Figure 1. Actin-MT cross-talk during PPB development in root tip cells of onion seedlings. Cells were triple labeled for 
actin (red), tubulin (green) and DNA (blue). Interphase, the broad PPB MT and actin. Prophase, the narrow PPB MT and 
actin. Late prophase, a narrow PPB with ADZ (arrowhead). Late prophase (Cytochalasin D), a late prophase cell treated 
with 20 µM cytochalasin D for 30 min. Scale bar: 10 µm. Modified from Ref. [58].
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and in the subsequent period, the actin band narrows in parallel with the narrowing of the 
PPB MT band (Prophase in Figure 1). However, when the PPB MTs reach their narrowest 
configuration in late prophase (Late prophase in Figure 1), the fluorescent actin signals start 
to disappear from the cell cortex region occupied by the MT band, giving rise to the actin-
depleted zone (ADZ) [46, 48]. The ADZ forms prior to the breakdown of the nuclear envelope 
and persists throughout mitosis [46, 48]. It is known that F-actin disrupters, such as cytocha-
lasins and latrunculins, not only prevent narrowing of the PPB MT but also rewidening of 
narrowed MT band (see references in Table 2B). The effect of cytochalasin D on PPB actin is 
unique. When cytochalasin D is applied to late prophase cells, PPB MT widening occurs and 
actins stay in the broadened PPB instead of disappearing from the PPB region (Late prophase 
(cytochalasin D) in Figure 1).

3. Evidences for MF-MT association revealed by electron tomography

3.1. Visualization of single F-actins in electron micrographs

Bundled MFs in plant cells were first observed in streaming Nitella cells by Nagai and Rebhun 
[86]. Subsequently, the MFs were identified as F-actins by heavy meromyosin decoration [87]. 
Since then, MFs have been observed in a variety of plant cells [6–8, 10, 14, 16, 45, 88–91]. 
Murata et al. [19] optimized the condition to preserve and visualize MFs in the cortical cyto-
plasm of plant cells. They applied high-pressure freezing/freeze-substitution followed by 
post-fixation with OsO4 and uranyl acetate to achieved stable preservation and high contrast 
of the fine MFs in both tobacco root tips and onion cotyledons (Figure 2). A single, ~1-µm-long 
MF preserved by this method is illustrated in Figure 2B.

Figure 2. MFs in the high pressure frozen/freeze-substituted plant cell cortex. (A) A tobacco root tip cell. (B) An epidermal 
cell of an onion cotyledon. Arrowheads, MFs. Bar = 500 nm. (A) Modified from Ref. [19], (B) modified from Ref. [4].
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configuration in late prophase (Late prophase in Figure 1), the fluorescent actin signals start 
to disappear from the cell cortex region occupied by the MT band, giving rise to the actin-
depleted zone (ADZ) [46, 48]. The ADZ forms prior to the breakdown of the nuclear envelope 
and persists throughout mitosis [46, 48]. It is known that F-actin disrupters, such as cytocha-
lasins and latrunculins, not only prevent narrowing of the PPB MT but also rewidening of 
narrowed MT band (see references in Table 2B). The effect of cytochalasin D on PPB actin is 
unique. When cytochalasin D is applied to late prophase cells, PPB MT widening occurs and 
actins stay in the broadened PPB instead of disappearing from the PPB region (Late prophase 
(cytochalasin D) in Figure 1).

3. Evidences for MF-MT association revealed by electron tomography

3.1. Visualization of single F-actins in electron micrographs

Bundled MFs in plant cells were first observed in streaming Nitella cells by Nagai and Rebhun 
[86]. Subsequently, the MFs were identified as F-actins by heavy meromyosin decoration [87]. 
Since then, MFs have been observed in a variety of plant cells [6–8, 10, 14, 16, 45, 88–91]. 
Murata et al. [19] optimized the condition to preserve and visualize MFs in the cortical cyto-
plasm of plant cells. They applied high-pressure freezing/freeze-substitution followed by 
post-fixation with OsO4 and uranyl acetate to achieved stable preservation and high contrast 
of the fine MFs in both tobacco root tips and onion cotyledons (Figure 2). A single, ~1-µm-long 
MF preserved by this method is illustrated in Figure 2B.

Figure 2. MFs in the high pressure frozen/freeze-substituted plant cell cortex. (A) A tobacco root tip cell. (B) An epidermal 
cell of an onion cotyledon. Arrowheads, MFs. Bar = 500 nm. (A) Modified from Ref. [19], (B) modified from Ref. [4].
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3.2. Spatial relationship between MFs and MTs during PPB development

Electron tomography is a powerful method for visualizing and quantitatively analyzing the 
ultrastructural features of cells in 3D. The 3D volume is reconstructed from a series of 2D-EM 
images of successively tilted samples. It enables researchers to analyze the 3D organization 
of filamentous structures in cells and has been applied to study of F-actin networks in lamel-
lipodia [92] and MTs in hyphae [93]. Electron tomography has also been applied to cell divi-
sion studies in plants, most notably to obtain quantitative information on the organization of 
cortical MTs as well as cell plate forming structures [94–96].

PPB development in epidermal cells of onion cotyledons is well-characterized [96, 97], and this 
experimental system has proven advantageous for elucidating the events associated with PPB 
formation. In particular, it has enabled us to characterize the organization of MFs in the PPBs 
of onion cotyledon epidermal cells by means of electron tomography of high pressure frozen/
freeze-substituted tissues. For these studies, a basal part of the cotyledon was cut and imme-
diately high-pressure frozen, then samples were freeze-substituted and embedded in Spurr’s 
resin [19]. Tomograms were generated from the tilted image series of 250-nm-thick serial sec-
tions of PPB-containing cells, and the tomograms were analyzed with IMOD [98]. The tomo-
grams obtained by these means covered a ~4 µm2 large area of the cell cortex and enabled us to 
obtain quantitative information on the distribution of coated and non-coated vesicles in PPBs, 
the number and length of PPB MFs, as well as on the spatial relationship between individual 
fibers of MFs and MTs in the PPBs [4, 96]. During the course of these studies, we made approxi-
mately 50 serial sections for each cell, which enabled us to determine both the nuclear stage and 
the corresponding developmental stage of the PPB for each cell used for the electron tomogra-
phy analysis. The results are reported in Ref. [4] and are briefly summarized in Figure 3.

Tomographic models of Figure 3A–E show changes in MT and MF organization during this pro-
cess. As reported previously [44], most cortical MTs (magenta lines) are not arrange transversely 
in interphase cells of the basal region of the onion cotyledon epidermis and very few MT-MF 
interactions are seen (Figure 3A). At the onset of PPB formation, the MTs become organized 
into loose, irregular arrays transversely oriented to the longitudinal axis of the cells and the first 
MT-associated MFs (yellow lines) start to appear (Figure 3B). During this MT reorganization, 
groups of two or three MTs initiate the formation of MT bundles by  moving closer together 
and becoming more aligned (Figure 3C). Then, pairs of closely aligned MTs serve as templates 
for the assembly of increasingly large MT clusters (Figure 3D). A majority of the MFs become 
aligned with and many become bound to the MTs. This spatial relationship is maintained until 
the MT band narrows. In late prophase, the density of the MFs declines within the PPB region 
(bracketed area) compared to the area outside of the PPB where the cortical MFs are randomly 
oriented (Figure 3E, F). This stage appears to correspond to late prophase during which the ADZ 
is formed (Figure 1). As the behavior of MFs is similar to those reported in F-actins by fluorescent 
microscopy, the MFs described here seem to correspond to F-actins. MFs in PPBs were single, rel-
atively short (168 ± 14 nm) filaments. In contrast, the longer (>500 nm) MFs were seen only in the 
cortex of interphase cells and were not bound to MTs (Figure 2B). This suggests that single short 
F-actins play an essential role in the formation of actin-MT interactions during PPB formation.
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Detailed analyses of the PPB tomograms revealed several interesting features of the MF-MT 
interactions. Single short MFs whose one end attaches to the surface of a MT are seen when 
PPB formation starts (circles in Figure 3). Subsequently, single MFs are seen running along 
MTs as they become attached to the MTs by cross-linkers. Two types of MF-MT cross-linkers 
can be distinguished. Short cross-bridges (~14 nm long) appear in early prophase and slightly 
longer ones (~17 nm long) during the later stages of PPB maturation [4]. However, the number 

Figure 3. Changes in MT-MF interactions during PPB formation of onion cotyledon epidermal cells. All images are 
adapted from Figures 1, 3 and 4 in Ref. [4]. (A)–(F) Electron tomographic models showing the distribution of MFs (yellow 
lines) and MTs (magenta lines) in the cortical cytoplasm of tangentially sectioned cells. Circles, Contact sites between a 
MF end and a MT. Asterisk, A MF running along two MTs that is linked with these MTs. Bar = 500 nm. (A) Interphase 
cell with randomly oriented cortical MTs and MFs. (B) Interphase cell with some transversely oriented MTs. (C) Early 
prophase cell with a broad PPB. (D) Prophase cell containing a narrow PPB. (E) Late prophase cell with a narrow PPB. 
(F) Same model as shown in (E) but without the MT images. White bracket, the PPB region. (G)–(M) Images of MFs from 
tomograms of tangentially sectioned cell cortex regions. Bars = 100 nm. (G) A tomographic slice image showing a MF 
(arrowheads) associated with a cortical MT. (H) A tomographic model showing the MF and MTs illustrated in (G). (I)–(K) 
Three tomographic slices from a small volume of a PPB. (I) and (J) The single MF (arrowhead) is bound to two adjacent 
MTs, MTa (I) and MTb (J), by cross-bridges (arrows). (L) and (M) Tomographic models showing arrangement of the two 
MTs and one MF illustrated in (I)–(K).
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of MFs forming bridges between MTs is typically low during the early stages of PPB formation 
but increases as the development of the PPBs progresses. Similarly, during the earliest stages 
of PPB formation, the length of the majority of MFs is 50–100 nm. As the PPB matures, the 
length of the MFs increases suggesting that they are elongated while attached to the MTs. Two 
types of single MFs connecting adjacent MTs are seen. One type of MF forms bridging struc-
tures between MTs (Figure 3G, H), whereas the other consists of MFs running between two 
adjacent MTs, with close connections to both MTs. Interestingly, the linkers to the two MTs are 
not in the same plane (Figure 3I–M). When the PPBs mature, the number of MT-associated 
MFs decreases, whereas the number of MT-MT interactions increases. The MT-MT bridges 
form tight ladder-like connections between the MTs.

Based on these observations, we have developed a hypothesis for the role of short F-actins 
on MT bundling during PPB formation ([4], Figure 4). Actin-MT interactions in PPBs start 
when one end of a short F-actin fragment (~70 nm) attaches to a MT (Figure 4A). The F-actin 
fragment then becomes aligned along the MT by linkers (Figure 4B) and starts elongating 
(Figure 4C). Elongation of the MT-associated MFs enables them to connect two MTs that are 
separated by spaces that are too big to be bridged by MT-MT linker proteins (Figure 4D). 
As the zippering up of the MF-linked MTs continues, the MTs come closer together with 
the MFs becoming sandwiched between the two parallel MTs to which they are connected 
through alternating cross-links (Figure 4E). The MF mediated cross-links are replaced by 
direct MT-MT bridging structures (shown in Figure 7 in Ref. [4]) and the MFs disappear 
from the dense MT arrays. Based on their length, the MT-MT linkers can be divided into two 
groups. Long linkers (Figure 4F) are dominant during the early stages of PPB formation and 
are replaced by the short ones as the MT band narrows (Figure 4G). Although the molecules 
that form the linkers have yet to be positively identified, several MT associated proteins have 
been localized to PPBs [99, 100].

Figure 4. A model showing how single F-actins bind to MTs and contribute to MT bundling during the early stages of 
PPB formation. (A)–(C) Development of MT-associated MFs. (D) and (E) Two types of F-actin-MT connections between 
two adjacent MTs. (F) and (G) Two types of MT-MT connection by MAPs. Adapted from Ref. [4].
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4. Molecular candidates involved in actin-MT interaction

The interaction between actins and MTs is mediated by linkers that connect the MFs to the 
PPB MTs. Here, we discuss several candidate proteins capable of binding to actins and to 
MTs and thereby control their organization and functions. The list includes several kinesins, 
formins and MT-associated proteins [101, 102].

Kinesins: One group of candidate proteins capable of forming actin-MT bridges belongs to 
the kinesin-14 family of proteins with actin-binding and calponin-homology domains (KCHs) 
reviewed in Ref. [103]. KCHs have been identified as plant-specific kinesins and belong to 
the minus end-directed kinesin subfamily. Members of the KCH protein family capable of 
forming actin-MT cross-bridges have been identified in a variety of plant species and tissues, 
in cotton fibers [104, 105], rice coleoptiles [106] and tobacco cells [106]. Two kinesin-14 family 
proteins, KingG [107] and NtKCH [108] localize to PPBs. Localization of the KingG also sug-
gest its movement towards the minus-ends of MTs in vivo [107]. Although their function in 
the PPB is unknown, the KCHs may function to align F-actin to MTs and hereby contribute to 
the formation of MT bundles.

Formins: In plants, formins constitute a large family of proteins. Their primary function is 
to serve as regulators of the actin cytoskeleton. Since some plant formins have the ability to 
nucleate F-actins, they are considered candidate proteins for initiating the assembly of PPB 
F-actins [109–112]. Furthermore, considering that some formins have been shown to also pos-
sess MT-binding activity [113], they may play a role in generating MT-associated F-actins as 
described by Sampathkumar et al. [20]. The class II formin isoform AFH14 of Arabidopsis is a 
candidate protein for generating links between actin and MTs in PPBs, since it has been local-
ized to PPBs. AFH14 can bind directly to and bundle actin and MTs via its FH1FH2 domain, 
which is a highly conserved site in formin family proteins. In addition, it shows cross-linking 
activity between F-actin and MT [114]. Another class II formin, the rice formin FH5 has been 
shown to interact with actin and MT [115, 116]. Binding of the Arabidopsis AtFH4 to MTs is 
mediated by the GOE domain, a conserved domain in the class I subfamily of Arabidopsis 
formins [117]. AtFH1, which is the main housekeeping formin in Arabidopsis, has also been 
suggested to participate in actin-MT cross-talk. Mutations of the AtFH1 affect root cell expan-
sion, root hair morphogenesis, and cytoskeleton structures and alter the dynamics of actin 
and MTs even as it lacks known MT-binding motifs [118].

Actin-related protein-2/3 (ARP2/3) complex: The ARP2/3 complex is another regulator of the 
F-actin in plants that can initiate actin polymerization as well as control F-actin organization and 
thereby cell shape. In contrast to formin that promotes the nucleation of unbranched filaments, 
ARP2/3 functions as an initiator of new F-actins that branch off of existing filaments [119–121]. 
Mutants defected in ARPC2, a subunit of ARP2/3 complex, displays aberrant trichomes, and 
the organization of both actin and cortical MTs is disturbed in the mutants [26, 27]. Control of 
the actin and MT cytoskeletal networks mediated by the ARP2/3 complex was also implied in 
a study of the SCAR2 mutant [122]. Recently, Havelkova et al. [123] reported that ARPC2 binds 
directly to MTs, suggesting a new mechanism of actin-MT interaction mediated by the ARP2/3 
complex.
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Other candidates: Phospholipase D (PLD) belongs to a superfamily of signaling enzymes that 
are associated with the plasma membrane. A PLD from tobacco has been postulated to medi-
ate MT-plasma membrane linkages [124] and PLD activation correlated with MT reorganiza-
tion [125]. PLDδ is detected in the periphery of Arabidopsis suspension culture cells, and it 
binds both to MTs and actin in vitro [126]. The PLDδ may play a role in initiating cytoskeleton 
remodeling. A pollen-specific MT-associated protein (MAP), SB401 in Solanum localizes to the 
cortical cytoplasm of pollen tubes where it binds to and bundles MTs and F-actins [127, 128] 
and they are possibly involved in F-actin and MT organization. The CLIP-associated protein 
(CLASP) is a MT-plus end directed motor protein. It is involved in both cell division and cell 
expansion, and in the organization of the cortical MTs [129, 130]. Although its interaction with 
actin in plants is unclear [129], human CLASP molecules have been reported to function as 
actin/ MT cross-linkers in interphase cells [131].

5. Conclusion

How actin-MT interactions contribute to cellular activities in plants is poorly understood. To 
address this question, we have employed electron tomography to examine the 3D relationship 
between MFs and MTs during PPB formation. At the onset, short MFs form bridges between 
adjacent MTs thereby starting the process of PPB narrowing. The narrowing process initially 
involves two types of MF-MT linkers. During later stages, the actin-mediated cross-links dis-
appear and are replaced by two types of MT-MT linkers that act sequentially to complete MT 
bundling. The focus is now on identifying the different types of cross-linkers.
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Abstract

Trypanosomatidae are protozoans that include monogenetic parasites, such as the
Blastocrithidia and Herpetomonas genera, as well as digenetic parasites, such as the
Trypanosoma and Leishmania genera. Their life cycles alternate between insect vectors and
mammalian hosts. The parasite’s life cycle involves symmetrical division and different
transitional developmental stages. In trypanosomatids, the cytoskeleton is composed of
subpellicular microtubules organized in a highly ordered array of stable microtubules
located beneath the plasma membrane, the paraflagellar rod, which is a lattice-like struc-
ture attached alongside the flagellar axoneme and a cytostome-cytopharynx. The complex
life cycle, the extremely precise cytoskeletal organization and the single copy structures
present in trypanosomatids provide interesting models for cell biology studies. The intro-
duction of molecular biology, FIB/SEM (focused ion beam scanning electron microscopy)
and electron microscopy tomography approaches and classical methods, such as negative
staining, chemical fixation and ultrafast cryofixation have led to the determination of the
three-dimensional (3D) structural organization of the cells. In this chapter, we highlight the
recent findings on Trypanosomatidae cytoskeleton emphasizing their structural organiza-
tion and the functional role of proteins involved in the biogenesis and duplication of
cytoskeletal structures. The principal finding of this review is that all approaches listed
above enhance our knowledge of trypanosomatids biology showing that cytoskeleton
elements are essential to several important events throughout the protozoan life cycle.

Keywords: trypanosomatids, cytoskeleton, ultrastructure, microscopy, three-dimen-
sional reconstruction

1. Introduction

Trypanosomatids are uniflagellated protozoan parasites belonging to the Kinetoplastid order.
They are the etiological agents of several diseases [1] and exhibit particular features that
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differentiate them significantly from their mammalian host [2]. First, they have subpellicular
microtubules (SPMT), which are a network of organized stable microtubules that are closely
associated with the plasma membrane and to each other forming a corset that confers rigidity
to the cell body and help to determine the shape of the cell. Second, trypanosomatids have the
microtubule quartet (MtQ) of the flagellar pocket (FP) that encircles the flagellar pocket in a
helicoidal pattern [3]. Third, they have microtubule sets of cytostome-cytopharynx that forms a
gutter in this funnel invagination [4]. Fourth, trypanosomatids have a flagellum attachment
zone (FAZ) where the flagellum emerges from the flagellar pocket and remains attached to the
cell body [5]. Finally, they have a paraflagellar rod (PFR), a lattice-like structure that runs
parallel to the axoneme from the flagellar pocket to the flagellar tip [6].

Recent studies using techniques, such as electron tomography and focused ion beam-scanning
electron microscopy, that allow three-dimensional reconstruction of whole protozoan, allowed
for the accurate understanding of their subcellular morphology. High-resolution microscopy
studies have provided detailed cellular information regarding protein localization and pheno-
type after cytoskeleton-protein depletion aiming at the elucidation of protein function during
life cycle of trypanosomatids. Using FIB/SEM, one can examine a large number of whole cells
at the same time, which enables qualitative and quantitative studies about different morpho-
logical aspects of cytoskeleton elements during the life cycle of trypanosomatids. This chapter
aims to provide an overview of the topographical relationship among the cytoskeletal ele-
ments throughout the protozoan life cycle.

2. Subpellicular microtubules

The shape of cells in trypanosomatids is defined by SPMT. SPMT are a cage of stable microtu-
bules located underneath the plasma membrane and composed of α/β tubulin [7]. High-
resolution field emission scanning electron microscopy (FESEM) revealed a helicoidal pattern of
SPMT in the promastigote form of nonpathogenicHerpetomonas megaseliae; whereas in the procyclic
trypomastigote form of Trypanosoma brucei, it appears as a straight pattern [8] (Figure 1A–C).

In contrast to the microtubules of mammalian cells, SPMT are resistant to low temperatures
and drugs that usually promote microtubule depolymerization [10]; thus, SPMT contribute to
the stabilization of the trypanosomatids shape. Transversal ultrathin sections of Leptomonas
samueli fixed with glutaraldehyde and tannic acid showed that trypanosomatids’ SPMT are
formed by 13 typical protofilaments [11]. Immunolabeling studies using T. brucei revealed that
the region of tubulin polymerization is localized at the posterior region of the procyclic forms,
which is consistent with the identification of the plus end of microtubules at this region [12].

These SPMT are cross-linked to each other by short 6 nm thick filaments and to the plasma
membrane [9, 13] (Figure 1D). Molecular studies using T. brucei indicated the presence of
microtubule-associated proteins (MAPs) linking SPMT to each other [14]. These links are
particularly strong and are not disrupted by cell lysis. It is likely that they play a role in the
rigidity of the trypanosomes’ cell bodies [15]. Moreover, a connection between SPMT and the
endoplasmic reticulum was observed in Leishmania amazonensis [16]. The transmission electron
microscopy image of thin sections showed that the distance between the SPMT of
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trypanosomatids is 44 nm and approximately 15 nm between SPMT and the plasma mem-
brane. The number of microtubules varies by the region of the cell body. In Trypanosoma cruzi
trypomastigotes, the posterior region where the Golgi apparatus is located has approximately
120 microtubules. At the cell extremities, approximately 40 microtubules were counted. In the
intracellular dividing amastigote, the highest number of microtubules, 222, was observed.
These data suggest that newly formed microtubules are inserted between preexisting microtu-
bules during the cell division, because the number of microtubules remained constant [17]. A
study on the biogenesis of subpellicular microtubules in T. brucei indicated that new microtu-
bules are incorporated primarily in a region adjacent to the new FAZ and between the new and
the old FAZs during cell growth [18]. The addition of new microtubules into the FAZ region
facilitates the segregation of the basal bodies and consequently, mitochondrial genome segre-
gation. Furthermore, this incorporation promotes the formation of the membrane fold in
preparation for cell division [12, 19, 20].

Figure 1. Ultrastructural pattern of subpellicular microtubules (SPMT). (A–B) Field emission scanning electron micro-
graphs of whole-extracted H. megaseliae and T. brucei, respectively, showing the SPMT. (A) The helical pattern of H.
megaseliae SPMT and (B) The straight pattern of T. brucei SPMT [8]. (C) Several images of T. cruzi epimastigotes obtained
by focused ion beam scanning electron microscopy (FIB-SEM) were joined in order to emphasizing the SPMT cage
(arrows) underneath the plasma membrane [unpublished data from Wanderley de Souza]. (D) Promastigotes of H.
megaseliae were extracted using Triton-X-100, revealing the parallel array of SPMT. Additionally, the fibrils connecting
SPMT to each other were observed (arrow) [9]. Scale bars: (A) 3.5 μm and (B) 8 μm.
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Due to the rigidity of the SPMT cage beneath the cell membrane, endocytic events are limited
to sites where these microtubules are absent: the flagellar pocket and the complex cytostome-
cytopharynx.

3. Cytoskeletal elements associated with endocytic entry sites

3.1. Microtubules

The FP is an invagination close to the basal body and surrounds the site of flagellum exit. It is
found at the anterior and posterior regions of the cell body of T. cruzi epimastigotes and the
procyclic form of T. brucei, respectively. It is involved in cell polarity and cell division. The FP
membrane is compositionally and functionally distinct from both the cell body and flagellar
membranes, despite being continuous with them [21]. The absence of SPMT at the FP site
allows budding of endocytic and exocytic vesicles. It is also essential for defense against the
innate and acquired immune responses of the host [22, 23]. Trypanosomatids’ FP is precisely
positioned and it is closely related to cytoskeletal elements which are highly conserved
throughout trypanosomatids. Flagellar pocket architecture and composition have been
described in several studies; however, it was best analyzed in the African trypanosome, T.
brucei [22, 24–29]. Electron microscopy tomography revealed a set of MtQ that are nucleated
adjacent to the basal bodies [3] (Figure 2A and C). Their polarity is opposite (plus end at the
anterior of the cell) that of the subpellicular microtubules. MtQ encircles the FP and forms a
membrane dislocation, as a deep and longitudinal channel through which nutrients achieve
the lumen of the flagellar pocket [30] (Figure 2A). These microtubules are different from the
SPMT because they do not depolymerize in media with high salt concentrations [31]. The same
MtQ, with a helicoidal pattern located close to the FP, was observed in a 3D reconstruction of T.
cruzi epimastigotes [4] (Figure 2B and C).

Several studies with T. brucei have shown that FP is divided into several domains, such as the
neck of the FP. In the neck, MtQ joins SPMT and is associated with FAZ; thus, MtQ defines the
flagellum and flagellar pocket axes [32]. The flagellar collar is a horseshoe-shaped, electron-
dense cytoskeletal structure located in the flagellar neck; the first protein characterized at this
domain was BILBO1. Using RNA interference (RNAi)-mediated ablation of this protein in the
procyclic form of T. brucei, it was shown that BILBO1 is essential for flagellar pocket biogenesis
and cell survival [29].

T. brucei also possesses a cytoskeletal feature of unknown function, named bilobe. TbMORN1
was the first protein described as an exclusive component of the bilobe [33]. The bilobe is
located near the Golgi apparatus; it is thought to function in Golgi apparatus replication and as
an adaptor during cytokinesis [34]. Recently, TbMORN1 depletion experiments suggested that
this protein allows access of endocytic tracers into the flagellar pocket [35].

Although T. cruzi epimastigotes and amastigotes uptake nutrients by endocytosis via the
flagellar pocket they primarily obtain nutrients from the cytostome-cytopharynx complex
[36–38]. The latter was also found in a free-living kinetoplastid, Bodo sp. [39] as well as in
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Trypanosoma vespertilionis and Trypanosoma dionisii [15]. The cytostome is an opening in the
anterior region of the cell surface that is followed by a membrane invagination called
cytopharynx. Recently, using serial electron microscopy tomography and FIB-SEM to recon-
struct the entire length of the cytostome-cytopharynx present in T. cruzi, it was shown that this
invagination is supported by seven microtubules. A triplet of these microtubules was located
underneath the cytostome aperture membrane. A quartet of microtubules originated under-
neath the flagellar pocket membrane in a staggered formation and followed the preoral ridge
before reaching the cytopharynx invagination [4] (Figure 3A). This quartet was different from
the MtQ described in T. brucei. These two sets of microtubules assisted the cytopharynx in
forming a “gutter” and creating a microtubule-free side where vesicles can bud or fuse.

Electron microscopy tomography and dual beam scanning electron microscopy are used to
observe epimastigotes of T. cruzi that were synchronized using hydroxyurea, a compound that
induces G1/S cell cycle arrest, we observed that the cytostome-cytopharynx complex is
completely disassembled during cell division. This complex is formed de novo from the flagel-
lar pocket membrane during cytokinesis. This experiment elucidated the biogenesis of this
structure [40] (Figure 3B1–B3).

Figure 2. Microtubule quartet (MtQ) is associated with the FP of Trypanosoma brucei and T. cruzi. (A) Electron micrographs
showing the MtQ (brackets) forming a channel that permits endocytic tracers (red arrows) to enter into the T. brucei FP
[30]; (B–C) the MtQ is nucleated near the basal bodies and encircles the FP (brackets) T. cruzi epimastigotes [4]. Scale bars:
200 nm.
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Figure 3. Ultrastructural changes of the cytostome-cytopharynx complex during the T. cruzi life cycle. (A-C1) Tomo-
graphic reconstruction of the cytostome-cytopharynx complex. (A) The cytostome-cytopharynx complex of epimastigotes
is sustained by a microtubule triplet (green) that extends from underneath the cytostome membrane and a microtubule
quartet (blue) that appears to start close to the flagellar pocket. It continues underneath the preoral ridge membrane [4].
(B) Cell division: (B1) in early G2, the cytopharynx was shorter. (B2) After this, the cytostome-cytopharynx complex
becomes fragmented during the G2 phase. The microtubules maintained their helical arrangement. The vesicles were
aligned with the microtubules, following the path of the cytopharynx. (B3) At the end of cytokinesis, both daughter cells
possess a complete cytostome-cytopharynx complex (3D model of the cell) [40]; (C) The metacyclogenesis process. (C1)
Some structures were omitted in order to highlight the structure of the cytopharynx (inset square). The reconstruction
revealed the enlarged proximal portion of cytopharynx. Despite this alteration, this invagination still has the two
microtubule sets and adjacent vesicles that were observed in the epimastigotes. Tomogram representing the intermediate
forms; (C2) sequence of cell images showing different portions of the cytostome-cytopharynx complex present in a late
intermediate form; the reconstruction shows the absence of the cytopharynx membrane; the microtubule triplet is still
present; (C3–4) negative staining of a metacyclic trypomastigote shows the presence of the microtubule triplet. The
cytostome-cytopharynx complex was not detected [41]. Flagellar pocket (FP-white), preoral ridge (POR-purple),
cytostome-cytopharynx (Cy-pink), vesicles (V-orange), flagella (F-yellow and light blue), kinetoplast (K-green), nucleus
(N-blue), and the Golgi complex (G-gold). Scale bars: 200 nm.
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cytostome-cytopharynx (Cy-pink), vesicles (V-orange), flagella (F-yellow and light blue), kinetoplast (K-green), nucleus
(N-blue), and the Golgi complex (G-gold). Scale bars: 200 nm.
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The same methodology was used to obtain 3D reconstructions of the ultrastructural changes
present in the intermediate forms of T. cruzi during the metacyclogenesis process (differentia-
tion of epimastigotes into metacyclic trypomastigotes). It was shown that the migration of the
kinetoplast/flagellar pocket to the posterior region drags the cytostome aperture. Thus, the
invagination shortens from the end to the beginning. The late intermediate forms did not have
a cytopharynx membrane; only the accompanying microtubules remained in this form. In the
trypomastigote form, shorter microtubules were still observed [41] (Figure 3C1–C4).

3.2. Microfilaments

The presence of actin has been confirmed in some trypanosomatids species. Nevertheless, little
is known about microfilament function or localization [7, 42]. In trypanosomatids, it does not
appear to polymerize into highly structured cytoskeletal microfilaments [43].

The trypanosomatids genome contains putative actin and actin-binding protein sequences [44].
However, to date, few studies have successful visualized microfilaments in trypanosomatids.
Sahasrabuddhe et al. visualized actin filaments in Leishmania spp. promastigotes using
immunogold and immunofluorescence approaches. They detected actin in the flagellar pocket,
flagellum, nucleus and kinetoplast (mitochondrial DNA, termed kDNA). The presence of actin in
the flagellar pocket strongly suggests that it participates in endocytosis. Interesting, in Leish-
mania, actin also colocalized with SPMT. The study speculates that actin may cooperate with
SPMT to help maintain the shape of the cell. This study suggested that the actin present in
Leishmania is a new isoform which may differ functionally and structurally from that of eukary-
otes [45]. Immunofluorescence microscopy observations showed that actin of T. brucei
colocalized with the endocytic pathway; however, in procyclic forms, actin was distributed
throughout the entire cell. The endocytic pathway and cell division are arrested in the actin-
depleted, bloodstream stage of T. brucei [46] (Figure 4A–B). These observations suggest different
roles for actin during the life cycle of T. brucei.

Molecular methods confirmed the expression of actin in trypanosomes, although the role of
actin in T. cruzi has not been fully elucidated. Immunoblotting of parasite extracts with
polyclonal serum raised against a recombinant version of the T. cruzi actin protein confirmed
the presence of actin variants; the pattern of expression was different for each stage of the
parasite life cycle [43], as previously observed with T. brucei [46].

Using cytochalasin to depolymerize actin resulted in morphological changes to the cytoskele-
tal elements associated with the cytostome-cytopharynx of T. cruzi epimastigotes; cytochalasin
treatment also impaired transferrin uptake [48]. Comparative genomic analyses suggested that
the actin-myosin system might function at the cytostome-cytopharynx during endocytosis
[44]. The first detailed characterization of actin (TcActin) and actin-binding proteins in T. cruzi
was carried out by De Melo et al.. The authors showed that TcActin was distributed in patch-
like cytoplasmic structures during all stages of the T. cruzi life cycle (Figure 4C–F) [47].
Recently, confocal microscopy analyses of several trypanosomatids (T. cruzi, T. brucei, L. major,
Angomonas deanei, Crithidia fasciculata, Herpetomonas samuelpessoai, Strigomonas culicis and
Phytomonas serpens) showed that these protozoa express actin, which is present diffusely
throughout the cytoplasm. In T. cruzi epimastigotes, actin seems to be localized at the
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cytopharynx [49], which may explain the disruption of endocytosis when epimastigotes are
treated with cytochalasin.

4. Paraflagellar structure and flagellum attachment zone

The trypanosomatid flagellum consists of an evolutionarily conserved axoneme. It is also com-
posed of peculiar elements such as the FAZ and the paraflagellar rod (PFR), a structure that is
attached to the flagellum. FAZ is a specialized cytoskeletal region that links most of the flagellar
membrane to the membrane of the cell body [5] (Figure 5A–C). The FAZ filament, the MtQ and
the bilobe structure also help to link the flagellum to the cell surface [34, 50] (Figure 2A).

This complex has a left-handed, helical conformation around the cell body and within the
microtubule array [51]. This region is considered a junctional complex and formed by lined
apposed macular structures. The FAZ is an essential structure; disruption of FAZ assembly can
lead to dramatic changes in morphogenesis.

The flagellum adhesion glycoprotein 1 (FLA1) was identified in T. brucei. FLA1 is critical for
flagellar attachment and RNAi depletion of FLA1 results in flagellum detachment, cytokinesis

Figure 4. Effect of actin RNAi on the bloodstream form of T. brucei (A–B) and the subcellular distribution of actin in T.
cruzi (C–H). (A) Electron micrograph of control bloodstream T. brucei (−TET). The flagellar pocket has budding vesicles.
(B) Electron micrograph of RNAi-induced cells (+TET). These cells show loss of vesicles budding from the flagellar pocket
membrane [46]; (C–F) Immunofluorescence confocal microscopy images of T. cruzi epimastigote and trypomastigote
forms showing actin patches along the flagellum, and also spread all over the parasitic body [47].
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defects and cell death [52]. Studies in T. cruzi indicate that the glycoprotein GP72 (homologous
of FLA1) is an important molecule for flagellum attachment. When its gene is deleted, the
flagellum is no more attached to the protozoan body [53].

The first molecular component of the T. brucei FAZ filament, FAZ1, was identified by screening
an expression library with a monoclonal antibody. The knockdown of this protein resulted in
disrupted FAZ and defects in cytokinesis. To date, FAZ1 is considered an essential protein
needed to correctly assemble the FAZ in T. brucei [54]. Recently, immunoprecipitation assays
detected a FLA-1 binding protein (FLA1BP). An RNAi approach targeting FLA1BP showed
that this protein is involved in anchorage assembly of the new flagellum. Also, cell growth of
these cultures was not disturbed [55]. RNAi knockdown of a coiled-coil-rich protein that
contains a C2-domain (CC2D/a protein associated with the flagellum cytoskeleton) impairs
the assembly of the FAZ filament; however, the formation of the four microtubules was not
affected [56]. These results confirmed the participation of the FAZ filament in both flagellum
attachment and cell morphogenesis.

Figure 5. (A) Drawing of the main components of the T. brucei trypomastigote. The dashed diagonal line indicates the
region seen in (B) and (C) [60]. (B) Electron micrograph showing a transversal section of the FAZ and its relative position
to the microtubule quartet (MtQ-zone 7)) [60]. (C) Cartoon of the transversal section shown in (B) [60]. The connections
among the paraflagellar rod, subpellicular microtubules (green), and FAZ (red) are emphasized. The drawing also shows
the connection between the subpellicular microtubules, the microtubule quartet (MtQ-blue), and endoplasmic reticulum
(ER). (D–I) Scanning electron micrographs of a cleavage furrow in control (D–F) and CIF2 RNAi treated cells (G–I); (D–F)
control cells demonstrate a different direction for cytokinesis (arrows). It occurs from the posterior towards the anterior
regions [58]. Scale bars: 5 μm.
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Recently, depletion of ClpGM6, a calpain-like protein localized to the FAZ of T. brucei
trypomastigotes, resulted in cells with a shorter FAZ. Consequently, these treated organisms
were also missing portions of the basal body, the kinetoplast, the Golgi complex and the flagellar
pocket. Cells produced long free flagellum, a characteristic phenotype of epimastigote-like cells
[57]. Despite a normal growth rate, this phenotype highlights FAZ as an important structure in
orchestrating basal body positions and determining the plane of cytokinesis. Recently, during T.
brucei cytokinesis, a novel signaling pathway was described; it is composed of Polo-like kinase,
CIF1, CIF2 and Aurora B kinase [58]. These signaling molecules behave as cytokinesis initiation
regulators. In vivo studies showCIF2 interacting with CIF1. Furthermore, both of them colocalize
at the new FAZ tip during early cell cycle stages [58, 59]. By inhibiting typical anterior-to-
posterior cytokinesis, these studies characterized a backup cytokinesis pathway located at the
posterior end of the cell [59] (Figure 5D–I).

In live parasites, flagellar beating produces a wave that gives the appearance of an “undulating
membrane” on the sides of the cell body linked to flagellum as consequence of the FAZ
arrangement. A detailed study using high-resolution microscopy to compare the swimming
behavior of several trypanosome species that infect livestock showed that the waveforms are
distinctive for each trypanosome species. This is due to variations in the microenvironment,
such as differences in viscosity [61]. Inside the flagellar membrane of T. brucei, it was possible
to observe a filamentous structure connecting the membrane associated with the FAZ to the
proximal domain of the paraflagellar rod [31]. The paraflagellar rod is an extra-axoneme
structure unique to kinetoplastids, euglenoids and dinoflagellates [62–64]. Transmission elec-
tron microscopy observations showed the paraflagellar rod as a lattice-like structure that is
localized along the entire length of the axoneme once it exits from the flagellar pocket; it is
linked to the FAZ. The PFR has three distinct portions: proximal, intermediate and distal.
These portions are defined by their location relative to the axoneme (Figure 6A) [65].

Replicas of quick-frozen, freeze-fractured, deep-etched and rotary-replicated T. cruzi
epimastigotes examined by transmission electron microscopy (TEM) provided detailed obser-
vations of PFR in straight and bent flagella. Based on these observations, an animated model
for the PFR structure during flagellar beating was proposed [66] (Figure 6B–G). The PFR
structure is absent in the amastigote forms of Leishmania and other trypanosomatids [7].
Studies of the biogenesis of L. amazonensis flagellum during amastigote-promastigote differen-
tiation show different stages of differentiation (Figure 6H–L), initial stages of the process, the
early intermediate forms presented an expansion of the flagellar tip and the duplication of
flagellum was observed (Figure 6H). Interestingly, PFR formation was observed inside the
flagellar pocket (Figure 6J). In later stages of differentiation, intermediate cells display a longer
flagellum (even if shorter than in promastigotes) that contains a PFR (Figure 6K–L) [67]. Only
after this stage typical flagellar beating was observed, suggesting that the presence of PFR is a
prerequisite for flagellum motility [67].

The paraflagellar major proteins are PFR1 and PFR2; null mutant and RNAi ablation of PFR2
demonstrated that this protein is required for efficient flagellar beating in L. mexicana and
T. brucei [68]. These parasites displayed an incomplete paraflagellar structure, showing that
this protein is essential for the correct assembly of PFR. Paraflagellar rod components can be
divided into four groups: (a) those involved in the formation of the lattice-like pattern; (b)
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those with a role in metabolism and in adenine nucleotide signaling; (c) those that participate
in calcium signaling; and (d) those with unknown function [69]. Some studies showed the
presence of calmodulin (CaM) within PFR; depletion of CaM resulted in catastrophic failure of
the PFR architecture and disruption of the links between PFR and axoneme [70].

The PFR in T. cruzi is composed of four proteins: PAR1–4 [71]. An important study indicated
PAR4 as the target of T. cruzi-specific CD8+ T cell responses. Over expression of PAR4
improved PAR4-specific CD8+ T cell responses and provided significantly enhanced protection
from infection; this chapter speculated that flagellar proteins can be used as antigens in potential
vaccines against T. cruzi [72].

Figure 6. (A) Transmission electron microscopy images of a thin section showing the T. cruzi paraflagellar portions
relative to the axoneme: proximal (p), intermediary (in) and distal (d) [65]. (B) One frame of an animation showing the
flagellum in a bent state; (C) deep-etching replica image of the flagellum revealing the different portions of PFR in a bent
flagellum; (D) one frame of an animation based on the deep-etching replica of a curved flagellum; (E) one frame of an
animation showing a straight flagellum; (F) deep-etching replica image of the flagellum revealing the different portions of
PFR in a straight flagellum; (G) an animation frame based on the deep-etching replica of a straight flagellum. (H–L) Steps
of Leishmania amazonensis amastigote-promastigote differentiation; (B–G) [66]; (H) after 4 h of differentiation, the duplica-
tion of flagellum was observed with vesicles inside the flagellar pocket (arrowhead) and in flagellar tip (v). Scale bar: 200
nm; (J) at 6 h of differentiation, the PFR is observed inside the flagellar pocket. Scale bar: 200 nm; (K) at 24 h of
differentiation, the flagellum presented axoneme and paraflagellar rod. Scale bar: 500 nm; (L) higher magnification of H
showing the PFR [67].
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5. Conclusions

All the cytoskeletal structures and related proteins covered here are essential for the biology of
trypanosomatids. Advances in high-resolution microscopies and molecular biology have pro-
vided more information regarding protein localization and function in these protozoa. This
chapter provided an overview of unique and essentials cytoskeleton elements and proteins in
trypanosomatids that may provide alternative targets in the future for chemotherapeutic drugs.
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Abstract

Cell motility is a complex cellular event that involves reorganization of cytoskeleton. This 
reorganization encompasses the transient polarization of the cell to facilitate the plasma 
membrane ruffling, a rearrangement of cortical actin cytoskeleton required for the devel-
opment of cellular protrusions. It is known that extracellular Ca2+ influx is essential for cell 
migration and for the positive-feedback cycle that maintains leading-edge structures and 
ruffling activity. The aim of this review is to summarize our knowledge regarding the Ca2+-
dependent signaling pathways, Ca2+ transporters and sensors involved in cell migration. Also, 
we show here reported evidences that support for a crosstalk between Ca2+ transport and the 
reorganization of the cytoskeleton required for cell migration. In this regard, we will analyze the 
role of store-operated Ca2+ entry (SOCE) as a modulator of cytoskeleton and cell migration, but 
also the modulation of this Ca2+ entry pathway by microtubules and the actin cytoskeleton. As 
a main conclusion, this review will show that data reported in the last years support a role for 
SOCE in shaping cytoskeleton, but at the same time, SOCE is strongly dependent on cytoskel-
etal proteins, in an interesting interplay between cytoskeleton and Ca2+ dynamics.

Keywords: calcium, microtubules, actin, STIM1, ORAI1, cell migration, cortical cytoskeleton

1. Introduction

Calcium ions (Ca2+) are essential intracellular transducers for cell signaling because of their 
role to bind Ca2+-sensitive proteins that mediate key activities in signaling pathways. Upon 
cell stimulation through a variety of receptors and other types of physicochemical stimula-
tions such as depolarization of plasma membrane, changes in osmolarity, physical distortion 
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of cell surface, temperature, etc., a number of intracellular “second messengers” transmit the 
initial stimulation into the cell to trigger a proper response to these stimuli. The response is 
attained in some cases by transiently altering ion transport through plasma membrane as 
well as intracellular membranes, posttranslational modifications of proteins, changes in gene 
expression, or reshaping the cytoskeleton in a second-messenger-dependent manner.

To properly act as a second messenger the concentration of free cytosolic Ca2+ ([Ca2+]i) is sub-
stantially different across plasma membrane. While the physiological extracellular medium 
contains 1–3 mM Ca2+, the level of the cytosolic milieu is within a narrow range, 80–120 nM 
[1, 2]. Considering this large chemical gradient of free Ca2+ concentration, cells can trigger a 
rapid and transient increase of [Ca2+]i by increasing Ca2+ transport through plasma membrane. 
This transient Ca2+ increase triggers the action of a wide range of Ca2+-dependent mediators 
that modify signaling pathways. Because Ca2+ is involved in numerous signaling pathways, 
differential features of Ca2+ increase are required to respond to diverse initial stimuli. This is 
achieved by the spatiotemporal control of the Ca2+ increase, i.e., the localization of the cyto-
solic Ca2+ spike within the cell, as well as the rate of the increase, the extent of the transient 
increase and the kinetics of the final decrease to basal levels [3].

This Ca2+ transport is therefore tightly regulated by specific channels, which are sensitive 
to hormones, cytokines, small molecules and other extracellular stimuli. The features of the 
transporters shape the characteristics of Ca2+ current (Ca2+ influx), modeling the kinetics of Ca2+ 
entry. Because a specific distribution of Ca2+ channels and transducers is required the cyto-
skeleton has been involved in the spatial regulation of Ca2+ entry. Interestingly, Ca2+ signaling 
strongly influences cytoskeleton dynamics, in an interesting interplay that is currently under 
study. In order to assess the crosstalk between Ca2+ signaling and cytoskeleton we will review 
here the recent literature regarding this topic, with special focus on the role of store-operated 
Ca2+ entry (SOCE) in cell migration, focal adhesion turnover and actin filaments reorganiza-
tion. In addition, we will review the role of the microtubule cytoskeleton in the normal func-
tion of SOCE. A major regulator of SOCE is the protein STIM1, an endoplasmic reticulum 
resident protein that serves as intraluminal Ca2+ sensor and plasma membrane Ca2+ channel 
modulator. STIM1 is known to be a plus-end microtubule binding protein (+TIP). As a +TIP, 
STIM1 is transported throughout the cell while bound to microtubules, but it is released upon 
activation. The molecular basis of this regulation and the role of posttranslational modifica-
tions in STIM1 that are known to underlie this regulation, will be also described.

2. Ca2+ transporters and Ca2+ influx pathways

In eukaryotic cells plasma membrane (PM) contains different Ca2+ transport systems to con-
trol Ca2+ influx as well as Ca2+ extrusion. Because the temporal control of Ca2+ signaling is also 
strictly controlled, transporters are highly coordinated to let the Ca2+ spikes/waves last for a 
precise time, but this time ranges from microseconds (as in exocytosis) to hours, as observed 
during mammalian oocyte fertilization. To understand this control, we summarize here the 
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most important Ca2+ transporters in eukaryotic cells. Ca2+ entry channels are divided into the 
following:

Voltage-operated channels (VOCs) are regulated by the net electric charge across the plasma 
membrane in the way that they open upon depolarization. This family consists of three differ-
ent groups of channels, Cav1 (L-type channels), Cav2 (N-, P/Q and R-types) and Cav3 (T-type 
channels) [4].

Receptor-operated channels (ROCs), which are gated upon binding to agonists such as ATP, 
glutamate, or acetylcholine [5]. Within this group we should highlight the transient receptor 
potential (TRP) ion channel family, a large family of channels involved in sensory percep-
tion, smooth muscle contraction-relaxation cycles and cell proliferation [6]. Members of the 
TRPC (transient receptor potential canonical) family are also involved in the organization 
of heteromeric Ca2+ channels that respond to intracellular Ca2+ store depletion [7]. This is the 
case for TRPC1 that has been described to be part of complexes together with members of 
the ORAI family [8]. Other important members of this family are P2X receptors, which are 
Ca2+ channels gated by extracellular ATP [9] and glutamate receptors, all of them reviewed 
in Ref. [10].

Second-messenger-operated channels (SMOCs) are members of an important family of chan-
nels gated by intracellular second messengers, such as arachidonic acid-regulated Ca2+ (ARC) 
channel or TRPC6, a member of the TRPC which is sensitive to diacylglycerol (DAG) [11].

Store-operated channels (SOCs) are channels that are regulated by the filling state of intra-
cellular Ca2+ stores, mainly the sarco(endo)plasmic reticulum (ER). Their activity is actually 
the result of an initial Ca2+ release from the ER, mainly through the activation of the phos-
phoinositide pathway. A wide range of stimuli triggers the breakdown of phosphatidylinosi-
tol 4,5-bisphosphate (PIP2) into diacylglycerol (DAG) and inositol 1,4,5-trisphosphate (IP3), 
which activates IP3 receptors (IP3R) at the ER, leading to the transient release of Ca2+. Most of 
this Ca2+ is taken back to the ER by the sarco(endo)plasmic Ca2+ reticulum ATPase (SERCA), 
the Ca2+ pump in the ER membrane. However, some of this Ca2+ is extruded out of the cell by 
plasma membrane Ca2+ ATPases (PMCA), leading to the partial depletion of Ca2+ within the 
ER when the stimulation is repetitive. Thus, a system is required to replenish this Ca2+ and this 
action is mediated by SOCs that activate the Ca2+ influx pathway known as the store-operated 
Ca2+ entry (SOCE), described for the first time in the late 1980s by James W. Putney [12].

As stated above, there are some transporters considered as OFF systems, i.e., they are designed 
to decrease [Ca2+]i to basal levels (to approximately 100 nM) and therefore to shut down Ca2+ 
signaling. These are mainly Ca2+ pumps, ATP-consuming transporters that pump Ca2+ ions 
against the Ca2+ gradient concentration [13]. PMCAs and SERCAs extrude Ca2+ from the cyto-
sol to extracellular milieu and into the ER vesicles. In addition to these systems, the plasma 
membrane Na+/Ca2+ exchanger contributes to Ca2+ extrusion in a Na+-gradient-dependent 
manner and it is particularly important in cardiac cells and neuronal tissues [14]. Finally, 
a mitochondrial Ca2+ uniporter (MCU) and the secretory-pathway Ca2+-ATPase (SPCA) are 
additional and widespread systems that restore cytosolic Ca2+ levels [15].
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In summary, the combination of the activities of channels and pumps, either at the plasma 
membrane or at subcellular organelles and the particular expression profile of those trans-
porters in different cells and tissues, makes possible for a cell-specific response to a wide 
range of stimuli.

3. Store-operated Ca2+ entry

As stated above, store-operated Ca2+ entry (SOCE) is a Ca2+ influx transport system that main-
tains the permanence of the Ca2+-dependent signaling, because it preserves the intraluminal 
Ca2+ levels in the ER in the high micromolar range. For this extraordinary role, SOCE is a 
ubiquitous mechanism and is one of the most important pathways for Ca2+ entry in both excit-
able and nonexcitable cells [16]. However, the molecular nature of the members that control 
this Ca2+ influx pathway remained elusive until the description of two proteins, STIM1 and 
ORAI1, 10 years ago [17–22]. The mechanism that links luminal Ca2+ levels with plasma mem-
brane Ca2+ entry is mediated by STIM1, a transmembrane protein located at the ER that acts 
as a Ca2+ sensor. STIM1 contains a Ca2+-sensitive EF-hand domain at the intraluminal domain 
and activates plasma membrane Ca2+ channels (SOCs) upon Ca2+ depletion within the intra-
cellular stores. This depletion triggers the oligomerization of STIM1 and the relocalization in 
ER-PM juxtapositions required for the binding and activation of plasma membrane SOCs.

One of the most important SOCs is ORAI1 (also known as CRACM1), although the ORAI family 
contains two additional members, ORAI2 and ORAI3. In addition to ORAI1, some of the tran-
sient receptor potential canonical (TRPC) channels can function in a STIM1-dependent mode. 
STIM1 directly activates TRPC1, TRPC4 and TRPC5 channels that can therefore act as SOCs 
[23]. TRPC1 also binds to ORAI1 and the TRPC1-ORAI1-STIM1 ternary complexes can be there-
fore considered SOCs [24]. STIM1 also activates TRPC3 and TRPC6, not by direct interaction, 
but mediating the heteromultimerization of TRPC3 with TRPC1 and TRPC6 with TRPC4 [23].

The mode of STIM1-dependent gating for ORAIs and TRPCs is also different. STIM1 gates 
ORAI1 by direct binding through the STIM1-ORAI1-activating region, or SOAR, also called 
CRAC-activating domain or CAD. In contrast, the C-terminal polybasic domain of STIM1 
activates TRPC1 by an electrostatic gating mechanism that results in SOC channel activa-
tion [25, 26].

STIM1 can bind other types of Ca2+ channels, such as Cav1.2 channels, but this binding leads 
to the suppression of the activation of these channels [27, 28]. Interestingly, this inhibitory 
action is mediated by the domain of STIM1 that activates ORAI1 (SOAR or CAD) and this 
direct binding to Cav1.2 causes also the internalization of the channel, which explains the 
coordinated regulation of Ca2+ entry through VOCCS and SOCs. Thus, the combination of 
different Ca2+ channels provides a diversity of Ca2+ conductances in response to a wide variety 
of stimuli. However, the molecular mechanisms underlying the expected differential localiza-
tion of STIM1 within cells are not clear. In this regard, the cytoskeleton seems to be a require-
ment for STIM1 function and binding to ORAI1 and therefore for the activation of SOCE. It 
was early observed that SOCE is sensitive to drugs that modify cytoskeletal components, such 
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as cytochalasin D or nocodazole in NIH 3T3 cells [29], or vascular endothelial cells [30] and 
later confirmed in RBL-2H3 cells, bone marrow-derived mast cells [31], HEK293 cells [32] and 
platelets [33–35].

From the information given above, one can conclude that cytoskeleton is not only a critical 
modulator of SOCE, but also one can hypothesize that cytoskeleton might underlie the dif-
ferential preference of STIM1 for different Ca2+ transporters.

4. Cytoskeletal components involved in the control of SOCE

After the molecular description of STIM1 and ORAI1 as the two major elements controlling 
SOCE, it was earlier found that the microtubule cytoskeleton was involved in the regula-
tion of this Ca2+ entry pathway. The group of James W. Putney described that STIM1 tagged 
with fluorescent proteins colocalized with endogenous tubulin and that the treatment with 
nocodazole, which induces tubulin depolymerization, triggered the loss of this colocaliza-
tion in HEK293 cells. Moreover, nocodazole had an inhibitory effect on SOCE that could be 
reverted by the overexpression of YFP (yellow fluorescent protein)-STIM1 [32], suggesting 
that the microtubule cytoskeleton has an important role in the activation of SOCE by facilitat-
ing the appropriate localization of STIM1 to activate SOCs. Similar findings were reported 
in COS-7 cells, where the treatment with nocodazole triggered the retraction of tubulin fila-
ments from cell periphery leading to the progressive loss of SOCE, similarly to what is found 
in mitosis. On the contrary, placlitaxel, which stabilizes microtubules, enhanced SOCE [36], 
supporting for a role of microtubules in the normal function of SOCE.

It was later demonstrated that STIM1 directly binds to EB1, a microtubule plus-end bind-
ing (or tracking) protein (+TIP) and that STIM1 is transported through the surface of the ER 
network by this microtubule-dependent mechanism [37]. In addition, it was observed that 
the overexpression of ectopic STIM1 led to the stimulation of the ER extension, an effect that 
was explained by the direct attachment of the ER to the growing ends of microtubules, which 
was stimulated by the accumulation of STIM1. Therefore, this observation also revealed that 
STIM1 concentration could regulate ER extension and remodeling. In addition, Luis Vaca 
group reported that STIM1 binds to EB1 when traveling through the ER under resting condi-
tions and that there is a dissociation of this STIM1-EB1 complex upon Ca2+ depletion of the ER, 
an event that facilitates the clustering of STIM1 in the periphery of the cell [38].

STIM1-EB1 binding was studied further and it was found that the sequence Thr-Arg-Ile-Pro 
(TRIP) in the C-terminus of STIM1 is responsible for the direct binding to EB1 [39]. This sequence 
belongs to a short polypeptide motif, S/TxIP, found in several +TIPs. For those +TIPs with an 
S/TxIP motif, a phospho-regulation of the binding with microtubules has been reported. The 
+TIPs, APC [40, 41], MCAK [42] and CLASP2 [43, 44] are phosphorylated in the vicinity of the 
S/TxIP sequence, negatively regulating their interaction with microtubules. In these +TIPs we 
find a high number of proline, serine and basic residues that give a positive charge to the sur-
roundings of the EB1 binding domain. This is why the negative charge of the phosphorylation 
of residues in the surroundings of the S/TxIP motif explains the blocking of the binding to 
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microtubule ends. In this regard, our group reported that, as it was reported for those +TIPs, 
the binding of STIM1 to the tip of microtubules growing ends is regulated by phosphorylation. 
Near the S/TxIP sequence, which in human STIM1 is found in residues 642–645 (Thr-Arg-Ile-
Pro), our group have described three phosphorylatable residues, Ser575, Ser608 and Ser621, 
which are target for ERK1/2 activity in vitro and in vivo [44, 45]. Using overexpressed STIM1 
mutated at ERK1/2 target residues, we reported that dephosphorylated STIM1 (i.e., with Ser-
to-Ala substitution mutations) remained bound to EB1, whereas constitutive phosphorylated 
STIM1 (mimicked by Ser-to-Glu mutations et ERK1/2 target sites) detached from EB1 [46, 47]. 
By means of the generation of phospho-specific antibodies directed against the three individ-
ual residues, we reported that there is a dynamic phosphorylation of STIM1 during its activa-
tion. Thus, activation of SOCE by thapsigargin or 2,5-di-ter-butyl-1,4-benzohydroquinone, two 
SERCA inhibitors that trigger ER emptying, is accompanied by the increase of phosphoryla-
tion at the ERK1/2 target Ser residues (575, 608 and 621). Moreover, the washout of the inhibi-
tor with a Ca2+-containing medium, in order to let the refilling of the ER, carried out in parallel 
to STIM1 dephosphorylation [46]. In addition, Ser/Ala mutation inhibited SOCE and impaired 
the binding STIM1-ORAI1. In contrast, Ser/Glu mutations enhanced SOCE, whereas facilitated 
the clustering of STIM1 in response to store depletion, as well as the binding to ORAI1. Later, 
we reported that IGF-1 [48] and EGF [49] also trigger Ca2+ release from the ER and phosphory-
lation of STIM1, an effect that has been proven to be essential for the dissociation from EB1 and 
finally for the activation of SOCE (see Figure 1).

Taken together, those results support a mechanism that explains the reversible interaction of 
STIM1 and EB1 [46, 50]. This mechanism predicts that those stimuli that induce store deple-
tion and ERK1/2 activation lead to phosphorylation of STIM1 at Ser575, Ser608 and Ser621, 
an event that promotes the dissociation of STIM1 from EB1. This dissociation enables STIM1 
clustering and the binding to SOCs, in order to activate STIM1-dependent Ca2+ entry (SOCE). 
In addition, the activation of Ca2+ entry and the subsequent refilling of Ca2+ stores induce 
STIM1 dephosphorylation, promoting the association of STIM1 with EB1 and microtubules.

In addition to EB1, other members of the cytoskeleton have been involved in SOCE regula-
tion. For instance, it has been reported that the microtubule-binding protein adenomatous 
polyposis coli (APC) is required for STIM1 puncta near ER-PM junctions, because reduced 
STIM1 was observed at these junctions in APC-depleted cells and this effect correlated well 
with the inhibition of SOCE [51]. The APC-binding domain was found in the C-terminus of 
STIM1 (residues 650–685), similarly to what it has been reported for STIM1-EB1. Thus, it can 
be assumed that upon depletion of the ER, STIM1 dissociates from EB1 and associates to APC 
to form puncta near ER-PM junctions and to activate ORAI1 and SOCE.

A downstream effector of SOCE is the transcription factor NFAT (nuclear factor of activated 
T-cells). Once Ca2+ entry becomes activated, the increase of [Ca2+]i activates the Ca2+-dependent 
phosphatase calcineurin (or protein phosphatase 2B), which dephosphorylates NFAT, promot-
ing the nuclear translocation of NFAT that can be easily monitored using GFP-tagged NFAT. 
By means of this well-established feature of SOCE, Sharma et al. [52] designed a genome-
wide RNA interference screen for NFAT activation in HeLa cells and they identified septin 
proteins as key regulators of SOCE. Knockdown of SEPT4 gene expression reduced SOCE 
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without affecting ER-Ca2+ release and without inhibiting SERCA or PMCAs. This knockdown 
also decreased Ca2+-induced NFAT translocation by >95%. Septins were found to be required 
for proper organization of ORAI1 in the plasma membrane even before depletion of ER-Ca2+ 
stores. Septins also promoted the targeting of STIM1 to ER-PM junctions and the formation of 

Figure 1. Involvement of SOCE in cell migration. The binding of ligands to some plasma membrane receptors activates 
the phosphoinositide pathway, releasing IP3 and activating Ca2+ release from the ER. In parallel, receptor tyrosine 
kinases trigger the activation of the MAPK pathway, via activation of Ras-Raf-MEK-ERK. Ca2+ mobilization from the 
ER and phosphorylation of STIM1 are two essential events for the activation of STIM1. Phospho-STIM1 releases from 
microtubules facilitating STIM1 clustering and translocation to PM-ER junctions to activate ORAI1. This activation 
increases [Ca2+]i locally, an event required for the phosphorylation of Src, PYK2 and FAK kinases, as well as MLC2, 
which are well-known modulators of invadopodia formation, focal adhesion turnover and actomyosin contractility.
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stable ORAI1 clusters after store depletion. Because septins are considered scaffold proteins 
that recruit other proteins, preventing diffusion, septins should be considered promoters of 
the stable recruitment of STIM1-ORAI1 at ER-PM junctions. More recently it was found that 
Septin 7 inhibits the activation of Orai channels in Drosophila neurons (dOrai) and that the 
depletion of Septin 7 levels results in higher dOrai-mediated Ca2+ entry, independently of 
the filling state of the ER. In fact, overexpression of Septin 7 reduced Ca2+ entry, suggesting 
that, in Drosophila neurons, Septin 7 is a negative regulator of dOrai channel function [53]. 
These authors stated that hetero-hexamers septin filaments closely associate with the PM and 
near the ER in resting neurons and that the reduction of SEPT7 results in breaks in the linear 
septin filaments present in wild-type cells, leading to the formation of shorter septin fila-
ments. ER-Ca2+ store depletion reorganizes these filaments, moving STIM1 to the peripheral 
ER, promoting the coupling of STIM/dOrai and the activation of Ca2+ entry through dOrai 
(SOCE). Shorter septin filaments due to SEPT7 knockdown leads to STIM1 recruitment to the 
peripheral ER in resting neurons and the activation of dOrai, resulting in a store-independent 
activation of dOrai [53].

Homer1 is another scaffolding protein that binds to TRPC channels through a PPPF sequence 
of the Ca2+ channel. However, this sequence is close to the STIM1 binding sequence, thus 
suggesting that Homer1 and STIM1 could be competitors for binding to TRPC. Yuan et al. 
[54] proposed that Homer couples TRPC channels to IP3 receptors (IP3R) to keep these 
channels closed, but dissociation of the TRPC-Homer-IP3R complexes gives STIM1 access 
to TRPC binding to gate these channels. A similar proposal was later reported for STIM1 
and Cav1.2 channels in HEK293 cells [55], where the treatment with thapsigargin induces 
coimmunoprecipitation of Homer1 with STIM1 and the Cav1.2 α1 subunit. Impairment of 
Homer1 function with the peptide PPKKFR or by siRNA specific for Homer1 reduced the 
association of STIM1 to Cav1.2 α1, adding a new scaffolding protein to the list of regulators 
of Ca2+ entry.

In summary, the increasing number of members of the cytoskeleton involved in the specific 
interaction of STIM1 with different plasma membrane Ca2+ channels leads to the conclusion 
that the cytoskeleton strongly modulates SOCE, as well as the activation and inhibition of 
others Ca2+ transport systems.

5. How SOCE modulates cytoskeleton dynamics and cell migration

Because the localization and function of STIM1 and ORAI1 are strongly dependent on com-
ponents of the actin and tubulin cytoskeleton, the question of how SOCE and Ca2+ dynamics 
influence cytoskeleton-dependent events, such as cell adhesion and migration, was rapidly 
considered by many groups.

Focal adhesions are complexes of macromolecules that serve as mechanical links between 
the extracellular substrate and the cytoskeleton. These molecular assemblies are highly 
dynamic. However, the molecular mechanism by which Ca2+ regulates focal adhesion turn-
over is still unclear. A few proteins that regulate focal adhesion assembly or disassembly 
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are sensitive to changes in the intracellular free Ca2+ concentration. For instance, the Ca2+-
dependent protease calpain [56], which could cleave talin at focal adhesion sites, leads to 
an increase of focal adhesion disassembly rates. Indeed, disassembly of other focal adhe-
sion components, like paxillin, vinculin and zyxin, has been shown to be dependent on 
the cleavage of talin by calpain, suggesting a role for the Ca2+-dependent talin proteolysis 
in the regulation of focal adhesion turnover [57]. In this regard, it has been found that the 
reduction of STIM1 or ORAI1 gene expression, by RNA interference, dramatically affected 
the rate of focal adhesion turnover, slowing down cell migration in vitro and inhibiting 
metastasis of MDA-MB-231 cancer cells in nude mice [58]. The treatment of cells with 
SKF96365, a SOC inhibitor, also induced large focal adhesions in vitro, due to defective 
focal adhesion turnover. In addition, this blocking agent also inhibited tumor progression 
in mice [58].

Focal adhesion kinase (FAK) and proline-rich tyrosine kinase 2 beta (PTK2B or PYK2) are two 
well-known kinases involved in focal adhesion assembly [59]. Because focal adhesion target-
ing of PYK2 is required for the turnover and the Tyr402 autophosphorylation is required for 
PYK2 targeting, Chen et al. studied the correlation between EGF stimulation, PYK2 phosphor-
ylation and STIM1 levels in SiHa cells [60]. EGF activates PYK2 phosphorylation at Tyr402, 
but this phosphorylation has been shown to be inhibited by the silencing of STIM1 [60]. In 
addition, STIM1 knockdown induced large focal adhesions, independently of the stimulation 
with EGF, further confirming the role of Ca2+ entry in facilitating the turnover of focal adhe-
sions. Similarly, EGF triggered the phosphorylation of FAK at Tyr397, which is required for 
focal adhesion turnover and it was demonstrated that this phosphorylation is inhibited by 
STIM1 knockdown [60].

In this regard, it is known that EGF activates the phosphoinositide pathway, generating IP3 
and activating Ca2+ release from the ER. EGF also activates de MAPK (mitogen-activated 
protein kinases) pathway. As a consequence STIM1 becomes phosphorylated at ERK1/2 tar-
get sites (Ser575, Ser608 and Ser621) upon EGF stimulation, leading to the dissociation from 
microtubules (i.e., EB1) and activating SOCE [49]. Casas-Rua et al. demonstrated that non-
phosphorylatable mutants of STIM1, such as STIM1-S575A/S308A/S621A, blocked EGF sig-
naling pathway, inhibiting cell migration in the endometrial adenocarcinoma Ishikawa cell 
line [49]. The impact of STIM1 was observed also at the genomic response level, because ecto-
pic overexpression of STIM1-S575A/S608A/S621A blocked the epithelial-mesenchymal tran-
sition (EMT) of Ishikawa cells treated with EGF. The stimulation of cells with EGF induced 
a significant switch in E-cadherin localization from subplasma membrane region to a dif-
fuse localization throughout the cytosol, as described for other epithelial cells [61]. EGF also 
triggered an increase of vimentin expression in well-defined cytoskeletal localization, as for 
other cells upon EGF stimulation [61, 62]. However, Ishikawa cells overexpressing STIM1-
S575A/S608A/S621A-mCherry did not show significant increase in vimentin expression, nor 
E-cadherin relocalization [49], supporting for a role for phospho-STIM1 in the regulation of 
cell migration and cell transformation into a mesenchymal phenotype.

Cytosolic Ca2+ levels also regulate actomyosin, the macromolecular complex of actin and 
myosin that drives the mechanical forces for cell contractility during migration. Nonmuscle 
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cell contractility is controlled by nonmuscle myosin II, through the phosphorylation of 
its regulatory light chains (MLC2) at Ser19 in a Ca2+/calmodulin-dependent manner [63]. 
The contractile force that moves the cell body is then transmitted to focal adhesions by 
phospho-myosin II-based actomyosin contraction. This phosphorylation was abolished by 
the Ca2+ channel inhibitor SKF96365, or by knocking-down STIM1 expression [64], indicat-
ing that STIM1-dependent Ca2+ entry has a significant role in MLC2 activation and in the 
reorganization of the actin-myosin cytoskeleton in migrating cells.

In addition to focal adhesions, podosomes and invadopodia are also adhesion structures regu-
lated by Ca2+ signaling. Sun et al. reported that melanoma invasion is promoted by STIM1- and 
ORAI1-mediated Ca2+ oscillations, which promote invadopodia formation and extracellular 
matrix (ECM) degradation [65]. These authors found that Ca2+ signaling mediated by STIM1 
and ORAI1 is essential for invadopodia formation over a collagen matrix and that addition of 
SKF96365, or chelation of extracellular Ca2+ with EGTA, blocked invadopodia assembly. More 
interestingly, ectopic expression of STIM1 or STIM1+ORAI1 increased phosphorylation levels 
of Tyr416 in Src kinase, without affecting phospho-FAK. This effect was revealed for MCF-7 
cells (human breast cancer cells), NMuMG (mouse mammary epithelial cell line) and WM793 
melanoma cells and the activation of Ca2+ entry with thapsigargin or ionophore A23187 led to 
the same result, i.e., a rapid increase of pY416 Src levels. These data, together with the fact that 
STIM1 shRNA, chelation of extracellular Ca2+, or the inhibition of SOCE with 2-APB, reduced 
pY416 Src levels, strongly suggesting a direct role of STIM1-ORAI1-mediated Ca2+ influx in 
the preservation of Src activity and invadopodia formation [65].

From the information given above it is now widely accepted that one of the major targets for 
SOCE is the cytoskeleton and that the dynamics of the focal adhesion assembly as well as the 
dynamics of actin and tubulin cytoskeleton are strongly influenced by the kinetics of Ca2+ 
entry through store-operated Ca2+ channels.

6. Localization and polarization of SOCE in migrating cells

From the given information arises the question about the spatial control of STIM1-ORAI1 
localization. The polarization of Ca2+ entry pathways has been described in several cell types, 
especially in exocrine gland cells. In pancreatic acinar cells under stimulation of Ca2+ mobi-
lizing receptors, the ER Ca2+ release is detected in the apical region of the cell and the [Ca2+]i 
increase remains restricted at this region [66], although the signal propagates to basolateral 
regions at high concentration of agonists. In salivary gland acinar cells, [Ca2+]i increase is also 
detected in the apical region and then propagates to the basal region [67]. Indeed, several 
studies have demonstrated that agonist-stimulated Ca2+ signaling in exocrine gland cells is 
highly polarized. TRPC1 is a key factor for SOCE in salivary gland acinar cells and pancre-
atic acinar cells. In addition, TRPC3 contributes to SOCE and contributes to the receptor-
stimulated Ca2+ influx in exocrine pancreatic acinar cells [68]. In addition, SOCE is the major 
contributor to Ca2+ influx in salivary gland and pancreatic acinar cells, so it is expected an 
asymmetric distribution of STIM1, ORAI1 and TRPC1-3, some of the most widely studied 
members involved in the control of SOCE.
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its regulatory light chains (MLC2) at Ser19 in a Ca2+/calmodulin-dependent manner [63]. 
The contractile force that moves the cell body is then transmitted to focal adhesions by 
phospho-myosin II-based actomyosin contraction. This phosphorylation was abolished by 
the Ca2+ channel inhibitor SKF96365, or by knocking-down STIM1 expression [64], indicat-
ing that STIM1-dependent Ca2+ entry has a significant role in MLC2 activation and in the 
reorganization of the actin-myosin cytoskeleton in migrating cells.

In addition to focal adhesions, podosomes and invadopodia are also adhesion structures regu-
lated by Ca2+ signaling. Sun et al. reported that melanoma invasion is promoted by STIM1- and 
ORAI1-mediated Ca2+ oscillations, which promote invadopodia formation and extracellular 
matrix (ECM) degradation [65]. These authors found that Ca2+ signaling mediated by STIM1 
and ORAI1 is essential for invadopodia formation over a collagen matrix and that addition of 
SKF96365, or chelation of extracellular Ca2+ with EGTA, blocked invadopodia assembly. More 
interestingly, ectopic expression of STIM1 or STIM1+ORAI1 increased phosphorylation levels 
of Tyr416 in Src kinase, without affecting phospho-FAK. This effect was revealed for MCF-7 
cells (human breast cancer cells), NMuMG (mouse mammary epithelial cell line) and WM793 
melanoma cells and the activation of Ca2+ entry with thapsigargin or ionophore A23187 led to 
the same result, i.e., a rapid increase of pY416 Src levels. These data, together with the fact that 
STIM1 shRNA, chelation of extracellular Ca2+, or the inhibition of SOCE with 2-APB, reduced 
pY416 Src levels, strongly suggesting a direct role of STIM1-ORAI1-mediated Ca2+ influx in 
the preservation of Src activity and invadopodia formation [65].

From the information given above it is now widely accepted that one of the major targets for 
SOCE is the cytoskeleton and that the dynamics of the focal adhesion assembly as well as the 
dynamics of actin and tubulin cytoskeleton are strongly influenced by the kinetics of Ca2+ 
entry through store-operated Ca2+ channels.

6. Localization and polarization of SOCE in migrating cells

From the given information arises the question about the spatial control of STIM1-ORAI1 
localization. The polarization of Ca2+ entry pathways has been described in several cell types, 
especially in exocrine gland cells. In pancreatic acinar cells under stimulation of Ca2+ mobi-
lizing receptors, the ER Ca2+ release is detected in the apical region of the cell and the [Ca2+]i 
increase remains restricted at this region [66], although the signal propagates to basolateral 
regions at high concentration of agonists. In salivary gland acinar cells, [Ca2+]i increase is also 
detected in the apical region and then propagates to the basal region [67]. Indeed, several 
studies have demonstrated that agonist-stimulated Ca2+ signaling in exocrine gland cells is 
highly polarized. TRPC1 is a key factor for SOCE in salivary gland acinar cells and pancre-
atic acinar cells. In addition, TRPC3 contributes to SOCE and contributes to the receptor-
stimulated Ca2+ influx in exocrine pancreatic acinar cells [68]. In addition, SOCE is the major 
contributor to Ca2+ influx in salivary gland and pancreatic acinar cells, so it is expected an 
asymmetric distribution of STIM1, ORAI1 and TRPC1-3, some of the most widely studied 
members involved in the control of SOCE.
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As expected, a polarized localization has been shown for all Ca2+ signaling proteins in exocrine 
acinar cells: IP3Rs, SERCAs and PMCA pumps, GPCRs, TRPC channels, ORAI1 channels and 
STIM1 [66, 69, 70], an asymmetric distribution required for the directed secretion carried out 
by these cells. However, little is known about the mechanisms involved in the targeting of 
Ca2+-signaling complexes to these regions.

Because migrating cells are polarized cells, with polarized distribution of receptor tyrosine 
kinases, the study of Ca2+ entry in migrating cells is a task of particular importance. In this 
regard, Tsai et al. reported recently that STIM1 is enriched at the leading edge of migrating 
cells, measured with YFP-STIM1 and CFP-tagged ER marker [71]. The authors concluded that 
the polarization of STIM1 is microtubule-plus-end dependent, because STIM1-I644N/P645N, 
a mutant STIM1 that does not bind to EB1, failed to polarize in migrating cells. Because of 
the enrichment of receptor tyrosine kinases at the front of migrating cells, local Ca2+ pulses 
were observed with higher frequency at the leading edge, accompanied by a lower level of 
luminal ER Ca2+ and increased levels of PMCA activity at the front. In this report the authors 
also described that a DAG gradient is the result of the asymmetric activity of phospholi-
pase C (PLC) at the leading edge of migrating cells, leading to the recruitment and activation 
of PKCbeta, a kinase involved in migration [72] by phosphorylating myosin [73], or other 
substrates of the cytoskeleton, such as GAP43, adducin, or fascin [74]. However, the precise 
mechanism that assembles de STIM1-ORAI1 and/or TRPC1 in a polarized distribution in cells 
is still unclear and it is expected that additional members of the cytoskeleton will solve this 
open question.

7. Conclusions

In conclusion, cytosolic-free Ca2+ concentration regulates the reorganization of cytoskeleton, 
focal adhesion turnover, invadopodia formation, actomyosin contractility and it is critical 
to trigger the development of lamellipodia as the leading structure during migration. But 
this dependence is reciprocal and Ca2+ influx through store-operated Ca2+ channels at the 
plasma membrane is fully dependent on the formation of endoplasmic reticulum-plasma 
membrane juxtapositions that are shaped by the reorganization of the cytoskeleton. In the 
last few years valuable knowledge has been gained regarding the activation of STIM1 by 
Ca2+ store depletion and how STIM1 relocalizes and activates ORAI1 at the PM-ER junc-
tions. Here we have shown that both STIM1 and ORAI1 are involved in many aspects of 
cell migration and that gene silencing and specific inhibitors point out these two proteins 
in the regulation of Ca2+ influx pathways involved in supporting efficient cell adhesion and 
migration. However, a major lack of knowledge regarding the polarization of the signaling 
profile persists. Recent advances in genome editing will be valuable tools to knockout and 
knockin STIM and ORAI genes, as well as genes coding for cytoskeletal proteins involved in 
the reorganization of SOCE. With this coming era we will be able to monitor and study the 
behavior of tagged proteins at endogenous levels, as well as to study the loss of function of 
certain genes in any cell type, in an attempt to solve this open question in cell biology and 
signaling.
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Abstract

An attempt was made to discuss and connect various modeling approaches which have
been  proposed  in  the  literature  in  order  to  shed  further  light  on  the  erythrocyte
membrane  relaxation  under  isotonic  and hypotonic  conditions.  Roles  of  the  main
membrane constituents: (1) the actin‐spectrin cortex, (2) the lipid bilayer, and (3) the
transmembrane protein band 3 and its course‐consequence relations were considered
to estimate the membrane relaxation phenomena. Cell response to loading conditions
includes the successive sub‐bioprocesses: (1) erythrocyte local or global deformation,
(2) the cortex‐bilayer coupling, and (3) the rearrangements of band 3. The results indicate
that the membrane structural changes include: (1) the spectrin flexibility distribution
and (2) the rate of its changes influenced by the number of band 3 molecules attached
to  spectrin  filaments,  and  phosphorylation  of  the  actin‐spectrin  junctions.  Band 3
rearrangement also influences: (1) the effective bending modulus and (2) the band 3‐
bilayer interaction energy and on that base the bilayer bending state. The erythrocyte
swelling under hypotonic conditions influences the bilayer integrity which leads to the
hemolytic hole formation. The hemolytic hole represents the excited cluster of band 3
molecules.

Keywords: packing state changes of band 3 clusters, reversible hemolytic hole forma‐
tion, the lipid bilayer bending state changes, the spectrin inter‐ and intrachain interac‐
tions, mathematical modeling

1. Introduction

Erythrocyte  mechanics  under  isotonic  and  hypotonic  conditions  has  been  studied  from
engineering and biomedical  stand points [1–14].  Rheological  response of  the erythrocyte
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membrane depends on the main membrane constituent rearrangement: (1) the actin cortex, (2)
the lipid bilayer, and (3) the transmembrane protein band 3. The membrane fluctuations under
isotonic condition induce alternating expansion and compression of the membrane parts in
order to ensure surface and volume conservation. The membrane relaxation occurs within
(millisecond order) affine regime and (second order) nonaffine regime. The affine regime
corresponds to the spectrin interchain interactions while the nonaffine regime corresponds to
the spectrin intrachain interactions. However, the membrane fluctuations under hypotonic
condition induce volume increase by ensuring surface conservation. The membrane response
under hypotonic condition includes the successive sub‐processes: (1) erythrocyte swelling, (2)
lifetime of the lipid structural integrity and the rearrangement of transmembrane protein band
3, and (3) the reversible hemolytic hole formation and hemoglobin (Hb) release to surround‐
ing solution. Duration of the membrane relaxation depends on contributions of three sub‐
processes: (1) time for cell swelling tsw ∈ [5, 100 s], (2) membrane lifetime τm ∈ (0, tH ) (where tH
is the hemolytic time), and (3) time for Hb release from already formed hemolytic hole during
successive open‐closed state changes trelease ∈ [1,5 s] [11, 13].

The band 3 rearrangement significantly influences the state of both, the lipid bilayer and the
actin‐spectrin cortex. Space distribution of band 3 molecules and their lateral diffusion
influence the bending state of the lipid bilayer and its free energy [15–17]. Local changes of
the bilayer bending state enhance anomalous sub‐diffusion and eventually lead to hop‐
diffusion of lipids. These effects induce anomalous nature of energy dissipation during lipids
structural ordering and could be quantified by the effective viscosity [18]. The bilayer
structural changes have the feedback effects to band 3 protein‐lipids positive hydrophobic
mismatch effects [19–21]. De Meyer et al. [19] pointed to the cholesterol role in lipid mediat‐
ed protein‐protein interactions. These effects could lead to the protein tilt angle changes and
the protein clustering. This clustering can be modulated by homotypic interactions of the
protein transmembrane domains and electrostatic protein‐lipid interactions [21]. Tilt angle
changes influence packing state of band 3 clusters and their association‐dissociation to
spectrin. Band 3 molecules form various complexes with spectrin and influence its conforma‐
tional changes. In‐homogeneous distribution of band 3 molecules and their ability to cluster‐
ing influence the rheological response of: (1) the bilayer, (2) the cortex, and (3) the nature of
the bilayer‐cortex mechanical coupling. Ehrig et al. [22] pointed that the lipid bilayer phase
separation can be strongly affected by interaction with the actin cortex, which, depending on
the temperature and membrane composition, can either lead to precipitation of highly
dynamic membrane domains (rafts), or prevent large‐scale phase separation.

For understanding the influence of band 3 rearrangement on complex nature of the mem‐
brane rheological response, it is necessary to consider three subpopulations of band 3
molecules under isotonic and hypotonic conditions. The first subpopulation (20–40%) as
tetramers forms high affinity complexes with ankyrin (quantified by the dissociation con‐
stant ∼5 nM) as reported by Tomishige et al. [23] and Kodippili et al. [24]. Band 3‐ankyrin
complexes are located near the center of spectrin tetramers. These complexes could survive
the hypotonic conditions. Golan and Veatch [25] reported that 25% of band 3 population
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remains attached to the cortex under ionic strength 26 mM NaPO4 solution at 37°C. The second
subpopulation (∼30%) as dimers forms lower affinity complexes with the adducin (the
dissociation constant is ∼100 nM) as reported by Franco and Low [26] and Kodippili et al. [24].
This subpopulation is located at the spectrin‐actin junction complexes. The junctions of the
network link 4–7 spectrin filaments [27]. The third one is freely diffusing subpopulation
(∼30%). The part of freely diffusing subpopulation increases under hypotonic conditions.
Golen and Veatch [25] determined that mobile fraction of band 3 molecules under the external
solution tonicity 46.0 mM NaPO4 at 21°C was 11 ± 9%. Under tonicity of 5.2 mM NaPO4 at 21°C,
the mobile fraction of band 3 molecules was 72 ± 7%. Band 3 molecules are anion at pH = 7.
The value of Stokes radius of band 3 dimmer is approximately 7.6 nm while for tetramer is 11 
nm at room temperature and pH = 7.2 [28]. The total number of band 3 per single erythro‐
cyte is ∼1 × 106. Thermal fluctuations of the erythrocyte membrane could induce conforma‐
tional changes of cytoplasmic domain of transmembrane protein band 3 [29]. Such
conformational changes result in electrostatic interactions between highly anionic N‐termi‐
nal domains of band 3 molecules and on that base intensified their short‐range self‐associa‐
tive tendency [28]. Long‐range self‐associative tendency is induced by positive hydrophobic
mismatch effects [21]. The band 3 clustering is pronounced under hypotonic conditions [30].
In this case, ∼25% of band 3 molecules make aggregate of ∼5000 mers [31]. All band 3
subpopulations through these complexes contribute to the spectrin conformational changes
by reducing its mobility and influence the cortex stiffening.

The band 3 molecules within the freely diffusing subpopulation could form low affinity
complexes to spectrin (the dissociation constant is ∼1–10 μM) [25]. On that base, they influence
spectrin conformations [32]. Gov [32] reported that the parts of the spectrin filament be‐
tween two mid‐point attachments behave as independent blobs. The main factor which

influences the spectrin flexibility and conformations is l
L p

 (where l  is the length of the filament

part between two mid-point attachments and L p is the spectrin persistence length

L p =15−25 nm [33]). The spectrin filament parts are as follows: (1) flexible if l
L p

≻ ≻1, (2)

semiflexible if l
L p

≈1, and (3) rod‐like if l
L p

≺ ≺1. The average length of spectrin parts is equal

to l =
L c

N B
 (where L c ≈200nm is the spectrin contour length [27] and NB ≈4−10 is the average

number of attached band 3 molecules per single spectrin filament [34]). The length of the
spectrin parts depends on the rearrangement of band 3 molecules which include their lateral
diffusion and self‐associative tendency [28]. Consequently, rheological behavior of the cortex
is related to the spectrin flexibility distribution and the rate of its changes [35, 36]. Deeper
insight into coarse‐consequence relations between the band 3 rearrangement and the spec‐
trin inter‐ and intrachain interactions as well as the bilayer bending offers a possibility for
understanding the complex nature of the membrane relaxation phenomena.
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2. Rearrangement of band 3 molecules‐cluster packing state changes

Packing state of band 3 clusters and its changes during short‐time lateral motion under isotonic
and hypotonic conditions could be estimated by applying Edwards’ statistics [30, 35, 37, 38].
Short‐time motion of band 3 molecules includes: (1) Brownian diffusion within the mesh
compartment of the spectrin‐actin cortex and (2) hop diffusion between two compartments.
Hop is observed at every 350 ms [23]. Band 3 molecules form clusters caused by positive
hydrophobic mismatch effects during their lateral diffusion. This statistical approach is
suitable for describing the cluster packing state changes under vibration field. Edwards
introduced a new and very significant parameter for description of particle clusters named
compactivity of the cluster part X  representing the change of cluster part volume Vc r  with
entropy Sc r  for given number of molecules Np (i.e., considering it as a canonical ensemble):

P

cr

cr N

VX
S

æ ö¶
= ç ÷ç ÷¶è ø

(1)

The two limits of the compactivity have been introduced: (1) X →0 corresponds to the most
compact particle rearrangement and (2) X →∞ corresponds to the least compact particle
rearrangement. When X →0, the system picks out one particular configuration as being most
likely, and when X →∞, the system picks out all configurations as being equally likely.
Probability distribution of band 3 cluster states could be expressed as:

( )/r rY W XP e l-= (2)

where Yr  is effective volume of the cluster part (corresponding to the free energy F in classical
statistical mechanics) and Wr  is the “volume function” corresponding to the Hamiltonian and
λ  is constant adjusting dimensions. Then, we can write:

¶
= + = -

¶
r

r cr cr cr
YY V X V XS
X

(3)

Cluster is considered as canonical ensemble during short‐time rearrangement. The partition
function relating Yr  with the volume function of a cluster part Wr(q) can be written in the form:

( )1 2, ,...

1 2... ...
r nr W q q qY

X X
p w nZ e e dq dq dql l

- -
= = Wòò ò (4)
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where integration goes over all geometrical degrees of freedom (DOFs) qi of all molecules in
the cluster, Zp =Zp(r , teq) is the partition function. The key step is the identification of an exact
volume function which makes it possible to pinpoint the configuration phase space and
evaluate its dimensionality. We consider weakly interacting systems. To be precise, the
interactions must be sufficient to lead to thermodynamical equilibrium, but weak enough that
these interactions have negligible effects on the effective volume of individual molecules.

( ) ( )1 2, ,...,r q pr p nW n N w q q q= (5)

where  is the volume function of single molecule. Rearrangement of rigid
molecules such as band 3 within the cluster could be described using low degrees of freedom
(DOFs). For this case, the DOFs describe molecule's orientation in the cluster part located at r
and its coordination number.

The band 3 cluster excitation under isotonic condition induces the molecule orientation
changes presented in Figure 1. The excitation occurs during alternating expansion and
compression of the membrane parts in order to ensure surface and volume conservation.

The corresponding volume function could be expressed as [30, 35]:

( ) 2
0,p o c o ow q q v v q= + D (6)

Figure 1. Schematic representation of the packing state changes for excited band 3 cluster under isotonic and hypoton‐
ic conditions.
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where v0 is the minimum specific volume of single molecule of band 3  rs min

is the minimum of the molecule Stokes radius,  is the volume increment caused by the

molecule orientation equal to  is the maximum specific volume of single

molecule of band 3 vmax = 4
3 rs max

3π, rs max is the maximum of the molecule Stokes radius, qo

accounts the molecule's orientation equal to qo2 = 1
2 ∑

i
qo i

2  while qo i accounts various directions,

Δvo is the volume increment contributions caused by the DOFs qo changes. For molecule loose

packing, we can take  and a molecule has high values of the degrees of freedom
in such system so qi values are close to 1.

The band 3 cluster excitation under hypotonic conditions is more intensive than that obtained
under isotonic condition due to changes the bilayer bending state during erythrocyte swelling.
The excitation could induce changes the packing state from close packing to ring‐like structure
which represents the reversible hemolytic hole. These changes are influenced by the positive
hydrophobic mismatch effects which could induce protein tilting [20]. Zade‐Oppen [13]
reported that the average hole opening time period is 270 ms, while the average hole closing
time period is 260 ms. Seeman et al. [8] experimentally determined the diameter of the
reversible osmotic holes in the range between 10 and 100 nm for human erythrocyte under
hypotonic condition at pH = 7. Accordingly, the smaller hemolytic hole corresponds to ∼4
band 3 molecules while the larger one corresponds to ∼40 molecules [18, 30]. The result points
out that cluster size is not the main factor for the hole formation. The main factor could be the
hydrophobic mismatch effects between band 3 and the surrounding lipid bilayer as was shown
in Figure 1. The corresponding volume function is as follows:

( ) 2 2
0,p o c o o c cw q q v v q v q= + D + D (7)

where qc accounts the coordination number,  is the volume increment caused by changes

the molecule coordination number equal to  tR is the relaxation time, h m

is the thickness of the lipid bilayer for already swollen erythrocyte, RH (tR) is the radius of
hemolytic hole, Nr(tR) is the number of molecules per cluster located at r . DOFs can have values
in the range 0 to 1. When qc =0 and qoi =0 at tR → tR eq, the volume function is wp =v0. When qc =1

and qoi =1 at tR =0, the volume function is equal to . This excited cluster state
represents the hemolytic hole.

Band 3 molecules change their states during migration. Consequently, for estimating the DOFs
temporal changes it is necessary to consider the temporal changes of single molecule velocity.
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Temporal changes of DOFs under vibration field could be described in the form of Langevin‐
type equations [30, 37]:

( ) ( )( )
( ) ( )1 p i Ri R

q R
R q i R

w q tdq t
t

dt q t
f

g

¶
= - +

¶
(8)

where the stochastic random force ϕq(tR) is formulated as white noise with correlation function

ϕq(tR)ϕq(tR ') =2λX γqδijδ(tR − tR '), and γq is the analog of frictional resistance. System structural

changes could induce anomalous nature of energy dissipation derivative during molecules
migration within the cluster. If the molecule migration causes damping effects as described by

Tomishige et al. [23] (subdiffusion phenomenon), the derivative 
d qi(tR)

d tR
 could be replaced by

the fractional derivative Dt
γ  (where Dt

γ  is the Caputo's fractional derivative, γ  is the order of

the fractional derivative such that γ≺1). Caputo's definition of the fractional derivative of some

function f (t) is given as follows [39]: Dt
γ( f (t))= 1

Γ(1 −γ)
d
dt ∫

0

t

f (t ')(1)

(t − t ')γ
dt ' (where Γ(1−γ) is the gamma

function). Average equilibrium volume of single molecule is obtained as:

( )
( )

...
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p eq
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l
·

-
· ·é ùë û

=
òò ò (9)

where Zp(r , tReq) is the partition function, and  is the cluster

volume.

3. Band 3 rearrangement influences the spectrin inter‐ and intrachain
interactions and the bilayer bending

The spectrin interchain interactions depend on the number of band 3 molecules attached per
single spectrin filament as was shown in Figure 2.
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Figure 2. Spectrin conformational changes influenced by the number of attached band 3 molecules.

The spectrin filaments have been treated as flexible (
L c

L p
≻ ≻1) [27] and semiflexible (

L c

L p
≈1)

[40] (where L c is the spectrin contour length equal to L c = ∑
i=1

NB−1

li, li is the length of i‐th filament

part between two mid-point attachments of band 3). The flexibility depends on the number of
band 3 molecules attached per single spectrin filament. Spectrin filament without band 3‐
spectrin complexes behaves as flexible. Its conformations have been described as [27]:

1/22
s s gF N R rm

æ ö
» -ç ÷

è ø
(10)

Where N ≈3 is the number of spectrin filaments per network units, μs is the surface shear

modulus of the cortex equal to μs =
kBT

rg
2 , kB is Boltzmann constant and T  is temperature, R is

the end‐to‐end distance of spectrin filaments in the cortex, rg
2 1/2 is the average filaments radius

of gyration. If the band 3‐spectrin low affinity complexes exist, the parts of the spectrin filament
between the complexes behave as independent blobs [32]. The conformation changes within

the blobs are the milliseconds order [32]. When l
L p

≻ ≻1 the filament parts are flexible, but if

l
L p

≈1 they become semiflexible, while if l
L p

≺ ≺1 they behave as rod‐like polymers (where l
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l
L p

≈1 they become semiflexible, while if l
L p

≺ ≺1 they behave as rod‐like polymers (where l
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is the average length of the filament part) [41]. Li et al. [40] treated the whole spectrin filaments
as a semiflexible and proposed worm‐like force for modeling of the spectrin conformations:

( )2
1 1

44 1
B

wlc
p

k TF x
L x

ì üï ï= - +í ý
-ï ïî þ

(11)

where x =
R − rg

2 1/2

L c
 is the stretch ratio. The worm‐like force corresponds to the condition 

L c

L p
≈1

[41]. It is in accordance with the fact that the spectrin‐band 3 complexes lead to decrease in the
spectrin flexibility. It could be quantified by apparent increase in the spectrin persistence
length L p → L p eff  (where L p eff  is the effective spectrin persistence length). The concept of
effective persistence length has been introduced for describing the nature of interchain
structural changes for worm‐like chains such as proteins under stretching [42, 43]. On that
base, the effective persistence length in our case could be expressed as [36]:

( ) ( ) ( ),p eff B p p BL T N L T L N= + D (12)

Where L p eff (T , NB) is the effective persistence length of spectrin filament, L p(T ) is the spectrin
persistence length for the filaments without mid‐point attachments at the same temperature
conditions and ΔL p(NB) is the contribution to the persistence length caused by the band 3
midpoint attachments. The collective phenomena among variously flexible spectrin filaments
induce generation of the cortex in‐homogeneities [36]. The in‐homogeneities in the context of
the cortex micro domains influence the cortex relaxation. The cortex relaxation modulus GC(tR)
could be expressed as [18, 36]:

( ) ( ) ( )
max

min

, ,
p

p

L

C R C p eff R C p eff R p eff
L

G t L t G L t dLr= ò (13)

where GC(L p eff , tR) is the cortex relaxation modulus within the domain and ρC(L p eff , tR) is the
spectrin flexibility distribution caused by the band 3 rearrangement.

The presence of the cortex micro domains is related to in‐homogeneous distribution of: (1)
band 3 molecules, (2) spectrin flexibility, and (3) the presence of the cortex defects as was shown
in Figure 3. Cumulative effects as: (1) the spectrin intrachain interactions which lead to
formation of the cortex micro domains, (2) longtime diffusion of band 3 molecules, and (3)
longtime bending relaxation of the lipid bilayer are at the order of seconds [18].
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Figure 3. The cortex micro domains—schematic representation.

These local in‐homogeneities of the cortex are caused by alternating expansion and compres‐
sion of the membrane and the cortex‐bilayer coupling. The bilayer bending is influenced by
conformational changes of the two types of spectrin filaments [44]: (1) type 1—corresponds to
the filaments grafted at one end or at both ends but not connected to the stretched cortex and
(2) type 2—corresponds to the filaments grafted at both ends and on that base represents a
part of the connected stretched cortex. Filaments within the type 1 induce a concave curvature
of radius RL 1, while the type 2 induce a concave curvature of radius RL 2 such that
RL 1 = − RL 2. The bilayer‐cortex coupling has been expressed by Helfrich‐type bending‐free
energy functional [44]:

( ) ( ) ( )( )
2 2

1 2 1 1 2 2
1, , , , ,
2 R RE n n w H H n r s t H n r s t d sk= - -ò (14)

Where s is the coordinate along the contour, κ is the bending modulus of the bilayer, w is the
bilayer width, n1(r , s, tR) and n2(r , s, tR) are the relative densities of the types 1 and 2 of spectrin

filaments, and the corresponding local mean curvature are H̄ 1 = 1
RL 1

 and H̄ 2 = 1
RL 2

. The overall

curvature by spectrin filaments is expressed as H̄ 1n1 + H̄ 2n2. Band 3 molecules influence the
lipid bilayer bending modulus. Shlomovitz and Gov [45] formulated the apparent bending
modulus equal to:
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( ) ( )( ) ( )1 , ' ,app R Rr t r tk j k j k j= - + (15)

where κapp(φ) is the apparent bending modulus, κ is the bending modulus of the bilayer without
band 3 molecules, κ ' is the contribution of band 3 molecules to the bending modulus, φ(r , t)
is the local surface fraction of the band 3 molecules. Shlomovitz and Gov [45] expressed the
influence of inclusions (band 3 molecules) on the lipid bilayer bending by formulating the free
energy functional as:

( ) ( )( )2 21
2 appE H H d rj k j j= -ò (16)

Consequently, the model Eqs. (15) and (16) could be combined to describe the influence of: (1)
spectrin conformationals and (2) band 3 molecules migration on the lipid bilayer bending state

expressed in the form:  .
The collective phenomena related to the spectrin filaments migration is expressed by spatial‐
temporal changes of the conservative variable n =n(r , s, tR) [46] as:

( ) ( )21 1 1
s s s

R sat

s n D Es n s n
s t s s n s n

d
d

æ ö¶ æ öL
= Ñ + Ñ Ñç ÷ç ÷ç ÷ç ÷¶ è øè ø

&
& &

& & & &
(17)

where D =
kBT
Λ  is the spectrin collective diffusion coefficient which accounted for the intrachain

interactions, Λ is the filaments mobility parameter, nsat  is the maximal packing density of the
filaments, and ∇s  is the derivative along the contour s. Spectrin filament mobility depends on
the number of attached band 3 molecules. Consequently, the effective diffusivity could be
formulated as Deff = Deff (φ)and introduced in eq. 17. Shlomovitz and Gov [45] modeled the
collective migration of band 3 molecules as:

2
B B

R

ED
t
j dj j

d j

æ öæ ö¶
= Ñ + L Ñ Ñç ÷ç ÷ç ÷ç ÷¶ è øè ø

(18)

where ∇  is the derivative along the space, ΛB is the band 3 lateral mobility and DB is the band

3 diffusion coefficient equal to DB =
kBT
ΛB

. Lateral motion of the band 3 molecules induces the
anomalous nature of energy dissipation which includes damping effects [23]. These damping
effects are induced from band 3 association‐dissociation to spectrin filaments. Pajic‐Lijakovic
[35, 36] proposed fractional Langevin equation for describing the lateral diffusion by applying
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the fractional derivatives [39]. Consequently, the time derivatives from Eqs. (17) to (18) could
be replaced by the fractional derivative Dt

α(• ).

4. Conclusion

Rheological behavior of the cortex depends on the spectrin flexibility distribution and the rate
of its changes [35, 36]. The spectrin flexibility primarily depends on the number of band 3
molecules attached per single spectrin filaments. Rearrangement of the band 3 molecules and
their lateral diffusion also influence the bending modulus of the lipid bilayer and the band 3‐
bilayer interaction energy. Consequently, the band 3 rearrangement influences the cortex‐
bilayer coupling and on that base influences the membrane rheological behavior as a whole.
The membrane structural changes induce anomalous nature of energy dissipation caused by
these complex multi scale molecular dynamics.
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Abstract

The Dystrophin-Associated Protein Complex (DAPC), known as the Dystrophin–
Glycoprotein Complex (DGC), comprises an array of glycoproteins that are essential 
for the normal function of striated muscle, in which they were first described, and for 
many other tissues, including blood. Understanding the role that these molecules play in 
muscle function has increased over the last decade, and some of the knowledge derived 
can be applied to other biological systems. However, there is no doubt that to date, some 
progress has been achieved in blood cells. 
Multiple interactions have been described among the proteins comprising the DGC, it 
is now well established that the DGC possesses a crucial role for numerous signaling 
pathways, recruiting and regulating various signaling proteins into a macromolecular 
complex. The aim of this chapter is to summarize the current state of knowledge regard-
ing DGC processing and assembly, mainly in muscle tissue and in blood cells, with a 
primary focus on the dystroglycan heterodimer and associated proteins, including ion 
channels and membrane lipids. In addition, and due to increasing evidence involving 
dystroglycan proteins in the pathophysiology of solid tissue cancer, Duchenne muscular 
dystrophy, and leukemia, current information on these topics will be included.

Keywords: DGC, dystroglycan, intermediate filaments, leukemia cells, adhered 
platelets

1. Introduction

Dystrophin-associated glycoprotein complex, known as the DGC, is a multimeric and multi-
faceted protein complex located in the plasma membrane and mediates interactions among 
the cytoskeleton, cell membrane, and extracellular matrix (ECM) of the muscle and nonmus-
cle tissues. Therefore, the DGC is involved in signaling pathways that regulate the structural 
organization of specialized membrane-contact zones, and on the basis of its different bio-
chemical characteristics and localization, the DGC can be divided into the following three 

© 2017 The Author(s). Licensee InTech. This chapter is distributed under the terms of the Creative Commons
Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
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subcomplexes: the dystroglycan (Dg), the sarcoglycan, and the cytoplasmic, dystrophin-con-
taining complex.

The dystroglycan subcomplex comprises α- and β-dystroglycan. α-Dystroglycan is the extra-
cellular component that binds to α-laminin and to other components of the basal lamina 
(ECM), while β-dystroglycan is the transmembrane component. Both attach the intracellular 
cytoskeleton to the ECM, a task that is widespread in all human tissues and cells [1].

The sarcoglycan subcomplex is a multimember complex that, in association with dystrogly-
can, stabilizes interactions with the extracellular and transmembrane components of the DGC, 
as well as with dystrophin and its associated proteins. To date, six sarcoglycan genes have 
been identified that give rise to their respective proteins α-, β-, γ-, δ-, ε-, and ζ-sarcoglycan, 
which are organized in a tetrameric arrangement; however, it has been hypothesized that the 
six sarcoglycans can be arranged in an exameric structure [2].

The dystrophin subcomplex can form a mechanically strong bond with any costameric pro-
tein, forming a mechanically strong link between the sarcolemma and the costameric cytoskel-
eton through interaction with γ-actin filaments. Additionally, based on its structure, protein 
interactions, and the membrane defects associated with its absence or abnormality in dystro-
phic muscle, the dystrophin complex provides mechanical stabilization of the sarcolemmal 
membrane against the stresses imposed upon it during muscle contraction or stretch [3].

Therefore, the DGC appears to play both mechanical and nonmechanical roles in skeletal 
muscle and in nonmuscle cells, although neither the DGC structure nor the functions are 
completely understood at present.

This chapter focuses on recent insights into the specific roles of the DGC in different tissue 
cells, including blood cells, with special focus on dystroglycan biology and its feasible patho-
physiologic implications in human leukemia cells and dystrophies.

2. Dystrophin–glycoprotein complex

Dystrophin is the protein that plays a central role in trans-sarcolemmal linkage between the 
basement membrane and the intracellular actin cytoskeleton, and is the product of the largest 
identified gene in the human genome [4].

The complexity of Duchenne muscular dystrophy (DMD) gene expression, which results 
in multiple transcripts and protein isoforms, has hampered understanding of the func-
tions of individual dystrophin protein isoforms. The transcription of human DMD is con-
trolled by the following three independent promoters, brain (B), muscle (M), and Purkinje 
(P) promoters, which indicate the tissue distribution of dystrophin expression, as well as 
four internal promoters (R for retinal, B for brain, S for Schwann cells, and G for gen-
eral), which give rise to shorter transcripts encoding for the truncated COOH-terminal 
isoforms formed from the alternative splicing that generates dystrophin isoforms of 260 
kDa (Dp260), 140 kDa (Dp140) [5], 116 kDa (Dp116) [6], and 71 kDa (Dp71) [7, 8]. When 
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The sarcoglycan subcomplex is a multimember complex that, in association with dystrogly-
can, stabilizes interactions with the extracellular and transmembrane components of the DGC, 
as well as with dystrophin and its associated proteins. To date, six sarcoglycan genes have 
been identified that give rise to their respective proteins α-, β-, γ-, δ-, ε-, and ζ-sarcoglycan, 
which are organized in a tetrameric arrangement; however, it has been hypothesized that the 
six sarcoglycans can be arranged in an exameric structure [2].

The dystrophin subcomplex can form a mechanically strong bond with any costameric pro-
tein, forming a mechanically strong link between the sarcolemma and the costameric cytoskel-
eton through interaction with γ-actin filaments. Additionally, based on its structure, protein 
interactions, and the membrane defects associated with its absence or abnormality in dystro-
phic muscle, the dystrophin complex provides mechanical stabilization of the sarcolemmal 
membrane against the stresses imposed upon it during muscle contraction or stretch [3].

Therefore, the DGC appears to play both mechanical and nonmechanical roles in skeletal 
muscle and in nonmuscle cells, although neither the DGC structure nor the functions are 
completely understood at present.

This chapter focuses on recent insights into the specific roles of the DGC in different tissue 
cells, including blood cells, with special focus on dystroglycan biology and its feasible patho-
physiologic implications in human leukemia cells and dystrophies.

2. Dystrophin–glycoprotein complex

Dystrophin is the protein that plays a central role in trans-sarcolemmal linkage between the 
basement membrane and the intracellular actin cytoskeleton, and is the product of the largest 
identified gene in the human genome [4].

The complexity of Duchenne muscular dystrophy (DMD) gene expression, which results 
in multiple transcripts and protein isoforms, has hampered understanding of the func-
tions of individual dystrophin protein isoforms. The transcription of human DMD is con-
trolled by the following three independent promoters, brain (B), muscle (M), and Purkinje 
(P) promoters, which indicate the tissue distribution of dystrophin expression, as well as 
four internal promoters (R for retinal, B for brain, S for Schwann cells, and G for gen-
eral), which give rise to shorter transcripts encoding for the truncated COOH-terminal 
isoforms formed from the alternative splicing that generates dystrophin isoforms of 260 
kDa (Dp260), 140 kDa (Dp140) [5], 116 kDa (Dp116) [6], and 71 kDa (Dp71) [7, 8]. When 
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these COOH-terminal dystrophin submembrane cytoskeletal proteins interact with a large 
macromolecular protein complex, they constitute the dystrophin-associated protein com-
plex (DAPC). The crucial structural role of this complex is based on its strategic localiza-
tion, spanning the plasma membrane and linking with the ECM and the actin cytoskeleton. 
Since the original discovery of the dystrophin-glycoprotein complex (DGC) [9], a large 
number of studies have characterized the various components involved in dystrophin [10]. 
Dystrophin-associated proteins can be divided into sarcolemmal proteins (β-dystroglycan, 
α-sarcoglycan, β-sarcoglycan, γ-sarcoglycan, and δ-sarcoglycan, sarcospan), cytosolic pro-
teins (dystrobrevins, syntrophins, neuronal nitric-oxide synthase [nNOS]), and extracellu-
lar proteins (α-dystroglycan and laminin) [11]. Several DGC components are also found in 
two or more isoforms, which are either generated by alternative splicing of a single gene or 
originate from distinct genes [12, 13].

The large, multi-subunit DGC is found in the sarcolemma of striated muscle fibers, and this is 
essential for maintaining the structural integrity of these fibers during contraction; therefore, 
the generally accepted role for the DGC is its acting as a molecular shock absorber and stabi-
lizing the plasma membrane during muscle contraction. However, its role goes beyond that 
solely of a passive scaffold among the elements of the complex, anchoring these near sites-
of-action or important partners, since genetic disruption of any of the DGC elements causes 
mislocalization, destabilization, and the loss-of-function of the cell [14].

As evidence of DGC signaling capacity, it has been reported that nNOS is associated with the 
DGC via α-dystrobrevin, and that there is a loss of nNOS from the sarcolemma in Duchenne 
muscular dystrophy (DMD) [15]. Additionally, the DGC promotes the mechanical activation 
of cardiac nNOS by acting as a mechanosensor in the regulation of AMP-activated protein 
kinase AMPK activity [16].

The complex also constitutes a scaffold for signaling molecules based on its association with 
several signaling proteins, including Grb2-Sos1 [17], MEK and ERK [18], heterotrimeric G 
protein subunits [19], archvillin [20], and nNOS [21].

3. Dystrophin-related proteins

Dystrophins share structural homology with a range of paralog proteins denominated the 
dystrophin-related proteins (DRP), such as utrophin, DRP2, dystrobrevin, and dystrotelin 
[22].

The utrophin gene possesses internal promoters and shorter protein products and is also 
modulated by alternative splicing [23]. Transcription of full-length utrophin (Up395) is driven 
by two independent promoters: Utrn-A and Utrn-B. The Utrn-A protein is the main isoform 
in adult skeletal muscles, in contrast with Utrn-B, which is found in the vascular muscle endo-
thelium [24].

G-utrophin, or Up113, was the first short product identified as a structural homolog of Dp116, 
while Up140 and Up71 are homologous to the short dystrophins Dp140 and Dp71,  respectively; 
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these short utrophins do not possess actin-binding sites in the N-terminal domain of the mol-
ecule [25]. Up71 is detected in nonmuscle tissues such as lung, kidney, thymus, liver, and brain, 
while Up140 is found in lung, muscle, kidney, thymus, liver, testes, and brain. Full-length 
utrophins are also detected in nonmuscle tissues, such ass those of the central nervous system 
(CNS), peripheral nerves, testes, kidney, spleen, liver, and lung, and in small arteries and veins 
[26, 27]. In 1995, utrophin was described as a component of the platelet cytoskeleton, participat-
ing in its reorganization [28], while in hematopoietic stem/progenitor cells, Up400 and Up140 
comprised the main gene products [29]. In addition, Up71 has been described in platelets [30], 
as well as in neutrophils [31].

It has long been considered that utrophin and dystrophin share comparable functions dur-
ing fetal development and adulthood, maintaining utrophin expression in adult dystrophic 
tissues, compensating for dystrophin loss, as has been observed in mdx skeletal and cardiac 
muscles [24, 32]. However, spontaneous upregulations also occur in nonmuscle tissues, such 
as in Dp71-deficient platelets [33] and, most importantly, in the brains of DMD mouse models 
[34]. However, their expression in distinct structures, as compared with dystrophin, may not 
reflect functional compensation [24].

4. Dual role of the Dp71 isoform

Dp71 (70–75 kDa) is the first product of the DMD gene detectable in pluripotent embryonic 
stem cells (ESC) during development. It decreases in differentiated ESC cultures and tumors 
[35] and is the major dystrophin expressed in nonmuscle cells, such as neural tissue [36], 
glia [37], spermatozoa [38], and astrocytoma cells [39]; in platelets, its participation has been 
suggested in cytoskeletal reorganization and/or signaling, and in thrombin-mediated platelet 
adhesion [28].

The variation in the molecular mass of Dp71 transcripts is consistent with the expression 
of Dp71 isoforms derived from transcripts alternatively spliced for exons 71 and/or 78 [40]. 
The splicing product of exon 78 produces the isoform known as Dp71d, which preserves the 
C-terminal, while Dp71f is the product of the absence of exon 78. Two other gene products 
resulting from an alternative splicing at exons 71–74 and/or 78 transcripts, Dp71Δ110a and 
Dp71Δ110m, respectively, with a relative mass of 55 kDa, have been recently characterized 
[40, 41].

In 2005, Dp71d/Dp71Δ110m~DGC and Up400/Up71~DGC were described as participating 
with structural roles associated with the actin cytoskeleton in the formation of membrane 
scaffolds. They were probably involved in defining platelet shape, substrate adhesion, and 
granule migration, as well as possessing a signaling role, participating in signaling triggered 
by adhesion to glass and by interaction with agonists such as thrombin [30].

The presence of Dp71 and some DGC elements that form a nuclear complex at the plasma 
membrane and in the nucleus of muscle cells suggested their participation in nuclear struc-
ture and in the modulation of nuclear processes [42].
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The neuronal cell line PC12 expresses at least two different Dp71 protein isoforms gener-
ated by the alternative splicing of exon 78 [43, 44]. The splicing isoform of Dp71 (Dp71d) 
contains 13C-terminal amino acids encoded by exon 78, which are replaced by 31 new amino 
acids encoded by exon 79 in the Dp71f isoform upon removal of exon 78 [40]. Depletion of 
total Dp71 protein levels gives rise to impairment in nerve growth factor (NGF)-induced neu-
rite outgrowth [45] and in the cell adhesion activity of PC12 cells [46], indicating that Dp71 
is required for these neuronal functions. Dp71f assembles an adhesion complex comprising 
talin, α-actinin, paxillin, focal adhesion kinase (FAK), and actin, but not vinculin, contributing 
to cell stability [47].

Figure 1. Schematic diagram of the dystrophin–glycoprotein complex (DGC) composed of Dp71 (left) and utrophin 
(right) in adhered platelets. Dystrophin is a linker between the cytoskeleton and the extracellular matrix (ECM). Dp71 
and utrophin are associated with the dystroglycan complex and the dystrobrevin/syntrophin complex (α-Db/α-Syn). 
α-Dystroglycan (α-Dg) binds to ECM proteins and β-dystroglycan (β-Dg); β-Dg binds to the dystrophin, completing 
the link between the actin cytoskeleton and the ECM. Focal adhesion (magnified at the bottom of the figure) clusters the 
α- and β-integrin receptors and induces recruitment of focal adhesion proteins vinculin (Vin), talin (Tal), and α-actinin 
(α-Act), which connect directly with microfilaments and short dystrophins (Dp71) and indirectly with microtubules and 
intermediate filaments. The adhesion complex activates integrin-associated signaling cascades, including focal adhesion 
kinase (FAK). Dystroglycan plays a scaffold role, modulating the cytoplasmic protein kinases, and is in close association 
with integrin β1.
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During the platelet adhesion process, short dystrophins (Dp71d/Dp71Δ110m) and utro-
phins (Up400/Up71) have demonstrated potential association with the integrin β-1 fraction 
and with focal adhesion system that includes α-actinin, vinculin, and talin. Apparently, in 
order to fulfill this hemosatic role, the coexistence of the DGC composed of short dystro-
phins or utrophins plays both a structural role in participation in stress-fiber assembly and 
in the centralization of cytoplasmic granules, and a regulatory role, incorporating FAK into 
the complex. The coexistence of dystrophin and utrophin complexes indicates structural and 
signaling mechanisms that are complementary to the actin network during the adhesion 
 process [48] (Figure 1).

5. DGC components

The findings described in systematic proteomic studies indicate that dystrophin interacts 
closely with core members of the dystrophin-associated glycoprotein complex, such as dys-
troglycans, sarcoglycans, syntrophins, dystrobrevins, and sarcospan, but that it also forms 
indirect linkages with a large variety of other protein species, including tubulin, vimentin, 
desmin, annexin, and collagens [49].

5.1. Dystrobrevins

Dystrobrevins are proteins among dystrophin-related proteins that are encoded by two dif-
ferent genes, α and β and that possess significant homology to dystrophin. α-Dystrobrevin is 
expressed predominantly in muscle and brain, whereas β-dystrobrevin is expressed in nonmus-
cle tissues, which is abundant in brain, kidney, lung, and liver. Dystrobrevins have also been 
involved in intracellular signaling in muscle and nonmuscle tissues, either directly or through 
interaction with syntrophin, another element of the DGC. In humans, Sadoulet-Puccio et al. 
[50] found six isoforms of dystrobrevin (designated α-, β-, γ-, δ-, ε-, and ζ-dystrobrevin), 
which ranged in size from 22 to 80 kDa.

Human α-dystrobrevin and its few isoforms are expressed in the cytosol and the nucleus of 
the promyelocytic HL-60 cell line. A distinct distribution pattern of α-dystrobrevin, includ-
ing colocalization with actin, was described in HL-60 promyelocytes, differentiated mature 
granulocytes, and in human neutrophils, supporting a signaling role [51]. In adhered plate-
lets, it was suggested that actin filaments and microtubules contribute to α-granule and dense 
granule mobilization in adhered platelets, identifying α-dystrobrevins as part of the plate-
let transport machinery that is closely associated with the ubiquitous kinesin heavy chain 
(UKHC), this system is depicted in Figure 2 [52].

5.2. Sarcoglycans

The sarcoglycan complex (SGC) is composed of α-, β-, γ-, and δ-sarcoglycan isoforms encoded 
by separate genes, and of sarcospan. Sarcoglycans are single transmembrane glycoproteins 
with the N-terminus oriented extracellularly for α-sarcoglycan and intracellularly for β-, 
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γ-, and δ-sarcoglycans [53]. Contrariwise, sarcospan is composed of four transmembrane-
spanning segments that are homologous to the tetraspanin family. The function of the SGC 
is not fully understood, but it appears to strengthen the interaction of β-dystroglycan with 
α-dystroglycan and dystrophin, as well as to play a role in intracellular signal transduction 
for sarcoglycan [54]. Sarcospan, a 25-kDa transmembrane protein, improves the cell-surface 
expression of the three major laminin-binding complexes, i.e., the dystrophin– and utrophin–
glycoprotein complexes, as well as of an α7β1 integrin [55].

5.3. Syntrophins

Syntrophins are a multigene family of intracellular membrane-associated adaptor proteins 
and consist of five homologous isoforms: α1-syntrophin, β1-syntrophin, β2-syntrophin, 
γ1-syntrophin, and γ2-syntrophin; they possess a different cellular and subcellular localiza-
tion, suggesting a distinct functional role [56]. In human platelets, a 54-kDa band correspond-
ing to α-syntrophin is well expressed [30].

The pleckstrin homology (PH) and PDZ domains of syntrophins were shown to bind various 
proteins, including nitric oxide synthase (NOS), and have been implicated in the regulation of 
various plasma membrane ion channels, such as voltage-operated sodium channels and other 
nonvoltage gated channels, such as mechanosensitive Na+ channels [57].

Figure 2. Platelet distribution of cytoskeleton elements. Schematic diagram of actin filaments, microtubules, and 
intermediate filaments in adhered platelets. Plectin is the protein that acts as a link among the three main components 
of the cytoskeleton.
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5.4. Dystrolglycans

The single dystroglycan gene encodes for a precursor protein that undergoes posttransla-
tional proteolytic cleavage, which in turn produces two noncovalant DGC subunits: α- and 
β-dystroglycan. α-Dystroglycan is a dumbbell-shaped protein that binds to the laminin G 
domain in ECM components such as laminins, agrin, and perlecan. β-Dystroglycan (β-Dg) 
possesses a single transmembrane domain spanning the plasma membrane and an extracel-
lular amino-terminal extracellular domain binding to the carboxy-terminal globular domain 
of α-Dg [58].

5.4.1. Dg involved in the signaling process

The β-Dg dual role (structural and signaling) has been demonstrated in various cell types 
and tissues. Examples of the former role are represented by the participation of β-Dg in 
cytoskeleton remodeling, where it is associated with actin [59, 60], while its signaling role is 
represented by its association with the extracellular signal-related kinase-mitogen-activated 
protein (ERK-MAP) kinase cascade [18], or with integrins modulates myoblast anchorage and 
migration [61]; this latter process is critically regulated by Src-mediated phosphorylation of 
β-Dg at tyrosine 890 [62].

Grb2–β-Dg interaction could facilitate the transduction of signals between the DGC and extra-
cellular proteins and other signaling pathways [62]. However, when Dg is localized at the tips 
of dynamic filopodia, it directs local Cdc42 activation and recruits the guanine nucleotide 
exchange factor (GEF) Dbl to generate actin protrusions [60].

Dystroglycan is also a multifunctional adaptor or scaffold capable of interacting with compo-
nents of the ERK-MAP kinase cascade, including MEK and ERK [18]. However, it has been 
established that integrin α6Aβ1 and dystroglycan play antagonistic roles in signaling to the 
Ras-Raf-MEK-ERK pathway in response to laminin [63].

5.4.2. Dg promoter of the adhesion process

Since 1995, dystroglycan-associated proteins, such as utrophin, have been considered resi-
dents of focal adhesions in nonmuscle cells [59, 64, 65] and, after direct interaction of the cyto-
plasmic tail of β-Dg with F-actin was described [66], Dg has been implicated in cell adhesion 
and spreading.

Dg was identified in podosomes at the early stages of myoblast spreading; these structures 
contain a regulatory complex comprising dystroglycan, Tks5, and Src [67]. Myoblast spread-
ing occurred in relation to dystroglycan expression levels, which in turn altered the size and 
number of focal contacts, focal adhesions, and fibrillar adhesions. Dystroglycan-mediated cell 
adhesion and spreading took place through indirect interaction with vinculin by binding to 
the vinculin-binding protein vinexin [61], while an adhesome was made up of by laminin-Dg-
myosin IIA, crucial for maintaining the shape of notochordal cells [65].

In addition to a specific role in the maintenance of muscle integrity, Dg plays a more ubiq-
uitous role in cell adhesion, signaling, and polarity. During embryogenesis, the follicle-cell 
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 epithelium (FCE) maintains the cell polarity promoted by the association between perlecan 
and Dg [68], while in astrocytes, end-feet in brain laminin induced a dramatic, polarized 
redistribution of cell-surface clusters or macrodomains, which colocalized extensively with 
β-Dg and AQP4 [69].

The cytoskeletal polymers—actin, microtubules, and intermediate filaments—are interlinked 
by coordinated protein interactions to form a complex three-dimensional (3D) cytoskeletal 
network; these components are depicted in Figure 3. Although these systems are composed 
of distinctly different proteins, they are in constant and intimate communication with each 
another and with intermediate filaments, and their associated proteins are important compo-
nents in mediating this crosstalk [70].

In platelets, two members of type-III intermediate filament (IF) proteins, desmin and vimen-
tin, maintain a close relationship with DGC components, such as β-dystroglycan [β-dg], 
α-syntrophin [α-syn], and α-dystrobrevin [α-db], and are codistributed at the granulomere 
zone, participating in α-granule distribution [71].

The epithelial sodium channel (ENaC) is associated with IF and with dystrophin-associated 
proteins (DAP) via α-syntrophin and β-dystroglycan. ENaC is apparently dispensable for 

Figure 3. Schematic diagram of microtubules and actin filaments participating in the transport of alpha and dense 
granules in the platelet adhesion process, during which α-dystrobrevins are the regulatory and adaptor proteins for 
governing trafficking events.
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migration and alpha- and dense-granule secretion, whereas Na+ influx through this channel 
is fundamental for platelet collagen activation [72]. This channel is overexpressed in platelets 
from hypertensive subjects in relation with control subjects, and β-Dg is a scaffold for the 
organization of ENaC and associated proteins [73].

5.4.3. Dg and its posttranscriptional modifications

Posttranscriptional modifications in the Dg protein possess important implications in cellu-
lar functions. The transmembrane β-subunit, which interacts with α-Dg extracellularly and 
which also connects with several different cytolinker proteins intracellularly, is addition-
ally subject to altered N-linked glycosylation [74]. Additional modifications to β-Dg, how-
ever, include phosphorylation on tyrosine [75, 76] and specific proteolytic cleavage events. 
Tyrosine phosphorylation of β-Dg serves as a molecular switch to regulate the binding of 
different cellular-binding partners [77], but it is also a signal of the internalization of Dg from 
the plasma membrane [78, 79] and may mediate some proteolytic events and nuclear trans-
location [80, 81].

β-Dg is subject to proteolysis at several key sites: matrix metalloproteinase (MMP)-mediated 
cleavage liberates the extracellular portion of β-Dg, MMP-9-mediated proteolytic cleavage of 
the β-Dg, and it has been implicated in dendritic outgrowth and arborization in primary hip-
pocampal neurons [82]. The remaining 31 kDa transmembrane stub and cytoplasmic domain 
can be detected with antibodies at the carboxy terminus of the cytoplasmic domain. As yet 
unknown proteases generate smaller fragments corresponding to the cytoplasmic region of 
β-Dg [83, 84], most typically observed as a 26-kDa fragment, but occasionally as a 17-kDa 
fragment.

In hematopoietic stem/progenitor cells, a 50-kDa β-Dg is the main product, while in differ-
entiated cells, such as neutrophils and platelets, the characteristic glycosylated 43 kDa band 
is present [29, 31]. A 65-kDa band was also observed in neutrophils; perhaps this molecular 
weight (MW) is due to a posttranscriptional modification such as SUMOylation.

Ezrin is able to interact with dystroglycan through a cluster of basic residues in the juxtamem-
brane region, and appears to be responsible for dystroglycan-mediated formation of filopo-
dia [18]. Colocalization of endogenous dystroglycan with ezrin at the cleavage furrow and 
midbody during cytokinesis not only affords dystroglycan a role in organizing the contractile 
ring through direct or indirect associations with actin, but also can modulate the cell cycle by 
affecting extracellular signal-regulated kinase levels [85]. Recent experiments have demon-
strated β-Dg trafficking from the cytoplasm to the nucleus by ezrin-mediated cytoskeleton 
reorganization, the latter dependent on IMPα2/β1 [86].

Due to the presence of a conventional nuclear localization sequence (NLS)-/Imp-dependent 
nuclear import pathway in the cytoplasmic juxtamembrane region of β-Dg [87], β-Dg and 
proteolytic fragments containing the nuclear localization signal can be targeted to the 
nucleus via an importin-dependent pathway [88], where it can exert effects on nuclear archi-
tecture [89].
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5.4.4. Dg in the differentiation process

The expression has been described as the major components of DAPC visceral and subcuta-
neous rat adipose depots that are regulated during adipogenesis and by ECM components, 
suggesting an important role in adipocyte differentiation [90].

The human myeloid leukemia cell line HL-60 achieves increasing cessation after its exposure 
to all-trans-retinoic acid (ATRA) and dimethyl sulfoxide (DMSO) and becomes differenti-
ated into granulocytes, evoking the biology of the disease in vitro [91, 92]. Recently, it was 
demonstrated that dystroglycans actively participate in the differentiation process, in that the 
expression levels of α-Dg (160 kDa), β-Dg (42kDa), and β-DgpY892 (42 kDa) were increased in 
differentiated compared with nondifferentiated cells. Additionally, low levels of β-Dg in dif-
ferentiated HL-60 cells are accompanied by reducing actin-based protrusions, such as in filo-
podia and lamellipodia extrusion, avoiding motility or phagocytic capabilities, respectively 
[93]. Similar changes were also observed when HL-60 cells were transfected with a shRNA 
directed to dystroglycan; therefore, a direct consequence of the reduction in dystroglycan 
exerted a direct effect on actin cytoskeletal dynamics, either on its direct or indirect interaction 
with actin, but also interfering with actin regulatory pathways [66].

The Kasumi-1 cell line is a model system of acute myeloid leukemia (AML) with t(8;21) trans-
location and the corresponding functional consequences of the AML1–ETO fusion oncogene 
on myeloid differentiation [94]. In vitro, macrophages differentiated from myelomonocytic 
cell lines exhibited downregulation of adhesion molecules after tissue plasminogen acti-
vator (TPA) treatment [95]. The biochemical analysis of cytoplasmic or nuclear Kasumi-1 
cell extracts revealed bands of 50, 38, and 30 kDa present in the nucleus of the cells, while 
the majority of 43 kDa β-Dg was found mainly in the cytoplasmic compartment, with the 
38-kDa band also abundant in the cytoplasm of nondifferentiated Kasumi-1 and differen-
tiated Kasumi-1 cells. The phosphorylated 31-kDa fragment of dystroglycan is the species 
that is most translocated to the nucleus of nondifferentiated cells, while the 50-kDa fragment 
comprised the most abundant species at the nucleus of differentiated cells. The diminished 
expression levels of Dg in differentiated Kasumi-1 cells compared with nondifferentiated cells 
could facilitate cell recruitment in solid tissues; apparently, the phosphorylated species may 
be ubiquitinated and processed by the proteasome. However, a direct consequence of a reduc-
tion in dystroglycan exerts an effect on actin cytoskeletal dynamics, but does not impair the 
differentiation process [96].

5.4.5. Dg in cell membrane organization

Several structures of the cell membrane play major roles in physiological functions through 
signaling and adhesion to neighbor cells and to ECM. Generic features, such as the cytoskel-
eton meshwork, rafts, and protein complexes, which are subjected to thermal motion, contrib-
ute to building membrane structures such as focal adhesions (FA) [97] and immune [98] and 
neuronal [99] synapses. The rapid and transient association of the partners of a given signal-
ing pathway, localized in close proximity within narrow structures/domains, is a requirement 
for rapid and reliable signal transmission [100].
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The existence of “rafts” supposes that membrane lipids and proteins associate with each other 
according to their affinities, due to their hydrophobicity and geometry [101]. Rafts were ini-
tially proposed as contributing to protein sorting along the synthesis pathway, and have also 
been associated with several membrane features, including signaling platforms and adhe-
sion structures. Caveolae are cholesterol- and sphingolipid-enriched membrane invagina-
tions [102], and caveolin-1 is the primary caveolae structural protein in several cells [103]. 
Therefore, caveolae and caveolin-1 play a key role in orchestrating the activation of pathways 
that underpin cell proliferation, migration, and contraction [104]. For example, direct interac-
tion between caveolin-1 and β-Dg was demonstrated in contractile smooth muscle, where the 
distribution of caveolae is determined by their tethering to the actin cytoskeleton via caveo-
lin-1 and the DGC [105].

In this regard, cholesterol demonstrated to be essential to modulate platelet cytoskeleton reor-
ganization, while the association of caveolin-1 PY14 with intermediate filaments, as well as 
with focal adhesion proteins via vinculin, was a determinant in adhered platelets, where β-Dg 
participation was a key scaffold component for caveolin-1 and FAK [106].

In general, diseases of the DGC are incurable, in part because the majority of these give rise to 
great damage resulting from the loss of these proteins. However, there is increasing evidence 
that proteins in the DGC may play a significant role in the pathophysiology of more common 
diseases such as cancer, in which the DGC has been implicated.

Throughout these years of basic research, it has been observed that dystroglycan functional 
changes, either for posttranscriptional modifications or for deregulation of the protein, simul-
taneously affect both scaffolding and signaling roles. These changes modify cell adhesion and 
motility, MAPK signaling, or its translocation to the nuclei that, in the prostate, is associated 
with the ETV1 transcription factor, acting directly on cancer progression and the pathophysi-
ology of the disease [81]. Therefore, a complete understanding of the role of DGC elements in 
the pathophysiology of a disease would allow the identification of strategies for the develop-
ment of specific therapeutics.

Previous studies demonstrated that preventing tyrosine phosphorylation of β-Dg in mdx 
mouse alleviated the dystrophic phenotype in a genetic mouse model, ameliorating many 
of the main pathological symptoms associated with dystrophin deficiency [78]. The use of 
dasatinib was found to decrease β-Dg phosphorylation levels in tyrosine and to increase 
the relative levels of nonphosphorylated β-Dg in the sapje zebrafish, improving its physical 
condition [79].

6. Conclusion

Since 1980, the dystrophin–glycoprotein complex has been considered only as a group of 
multiproteins working together to ensure the function of muscle tissue; however, along these 
years and according to basic research, dystrophin has acquired prime status and has become 
the central component of a scaffold of proteins expressed in a variety of tissues including 
blood. Within the complex elements, dystroglycan has received the majority of our attention 
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and has been identified as participating in the clustering of membrane receptors, integrins, 
and ion channels, modulating cellular signal integration, such as in the differentiation process.

Despite all of these advances, it remains difficult to dissect the specific function of a particular 
protein and, given the close association and interdependence of the different elements of the 
complex, it should be difficult to define the specific contribution of each of the complex’s pro-
tein elements. However, the improvement and development of biochemical and molecular 
tolls will undoubtedly aid in elucidating novel therapies to counteract common diseases such 
as cancer.
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Abstract

A fish spermatozoon has a minimalist structure: head, mid-piece and flagellum with the 
active inner core, called “axoneme”. The axoneme represents a cylindrical scaffold of 
microtubular doublets arranged around a pair of single microtubules and assorted along 
the entire length with the dynein-ATPase motors. The mechanisms of wave generation 
along the flagellum becomes possible due to sliding of microtubules relative to each 
other and their propagation is a result of a balance between mechanical constraints and 
intra-flagellar biochemical actors that generate force.
How fish sperm flagella mechanics adapt to external constraints, such as vicinity of sur-
faces or viscosity, during the very short period of motility? By use of high-speed video 
microscopy, stroboscopic system, modelisation and simulation approaches, we show 
that fish sperm flagella respond to physical and chemical signals from environment in a 
very brief period of time.
This review chapter presents a brief description of the biological and biochemical fea-
tures that characterize fish spermatozoa. Then it describes the biophysical aspects of 
flagellar movement covering various topics involved in fish sperm motility and offering 
a compilation of the recent knowledge acquired on different physical properties, such as 
wave propagation, energetics, hydrodynamics, temperature, viscosity, axonemal micro-
tubules dynamics, among other aspects.

Keywords: spermatozoon, flagellum mechanics, hydrodynamics, motility, wave 
propagation, fish

1. Introduction

Spermatozoa of most fish species are immotile in the genital tract due to the specific constitu-
tion of the surrounding seminal plasma [1]. Osmotic pressure, concentration of K+ ions, as 
well as pH level and sucrose concentration are considered as the main factors of seminal fluid 
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preventing the initiation of movement of fish spermatozoa [2]. During natural spawning, ejac-
ulated sperm cells are diluted with fresh- or seawater according to the fish habitat and right 
away initiate their motility by responding to changes in osmolality of the external milieu (hypo 
or hyper, respectively). Motility may be also induced in a laboratory designed saline solution 
with a certain pH, ionic and osmotic composition. Activation by the surrounding medium is 
immediately followed by a swimming response at full speed [3], which requires fast energy 
consumption by spermatozoa, thus leading to brevity of the motile period [4, 5]. In case of 
marine fishes, the duration of sperm motility is generally lasting for longer period as com-
pared to freshwater species [6]. The total duration of flagellar activity of fish sperm lasts from 
minutes to tens of minutes [5]. However, European eel (Anguilla anguilla) [7] and European 
conger (Conger conger) spermatozoa [6] can swim for at least 30 min with little change in their 
motility characteristics such as high beat frequency, which can range up to 95 Hz. Same case 
for tilapia sperm where motility can last more than one hour whatever the surrounding osmo-
lality conditions [8]. Arrest of fish sperm movement occurs partly because of rapid exhaustion 
of ATP by the cell and inability of the mitochondria to restore the energy content fast enough 
during the motility period [9], as well as due to some morphological changes mostly affect-
ing membrane integrity and producing a curling of the flagellum [5, 10, 11]. For comparison, 
spermatozoa of mammals and invertebrates (e.g., oyster or sea urchin sperm) can swim for 
several hours [4].

It is worth to emphasize that during the swimming period, flagellar characteristics of fish 
spermatozoa change in many respects: wave velocity, wave amplitude, wavelength, number 
of waves along the flagellum length and degree of curvature of the wave [5, 12]. Whatever the 
wave parameter is considered, each one shows a decrease during the limited period of fla-
gellar motility that altogether leads to a gradual but drastic lowering of the forward velocity 
of spermatozoa. Thus, it is clear that the behavior of the flagella is basically determining the 
global movement ability of the sperm cells [5, 12].

A main difficulty for observation of fish spermatozoa and quantification of their swimming 
parameters is that they are “fast swimmers” but for short duration [4]. This partly explains 
why most knowledge acquired on sperm flagellar movement comes from studies on the clas-
sical model of sea urchin sperm motility and on the mammals for more structurally complex 
sperm cells [13–15]. Nevertheless, fish spermatozoa are specifically interesting objects, due to 
their particular motility activation mode and their short motility duration that enables obser-
vation of the complete swimming period during a short time laps. Initiation of movement, the 
motility period and the arrest of motility of fish spermatozoa allow to develop specific studies 
on general understanding of regulation and signaling of sperm motility in terms of flagellar 
beating and wave parameters, thus leading to a better acquaintance of the fine-tuning of the 
internal axonemal mechanics (see [16] for a comprehensive overview on biochemical aspects 
of fish sperm motility).

The main aim of the present review is to describe existing methods for evaluation of the flagel-
lum characteristics of fish sperm and present an overview of the literature embracing current 
understanding of their behavior from a biophysical, especially hydrodynamical, point of view.
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2. Structure of fish spermatozoa

Fish spermatozoa present the same basic structural features as most of the male germ cells 
of other animals though the presence of organelles in fish sperm is reduced to a minimum: a 
head, a mid-piece and a flagellum (Figure 1) [17, 18].

The head is the carrier of hereditary information, mostly the nucleus with paternal DNA mate-
rial. In most fish species, the head of spermatozoa presents an almost spherical shape with 
diameter varying from 2 to 4 μm. However, in some cases, such as sturgeon, paddlefish and 
eel spermatozoa, the shape of head is elongated: up to 9 μm long and 2 μm wide [7, 19, 20]. 
Such variation in head shape certainly influences the swimming performance because of dif-
ferences induced in the viscous friction against the aquatic milieu.

Mid-piece is a receptacle of the centrioles and the mitochondria (usually from 2 to 9 per each 
spermatozoon), the latter generating energy (ATP) for sperm motility [9]. In several fish fami-
lies, the sperm mitochondria were found ring-shaped [17]. Even though the mitochondrial 
DNA is present in the sperm cells, the male mitochondrial genes are not transmitted to the 
progeny [21]. In a mature spermatozoon, the protein synthesis machinery is absent, and there-
fore, no gene expression can occur. However, the sperm epigenomic transmission of informa-
tion from father to progeny is nowadays corroborated by experimental results in mammals 
[22], but little is known in fish species. The centriolar complex of mid-piece consists of the 
proximal and the distal centrioles, the latter forming the basal body of the flagellum. This 
complex anchors the flagellum to the head of the sperm cell and is normally located in close 
vicinity of the nucleus. Such mechanical anchoring is crucial for the process of wave develop-
ment. It is worth mentioned still that the mid-piece of fish spermatozoa remains separated 
from the flagellum by the cytoplasmic canal.

The length of fish sperm flagella varies from 20 to 100 μm depending on species. Flagellar 
bending is generated by a highly organized cylindrical system of microtubules, called the 
axoneme, emanating from the basal body [23]. The basal body is a barrel-like structure 
made of nine triplet of microtubules strongly associated together, which reminds a cart-
wheel in the lumen of the proximal portion of the basal body [5, 13, 15]. As explained later, 
the anchoring of the flagellum to the basal body is essential for the wave generation mecha-
nism. In turn, the canonical axoneme consists of nine pairs of peripheral microtubular dou-
blets and one central pair of singlet microtubules. This structural arrangement is illustrated 
in Figure 1. Although the patterns adopted during flagellar movement are distinct from 
those of ciliary movement, and flagella are typically much longer than cilia, such basic 
“9 + 2” structure of the axoneme is highly conserved and almost identical among eukaryotic 
cilia and flagella from protozoans to human. In the axonemal structure of some species, 
there are some variations though, for example, in Anguilliformes and Elopiformes sperm 
flagella present a “9 + 0” pattern lacking central microtubules [7, 19, 24]. This specific 9 + 0 
structure is probably responsible for the helical shape (3D) of flagellar waves in those spe-
cies, a feature that contrasts with planar flagellar waves developed by the 9 + 2 canonical 
structure [7, 19].

Biophysics of Fish Sperm Flagellar Movement: Present Knowledge and Original Directions
http://dx.doi.org/10.5772/66863

129



The structural connections between the nine peripheral outer doublets and the sheath sur-
rounding the central pair are named radial spokes. The central pair itself is enclosed in this 
sheath of proteins forming a series of projections that are well positioned to interact with 
each of the spoke heads and are among candidates to regulate the wave propagation [25]. 
Each of the outer doublets is connected to adjacent pairs of doublets by nexin links. The nexin 

Figure 1. Morphology (top) and ultrastructure of the axoneme (bottom) of fish spermatozoon (Chinook salmon 
Oncorhynchus tshawytscha). Top: general view of spermatozoon with the ribbon-shaped flagellum and longitudinal 
section of the head region (N–nucleus), mid-piece with mitochondria (M) and flagellum (F) obtained by electron 
microscopy; scale bar = 500 nm. Bottom: A cross section of the axoneme at the distal part of the flagellum and a three-
dimensional view of the arrangement of an axoneme. Microtubules are arranged according to the typical 9 + 2 structure 
with peripheral doublets (red), two central singlet microtubules (orange) and structures arranged around: the inner and 
outer dynein arms (blue and yellow), the radial spokes (green) and nexin links (pink).
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protein has elastic properties that allow to resist the free sliding of the microtubules with 
respect to each other during movement and is homologous to the dynein regulatory pro-
tein [26]. The peripheral doublets are strung with rows of dynein arms along the entire length 
of microtubules. These dynein arms consist of macromolecular ATPase complex [27] used as 
basic motor actuating the whole axoneme and extend from an outer doublet toward an adja-
cent doublet at regularly spaced intervals along the entire length of each A microtubules [28]. 
Both the spokes and the dynein complex contain different calcium-binding proteins so as for 
flagella to be able to respond to regulation by free calcium concentration through altering 
their beating pattern [29, 30]. Altogether, axonemes are composed of at least 500 different 
protein components [15].

The bending process in an axoneme is caused by sliding between two adjacent doublets of 
outer microtubules forced to slide relatively to each other by the molecular motive force, 
generated by dynein motor activity initially described by Gibbons and Rowe [27]. According 
to Ref. [31], the inner arms that are both necessary and sufficient to generate flagellar bends 
determine the size and shape of the waveform and the outer dynein arms add power and 
increase beat frequency. Due to enzymatic hydrolysis of ATP, which induces force genera-
tion of the power stroke of individual dyneins, the dynein arms interact with tubulin of the 
B-tubule from the adjacent doublet, causing a process of active sliding in a cooperative way 
[32]. The presence of inter-doublet links between peripheral microtubules and intermittent 
sliding between some of them creates a tension that results in flagellum oscillations [33]. Since 
the relative sliding of the microtubules at the proximal end (near the head) of flagellum is 
restricted because of the strict structural link between axonemal doublets and the basal body 
(see Figure 1), and as each microtubule doublet maintains its approximate radial position due 
to protein arrangement in the core of the flagellum, the filament is thus forced to bend. There 
are also some passive sliding that occurs in other portions of the axoneme as a consequence 
of the active sliding of doublets pairs [28], as well as recovery sliding due to elasticity of nexin 
links. To prevent sliding disintegration, dynein arms probably also act as linkers between the 
doublet microtubules. Apparently, the dynein arms could alternatively act either as motors 
or as anchors, although the separate functions of rigor formation and that of force generation 
could be segregated into different dynein molecules [15].

The axoneme is fully encased by the cell membrane. Often, the plasma membrane also forms 
one or two fin-like ridges along the fish sperm flagellar tail, which are oriented along the 
horizontal axis defined by the central microtubules [34–37]. The ribbon shape instead of 
the usual cylindrical shape of the flagellum makes it brighter when observed by dark-field 
microscopy and allows to better visualization and recording of wave shapes [6]. This feature 
of the flagellar membrane has been documented among species belonging to many fish fami-
lies: Poeciliidae, Jenysiidae, Pantodontidae and Embiotocidae [17, 38–40] and was shown to 
potentially contribute to improve the swimming efficiency [37].

Altogether, various and original characteristics of fish spermatozoa represent attractive bio-
logical objects generating model studies for specialists in fields of physics such as hydro-
dynamics and fluid mechanics. Flagellar movement can be explained by various functional 
models that account for the presumed mechanism on a theoretical basis and include features 
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resulting from experiments. Such computer modeling approach aims to explain how, during 
the movement, several bends of opposite angular direction coexist along a flagellum and how 
these bends propagate along the flagellum. The precise nature of the spatial and temporal 
control mechanisms regulating the various flagellar and ciliary beating patterns is still not 
fully understood [41].

3. Physical aspects of flagellar movement

In terms of physical quantitative description, the analysis involves a viscous and incompress-
ible fluid coupled to a single force-generating filament, the flagellum. In the past decades, 
several quantitative descriptions of the fluid dynamics of spermatozoa and ciliary propulsion 
have been attained successfully. The linear Stokes flow assumption has been used to inves-
tigate the hydrodynamic consequences of flagellar undulations taking into account the low 
value of the Reynolds number and the possibility to neglect inertial effects [42].

It has been hypothesized that flagellum is beating due to localized “contractions” propagated 
along the doublet microtubules [43]. According to the elaborated resistive force theory, active 
moments should balance both viscous and elastic moments present in the active filamentous 
flagellum. Bending waves could propagate along the flagellum if changes in length of con-
tractile elements cause delayed changes in tension. Based on this theory, several researchers 
developed and explored more refined models for ciliary and flagellar motion. Using a series of 
photographs of cell position separated by very short periods (millisecond range) and flagellar 
motion parameters, Brokaw [44] was probably the first who suggested to compare computed 
cell trajectories and flagellar shape with experimental observations. Eventually, he proposed 
the model for the control of switching in which curvature controls the flagellar beat [45, 46]. 
The curvature control hypothesis maintains that when the flagellum bends to a sufficient 
curvature due to active forces, it triggers the inactivation of one set of dyneins and the activa-
tion of the set on the opposite side of the axoneme. The detachment of dynein in this case is 
regulated by doublet curvature [46, 47]. The degree of curvature is considered as a mechani-
cal parameter of the axoneme that is in proportion of its resistance to bending. This model 
was expanded to include cross-bridge mechanics between microtubules [48]. The strain in a 
curved microtubule where the radius of curvature can reach up to 4 μm is very small (⇡ 1%), 
corresponding to strain in a tubulin dimer of angstrom range. Such a small strain is difficult 
to detect by an individual dynein microtubule-binding domain, except if dynein binds in a 
cooperative way. The degree of curvature of the axonemal microtubules could be controlled 
by a protein called “doublecortin.” It was recently shown that this protein binds with higher 
affinity to curved microtubule lattices than to straight ones [49].

In an alternative model, the control of switching where dyneins behave as slipping links was 
proposed. These links detach when subjected to forces acting parallel to the long axis of the 
microtubule doublets and thus oppose sliding [50, 51]. Appearance of sliding forces on one 
side of the axoneme induces detachment of the dyneins on the other side (and vice versa) 
meaning that opposite sides are antagonistic.
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A third model for regulating flagellar and ciliary beating is the geometric clutch theory 
developed by Lindemann [52]. This model treats the axoneme as dynamic elastic link-
ages exerting force between longitudinal arrays of doublet microtubules. The hypothesis 
is predicated that the transverse force that develops in the plane of bending of the axo-
neme changes the spacing between doublet microtubules and dynein bridges pull together 
adjacent doublets. The force generation of the attached dyneins creates sliding and bend-
ing. This active bending increases the transverse forces that pull the doublets apart and 
disengage the dyneins what allows the dyneins on the opposite side of the axoneme to 
attach [28].

Next model for cilia and flagella incorporates discrete representations of the dynein arms, the 
passive elastic structure of the axoneme including the doublets and nexin links [28, 53]. In this 
model, dynein activation is governed by a simple curvature control mechanism [46].

Recently, some authors developed a two-dimensional mathematical model of the axoneme 
that can incorporate any or all of these different feedback mechanisms above [54] in order to 
evaluate the validity of each model. This new model includes static curvature that is respon-
sible of asymmetric beats. Results of these authors favor the curvature control mechanism as it 
gives best agreement with the bending waveforms of Chlamydomonas flagella, and predict that 
the motors respond to the time derivative of curvature rather than curvature itself.

The above paragraph presents two levels of investigation for physical description of flagellar 
beating: either at the organelle level where the flagellum is considered as an active filament 
(without considering its internal structure), or at the macro-molecular level where internal 
components of the flagellum interact between each other in a coordinated mode.

4. Evaluation of fish sperm motility parameters

Due to the short duration of fish sperm motility, special methods for recording the sperm 
motion [55], and especially obtaining high-resolution flagellar images [14], have been devel-
oped. An unclassified and non-exhaustive list of variables that are commonly used to describe 
the motility phase of fish sperm in details includes: velocity of head displacement, percentage 
of motile cells, duration of motility, linearity of track of sperm heads, shape of the flagellar 
waves and other criteria such as wave velocity or frequency [14].

Duration of motility. The duration of motility period is estimated as the time period elapsed 
from activation by transfer in a swimming medium to the full arrest of progressive motility 
for all spermatozoa [14].

It has been demonstrated that the duration of motility is temperature dependent and species 
specific [56–58]. In cyprinids, it was shown that extracellular and intracellular pH, as well as 
the ionic composition of the swimming media, influences the initiation and duration of sperm 
motility [59]. As stated above, motility duration of fish spermatozoa is frequently limited by 
flagellar damages appearing during the motility period, mostly in relation to osmotic stress 
imposed at motility initiation [60].
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In both freshwater and marine fishes, two main and common flagellar damages were reported: 
cytoplasmic blebs emerge anywhere along flagellar length during the motility period which 
impairs the propagation of wave [61, 62] and curling structure at flagellar tip particularly 
close to the end of motility period, which shortens obviously the flagellar length and leads to 
decrease the efficiency of axonemal beating [10, 11, 63, 64]. Damages such as blebs and curl-
ing usually result from local membrane defects caused mainly by hypo-osmotic shock, and 
they are usually reversed when reestablishing the osmolality of the surrounding solution to 
correct values [10, 65].

Duration of motility is also closely related to energy stored in fish sperm cells [16, 66, 67], 
as fast motility needs large rate of energy consumption that cannot be compensated by mito-
chondrial ATP production [4, 9]. When intracellular ATP store becomes low, flagellar dynein 
ATPases start to function at low rates that causes the decrease of wave amplitudes and eventu-
ally slows down the progressive motion [68–71]. Due to the decrease of the ATP store during 
progress of the motility phase [9, 66], the proportion of motile cells in the sperm population 
also decreases as a function of time after activation, which also contributes to a decrease in 
fertilizing ability [72]. In addition, as a consequence of ATP hydrolyses, ADP is continu-
ously accumulating and at the end of the motility period reaches its maximal value [72]. 
It was shown that the presence of ADP releases the inhibitory effects of high concentration 
of ATP in sea urchin sperm [73, 74]. In fish sperm, a low ATP/ADP ratio would oppositely 
favor dynein inhibition and contribute to the decrease of flagellar beat frequency [75]. For 
example, in trout sperm, ATP has a Km value of 0.2 mM [76], while the Ki for ADP is about 0.27 
mM [77], and at the end of the motility period, internal ADP concentration reaches 2.28 mM, 
while concentration of ATP is much lower. The importance of ATP as energetic compound 
for sperm motility [9] is related to another major energetic compound, the creatine phos-
phate [78–80].

Sperm velocity. Sperm velocity represents a global combination of several parameters such 
as head dimension (diameter of head), beat frequency, length of flagellum and physical 
parameters of wave propagation like wave length and amplitude [43], which contributes dif-
ferentially to energetic exhaustion. Velocities of spermatozoa are greatest immediately after 
activation [4], for example, in halibut 150–180 μm/s [81, 82], in fugu 160 μm/s [83], in cod 
65–100 μm/s [84] or 130 μm/s [64], in hake 130 μm/s [64, 85], in tuna 215–230 μm/s [86], in 
turbot 220 μm/s [70, 87] and in sea bass 120 μm/s (straight line velocity) [69, 88]. High initial 
velocity leads to shortened total duration of motility, because fish spermatozoa mostly rely 
on their preaccumulated energy store for operating their propulsive motors [4, 9]. The veloc-
ity characteristics may be modulated by sperm microenvironment and particularly pH and 
osmolality of the swimming medium [6]. For instance, by increasing the osmolality of the 
activation media, the number of wave and curvatures along the flagellum will increase and 
this can be accompanied by a decrease in sperm velocity.

The above paragraph presents an overview of the methods and results leading to quantitative 
description of the fish sperm movement characteristics.
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5. Flagellum wave propagation

The numerous variables developed for description of sperm motility by a follow-up of head 
displacement as used in CASA (Computer-assisted sperm analysis) (see above) are not indepen-
dent but rather redundant. Therefore, unrelated variables were designed to describe specifically 
the flagellar beating through their wave properties [89]. Initial studies developed on inverte-
brate’s sperm flagella [90] were applied to flagella of marine fish spermatozoa [14, 91, 92] such 
as turbot [70], sea bass [69], cod and hake [64], as well as to freshwater species such as trout [78], 
salmon [93], carp [60], sturgeon [3] and pike [11]. Some of the flagellar wave parameters play a 
critical role for the displacement efficiency of the whole sperm cell and control the forward veloc-
ity of translation, for example, the amplitude and the length of each flagellar wave, the number 
of bends, the curvature of the bend pattern, the wave velocity and the flagellar beat frequency.

The traits of the motility behavior of sperm flagella of fish with external fertilization are quite 
similar in several respects [87, 94]. Normally, wave propagation occurs from head to flagellar 
tip leading to forward movement of the spermatozoon with head first [5, 15]. More recently, 
the appearance of first bends at motility activation was described in detail [3, 95]. In most 
cases, the first bend initiates from the region close to the head and propagates toward the 
flagellar tip [3, 95]. This bend is then followed by a next one with opposite direction of cur-
vature so that several successive bends occupy the whole flagellar length, mostly during the 
earliest period of fish sperm motility [5, 15]. The bend initiation mechanism itself is still not 
fully explained [96]. Studies demonstrated that the axoneme of demembranated spermatozoa 
(after removal of the membrane of flagella by application of a mild detergent) could be reiniti-
ated to produce waves, if energy in the form of ATP was provided to the system [27, 97]. In 
case of rainbow trout, chum salmon or sturgeon, flagellar axonemes need to be exposed to 
both cyclic AMP (cAMP) and ATP to become functionally motile [61, 76, 80, 98, 99]. However, 
this feature is not general as the presence of cAMP does not seem to be necessary for sperm 
motility initiation in many other fish species [100, 101].

In all fish species studied so far, the waves propagate the whole length of the sperm flagel-
lum when observed right after activation. However, during the motility period of fish sperm, 
several types of modifications of the wave pattern appear, which are paralleled by a decrease 
in flagellar beat frequency [6, 94]. The second part of the motility period is identified by the 
restriction of the waves to the third or quarter length of the flagellum near the head, leading 
to inefficiency of translation of the wave, decrease of velocity, and is ending up by a full stop 
[11, 62, 72, 78, 87]. This has been interpreted in terms of an energy transfer deficiency from the 
mid-piece (ATP production in mitochondria) to the distal part of the flagellum where ATP is 
consumed [68]. Similar problems of energy availability in trout spermatozoa were related to 
insufficiency of the ATP/creatine-phosphate shuttle [78].

Most paradigms on wave generation and propagation along the axoneme of flagella state that 
there is a clear distinction between the dynein-dependent microtubule sliding actuated by the 
dynein oscillatory motor and the bending mechanism that should include regulator mecha-
nism responsible for the wave propagation. During wave propagation, a bending/relaxing 
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cycle propagates in register and in a frame-shifted manner with the clusters of dynein-ATPase 
motors operating along the axoneme [44]. The motor components and their actuating mecha-
nism are nowadays well understood, but little is known about the elements responsible for 
the bending regulating [13].

The input of the above studies conducted at the intra-flagellar level shows how the coordination 
between all the flagellar participants is crucial for the optimization of the flagellum function.

6. Wave shape: analysis and quantification

As a general description, the wave shape of fish sperm flagella is of the arcsine type, that is, 
linear segments intercalated between two successive curvatures, similar to what occurs in 
tunicate sperm flagella or sea urchins [102].

Usually, it is assumed that flagellar waves are almost planar, that is, each sine wave is “flat” and 
the successive waves are coplanar. An exception to wave’s flatness can be found in European 
eel spermatozoa, which possess a corkscrew wave shape [7, 19, 103]. However, this helical 
wave pattern has lower efficiency in terms of forward velocity of the spermatozoa even though 
flagella beats at high frequency, up to 95 Hz [7, 19]. It is also suggested that swimming in 2D 
partly prevents dispersion of spermatozoa far away from the egg. This hypothesis was recently 
tested in a simulation study [104] showing that the predicted physical advantage is related to 
the relative angle between sperm swimming plane and egg surface plane. In many cases and 
species, waves are not perfectly planar, but slightly deviate from a strict plane while succes-
sive waves are not coplanar. This feature was described for sperm flagella in several species. 
Such slight distortion from wave flatness would explain the ability of sperm cells to maintain 
swimming in the surface vicinity [105]. Actually, the majority of cells in a population of fish 
spermatozoa swim in the vicinity of glass surfaces [106]. Swimming in vicinity of surface is 
also a property that is observed in human sperm [107]. It is speculated that such an ability to 
swim in the vicinity of the egg surface probably represents a biological advantage for fertiliza-
tion efficiency.

In addition, sperm cells may be observed rotating transiently during the motion. For example, 
in the case of paddlefish and sturgeon, due to the rotation of the whole sperm cell, each sper-
matozoon image appears alternatively with flagellar top view (waves in the plane of observa-
tion) or side view, with waves orthogonal to the observation plane [61, 93, 106]. Nevertheless, 
waves are not arranged according to a helical shape but rather as successive waves subscribed 
in different planes [105]. For sperm with quite symmetrical heads, nonplanar beating can 
occur with cell rolling during surface swimming, resulting in circular swimming trajectories 
in the direction of cell rolling, which is always the same within a species [108].

The wave shape of fish sperm flagella is affected by several factors, such as the energetic 
content (ATP), which controls wave amplitude [6, 72], the internal ionic concentration (ionic 
strength) that affects the constancy of the wave amplitude along flagellum as well as physical 
constraints imposed by the external milieu like viscosity and temperature [11, 12, 87, 109].
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Energetic content. The rate of energy consumption (ATP hydrolysis) by sperm flagellum determines 
the flagellar beat frequency and therefore velocity of forward displacement of fish spermatozoon 
[9, 13, 110, 111]. As already widely discussed above, there is a progressive decrease in the flagel-
lar beat frequency in individual fish spermatozoa during the motile phase [55, 112]. Therefore, in 
case of fish sperm flagella, the beat frequency measurement should be associated with the precise 
timing after activation of that measurement because of its fast decay as a function of time [12, 14].

Internal ionic concentration. The intracellular ionic concentration is indirectly governed by 
the external osmolality. It was shown that the change of extracellular osmolality, which per-
ceived by spermatozoa when transferred from seminal fluid to external milieu, causes a 
rapid change in intracellular ionic concentration observed during the course of the motility 
phase [94, 109]. As a consequence, the flagellar axonemes become exposed to a more and 
more drastic intracellular environment for dynein motors leading to reduce the develop-
ment of waves (dampening process described above) and eventually lead to a full arrest 
of motility [5, 69, 72]. In some species, dampening of flagellar waves during the motility 
period is accompanied by asymmetry of beating. The ability to develop either symmetric or 
asymmetric ways of beating results in imbalanced amplitude of the bends following each 
other. For instance, if both bends are of equal curvature, then the symmetrical movement of 
sperm flagella is developed, which leads the sperm cells to describe linear tracks [13]. In case 
of asymmetry, sperm movement becomes consequently circular and sperm cells describe 
circles of corresponding diameter [113]. In cases studied in detail, asymmetry of beating 
is related to Ca2+ regulation, probably through a Ca2+-calmodulin-dependent phosphory-
lation of some axonemal proteins [113, 114]. This Ca2+-induced asymmetry also occurs in 
freshwater species, such as trout [115] and carp [60], where due to increased Ca2+ concen-
tration spermatozoa describe circular trajectories, which become tighter with time elapsed 
after activation. Nevertheless, it was shown that asymmetry of the flagellar waveform can 
appear in the absence of any cell signaling change or flagellar heterogeneity. In physics, such 
phenomenon occurs commonly in elastic filament dynamics (so-called buckling instability) 
when passive filaments are subjected to high tangential forces. This was demonstrated also 
for asymmetric flagellar bending [116].

Viscosity. Sperm migrating in high viscosity fluids commonly exhibits larger numbers of waves 
though of lower amplitudes [86, 107]. Thus, an increase in viscosity by addition of viscous 
compounds in the swimming medium actually leads to a lowering of propulsive velocity of the 
sperm [86]. Practically, viscous medium mimics the situation occurring for sperm cells in ovary 
fluids or jelly-like layers that surround eggs in some fish species [117]. In addition, variations 
in the constitutive morphology of individual spermatozoa within the species also influence 
their velocity in viscous media [118]. As already mentioned, the viscosity effects are enhanced 
in case of the ribbon-shaped flagella like those in fish spermatozoa possessing fins, the latter 
greatly increasing the surface of viscous interaction with the surrounding medium [37].

Temperature effects. Fish species are adapted to a large variety of temperatures (from several 
degrees below 0 to 40–50°C). Low temperature could represent an adverse factor for sperm 
to fertilize eggs because decreasing the temperature reduces the flagellar beat frequency 
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and consequently the sperm translational velocity [57]. This is probably compensated by 
the increase motility duration observed when temperature is decreased [57, 58, 119], the 
latter increasing statistically the chances of egg-sperm meeting. The relationship between 
beat frequency and temperature provides an opportunity to get access to important ther-
modynamic variables of the flagellar beating [120]. From a thermodynamic point of view, 
pressure  represents an  additional factor possibly acting on sperm performances, taking into 
account that sperm spawning occurs in deep water in some marine fish species [121]. Little 
is known about the pressure effects on flagellar behavior because of technical limitation for 
such studies [122].

In addition, measurement of flagellar parameters including beat frequency at different tem-
peratures allows better understanding of energetic constraints involved in sperm movement 
[4, 56, 57]. The behavior of fish sperm flagella presents various and original interests as they 
are able to convert chemical energy into mechanical to generate movement [120]. Due to bio-
physical methods, such as hydrodynamic analyses of the beat patterns, it become possible to 
estimate the minimum intracellular consumption of chemical energy that needed for flagellar 
motion [16].

Some fish species reproduce at temperatures definitely lower than room temperature, and 
therefore, motility parameters should be measured at lower temperatures. As an option 
observation can be carried out in a temperature-controlled room. In addition, it is possible to 
control the temperature on the microscope itself, but this often leads to problem of condensa-
tion on the condenser and objective lenses. The temperature control of the glass slide can be 
simply set due to the contact with a cooling micro-Peltier plate. This also allows to measure 
local temperature with a micro-thermistor immersed in the observation drop [14].

Figure 2. Series of images of sturgeon sperm illustrating the measurements of the flagellar wave parameters: wavelength, 
wave velocity, beat frequency, bend amplitude and local bend angle.

Cytoskeleton - Structure, Dynamics, Function and Disease138



and consequently the sperm translational velocity [57]. This is probably compensated by 
the increase motility duration observed when temperature is decreased [57, 58, 119], the 
latter increasing statistically the chances of egg-sperm meeting. The relationship between 
beat frequency and temperature provides an opportunity to get access to important ther-
modynamic variables of the flagellar beating [120]. From a thermodynamic point of view, 
pressure  represents an  additional factor possibly acting on sperm performances, taking into 
account that sperm spawning occurs in deep water in some marine fish species [121]. Little 
is known about the pressure effects on flagellar behavior because of technical limitation for 
such studies [122].

In addition, measurement of flagellar parameters including beat frequency at different tem-
peratures allows better understanding of energetic constraints involved in sperm movement 
[4, 56, 57]. The behavior of fish sperm flagella presents various and original interests as they 
are able to convert chemical energy into mechanical to generate movement [120]. Due to bio-
physical methods, such as hydrodynamic analyses of the beat patterns, it become possible to 
estimate the minimum intracellular consumption of chemical energy that needed for flagellar 
motion [16].

Some fish species reproduce at temperatures definitely lower than room temperature, and 
therefore, motility parameters should be measured at lower temperatures. As an option 
observation can be carried out in a temperature-controlled room. In addition, it is possible to 
control the temperature on the microscope itself, but this often leads to problem of condensa-
tion on the condenser and objective lenses. The temperature control of the glass slide can be 
simply set due to the contact with a cooling micro-Peltier plate. This also allows to measure 
local temperature with a micro-thermistor immersed in the observation drop [14].

Figure 2. Series of images of sturgeon sperm illustrating the measurements of the flagellar wave parameters: wavelength, 
wave velocity, beat frequency, bend amplitude and local bend angle.

Cytoskeleton - Structure, Dynamics, Function and Disease138

Successive positions of flagellar waves can be observed in series of video frames obtained at 
several time intervals during the motility phase. This allows measurement of flagellar wave 
parameters (Figure 2).

The above paragraph shows that internal parameters (energy content as example) act in syn-
ergy with external parameters (viscosity as example) and complement each other in the sig-
naling processes that allow fish spermatozoa to rapidly adapt to a large diversity of situations 
they are confronted to during their short-term motility.

7. Conclusions

The main aim of this review is to describe features of fish sperm motility, flagellar mechanics 
and different characteristic determining movement and show the interest of studying them 
from a biophysical point of view. To assess motility of fish sperm, a lot of variables, such as 
velocity of head displacement, percentage of motile cells, duration of motility, linearity of track 
of sperm heads, are commonly used to estimate the ability of a sperm population to achieve 
optimal fertilization. All these parameters describe the whole cell movement through the 
head displacement, but data that are more informative can be obtained from observation of 
flagellar behavior, as the flagellum is the actual source of movement generation. At present, 
most investigations on the mechanisms of flagellar beating and propulsion of spermatozoa 
were developed due to studies on mammalian and sea urchin flagella. Nevertheless, detailed 
records of fish sperm flagella from different species offer a unique opportunity to observe suc-
cessive stages in the swimming period: activation step of motility itself, motility period and the 
gradual decrease leading to the end of the motility period. Due to the fact that fish spermatozoa 
swim at high speed and possess short period of motility, it has been historically difficult to 
observe their flagellar behavior. Therefore, most of knowledge about fish sperm motility was 
initially obtained from studies of the head movement using, for instance, CASA. However, 
additional methods to describe the details of wave flagellar movement, such as high magnifica-
tion microscopy combined with stroboscopic illumination and high-speed video microscopy, 
were developed recently and become accessible. First attempts to obtain detailed description of 
fish flagellar behavior already reveal to be helpful for basic understanding of mechanistic and 
hydrodynamic aspects of their motile function and its adaptability. A further challenge will be 
to integrate the understanding of these basic mechanisms to the diversity of patterns exhib-
ited during spermatozoa movement in different swimming fluids and under various signaling 
processes.
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Abstract

Apoptosis is a regulated energy-dependent process for the elimination of unnecessary or
damaged cells during embryonic development, tissue homeostasis and many patholog-
ical conditions. Apoptosis is characterized by specific morphological and biochemical
features in which caspase activation has a pivotal role. During apoptosis, cells undergo
characteristic morphological reorganizations in which the cytoskeleton participates
actively. Traditionally, this cytoskeleton rearrangement has been assigned mainly to
actinomyosin ring contraction, with microtubule and intermediate filaments both
reported to be depolymerized at early stages of apoptosis. However, recent results have
shown that microtubules are reformed during the execution phase of apoptosis forming
an apoptotic microtubule network (AMN). Current hypothesis proposes that AMN is
required to maintain plasma membrane integrity and cell morphology during the exe-
cution phase of apoptosis. AMN disruption provokes apoptotic cell collapse, secondary
necrosis and the subsequent release of toxic molecules which can damage surrounding
cells and promote inflammation. Therefore, AMN formation in physiological or patho-
logical apoptosis is essential for tissue homeostasis.

Keywords: microtubules, actin, intermediate filaments, apoptosis, apoptotic microtu-
bule network

1. Introduction

The term apoptosis refers to the process of programmed cell death characterized by a stereo-
typic sequence of cellular events including cell shrinkage, caspase activation and degradation
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of cell content, blebbing and maintenance of plasma membrane integrity and condensation
and fragmentation of DNA, followed by ordered removal by phagocytes [1]. Apoptosis was
first described in 1972 as a vital biological phenomenon, with both physiological and patho-
logical implications [2]. Apoptosis regulates cell number in tissues serving as a quality control
mechanism in order to eliminate damaged and senescent cells, and it has been proven to be
essential during development of multicellular organisms. In the proliferative environment of
embryonic development, apoptosis helps to shape organs, drives morphogenesis and deletes
structures that won't be required any longer; for instance, the formation of the four-chamber
architecture of the heart is a consequence of this process [3].

Traditionally, the process of apoptosis occurs in three distinct phases: induction, execution and
clearance. The first one comprises all the intrinsic or extrinsic environmental changes that lead
to the activation of the apoptotic cascade. Meanwhile, the execution phase is distinguished by
the activation of a caspase-dependent proteolytic cascade [4]. Caspases are aspartic acid-
specific proteases responsible for cellular components degradation. Some of them, such as
caspase-8 and -9 act as initiators of the apoptotic signalling pathway, while other caspases such
as caspases-3, -6 and -7 operate as executor caspases which actively participate in the degrada-
tion of intracellular proteins [5]. Eventually, the dying cell is engulfed by professional phago-
cytes or by neighbouring cells. This process of apoptotic cell clearance is essential for tissue
turnover and homeostasis [6].

The fate of apoptotic cells in multicellular animals is their prompt elimination by professional
phagocytes. However, cells that perform apoptosis in vitro cultures progress to secondary
necrosis, which implies the loss of membrane integrity and the release of cellular content into
the culturing medium [7]. In vivo, apoptotic cells can also undergo secondary necrosis when
they are not properly eliminated due to massive cell death or impaired phagocytosis [8].

Efficient apoptotic cell removal is driven by the interaction with phagocytes through the
expression of “eat-me” signals, the release of “find-me” signals, engulfment of the dying cell
and its eventual digestion in phagocyte phagolysosomes. This interaction prevents
undesired immune reactions by contributing to the development of an immunomodulatory
environment [9]. On the other hand, secondary necrosis is thought to be pro-inflammatory
and immunogenic, as it causes the release of endogenous damage-associated molecular
patterns (DAMPs) [8]. Among DAMPs are proteolytically processed autoantigens, nucleo-
somes, proteases, calcium-binding protein (calgranulin), high-mobility group box 1 (HMGB-
1) and urate crystals.

2. Cytoskeleton rearrangements during the execution phase of apoptosis

Cell contraction, plasma membrane blebbing, chromatin condensation and DNA fragmenta-
tion are typical hallmarks of the execution phase of apoptosis, which lasts approximately 1 h
[10]. In order to achieve such dramatic morphologic changes, apoptotic cells make profound
cytoskeleton reorganizations. On the other hand, caspase-mediated cytoskeleton proteins
digestion ensures the proper dismantlement of the dying cell [11].
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The eukaryotic cytoskeleton is mainly composed of actin filaments, microtubules and interme-
diate filaments. These three constituents act coordinately to increase tensile strength, allow cell
motility, maintain plasma integrity, participate in cell division, contribute to cell morphology
and provide a network for cellular transport [12]. It is widely accepted that actin cytoskeleton
plays a central role in cell remodelling during the execution phase of apoptosis [13], while
microtubules and intermediate filaments are disorganized at the onset of this phase [10].
However, recent work have demonstrated that microtubules are reorganized at later stages of
apoptosis, giving rise to the formation of the apoptotic microtubule network (AMN) that

contributes to the maintenance of the plasma membrane integrity [14, 15]. All these events are
summarized in Figure 1.

Intermediate filaments are ubiquitous cytoskeletal components of 10 nm of diameter which
provide mechanical strength and allow tissue growing among other functions. According to
amino acid sequence identity, intermediate filaments can be classified into six types. Acidic
keratins belong to type I, whereas basic keratins belong to type II intermediate filaments. They
are typical components of hair and epithelium. Type III includes vimentin, desmin, glial
fibrillary acidic protein and perinephrin. Nuclear lamins A and B, which support the cell
nucleus, are represented by type V. Finally, type VI refers to nestin [16]. Intermediate filaments
connect with other cytoskeletal components via cytolinker proteins of the plakin family,
including desmoplakin, periplakin and plectin [17]. At the onset of the execution phase of
apoptosis, type I keratins are targeted by caspases-3, -7 and -6 at their linker domain, whereas
type II keratins are resistant to caspase-mediated proteolysis. Similarly, type III intermediate
filaments, such as desmin or vimentin, are cleave by caspases. Once cleaved, intermediate
filament subunits accumulate in the cytoplasm forming large aggregates. All these events
contribute to cytoskeleton reorganizations [18]. Furthermore, caspase digestion of K18 (type I)
has been proved to be indispensable for membrane integrity maintenance during apoptosis, as
interference with keratin caspase cleavage shunts hepatocytes towards necrosis [19]. Keratins
are not only caspase substrates but they also seem to regulate the induction phase of apoptosis.

Figure 1. Cytoskeleton rearrangements during the execution phase of apoptosis.
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Thus, it has been shown that deficiencies in keratins 8 and 18 favour tumour necrosis factor
(TNF)/cycloheximide-induced cell death. Keratin 18 sequesters the adaptor molecule TNF
receptor-associated death domain (TRADD) and thus prevents its interaction with the TNF
receptor, regulating negatively apoptosis. In contrast, keratin type II K8 offers protection
against Fas-mediated apoptosis.

With respect to the digestion of nuclear lamins, nuclear breakdown begins with the activation
of caspases. Lamins appear to be specifically targeted by caspases 3 and 6 that become
activated both via the intrinsic and extrinsic pathway of apoptosis [20]. However, little is
known about the exact mechanism by which the cell nucleus dismantles. It has been
established that active caspases are able to proteolyze lamins A and B, leading to lamina
cleavage and chromatin condensation and fragmentation. These alterations contribute to the
collapse of the nucleoskeleton [18].

Microtubules are depolymerized at the same time that intermediate filaments although the
exact molecular mechanism involved is still unknown. Several hypotheses have been postu-
lated to explain this process, which are not mutually exclusive [21]. Microtubules are polar
protofilaments made up of α and β tubulin, which are involved in cell migration, growth,
transport or mitosis [22]. Their dynamics is governed by microtubule-associated proteins
(MAPs), Ran-GTP and proteins that bind to tubulin [22–24]. The cyclin-dependent kinase 1
Cdk1, associated with cyclin B is a key regulatory kinase which controls the entry in mitosis
and regulates microtubule dynamics. In fact, it induces the depolymerization of interphase
microtubules [25]. Cdk1 regulates some microtubule effectors such us MAP4, which reduces
its ability to stabilize microtubules after phosphorylation [26]. In addition, Cdk1 is able to
phosphorylate β-tubulin, thus inhibiting its incorporation to growing protofilaments. As Cdk1
and other Cdks activities have been observed during apoptosis, it has been suggested that they
may act essential regulators in the apoptotic cytoskeleton reorganizations during apoptosis
[27]. On the other hand, some authors have shown that microtubules depolymerization is
associated with activation of the PP2A-like phosphatase, dephosphorylation of the microtu-
bule regulator τ protein and deacetylation of tubulin [28]. This last mechanism can coexist with
the hypothesis of Cdk1 regulation because PP2A downregulates the Cdk1 activator Cdc25
phosphatase [29].

In contrast to the apparent passivity of intermediate filaments and microtubules, the actin
cytoskeleton is highly dynamic, and its remodelling turns out to be essential in the first stages
of apoptosis. Actin filaments function in the generation and maintenance of cell morphology
and polarity, endocytosis, intracellular trafficking, contractility, motility, cell division and apo-
ptosis [30]. Actin is a 42-KDa globular protein (G-actin) which polymerizes to form actin
filaments (F-actin). They adapt to the cell environment through actin-binding proteins (ABPs)
which regulate actin cytoskeleton dynamics. A family of RhoGTPases are in charge of control-
ling ABPs in such a way that actin is organized into highly ordered structures such as stress
fibres, lamellipodia and filopodia in non-apoptotic cells [13].

Once adherent cells have initiated apoptosis, they partially detach from the substrate by losing
their focal adhesion sites. This is achieved by caspase-mediated cleavage of the focal adhesion
kinase pp125, among other proteins [31]. Next, actin is reorganized into an actin-myosin II
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cortical ring with contractile force. Actinomyosin contraction is activated via the Rho/Rho-
kinase (ROCK) signalling pathway which ends up with the phosphorylation of myosin light
chain II (MLC-II) [32]. Rho-kinases are effectors of Rho-GTPase proteins, being RhoA and
RhoC the most well characterized ROCK regulators [33]. Active GTP-bound Rho proteins
activate ROCK by binding to their C-terminal portion of the coiled coil. Then, it induces
actinomyosin contraction through two distinct mechanisms. First, it can increase the phos-
phorylation state of the MLCs by inhibiting the MLC phosphate or by directly phosphorylat-
ing MLC-II [32]. Alternatively, ROCK I but not ROCK II can be cleaved by caspase-3 at a
conserved DETD1113/G sequence and its carboxy-terminal inhibitory domain is consequently
removed [34]. The contractile force generated depends on other ROCK targets, such as the LIM
kinase (a serine/threonine kinase containing LIM and PDZ domains), which phosphorylates
and inactivates the actin stabilizer cofilin [35]. Cortical ring contraction results in the formation
of membrane protrusions known as blebs. Their formation depends on a pressure gradient
between the extracellular medium and the intracellular medium, taking place in areas of
external negative pressure or in places where the plasma membrane is weakened as a conse-
quence of caspase cleavage [11]. Thus, blebbing appears to be also dependent on the activation
of ROCK by active caspases because it can be blocked by Y27632, a ROCK selective inhibitor.
However, C3 toxin-induced inhibition of Rho is unable to block the formation of blebs [36].

Actinomyosin ring contraction is a fast process and coincides with the beginning of the
execution phase. After that, cell content including organelles is packaged into apoptotic bodies
and the actin cytoskeleton is dismantled by caspases [32]. Rho GTPases effectors contribute to
this new cytoskeleton reorganization [11]. The Rho effector protein kinase C-related kinase
(PRK1) is cleaved by caspase-3 generating a constitutively active kinase fragment that is able to
induce actin structures disassembly [37, 38]. Similarly, the Rac effector p21-activated kinase
(PAK2) may promote stress fibres dissolution after caspase cleavage [39]. Likewise, caspase-3
induces gelsolin fragmentation, contributing to the collapse of actin filaments in a calcium-
independent manner [40].

At this time of the execution phase, apoptotic cells lack the main structured elements of
cytoskeleton. It is then, when microtubules reorganize to give rise to the AMN [21]. Its
organization, maintenance and properties will be reviewed in the next sections.

3. Influence of apoptotic cells on tissue remodelling

In tissues, apoptotic cells interact with their neighbouring partners and eventually must be
eliminated. For example, in epithelia apoptotic cells are removed from the tissue by cell
extrusion. Dying cell ejection is usually done apically, although it has been described that cells
also extrude basally during Droshophila development. This coordinated process is necessary
for tissue homeostasis and developmental morphogenesis [41]. In 2001, Rosenblatt et al. pro-
posed a model to describe the sequence of events during epithelia extrusion [42]. They dem-
onstrated that an actinomyosin ring is formed both in the apoptotic and in the neighbouring
non-apoptotic cells. Apoptotic cells were proposed to send an undetermined early signal to the
adjacent epithelial cells to induce the formation of an actinomyosin cable ring as well as the

Cytoskeleton Rearrangements during the Execution Phase of Apoptosis
http://dx.doi.org/10.5772/66865

155



activation of small RhoGTPases. Recently, spinsohine-1-phosphate receptor 2 pathway has
been proposed as the mediator between apoptotic and non-apoptotic cells [43]. Contraction of
the cable ring extrudes the now late apoptotic cell out of the epithelium. In other words, during
apoptosis within epithelia, dying cells are able to not only rearrange their cytoskeleton but also
induce actinomyosin reorganizations within adjacent cells. Importantly, apoptotic cell mem-
branes do not permeabilize until cell extrusion is completed [44].

The mechanical force produced during apoptosis is used not only to extrude dying cells from
tissues but also to change the morphology of neighbouring cells to fill the space originally
occupied by the dying cell [45]. This finding suggests that apoptotic forces might be harnessed
throughout cell death-related morphogenesis. Mechanical forces arising from the apoptotic
process had been originally proposed as an “apoptotic force theory” [46] that would
be important during animal development including elimination of interdigital webs, dorsal
closure or leg folding [46, 47]. Therefore, apoptosis should not be seen as a passive carving
process. Instead, it is a generator of mechanical forces and an active player during tissue
remodelling that helps to the correct morphogenesis of embryos and control of tissue
dynamics [47].

4. Apoptotic microtubule network

The reorganization of microtubules during the execution phase of apoptosis has been exam-
ined in a variety of cell lines such as H460, A431, HeLa cells, primary human fibroblasts and
pig LLCPK-1α cells, under several apoptosis inducers such as camptothecin (CPT),
anisomycin, staurosporine, serum withdrawal, UV irradiation and TNF-related apoptosis-
inducing ligand (TRAIL). In addition, apoptotic microtubules have also been observed in cell
fragments and apoptotic bodies [48, 49]. These findings suggest that AMN may play an
important role during the apoptotic process.

Commonly, AMN is arranged beneath plasma membrane, adopting a cortical structure that
gives a “cocoon-like” structure which confines most of the intracellular content of apoptotic
cells. Furthermore, apoptotic microtubules may extend from the body of apoptotic cells as
long and thin spikes, suggesting a key structural role in maintaining apoptotic cell morphol-
ogy and surface extensions (Figure 2). Apoptotic microtubules organization beneath plasma
membrane also suggests that AMN may function as a kind of support to preserve plasma
membrane integrity and/or as a barrier for confining the degradation reactions inside
apoptotic cells.

Apart from plasma membrane protection, another function of apoptotic microtubules has been
associated with the process of apoptotic body formation by helping to sustain the peripheral
localization of chromatin within surface blebs and by facilitating cell fragmentation [48].

To exclude the possibility that AMN could be an artefact of the process of fixation in the
immunofluorescence protocol, apoptotic microtubules formation has been also monitored
in vivo in pig epithelial (LLCPK-1α) expressing GFP-tubulin (Green fluorescent protein-tubulin)
and A431 cells expressing YFP-tubulin (Yellow fluorescent protein-tubulin) by live imaging [48,
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49]. In control interphase cells, microtubules are arranged in long fibres that fill the entire
cytosol, growing from a central microtubule organizing centre (MTOC) corresponding to the
likely position of the centrosome. In cells undergoing apoptosis, this radial network disappears
and is replaced by a cortical arrangement of microtubules corresponding to the AMN observed
by immunofluorescence of fixed cells. Initially, interphase microtubules are depolymerized
while cells rounded up in the early stages of the execution phase of apoptosis. However,
microtubules are soon reorganized beneath plasma membrane with a characteristic cortical
localization.

Under physiological conditions, cytoskeleton proteins support plasma membrane integrity.
Therefore, changes in the cytoskeletal components beneath plasma membrane can increase
membrane permeability. During the execution phase of apoptosis, both the cell cortical actin
network and intermediate filaments which support plasma membrane become depolymerized.
Therefore, apoptotic microtubules are the only remaining cytoskeletal component supporting
plasma membrane and cell shape during apoptosis. The organization of AMN beneath plasma
membrane suggests that tubulin repolymerization in the execution phase of apoptosis may
have a protective role, helping to maintain plasma membrane integrity and thus, delaying the
transition to secondary necrosis. In fact, AMN is present in all genuinely apoptotic cells but is
disrupted in cells undergoing secondary necrosis [49]. Furthermore, AMN disorganization by a
short treatment with colchicine, an inhibitor of tubulin polymerization, increases cell perme-
ability and the release of cell content into the culturing medium. In addition to a purely
supporting role, AMN disorganization by colchicine treatment may also facilitate the access of

Figure 2. Immunofluorescence microscopy image of control and apoptotic cells in the execution phase. Apoptosis was
induced in H460 cells by 10 μM camptothecin treatment for 48 hours. After fixation, control and apoptotic cells were
stained with anti α-tubulin (red), and coumarin-phalloidin to visualize actin filaments (blue). Nuclei were revealed by
Hoechst staining (blue). Arrows, apoptotic cells with AMN. Bar = 15 μM.
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caspases to essential proteins localized in plasma membrane and cellular cortex such as calcium
channels and fodrin (α II-spectrin) whose cleavage could induce ionic imbalance, cellular
collapse and eventually secondary necrosis [50].

5. AMN formation

As mentioned above, formation of AMN is a biphasic process: first, during the early phase of
apoptosis, interphase microtubules rapidly depolymerized, but soon after actin and interme-
diate filaments disassemble they are reorganized in extensive bundles of closely packed new
tubulin polymers. The initial microtubule depolymerization phase correlate with the loss of
centrosomal γ-tubulin, suggesting that the two events may be interconnected [48]. The mech-
anisms involved in centrosome disorganization remain unknown. One hypothesis is that
pericentriolar proteins can be cleaved by active caspases, but to our knowledge, none of these
proteins has been identified as caspase targets [51, 52]. Interestingly, it has been demonstrated
that dynein, a microtubule motor protein, is essential for the centrosomal localization of
pericentrin and γ-tubulin in living cells [53]. Cytoplasmic dynein function is abolished by
caspase cleavage during the execution phase [54]. Therefore, an alternative hypothesis is that
dynein hydrolysis reduces the content of pericentrin and γ-tubulin at the centrosome, thereby
impairing its capacity to nucleate microtubules.

On the other hand, the mechanism of microtubules reassembly in the execution phase remains
uncertain. Although the core centrioles remain essentially intact throughout apoptosis, they
are unlikely to direct the formation of the novel apoptotic microtubule array, because they are
not assembled with a radial pattern, and instead appear randomly throughout the peripheral
cytoplasm. Furthermore, apoptotic microtubules assembly takes place in the absence of γ-
tubulin ring complex, suggesting that AMN formation is produced by another unknown
mechanism [48, 49]. Although they are tightly packed, apoptotic microtubules are dynamic—
assessed by tracking the plus-end protein EB1 by time-lapse imaging [48]—indicating that
their polymerization is regulated.

It has been postulated that active caspases may cleave the C-terminal regulatory regions of
tubulins which increases their ability to polymerize and thus facilitate the formation of apo-
ptotic microtubules [52, 55]. However, AMN reorganization during the execution phase of
apoptosis has been also observed in the presence of caspase inhibitors [49].

In another approach, Jon Lane's group has described that active GTP-bound Ran is necessary
for apoptotic microtubule polymerization, and that RanGTP release into the apoptotic cyto-
plasm triggers microtubule nucleation [56]. They showed that RanGTP-activated spindle
assembly factor, TPX2 (targeting protein for Xklp2), escapes from the nucleus during the
execution phase and associates with apoptotic microtubule bundles [57]. Furthermore, silenc-
ing of TPX2 expression by siRNA impairs apoptotic microtubule polymerization. They pro-
pose that apoptotic microtubule polymerization shares several common characteristics with
mitotic and meiotic spindle assembly, with a particular dependence upon RanGTP and TPX2
[56]. These findings suggest that apoptotic cells utilize the RanGTPase pathway to promote the
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reorganization of apoptotic microtubules. In another study, the examination of apoptotic
microtubules components has showed that in addition to the expected tubulin subunits, they
bind other microtubule-associated proteins (MAP) such as MAP-4. These findings may be
interesting for elucidating the role of MAPs in AMN nucleation. Given previous evidences
associating MAP4 with microtubule nucleation and stabilization [58, 59], this protein may
participate in AMN formation and maintenance during apoptosis.

Although AMN lacks the morphological and functional accuracy of the mitotic/meiotic spindle
apparatus, it nevertheless represents a model of regulated non-centrosomal microtubule poly-
merization, and further accentuates how apoptosis should be viewed as regulated process of
cellular death.

6. Apoptotic microtubules delimit an active-caspase–free area in the
cellular cortex

AMN indeed may work as physical barrier impeding active caspases to access into the cellular
cortex where it can cleave critical proteins involved in plasma membrane integrity [60]. AMN
disorganization in apoptotic cells by colchicine, a microtubule depolymerizing agent, allowed
caspase-mediated cleavage of plasma membrane and cell cortex and proteins such as focal
adhesion kinase (FAK), E-cadherin, α-spectrin, paxilin, Na+/Ca2+ exchanger (NCX), plasma
membrane Ca2+ ATPase-4 (PMCA-4), β4 integrin and Na+/K+ pump subunit β. This caspase-
mediated proteolysis was associated with increase cell permeability, calcium and sodium
overload and bioenergetics failure that eventually led to secondary necrosis [50]. The essential
role of caspase-mediated cleavage of plasma membrane and cortical proteins in plasma mem-
brane permeabilization was demonstrated because the concomitant addition of colchicine and
Z-VAD, a pan-caspase inhibitor, blocked protein cleavage and significantly reduced plasma
membrane permeability and secondary necrosis.

7. Apoptotic cells with AMN enhance phosphatidylserine exposure and
interactions with macrophages

Clearance of apoptotic cells by phagocytes (or efferocytosis) can be divided into four distinct
processes: aggregation of phagocytes near apoptotic cells, recognition of apoptotic cells by cell
surface bridge molecules and receptors, engulfment of apoptotic cells, and degradation of
apoptotic cells within phagocytes [61]. The elimination of apoptotic cells by macrophages
reduces the probability of inflammation by ensuring that apoptotic cells are eliminated before
the release of intracellular contents into de extracellular medium [62, 63]. Apoptotic cells are
recognized by phagocytosis through the externalization of phosphatidylserine in the outer
leaflet of the plasma membrane [64]. Phosphatidylserine translocation is an early event of
apoptosis, occurring while the plasma membrane remains intact and cells exclude membrane-
impermeant dyes [65]. Phosphatidylserine exposure has been reported to be a caspase and
energy-dependent process [66, 67], but its mechanism is not completely understood. It has
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been proposed that a combined effect of activation of a lipid scramblase and downregulation
of a phospholipid translocase activity may contribute to phosphatidylserine exposure [68].

In agreement with a role of apoptotic microtubules for proper phosphatidylserine transloca-
tion, it has been shown that apoptotic cells with AMN show indeed high expression of
phosphatidylserine on the cell surface and increased phagocytosis rate. However, both pro-
cesses were markedly reduced when AMN was depolymerized by colchicine treatment [60].
Interestingly, phosphatidylserine externalization and phagocytosis of apoptotic cells were
restored when AMN was depolymerized in the presence of Z-VAD, suggesting that caspase-
dependent degradation of plasma membrane and cellular cortex proteins impairs proper
phosphatidylserine externalization and apoptotic cell removal by macrophages. These findings

Figure 3. Scheme summarizing the main findings on AMN during the execution phase of apoptosis. (A) Apoptotic cell
interacting with macrophage (B) secondary necrotic cell. PS = Phosphatidylserine.
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corroborate previous observations showing that after AMN disorganization (by nocodazole
treatment) the percentage of macrophages making contacts and engulfing apoptotic cells was
significantly reduced compared to apoptotic cells with AMN [48]. The ability of apoptotic cells
to stimulate their phagocytosis by macrophages before cell lysis is crucial to prevent the
adverse effects (tissue damage and inflammation) associated with secondary necrosis [69]
(Figure 3).

8. Apoptotic microtubules organization and maintenance depend on high
cellular ATP levels and energized mitochondria

Microtubule polymerization is an energy-dependent process because β-tubulin hydrolyzes
GTP during polymerization [70]. Therefore, it has been proposed that AMN formation
depends on the bioenergetic status of apoptotic cells [71].

ATP levels must be kept high in apoptosis to allow all the energy-dependent processes occur-
ring during the execution phase including AMN formation and maintenance. Thus, in vivo
and in vitro experiments have shown that AMN was visualized predominantly in apoptotic
cells with polarized/hyperpolarized mitochondria and, on the contrary, was dismantle in
apoptotic cells with depolarized mitochondria. These observations suggest that AMN depends
on energized mitochondria and high ATP levels [71]. Kinetics examination in pig LLCPK-1α
cells expressing GFP-tubulin also showed that AMN was maintained during the execution
phase of apoptosis until mitochondria depolarization marked the onset of secondary necrosis.
Furthermore, mitochondria depolarization by treatments with uncouplers of mitochondrial
oxidative phosphorylation (FCCP) or mitochondrial inhibitors (antimycin, rotenone and
oligomycin) induced AMN disassembly associated with enhanced plasma membrane perme-
ability. However, inhibition of glycolysis by 2-deoxyglucose treatment had no effect on mito-
chondrial polarization or either AMN organization or plasma membrane permeability. In
contrast, stabilization of apoptotic microtubules by taxol prevented both mitochondrial depo-
larization and plasma membrane permeabilization. AMN stabilization also prevented the
increased plasma membrane permeability when mitochondria were depolarized by rotenone
or FCCP treatment. These results underline the essential role of AMN in plasma membrane
integrity during apoptosis.

9. Zombie cells: Stabilization of apoptotic cells

Taken into account that apoptotic cells maintain the integrity of plasma membrane and cellular
cortex proteins [60], an innovative method aimed to the temporal stabilization and preserva-
tion of apoptotic cells has been developed [72]. This method consists in the treatment of
apoptotic cells with a cocktail of taxol, Zn2+ and coenzyme Q10 (CoQ). This experimental
approach has been reported to prevent secondary necrosis for at least 96 h in cell cultures.
The rationale for using this stabilizing cocktail is (a) taxol, a microtubule stabilizing agent,
prevents AMN depolymerization and the access of active caspases into cellular cortex [73, 74];
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(b) Zn2+, a caspase inhibitor, prevents caspase-dependent cleavage of cellular cortex and
plasma membrane proteins [75–78]; and (c) CoQ, an antioxidant, that protects against oxida-
tive membrane damage which is increased in apoptotic cells [79].

Stabilized apoptotic cells can be considered as dying cells in which the cellular cortex and
plasma membrane are intact or alive. Metaphorically, they can be considered as “living dead”
or “zombie cells”. Stabilized apoptotic cells retain many of the hallmarks characteristic of
apoptotic cells such as cellular cortex and plasma membrane integrity, low intracellular cal-
cium levels, plasma membrane potential, high phosphatidylserine exposure and the ability of
being engulfed by phagocytes.

Recently, interest in apoptosis research has increased remarkably for a number of reasons
including the technological development of cell cultures and the expansion of new therapeutic
strategies. Furthermore, apoptotic cell quantification plays an important role in biomedicine
because it is widely used to evaluate the cytotoxic effects of drugs [80]. However, apoptosis
determination is often affected by the process of cell manipulation (harvesting, cell centrifuga-
tion, cell pipetting…), especially in adherent cell cultures, required for flow cytometry assays.
Very often, these manipulations disrupt plasma membrane permeability and leads apoptotic
cells to secondary necrosis [81]. As a consequence, reliable apoptosis quantifications are par-
ticularly difficult in adherent cell cultures. Stabilization of apoptotic cells before cell harvesting
may allow a more accurate and reliable quantification of the actual number of apoptotic cells
or the correct determination of biochemical parameters such as mitochondrial membrane
potential, intracellular calcium concentration, pH or caspase activity in genuine apoptotic cells.

Currently, apoptotic cells are used for various forms of therapy, especially with the objective of
promoting immunological tolerance in recipient individuals [82]. Therefore, stabilization of
apoptotic cells before their administration to patients may ensure that apoptotic cells will
retain their characteristic features until they are removed by macrophages. The administration
of stabilized apoptotic cells can also be of interest for the delivery of proteins (for protein
replacement therapy) or drugs to recipient macrophages [83].

There are forms of cell death which by their nature impair the correct formation of AMN
(e.g.mitochondrial toxics and cold exposure) [71] and, as a result, apoptotic cells are not
able to maintain plasma membrane integrity. Therefore, apoptotic cell stabilization may
provide a new approach for preventing the adverse effects of early secondary necrosis.

10. Conclusion

Microtubule cytoskeleton is reformed during the execution phase of apoptosis forming an
AMN. AMN is required to maintain plasma membrane integrity and cell morphology during
the execution phase of apoptosis. AMN disruption leads cells to secondary necrosis and the
release of toxic molecules which can damage neighbour cells. Therefore, AMN formation,
preservation or stabilization in apoptosis is essential for tissue homeostasis preventing cell
damage and inflammation.
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cells to secondary necrosis [81]. As a consequence, reliable apoptosis quantifications are par-
ticularly difficult in adherent cell cultures. Stabilization of apoptotic cells before cell harvesting
may allow a more accurate and reliable quantification of the actual number of apoptotic cells
or the correct determination of biochemical parameters such as mitochondrial membrane
potential, intracellular calcium concentration, pH or caspase activity in genuine apoptotic cells.

Currently, apoptotic cells are used for various forms of therapy, especially with the objective of
promoting immunological tolerance in recipient individuals [82]. Therefore, stabilization of
apoptotic cells before their administration to patients may ensure that apoptotic cells will
retain their characteristic features until they are removed by macrophages. The administration
of stabilized apoptotic cells can also be of interest for the delivery of proteins (for protein
replacement therapy) or drugs to recipient macrophages [83].

There are forms of cell death which by their nature impair the correct formation of AMN
(e.g.mitochondrial toxics and cold exposure) [71] and, as a result, apoptotic cells are not
able to maintain plasma membrane integrity. Therefore, apoptotic cell stabilization may
provide a new approach for preventing the adverse effects of early secondary necrosis.

10. Conclusion

Microtubule cytoskeleton is reformed during the execution phase of apoptosis forming an
AMN. AMN is required to maintain plasma membrane integrity and cell morphology during
the execution phase of apoptosis. AMN disruption leads cells to secondary necrosis and the
release of toxic molecules which can damage neighbour cells. Therefore, AMN formation,
preservation or stabilization in apoptosis is essential for tissue homeostasis preventing cell
damage and inflammation.
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Abstract

During cell division, microtubules capture and pull chromosomes apart into two equal 
sets. Without the establishment of proper chromosome-microtubule attachment, micro-
tubules cannot impart the pulling forces needed to separate sister chromatid pairs. 
How are chromosomes captured along microtubule walls? How is the attachment of 
chromosomes to dynamic microtubule-ends achieved and monitored? We discuss these 
key questions by considering the roles of kinetochore-bound microtubule regulat-
ing proteins and also the complex regulatory loops of kinases and phosphatases that 
control chromosome-microtubule attachment and ensure the accurate segregation of 
chromosomes.

Keywords: chromosome segregation, microtubules, mitosis, kinetochore, mitotic 
spindle

1. Introduction

When a human cell prepares to divide, its microtubule cytoskeletal network disassembles and 
reassembles to form a bipolar structure—the mitotic spindle. Microtubules of the mitotic spin-
dle capture chromosomes and segregate the DNA into two equal sets (Figure 1). To ensure 
accurate segregation, the proper attachment between the chromosome and microtubule is 
important. Chromosome-microtubule attachment is facilitated through a submicron-sized 
macromolecular structure called the kinetochore. The kinetochore appears as a three-layered 
structure in electron microscopy: an outer layer that contacts microtubules, a middle layer 
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or interzone and an inner plate assembled on centromeric chromatin. In humans, multiple 
microtubules engage with the kinetochore, and kinetochore-bound microtubules are bundled 
into k-fibers. Understanding how microtubules are tethered to kinetochores is not only fas-
cinating but also clinically important. We could exploit some of the redundant regulatory 
mechanisms in chromosome-microtubule attachment to specifically target properties of can-
cer cells displaying chromosomal instability (reviewed in Ref. [1]).

Human kinetochores become available for capture by microtubules soon after nuclear enve-
lope breakdown, when chromosomes are first exposed to the cytoplasm. Kinetochores are ini-
tially captured along the lateral walls of microtubules and then tethered to microtubule-ends 
[2–4], by a multi-step process called end-on conversion. Such a change in the plane of kinet-
ochore-microtubule attachment is an important event. Only when kinetochores are tethered 
to the ends of microtubules, the growth and shrinkage of microtubules can be translated into 

Figure 1. Proper kinetochore-microtubule attachment is needed for the accurate segregation of chromosomes: in 
prophase, the nuclear envelope breaks down and the kinetochore is poised for microtubule capture. Attachments 
between microtubules from opposing spindle poles to chromosomes must be bioriented: one kinetochore of a pair 
is tethered to one spindle pole and the other sister kinetochore of the pair is attached to the opposing pole. Errors 
in biorientation—syntelic or merotelic attachments—are resolved through the error correction process during 
prometaphase and metaphase stages. Only after all the kinetochores have achieved biorientation, cells initiate anaphase 
and pull sister kinetochores apart into two equal sets.
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pushing or pulling forces that move chromosomes. In addition to the proper plane of kineto-
chore-microtubule attachment, proper orientation of the attachment is also crucial: one sister 
kinetochore of a pair must be attached to one spindle pole and the other sister kinetochore 
of the pair must be attached to the opposing spindle pole. This orientation of chromosome-
microtubule attachment is called biorientation or an amphitelic attachment (Figure 1). When 
all kinetochores are attached in an amphitelic fashion, the cell initiates anaphase, allowing 
sister chromatids to be synchronously pulled apart into two daughter sets.

To ensure that cells do not prematurely initiate anaphase, the status of kinetochore-micro-
tubule (KT-MT) attachment is continuously monitored by a complex, evolutionarily con-
served Spindle Assembly Checkpoint (referred to as SAC) mechanism. Whether the SAC 
monitors the physical geometry of KT-MT attachment or the outcome of the correct attach-
ment geometry (intra or inter-kinetochore tension) is not fully resolved (reviewed in Refs. 
[5, 6]).

In this chapter, we focus on events that occur at the kinetochore-microtubule interface. First, 
we introduce the key molecular components that form the kinetochore-microtubule interface, 
with a focus on microtubule-associated proteins that bridge the kinetochore and microtubule 
polymer. Second, we discuss how the plane and orientation of kinetochore-microtubule inter-
action is correctly established. Finally, we review our current knowledge of phosphorylation-
dephosphorylation cycles that control KT-MT attachments and in turn ensure the accurate 
segregation of chromosomes.

2. The kinetochore-microtubule interface

Over 100 proteins are now known to form the human kinetochore (reviewed in Ref. [7]). 
The major constituent at the outer kinetochore surface that is responsible for the connection 
between microtubules and chromosomes is the 10-subunit KMN network, made up of Knl1, 
Mis12, and Ndc80 complexes. Each of these complexes are composed of proteins, which are 
evolutionarily conserved from yeasts to humans: the Knl1 complex consists of Zwint1 and 
KNL1 (hSpc105), the Mis12 complex consists of Mis12, Dsn1, Nnf1 and Nsl1, and the Ndc80 
complex consists of Ndc80 (HEC1), Nuf2, Spc24, and Spc25 (reviewed in Ref. [7]). Positioned 
at the outer face of the KMN complex is the Ndc80-Nuf2 complex, which makes direct contact 
with microtubules [8, 9].

The KMN network of proteins is recruited to the kinetochore in early mitosis [10–13]. KMN 
recruitment is mediated by the multi-subunit CCAN—Constitutive Centromere Associated 
Network—that forms the core structure of centromeres (specialized chromatin regions) 
[14]. A recent biochemical reconstitution study showed that the KMN network and a seven-
subunit CCAN complex, the CHIKMLN complex, along with CENP-A (Histone H3 variant) 
bound nucleosomes, is sufficient to bridge the DNA and microtubules [15]. Thus, the KMN 
network bridges the inner centromeric DNA-bound proteins with the microtubule polymer. 
In addition, the KMN network of proteins acts as a platform for several proteins that monitor 
and control kinetochore-microtubule attachment status: regulators of the spindle assembly 
checkpoint (Mad1, Mad2, Bub1, Bub3, BubR1, RZZ complex, Mps1, Aurora-B), microtubule 
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associated nonmotor proteins (for example, CLASP, CLIP170, EB1, APC, ch-TOG, SKA com-
plex, CENP-F and Astrin-SKAP complex), and motor proteins (CENP-E, Dynein/Dynactin 
complex) are all recruited in a KMN-dependent fashion [12, 13, 16–23]. Therefore, the KMN 
network is considered as an essential core component of the kinetochore.

3. Mechanisms that ensure proper chromosome-microtubule attachment

3.1. The plane of KT-MT attachment and the end-on conversion process

During early mitosis, the outer kinetochore surface appears expanded [2], and this expan-
sion facilitates the initial interaction between the kinetochore and microtubule wall (lateral 
attachment). In addition, kinetochore-derived microtubules can interact with spindle-pole-
derived microtubules, facilitating kinetochore attachment onto lateral walls of microtubules 
[24]. The steps involving the conversion of lateral attachments to end-on attachments take 
place during prometaphase and are collectively termed the end-on conversion process. This 
multi-step end-on conversion process happens similarly in humans and in yeast, where it 
was first described (reviewed in Ref. [25]), with a few differences. The process in human cells 
involves: (a) initial interaction of a kinetochore with the lateral surface of microtubules; (b) 
transport of the kinetochore toward centrosomes or spindle equator; (c) physical change in 
the plane of kinetochore interaction, from microtubule-wall to microtubule-end; (d) selective 
destabilization of laterally engaging kinetochore-microtubules; (e) transient stabilization of 
end-on attached microtubules; and (f) maintenance of stable end-on attachments after the 
biorientation of sister kinetochores (Figure 2).

The initial attachment between the kinetochore and microtubules, which occurs on the lat-
eral microtubule walls, is an immature one. Laterally attached kinetochores can undergo 
movement toward and away from the spindle pole; these movements are motor dependent 
and microtubule-dynamics independent [26–28]. Laterally attached chromosomes should be 
transported away from the spindle pole and congressed at the spindle equator. This antipole-
ward transport is, in part, due to an ejection force that pushes chromosomes outward from 
the spindle pole [29]. Antipoleward forces needed to transport laterally attached kinetochores 
can also be facilitated by (i) electrostatic repulsion between negatively charged chromosome 
arms and neighboring negatively charged astral microtubule-ends [30] and (ii) kinetochore or 
chromosome-associated kinesin motors (reviewed in Ref. [31]).

A well-understood example is the kinetochore-bound kinesin motor protein, CENP-E [32], 
which facilitates the tethering of kinetochores to the lateral wall of microtubules and slides 
chromosomes towards the microtubule plus-end [26], providing antipoleward drag force. The 
CENP-E motor is brought to the kinetochore by a core kinetochore protein, CENP-Q [33] (part 
of the CENP-O/MCM21R complex [34]). CENP-E facilitates end-on conversion in at least two 
ways: first, CENP-E prolongs the lifetime of laterally attached kinetochores and thus enables 
efficient end-on conversion [4]. Second, by transporting kinetochores to the spindle equator, 
CENP-E ensures that kinetochores are not trapped behind the spindles poles, which would 
make biorientation geometrically impossible and lead to futile end-on conversion cycles.
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Following end-on conversion, mechanisms that actively remove laterally interacting micro-
tubules are crucial for the maintenance of end-on attachments. The microtubule depolymer-
izing kinesin MCAK, needed for proper kinetochore-microtubule attachments (reviewed in 
Ref. [35]), removes the ends of laterally interacting ends of microtubules and aids in the main-
tenance of a mature end-on attached kinetochore [4].

Figure 2. The end-on conversion process: Kinetochores are first captured along lateral walls of microtubules, then are 
tethered to the ends of microtubules, through multiple steps guided by the kinetochore and microtubule-associated 
proteins. The end-on conversion process enables the formation of mature end-on tethered kinetochores. In parallel, 
the error correction process ensures that monotelic attachments are converted into amphitelic attachments (KT-MT, 
kinetochore-microtubule).
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Whether microtubule wall versus end interactions are dominantly controlled by distinct sets 
of proteins in human cells remains unknown. It is clear that several Microtubule-Associated 
Proteins (MAPs) are recruited selectively to the immature kinetochore-microtubule interface 
in prometaphase, but not the mature kinetochore-microtubule interface in metaphase [36, 37]. 
How MAPs recognize and switch between mature and immature kinetochore states is an excit-
ing unexplored area, which may shed light on the molecular basis underpinning the change in 
the plane of kinetochore-microtubule interaction.

3.2. Proteins that distinguish ends and walls of microtubules

To develop possible paradigms for how kinetochore proteins may distinguish microtubule 
walls versus microtubule-ends, we will first look at how microtubule associated proteins dis-
tinguish microtubule walls from ends.

EB1 differentiates the plus end from the rest of the microtubule wall because of its high 
affinity for GTP-tubulin, which is enriched at the growing end of microtubules [38–40]. 
Electrostatic interaction between the C-terminal tail of EB1 and microtubule walls contrib-
utes to targeting EB1 to the plus end of microtubules [41]. In addition, EB1 preferentially 
associates with tubulins along the lateral surface of microtubules, facilitating closure of the 
open protofilaments and in turn promoting the growth of microtubule ends [42]. Thus, EB1 
is believed to directly identify the structural features and chemical signals of the growing 
end of microtubules.

At the kinetochore-microtubule interface of a mature microtubule-end tethered kinetochore, 
at least six well-established microtubule-binding proteins are present: Ndc80/HEC1 of the 
KMN network, SKAP of the Astrin-SKAP complex, the microtubule stabilizer CENP-F and 
microtubule polymerizers, chTOG, CLASP and the SKA complex. Ndc80 recognizes both the 
tubulin intradimer and interdimer interface and forms oligomeric arrays along microtubule 
walls [9, 43]. Similarly, SKAP recognizes intra-tubulin sites [18], enabling a direct link for 
the Astrin-SKAP complex between the kinetochore and microtubule wall. In addition, SKAP 
directly interacts with EB1 through its S-X-I-P motif [44] and could potentially link the kineto-
chore specifically to the growing microtubule-end.

The microtubule-end binding protein chTOG1 interacts directly with Ndc80 [23]. chTOG1 
has two TOG domains and could use one to bind to the microtubule end, and the other to 
present an αβ-tubulin protein for addition to the microtubule-end, thereby promoting micro-
tubule assembly (reviewed in [45]). Similarly, the TOG domains in CLASP1 can interact with 
tubulin dimers and regulate microtubule rescue (reviewed in Ref. [46]). Although the TOG 
domains of both chTOG1 and CLASPs bind conserved αβ-tubulin interacting sites, chTOG1 
can directly associate with microtubules and CLASPs can be brought to microtubule ends 
via EB1’s S-X-I-P motif (reviewed in [16]). In contrast, CENP-F is thought to have a strong 
binding to depolymerizing microtubules, as one of its two microtubule-binding domains 
binds strongly to bent microtubules [47–49]. In summary, the kinetochore-microtubule inter-
face recruits a variety of MAPs that can selectively bind to either microtubule walls or ends. 
Regulated recruitment of kinetochore-bound MAPs can be a fundamentally important way to 
direct microtubule dynamics and stability.
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3.3. Biorientation and the error correction process

The end-on conversion and the error correction process have nonoverlapping tasks. The end-
on conversion process facilitates the maturation of kinetochore-microtubule attachment by con-
verting immature lateral attachments into end-on attachments. In contrast, the error correction 
process acts on kinetochores that are attached to microtubules emanating from incorrect spindle 
poles. For instance, an erroneous syntelic attachment occurs when both sister chromatids are 
attached to microtubules from the same spindle pole; an erroneous merotelic attachment occurs 
when one sister chromatid is attached to microtubules from both spindle poles (Figure 1). These 
erroneous attachments are primarily resolved by an evolutionarily conserved mitotic kinase, 
Aurora B and to some extent by other kinases; Mps1, Chk1 and Haspin kinases (reviewed in 
Refs. [50, 51]). When attachments are immature (lateral) or incorrect (nonbiorientated), proteins 
of the spindle assembly checkpoint are recruited to the kinetochore, generating an inhibitory sig-
nal that delays anaphase onset. Our current understanding of how the spindle assembly check-
point senses attachment status and ensures amphitelic attachments is briefly discussed below.

3.4. The spindle assembly checkpoint (SAC) monitors chromosome-microtubule 
attachment status

The establishment of amphitelic kinetochore-microtubule attachment (biorientation; see 
Section 3) is crucial for the cell to accurately segregate its chromosomes in anaphase. For this 
reason, the status of attachment has to be continuously checked at the kinetochore-microtu-
bule interface by SAC proteins.

The SAC was discovered through genetic screens in yeast, which revealed the majority of the 
spindle checkpoint proteins: Mad1, Mad2, Bub1, and Bub3 [52, 53]. Other checkpoint proteins 
Mps1 and BubR1 were later identified [54, 55]. While the above six proteins are generally agreed 
as evolutionarily conserved SAC proteins from yeasts to humans, several additional proteins 
have been implicated in monitoring attachment status in human cells (reviewed in Refs. [56, 57]).

In general, two models have been proposed to explain how kinetochores ensure amphitelic 
attachments (reviewed in Refs. [58, 59]). In the first model—the tension model—only when 
sister kinetochores are pulled in opposing directions, is there either inter-kinetochore or intra-
kinetochore stretching established, which separate the enzymes at the inner or outer kineto-
chore from their substrates at outer or inner kinetochore, respectively. This tension model 
is elegant in that it relies on microtubule-pulling induced spatial separation of enzyme-sub-
strate interactions [60]. However, it cannot fully explain how sister kinetochores are allowed 
to biorientate in the first place, if nonbiorientated attachments are continuously detached.

An alternative model questions the tension model and emphasizes the “stability” of attach-
ment, per se, as the sensor for the checkpoint. The attachment stability model relies on evidence 
for direct competition between microtubule occupancy and checkpoint protein recruitment at 
the outer kinetochore [61–63].

Because both tensions at kinetochore and microtubule attachment stability depend on each 
other [64], it is likely the two mechanisms feed into each other to relay signals to the SAC.
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The SAC can also monitor the plane of kinetochore-microtubule attachment. The spindle 
checkpoint proteins Mad2, Mad1, and Mps1 are all present on immature lateral kinetochores 
[4, 61], but at reduced levels compared to a completely detached kinetochore [61]. The sig-
nificance of this quantitative difference in checkpoint protein recruitment extent is not fully 
understood. One possibility, apart from influencing checkpoint signaling strength, could be 
that different levels of the checkpoint proteins, particularly kinases, facilitate distinct stages 
of KT-MT attachment.

4. Phosphoregulation of kinetochore-microtubule attachment status

A kinetochore can remain attached, or actively detach, from microtubules tethered to it. The 
affinity of a kinetochore for microtubules is finely tuned by phosphorylation-dephosphorylation 
events. Over the years, a number of kinases and phosphatases have been identified as impor-
tant players in establishing attachment, geometry stabilization and error correction. This section 
details the role and regulation of principal kinases and phosphatases that monitor and control 
kinetochore-microtubule attachments through phosphorylation-dephosphorylation cycles.

4.1. Kinases that control kinetochore-microtubule attachments

Several mitotic kinases are recruited to the kinetochore, which, through phosphorylation, 
dynamically control the localization and function of other kinetochore and microtubule-asso-
ciated proteins. We have chosen to discuss a few major kinases to illustrate the role of phos-
phorylation in monitoring and regulating kinetochore-microtubule attachment status (for a 
detailed review of kinases, we refer to Ref. [36]).

4.1.1. Aurora B kinase

Aurora B is a major regulator of kinetochore-microtubule interaction; it has a dual role in sens-
ing biorientation errors and maintaining the SAC (reviewed in Refs. [50, 65]). Aurora B forms 
a complex along with INCENP, Survivin and Borealin, termed the Chromosome Passenger 
Complex or CPC [66–68]. Until anaphase, the CPC is mainly targeted to the inner centromeric 
region of kinetochores; recently, CPC subpools and active Aurora B has been shown to localise 
to the outer kinetochore and on microtubules close to the kinetochore-microtubule interface 
[19, 69–72].

Aurora B forms a gradient of phosphorylation at kinetochores, which suggests its mechanism 
of action on substrates to be diffusive [60, 73]. To influence kinetochore-microtubule attach-
ment, Aurora-B phosphorylates various members of the KMN network, including Ndc80, 
that directly interact with the microtubule [74–76]. Recent studies on the establishment of 
mature end-on attachments in budding yeast indicate a role for Aurora-B in phosphorylating 
the microtubule associated protein complex, Dam1, and thus promoting lateral kinetochores 
[77]. Whether Aurora-B similarly controls the plane of kinetochore-microtubule attachment in 
other models is not known.
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4.1.2. Mps1 kinase

Mps1 is an upstream regulator of the SAC. It is recruited to the kinetochore via the microtubule-
binding domain of the Ndc80 complex, allowing the kinase to “sense” kinetochore-microtubule 
attachment status [22, 61–63]. Once at kinetochores, Mps1 phosphorylates KNL1 on its repeated 
MELT motif allowing the recruitment of the Bub1-Bub3-BubR1 module, further strengthening 
the checkpoint signal (reviewed in Ref. [78]). Dynamic localization of Mps1 kinase is essential for 
proper kinetochore-microtubule attachment [79]. Thus, although Mps1 is primarily responsible 
for SAC initiation, it indirectly facilitates the formation of kinetochore-microtubule attachments.

4.1.3. Plk1 and Cdk1

Plk1 and Cdk1 are major mitotic kinases responsible for dramatic cellular reorganization dur-
ing cell division and are recruited to kinetochores in early mitosis [80–82]. Phosphoproteomic 
studies revealed Cdk1’s ability to phosphorylate a high number of substrates involved 
in chromosome segregation [83, 84]. In line with its broad range of substrates, Cdk1 controls 
several crucial events for chromosome segregation, including the building of the spindle, 
assembly of kinetochore and functioning of the SAC [85–89]. Like Aurora B, Cdk1 is able to 
modulate microtubule dynamics by acting directly on microtubule-end associated proteins 
(for example, EB2 [90]). Inactivation of Cdk1 ultimately stabilizes kinetochore-microtubule 
attachments in anaphase [91] and this is crucial for the proper segregation of chromosomes.

Plk1 activity is essential for prometaphase to metaphase transition in human cells [92, 93]. 
Phosphoproteomic studies show several substrates of Plk1 among spindle and kinetochore 
proteins [94–96]. Through phosphorylation, Plk1 directly controls the function of several 
microtubule-associated proteins: Plk1-mediated phosphorylation promotes the activity of the 
microtubule depolymerizing kinesin, MCAK [97]. Plk1-mediated phosphorylation can also 
enhance the association of CLIP-170 with Caesin Kinase 2 and is needed for timely formation 
of kinetochore-microtubule attachment [98]. To initiate and maintain SAC signal, Plk1 acts on 
multiple checkpoint components: first, Plk1 acts in synergy with Mps1 kinase by phosphory-
lating the MELT repeats on KNL1 (reviewed in Ref. [99]). In addition, Plk1 phosphorylates 
Sds22 to recruit PP1 (Protein Phosphatase 1, introduced in Section 4.2) to the outer kinet-
ochore [100]. Plk1 binds directly to Bub1 kinase to help sustain the SAC signal [101, 102]. 
In conclusion, Plk1 simultaneously regulates both kinetochore-microtubule interaction and 
checkpoint signaling.

4.1.4. Bub1 kinase

Bub1, as part of a complex including Bub3 and Mad3/BubR1, is recruited to kinetochores 
through KNL1 MELT repeats of the KMN network (reviewed in Ref. [99]). In addition to serv-
ing as a platform for recruiting Plk1 onto KNL1 [102], Bub1 kinase safeguards sister chromatid 
cohesion through the Sgo1/PP2A-B56 pathway [103, 104]. Bub1 is also required for the kineto-
chore recruitment of the RZZ checkpoint protein complex (composed of Rod, Zwilch and Zw10 
proteins) [105]. Thus, Bub1 kinase acts as a massive scaffold protein for SAC signaling initia-
tion—a role in addition to its enzymatic activity in sustaining SAC signaling.
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4.2. Mitotic phosphatases that influence kinetochore-microtubule attachments

4.2.1. PP1

Protein phosphatase PP1 controls both normal mitotic timing and chromosome segrega-
tion accuracy (reviewed in Ref. [106–108]). During mitosis, PP1 localizes specifically at the 
kinetochore, in addition to spindle microtubules and the cell cortex [109]. PP1 docking pro-
teins share a consensus motif (RVxF motif [110]): KNL1, CENP-E, RepoMan, Sds22 and SKA 
complex all recruit PP1 to the kinetochore during different stated of kinetochore-microtubule 
attachment [70, 111–115]. PP1 at the outer-kinetochore is thought to counteract Aurora B for 
both silencing of SAC and congressing chromosomes (reviewed in [59, 65]). Whether recruit-
ing PP1 to multiple sites of the kinetochore is simply to enable network robustness or to man-
age a step-wise control of KT-MT attachments is unclear.

4.2.2. PP2A

Protein phosphatase PP2A is targeted to several regions of the kinetochore through its regu-
latory subunit B56, which is essential for maintaining stable kinetochore-microtubule attach-
ments [116]. At the inner centromere, PP2A is recruited through Sgo1 and Sgo2, where it 
prevents untimely sister chromatid separation [104, 117, 118]. At the outer kinetochore PP2A 
directly interacts with BubR1; thus associating with the KMN network, through Knl1 [85, 
119–121]. BubR1-bound PP2A-B56 counteracts Aurora B’s role in destabilizing kinetochore-
microtubule attachments; Sgo1-bound PP2A-B56 is also involved in this role, suggesting a 
degree of redundancy [85, 116, 119, 120, 122]. PP2A-B56 activity, when bound to Sgo1, is 
negatively regulated by Bod1 protein and the presence of the latter is important for sister 
chromatid cohesion [123]. By bringing PP2A to the centromeric region, Sgo1 that is sensitive 
to intra/inter-kinetochore tension can directly help sense different kinetochore-microtubule 
attachment states [124]. The various forms of B56 associated with PP2A (positioned at inner 
centromere and outer kinetochore) are thought to fine-tune the otherwise broad gradient-like 
action of Aurora-B kinase.

4.2.3. PP4

Protein phosphatase PP4 is a new addition to the list of kinetochore regulating phosphatases 
important for kinetochore assembly, SAC maintenance, and chromosome congression [125]; 
its recruitment mode and targets are less clear.

4.3. Higher order regulatory networks controlling KT-MT attachment

4.3.1. Kinetochore-bound kinases form a network to self-regulate localization and activation

Kinetochore-bound kinases are part of a very complex network in which they modulate one 
another’s localization and enzymatic activity [126]. For a detailed overview on the topic, we 
refer readers to Refs. [59, 65]. Here, we use Aurora-B as an example to illustrate the complex 
control network that kinetochore-bound kinases are exposed to (Figure 3).
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The centromeric enrichment of the CPC complex can be influenced by Cdk1, which phos-
phorylates CPC components Survivin in fission yeast and Borealin in human cells [127]. Mps1 
can also promote rapid accumulation of Aurora B at the centromere [128]. Aurora B-mediated 
phosphorylation of the HEC1 N-terminus tail allows the recruitment of the checkpoint kinase 
Mps1 to kinetochores, which, together with Plk1, phosphorylates KNL1 MELT repeats to 
recruit other checkpoint proteins including Bub1, Bub3, BubR1 and Mad1, Mad2 and Cdc20 
(reviewed in Ref. [65]). Moreover, Aurora B modulates its own activity by phosphorylating 
in trans both its kinase domain and INCENP, which results in an enhanced catalytic activity 
and an increased concentration of the kinase at kinetochores (reviewed in Refs. [50, 65]). In 
subcellular areas where Aurora-B is highly enriched, with the aid of the positive feedback 
loop, Aurora-B can thus overcome counteraction by phosphatases and establish areas of high 
activity [129]. However, when Aurora-B gradient lowers in intensity, many other kinases are 
able to finely tweak Aurora-B activity locally.

4.3.2. Regulatory loops linking phosphatases as a network

Unlike kinases that usually recognize specific consensus motifs, phosphatases are promiscu-
ous with respect to their substrates. The presence of multiple binding sites for phosphatases 
at kinetochores could therefore allow precise, spatially restricted counteraction of kinase 
activity. Moreover, B55 and B56 regulatory subunits bear a highly conserved RVxF motif—
a docking domain for PP1—and this puts PP2A and PP1 regulation into a complex loop 
[130]. In addition, the two phosphatases PP2A and PP1 are part of a KNL1-based feedback 
loop, which controls both their kinetochore localization and, in turn counteracts Aurora B 

Figure 3. Phospho states are used to monitor and control microtubule attachment status: several kinases act on the 
KMN network at the outer kinetochore. Recruitment and activation of kinases are finely controlled through a network 
of phosphorylation-dephosphorylation cycles, allowing rapid monitor and dynamic control of attachment status. 
Phosphorylation controlled events (recruitment and activation) alone are shown here.
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and Mps1 kinases for silencing the SAC [131, 132]. These complex regulatory loops among 
phosphatases, together with the loops between kinases, have made it very difficult to dissect 
upstream and downstream players influencing KT-MT attachment status.

In this final section, we present an overarching model of the key regulatory mechanisms that 
kinetochores employ to control microtubule interaction, through phosphorylation-dephos-
phorylation cycles. Kinases and phosphatases are present within the kinetochore scaffold 
and also the kinetochore-microtubule interface. Kinases regulate one another’s activity and 
localization by building a regulatory network (Figure 3), in addition to their direct action 
on proteins, responsible for kinetochore-microtubule attachment. This regulatory network, 
coupled to phosphatase-mediated counteraction, is essential to temporally and spatially 
modulate kinetochore-microtubule attachment. As a general tendency, phosphorylation is 
associated with lower affinity of the outer kinetochore substrates (e.g., HEC1 and KNL1) to 
the microtubule, leading to a sustained SAC signal. Nevertheless, kinases and phosphatases 
can also directly stimulate or silence the checkpoint, respectively, by controlling the dynamic 
localization of other SAC proteins. Thus, a self-regulating turnover of proteins allows the 
fine-tuning of the SAC signal in close relationship to the state of kinetochore-microtubule 
attachments.

5. Concluding remarks and future prospects

Exploring the molecular basis for how cells tether chromosomes to dynamic microtubules has 
highlighted the importance of phosphorylation-dependent dynamic changes in recruitment 
and activation of kinetochore and microtubule-associated proteins. In general, these studies 
provide a conceptual framework for how bulky structures may be precisely moved within 
the cell. They also shed light on complex regulatory networks that operate at the microtubule 
end, explaining how cells harness energy stored within the microtubule cytoskeleton.

Our understanding of how microtubules capture and tether onto chromosomes has expanded 
through the identification of kinetochore proteins which assemble onto the chromatin, the 
characterization of protein interactions between the outer face of the kinetochore and the 
microtubule lattice, and last but not the least, the elucidation of how kinetochore-microtu-
bule attachments control the recruitment of checkpoint kinases and phosphatases that finally 
silence the signal that delays anaphase onset. There is still work needed to understand how 
kinetochores distinguish between the walls and ends of microtubules; the precise molecu-
lar steps that allow separated sister kinetochores to latch onto a disassembling microtubule, 
without retriggering the checkpoint; whether the feedback loops used by the checkpoint to 
monitor attachment status can also be used to influence attachment status; and finally, how 
generally applicable are the mitotic mechanisms to human meiotic systems, where chromo-
somes remain stably tethered to microtubules for years.

By exploring redundant and nonredundant molecular steps of the highly conserved chromo-
some segregation process, we progress toward exploiting the mechanism for therapeutic pur-
poses, either to develop biomarkers or drug targets to tackle chromosomal instability in cancers.
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Abstract

The extraocular muscles are highly specialized muscles responsible for the complex 
movements of the eyeball. They differ from other skeletal muscles in many respects, 
including fundamental components of the contractile apparatus and the extracellular 
matrix. Using immunohistochemistry and a battery of well-characterized antibodies, we 
have investigated the composition of the cytoskeleton of their myofibers with respect to 
desmin, vimentin, and nestin. In the adult and fetal human extraocular muscles, a sub-
group of the slow tonic muscle fibers is lacking desmin. These fibers, which are multiply 
innervated, show a normal myofibrillar arrangement, maintained mitochondrial distri-
bution, and sarcolemma integrity. Desmin, the most abundant intermediate filament protein 
in muscle, has been considered a ubiquitous protein in skeletal muscle fibers where it 
links adjacent myofibrils and the myofibrillar network to the sarcolemma, the mitochon-
dria and the membrane of the nuclei. The functional implications of the lack of desmin 
remain to be determined, but these findings represent a paradigm shift, as desmin has 
been regarded a ubiquitous protein of the cytoskeleton of muscle fibers.

Keywords: desmin, human, extraocular muscle, myosin heavy chain slow tonic, 
multiple innervation

1. Introduction

The extraocular muscles differ significantly from other muscles in the body, including their 
structural composition, physiological properties, and response to disease [1–3]. Because the 
extraocular muscles are more resistant to a number of diseases than the other muscles [3], it has 
been hypothesized that a better understanding of their composition may provide useful clues to 
develop strategies to face the challenge posed by muscle dystrophies and other neuromuscular 

© 2017 The Author(s). Licensee InTech. This chapter is distributed under the terms of the Creative Commons
Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
distribution, and reproduction in any medium, provided the original work is properly cited.



diseases. We have studied the composition of the human extraocular muscles with respect to 
the myosin heavy chains (MyCHs) [4], the major determinants of contraction velocity and force; 
SERCA-1 and SERCA-2 (sarco/endoplasmic endoreticulum calcium ATPase) [5], two important 
calcium transportation proteins; laminins [6], major components of the basement membrane and 
a number of proteins relevant for the neuromuscular junctions, e.g., gangliosides [7]. Because 
data on the composition of the cytoskeleton in the human extraocular muscles were lacking 
and because defects in the desmin gene cause myopathy and cardiomyopathy, we recently also 
investigated the distribution of the major intermediate filament proteins, desmin, vimentin, and 
nestin in the human adult extraocular muscles, using immunohistochemistry in serial sections 
and in 1-μm thick sections [8].

Desmin has been regarded as a ubiquitous protein in skeletal muscle fibers, being the first 
muscle-specific protein detected during development [9]. Desmin is the most abundant inter-
mediate filament protein in muscle fibers, forming a three-dimensional scaffold along the 
entire muscle fiber. Desmin links adjacent myofibrils at the Z-discs, and it links the most 
peripheral myofibrils to the sarcolemma and to the membrane of the nuclei. It also links the 
myofibrils to other organelles, such as the mitochondria [10–12].

In spite of being the first muscle-specific protein expressed early during muscle development 
and being so abundant in mature muscle fibers, desmin is not strictly necessary for myo-
genesis or muscle fiber maturation (reviewed in Refs. [13, 14]). Desmin knockout (KO) mice 
develop rather normally, but they develop a cardiomyopathy and/or a skeletal myopathy that 
predominantly affects highly used muscles, such as the diaphragm. Early muscle differentia-
tion appears normal but with time signs of pathology develop. The affected myofibers show 
misaligned myofibrils with the loss of anchorage to the sarcolemma and mitochondrial abnor-
malities. Data from the desmin KO animals indicate that desmin is essential for the integrity 
of highly used skeletal muscle and for proper mitochondrial morphology and positioning but 
that it is not essential for muscle development. In contrast, these desmin KO animals show 
affected regeneration capacity, with adipocyte accumulation and abnormal neuromuscular 
junction morphology. Furthermore, in this animal model, desmin seems to be necessary for 
proper excitation-contraction coupling and respiratory function [13, 14].

Patients with defects in the desmin gene develop progressive skeletal myopathy and cardiomy-
opathy, although the age of onset of the disease may be rather high. Desmin-related myopathies, 
which may be familial or sporadic, are generally characterized by the formation of abnormal 
desmin aggregates and have heterogeneous clinical hallmarks, which may include neuropathy 
and smooth muscle involvement, in addition to skeletal muscle and heart symptoms [13].

The complexity of actions performed by the extraocular muscles is reflected in their distinct 
fiber type composition and structural organization that differ substantially from ordinary 
skeletal muscles [1, 2]. The extraocular muscles are among the fastest muscles in the human 
body, yet they are extremely fatigue-resistant. Their muscle fibers are organized into two 
layers: the orbital layer, closest to the orbital wall, and the global layer, facing the bulb. The 
muscle fibers in the orbital layer have a smaller diameter and do not extend the full length 
of the muscle. The muscle fibers in the extraocular muscles have small diameters, are loosely 
arranged in a bed of connective tissue, are richly supplied by capillaries, and belong to very 
small muscle units.
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The fiber type composition of the human extraocular muscles is very complex [4, 15]. Typically, 
the muscle fibers in the human extraocular muscles contain several myosin heavy chain 
(MyHC) isoforms, including isoforms not typically found in mature skeletal muscle such as 
MyHC embryonic and fetal, MyHC alpha cardiac, MyHC extraocular, and MyHC slow tonic 
and the composition of the muscle fibers varies along their length [4, 15]. A  particular fiber 
type contains MyHC slow tonic, and it is multiply innervated. In the orbital layer, these fibers 
also have a twitch motor endplate in the middle portion, whereas those in the global layer 
seem to be tonic along their entire length (reviewed in Refs. [1, 2]).

The gene expression profile of the extraocular muscles differs fundamentally from that of the 
limb muscles with respect to metabolic pathways, structural components, developmental and 
regeneration markers, by over 300 genes [16]. Indeed, the extraocular muscles are classified as 
a separate muscle allotype (a class of muscles), in contrast to the other allotypes: (i) the limb 
and trunk muscles and (ii) the masticatory muscles [17].

The extraocular muscles also differ from the other muscles in the human body by their par-
ticular response to disease [3]. The extraocular muscles are selectively affected in autoimmune 
disorders such as myasthenia gravis, Miller-Fisher syndrome, and Grave’s ophthalmopathy. 
In contrast, they are strikingly spared in various muscular dystrophies such as Duchene and 
Becker muscular dystrophy, limb-girdle, and congenital muscular dystrophies that are dev-
astating for the other muscles in the body, by causing severe weakness, loss of ambulation, 
and early death [18].

Here, the present state of knowledge regarding the composition of the cytoskeleton of human 
extraocular muscles with respect to desmin, vimentin, and nestin is reviewed [8].

2. Lack of desmin in fibers of the human extraocular muscles

The vast majority of muscle fibers in the extraocular muscles contain desmin (Figure 1), as 
expected, but the muscle fibers containing MyHC slow tonic show different staining patterns 
concerning desmin, irrespective of whether they are present in the orbital or global layers [8]. 
Some of these muscle fibers apparently lack desmin completely (Figure 1), both at the subsar-
colemmal level and in between myofibrils, as they are completely unstained by a battery of 
mono and polyclonal antibodies against desmin.

In thin sections (1 μm, Figure 2), a normal myofibrillar organization of these muscle fibers is 
apparent and antibodies against MyHC slow tonic and/or MyHC slow label them, but they 
are completely unlabeled by different antibodies against desmin. Three additional staining 
patterns are present among the muscle fibers containing MyHC slow tonic in the human adult 
extraocular muscles: (i) muscle fibers that show desmin only subsarcolemmally; (ii) muscle 
fibers with desmin staining present both between myofibrils and below the sarcolemma, but 
with extremely weak staining intensity and (iii) muscle fibers showing a typical desmin cyto-
skeleton pattern, as shown in the other muscle fibers (Figure 2). Moreover, the lack of desmin 
in the myofibers containing MyHC slow tonic is already present in fetal human extraocu-
lar muscles at 16 and 18 weeks of gestation. The pattern of distribution of mitochondria is 
 maintained in all adult muscle fibers [8].
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Figure 2. Thin section (1 μm) of adult human extraocular muscle double-stained for desmin (A, red) and MyHC slow 
tonic (B, green), showing a muscle fiber lacking desmin (asterisk) both in between myofibrils and under the sarcolemma. 
A merged picture with both stainings is shown in C. The typical distribution of desmin is seen in the other two muscle 
fibers shown. Notice that all three muscle fibers contain MyHC slow tonic.

Figure 1. Cross-section (5 μm) of adult human extraocular muscle double-stained for desmin (A, red) and MyHC slow (B, 
green). The merged picture of A and B is shown in C. Examples of muscle fibers lacking desmin are marked with an asterisk.
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Nestin does not appear to substitute for desmin in the desmin-negative muscle fibers, 
although nestin is present in a very large number of normal adult muscle fibers in the human 
extraocular muscles. Vimentin is not present in any muscle fibers in the adult human extra-
ocular muscles [8].

More recently, the absence of desmin has also been reported in slow muscle fibers of the 
uvula and palatopharyngeal muscles [19]. These fibers contain MyHC slow but lack MyHC 
slow tonic and they are also unstained with antibodies against the C-terminal of dystrophin. 
Similarly to the extraocular muscles, nestin and vimentin do not compensate for the lack 
of desmin in these muscle fibers [19]. The uvula and palatopharyngeal muscles are highly 
specialized and unusual in that they lack a firm bony attachment at least at one end and the 
authors suggest that the lack of desmin in a subgroup of the fibers in these two muscles likely 
reflects specialization to meet the complex requirements of oropharyngeal functions [19].

The presence of normal adult muscle fibers lacking desmin is a paradigm shift as this cytoskeletal 
protein has been regarded as ubiquitous in normal skeletal muscle fibers. Because the absence 
or presence of only trace amounts of desmin in muscle fibers of the human extraocular muscles 
is confirmed with a polyclonal antibody and two different monoclonal antibodies, in both 5 and 
1 μm sections, it is not likely that the findings are due to differences in epitope availability.

The absence of desmin in KO animals primarily leads to pathological changes in highly used 
muscles [13, 14, 20]. The extraocular muscles are also highly used muscles, but it may be so 
that the muscle fibers containing MyHC slow tonic and lacking desmin are used in a  different 
pattern. These muscle fibers are typically multiply innervated, have a sustained mode of con-
traction, and they have been suggested to play a role in proprioception [9]. The fact that (i) 
no abnormalities in the pattern of mitochondria distribution are present in the fibers lacking 
desmin in the human extraocular muscles, along with (ii) a maintained myofibrillar organi-
zation, (iii) maintained fiber integrity, and (iv) the early establishment of this pattern during 
development [8] strongly suggest that the lack of desmin is indeed a special feature of these 
muscle fibers. These findings really represent a paradigm shift, as desmin can no longer be 
considered ubiquitous in muscle fibers and its ascribed fundamental role anchoring the mito-
chondria apparently does not apply to all muscle fibers.

Desmin is a crucial cytoskeletal protein in the vast majority of muscle fibers, and it is proposed 
to be fundamental for maintenance of fiber integrity, force transduction, and  mechanochemical 
signaling as it links the contractile elements both to the sarcolemma and to the nuclear mem-
brane [14, 21]. However, it is difficult to speculate on possible physiological consequences of 
the absence of desmin on these slow tonic muscle fibers of the human extraocular muscles, 
and further studies correlating structural properties and physiological behavior are required.

3. Conclusions

Against all previous knowledge, desmin is lacking in a subgroup of normal myofibers in the 
human eye muscles [8]. Furthermore, nestin does not compensate for the lack of desmin, but 
an important number of muscle fibers normally contains nestin in these adult muscles.
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The finding of normal muscle fibers lacking desmin in adult and fetal human extraocular 
muscle represents a paradigm shift as desmin has been regarded as ubiquitous in muscle 
fibers. The presence of nestin in normal mature muscle fibers further emphasizes that the 
extraocular muscles differ fundamentally from the other muscles in the body.
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Abstract

Cell migration is a fundamental process responsible for numerous physiological and 
physiopathological conditions such as inflammation, embryogenesis and cancer. This 
central aspect of cell biology has seen quantum leaps in our understanding of the coor-
dinated regulations, both spatial and temporal of numerous cytoskeletal proteins and 
their orchestrations. At the molecular level, this dynamic cellular process can be naively 
summarised as an engineered cycle composed of three distinct phases of (1) formation 
of cellular protrusion to initiate contact followed by (2) the adhesion with the external 
environment/cell-extracellular established connection and (3) the actomyosin force gen-
eration to consequently remodel the cytoskeleton. A prominent factor that regulates cel-
lular motility is S100A4, a protein that has received constant attention for its significant 
role in cellular migration. Consequently, and in order to focus further the impact of this 
work, the present chapter aims to review some of the actomyosin proteins/complexes 
that have been demonstrated to be crucial players of the cyclic migration process but are 
also S100A4 interactors. In doing so, this chapter aims to capture a picture of how expres-
sion of this small, calcium-binding protein may, in essence, remodel at different levels 
the actin organisation and fulfil the motility engineered cycle of protrusion, attachments 
and contractions.

Keywords: S100A4, Actin, Arp2/3, formin, tropomyosin, myosin, Rho-GTPAses, 
Rhotekin

1. Introduction

Cellular motility has been an essential cellular phenomenon throughout phylogeny that has 
allowed organisms to survive, adapt and prosper in different environments. It is engrained 
in the chemoattraction and nutrient-seeking mechanisms in protozoa such as Dictyostelium 
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Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
distribution, and reproduction in any medium, provided the original work is properly cited.



discoideum [1]; whilst in metazoan, it is found to be a key concept for physiological regulations 
during all aspects of life. For instance, cellular migration in the early stages of gastrulation 
allows the coordinated movements of progenitor cells for the subsequent development of 
the different layers of precursor tissues and organs [2, 3]. Equally important is the profound 
effects cellular migration occupies in the process of healing during wound closure and/or 
tissue regeneration undertaken by tissues of the mesenchyme or epithelium [4]. Cell motility 
also plays essential functions during all stages of the immune response, from the develop-
ment of mature effector cells, to endothelium trans-crossing and phagocytosis [5–7]. Given 
the indispensable roles of cellular migration in these events, and others, it is therefore not 
surprising to learn that loss of functions of many actin-regulating genes result in embryonic 
lethality or severe immunodeficiency syndromes [8].

Other than these physiological conditions, cellular motility is essential in regulating some of 
the physiopathological steps seen in disease. As example, it is well-documented that cellular 
migration is one of the prominent factors involved in the later stages of carcinogenesis and 
the subsequent phases of metastasis [9–11]. Cancer cell dissemination is clearly dependent 
upon the ability of migratory tumour cells to evade away from their initial niche, leading to 
the colonisation and formation of distant secondary lesions in the body [12].

At the molecular level, cell migration requires the coordinated regulations, both spatial and 
temporal of numerous cytoskeletal proteins, to orchestrate the dynamic cellular processes 
needed for cells to acquire movement. In this context, the actin cytoskeleton and the closely 
linked myosin network play essential functions [13, 14]. The process of cellular motility can 
be summarised as an engineered cycle composed of three distinct phases which are, (1) for-
mation of cellular protrusion in the forms of lammelipodia and fillopodia to initiate contact 
and adhesion with the external environment, (2) regulation of cell-extracellular matrix estab-
lished connections, usually integrin-dependent, and (3) force generation by the actomyosin 
network which will control both the structure and organisation of the motile architecture [15]. 
I provide here a brief overview of some of the different elements and protein complexes that 
are regulated during this migratory cycle, focusing primarily on specific components of the 
actomyosin complexes.

A group of low-molecular weight polypeptides that has been demonstrated to have key func-
tions in remodelling the overall actin cytoskeletal network is the S100 protein family [16]. 
Composed of approximately 25 members, the presence of the majority of these in different 
cellular systems, both in vivo and in vitro has been associated with significant changes in 
cellular migration. One of the most prominent members of this family to have been linked to 
regulate cellular motility is S100A4, a protein that has received constant attention for its sig-
nificant role in promoting cancer metastasis [16–18]. Consequently, and in order to emphasis 
the impact of this work and strengthened its delivery, I have concentrated our attentions on 
actomyosin proteins/complexes that have both been demonstrated to be crucial players of 
the migration process but also S100A4 interactors. In doing so, this chapter aims to capture a 
picture of how expression of this small, calcium-binding protein may in essence remodel at 
different levels the actin organisation and fulfil the motility engineered cycle of protrusion, 
attachments and contractions.
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2. The actomyosin machinery in cellular migration

Motility can be seen as a lone activity where a single cell may migrate (also known as amoe-
boid or mesenchymal migration [19, 20]) or is referred to as collective, if this effort is the 
result of concerted effort undertaken by numerous cells, either in sheet or clusters [9]. Equally 
important is the cell physiognomy that will be regulated in the process. Mesenchymal motil-
ity as seen during fibroblast migration leads to cellular characteristic of a more elongated 
spindle-like shape. In this type of migration, an actin-rich leading edge can be observed, 
where extension of the front leading edge is driven by actin polymerisation [21]. In amoeboid 
migration, cells adopt a more rounded morphology and rely on the contraction-based mem-
brane blebbing and enriched levels of myosin II at the cell rear [22]. Both of these migratory 
processes have been shown to play important roles in both physiological and pathological 
events.

The complexity of the different types of cell migration that can be used is mirrored by the 
number of different molecular pathways that are available to orchestrate these processes. 
Among them, however, the remodelling of the actin cytoskeleton and its organisation stands 
as an irreplaceable circuitry which is undisputably common to all. At the molecular level, this 
network is considered to provide the platform where physical forces will be exerted. Pushing 
forces generated by the assembly of filamentous actin (F-actin) will encourage the forma-
tion of cellular protrusions, such as filopodia, lamellipodia, blebbing and the most recently 
characterised invadopodia [23–25]. These changes in actin polymerisation and their dynamics 
will be directly responsible for reshaping and remodelling the underling plasma membranes.

2.1. Cellular protrusions and regulators

Actin polymerisation. The actin filaments are considered to be the backbone of cellular protru-
sion, providing the physically necessary special platform that will provide sufficient force to 
deform the plasma membrane. Their overall organisation relies primarily on their polymeri-
sation from monomeric globular actin (G-actin) into long arrays. This process is regulated by 
numerous partners but the core regulator lies in ATP hydrolysis to promote actin molecule 
recognition and bonding between two monomers. When ATP bound G-actin is hydrolysed, 
the newly created ADP+Pi G-actin structure can form stable filaments. Binding of the nucleo-
tide takes place in the high-affinity binding site located in the deep upper inter-domain cleft 
of actin (Figure 1). The presence of a cleft around exposed subdomains II and IV results in the 
polarisation of the monomeric structure and is referred to as the pointed end (Figure 1). The 
other exposed side, composed of subdomains I and III is known as the barbed end [26] and 
constitute the major binding site for most actin binding proteins ([27], Figure 1). This is a very 
important distinction which will result in sticking difference in behavioural characteristics in 
both G-actin and F-actin, of which polarised polymerisation is only one aspect.

In the early stages of assembly, also known as nucleation, actin protomers aggregate in an 
energetically unfavourable process to form a dimer that is more likely to dissociate. Addition 
of another subunit stabilises the complex and represents the nucleus, a state where actin poly-
merisation is now more favourable than dissociation (Figure 1). The association of monomers 
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Figure 1. Actin structure and cartoon of F-actin polymerisation. (A) G-actin monomer at 1.54-Å resolution bound to ADP 
(PDB code 1J6Z) by Otterbein et al. [165] obtained from striated rabbit muscle tissue. Subdomain I (red, residues 1–32, 70–144 
and 338–374), subdomain II (yellow, residues 3369), subdomain III (green, residues 145–180 and 270–337) and subdomain 
IV (grey, residues 181–269) are highlighted, resulting in the orientation of the actin molecule with the pointed end (− end) 
and the nucleotide cleft in the upper part, and the barbed end (+ end) in the lower part. (B) Process of actin polymerisation 
highlighting the steps of nucleus formation and filament formation. Please note this is a schematic representation which 
does not illustrate the current model of actin polymerisation initially proposed by Holmes et al. [166] suggesting that actin 
filaments are structured as a two right handed long pitch helices of head to tail bound actin subunits or a single left handed 
short pitch helix with consecutive lateral subunits staggered with respect to another by half a monomer length.
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into a trimeric structure is seen as the rate limiting step of the whole polymerisation pro-
cess as it is reversible where monomers can easily dissociate [28–30]. It is during the stage of 
nucleation that addition of further actin subunits is supported at both ends. Once the nucleus 
and newly added monomers have been locked into position by conformational changes, the 
process of elongation begins and the addition of actin molecules at the barbed end of the 
filament can be seen, resulting in the formation of structural polarised complexes (Figure 1). 
Whilst G-actin subunits can self-assemble, this process only occurs if the concentration of 
actin exceeds a critical concentration.

Within cells, a growing number of binding partners, or actin-binding proteins, will act both 
antagonistically and agonistically to regulate the polymerisation process. Some factors will 
act as nucleators, such as formins and Arp2/3, facilitating the process through providing a 
scaffold structure which encourages de novo assembly. Others will regulate the overall struc-
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of 4 families; diaphanous (Dia including mDia), Dishevelled associated activators of mor-
phogenesis (Daam), formin-like proteins (FMNL) and FH1/FH2 domain-containing proteins 
(FHOD) in mammals, the auto-inhibitory mechanism relies on the folding of the N-terminal 
portion, containing domains FH3, which physically obstructs the diaphanous autoregulatory 
domain (DAD) at the C-terminus and prevents it to interact with actin molecules (Figure 3, 
[42]). Binding of the Rho-GTP to the formin polypeptide in the GBD (GTPase binding domain) 
region is thought to result, at least in part, to the displacement of the masking DAD region 
away from the FH3 domain [43]. Molecular mechanisms to explain this process are currently 
being investigated. The relocalisation of formin to the leading edge is also a key concept to 
control their activities. Membrane relocalisation has been reported to be performed primarily 
by Rho-GTPases through their binding to the GBD [44]. Other studies have also revealed that 

Figure 2. S100A4 interacting actomyosin complexes and their simplified organisation in the different protrusions of a 
migrating cell. (A) Actin and focal adhesion organization in a HeLa migrating cell. Staining for F-actin using Phalloidin-
rhodamin (red) and paxillin with antibodies coupled to FITC (green) in a migrating HeLa cell. In this image, the actin 
mediated structures of the filopodium and lamellipodium/lamellum are distinctly visible at the leading edge of the cell. 
B and C present models for the lamellipodium/lamellum and filopodium and the respective molecular organisation 
within, focusing on the proteins presented in this chapter. (B) A simplified model for lamellipodium/lamellum 
formation. In the lamellipodium, the Arp2/3 complex via activation by WASP/WAVE complex interacts with actin 
filaments resulting in the nucleation of new actin filaments from the side of existing filaments. Formin proteins are also 
found at the barbed end of filaments. Limprin and the Rho-GTPase-Rhotekin complexes could get regulated by S100A4 
to promote lamellipodia protrusions. In the lamellum, tropomyosin wrapping around the actin filaments prevents 
interactions with other actin binding proteins. NMMIIA regulates retrograde flow in the lamellum. At the interface of the 
lamellipodium–lamellum, actin is depolymerised. Interactions of S100A4 with tropomyosins and the NMMII complexes 
have been reported and could result in significant changes in their overall organisation. (C) A simplified model for 
filopodia formation. In this diagram, actin polymerisation promoted by the Arp2/3 complex leads to the branching and 
extension of nascent individual actin filaments in the filopodium. Recruitment of the formins to this location promotes 
the elongation of the filaments through the addition of actin monomers at the barbed end. Other actin bundling proteins 
such as fascin regulates filopodia stability through the clustering of actin filaments. Both the Limprin and the Rho-
GTPase-Rhotekin complexes could be regulated by S100A4 to control filopodial protrusions.
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the FH3 and DD (dimerization domain) regions on mDia also mediate its membrane localisa-
tion [45, 46], indicating that other proteins capable of interaction with such domains could be 
efficient regulators. The liprin family have been suggested to possess such properties and have 
been put forward as another series of proteins which may affect formin cellular functions [47].

Arp2/3 complex. Another regulator of actin nucleation and polymerisation that plays a critical 
role in the process of formation of lamellipodia and filopodia structures is the 220kDa Arp2/3 
factor [48]. Composed of seven different subunits (ARPC1-5, Arp2 and Arp3), this complex 
promotes the formation of newly formed actin filament from the sides of existing filaments, 
forming a 70° side-branched network from pre-existing filaments [49, 50] (Figure 3). This 
property is predominantly the result of a striking similarity between the Arp2 and Arp3 pro-
teins and that of monomeric actin molecules [51], providing a mimicking dimer that serves 
as a cooperative docking for other actin subunits and in doing so, accelerates the nucleation 

Figure 3. Cartoon showing some of the regulation steps for different actin nucleating proteins. (A) Activation of the 
Diaphanous-related formin. Autoinhibition of the actin nucleating ability is due to the interaction of the C-terminal 
Diaphanous auto-regulation domain (DAD) with the N-terminal FH3 (Formin homology) domain. Rho-GTP Binding of 
the GTP bound Rho to the GTPase binding domain (GBD) region is thought to lead to a partial displacement of the DAD 
as well as relocalisation of the complex, resulting in the unfolding of the protein and the relieve of the autoinhibition 
(DD dimerization domain). (B) Cartoon representation of the Arp2/3 complex and nucleation of a branched filament. 
The Arp2/3 complex initially binds to the pointed end of the mother F-actin. Binding of the WCA domain of a nucleation 
promoting factor (NPF) to exposed regions of Arp2 and Arp3 allows the delivery of actin monomer and initiate the 
polymerisation of a nascent branched filament as elegantly demonstrated [52].
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process and thereby reduces the rate of the limiting step at this stage [52]. Whilst all com-
ponents of this hetero-heptamer are critical for the generation of newly formed actin arrays 
from the pointed end, albeit with distinct functions, the Arp2 and Arp3 proteins are seen as 
the principal components responsible for establishing the initial base of the newly assembled 
filament [52]. The other components, especially ARPC1, are mainly involved in the binding 
to the mother filament [53, 54] (Figure 3). Interestingly, weak basal activity of the purified 
Arp2/3 complex in promoting actin nucleation and branch formation [55, 56] highlights its 
intrinsic association with other regulators [57]. Activation of the Arp2/3 complex is regulated 
by different complexes at distinct cellular locations. Whilst Arp2/3 is controlled by the WAVE 
regulatory complex in a Rac-GTPase pathway in lamellipodia, the Wiskott-Aldrich syndrome 
protein family (WASP), downstream of Cdc42, is predominantly implicated with the regula-
tion of Arp2/3 in filopodia [58]. By all accounts, these nucleation-promoting factors (NPF) 
stimulate Arp2/3 mediated-nucleation through a WCA domain found at the C-terminus 
(Figure 3). It is thought that the WH2 region within the WCA domain is responsible for bind-
ing and therefore delivering the actin monomer, whilst the CA sequence promotes binding to 
the exposed regions of both Arp2 and Arp3 [59]. It is the clustering of the different subunits, 
along with the newly added actin molecule that encourages formation of a new nucleus and 
further actin polymerisation, resulting in the elongation of 70° side-branched network. Since 
the NPF family has been continuously expanding, it is now subcategorised into five groups 
including WASp and neural Wiskott-Aldrich syndrome protein (N-WASP), three SCAR/
WAVE proteins and the recently identified factors WASH, WHAMM and JMY [60].

Taken all together, actin polymerization at the leading edge is a vital process for cellular 
migration, through the orchestrations of events that will ultimately lead to different cellular 
protrusion events. In this section, different actin polymerization factors and their functions 
(Arp2/3 and Formin) were briefly explored. One should remember that this is only a prefer-
ential view in regards to their potential involvements through a S100A4-dependent process 
and that numerous other regulators not mentioned here play equally vital roles in the process 
of actin remodelling and cellular migration.

Away from the leading edge and the protrusions of the lamellipodia and filopodia, the array 
of filamentous actin is seen to exist as more bundling rather than the branched sheets reported 
previously, mainly due to the interaction of different actin-binding proteins. This contractile 
network is seen as a unique structural complex, spatially posterior to the lamellipodium, and 
is referred to as the lamellum [61].

2.2. Lamellum and cellular contractions

In the spatial arrangement of the lamellum, filaments are organised in different structures, 
known as stress, dorsal and ventral fibres; they are the result of interaction of the actin fila-
ments with different partners (Figure 2). It is in this context and primarily through the control 
of the tropomyosin and myosins that contractile forces are exerted to manipulate their overall 
organisation. Generation of such tensile forces is provided by the myosin network, mainly 
non-muscle myosin II (NMMII) which is responsible for the majority of the morphological 
and architectural reorganisations that promote cell movement.
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Tropomyosin. The tropomyosin (tpm) family is composed of four separate genes, TPM1-4 
which can be further subdivided, due to different alternative splicing and post-translational 
modifications, resulting in the presence of more than 40 tpm products [62, 63]. Interestingly, 
these isoforms have been shown to interact differentially with actin filaments, ensuing bio-
physical and dynamic property changes, as well as different subpopulations occurring in dif-
ferent locations and in abundance [64]. It is unclear today, how these association-promoting 
mechanisms are regulated over time and space, to result in such highly selective and discrimi-
natory organisation [65, 66], but all interactions necessitate dimerization as well as head to tail 
contact between individual complexes to form continuous actin/tropomyosin filaments [67]. 
The formation of these highly selective complexes is thought to seclude, or at least regulate 
the interactions of other actin-binding proteins with these actin filaments, therefore playing 
a major role in determining the functions of different filaments [68, 69]. For instance, the 
absence of tropomyosin in the leading edge is thought to be a predominant factor that allows 
specific branching of the actin network, since different isoforms have been shown to compete 
and inhibit the actin polymerisation of Arp2/3, at least in vitro [52, 70]. Equally important is 
the fact that tropomyosin has been implicated in the regulation and recruitments of NMMII 
in stress fibre formation [68], regulating both elasticity and stiffness [71]

The overall organisation of the actin cytoskeleton can also be dictated by actin bundling and 
contractile motor proteins. Binding of individual filaments, actin cross-linking and motor pro-
teins allow the formation of thicker, linear and either paralleled or antiparallel filamentous 
F-actin networks that can be found in all subcellular localisations. In the lamellum, the class 
II non-muscle myosin family has been shown to be a key regulator, participating in the bun-
dling of actin filaments and generating mechanical forces, which result in filaments sliding 
and/or contractions [72, 73].

Non-muscle Myosin II family. The myosin II family, which encompasses a group of 34 different 
isoforms, are expressed in all eukaryotes, except plants with 15 genes corresponding to the 
myosin II cluster. These myosin II motor proteins are exclusively expressed in non-muscles 
cells and can therefore be referred to as non-muscle myosin II (NMMII). In its fully formed 
state, the NMMII complex corresponds to a 525 kDa structure composed of six non-covalently 
associated polypeptides. The backbone of this is a homodimeric myosin heavy chain contain-
ing a head domain and a long coiled-coil rod domain, separated by a neck area. Two essential 
light chains and two regulatory light chains bind to this backbone [74]. The N-terminal head 
portion of the heavy chain is globular in structure and possesses the actin-binding domains as 
well as the ATPase activity which is required for movement towards the plus end of the actin 
filament, thereby inducing sliding between filaments and force generation. In contrast, the long 
coiled-coil C-terminal part of this protein is essential for dimerization and further assembly of 
one hexamer to another thereby forming a multimeric network of bipolar NMMII with motor 
domains positioned at both ends of the filaments. Bipolar filaments of NMMII formation are 
the result of electrostatic interactions between these C-terminal helical tails [75] and are essen-
tial for its cellular functions. Stability of these NMMII filaments is controlled by phosphory-
lation of the myosin heavy chain [76, 77] or by interaction with proteins that recognize the 
C-terminal helical tail region.
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NMMII isoforms in the form of NMMIIA, NNMIIB and NMMIIC are found in most, but not 
all human cells and most mammals. NMMIIA and NMMIIB are expressed at similar levels in 
endothelial and epithelial cells. There is, however, little or no NMMIIC present in these cell 
subsets although it is known to be much more prominent in cells of lung and nervous tissues. 
Their location appears to be cell-specific and will be regulated differentially depending on the 
type of cell migration. Perhaps their expression patterns further reflects their function, since 
NMMIIA and NMMIIB play fundamental roles in mediating cell shape and matrix interac-
tions during migration, whilst a clear role of NMMIIC in this process is still missing. As a 
consequence, during mesenchymal motility, NMMIIA is localised throughout the cells, in 
cellular protrusions and in both the lamellipodia and lamella of migrating cells [78] where, 
with Arp2/3-dependent actin polymerisation in the former, it results in actomyosin contrac-
tion and the retrograde flow of F-actin towards the cell body [61]. NMMIIB is predominantly 
found in the central and rear regions of the cell but not at the cell front [79].

Whilst formation of protrusions is a key element of cellular motility, it is equally critical that 
these newly created extensions also adhere and attach to the substratum, as their inability to 
do so result in their rearward movements in waves due to cellular tension [80]. Nascent adhe-
sions are the first observable adhesive structures established in the lamellipodium [72, 81]. 
Their transient nature will force them to either disassemble quickly or mature into larger 
complexes known as focal adhesions which reside at the boundary of the lamellipodium 
and lamellum [82]. Actomyosin contraction is the main regulator that controls nascent adhe-
sion enlargement [72]. This initial interaction with the extracellular environment will in turn 
induces activation of downstream effectors transmitted to the plasma membrane to encour-
age further integrin adhesion and clustering through their activation as well as changes in 
confirmation of extracellular matrix proteins [83]. Following on from this integrin activation, 
other downstream cellular pathways are also instigated; these lead to the recruitment, in a 
force dependent manner, of numerous framework and adaptor proteins which associate to 
form an adhesome [84]. Indeed mechanical stretch generated during this process induces 
changes in structural protein configurations, thereby encouraging binding of certain factors 
to other partners, as is the case for paxillin, vinculin, talin and actin, three essential component 
of the adhesome/adhesion complex [85, 86] (Figure 4).

NMMII cross-linking and contractile functions to remodel the actin cytoskeleton are regulated 
by phosphorylation of (1) regulatory light chains (RLC), (2) heavy chains (HC) and (3) myo-
sin’s ability to assemble into filaments. The RLC polypeptide can be specifically phosphorylated 
at different regulatory sites. The most prominent site is Ser19, leading, when phosphorylated, 
to a significant increase in ATPase activity of the head domain in the presence of actin [87]. 
Phosphorylation sites in the C-terminus of the myosin heavy chain have also been identified, 
although the true implications of such changes in ATPase activity remain unclear. Regulation of 
the reversible phosphorylation of specific residues is obtained through the activation of different 
kinases and phosphatases, depending on the residues considered. Whilst phosphorylation at 
residue Ser19 will be regulated by MLCK (myosin light chain kinase) and MYPT1 (myosin phos-
phatase target subunit 1), the most prominent examples, respectively [88, 89], the C-terminal 
region of the myosin heavy chain is directly targeted by kinases such as TRPM7 (transient recep-
tor potential cation channel subfamily M member 7) and PKC (protein kinase C) [77, 90].
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Figure 4. Myosin IIA expression in Cos7 cells regulates actin fiber formation and focal adhesion maturation. (A) 
Regulation of the actin organisation in Cos7 cells in the presence of NMMIIA. Cos7 cells were seeded into 24 well plates 
and left to incubate for 24 h. Cells were washed and fresh medium without antibiotics were added into each well 4 h prior 
to adding transfection mixture containing either the empty PeGFP-C3 plasmid (green cells labelled as A’) or the PeGFP 
plasmid expressing NMMIIA (green cells labelled B’). Following a 48-h incubation, cells were fixed, permeabilised and 
stained either for actin (Phalloidin-rhodamine (red)) prior to mounting and viewing by epifluorescence microscopy. 
Note that the expression of NMMIIA leads to significant increases in stress fibres formation (B’ where both NMMIIA and 
actin colocalise). (B) Focal adhesion organisation in Cos7 cells in the presence of NMMIIA. Cells grown as above were 
transfected with an empty PeGFP-C3 plasmid (green cells labelled as C’) or the PeGFP plasmid expressing NMMIIA 
(green cells labelled D’) prior to fixing, permeabilisation and immunostaining for paxillin using a mouse anti-paxillin 
primary antibody and a secondary anti-mouse rabbit Alexa-568 secondary antibody (red), prior to mounting and 
viewing by epifluorescence microscopy. Note that the expression of NMMIIA leads to significant increases in formation 
of paxillin cluster at the end of the myosin fibres (D’ where paxillin foci are seen).
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Compelling evidence also demonstrates that phosphorylation and interactions with the 
C-terminal region of NMMII regulate assembly of the complex into filaments. Such post-trans-
lational modifications also result in a change in overall structure. In its fully dephosphorylated 
form, the compact NMMII complex adopts an asymmetric state, unable to polymerise which is 
relaxed into an extended conformation following phosphorylation of RLC [91]. Phosphorylation 
of the C-terminal region of NMMII by kinases such as TRPM7 and PKC has also been shown to 
interfere with its abilities to form filaments [92]. Finally, it is predominantly through changes at 
the C-terminus, via the coiled-coil domain that NMMII assembly into filaments is controlled. 
Truncation experiments have demonstrated that the C-terminal region containing an ACD 
(assembly competence domain), as well as the C-terminal tail piece, are both important to pro-
mote correct assembly of NMMII into parallel and anti-parallel filaments [93, 94]

Another key regulator of motility is the cell’s ability to orchestrate the different contraction 
and tension forces that are necessary to promote movement. In this section, lamellum com-
ponents such as those of the NMMII and tropomyosin networks have been briefly reviewed. 
The overarching purpose here being once again to focalise the reader’s mind on certain com-
plexes, which are known interactors for the S100A4 proteins and could be key players in the 
process of motility observed when this protein is aberrantly expressed. Other pivotal factors 
that regulate motility via contractions have not been mentioned here but have been addressed 
in numerous other reviews and chapters [23, 95–101].

3. S100A4 protein regulation of the actomyosin cytoskeleton

Initially, referred to as mts1, FSP1, metastatin, p9Ka, PEL98, calvasculin, 42A and placental 
calcium-binding protein, S100A4 is a low-molecular weight acidic protein belonging to the 
S100 family. This small polypeptide is characterised, as all other members of this family, by 
a pair of calcium-binding helix-loop-helix regions referred to as EF-hand calcium-binding 
domains located at either side of the protein and separated by a hinge region [16, 102]. Over 
the years, S100A4 has received a large degree of interest in the field of cancer cell biology, 
since its expression is linked to increased motility and invasion directly promoting metastasis 
in animals, and it is now considered a potent marker for human metastasis and predictor for 
poor patient outcomes [17, 103]. Its expression is also observed in non-physiopathological 
states in different motile cell types in vivo, including those of the immune system (lympho-
cytes, macrophages and neutrophils) as well as mesenchymal fibroblastic cells. The biological 
implications of S100A4 expression on cellular migration are well-known [16], but the mecha-
nisms required to attain such phenotypic changes are not fully characterised. In this part of 
the chapter, I will review its interactions with the different actomyosin components that have 
been discussed, whether actin nucleating activators, actin binding proteins or myosin regula-
tors, highlighting how their functions are being affected in the presence of the S100A4 protein.

3.1. S100A4 regulates cellular protrusion

Expression of S100A4 has been correlated to significant changes in overall actin organisa-
tion and cellular extensions, with extensive increases in lamellipodia and forward protrusions 
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[104, 105] which, in turn, are thought to result in greatly enhanced cellular motility. Similarly, 
S100A4 has been found to be enriched at both the leading edge and in pseudopodia of migrat-
ing cells [104, 106]. A clear molecular explanation as to how S100A4 can regulate such pro-
cesses is currently lacking, but different hypotheses have been formulated in view of what is 
known about its different binding partners and regulatory functions.

Actin interaction. Direct interaction and binding of S100A4 with actin has been demonstrated. 
This process is obtained, in the presence of calcium ions, at a ratio of 3 to 5:1. This high ratio 
of S100A4 to actin is intriguing, especially in view of that of other actin-binding proteins, sug-
gesting possible oligomerisation of S100A4 with itself as well as its ability to cross-link actin 
filaments [107, 108]. Further association of S100A4 with actin stress fibres have been reported 
both in vitro and in vivo [108, 109], although it is important to highlight that it is unsure 
whether this interaction is the result of direct protein interactions or is the result of an associa-
tion of S100A4 with other actin-associated factors. To this date, the biological consequences 
of such a partnership have not been deciphered and the true role of their interaction remains 
to be elucidated.

Liprin interaction. S100A4 has been shown to interact with the liprin family of proteins and 
both can be seen to colocalise at the plasma membrane [110]. Interaction of these two proteins 
leads to reduction in phosphorylation of the liprin β1 molecule. Current thinking indicates 
that the liprin family of proteins are key promoters of cellular migration [47, 111]. Among 
possible functions to regulate cytoskeletal remodelling at the leading edge, liprins have been 
shown to interact with formin proteins and affect the appropriate localisation of the for-
min mDia to the plasma membrane. Their interaction is modulated by liprin binding to the 
FH3-DD domains on mDia, preferably when in the open configuration after Rho-GTPase acti-
vation (Figure 3, [47]). In cells, Liprin α1 has been shown to form a pentameric complex with 
another isoform, liprin –β1 as well as LL5 and ERC1/ELKS proteins. This complex is located 
primarily at the leading edge of migrating cells and stimulates lamellipodia formation [112] 
as well as integrin-mediated focal adhesion stability [113]. Other reports further demonstrate 
the essential functions of liprin on stabilising lamellipodia and invadopodia [114]. The true 
involvement of S100A4 in the regulation of liprin and/or formin activities is currently missing, 
but one could hypothesise that the three protein functions may be intertwined. Given that 
S100A4 expression has been linked to filopodia instability [105], and the critical known role of 
formins in the process [58], one could for instance speculate and put forward a new formin-
liprin-dependent function for this small calcium-binding protein.

Rhotekin interaction. S100A4 has recently been linked to into the Rho-GTPase pathway through 
its association with the scaffold protein Rhotekin. The Rho-GTPase family has been demon-
strated to be a key regulator of the actin cytoskeleton structure and organisation. Initially, 
their roles appeared to remodel the formation of stress fibres, myosin activities and focal 
adhesion formation through modulations of its two main effectors ROCK and mDia [115, 
116]. Activation of ROCK, a Rho-associated coiled- coil serine/threonine kinase, would result 
in phosphorylation of myosin phosphatases, which, in turn, would lead to increase phos-
phorylation of RLC and subsequent contractibility of NMMIIA (as discussed above). Actin 
polymerisation through the mDia axis would also be stimulated by ROCK and Rho-GTPase 
[116, 117], resulting in actin filament and ultimately fibre formation. More recent analysis 
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clearly demonstrates that Rho activity is a key in the process of restructuring the leading edge 
in migrating cells, particularly RhoA [118–121]. Activation of RhoA has further been demon-
strated to take place within a short distance of the leading edge, regulating cellular protrusion 
in the process, preceding the activation of other GTPases such as Rac1 and Cdc42 [120]. A 
ternary complex consisting of RhoA, Rhotekin and S100A4 has been shown to play a key role 
in hijacking this complex towards the leading edge to stimulate membrane ruffling in lieu of 
stress fibres [122]. S100A4 binding specifically to the Rho-binding domain of Rhotekin does 
not interfere with the association of the scaffolding protein with RhoA, and instead, leads to 
further activation of the complex, although the direct effectors of this process to fully explain 
how this enhances lamellae formation remain unknown [122].

NMMIIA interactions. The best studied S100A4 interacting partner is undoubtedly the 
NMMIIA heavy chain [92, 123–126]. Structural models have revealed that the S100A4 dimer 
binds both the C-terminal region of the coiled-coil ACD1 domain as well as the N-terminal 
part of the disordered tailpiece [127, 128]. Such interaction is thought to induce unwinding 
and destabilisation of the coiled-coil region, potentially disrupting intermolecular interac-
tion between myosin molecules and subsequent disassembly and losses in contractibility 
[123, 128, 129].

Recent evidence indicates that the retrograde flow exerted by NMMII impedes extension of 
the leading edge and subsequent rates of protrusions because of reduced actin polymerisation 
[130, 131]. Therefore, a reduction in contractile forces, as observed when NMMII activity in cells 
is inhibited by blebbsistatin, leads to significant decreases in actin retrograde flow in the lamel-
lum. This reduced flow leads, in turn, to subsequent increases in actin clustering into bundles 
at the lamellipodium–lamellum interface, and increased leading edge extension [132, 133]. The 
opposite experiment where activation of the NMMII complex is achieved through a Eph recep-
tor/RhoA/ROCK signalling pathway was found to inhibit lamellipodial extension [134].

It is therefore rational to suggest that one of the protrusion-promoting abilities of S100A4 may 
be directly linked to its ability to interfere with formation of myosin fibres and their role in 
protrusion formation. Experimental support for a S100A4-NMMIIA role in cellular protru-
sion was obtained when S100A4 overexpression in tumour cells led to significant increase 
in leading edge protrusive activity [104]. This change in phenotype was shown indirectly 
to be NMMIIA dependent since the exogenous addition of antibody targeted towards the 
NMMIIA-binding site mimicked the cellular behaviour [104]. Interestingly, a reverse experi-
ment also confirmed a clear role for S100A4 in this process, since S100A4 (−/−) macrophages 
demonstrated large amounts of over assembled NMMIIA filaments, leading to significant 
lamellipodia instability and reduced persistence [135]. Because NMMIIA has been clearly 
demonstrated to be the preferential cytoskeletal target for S100A4 to date, it is expected that 
their partnership may also influence the overall organisation of the actomyosin network in the 
lamellipodium and lamellum where the majority of the NMMIIA pools are located.

Whilst S100A4 expression in cells has undoubtedly been linked to regulation of cellular 
protrusions, mainly increases in lamellipodia and forward protrusions, and arguably being 
responsible at least in part for some of the enhanced cellular motility observed, the true molec-
ular processes responsible are yet to be fully characterized. In this section, S100A4 partners 
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such as Rhotekin, actin or liprin possibly found at the leading edge are presented in order 
to provide possible explanations as to how such biological properties may be regulated and 
it is expected that future researches will shed new lights into the true mechanisms that are 
involved in this process.

3.2. S100A4 functions in the lamellum and cellular contractions

Behind the cellular protrusion of the highly dynamic lamellipodium, the actomyosin net-
work contributes to cell migration through contractibility and substrate adhesion [61, 72, 81]. 
Although direct evidence of S100A4 being localised in the lamella of migrating cells is still 
lacking, numerous reports have highlighted potential regulatory functions of the S100A4 
within this subcellular fraction since its expression has been shown to lead to dramatic 
changes in numbers and organisation of focal adhesions and actin stress fibres [104, 105, 109, 
122, 128, 136]. I will briefly discuss here the different properties that S100A4 encompasses 
towards a remodelling of this cellular architecture.

Tropomyosin interactions. The ability of S100A4 to bind to tropomyosin has been put forward 
both in vitro and in vivo [137], but with relatively low affinity if at all [138]. The true con-
sequences of this interaction remain to be fully elucidated in regards to biological cellular 
consequences.

NMMIIA interactions. As discussed previously, binding of S100A4 leads to significant disas-
sembly of NMMIIA filaments. Mechanical forces exerted by the myosin network have been 
shown to be key regulators for the growth and maturation of focal adhesions since altering 
contractility using either inhibitors [139] or knockout studies [79] results in impeded matura-
tion and stabilisation. Although myosin is not physically present in the adhesion, it influences 
the process through its attachment to actin bundles with which adhesion is associated [79]. 
Whilst no direct evidence has been presented to demonstrate that S100A4 interacting with 
the myosin network results in the loss of adhesion of cells with their substratum, there is a 
compelling number of reports which have linked S10A4 expression to either stress fibre losses 
or reduction of focal adhesion stability or maturation [104, 105, 109, 122, 128, 136]. Similarly, 
regulating the assembly status of myosin via phosphorylation of sites in the C-terminal coiled 
coil and tailpiece regions have also been associated with reorganisation of the cytoskele-
ton and focal adhesions. Phosphorylation of serine residue S1943 results in disassembly of 
NMMIIA filaments [76] and leads in vivo to cytoskeletal reorganisation, whilst conversely 
inhibiting phosphorylation of the C-terminal tail pieces was shown to induce stabilisation of 
focal adhesion [140]. Other myosin-disassembling factors which bind to the C-terminal coiled 
coil and tailpieces regions such as S100P or lethal giant larvae have also been shown to regu-
late focal adhesions [141–143].

This final section briefly summarizes the best characterized and known S100A4 interactor, 
namely NMMII, in view of their high binding affinity, as well as by the number of reports 
highlighting their association. Yet again, whilst we are gathering further understanding 
related to their association and the different regions of the proteins that are responsible, a true 
model as to how their interactions regulate cellular motility remains elusive both theoretically 
and more importantly experimentally.
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4. Conclusion

Controlling the actin cytoskeleton and the motility process is a key function, that when going 
awry, leads to significant pathological conditions. Not surprisingly, mutations or aberrant 
expression of all actin interacting proteins listed in this section have been liked to diseases, 
thought to be the result of significantly reduced cellular motility. Mutations in cytoplasmic 
actin have been related to autosomal dominant hearing loss [144]. Mutation or molecular 
mechanisms that result in changes of activity of actin-binding proteins, such as the nucleat-
ing facilitating protein complex Arp2/3 have been linked, albeit indirectly, to bacillary dys-
entery, as their functions are high jacked by the Shigella bacterial strains to disseminate in 
the colonic epithelium [145]. Involvement of the Arp2/3 complex and their regulator WASp 
have also been shown to lead to immunodeficiency and reduced platelet numbers, as the 
loss of WASp expression leads to the Wiskott-Aldrich syndrome [146]. Formin has also been 
linked to pathological conditions such as deafness [147] and immunity deficiencies, at differ-
ent levels, presumably because of the differential expression of formins isoforms in different 
cell systems [148]. Mutation in NMMII has also been associated with a multitude of defects 
[89], with for instance, loss in NMMIIA affecting platelet and leukocyte dysfunction, renal 
diseases, loss to cataracts formation and neuronal disorders [14]. Equally important is the 
fact that differential expression of these factors and/or their activations are also key regulator 
of changes in cell division and migration/invasion, playing a predominant role in tumori-
genesis and metastasis [14, 15, 149]. In this context, the high levels of S100A4 expression 
have also been shown to be significant determinant allowing cellular spreading and distant 
tumour formation. Beside its role in cellular motility through its interactions with actomyo-
sin components which have been discussed throughout, S100A4 has also been demonstrated 
to play key roles in both cellular motility through the interactions with other partners. Both 
the Wnt/· catenin [150] and the AKT/slug [151] pathways have been shown to be capable 
of regulation by S100A4, leading to changes in cytoskeletal architecture and overall cellu-
lar migration. Other signalling pathways such as the PI3K/AKT/mTOR [152] or the NF-kB 
[153] route have also been shown to be capable of activation by S100A4 leading to significant 
changes in migration but without directly linking this process to cytoskeletal reorganisation. 
Another important aspect of S100A4 ability to encourage cellular migration and potential 
chemotaxis relates to its presence in the extracellular matrix. In the context of this chapter, I 
have concentrated our efforts to consider cytoplasmic S100A4, where it is found at concentra-
tion as high as 10 μM [154]. Traces of the protein have, however, also been reported both in 
medium of cultured cells [155, 156] and in biological fluids [157, 158], whether physiological 
or pathological, where it is thought to regulate the activities of metalloproteinases [159] or 
cellular receptors such as annexin2/plasmin and RAGE [156, 160]. Perhaps not surprisingly, 
different approaches have been utilised to combat the S100A4 motility and invasion inducing 
capability through the isolation of inhibitors. The result of this early work has demonstrated 
that some of these inhibitors regulate the interactions of S100A4 with the actomyosin net-
work. For instance, trifluoperazine, a phenothiazine-based compound, has been reported to 
block S100A4 ability to depolymerise NMMIIA filaments [161, 162]. The true potential of this 
compound in cells and possibly in vivo, along with deciphering the mode of actions of other 
molecules that have been isolated as specific inhibitors of the S100A4 associated cell motility/
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invasion/metastasis [163, 164] will pave the way for the development of further drugs that 
can regulate S100A4 interaction with the actomyosin architecture.
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Abstract

In this chapter, we deal with the current knowledge and important results on the cyto‐
skeletal proteins and their differential regulation by kinases/phosphatases and Ca2+‐
mediated mechanisms in developmental rat brain. We focus on the misregulation of the 
phosphorylating system associated with intermediate filament proteins of neural cells 
and its relevance to cell and tissue dysfunction. Taking into account our findings, we 
propose that intermediate‐filament proteins are dynamic structures whose regulation is 
crucial for proper neural cell function. Given their relevance, they must be regulated 
in response to extracellular and intracellular signals. The complexity and connection 
between signaling pathways regulating intermediate‐filament dynamics remain obscure. 
In this chapter, we get light into some kinase/phosphatase cascades downstream of 
membrane receptors disrupting the dynamics of intermediate filaments and its associa‐
tion with neural dysfunction. However, intermediate filaments do not act individually 
into the neural cells. Our results evidence the importance of misregulated cytoskeletal 
crosstalk in disrupting cytoskeletal dynamics and cell morphology underlying neural 
dysfunction in experimental conditions mimicking metabolic diseases and nongenomic 
actions of thyroid hormones and as an end point in the neurotoxicity of organic tellurium.

Keywords: intermediate filament, cytoskeleton, cell signaling, calcium, neurotoxicity

1. Introduction

All the cell functions accomplished by the living cell are dependent on a sophisticated net‐
work of protein filaments with different compositions, distributions and roles into the cell, 
forming an integrated meshwork known as the cytoskeleton. However, the most striking fea‐
ture of the cytoskeleton concerns its ability to respond to signals and conditions to which cells 
are submitted, taking part of adaptive cell response to different stimuli. The cytoskeleton is 
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Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use,
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an end point of signaling pathways adapting cells to immediate or long‐lasting behaviors in 
healthy and sick organisms.

Cytoskeleton of most animal cells is constituted by three interconnected filament subsystems: 
microfilaments (MFs), microtubules (MTs) and intermediate filaments (IFs). Compelling 
evidence from the last decades has brought convincing understanding for the highly regu‐
lated and interconnected interactions between the cytoskeletal elements giving support to 
sculpting and maintaining cell shape and sustaining all kinds of morphological alterations or 
internal organization, as well as their implications for the behavior of animal cells. Figure 1 
demonstrates the organization of the cytoskeleton in neurons.

A cohort of accessory proteins and signaling machinery regulates the dynamic turnover of the 
cytoskeleton. Although each type of filament has specific cell distribution, molecular constitu‐
ents and equilibrium, the coordinated intertwining among the different networks provides 
the force for a number of coherent processes in response to all kinds of intra‐ and extracellular 
stimuli leading responses so decisive as cell survival or death [1].

This chapter initiates with a brief introduction about the structure and function of IFs, empha‐
sizing those from neural cells. However, the main purposes of the chapter are the experimen‐
tal evidence of our laboratory that the roles of IFs are beyond protection from mechanical and 
nonmechanical stress. They might be the end point of misregulated‐signaling mechanisms in 
neurotoxic conditions adapting their dynamics, in concert with the other cytoskeletal fibers, 
to cell survival or death.

Figure 1. Distribution of cytoskeletal constituents into neurons. Neuronal cytoskeleton is composed by microfilaments, 
microtubules, and intermediate filaments. The microtubules are nucleated at the centrosome, then released and delivered 
to either the dendrites or the axon. Neurofilaments are abundant in axons and the spacing of neurofilaments is sensitive 
to the level of phosphorylation. The microfilaments are dispersed within the cells and they are most abundant near the 
plasma membrane.
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2. Intermediate filaments

2.1. Molecular architecture of intermediate filaments

IFs are flexible, rod‐shaped fibers averaging 10 nm in diameter, a size that is intermediate 
between MFs and MTs. They are ubiquitous constituents of the structural scaffold of the 
eukaryotic cells and considered mechanical integrators of cytomatrix [2]. These cytoskeletal 
filaments are widespread expressed in practically all animal cell types and are the most diverse 
cytoskeletal protein family, encoded by an estimated 70 IF genes in the humans. IFs have 
been grouped into six sequence homology classes (SHC) according to the degree of sequence 
identity: acidic keratins (SHC group I); basic keratins (SHC group II); desmin, vimentin and 
other mesenchymal IF proteins, such as glial fibrillary acidic protein (GFAP) (SHC group III); 
neurofilament proteins (SHC group IV); and lamins (SHC group V).

IF building blocks are fibrous proteins stabilized by multistranded left‐handed coiled coils 
giving rise to a rope‐like structure. Their structures are constituted by a long central α‐helical 
region, also designed rod domain, with a distinct number of equally sized coiled coils forming 
segments flanked by non‐α‐helical N‐terminal (the head domain) and C‐terminal domains 
(the tail domain). Both head and tail domains are highly varying in size and sequence, thus, 
the functional and molecular heterogeneity of IF proteins are a consequence of the highly 
variable non‐α‐helical end domains of subunits.

The central rod domain of IF subunits is α‐helical rod highly charged, with a role in the first 
phase of IF assembly. By contrast, the head domain enriched in basic amino acids is essential 
for the formation of tetramers (the polymerization units) and complete IF assembly.

The non‐α‐helical tail domain can vary drastically between different IF proteins. This domain 
is not essential for the assembly of cytoplasmic IFs but plays a significant role in filament 
width control. The functional role of the tail domain is particularly important in the neurofila‐
ments, the neuronal‐specific IFs, as discussed below.

Overall, the assembly of subunits giving rise to functional IFs is a complex and multistep 
process with individual specificities among the different representatives of this molecularly 
heterogeneous family. Taking into account the in vitro polymerization of vimentin, filament 
assembly starts with the formation of parallel, in‐register dimers. These dimers spontane‐
ously associate laterally into antiparallel, half‐staggered tetramers. Tetramers aggregate into 
higher‐order oligomers to form unit length filaments (ULFs) that undergo reorganization and 
elongation by longitudinal annealing to form immature IFs. The final step is radial compac‐
tion of the filaments from approximately16 nm to a diameter of 10–12 nm [3].

Different from the other IFs, NFs comprise three subunits with different molecular masses 
and distributions into the filament. They are formed by light, medium and heavy molecular 
mass NF triplet proteins (NF‐L, NF‐M and NF‐H), respectively. NF‐L can self‐assemble form‐
ing the core of the filament. NF‐M and NF‐H are peripherally disposed on the filament, with 
their long and flexible tails rich in highly charged domains and multiple phosphorylation 
sites, radially projecting out from the filament backbone when NF‐M and NF‐H co‐assemble 
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with the short‐tail NF protein NF‐L. Interestingly, NF‐H and NF‐M by their own are not able 
to assemble into filaments, but by contrast, self‐assembled NF‐L yields normal looking 10‐nm 
filaments. These side arms of NF‐M and NF‐H contain multiple phosphorylation sites regulat‐
ing the interactions of NFs with each other and with other cytoskeletal structures [4].

2.2. Roles of intermediate filaments in neural cell function

Neurons are highly specialized in the transmission and processing of electrical and chemical 
signals. A functional nervous system is dependent of a proper axonal array, which in turn 
is critically dependent upon the organization of the axonal cytoskeleton. Five main subunit 
proteins form the neuronal specific NFs: the group IV NF‐L, NF‐M and NF‐H triplet pro‐
teins, α‐internexin and the group III peripherin. Mature filaments are composed of several 
combinations of these five subunits. In most differentiated neurons, α‐internexin expression 
precedes that of the NF triplet and declines somewhat postnatally, while the expression of 
the NF triplet sharply rises. Neurofilaments found in perikarya, dendrites and axons differ 
considerably in their organization and function. Perikarial NFs form a meshwork around 
the nucleus. In the axons of mature neurons, a large number of longitudinally oriented and 
phosphorylated NFs play a fundamental role increasing the diameter of myelinated axons 
and consequently nerve conductivity. Neurofilaments present in dendrites are less abundant 
and less phosphorylated than those of axons.

Neurofilaments are transported from the cell body, where they are synthesized, to be deliv‐
ered along the axon by a mechanism called axonal transport. The motors implicated in the 
anterograde transport are kinesins, while the retrograde transport is mediated in association 
with dynein, the same motor proteins involved in the fast axonal transport along MTs [4].

The multiple roles of cytoskeletal proteins in the neural cells imply that there is an underlying 
cytoskeletal pathology associated with several neurodegenerative processes. The major neu‐
rodegenerative diseases are characterized by the presence of inclusion bodies in implicated 
neurons. These inclusion bodies all contain elements of the cytoskeleton. In addition, muta‐
tions and/or accumulations of NFs are frequently observed in several human neurodegenera‐
tive disorders including amyotrophic lateral sclerosis, Alzheimer disease, Parkinson disease, 
Charcot‐Marie‐Tooth, giant axonal neuropathy, neuronal intermediate‐filament inclusion 
disease and diabetic neuropathy [5]. Multiple factors can potentially induce the accumulation 
of NF, including deregulation of NF gene expression, NF mutations, defective axonal trans‐
port, abnormal posttranslational modifications and proteolysis [4]. Beyond their association 
with neural damage in inherited or age‐dependent neurodegenerative diseases, studies from 
our laboratory indicated that the disruption of NF homeostasis is a response to toxic agents 
and abnormally accumulated metabolites in rat brain.

Astrocytes are important cytoarchitectural elements of the CNS; however, during the past few 
years, molecular and functional characterization of astroglial cells indicates that they have a 
much broader function than only support the neurons in the brain. Compelling evidence sup‐
ports that astrocytes have specialized functions in inducing and regulating the blood‐brain 
barrier (BBB), glutamate uptake, synaptic transmission, plasticity and metabolic homeosta‐
sis of the brain [6]. Astrocytes express 10 different isoforms of glial fibrillary acidic protein 
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(GFAP), the specific astrocytic IF, together with vimentin, nestin and synemin. However, 
GFAP is the main IF protein expressed in mature astrocytes, where it helps maintaining 
mechanical strength, as well as cell shape. However, recent evidence has shown that GFAP 
plays a role in a variety of additional astrocyte functions, such as cell motility/migration, cell 
proliferation, glutamate homeostasis, neurite outgrowth and injury/protection [7].

Astrocytes are also involved in a wide range of CNS pathologies, including trauma, isch‐
emia and neurodegeneration. In such situations, the cells change both their morphology 
and their expression of many genes leading to activation of astroglia, or astrogliosis. It is 
accepted that the increase of IFs with accompanying cellular hypertrophy and an abnormal 
apparent increase in the number of astrocytes characterize astrogliosis. However, upregula‐
tion of IF proteins, in particular GFAP, but also vimentin and nestin, two IF proteins abun‐
dantly expressed in immature astrocytes, is regarded as the hallmark of astrogliosis [7]. In 
this regard, the most remarkable evidence of the relevance of GFAP in the physiological roles 
of astrocytes in maintaining normal brain function is Alexander disease, a fatal disorder in 
which GFAP mutations might compromise the astrocyte stress response [8].

3. Protein phosphorylation in signaling transduction

Phosphorylation is the most widespread type of posttranslational modification of the intracel‐
lular signaling proteins. Phosphorylation of proteins occurs within seconds or minutes of a 
regulatory signal, typically an extracellular signal.

Phosphorylation is an enzymatic process in which the introduction of a phosphoryl group to 
specific amino acid residues of a protein is catalyzed by protein kinases and the removal of 
phosphoryl groups is catalyzed by protein phosphatases. For phosphorylation to be useful 
in the regulation of a protein activity, it is important to be a reversible process, in which the 
phosphorylated form of the protein could restore its original dephosphorylated form when 
signal ends, functioning therefore as a molecular switch. The addition of a phosphoryl group 
to the side chain of a Ser, Thr, or Tyr residue introduces a bulky, charged group into a polar 
region. The oxygen atoms of a phosphoryl group can hydrogen bond with one or several 
groups in a protein, commonly the amide groups of the peptide backbone at the α‐helix start 
or the charged guanidinium group of an Arg residue influencing the functionality of the 
protein [9].

3.1. Phosphorylation of intermediate‐filament proteins

Phosphorylation, glycosylation and transglutamination take part in the multiple mechanisms 
of IF regulation. However, phosphorylation/dephosphorylation is a major regulatory mecha‐
nism orchestrating IF dynamics. Phosphorylation sites of IF subunits are located on their head 
and tail domains and phosphorylation plays a major role in regulating the structural organi‐
zation and function of these cytoskeletal proteins in a cell‐ and tissue‐specific manner [10].

Amino‐terminal phosphorylation regulates the assembly/disassembly equilibrium of type 
III and IV IFs. Second messenger‐dependent protein kinases add phosphate groups on the 
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amino‐terminal head domain on GFAP, vimentin and NF‐L. Specific phosphorylating sites 
for cAMP‐dependent protein kinase (PKA), Ca2+/calmodulin‐dependent protein kinase II 
(PKCaMII) and protein kinase C (PKC) are associated with IF disassembly; however, the 
action of the protein phosphatases 1, 2A and 2B (PP1, PP2A and PP2B), respectively, removes 
phosphate and restores the IF ability to polymerize [11].

Otherwise, the main phosphorylation sites on NF‐M and NF‐H are located in Lys‐Ser‐Pro 
(KSP) repeat regions of the tail domain of these subunits. The KSP repeats are phosphor‐
ylated by proline‐directed kinases such as Cdk5, the mitogen‐activated protein kinases 
(MAPK) such as Erk1/2, JNK, p38MAPK as well as glycogen synthase kinase 3 (GSK3). 
Phosphorylation of these KSP sites regulates the interactions of NFs with each other and 
with other cytoskeletal structures, since the tail domain of NF‐M and NF‐H protrudes later‐
ally from the filament backbone to form “side‐arms” when phosphorylated. These lateral 
interactions are central in the formation of a cytoskeletal lattice that supports the mature 
axon. Moreover, carboxyl‐terminal phosphorylation of NF‐M and NF‐H subunits has long 
been considered to regulate their axonal transport rate and in doing so to provide stability 
to mature axons [12]. The axonal transport of NFs results from binding to the fast motor 
proteins kinesin and dynein intermitted with prolonged pauses. It is known that carboxyl‐
terminal phosphorylation of NF‐H progressively restricts the association of NFs with kinesin 
and stimulates its interaction with dynein. This event could represent one of the mechanisms 
by which aberrant carboxyl‐terminal phosphorylation would slow NF axonal transport. Both 
the maintenance of axonal caliber and axonal transport are dependent on the adequately 
phosphorylated NF subunits. Consequently, abnormally hyperphosphorylated NF subunits, 
commonly found in several neurodegenerative diseases, are intimately associated with neu‐
ral dysfunction and considered a hallmark of neurodegeneration. In addition, demyelinating 
diseases might be associated with hypophosphorylated NFs, compromised axonal transport 
and decreased axonal diameter, since the phosphorylation of NFs occurs in close proximity 
to myelin sheaths, which release signals needed to induce phosphorylation of NFs in mature 
axons [13].

In the next sections, we discuss the recent findings from our laboratory indicating that sig‐
naling mechanisms involved in the regulation of IF phosphorylation/dephosphorylation are 
important targets of neurotoxins, metabolites accumulating in neurodegenerative diseases as 
well as thyroid hormones, emphasizing the relevance of cytoskeletal homeostasis on the brain 
function/dysfunction. To assess the effects of the neurotoxicants on the phosphorylation level 
of IF proteins, we developed an approach to measure the in vitro incorporation of radioactive 
phosphate (32P‐orthophosphate) into these proteins [14]. In order to shed light onto the sig‐
naling cascades targeted by them, we used pharmacological and immunological approaches, 
specific enzyme inhibitors, channel blockers, or glutamate antagonists as well as monoclonal 
antibodies directed to signaling cascades or specific phosphorylation sites. We conclude that 
misregulated cell signal transduction interferes with the phosphorylation/dephosphorylation 
of IFs disrupting the homeostasis of the cytoskeleton of astrocytes and neurons and this is 
associated with cell dysfunction and neurodegeneration in experimental models of neurotox‐
icity. Figure 2 corresponds to a schematic representation of the consequences of misregulated 
NF phosphorylation for neuronal function.
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3.2. Central roles of Ca2+ and glutamate receptors on the regulation of cytoskeletal 
dynamics in neural cells

Changes in the cytoplasmic free Ca2+ concentration constitute one of the main pathways by 
which information is transferred from extracellular signals received by animal cells to intra‐
cellular sites. However, an augmented Ca2+ influx through the NMDA receptor or voltage‐
dependent calcium channels (VDCCs) can be responsible for the activation of lethal metabolic 
pathways in neural cells. Overactivation of glutamate receptors produces neuronal membrane 
depolarization. This causes the influx of Ca2+ into the cytoplasm and subsequently triggers cas‐
cade events leading to excitotoxic neuronal death. Excitotoxicity is recognized as a major patho‐
logical process of neuronal death in neurodegenerative diseases involving the CNS. In this 
regard, compelling findings point to the cytoskeleton as an end point of excitotoxic mechanisms.

Different toxins and stress conditions are implicated in the misregulation of intracellular 
Ca2+‐dependent processes in cells and different cell types exhibit a diverse range of transient 
responses to their stimuli. Exposure of tissue slices to neurotoxicants or metabolites in toxic 
concentrations triggers the activation of ionotropic and metabotropic glutamate receptors 
as well as L‐VDCC and the endoplasmic reticulum (ER) Ca2+ channels. These receptors and 
channels activate several intracellular‐signaling complexes altering cell behavior in a spatio‐
temporally regulated manner. Metabolism of cyclic nucleotides, membrane phospholipids 
as well as endogenous enzymatic regulators are the key biochemical steps coordinating cell 
response to an extracellular stimulus [15].

Calcium is a critical regulator of cytoskeletal dynamics. Dysregulation of Ca2+ homeosta‐
sis is an important event in driving the disruption of assembly/disassembly equilibrium as 

Figure 2. Schematic representation of disrupted neurofilament phosphorylation. The hyperphosphorylation of neurofil‐ 
aments can change the cytoskeleton architecture and lead to neurofilament aggregation in perikarya and in axon accounting 
for cell damage.
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well as the interaction of cytoskeletal proteins with regulatory proteins or cell organelles. 
In particular, IF proteins are directly regulated by Ca2+ levels, which crosslink signaling cas‐
cades and connect physiological or pathological extracellular signals with the IF cytoskeleton 
influencing multiple aspects of cell behavior. Consequently, abnormally elicited Ca2+ signals 
provoking misregulation of key phosphorylation cascades are able to disrupt cytoskeletal 
homeostasis and this is commonly associated with the cell damage.

4. Toxicity of diphenyl ditelluride on the cytoskeleton of neural cells

Many processes in the organic synthesis, vulcanization of rubber and in metal‐oxidizing solu‐
tions to tarnish metals, such as silver, extensively use tellurium. Diphenyl ditelluride (PhTe)2 
is the simplest of the aromatic, diorganoyl ditelluride compounds used in organic synthesis. 
Indeed, developmental exposure to (PhTe)2 is teratogenic and is associated with long‐term 
behavioral and neurochemical changes in rats. Until recently, the general toxicity of (PhTe)2 
was considered to be exclusively related to the oxidation of thiol‐containing proteins (for 
review, see [16]). However, compelling evidence from our laboratory points to an important 
role played by signaling mechanisms involved in regulating IF phosphorylation/dephosphor‐
ylation as target of (PhTe)2 neurotoxicity. In addition, we evidence a remarkable role of Ca2+ 
mediating these actions secondary to glutamate receptors and L‐VDCC activation.

The neurotoxicity of (PhTe)2 is spatiotemporally regulated, consistent with the window of sus‐
ceptibility of signaling cascades as well as the structural and functional heterogeneity of neu‐
rons in different brain regions. In this regard, exposure of cortical slices from 18‐ and 21‐day‐old 
rats to (PhTe)2 shows unaltered phosphorylation of IF proteins, while IFs of acute cortical slices 
from younger pups (9 and 15 days old) are hypophosphorylated. Activated ionotropic gluta‐
mate receptors, L‐VDCC and ryanodine channels result in PP1‐mediated hypophosphoryla‐
tion of GFAP and NF subunits pointing to the cortical cytoskeleton as a preferential target of 
the action of phosphatases in this window of vulnerability. Activation of PP1 is modulated by 
dopamine and cyclic AMP‐regulated neuronal phosphoprotein 32 (DARPP‐32), an important 
endogenous Ca2+‐mediated inhibitor of PP1 activity. Depending on the site of phosphorylation, 
DARPP‐32 is able to produce opposing biochemical effects, that is, inhibition of PP1 activity or 
inhibition of protein kinase A (PKA) activity [17]. Decreased cAMP and PKA catalytic subunits 
support that (PhTe)2 disrupts the cytoskeletal‐associated phosphorylating/dephosphorylating 
system of neurons and astrocytes through PKA‐mediated inactivation of DARPP‐32, promot‐
ing PP1 release and hypophosphorylation of IF proteins of those neural cells [18]. Regarding 
neurons, hypophosphorylation of IF proteins could be associated with cell dysfunction since 
decreased phosphorylation of KSP repeats in the carboxyl‐terminal domains of NF‐M and 
NF‐H correlates with impaired axonal transport and increased NF‐packing density.

In contrast with younger rats, hippocampal slices of 21‐day‐old rats acutely exposed to 
(PhTe)2 result in hyperphosphorylated IFs. Hippocampal IF hyperphosphorylation is par‐
tially dependent on L‐VDCC, NMDA and ER Ca2+ channels. The signal evoked by (PhTe)2 is 
also transduced through metabotropic glutamate receptors on the plasma membrane, leading 
to the activation of phospholipase C (PLC) that produces the intracellular messengers inositol 
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1,4,5‐trisphosphate (IP3) and diacylglycerol (DAG). IP3 binds to specific receptors on the ER 
changing the conformation of IP3 receptors and opening the channel. Released Ca2+ and DAG 
directly activate PKCaMII and PCK, resulting in the hyperphosphorylation of some of the 
critical amino acid residues in the carboxyl‐terminal tail domain of NF‐L known to interfere 
with filament assembly. In addition, the activation of Erk1/2 and p38MAPK results in hyper‐
phosphorylation of KSP repeats of NFM. Interestingly, PKCaMII and PKC are upstream of 
MAPK activation implying in a significant cross‐talk among signaling pathways elicited by 
(PhTe)2 that connect the glutamate metabotropic cascade with the activation of Ca2+ channels. 
The final molecular result is the extensive phosphorylation of amino‐ and carboxyl‐terminal 
sites on IF proteins and deregulated cytoskeletal homeostasis [19].

4.1. Diphenyl ditelluride disrupts the cytoskeleton and provokes neurodegeneration  
in acutely injected young rats

The in vivo exposure to (PhTe)2, in which the neurotoxicant reaches the brain via systemic 
circulation, also results in different susceptibilities of the IF proteins from neural cells. This 
can be evidenced in cerebral cortex and hippocampus of 15‐day‐old rats acutely injected with 
a toxic dose of (PhTe)2 (0.3 µmol/kg body weight) [20]. Cortical hyperphosphorylation of neu‐
ronal and glial IF proteins is an early and persistent event up to 6 days after injection, accom‐
panied by increased levels of GFAP and NF‐L. Upregulated gene expression as well as GFAP 
and vimentin hyperphosphorylation could be a response to injury and take part in the pro‐
gram of reactive astrogliosis, as further demonstrated in striatum [21] and cerebellum [22] of 
(PhTe)2‐injected rats. In addition, hippocampal IFs are not responsive to the insult until wean‐
ing. A strong evidence supports an important role of astrocytes in a more severe cortical than 
hippocampal damage following the in vivo (PhTe)2 insult. This supports a direct action of the 
neurotoxicant on intracellular signaling pathways and highlights the relevance of the inter‐
play between glial and neuronal cells to adapt the cellular metabolic response to the insult 
even when the brain connections are only partially preserved, as shown in acute brain slices.

Of importance, neurodegeneration is part of the deleterious in vivo effects of (PhTe)2 tox‐
icity, as demonstrated in the striatum [23] and cerebellum [22] of (PhTe)2‐injected rats. 
Neurodegeneration is associated with alterations in Ca2+ homeostasis and glutamatergic 
neurotransmission, upstream of inhibited Akt and activated caspase 3. We therefore propose 
that excitotoxicity is a main mechanism of neurodegeneration caused by this compound in 
the developing rat brain. On the other hand, most of the actions of (PhTe)2 disrupting the 
homeostasis of the cytoskeleton in neural cells are mediated by high Ca2+ levels. Moreover, 
a link among disrupted IF homeostasis, activated astrocytes and neuronal apoptosis in 
(PhTe)2‐injected rats has been demonstrated by immunohistochemical approaches. In addi‐
tion, MAPK pathway might be a link between altered IF equilibrium and neural cell damage, 
since MAPK is implicated in IF hyperphosphorylation and neurodegeneration as well in the 
brain structures attained by (PhTe)2 toxicity. Further supporting the cytoskeleton as an end 
point of neurotoxicity, hyperphosphorylated NFs can inhibit their proteolytic breakdown by 
calpain, a Ca2+‐activated protease. In addition, abnormally phosphorylated NFs accumulate 
in the perikarya and the phospho‐NF aggregates can thus become cytotoxic by the enduring 
impairment of axonal transport of NFs (see Figure 2). The increased time the NF spent in the 
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cell body is thought to result in further aberrant phosphorylation and may prevent them from 
entering the axon, resulting in a deleterious feedback loop [24].

In summary, we propose that complex and integrated actions mediate the (PhTe)2 toxicity 
directed to the cytoskeleton of neural cells. These molecular mechanisms induce spatiotem‐
poral responses of the cells because of the different windows of susceptibility of the develop‐
mental brain. Nonetheless, the Ca2+ ‐initiated events highlight a role for this neurotoxicant as 
a disruptor of the cytoskeleton.

5. Cytoskeleton as a target of amino acids and their metabolites

Misregulated cytoskeletal homeostasis is among the molecular mechanisms underlying the 
neural cell dysfunction in brain tissue exposed to high levels of amino acids and/or their 
metabolites. In humans, several neurological impairments are associated with enzymatic 
deficiencies or defects in proteins involved in cellular metabolism of neural cells, causing 
accumulation of metabolic intermediates associated with neuronal damage. We discuss some 
aspects of the molecular mechanisms underlying the disruption of cytoskeletal homeosta‐
sis in response to branched‐chain keto acids (BCKAs) derived from leucine, isoleucine and 
valine. We also addressed the effects of homocysteine and quinolinic acid (QUIN), a metabo‐
lite of tryptophan metabolism, directed to the cytoskeleton.

5.1. Branched chain α‐keto acids and the cytoskeleton of neural cells

The branched‐chain ketoacids, α‐ketoisocaproic acid (KIC), α‐keto‐β‐methylvaleric acid 
(KMV) and α‐keto‐isovaleric acid (KIV) are produced from the respective branched‐chain 
amino acids (BCAAs) leucine, isoleucine and valine, in the reaction catalyzed by the branched‐
chain α‐keto acid dehydrogenase (BCKAD) complex. A deficiency of the BCKAD complex is 
an inherited metabolic disease known as maple syrup urine disease (MSUD) which lead to the 
accumulation of BCAAS and BCKAs in tissues and body fluids resulting in dramatic cerebral 
symptoms [25].

Curiously, cortical slices of young rats exposed to high levels of the BCAAs individually pre‐
serve the homeostasis of the cytoskeleton. On the other hand, their respective keto acids pro‐
vide an interesting example of the fine‐tune regulation of the cytoskeleton, since KIC [26] and 
KMV [27] were differently deleterious to the homeostasis of the cytoskeleton. KIC and KMV 
alter the dynamics of IF proteins of astrocytes and neurons through different transduction 
mechanisms dependent on excessive intracellular Ca2+ influx, while KIV appears not to be 
involved in the disruption of the IF cytoskeleton [28].

The effect of KIC is outlined by hypophosphorylation of GFAP, NF‐M and NF‐L in very young 
rats (up to 12 days of age) changing to hyperphosphorylation of the same proteins later in 
development (17 days of age). Nonetheless, both responses of the cytoskeletal‐associated 
phosphorylating system are regulated by Ca2+ currents through the NMDA and L‐VDCC, as 
well as by the intracellular Ca2+storage release from the ER, leading to a differential  activation 
of protein phosphatases or kinases [28]. These paradoxical findings provide an interesting 
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alter the dynamics of IF proteins of astrocytes and neurons through different transduction 
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involved in the disruption of the IF cytoskeleton [28].
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well as by the intracellular Ca2+storage release from the ER, leading to a differential  activation 
of protein phosphatases or kinases [28]. These paradoxical findings provide an interesting 
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insight into the differential susceptibility of cortical IF cytoskeleton to the exposure to  
pathological levels of this metabolite. The different vulnerabilities of the cytoskeleton of 
cortical cells during development might be ascribed to the temporal maturation mediated 
by a multitude of developmental processes and signaling pathways. It is conceivable that 
they are associated with the pathological role of the developmentally regulated glutamate 
receptors in neural cells since the expression patterns of glutamate receptor subunit genes 
change during the ontogeny of the brain. Distinct regional and temporal patterns of the 
expression of types and subtypes of the glutamate ionotropic receptors during ontogeny 
may possibly explain the different signaling pathways targeting the cytoskeleton of corti‐
cal neural cells during development.

Interestingly, KMV disturbs the IF‐associated cytoskeletal phosphorylation only in 12‐day‐old 
rats without changing the phosphorylation level of these proteins in younger or older animals, 
showing a specific window of vulnerability of cytoskeleton to KMV insult in the cerebral cor‐
tex of developing brain. Strikingly, this effect was dependent on intracellular Ca2+ concentra‐
tions; however, in this case ɣ‐amino butyric acid A and B (GABAA and GABAB, respectively) 
rather than glutamate receptors were involved in this action. This is in agreement with GABAA 
and GABAB receptors mediating the induction and maintenance of Ca2+ levels [27].

Overall, we propose that BCKAs in supra‐physiological concentrations disrupt the cytoskeleton 
of rat brain through misregulation of the phosphorylating system associated with the IF cyto‐
skeleton. We evidenced developmentally regulated mechanisms in which Ca2+‐mediated excito‐
toxicity plays a critical role in destabilizing the cytoskeleton that may ultimately disrupt normal 
cell function and viability. Although evidence from animal models should be taken with cau‐
tion, we can propose that the disrupted cytoskeleton is part of the physiopathology of MSUD.

5.2. Hyperhomocysteinemia and the cytoskeleton of neural cells

Homocysteine (Hcy) is a sulfur‐containing amino acid generated during methionine metabolism. 
Genetic mutations impairing Hcy metabolism cause accumulation of this amino acid attaining 
high levels in blood, leading to severe hyperhomocysteinemia and brain damage. Otherwise, 
along with genetic factors, mild‐moderate hyperhomocysteinemia is associated with nutritional 
imbalance and hormonal factors. Mild hyperhomocysteinemia, which markedly enhance the 
vulnerability of neuronal cells to excitotoxicity and oxidative imbalance, is also common in older 
people, constituting an independent risk factor for stroke and cognitive impairment [29].

Various existing experimental evidences from our group link hyperhomocysteinemia and cyto‐
skeletal misregulation, supporting that disrupted cytoskeleton could be an end point of neural 
dysfunction in this neurometabolic disorder. Experiments with brain slices acutely exposed to 
mild Hcy levels (100 µM) showed greater vulnerability of hippocampal cytoskeleton as com‐
pared with cortical one. Moreover, a window of vulnerability of the cytoskeleton of hippocam‐
pal cells is evidenced, since misregulated phosphorylation is detected only at postnatal day 
17 [30], reflecting an altered activity of the endogenous phosphorylating system associated 
with the IFs in this brain structure. As expected, NMDA receptors, L‐VDCC and extracellular 
Ca2+influx result in PKC and PKCaMII activation. The prevention of Hcy action through the 
inhibition of PKC and MEK, a step that is upstream of MAPK cascade (Raf‐1/MEK/MAPK), 

Intermediate Filaments as a Target of Signaling Mechanisms in Neurotoxicity
http://dx.doi.org/10.5772/66926

243



is consistent with an effect at the level of the monomeric GTPase Raf‐1, supporting a role for 
PKC phosphorylating and activating Raf‐1 in the Hcy‐induced modulation of the cytoskeleton.

In contrast with hypophosphorylation found in hippocampal slices, the chemically induced 
chronic hyperhomocysteinemia differently alters the signaling mechanisms directed to the 
cytoskeleton, producing PP1‐, PP2A‐ and PP2B‐mediated hypophosphorylation of NF sub‐
units and GFAP in hippocampal slices of 17‐day‐old rats without affecting the cerebral cortex 
[31] through glutamate and Ca2+‐mediated mechanisms. Further evidence that homocysteine 
targets the cytoskeleton came from cytoskeletal reorganization in primary astrocytes and neu‐
rons exposed to homocysteine [32]. Dramatically altered actin cytoskeleton in primary astro‐
cytes exposed to 100 µM Hcy is consistent with the role of actin as a main determinant of cell 
morphology. Concomitant disrupted GFAP meshwork underlies the remodeled actin cyto‐
skeleton and altered cell morphology. These findings provide further evidence of the cross‐talk 
among the different cytoskeletal subsystems and the roles played by the toxic levels of Hcy.

Therefore, taking into account our experimental evidence it is conceivable that disturbed cell 
signaling is an important determinant of the disrupted homeostasis of the cytoskeleton as a 
whole, with widespread consequences on cell function that could be associated with human 
hyperhomocysteinemia.

6. Cytoskeleton is a target of quinolinic acid neurotoxicity

Quinolinic acid is a neuroactive metabolite of the kynurenine pathway normally found in 
nanomolar concentrations in human brain and cerebrospinal fluid (CSF). QUIN is antagonist 
of NMDA receptor and it has a high in vivo potency as an excitotoxin supporting involvement 
in the pathogenesis of a variety of human neurological diseases. The neurotoxicity of QUIN 
results from complex mechanisms including presynaptic receptors, energetic dysfunction, 
oxidative stress, transcription factors and behavior [33]. We experimentally demonstrate that 
the disruption of the cytoskeleton, in particular, misregulation of the phosphorylation system 
associated with the IFs, is a target of QUIN toxicity in injected rat striatum, tissue slices and 
primary astrocytes and neurons in culture.

6.1. Effects of intrastriatally injected quinolinic acid on the cytoskeleton of neural cells

Acute intrastriatal injection of QUIN (150 nmol/0.5 µL) in adolescent rats (30 days old) pro‐
vokes NF‐L and GFAP hyperphosphorylation 30 min after infusion, evidencing the suscepti‐
bility of the cytoskeleton of both neurons and astrocytes in the early events of QUIN toxicity. 
Hyperphosphorylated NF‐LSer55 destabilizes the NF structure and this might represent an 
early step in the pathophysiological cascade of deleterious events exerted by QA in rat striatum. 
Experimental insights to get light on the molecular mechanisms underlying this effect point to 
NMDA‐mediated Ca2+ events and oxidative stress upstream of activated second messenger‐
dependent protein kinases PKA, PKC and PKCaMII, but not MAPKs after QUIN infusion [34].

A link between misregulation of cell‐signaling mechanisms, disruption of IF phosphory‐
lation and cell damage as part of QUIN toxicity becomes more evident analyzing the  
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long‐lasting effect of the acute intrastriatal injection of QUIN in adolescent rats on the dynam‐
ics of the phosphorylating system until 21 days after injection [35]. The acutely injected QUIN 
alters the homeostasis of IF phosphorylation in a selective manner, progressing from stria‐
tum to cerebral cortex and hippocampus. Twenty‐four hours after QUIN injection, the IFs are 
hyperphosphorylated in the striatum. This effect progresses to cerebral cortex causing hypo‐
phosphorylation at day 14 and appears in the hippocampus as hyperphosphorylation at day 
21 after QUIN infusion, PKA and PKCaMII mediating this effect. However, MAPKs (Erk1/2, 
JNK and p38MAPK) are hyperphosphorylated/activated only in the hippocampus, suggest‐
ing different signaling mechanisms in these two brain structures during the first weeks after 
QUIN infusion. Also, PP1 and PP2B‐mediated hypophosphorylation of the IF proteins in the 
cerebral cortex 14 days after QUIN injection reinforces the selective signaling mechanisms in 
different brain structures. Increased GFAP immunocontent in the striatum and cerebral cortex 
24 h and 14 days after QUIN injection, respectively, suggests reactive astrocytes in these brain 
regions. Yet, we observe biochemical and histopathological alterations in the striatum, cortex 
and hippocampus, as well as altered behavioral tests in response to the long‐lasting exposure 
to QUIN through glutamate and Ca2+‐mediated mechanisms. Thus, it is tempting to propose 
that the long‐lasting deleterious effect of intrastriatal QUIN injection could be due to the fact 
that QUIN interferes with the highly regulated signaling mechanisms targeting the cytoskel‐
eton in the immature brain [36].

6.2. Insight into the molecular basis of quinolinic acid action toward the cytoskeleton

Studies in acute brain slices further support the role of glutamatergic signaling and Ca2+ over‐
load disturbing the cytoskeletal equilibrium downstream of QUIN exposure. Moreover, this 
experimental approach brings light on the cell‐specific mechanisms targeting the cytoskeleton 
in astrocytes and neurons when the cell connections are partially preserved. In astrocytes, 
the QUIN action is mainly due to increased Ca2+ influx through NMDA and L‐VDCC. In 
neuronal cells, QUIN acts through the activation of metabotropic glutamate receptors and 
influx of Ca2+ through NMDA receptors and L‐VDCC, as well as Ca2+ release from intracellu‐
lar stores. These mechanisms then set off a cascade of events including the activation of PKA, 
PKCaMII and PKC, which phosphorylate head domain sites on GFAP and NFL. Moreover, 
Cdk5 is activated downstream of mGluR5, phosphorylating the KSP repeats on NFM and 
NFH. Metabotropic glutamate receptors type 1 (mGluR1) is upstream of PLC, which, in turn, 
produce DAG and IP3 promoting hyperphosphorylation of KSP repeats on the tail domain of 
NFM and NFH [37].

6.3. The cytoskeleton of astrocytes and neurons responds differently to quinolinic  
acid toxicity

The susceptibility of the cytoskeleton to toxic levels of QUIN is also detectable in isolated astro‐
cytes and neurons growth in primary cultures [38]. In astrocytes, Ca2+‐mediated glutamate mech‐
anisms target the endogenous phosphorylating system, since metabotropic glutamate receptors 
and Ca2+ influx through NMDA receptors are upstream of PKA, PKCaMII and PKC activa‐
tion, provoking GFAP hyperphosphorylation. Interestingly, the misregulated  phosphorylation  
system leads to a reversible and dramatically altered actin cytoskeleton with concomitant change 
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of morphology to fusiform and/or flattened cells with retracted cytoplasm and  disruption of the 
GFAP meshwork [39] supporting the dynamic behavior of the cytoskeleton.

Interestingly, neurons show greater vulnerability to QUIN than astrocytes (10×). Neurons 
exposed to QUIN presented PKA‐ and PKC‐mediated hyperphosphorylation of NF subunits. 
These effects are also downstream of ionotropic and metabotropic glutamate signaling and 
Ca2+ influx through NMDA receptors and L‐VDCC. The misregulated signaling pathways dis‐
rupt the neuronal cytoskeleton, evaluated by altered neurite/neuron ratios and neurite out‐
growth. It is important to consider that microtubules play a central role in cell polarity [40]. 
In particular, microtubules are the main determinants of neuronal polarity and regulation of 
microtubule dynamics includes tubulin posttranslational modifications [40] and phosphoryla‐
tion of microtubule‐associated proteins (MAPs), whose binding to microtubules is essential 
for neurite formation [41]. As an example, activated GSK‐3β leads to increased phosphoryla‐
tion of some MAPs, destabilizing microtubules with consequence for neurite stabilization [42]. 
Therefore, the neurite destabilization could derive from both NFs and microtubules disruption.

Interestingly, we found a protective role of astrocyte‐conditioned medium on the disrupted 
neuronal cytoskeleton and morphometric alterations, suggesting that QUIN‐induced trophic 
factors secreted by astrocytes are able to modulate signaling mechanisms targeting the neu‐
ronal cytoskeleton. More interestingly, co‐cultured astrocytes and neurons preserve their 
cytoskeletal organization and cell morphology together with unaltered activity of the phos‐
phorylating system associated with the cytoskeleton. In other words, co‐cultured astrocytes 
and neurons tightly and actively interact with one another reciprocally protecting themselves 
against QUIN injury [38]. This evidence raise the question about the role played by the acti‐
vated microglia eliciting signals essential to destabilize the astrocytic and neuronal cytoskel‐
eton but this hypothesis remains to be clarified.

All together, we conclude that among the multiple mechanisms through which accumulated 
QUIN is able to induce cell damage, our experimental evidence points to Ca2+‐mediated 
mechanisms directed to the cytoskeletal disruption as an end point of QUIN toxicity. Both in 
vivo and ex vivo approaches clearly demonstrate a wide spectrum of misregulated signaling 
mechanisms downstream of QUIN action directly affecting the cytoskeleton and disrupting 
cell homeostasis. We also provide evidence that impaired physiological equilibrium of the 
signaling cascades directed to the cytoskeleton underlies QUIN cytotoxicity and is associated 
with neurodegeneration. The in vitro results showing disorganized cytoskeleton and altered 
cell morphology further support the cytoskeleton as a hallmark of stress condition that could 
be implicated in the human brain disorders associated with high QUIN levels.

7. Cytoskeleton of neural cells is a target of thyroid hormones

Thyroid hormones are essential for the development and function of central nervous sys‐
tem. In brain, these hormones are essential for myelination [43, 44], neuritogenesis [45], 
synaptic plasticity [46–48], IF phosphorylation [49–54], cell differentiation and maturation 
[55]. Considering the role of these hormones on brain development, thyroid diseases might 
account for brain injury as well as alteration in mood and cognition [56].
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The classical mechanism of thyroid hormone action involves the modulation of nuclear 
receptors by 3,5,3′‐triiodo‐l‐thyronine (T3). The nuclear receptors are ligand‐dependent tran‐
scription factors, which are involved in the genomic‐dependent effects of thyroid hormones. 
However, there are numerous physiological effects of these hormones that cannot be medi‐
ated by the genome‐like mechanism, due the short time frame in which the response occurs. 
Nongenomic actions of thyroid hormones are defined as events that (i) do not primarily 
involve the cell nucleus, (ii) are rapid in onset (minutes or a few hours) relative to transcrip‐
tion and translation and (iii) do not require gene transcription and protein synthesis [57]). 
These events are triggered by rapid/nongenomic responses that are frequently associated 
with secondary messenger‐signaling pathways.

7.1. Insight into the molecular basis of genomic and nongenomic action of thyroid 
hormones toward the cytoskeleton of neural cells

The first evidence of nongenomic actions of thyroid hormones targeting the cytoskeleton 
demonstrated the thyroxine‐dependent modulation of actin polymerization in cultured astro‐
cytes. Thyroxine (T4) was involved in the conversion of soluble actin to a fibrous form through 
nongenomic mechanism [58].

While many of the T3 actions are mediated by genomic‐dependent mechanisms, T4 and reverse 
3,3′,5′‐triiodothyronine (reverse T3, rT3) exert direct, The nongenomic effects in neural cells. 
Both T4 and rT3 hormones control actin polymerization in cultured astrocytes without affect‐
ing gene expression. The authors suggested that these events might contribute to thyroid 
hormone's influence on brain development. Subsequently, the same research group showed 
that both T4 and rT3, but not T3, directly regulate the F‐actin content of elongating neurites of 
cerebellar neurons. These results provide a molecular mechanism for the influence of thyroid 
hormones on brain development that is independent of regulated gene expression [59].

Trentin and Moura Neto [60] demonstrated that T3 altered the organization of GFAP in cer‐
ebellar astrocytes in culture. GFAP filaments that normally spread in the cytoplasm of astro‐
cytes became organized around the cell nucleus. In addition, Zamoner and coworkers [51] 
showed that both T3 and T4 induced GFAP phosphorylation and reorganization in glioma 
C6 cells through the inhibition of RhoA GTPase. The modulation of GFAP was accompanied 
by increased proliferation of glioma cells. Taking together, these results suggest that thyroid 
hormones may be important regulators of astrocyte growth and differentiation.

Despite the evidence that nongenomic actions of thyroid hormones initiated at the plasma 
membrane via integrin αVβ3 [57, 61], the complexity of the processes underlying the differen‐
tial mechanisms of action to thyroid hormones suggests the existence of multiple binding sites 
for these hormones. In this context, it has been previously demonstrated that both T3 and T4 
may modulate the GABAergic system and induce PKA‐ and PKCaMII‐mediated hyperphos‐
phorylation of vimentin, GFAP, NF‐M and NF‐L in cerebral cortex from very young rats (up 
to 10 days of age) [50]. However, only T4 caused hyperphosphorylation of the same proteins 
later in development (15 days of age) through GABA‐independent mechanisms [49]. These 
paradoxical findings provide an interesting insight into the differential susceptibility of corti‐
cal IF cytoskeleton to thyroid hormone exposure.
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Calcium‐dependent mechanisms play a central role on the thyroid hormone‐induced modula‐
tion of the phosphorylating system associated with IFs. Zamoner and colleagues [49] demon‐
strated that the nongenomic mechanisms underlying the effects T4 targeting the IF‐associated 
phosphorylating system in cerebral cortex from 15‐day‐old rats are dependent on extracel‐
lular Ca2+ influx through VDCC, as well as Ca2+ release from ER stores.

Taking into account that in rat the myelination peak is coincident with postnatal day 15 and 
that this is a period of intense synaptogenesis, the NF hyperphosphorylation induced by T4 in 
cerebral cortex from 15‐day‐old rats appears to be correlated to synaptogenesis and myelination 
(for review, see [53]).

In summary, we could suggest that nongenomic actions of T4 targeting the cytoskeleton of 
glial cells and neurons might account for neuronal cell migration, myelination, synaptogen‐
esis and synaptic plasticity. Moreover, the modulation of NF phosphorylation by thyroid hor‐
mone may control axonal caliber.

7.2. Hypothyroidism and the cytoskeleton of neural cell

The effects of thyroid hormones in central nervous system during development include the 
modulation of the cytoskeleton dynamics. Hypothyroidism in the developing rat brain is asso‐
ciated with oxidative stress and aberrant intraneuronal accumulation of NFs in the perikaryon 
of Purkinje neurons (see Figure 2). The authors suggested that the neuron alterations observed 
in the developing hypothyroid brain are comparable to those seen in neurodegenerative dis‐
eases [62]. Corroborating these findings, it has been shown that the effects of hypothyroidism 
on neuronal cytoskeleton involve the developmental modulation of specific isoforms of protein 
expression, which induce stoichiometric imbalance between the NF triplet [52]. In addition, 
thyroid hormone deficiency induces a delay and a partial arrest of astrocyte differentiation, 
supported by the decreased expression of GFAP both in cortical [52] and in hippocampal astro‐
cytes [54], which was accompanied by downregulation of the astrocyte glutamate transport‐
ers. These findings are associated with the extracellular signal‐regulated kinase (ERK)1/2 and 
c‐jun terminal kinase (JNK) activation. NF hyperphosphorylation might account for the aber‐
rant intraneuronal accumulation of these cytoskeletal structures previously described [62].

Our research group demonstrated the hyperphosphorylation of tail KSP repeats on NF‐H in 
hypothyroid cortical and hippocampal neurons [52, 54]. The carboxyl‐terminal phosphoryla‐
tion of NF‐H progressively restricts association of NFs with kinesin, the axonal anterograde 
motor protein and stimulates its interaction with dynein, the axonal retrograde motor protein 
[63]. This event could represent one of the mechanisms by which carboxyl‐terminal phos‐
phorylation would slow NF axonal transport.

Taking into account our experimental evidence, we propose that the consequences of congeni‐
tal hypothyroidism to neural cells involve IF hyperphosphorylation, misregulation of gluta‐
mate‐glutamine cycle, oxidative stress and glutamate excitotoxicity. These events suggest a 
compromised astroglial defense system that is probably playing a role in the physiopathology 
of the neurological dysfunction of hypothyroidism (Figure 3).
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Figure 3. Role of glutamate excitotoxicity on intermediate‐filament dynamics and cell damage. Congenital hypothyroid‐ 
ism leads to glutamate excitotoxicity, calcium overload, and oxidative stress. These events are related to intermediate‐
filament (GFAP and NF) hyperphosphorylation and neural cell damage.
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8. General conclusion

Studies of our group on the endogenous phosphorylating system associated with the IF pro‐
teins of neural cells point to a critical role of disrupted cytoskeleton in response to a variety 
of signals both in physiological and in pathological conditions. Our findings highlight the 
IFs as a preferential target of the signal transduction pathways. Importantly, a large body of 
evidence shows a link among misregulation of cell‐signaling mechanisms, disruption of IF 
phosphorylation and cell damage in response to different stress signals. While the exact sig‐
naling pathways regulating NF phosphorylation remains elusive, there is increasing evidence 
that known signal transduction cascades are involved. These actions can be initiated by the 
activation of NMDA‐, L‐VDCC, or G protein‐coupled receptors and the signal is transduced 
downstream of Ca2+ mobilization or monomeric GTPase activation through different kinase/
phosphatase pathways, regulating the dynamics of the cytoskeleton. Figure 4 summarizes 

Figure 4. Summary of calcium‐associated mechanisms triggered by thyroid hormones, quinolinic acid, diphenyl 
ditelluride, branched‐chain keto acids, and homocysteine targeting intermediate‐filament phosphorylation in neural 
cells. Calcium influx through the NMDA receptor or voltage‐dependent calcium channels (VDCC) can be responsible for 
the activation of lethal metabolic pathways in neural cells. Augmented intracellular Ca2+ levels might be associated with 
the modulation of diverse cell‐signaling pathways and exhibit a diverse range of responses to their stimuli.
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teins of neural cells point to a critical role of disrupted cytoskeleton in response to a variety 
of signals both in physiological and in pathological conditions. Our findings highlight the 
IFs as a preferential target of the signal transduction pathways. Importantly, a large body of 
evidence shows a link among misregulation of cell‐signaling mechanisms, disruption of IF 
phosphorylation and cell damage in response to different stress signals. While the exact sig‐
naling pathways regulating NF phosphorylation remains elusive, there is increasing evidence 
that known signal transduction cascades are involved. These actions can be initiated by the 
activation of NMDA‐, L‐VDCC, or G protein‐coupled receptors and the signal is transduced 
downstream of Ca2+ mobilization or monomeric GTPase activation through different kinase/
phosphatase pathways, regulating the dynamics of the cytoskeleton. Figure 4 summarizes 

Figure 4. Summary of calcium‐associated mechanisms triggered by thyroid hormones, quinolinic acid, diphenyl 
ditelluride, branched‐chain keto acids, and homocysteine targeting intermediate‐filament phosphorylation in neural 
cells. Calcium influx through the NMDA receptor or voltage‐dependent calcium channels (VDCC) can be responsible for 
the activation of lethal metabolic pathways in neural cells. Augmented intracellular Ca2+ levels might be associated with 
the modulation of diverse cell‐signaling pathways and exhibit a diverse range of responses to their stimuli.

Cytoskeleton - Structure, Dynamics, Function and Disease250

the calcium‐associated mechanisms triggered by thyroid hormones, quinolinic acid, (PhTe)2, 
BCKAs and homocysteine targeting IF phosphorylation in neural cells.

Despite the focus on the misregulation of IF dynamics in response to signaling mechanisms 
downstream of metabolites and neurotoxicants, we should consider that cytoskeleton is a 
complex meshwork of interconnecting filaments [1]. In this regard, the morphological altera‐
tions demonstrated in primary cells in culture mainly reflect the reorganization of the mesh‐
work of filaments. Taking into account our findings, we propose that misregulation of kinase/
phosphatase cascades downstream of stressors could disrupt the cytoskeleton as a whole and 
this might be an important determinant of neural dysfunction associated with the action of 
neurotoxicants and in neurometabolic conditions.
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Chapter 13

Acting on Actin During Bacterial Infection

Elsa Anes

Additional information is available at the end of the chapter
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Abstract

Bacterial resistance to antibiotics is becoming a major threat to public health. It is 
imperative to find new therapeutic interventions to fight pathogens. Thus, deciphering 
host-pathogen interactions may allow defining targets for new strategies for effective 
treatments of infectious diseases. This chapter focuses on the bacterial manipulation of 
the host cell actin cytoskeleton. We discuss three infectious processes. The first is patho-
gen establishment of infection/invasion, explaining cellular uptake pathways that rely on 
actin, such as phagocytosis and macropinocytosis. The second process focus on the estab-
lishment of a replication niche, a process that subverts cytoskeletal functions associated 
with membrane trafficking namely phagosome maturation and cellular innate immune 
responses. Finally, pathogen dissemination is an emerging field that microfilaments have 
shown to participate: pathogen motility through the cytoplasm and from cell-to-cell or 
on the outer surface of the plasma membrane mimicking a receptor tyrosine kinase sig-
naling pathway that helps the projection of pathogens to neighboring cells. It also estab-
lishes a connection with the innate immunity related with induction of cell signaling 
to inflammation, inflammasome activation, and programmed cell death. These studies 
revealed several potential targets related to actin cytoskeleton manipulation to design 
new therapeutic strategies for bacterial infections.

Keywords: actin, Rho GTPases, bacterial pathogens, phagocytosis, macropinocytosis, 
virulence mechanisms, innate immunity

1. Introduction

The cell cytoskeleton is composed of three distinct protein families each of which is assembled 
from monomers to form polymer networks namely from actin, tubulin, or intermediate-fila-
ment proteins. Host and pathogens have developed intrinsic interactions with the cytoskeletal 
system, playing a central role in several stages of their life cycles. Deciphering the complexity 
of these interactions is revealing new insights about the mechanisms of bacterial pathoge-
nicity but also on defining new host targets for alternative therapies to available antibiotics. 
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Indeed, clarifying these bacterial mechanisms of host subversion has led to many discoveries 
about host cell biology, including the identification of new cytoskeletal proteins, regulatory 
pathways, and mechanisms of cytoskeletal function. Microorganisms exploit actin, microtu-
bules, and intermediate filaments in diverse ways, however, it is mainly the actin cytoskeleton 
that appears to play a critical role in infection and is the topic of this chapter.

In host cells, actin is involved in the polymerization of stable filaments to assure the cell 
architecture; at the cell surface originates dynamic movements mediated via assembly and 
disassembly of microfilaments contributing to contour changes as well cellular locomotion, 

Figure 1. Schematic diagram of host cell actin rearrangements during bacterial infection. In red: actin filaments and 
actin polymerization promoting Rho GTPases. In brown: cell responses to bacterial infection. In blue: bacteria hijacking 
mechanisms of the host actin cytoskeleton.
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cell-to-cell adhesion, and signaling. In the cytoplasm, the actin skeleton provides tracks and 
tails to direct vesicle trafficking. Thus, the importance of the actin cytoskeleton for eukaryotic 
host physiology from cell movement, cell-to-cell adherence, endocytosis, vesicle trafficking, 
and cell signaling, among others, has provided pathogenic bacteria with a plethora of oppor-
tunistic chances to be exploited.

The roles of the actin cytoskeleton in host-pathogen interactions can be summarized accord-
ing to groups of pathogens and how they interact with this system. Some promote attachment 
to the plasma membrane, forming specialized actin structures (pedestals), allowing strong 
adherence to host epithelial surfaces. Others induce actin polymerization to enter into non-
professional phagocytic cells; while others prevent polymerization to avoid uptake by profes-
sional phagocytic cells. A few pathogens use the actin cytoskeleton to allow other specialized 
internalization processes to occur in phagocytic cells as an alternative or in addition to phago-
cytosis. Intracellular pathogens manipulate the cytoskeleton to prevent membrane traffick-
ing or fusion events leading to the establishment of a niche inside a vacuole often avoiding 
delivery into the degradative environment of the lysosome. Finally, some pathogens escape 
from the phagosome vacuole to the cytosol and use the actin machinery to move within cells 
and to spread directly from the cytoplasm of one cell into the cytoplasm of an adjacent cell. 
Recently, actin dynamics during infection was related to innate immune responses that rely 
on activation of cytosolic pattern recognition receptors (cytosolic PRRs) for inflammasome or 
autophagy assembly and programmed cell death.

This chapter provides a comprehensive summary of various strategies used by both extracel-
lular and intracellular bacteria to hijack the host actin cytoskeleton (Figure 1).

2. Acting on actin during pathogen establishment of infection/invasion

Pathogens often have to overcome epithelial barriers to gain entry into the host cells. The first 
of which is the epithelial mucosae and a few pathogens, along their evolution, have devel-
oped strategies to overcome these barriers by means of active invasion mechanisms. Therefore 
some intracellular pathogens have evolved strategies to induce or modulate their uptake into 
these nonprofessional phagocytic cells. Alternatively, as a barrier circumventing mechanism, 
they may use the cells of the immune system (professional phagocytic cells such as macro-
phages, neutrophils, and dendritic cells) that patrols those epithelia. Here pathogens may or 
not play an active role in host cell internalization. Usually professional phagocytes recognize 
pattern signatures of pathogens (e.g., lipopolysaccharides: LPS), or opsonized bacteria (e.g., 
complement C3 or IgGs), by means of surface receptors. Likewise phagocytes play an active 
role in bacteria internalization. As part of the immune system these cells are equipped with a 
series of insult mechanisms designed to clear pathogens (as the proteolysis at low pH in the 
phagolysosome). Likewise, extracellular pathogens modulate the host cell plasma membrane 
for attachment and inhibition of phagocytosis in order to survive. In contrast, intracellular 
pathogens developed strategies to circumvent the bactericidal mechanisms of immune cells 
via establishing a protective vacuolar niche.
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Several actin dependent mechanisms exist for allowing the establishment of infection: (1) 
Conventional phagocytosis meaning the entry into professional phagocytes by bilateral mem-
brane pseudopodia formation that tightly encloses the bacteria. Phagocytosis always involves 
close contact between particle and plasma membrane by multivalence receptor-ligand inter-
actions following morphological changes assembling a zipper mechanism. The host plays a 
central role for the internalization event while no action is required from the pathogen; (2) 
induced phagocytosis, a process of active induction of internalization into nonprofessional 
phagocytes such as epithelial cells, by pathogen manipulation of the host cell contractile 
system; both the host and the pathogen have active roles in the event. Mechanistically the 
process occurs by strong interactions between bacterial ligands with cell receptors as in con-
ventional phagocytosis; (3) macropinocytosis: here there may be no direct contact between 
ligand-pathogen and cell-receptors. Literally, macropinocytosis means—cell drinking—and 
always involves extensive signaling (e.g., via EGF receptor, a type of tyrosine kinase recep-
tor) that induces pseudopodia unilateral formation surrounding large amount of extracel-
lular volume. So particles including bacteria go in passively along with extracellular fluid. 
Conventional macropinocytosis may occurs in several types of cells including professional 
and nonprofessional phagocytes leading to the formation of a large vacuole, the macropino-
some; (4) induced macropinocytosis involves pathogen manipulation of the host cell cytoskel-
eton through growth factor induced signaling or directly using secretion systems that injects 
virulence factors into the cytosol. While referred classically as trigger phagocytosis, according 
to the type of morphological changes (with multiple ruffles at the cell surface), there is no 
direct connection between pathogen and plasma membrane. Finally, (5) an unconventional 
form of phagocytosis may be used for the establishment of infection via actin cytoskeleton. 
This is termed as coiling phagocytosis and involves single folds of the phagocyte plasma 
membrane wrapping around microbes in multiple turns (Figure 1).

2.1. Phagocytosis of bacteria and inhibition of phagocytosis by pathogens

Phagocytosis is a universal phenomenon involving the recognition and binding of a particle 
(over 0.5 μm in diameter), in a multivalence receptor-dependent manner, to its internalization 
and degradation within the phagocytic cell [1]. Mechanistically the process of particle internal-
ization from the plasma membrane is clathrin independent and requires actin polymerization 
[2]. Phagocytosis of one particle does not signal or permit the indiscriminate phagocytosis of 
other particles bound to the cell surface. In fact particle ingestion is not automatically triggered 
by initial particle binding, but requires the sequential recruitment of cell surface receptors into 
interactions with the remainder of the particle surface. The forming phagosome conforms to 
the shape of the particle as a close-fitting sleeve of plasma membrane, held in place by interac-
tions between surface receptors and the particle surface, much as teeth hold a zipper together 
[3]. Phagocytosis can be broadly categorized into three steps: particle binding (along with 
receptor-cell signaling), internalization (i.e., phagosome formation and invagination) and 
phagosome maturation (i.e., biogenesis of the degradative compartment: the phagolysosome).

The phases prior to the establishment of interactions between bacterial ligands and phagocytic 
receptors may involve pathogen fishing by cell structures—this process is also dependent 
of filamentous actin (F-actin), filopodia extensions (Figure 1). Filopodia serves differently in 
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pathogens and immune cells: pathogens will use it to approach cell membranes for invasion 
while macrophages will take advantage of these structures for fishing surrounding molecules 
in order to patrol the environment for possible invaders [4].

Phagocytosis was first discovered in the lower eukaryote amoebae that use it for feeding. 
In higher organisms, phagocytosis is fundamental for host defence against invading patho-
gens and contributes to the immune and inflammatory responses [5] including turnover and 
remodeling of tissues and disposal of dead cells. All cells may to some extent perform phago-
cytosis [6]. However in mammals, phagocytosis is the hallmark of specialized cells including 
macrophages, dendritic cells, and polymorphonuclear neutrophils—these cells are collectively 
referred to as professional phagocytes [6]. In certain circumstances, other cell types, such as 
fibroblasts engulfing apoptotic cells and bladder epithelial cells consuming erythrocytes, are 
able to perform conventional phagocytosis as efficiently as professional phagocytes [6].

Professional phagocytes express a series of cell surface receptors which recognize a variety of 
microbial ligands. Receptors on the surface of the phagocytic cell orchestrate a set of signaling 
events that are required for particle internalization. However, most pathogens possess many 
different ligands on their surface. Their phagocytic uptake occurs via multiligand interac-
tions, which induce the engagement of many receptors at the same time.

Two major categories of receptors involved in pathogen recognition are opsonic receptors and 
nonopsonic receptors (pattern-recognition receptors: PRRs) [1]. Receptors for opsonins such 
as IgG antibodies and the complement fragment C3bi engage FcγRs and complement recep-
tors (CR), respectively. PRRs include toll-like receptors (TLRs) and other receptor families as 
C-type lectins receptors that recognize sugar residues as mannose or fucose and lipopolysac-
charides (LPS). TLRs often function as coreceptors in phagocytosis by their discrimination of 
a broad range of microbial products, including LPS and peptidoglycan. The role of TLRs in 
accelerating and modulating phagosome maturation is still a matter of debate [7].

Bacteria opsonized by complement C3b, by IgG or having lipoarabinomannans at the cell 
wall surface will be recognized by complement receptors such as CR1 and CR3/4, Fc recep-
tors or Man-6P receptors respectively, each triggering phagocytosis without stimulating a 
strong superoxide burst. The entry via these phagocytic receptors leads to the maturation of 
the forming phagosome into a very degradative lysosomal compartment that will destroy 
microbes [8]. All these receptors will be downregulated during phagocyte activation either 
through bacterial proinflammatory components as in the case of LPS or cytokines as IFNγ [8].

Activated macrophages will in turn reprogram their expression profile in order to increase the 
ability to kill pathogens via oxidative bursts and decrease protein digestion extension from 
amino-acids to small peptides, for antigen presentation [9].

Phagocytosis uses the actin cytoskeleton to construct a cup and close the cup by contractile 
activities [10]. Latter along phagosome maturation the actin cytoskeleton is also utilized for 
vesicle trafficking and fusion along the endocytic pathway [11]. The induced polymeriza-
tion of filamentous actin (F-actin) from globular actin (G-actin) beneath the site of attachment 
of the particle is the driving force behind ingestion and proceeds from signal transduction 
downstream of the phagocytic receptors [1]. The precise signaling cascades linking activated 
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receptors to actin polymerization are not fully understood yet it is well known that Rho 
GTPase family plays critical roles in controlling these cytoskeletal rearrangements [1]. These, 
RhoA, Rac1, and cell division cycle 42 (Cdc42) act as molecular switches in controlling actin 
dynamics by regulating the actin-related protein 2/3 (Arp2/3) complex [12]. Arp2/3 requires 
activation by nucleation-promoting factors, such as the Wiskott-Aldrich syndrome protein 
(WASP) family. Nucleation-promoting factors exist in an autoinhibited conformation until 
activated by Cdc42 and Rac1, as well as by phosphoinositide (PI) signaling (discussed latter 
in this chapter). Effectors such as Cdc42 and the phosphoinositide 4,5-bisphosphate PI(4,5)P2 
(PIP2) synergize to activate WASP homolog N-WASP which triggers actin polymerization via 
Arp2/3 [13]. As the newly formed actin branch grows, the plasma membrane is forced out, 
extending the membrane as pseudopodia (Figure 1).

Various extracellular and intracellular cues including those from pathogens stimulate Rho 
GTPases, leading to actin-mediated membrane manipulation. RhoA, Rac1, and Cdc42 have 
all been shown to accumulate at the nascent phagosome cup. These proteins are preferred tar-
gets for bacterial toxins that in turn modulate the organization of the actin skeleton allowing 
invasion into nonprofessional phagocytic cells and preventing phagocytosis into professional 
phagocytes. These toxins modify the activity of Rho GTPases through covalent modification 
or regulation of the nucleotide state. Toxins such as Clostridium difficile toxin A and B modify 
Rho leading to inactivation of its function. This bacterium and the toxin it produces are a 
global health problem especially affecting the elderly who need to be prescribed prolonged 
doses of antibiotics. In fact extracellular bacteria, such as Clostridium spp., release toxins that 
glycosylate Rho GTPases in order to disorganize actin to reduce immune cell migration and 
phagocytosis and also to break down epithelial cell barriers [14].

Another group of toxins regulates the nucleotide state and thus the function of various Rho 
GTPases by acting as GTPase-activating proteins (GAPs). Yersinia spp. an enteropathogenic 
group of bacteria have secretion systems that inject a type of these Rho GAP toxins, Yop 
virulence factors leading to actin filamentation blocking and consequently to inhibition of 
phagocytosis in all host cells to where a contact is established with either professional or non-
professional phagocytic cells [15].

Pseudomonas has the capacity to inactivate all Rho GTPases [16]. Pseudomonas aeruginosa is a 
Gram-negative opportunistic pathogen that causes life-threatening infections in cystic fibrosis 
patients, individuals with burn wounds, and the immuno-compromised. P. aeruginosa patho-
genicity involves cell-associated and secreted virulence factors as ExoS one of four type III 
cytotoxins injected into the cytosol. In vivo the Rho GAP activity of ExoS stimulates the reor-
ganization of the actin cytoskeleton by inhibition of Rac and Cdc42 and stimulates actin stress 
fiber formation by inhibiting of Rho [16]. The consequences are the prevention of phagocyto-
sis. Moreover, the perturbation of F-to G-actin content together with cytosolic stress is sensed 
by the PRR pyrin triggering caspase 1 and inflammasome assembly leading to inflammation 
and cell death by pyroptosis.

Many intracellular bacterial pathogens have evolved to survive and even proliferate within 
immune phagocytic cells. Depending on the route of entry, the fate of intracellular bacteria var-
ies significantly. Some opsonized bacteria as Brucella, the agent of brucellosis, for example, are 
destroyed efficiently within macrophages while the nonopsonised survive [17]. An essential 
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feature of the pathogenicity of Salmonella is its capacity to cross a number of barriers requir-
ing invasion of a large variety of phagocytic and nonphagocytic cells (reviewed in Ref. [18]). 
Virulent Salmonella enterica serovar Thyphimurium infection of macrophages triggers cell lysis 
while opsonized noninvasive mutants do not thus reinforce the idea that distinct overcomes 
depend on the internalization route [19]. The cytotoxicity of serovar Typhimurium is related to 
the capacity of this organism to invade cells. Mutants lacking invasion proteins encoded by the 
salmonella pathogenicity island 1 genome region (SPI-1) failed to induce cell lysis in murine 
macrophages [20]. This is an important step of salmonella infection allowing the pathogen 
escaping to macrophages to reach the basolateral membrane of the gut cells for invasion.

The uptake of Mycobacterium spp. by phagocytes has been intensively studied since these 
cell types, especially macrophages, are the preferred targets of this successful pathogen. An 
important class of Mycobacterium pathogens includes tuberculosis bacilli. This intracellular 
facultative pathogen controls the bacterial load during macrophage internalization by inter-
fering with actin polymerization at the phagocytic cup [21]. This is a necessary step in viru-
lence for preventing apoptosis and therefore to prevent pathogen intracellular killing [22]. For 
this, during early phases of Mycobacterium infection, the microRNA 142-3p is overexpressed 
in response to phagocytosis and interferes with the expression of N-WASP and consequently 
with the Arp2/3 complex required for actin nucleation at the cell membrane [21]. Therefore, 
a low bacterial load is accomplished intracellularly, preventing the apoptosis of the infected 
cells. In addition, recently, miR-142-3p was shown to directly regulate protein kinase Cα 
(PKCα), a key gene involved in phagocytosis [23].

The heterodimeric host surface receptor complement-receptor 3 (CR-3), mediates uptake of 
opsonized and nonopsonized mycobacteria. Interestingly, CR-3 is targeted by other intracel-
lular pathogens, such as Coxiella burnetii, the Q-fever agent, in order to avoid phagocytosis. 
This strategy is based on ensuring a spatial location of CR-3 outside the pseudopod exten-
sions [24].

Lipid modification by receptor signaling creates the potential for radiating signals that can 
affect large areas of the plasma membrane. Phospholipid kinases, lipid phosphatases, and 
hydrolases are activated during phagocytosis. Classes of phospholipids typically found on 
the inner face of biomembranes include phosphatidylinositol (PI). The generation of phos-
phoinositides derived from PI via phosphorylation events will generate classes of important 
lipids enrolled in cell signaling and phagocytosis as example of phosphatidylinositol (4)-phos-
phate (PI(4)P=PIP), PI(5)P, PI(4,5)P2 (PIP2), PI (3,4)P2, and PI(3,4,5)P3 (PIP3). As mentioned 
previously in this chapter, these phosphoinositides, especially PIP2 and PIP3, are capable of 
binding and increasing the activity of proteins that modify membrane chemistry and the actin 
cytoskeleton. As an example, PIP2 increases the activity of WASP, a protein that stimulates 
actin polymerization via Arp2/3.

This class of PIs in addition to their relevance in particle internalization is important during 
the phase of phagosome maturation into a degradative compartment, the phagolysosome. In 
phagosomal membranes PIP2 activates the actin nucleators of the Ezrin, Moesin, and Radixin 
family inducing polymerization of F-actin and therefore phagosome maturation [11]. This 
will be addressed later in this chapter in the context of the manipulation of the actin cytoskel-
eton by pathogens in order to establish an intracellular niche.
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2.2. Induced phagocytosis by invasive pathogens

Classically, the manipulation of the actin cytoskeleton by invasive pathogens was classified 
into two general mechanisms according to the type of morphological changes that occur in 
the host cell—the zipper and trigger phagocytosis [3]. Entry of uropathogenic Escherichia coli, 
Yersinia, Helicobacter, Listeria, and Neisseria into epithelial cells is reminiscent of the classical 
model of zipper phagocytosis. The trigger model will be addressed as macropinocytosis in 
the next section of this chapter as it is not in fact a phagocytosis event. Moreover, the zipper 
mechanism may also be triggered actively by pathogens.

Adherence to nonprofessional phagocytic cells, epithelium by a pathogen is necessary to avoid 
mechanical clearance and is the first step of colonization by for example enteropathogens. 
Thus bacterial pathogens exhibit a large variety of cell surface adhesins, including fimbriae 
(pili) and afimbrial adhesins some of which participate in the internalization step. Likewise, 
in this type of entry, a bacterial adhesin binds to a host cell surface receptor involved in cell-
to-cell adhesion and/or activates regulatory proteins that modulate cytoskeleton dynamics. 
Moreover, adherence and internalization into epithelial cells looks to be a strategy used by 
pathogens to escape destruction by immune cells as described below.

Most type I pili expressed by pathogenic E. coli bind to host mannose-containing glyco-
proteins some expressed in gut epithelial cells including M cells (microfold cells of Payer’s 
Patches) [25]. Others such as FimH from uropathogenic E. coli can bind to β1 and α3 integrins 
and thereby promote bacterial internalization following a process that to date has only been 
described in urinary bladder epithelial cells. Uropathogenic E. coli (UPEC) cause the major-
ity of community-onset urinary tract infections (UTI). Early in acute cystitis, UPEC gains 
access to an intracellular niche that protects a population of replicating bacteria from arriving 
phagocytes [26]. Transition bacillary forms of UPEC (1–2 μm in length) are readily engulfed, 
while filamentous UPEC resist phagocytosis, even when in direct contact with neutrophils 
and macrophages. Despite these strong host defenses, a subpopulation of UPEC is able to 
persist for months in a quiescent reservoir state which may serve as a seed for recurrent infec-
tions [27].

Yersinia spp. such as Yersinia enterocolitica and Yersinia pseudotuberculosis invades gut muco-
sae at the ileum terminal end and multiplies in the underlying lymphoid tissue. Invasin and 
YadA (Yersinia adhesion A) are crucial for yersinia adherence via β1 integrins and matrix 
components, respectively. β1 integrins exist on the basolateral face of enterocytes and on the 
apical surface of the epithelia derived M cells. The coalescence of integrins following bacte-
ria invasin linkage will lead to yersinia internalization by a “zipper mechanism”. Binding of 
invasin to β1 integrin activates focal adhesion tyrosine kinase and triggers a complex cascade 
implicating Rac1-Arp2/3 pathways but also phosphoinositide-3-kinase (PI3K) leading to the 
closure of the phagocytic cup. In contrast, YadA binds diverse extracellular matrix compo-
nents, such as collagen, laminin, and fibronectin, thus indirectly mediating integrin binding 
[28]. Yersinia species also hijack host cell phosphoinositide metabolism for their uptake. Rac-1 
recruits, and Arf6 activates the type I phosphatidylinositol-4-phosphate-5-kinase (PtdIns(4)
P(5)Ka), which forms PIP2 at the entry site, and this lipid may regulate phagocytic cup forma-
tion by coordinating membrane traffic and controlling F-actin polymerization [29].
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components, respectively. β1 integrins exist on the basolateral face of enterocytes and on the 
apical surface of the epithelia derived M cells. The coalescence of integrins following bacte-
ria invasin linkage will lead to yersinia internalization by a “zipper mechanism”. Binding of 
invasin to β1 integrin activates focal adhesion tyrosine kinase and triggers a complex cascade 
implicating Rac1-Arp2/3 pathways but also phosphoinositide-3-kinase (PI3K) leading to the 
closure of the phagocytic cup. In contrast, YadA binds diverse extracellular matrix compo-
nents, such as collagen, laminin, and fibronectin, thus indirectly mediating integrin binding 
[28]. Yersinia species also hijack host cell phosphoinositide metabolism for their uptake. Rac-1 
recruits, and Arf6 activates the type I phosphatidylinositol-4-phosphate-5-kinase (PtdIns(4)
P(5)Ka), which forms PIP2 at the entry site, and this lipid may regulate phagocytic cup forma-
tion by coordinating membrane traffic and controlling F-actin polymerization [29].
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Helicobacter pylori is another example of pathogen that adheres to mucosa via β1integrins 
and invades nonphagocytic cells. Efficient infection of cultured epithelial cells seems to be 
restricted to certain H. pylori strains. This pathogen uses a type IV secretion system (T4SS) 
targeting β1 integrins to translocate the virulence factor CagA into the cytosol. The adhesin 
CagL present in the T4SS pilus surface bridge activates the integrin on the basolateral mem-
brane of gastric epithelial cells. In all cases, however, invasion of H. pylori seems to involve a 
typical zipper-like entry process. Both PI3-K and PKC are required for bacterial uptake and 
induction of cytoskeletal rearrangements [30]. Curiously preinfection of cultured gastric cells 
with yersinia expressing Yop virulence factors that interfere with the same signaling events 
impaired phagocytosis of H. pylori [30]. Internalized H. pylori was shown to be located in tight 
phagosomes and in close association with condensed actin filaments and localized tyrosine 
phosphorylation signals. Similar to UPEC in bladder epithelial cells, invasion of epithelial 
cells by H. pylori may constitute one of the evasion strategies used by this pathogen to circum-
vent the host immune response and persist in stomach.

Curiously the vaccinal strain for tuberculosis Mycobacterium bovis BCG has been used as the 
more effective treatment for bladder cancer [31]. The bacillus induces phagocytosis in tumor 
cells via their surface fibronectin attachment protein (FAP) to β1integrins. After phagocytosis a 
strong cytotoxic effect is displayed via T-helper CD8 stimulation leading to antitumor activity.

Listeria monocytogenes is a food-borne Gram-positive bacterium that makes use of two surface 
proteins, Internalin A (InlA) and B (InlB), to engage, in a species-specific manner, to host adhe-
sion molecules E-cadherin and hepatocyte growth factor receptor Met respectively, to induce 
its internalization [32]. Only InlA is critical for invasion of the gut epithelial cells. The specific 
engagement of E-cadherin initiates activation of the adherens junction machinery inducing 
the recruitment of β-catenin, Rho GAP protein ARHGAP10, α-catenins to the site of the entry. 
Internalization is then further mediated by Rac- and Arp2/3-dependent actin polymerization. 
In contrast to this, InlB is essential for Listeria uptake by most nonphagocytic cell types, such 
as hepatocytes, endothelial cells, fibroblasts, and certain epithelial cell lines. Additionally, it is 
known that ActA, a Listeria protein required for actin-tail formation and intracellular cytosolic 
movement, can also mediate Listeria uptake by epithelial cells [32]. Recently a new phagocytic 
process was characterized that allows human endothelial cells to internalize listeria indepen-
dent of all known pathogenic bacterial surface proteins. Here bacteria adhesion is mediated 
by Rho kinase and the control of the internalization step is coordinated by formins (as FHOD1 
and FMNL3) a class of actin nucleation proteins. The overall control of the event is mediated 
by cytoskeletal proteins usually enrolled in cell shape and locomotion including Rho, focal 
adhesions, and PI kinases [33].

Neisseria gonorrhoeae, is an exclusive human pathogen that primarily infects the urogenital 
epithelia, causing the sexually transmitted disease gonorrhoea. Entry of N. gonorrhoeae into 
human epithelial cells is multifactorial. Initial attachment is mediated by pili (a T4SS), fol-
lowed by tight adherence via the phase-variable colony opacity (Opa) proteins. These are 
a family of 11 outer membrane proteins variably expressed at the surface of the bacterium. 
However, only OpaA confers invasion into epithelia [34]. This entry is mediated by heparan 
sulfate proteoglycan (HSPG) receptors of the syndecan family expressed on the target cell 
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surface. Pilus engagement has also been demonstrated to play a role in host cell cytoskeletal 
rearrangements inducing microvilli formation at the cell surface to surround the bacteria for 
a zipper mechanism of internalization [35].

In endothelial cells, the T4SS-pilus-mediated adhesion of Neisseria meningitidis induces the for-
mation of membrane protrusions similar to microvilli leading to bacterial uptake. These pro-
trusions result from a Rho- and Cdc42-dependent cortical actin polymerization, and from the 
activation of the ErbB2 tyrosine-kinase receptor and the Src kinase, leading to tyrosine phos-
phorylation of cortactin, an activator of Arp2/3 [36]. Adhesion of N. meningitidis to endothelial 
cells promotes the local formation of membrane protrusions reminiscent of epithelial micro-
villi structures that surround bacteria and provoke their internalization within intracellular 
vacuoles.

2.3. Macropinocytosis, induced macropinocytosis, and coiling phagocytosis

Unique molecular properties associated with the process of macropinocytosis are beginning to 
be elucidated. Because of their size and the fact that they may be formed without activation by 
ligands, the large vacuoles (macropinosomes) formed during this pinocytosis event can contain 
extracellular fluid and pathogens. At the mechanistic level, phagocytosis and macropinocytosis 
present many similarities including the involvement of phosphoinositol phosphate signaling 
and actin cytoskeleton reorganization. During macropinocytosis it is not observed a direct con-
nection between bacteria/cargo and multiple receptors but it was demonstrated the relevance 
of tyrosine kinase receptors involved in responses to growth factors as the epidermal growth 
factor and platelet-derived growth factor. The consequence of intensive actin remodeling 
results in ruffling protrusions at the cell surface, or in unilateral large pseudopodia formation 
leading to the formation of large macropinosomes. Activated receptor tyrosine kinases, as well 
as the Src family kinases, are clearly observed on newly formed macropinosomes. Therefore in 
concert with the morphological definition provided by Lewis in 1931 based on ruffling forma-
tion, and elevation in response to growth factor stimulation can be used to define macropino-
cytosis [37].

Macropinocytosis has been observed in professional phagocytes as well in epithelial cells. 
Immature dendritic cells and activated macrophages display high levels of constitutive mac-
ropinocytosis [38]. The consequent internalization of large volumes of extracellular solute 
that accompanies macropinocytosis facilitates their capacity to continuously survey the extra-
cellular space for foreign material. In fact, this increased levels of macropinocytosis upon 
encounter with the antigen/pathogen enhances both antigen capture and antigen presenta-
tion by dendritic cells as well as the complete clearance of pathogens after macrophage activa-
tion by inflammatory stimulus [38].

In epithelial cells, an induced form of macropinocytosis was observed after infection with 
pathogens such as Shigella, Salmonella, enterophatogenic E.coli (EPEC), and Mycobacterium 
tuberculosis. Therefore, individual pathogens have developed a range of strategies to modu-
late the host’s normal macropinocytic pathways both to invade the host cells and to manipu-
late the lipid and protein composition of the encapsulating macropinosome to promote cell 
uptake and then survival. A few virulence factors secreted by pathogens are able to induce 
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ruffling similar to the growth factors named above. The closure of ruffles back to themselves 
will entrap pathogens into a large vacuole (micropinosome) incorrectly named in distinct 
publications as “spacious phagosome”.

Invasive enteropathogens, such as Shigella flexneri and S. enterica serovar Typhimurium, use 
the trigger mechanism of invasion in epithelial cells to induce membrane ruffles and macropi-
nocytosis. This is a phenomenon dependent on a type III secretion system encoded by both 
bacteria. The T3SS effectors activate host Cdc42 and Rac1 albeit via distinct cellular relays. In 
Salmonella, SopE acts as a guanyl-nucleotide-exchange factor for Rho [39]. This induced Rho 
GTPase perturbation is recognized in the cytosol by PRRs (NOD1 sensor) inducing a proin-
flammatory response and innate immune responses. SigD/SopB is another protein secreted by 
the SPI-1 T3SS of Salmonella to invade nonphagocytic cells. The phosphatidyl-inositol phos-
phatase activity of SigD/SopB induces rapid disappearance of PIP2 from invaginating regions 
of the cytoplasmic membrane leading indirectly to Rho activation and macropinocytosis. 
Once inside the host cell, Salmonella induces the recovery of normal cytoskeleton dynamics 
via SptP, a SPI-1 effector with Cdc42 and Rac1 GAP activity that returns these proteins to their 
nonactivated state.

In comparison, the effectors IpaC, IpgB1, and VirA of Shigella bind to initiate a focal adhe-
sion structure required for internalization via a process that recruit Rho isoforms [40]. 
Consequently, the injection of the effectors IpaC, IpgB1, and VirA by S. flexneri induces Rac1/
Cdc42-dependent actin polymerization. Finally, the translocated effector IpaA binds vinculin 
and enhances its association to actin filaments, thus mediating the localized depolymerization 
of actin, which is required to close the phagocytic cup [40].

S. flexneri invasion has been classically described as a macropinocytosis-like process, however 
the role of macropinosomes in intracellular bacterial survival remains elusive. There is evi-
dence that bacterial entry and membrane ruffling are associated with different bacterial effec-
tors and host responses during S. flexneri invasion. Rho isoforms are recruited differentially to 
either entering bacteria or membrane ruffles, and entry has been proposed to occur initially 
via effector mediated contact of S. flexneri to specific receptors suggesting entry is akin to 
receptor mediated phagocytosis. In fact, the host surface molecules β1-integrins and CD44 
(hyaluronic acid receptor) are needed for Shigella entry [40].

Recently, the mechanism of Shigella invasion of epithelial cells was observed using advanced 
large volume correlative light electron microscopy (CLEM) indicating a combination of 
induced phagocytosis and macropinocytosis [41]. Here, the macropinocytic event instead of 
being the major effector for internalization was in fact shown to be required for release of the 
bacteria from the phagosome and cytosolic escape later in phagocytosis. Macropinocytic vesi-
cles formed at the invasion site are functionally involved in vacuolar rupture. This unique and 
surprising pathogenic strategy stands in stark contrast to other invasive pathogens that induce 
direct lysis of their surrounding vacuole via the action of destabilizing bacterial proteins.

S. enterica is an invasive, T3SS-employing pathogen and shares many common host entry 
characteristics with S. flexneri. It was hypothesized that salmonella containing vacuole and 
macropinosomes may be distinct, as they are sorted into different intracellular routes [42]. 
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These evidence suggest that pathogen induced enhanced uptake of extracellular fluid in S. 
enterica serovar Typhimurium-infected epithelial cells is an event related to the invasion mech-
anisms used by this pathogen but not the major mechanism for bacteria internalization as 
referred in most published data.

Surface-adherent pathogens, such as enteropathogenic or enterohaemorrhagic E. coli (EPEC 
or EHEC, respectively), use their T3SS to secrete a transmembrane receptor into the host 
membrane to stimulate actin polymerization and generate cellular extensions called ped-
estals. EPEC uses the T3SS apparatus to inject the intimin receptor (Tir). Tir acts as a cell 
receptor of host kinases activating N-WASP and the actin nucleator Arp2/3 resulting in actin 
polymerization and pedestal formation at the site of the attachment. While stabilizing bacte-
ria connection to epithelial cells the actin pedestal formation promotes T3SS mediated injec-
tion of additional effector proteins able to subvert other host pathways. Where bacteria are 
attached, microvilli are lost; the epithelial cells form cup-like pedestals upon which the bacte-
ria rest. The underlying cytoskeleton of the epithelial cell is disorganized, with a proliferation 
of filamentous actin. Although EPEC have traditionally been considered to be noninvasive, 
accumulating evidence casts doubt on this assumption. From the earliest published electron 
micrographs of EPEC infection, bacteria have been observed within epithelial cells at the sites 
of attaching [43]. The virulence factor dependent on Tir signaling EspG contributes to the abil-
ity of EPEC pathogens to establish infection through a modulation of the host cytoskeleton 
involving transient microtubule destruction and actin polymerization in a manner akin to the 
S. flexneri VirA protein [28, 44].

Patients with inflammatory bowel disease exhibited an increased number of mucosae-associ-
ated E. coli with invasive properties. The adherent-invasive E. coli (AIEC) uses M cells to reach 
macrophages of Payer’s Patches where they survive and replicate inside large macropino-
somes that share features of phagolysosomes. To survive, these bacteria, inside the vacuoles, 
adapted to the harsh acidic environment that is the key signal to activate virulence genes. In 
fact infected macrophages with AIEC secrete large amounts of tumor necrosis factor alpha 
leading to local granuloma formation. Those macrophages will subsequently aggregate and 
fuse releasing bacteria that then will reach the basolateral domain of gut epithelial cells for 
invasion. Epithelial cell invasion is a key virulence factor only for EIEC, which may lead to a 
dysentery-like illness similar to that caused by S. flexneri [45].

Alveolar macrophages constitute the main defense against M. tuberculosis infection. However, 
tuberculosis bacilli resist phagocytic cell bactericidal mechanisms and replicate within them. 
Although M. tuberculosis survives within phagocytic cells, this bacterium may also bind and 
invade alveolar epithelial cells [46] and endothelial lymphatic cells [47]. Infection of epithelial 
cells was concomitant with large lamellipodia projections (ruffles) similar to macropinocy-
tosis. Likewise, Mycobacterium can induce formation of macropinosomes however; this does 
not depend on a bacterial secretion system, as the culture media in the absence of pathogen 
was sufficient to induce this process. Since nonviable bacteria fail to induce macropinocyto-
sis in opposition to live bacteria, the most prominent candidate to induce ruffling is pointed 
as being secretory products actively produced by life bacilli. There are no requirements for 
bacteria to attach directly to the plasma membrane. In endothelial cells, scanning electron 
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microscopy (SEM) micrographs show that mycobacteria were internalized by characteristic 
phagocytosis-like and macropinocytosis events [47]. However the mycobacterial determi-
nants leading to actin reorganization and pathogen active internalization are not clarified. It 
is very likely that the invasion and survival in epithelial and endothelial cells contributes to 
the one-third of the human population latently infected with this microorganism.

Coiling phagocytosis is an actin dependent endocytic event, morphologically accompanied by 
a typical pseudopodia that looks like whorls or wrapps around the bacteria in several turns 
(Figure 1). A definition of the phenomena is complex as it presents similarities to macropi-
nocytosis and conventional phagocytosis: for the first due to the large pseudopodia; for the 
second due to cargo specific entrapment. In coiling phagocytosis, the single pseudopodia do 
not trap fluid droplets but enclose microbes; however, the multiple pseudopod whorls have 
largely self-apposed surfaces instead of those that are microbe-apposed surfaces. Legionella 
pneumophila and Borrelia burgdorferi the agents of Legionellosis and Lyme disease, respectively, 
use this form of endocytosis for establishment of the infection within macrophages. It was 
demonstrated that coiling phagocytosis is an active and selective process of the phagocytes, 
initially triggered by heat- and aldehyde-insensitive moieties of the microbial surface [48], sug-
gesting that coiling and conventional phagocytosis are very closely related, most likely start-
ing from the same phagocytosis-promoting receptor(s). The lack of difference between viable 
and killed microbes indicates that coiling phagocytosis is actively driven by the phagocytes 
and not by the microbes. This distinguishes coiling phagocytosis from nonclassical uptake 
mechanisms such as the induced phagocytosis or macropinocytosis. In this respect, the iden-
tification of granulocyte macrophage colony-stimulating factor (GM-CSF) and phorbol esters 
such as PMA as coiling-promoting substances may be a clue as to the regulatory mechanisms 
involved in coiling phagocytosis [48]. On the side of the phagocytes, coiling phagocytosis obvi-
ously is clearly a regulated mechanism, because the monocytes used it selectively for certain 
spirochetes, which is inconsistent with simply an accidental trapping of pericellular microbes.

In summary, deciphering the players that induce or prevent phagocytosis in one infection 
context may be used as strategies to clear pathogens in other context. It is an interesting obser-
vation that preinfection of cultured gastric cells with yersinia expressing Yop virulence factors 
that interfere with the same signaling events, impaired phagocytosis of H. pylori. This may be 
a potential starting strategy to fight gastric cancer due to this pathogen.

Define what receptors stimulate to induce a more bactericidal response of infected cells, how 
to control bacterial load that is internalized to induce apoptosis, as is the case of microRNAs 
that control WASP in tuberculosis context; how to neutralize factors that prevent Rho family 
of GTPases to modify actin in order to induce phagocytosis of extracellular pathogens, these 
are a few targets to explore deeply. Other relevant area to act is how to neutralize bacterial 
adhesins, secretion systems or their access to surface receptors as integrins to prevent epithe-
lia invasion. It is imperative to decipher what are the virulence factors that mimics or induce 
growth factors that leads to induced macropinocytosis. In addition, it is important to find 
how to neutralize secretion systems that reorganize the actin cytoskeleton for macropinosome 
formation and therefore for pathogen invasion of epithelial and endothelial cells, important 
reservoirs of latent infections.

Acting on Actin During Bacterial Infection
http://dx.doi.org/10.5772/66861

269



3. Acting on actin for the establishment of an intracellular niche

In addition to particle binding and internalization, phagocytosis includes the process of 
phagosome maturation leading to pathogen destruction in the acidic hydrolytic environment 
of the phagolysosome. These events are important innate immune mechanisms. Indeed a 
consequence of phagosome maturation is the activation of the antigen presentation machin-
ery. Macropinocytosis culminates in the appearance of a large vacuole that, indeed follows 
the fate of the phagosome. Some pathogens have evolved to establish sustained infection in 
professional phagocytes preventing phagosome maturation as is the case of M. tuberculosis 
and S. enterica. Other’s diverts the endocytic pathway into a distinct vacuole more similar to 
the secretory pathway (e.g., Legionella pneumophila associates with the endoplasmic reticu-
lum). By doing this, pathogens establish an intracellular niche were they survive, escape the 
immune bactericidal responses and have access to nutrients. Finally, a group of pathogens 
are able to escape the endocytic pathway by lysing the vacuole and move to the cytosol (e.g., 
Mycobacterium marinum within macrophages; M. tuberculosis within endothelial cells; Shigella, 
listeria within epithelial cells) (Figure 1).

The material in endosomes or phagosomes that is destined for lysosome degradation by endo-
cytosis or phagocytosis reaches this compartment by fusing with the organelle. Critical for 
this is the membrane composition of the correct repertoire of lipids, membrane-bound pro-
teins, and also proteins that shuttle on and off membranes. The manipulation of the phago-
somal membrane by pathogens may block the ability of fusion with lysosomes leading to a 
vacuole that may be trafficked apart from the endocytic route. In alternative, the vacuole may 
be arrested from maturation along the endocytic pathway by pathogen membrane manipula-
tion leading to continuous transient fusion events with upper compartments.

Phagosome maturation is known to be influenced by the lipid species present on the outer 
and most likely inner membrane, and published studies have focused mostly on kinases that 
generates PIP, and PIP2, which binds actin nucleation proteins [49]. Additionally, the ability 
to nucleate actin leading to F-actin polymerization from phagosomal membranes was associ-
ated to the formation and availability of actin tracks for organelles to move towards the actin-
nucleating source, increasing vesicle trafficking, fusion events, and phagolysosome biogenesis 
(Figure 1) [50]. Identifying key roles for PIP and PIP2 opened the door for the analysis of several 
other lipids that interconnected with these phosphoinositides in the actin assembly process, as 
well as sphingolipids and fatty acids favouring phagosome maturation [11, 51]. Examples of 
F-Actin stimulatory factors includes the eicosanoide omega 6 arachadonic acid, ceramide and 
sphingosine-1-phosphate.

Several groups have explored the role of actin cytoskeleton during Mycobacterium late phases 
of phagocytosis. Pioneering work by de Chastellier and co-workers shows that Mycobacterium 
avium a pathogen common in AIDS patients, disrupt the macrophage actin filament network 
highlighting here the target for the bacterium that allows sustained intracellular survival. It 
was demonstrated that in contrast to nonpathogenic mycobacteria, pathogenic M. tuberculosis 
 prevents actin polymerization on phagosomal membranes [11, 52]. Therefore, the enrichment 
of M. tuberculosis phagosomal membranes with classes of lipids that leads to PIP2 was shown 
to induce F-actin tracks from the vacuole membrane. This is concomitant with an increase of 
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to nucleate actin leading to F-actin polymerization from phagosomal membranes was associ-
ated to the formation and availability of actin tracks for organelles to move towards the actin-
nucleating source, increasing vesicle trafficking, fusion events, and phagolysosome biogenesis 
(Figure 1) [50]. Identifying key roles for PIP and PIP2 opened the door for the analysis of several 
other lipids that interconnected with these phosphoinositides in the actin assembly process, as 
well as sphingolipids and fatty acids favouring phagosome maturation [11, 51]. Examples of 
F-Actin stimulatory factors includes the eicosanoide omega 6 arachadonic acid, ceramide and 
sphingosine-1-phosphate.

Several groups have explored the role of actin cytoskeleton during Mycobacterium late phases 
of phagocytosis. Pioneering work by de Chastellier and co-workers shows that Mycobacterium 
avium a pathogen common in AIDS patients, disrupt the macrophage actin filament network 
highlighting here the target for the bacterium that allows sustained intracellular survival. It 
was demonstrated that in contrast to nonpathogenic mycobacteria, pathogenic M. tuberculosis 
 prevents actin polymerization on phagosomal membranes [11, 52]. Therefore, the enrichment 
of M. tuberculosis phagosomal membranes with classes of lipids that leads to PIP2 was shown 
to induce F-actin tracks from the vacuole membrane. This is concomitant with an increase of 
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fusion events, phagolysosome biogenesis and, consequently M. tuberculosis intracellular kill-
ing [11]. Drug-induced manipulation of the pathogen actin nucleation-induced blockade repre-
sents interesting alternative therapies for tuberculosis.

Another pathogen that blocks phagosome maturation is Salmonella. Several hours after bacterial 
uptake into different host cell types, Salmonella induces the formation of an F-actin meshwork 
around the Salmonella-containing vacuole (SCV), which is a modified phagocytic compart-
ment. SCV integrity is closely linked to a surrounding meshwork of actin that in contrast to 
what happens during mycobacteria infection, acts as a barrier that prevents membrane con-
tact and, therefore vacuole fusion with other endocytic organelles [53]. This process does not 
require the Inv/Spa type III secretion system or cognate effector proteins, which induce actin 
polymerization during bacterial invasion. A second T3SS, the salmonella pathogenicity island 
2 (SPI2), translocate effectors from the phagosomal membrane to the cytosol. The consequence 
of this event is the induced polymerization of actin around the SCV that will allow salmonella 
intravacuolar survival. The spv virulence locus will express the SpvB protein and ADP-ribosyl 
transferase that will promote actin depolymerisation in latter stages of infection. Treatment 
with actin-depolymerizing agents significantly inhibited intramacrophage replication of sal-
monella. Furthermore, after this treatment, bacteria were released into the host cell cytosol, 
whereas SPI-2 mutant bacteria remained within vacuoles [53]. In conclusion, while during 
M. tuberculosis infection actin assembly is prevented or F-actin is disrupted to allow the estab-
lishment of an intracellular niche, in the case of salmonella infection the generation of an F-actin 
induced mesh is required to maintain and position a vacuole that sustains bacterial growth.

4. Acting on actin for pathogen dissemination: actin-based motility of 
pathogens and innate immunity

Early after host invasion some pathogens escape lysosomal destruction and antigen presenta-
tion by escaping into the cytosol. Thereafter, actin polymerization is manipulated by several 
cytosolic pathogens such as L. monocytogenes, S. flexneri, Burkholderia pseudomallei, Rickettsia 
spp., and M. marinum. These generate and use actin tails to move within and between cells.

When intracellular moving bacteria reaches the plasma membrane, they push out long protru-
sions that are taken up by neighboring cells, facilitating the infection to spread from epithelial 
cell to cell in the absence of immune surveillance. At the cell-to-cell cytoplasmic membranes 
sites, the cytosolic actin-based moving pathogens induce the formation of surface protrusions 
that force the internalization from the infected cell into noninfected neighbor cells. The process 
of engulfment is called paracytophagy and involves internalization of a double membrane con-
taining pathogen: the inner from the donor cell and the outer from the recipient cell (Figure 1) 
[54, 55]. At this point the pathogen may escape again to cytosol to start a new infection process.

In the case of enterophatogenic E. coli EPEC it was found that some actin pedestal of the 
attached EPECs also translocate along the cell surface, reaching speeds of 0.007 μm/s allowing 
bacteria to spread between attached cells [34] (Figure 1). While this model shares similari-
ties with the Listeria or Shigella systems, the main difference is the presence of a membrane 
between the pathogen and the cell cytoskeleton (Figure 1: as in the case of filopodia  fishing 
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compared to paracytophagy). The actin polymerization system Arp2/3 complex has been 
manipulated by several pathogens differently. Some mimics the Wiskott-Aldrich syndrome 
protein (WASP) family [56], while other’s recruit WASP directly to activate Arp2/3 [57]. 
Examples of the first include the actA protein of listeria and RickA of riquetsia. For the second 
examples exist as is the case of IcsA of S. flexneri and nondetermined factors of M. marinum 
but dependent on the ESAT-6 secretion system 1 [57]. M. marinum is a water-borne bacterium 
that naturally infects fish and amphibians and is an opportunistic pathogen for humans caus-
ing tuberculosis while Rickettsia conorii belongs to the spotted fever group of Rickettsia species 
transmitted by ticks [55].

The actin-based motility of B. pseudomallei the causative agent of melioidosis occurs by a mecha-
nism distinct to that used by other intracytoplasmic pathogens. In fact, the actin tails induced 
by this pathogen contains Arp2/3 components but it is not clear in the enrollment of the intra-
cellular motility of B. pseudomallei [58]. The overexpression of Scar1 a cellular actin nucleating 
promoting factor that in the context of S. flexneri, L. monocytogenes and R. conorii, blocks actin tail 
formation and motility, during B. pseudomallei infection as no effect on actin-based motility [58].

The predominance of a membrane surrounding vacuole during the infection of most intra-
cellular pathogens looks to be related to immune protection from the defensive mechanisms 
that exist in the cytosol. The arrival of a pathogen or their PAMPs to the cytosol could “wake 
up” several patrol mechanisms that include cytosolic PRRs. The sensing by cytosolic innate 
receptors leads to an inflammatory response by secretion of proinflammatory cytokines and 
chemokines or a interferon type I response that overall leads to antimicrobial response; the 
stress in the cytosol induce inflammasome assembly [59].

Therefore, the arrival of the pathogens in the cytosol establishes a bridge to the innate immune 
response by contact of the pathogen-associated molecular patterns (PAMPS) with PRRs, such 
as NLRPs (Nod like, similar to Toll like receptors- TLRs on cell membranes). Additionally, 
and by causing cytosol stress, PAMPS will activate (via PRRs) the inflammasome, a complex 
structure of proteins similar to the apoptosome [60]. Inflammasome assembly will lead to 
pro-Interleukin1β (pro-IL-1β) and pro-IL-18 inflammatory cytokine activation via caspase 1 
and to the programmed cell death dependent on caspase 1, as it is pyroptosis and pyronecro-
sis [22]. This is a natural immune response in gut and respiratory epithelial cells but not in 
endothelial vascular and lymphatic cells that lakes these cytosolic receptors and constitutes 
important host niches for intracellular pathogen survival [33, 47].

Rickettsiae possess a tropism to endothelial cells, a tissue that usually serves as barrier to intra-
vascuolar blood from surrounding tissues. This tropism leads to the endothelial cell injury 
associated with complications of the disease. RickA (mentioned previously in this chapter) 
is a protein present in the pathogenic species R. conorii, but absent in Rickettsia thyphi [56].  
This absence is responsible for an erratic actin-based motility of R. thyphi leading to the 
hypothesis of existence of multiple actin-polymerization mechanisms in pathogenic rickettsia. 
A consequence of this erratic movement may be the delayed spread from cell to cell and con-
tinuous replication of thyphi species leading to bacterial overload and necrotic cell lysis [56]. 
For R. conorii paracytophagy cell-to-cell-spread is the common mechanism for pathogen dis-
semination [55].
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Macrophages, in contrast to endothelial cells, possess NLRs and other PRRs families. During 
M. tuberculosis as well as for M. marinum infection phagolysosomal rupture and bacteria 
escape to the cytosol usually leads to necrotic cell death [61, 62]. The existence of a func-
tional RD1 region expressing ESAT-6 is relevant for the activation of the inflammasome, the 
necrotic cell death and the secretion of proinflammatory cytokines IL-1β [21]. In endothelial 
cells, however, the tubercle bacilli survives [47].

The detection of cytosolic LPS, as a consequence of disruption of replication vacuoles harbor-
ing Gram-negative bacteria was shown to trigger the activation of murine caspase-11 that 
leads to the assembly of a noncanonical inflammasome [63]. Caspase-11 (Casp-4 in humans) 
is also crucial for clearance of bacteria that escape the vacuole, such as Burkholderia. In addi-
tion, detection of sdhA mutants of Legionella and sifA mutants of Salmonella activate caspase-
11-dependent pyroptosis [63]. Detection of cytosolic pathogens thus leads to caspase-1- or 
caspase-11-mediated pyroptosis and restricts bacterial growth.

Another potent host defense mechanism that restricts intracellular pathogens is autophagy. 
Some intracellular bacteria cause the formation of ubiquitinated aggregates around either 
bacterial structures or replication vacuoles, and the autophagic machinery can recognize 
these. The process of bacterial clearance by selective autophagy is called xenophagy. Listeria 
moves within the host cytoplasm through actin-based motility, promoted by the bacterial 
ActA protein, which is important for avoiding recognition by autophagy [64]. In contrast to 
the ActA protein, the Shigella IcsA protein that also promotes actin-based motility from one 
pole of the bacterium binds to the autophagy protein Atg5 thus targeting the bacterium to a 
phagophore. Shigella uses two different mechanisms to escape the host autophagic response: 
first, it secretes IcsB, a protein that competitively binds to IcsA and prevents its recognition by 
Atg5 thus preventing LC3 recruitment and the process of autophagy [65].

All together these findings let us to postulate that important strategies to fight pathogens will 
pass by control their life cycle in the cytosol. Either addressing the linkage of actin tails to 
Arp2/3 or WASP proteins or neutralizing the bacteria actin nucleators to prevent motility and 
spread to neighbor cells; either to induce death of the infected cell by apoptosis, pyroptosis, or 
necrotic lysis; either by exposition of pathogen signatures that leads to xenophagy; altogether 
these are a few potential strategies to address in the future.

5. Concluding remarks

During evolution, higher eukaryotic organisms have developed epithelial barriers and phago-
cytic immune cells to resist and fight infections. The discovery of antibiotics in the early part of 
the last century led to predictions that bacterial infections would be kept under tight control 
via natural systems and treatment with drugs. But the capacity of bacteria to evade natural 
protective systems and rapidly develop resistance to antibiotics had led to the current situation 
of bacteria posing major health problems in both the developed and underdeveloped world. 
There is now a major requirement to find alternative treatments to fight bacterial pathogens. 
Over the years, various studies have elucidated the mechanisms by which bacterial PAMPs, 
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adhesins, and secretion systems together with their translocated effectors target and alter the 
host actin dynamics. Targeting the host actin machinery is important for the survival and 
pathogenesis of several extracellular, vacuolar, and cytosolic bacteria. Studying the manipula-
tion of host actin by pathogens has vastly improved our understanding of various basic cell 
biological processes in host cells while giving key insights into both bacterial pathogenesis 
and host innate immunity. Together this opens a new and exciting field of research with the 
objective of discovering new classes of antibiotics that directly or indirectly interfere with this 
actin-modulating mechanism.
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Abstract

Microtubules (MTs), a major component of cell cytoskeleton, exhibit diverse cellular 
functions including cell motility, intracellular transport, cell division, and differentiation. 
These functions of MTs are critically dependent on their ability to polymerize and depo-
lymerize. Although a significant progress has been made in identifying cellular factors 
that regulate microtubule assembly and dynamics, the role of signal transducing mole-
cules in this process is not well understood. It has been demonstrated that heterotrimeric 
G proteins, which are components of G protein-coupled receptor (GPCR) signaling path-
way, interact with microtubules and play important roles in regulating assembly/dynam-
ics of this cytoskeletal filament. While α subunit of G proteins (Gα) inhibits microtubule 
assembly and accelerates microtubule dynamics, Gβγ promotes tubulin polymerization. 
In this chapter, we review the current status of G-protein modulation of microtubules 
and cellular and physiological aspects of this regulation. Molecular, biochemical, and cel-
lular methodologies that have been used to advance this field of research are discussed. 
Emphasis has been given on G-protein-microtubule interaction in neuronal differentia-
tion as significant progress has been made in this field. The outcome from this research 
reflects the importance of GPCRs in transducing extracellular signals to regulate a variety 
of microtubule-associated cellular events.

Keywords: cytoskeleton, G-proteins, microtubules, neuronal differentiation, Gβγ, 
tubulin, G protein-coupled receptor, GTP-binding proteins

1. Introduction

The major component of microtubules (MTs) is the heterodimeric protein tubulin, consist-
ing of α and β subunits, which are assembled into linear protofilaments. The protofilaments 
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associate laterally to form the microtubule, a 25-nm-wide hollow cylindrical polymeric struc-
ture [1]. Due to the asymmetry of the αβ-tubulin heterodimer, MTs are polar structures with 
two distinct ends. These ends possess different polymerization rates: a slow-growing minus 
end with an exposed α-tubulin subunit, and a fast-growing plus end, at which the β-tubulin 
subunit is exposed [2, 3]. MT assembly occurs in two phases: nucleation, which is facilitated 
by a third tubulin isoform, γ-tubulin; and elongation, during which αβ-tubulin heterodimers 
are added to the plus end [1, 4]. Tubulin is a unique guanine nucleotide-binding protein con-
taining one exchangeable binding site and one nonexchangeable binding site. GTP at both 
sites is needed for optimal assembly, and GTP at the exchangeable site is hydrolyzed after 
assembly [5, 6]. This hydrolysis creates an MT consisting largely of GDP-tubulin; however, a 
small region of GTP-bound tubulin, called a “GTP cap,” remains at the end. This cap allows 
MTs to polymerize. The loss of the cap results in a transition from growth to shortening 
(called a “catastrophe”), whereas the reacquisition of the GTP cap results in a transition 
from shortening to growing (called a “rescue”). This behavior, known as dynamic instabil-
ity, allows MTs to be remodeled rapidly in cells. An important consequence of dynamic 
instability is that it allows microtubules to search for specific target sites within the cell more 
effectively [7–9]. The MT assembly process is depicted in Figure 1.

MT assembly and stability can be affected by a wide variety of proteins. In this regard, 
microtubule-associated proteins (MAPs) play a very important role. Members of this group 
of proteins, such as MAP2 and tau, are known to promote MT assembly and stabilize MTs 
in vivo and in vitro [10–13]. The phosphorylation of MAPs is critical for their function, since 

Figure 1. Polymerization/depolymerization of MTs. MTs is polymerized from tubulin heterodimer consisting of α and 
β subunits. A third tubulin isoform, γ-tubulin, serves as a template for nucleation, which allows proper MT assembly. 
As shown in the figure, MT assembly requires tubulin to be in GTP bound form. However, it is hydrolyzed to GDP 
when it is incorporated in MTs, except at the plus (+) end where tubulin remains at GTP bound form (a GTP cap). This 
cap allows MTs to polymerize. The loss of GTP cap (by hydrolysis) results in the transition to MT depolymerization (a 
“catastrophe”). GTP cap can be regained by binding to tubulin-GTP and MT polymerization is reestablished (a “rescue”).
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 phosphorylated MAPs separate from MTs, causing MTs to become more susceptible to disas-
sembly and destabilization [14, 15]. Destabilization of MTs can be promoted by a large number 
of proteins collectively termed “catastrophe promoters,” as they favor the transition of MTs 
from elongation to shortening. Examples of these proteins include stathmin/Op18, a small 
heat-stable protein that is abundant in many types of cancer cells, katanin, and some kinesin-
related motor proteins [16, 17]. Also, many drugs known to alter tubulin polymerization are 
considered valuable tools in studying the mechanisms of MT assembly. Some of these drugs, 
such as nocodazole, depolymerize MTs, whereas others, such as taxol, promote MT assembly 
[18–21]. Even though MTs are composed of α/β-tubulin heterodimers in all eukaryotic cells, 
MTs exhibit great functional diversity. One possible explanation is that both α- and β-tubulin 
undergo a series of posttranslational modifications that allow MTs to engage in a variety of 
cellular activities [22]. These modifications include tyrosination/detyrosination, acetylation, 
glutamylation, and phosphorylation [23]. Although much progress has been made in iden-
tifying and characterizing the cellular factors that regulate MT assembly and dynamics, the 
precise spatial and temporal control of the process is not clearly understood.

Over the past decades, an effort has been made to understand the regulation of MT assembly 
and dynamics by signal transducing G proteins, as reviewed in Refs. [24, 25]. G proteins are 
heterotrimer, consisting of guanine nucleotide-binding α plus βγ subunits. The G-protein-
signaling cascade begins with the agonist-induced activation of a G protein-coupled receptor 
(GPCR), which allows GTP to bind to the α subunit of the heterotrimer, and subsequently, 
the GTP-bound-activated Gα changes its association with Gβγ in a manner that permits both 
subunits to participate in the regulation of intracellular effector molecules [26]. The tradi-
tional pathway for GPCR signaling is shown in Figure 2. The GPCR family of proteins is 
highly diverse; more than 1000 gene-encoding GPCRs are found in the human genome [27, 
28]. GPCRs participate in the regulation of a wide variety of physiological functions, includ-
ing cell growth and differentiation, neurotransmission, immune system function, and hor-
monal signaling. Participation in such a multitude of processes makes GPCRs a very attractive 
drug target, and approximately 30% of commercially available drugs are designed to target 
GPCRs [29]. GPCRs consist of seven transmembrane domains, connected by three extracellu-
lar loops and three intracellular loops. The extracellular region is responsible for agonist bind-
ing (neurotransmitters, hormones, and odorants, among others), and the intracellular region 
is responsible for interacting with heterotrimeric G proteins [30]. In humans, there are 21 
isoforms of Gα subunits, 6 Gβ isoforms, and 12 isoforms of Gγ [31]. G-protein heterotrimers 
are typically classified into four classes depending on the Gα subunit: Gαs (for stimulation 
of adenylyl cyclase), Gαi (for inhibition of adenylyl cyclase), Gαq (which regulates phospho-
lipase), and Gα12/13, which is involved in the regulation of monomeric G proteins and other 
molecules, such as PKC [31, 32]. Typical effectors of Gα signaling include adenylyl cyclase, 
phospholipase C, phospholipase A2, ion channels, and several kinases and transcription fac-
tors. Termination of the signal occurs when GTP bound to the α subunit is hydrolyzed by its 
intrinsic GTPase activity that causes its functional dissociation from the effector and reas-
sociation with βγ [26, 33–35]. Thus, G proteins act as molecular switches that can be turned 
“on” and “off” through the GTPase cycle. While the signal-transducing ability of heterotri-
meric G proteins was once believed to depend fully on the α subunit, it has now become clear 
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that the βγ subunit is capable of interacting with numerous effector molecules to influence a 
variety of signaling pathways [36, 37]. Among the effector molecules interacting with Gβγ are 
phospholipases, K+ and Ca2+ channels, GPCR kinases, members of the MAP kinase signaling 

Figure 2. G-protein-mediated signaling and the regulation of MT assembly. (A) The traditional pathway for G-protein 
signaling cascade begins with the agonist-induced activation of a GPCR (G protein-coupled receptor), which allows 
GTP to bind to the α subunit of the heterotrimer and subsequently the GTP-bound-activated Gα changes its association 
with Gβγ in a manner that permits both subunits to participate in the regulation of intracellular effector molecules. (B) α 
and βγ subunits of heterotrimeric G proteins interact with tubulin/MTs (in cytoplasm) and influence MT assembly and 
dynamics. Results generated from in vitro studies using purified proteins and cultured cells suggest that the Gα subunit 
inhibits MT assembly and promotes MT disassembly by interacting with tubulin-GTP and initiating GTP hydrolysis 
of tubulin, therefore causing MT depolymerization. The Gβγ subunit, on the other hand, promotes MT assembly. The 
Gαβγ heterotrimer is functionally inactive (similar to that observed in traditional GPCR pathway) and does not interact 
functionally with Tubulin/MTs. Upon activation, Gα dissociates from Gβγ subunits, and both subunits then interact with 
tubulin/MTs and modulate assembly/dynamics. It is suggested that G-protein-MT interaction is an important step for 
G-protein-mediated cell activation.
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 pathway, monomeric G proteins, regulators of G protein signaling (RGS), and phosphoinosit-
ide-3 kinase (PI3K) [37–42].

Although G proteins are likely to be membrane-bound when coupled to receptors, results 
from several laboratories in past decades demonstrate their association with several subcel-
lular compartments including MTs. G protein-MT interactions have been shown to modulate 
the assembly, dynamics and functions of MTs (Figure 2). This chapter focuses on our current 
understanding of G protein regulation of MT assembly and cellular and physiological aspects 
of this regulation.

2. Heterotrimeric G proteins and the tubulin/MT system

Gα and MT assembly/dynamics. Direct interactions between tubulin and α subunits of Gs, 
Gi1 have been demonstrated [43] and these interactions were shown to activate GTPase activ-
ity of tubulin, inhibit microtubule assembly, and accelerate microtubule dynamics [44–47]. 
To elucidate the role of Gα in microtubule assembly in vitro, purified Gα subunits as well 
as tubulin were used in the reconstitution assay. G protein α subunits Gi1α, Gsα, and Goα 
were shown to activate the GTPase activity of tubulin and inhibit microtubule assembly. The 
assembly of tubulin-GTP (or tubulin-GppNHp) into microtubules was inhibited by Gi1α 
(80–90%) in the absence of exogenous GTP. The addition of exogenous GTP—but not the 
addition of hydrolysis-resistant GppNHp—overcame the inhibition of microtubule assembly 
by Gi1α [45], thus, it appears that GTP hydrolysis resulting from the association of tubulin 
and Gi1α plays a critical role in modulating microtubule assembly. Gα appears to bind to 
tubulin and activate the intrinsic GTPase of tubulin in a manner similar to what occurs dur-
ing MT formation. However, unlike the formation of microtubules from tubulin dimers, Gα 
dissociates from the tubulin-Gα complex subsequent to GTP hydrolysis [45]. This finding is 
consistent with the possibility that Gα would accelerate MT dynamic instability. Analysis of 
the dynamics of individual microtubules by video microscopy has demonstrated that Gi1α 
increases the catastrophe frequency [45]. To determine the role of Gsα in MT dynamics in vivo, 
PC12 cells were transfected with Gsα-GFP [47]. Transfected cells were treated with cholera 
toxin to activate Gsα-GFP or forskolin to stimulate adenylate cyclase and to increase cAMP. 
Cholera-toxin activation of Gsα-GFP resulted in a displacement of Gsα-GFP from the plasma 
membrane. It was found that activated Gsα released from the plasma membrane was directly 
bound to cellular microtubules and then colocalized with microtubules. As a result, activated 
Gsα made MTs more dynamic, decreasing the pool of insoluble MTs, without changing the 
total cellular tubulin content [47].

Gβγ and MT assembly. The Gβγ subunit has the opposite effect on tubulin polymerization, 
as it was found that Gβγ promotes MT assembly in vitro [48]. Assembly was monitored by 
negative staining electron microscopy and measuring protein in polymers collected by cen-
trifugation. The effect of different combinations of βγ on MT assembly was tested. Tubulin 
that was purified free of microtubule-associated proteins was incubated at 37°C in the pres-
ence of β1γ2 or β1γ1 (transducin βγ) for 45 min to 1 h. Microtubule assembly was stimulated 
markedly when β1γ2 was present at ~1:20 molar ratio with tubulin; in contrast, β1γ1 had no 
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effect on microtubule assembly [48]. An electron microscopic analysis indicated the forma-
tion of very few microtubules either by tubulin alone or in the presence of β1γ1. In the pres-
ence of β1γ2, however, robust microtubule polymerization occurred. Protein estimation in the 
pellets also indicated a 71% increase in the presence of β1γ2. An SDS-PAGE of the samples 
further confirmed the increase in tubulin concentration in the pellet formed in the presence 
of β1γ2. No detectable change in pellet protein concentration (compared to controls) was 
observed in the presence of β1γ1. β immunoreactivity was detected exclusively in the micro-
tubule fraction after assembly in the presence of β1γ2, suggesting a preferential association 
with microtubules rather than with soluble tubulin. A number of proteins, including the γ 
subunit of Gβγ, undergo a process of posttranslational modification termed “prenylation” 
and this modification is important for the biological functions of these proteins. For example, 
prenylation of γ subunits is required for the high-affinity interactions of Gβγ with α subunits 
or effector molecules [49–51]. Interestingly, it was found that a mutant β1γ2, β1γ2 (C68S), 
which does not undergo prenylation of γ subunit, did not stimulate the formation of MTs, 
suggesting that the functional interaction of Gβγ with MTs require the same specificity as 
other effector molecules of Gβγ [49–51].

To investigate the potential link between Gβγ and MT assembly in vivo, cultured PC12 and 
NIH3T3 cells were used. The role of Gβγ in MT assembly was demonstrated using nocodazole, 
a microtubule-depolymerizing drug [52]. Colchicine and the synthetic compound nocodazole 
are both antimitotic drugs and known to exert their effects by a similar mechanism, that is, 
by binding to tubulin dimers and inhibiting the subsequent addition of tubulin molecules to 
microtubules. However, the potential usefulness of nocodazole is due to its readily reversible 
and rapid activity [53, 54]. Nocodazole-induced depolymerization of microtubules drastically 
inhibited (~68%) the interaction between Gβγ and tubulin [52]. This result was further con-
firmed by the isolation of polymerized tubulin (MT) and soluble tubulin (ST) fractions from 
PC12 cells. Although Gβγ was found in both fractions, a tubulin-Gβγ interaction was found 
preferentially in MT fractions rather than ST fractions as demonstrated by coimmunoprecipi-
tation analyses. This is consistent with in vitro studies, in which Gβγ was preferentially asso-
ciated with MTs assembled from β1γ2 [48]. Removal of nocodazole from the cultured media 
allowed MTs to repolymerize to their fullest extent and tubulin-Gβγ interaction was restored 
completely in the MT fraction. These results clearly demonstrate that the association of Gβγ 
with MTs is important for MT assembly and/or stability. The interactions between Gβγ and 
tubulin/MTs were also assessed by immunofluorescence microscopy. Microtubules in PC12 
cells are well defined and extend to the cell periphery. Gβγ was more concentrated in the peri-
nuclear region where they were colocalized with microtubules. The network of microtubule 
structure collapsed and Gβγ labeling was dispersed, when cells were treated with nocodazole 
for 4 h. Microtubules reappeared after the removal of nocodazole, when cells were incubated 
in fresh media for 4 h. Gβγ labeling was also appeared in perinuclear region where they were 
colocalized with MTs [52]. In addition to interphase cells, Gβγ-tubulin association was also 
observed in mitotic spindle in PC12 cells.

Gβγ-γ-tubulin interactions. γ-Tubulin, a member of tubulin superfamily, is a centrosomal 
protein and its role in MT nucleation is well documented [55–58]. In addition to its binding of 
αβ-tubulin, Gβγ was also found to interact with γ-tubulin [33]. However, unlike αβ-tubulin, 
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the interaction between γ-tubulin and Gβγ is not inhibited by nocodazole, suggesting that 
the interaction between Gβγ and γ-tubulin is not dependent upon microtubules [33]. Both 
Gβγ and γ-tubulin were colocalized in the centrosomes of PC12 cells. Interestingly, γ-tubulin 
and Gβγ immuno-reactivity appears to be increased significantly in duplicated centrosomes 
at the onset of mitosis, and Gβγ was consistently found to colocalize with tubulin at mitotic 
spindle, particularly at the spindle pole areas [33]. Earlier studies in Caenorhabditis elegans and 
Drosophila have also demonstrated that Gβγ is involved in cell division by positioning the 
mitotic spindle and attaching microtubules to the cell cortex [21, 22]. In C. elegans embryos, 
Gβγ was shown to be important in the regulation of migration of the centrosome around 
the nucleus [21]. These studies collectively suggest an important role of Gβγ in centrosome 
functions, perhaps through its interactions with γ-tubulin. Although centrosome-associated 
γ-tubulin is known to be involved in MT nucleation, most γ-tubulin in cells are found in the 
cytoplasm as γ-tubulin ring complex (γTuRC) and it has been shown that γTuRC translocate 
to centrosome to mediate MT nucleation [59, 60]. Since Gβγ immunoreactivity also increases 
significantly in duplicated chromosomes at the onset of mitosis [52], it is possible that Gβγ 
may allow translocation of γ-tubulin to centrosomes. The γ-tubulin-Gβγ complex might then 
induce robust microtubule nucleation at the centrosome and formation of the mitotic spindle.

Gαβγ heterotrimer and MT assembly. Since G protein activation and subsequent dissocia-
tion of α and βγ subunits are necessary for G proteins to participate in signaling processes 
[26], it was determined if similar activation is required for modulation of microtubule assem-
bly by G proteins. For that, Gαβγ heterotrimer was reconstituted from α and βγ subunits 
and its effect was tested on GTPase activation of tubulin and MT assembly. Myristoylated 
Gi1α and prenylated Gβ1γ2 were used to reconstitute the heterotrimer, since lipid modified 
G-protein subunits have been found to be more effective in interacting with tubulin and sub-
sequent modulation of its functions [45, 48]. In addition, lipid-modified, G-protein subunits 
have been shown to reconstitute heterotrimers more effectively [61, 62]. Reconstituted hetero-
trimers have been shown to block Gi1α activation of tubulin GTPase and inhibit the ability 
of Gβ1γ2 to promote in vitro microtubule assembly [46], suggesting that G-protein activation 
is required for functional coupling between Gα/Gβγ and tubulin/MTs (Figure 2). The results 
also suggest that G protein-coupled receptors (GPCRs) may be involved in the regulation of 
MT assembly and dynamics in vivo by mobilizing G-protein subunits to bind to MTs. In doing 
so, GPCRs may control a variety of cellular activities. It appears that G-protein-MT interaction 
is an important step for G-protein-mediated cell activation.

3. G protein-microtubule interactions and cell division

Microtubules play a key role in cell division, participating in the exact organization and func-
tion of the spindle apparatus, a vehicle necessary for chromosomal segregation. Microtubules 
in the spindle are organized in such a way that the minus ends are near the spindle poles, while 
the plus ends extend toward the cell cortex or chromosomes [63]. Both α and βγ subunits of G 
proteins Gi and Go are consistently found to be associated with mitotic spindle. Genetic stud-
ies in C. elegans, Drosophila, and mammalian cells have revealed that G-protein subunits are 
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involved in regulating mitotic spindle for centrosome/chromosome movements in cell division 
[64–69]. G-protein α subunits of Gi are involved in cell division by regulating microtubule-pull-
ing forces during chromosomal segregation through a receptor-independent pathway. Unlike 
the classical G-protein cycle, in which GPCR promotes the GDP/GTP exchange in Gα convert-
ing Gα in active GTP-bound form, in nonreceptor pathways, the GDP-bound form of Giα is 
stabilized through its interaction with guanine-nucleotide dissociation inhibitor (GDI) to regu-
late microtubule-pulling forces for chromosome movements [66, 70, 71]. Members of the GDI 
family of proteins, characterized by the presence of 20–25 amino-acid repeats termed “GPR” or 
“GoLoco” motifs, are known to stabilize the GDP-bound form of Giα by inhibiting the release 
of nucleotide. Thus, it appears that Giα participates in spindle function through a mechanism 
that is distinct from the receptor-mediated pathway. In addition to Giα, Gβγ has been shown 
to play a role in spindle position and orientation during cell division [64, 68]. The association of 
Goα and β (or Gβγ) with spindle microtubules suggests that G-protein subunits may play an 
important role in the regulation of the assembly and disassembly of mitotic spindles through 
their ability to modulate microtubule assembly. Recently, it has been shown that reconstituted 
kinetochores in vitro bind preferentially to GTP rather than to GDP microtubules, suggesting 
that a protein exists in kinetochores that can distinguish between GTP conformation of the 
microtubules and allow the kinetochores to remain at the microtubule ends to ensure correct 
chromosome segregation [72]. Since Gα appears to interact preferentially to GTP (rather than 
the GDP-form of tubulin) and has been detected in mitotic spindles, it may be a likely candidate 
for segregating chromosomes through its interaction with microtubules.

4. G protein-microtubule interactions and neuronal differentiation

The process by which MT structure is remodeled in neurons is a central question in cell biology 
and recent research indicates an important role of G protein subunits in this process. During 
neuronal differentiation, two distinct domains emerge from the cell body: a long, thin axon that 
transmits signals, and multiple shorter dendrites, which are specialized primarily for receiving 
signals. The axon terminal contains synapses, specialized structures where neurotransmitters 
are released to communicate with target neurons. Cytoskeletal structures embodied within neu-
rite extensions and growth cone formations are essential for establishing appropriate synaptic 
connections and signal transmission. MTs form dense parallel arrays in axons and dendrites 
that are required for the growth and maintenance of such neurites. In the axon, MTs are bundled 
by tau, a microtubule-associated protein (MAP), with their plus end oriented toward the nerve 
terminal. MAP2, a group of high molecular weight MAPs, participates in MT bundling in the 
dendrites (Figure 3). Unlike MTs, actin filaments in neurons are enriched in growth cones and 
organized into long bundles that form filamentous protrusions, or filopodia, veil-like sheets of 
branched actin that form lamellipodia [1, 7, 73]. The interaction between these two cytoskeletal 
filaments is important for the advancement of growth cones and axon guidance [74, 75].

It is clear that cytoskeletal components can detect biochemical signals and respond in order 
to change the neuronal cell morphology. However, the precise signaling pathways that lead 
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unique organization of MTs in neurons are not clearly understood [76]. PC12 cells have been 
used extensively for these studies as they respond to nerve growth factor (NGF) with growth 
arrest and exhibit a typical phenotype of neuronal cells that send out neurites [77]. NGF is a 
neurotrophic factor critical for the survival and maintenance of sensory and sympathetic neu-
rons. The receptor commonly associated with this process is tyrosine kinase (TrkA) through 
which NGF exerts its effect [78]. PI3K appears to be the key molecule in this pathway and 
regulates localized assembly of MTs/actin filaments by downstream Akt/GSK3β pathways 
[79, 80]. The Rho and Ras families of small GTPases have also emerged as critical players in 
regulating the actin and MT cytoskeleton by modulating downstream effectors, including 
serine/threonine kinase, p21-activated kinase, ROCK, and mDia [81, 82]. GPCRs, as well as 
α and βγ subunits of heterotrimeric G proteins, have also been shown to regulate neurite 
outgrowth [83–90]. These studies collectively suggested the role of α and βγ subunits of G 
proteins in regulating neurite outgrowth. More recently, it has been demonstrated that both 
α and βγ subunits of G proteins regulate neurite outgrowth and differentiation by interacting 
with MTs and by modulating MT assembly/dynamics [24].

Gsα and neuronal differentiation. NGF-induced neuronal differentiation of PC12 cells result 
in a translocation of Gsα, Gi1α, and Goα from cell bodies to cellular processes in which they 
appear to localize with microtubules [91]. Consistent with this, Gα in Neuro-2a cells, which 
spontaneously differentiate, showed a similar pattern of association of Gα with MTs [91]. The 
result has been further confirmed by transfecting PC12 cells with Gsα-GFP. Transfected cells 
were treated with cholera toxin to activate Gsα-GFP, or forskolin, to stimulate adenylyl cyclase 
and an increase in cAMP. Colocalization of Gsα along MTs was seen in cells treated with chol-
era toxin but not in those treated with forskolin, indicating that activation of Gsα induces Gsα 
translocation to the cytoplasm where it associates with MTs [47]. To understand the function of 

Figure 3. Neuronal cytoskeleton. The polarized and asymmetrical shape of neurons is achieved by means of a highly 
specialized cytoskeletal organization. In addition to cell body, MTs are found in the axon, dendrites, and the central 
domain of the growth cone. Tau, a microtubule-associated protein (MAP), participates in MT bundling in the axon, while 
MAP2 carries this function in the dendrites. Actin filaments are present in the growth cone and dendrites, where they 
form specialized structures such as lamellipodia and filopodia.
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Gsα/microtubule association in neuronal development and differentiation, real time trafficking 
of a Gsα-GFP fusion protein was used [92]. GFP-Gsα concentrated at the distal end of the neu-
rites in NGF-differentiated living PC12 cells as well as in the cultured hippocampal neurons. 
Gsα appeared to translocate to the growing tip of neurites and to membrane ruffles of the newly 
formed extensions after NGF treatment, and it has been suggested that during neuronal differ-
entiation, Gsα redistributes toward the areas of highly dynamic cytoskeletal activity. Neurite 
length as well as the number of neurites per cell was also increased in cells overexpressing Gsα-
GFP in the presence of NGF. The effect was greatest in cells overexpressing constitutively active 
Gsα (GsQL). On the other hand, a dominant-negative Gαi-transducin chimera that interferes 
with Gsα binding to tubulin and activation of tubulin GTPase attenuated the neurite elonga-
tion and the neurite number both in PC12 cells and in primary hippocampal neurons. Thus, it 
appears that activated Gsα translocated from plasma membrane induced neurite outgrowth 
and development through interaction with tubulin/microtubules in the cytosol [92].

Gβγ and neuronal differentiation. The involvement of Gβγ in neuronal development and dif-
ferentiation has been previously shown [68, 89]. Gβ1-deficient mice have been shown to have 
neural tube defects [94], and Gβ5-knockout mice have been shown to display abnormal behav-
ior and develop multiple brain abnormalities [95]. It has also been shown that impaired Gβγ 
signaling promotes neurogenesis in the developing neocortex and increased neuronal differen-
tiation of progenitor cells [68]. Although the mechanism by which Gβγ controls this process is 
not yet understood, the possibility that Gβγ may act on MTs has been suggested. Sachdev et al. 
[89] have also suggested that Gβγ-Tctex-1 complex plays a key role in regulating neurite out-
growth in primary hippocampal neurons, most likely by modulating MTs and actin filaments 
through activation of downstream signaling. These studies suggest a connection between Gβγ 
signaling and the modulation of MTs during neuronal differentiation and development.

More recently, using biochemical and immunofluorescence analysis, it has been demon-
strated that Gβγ-MT interactions and modulation of MT assembly is critical for NGF-induced 
neuronal differentiation of PC12 cells [94]. To address this, PC12 cells were treated with NGF 
over the course of three days to allow for neuronal differentiation. Microtubules (MTs) and 
soluble tubulin (ST) fractions were extracted using a microtubule-stabilizing buffer. The inter-
action of Gβγ with MT and ST fractions was analyzed by coimmunoprecipitating tubulin-
Gβγ complex using a Gβ-specific antibody (rabbit polyclonal anti-Gβ) or a mouse monoclonal 
anti-α tubulin antibody and determining tubulin and Gβγ immunoreactivity in the complex 
[94]. Gβγ-MT interaction was significantly increased (2–3 fold) in NGF-treated cells. We also 
found that MT assembly was stimulated significantly (from 45.3 ± 4.8 to 70.1 ± 3.6%) in NGF-
differentiated PC12 cells. The association of Gβγ with MTs in NGF-differentiated cells was 
also assessed by immunofluorescence microscopy [93]. After NGF treatment, the majority of 
the cells displayed neurite formation. Gβγ was detected in the neurites and in cell bodies. The 
colocalization of Gβγ with MTs/tubulin was observed along the neuronal process and in the 
central portion of the growth cone, but not at the tip of the growth cones.

Overexpression of Gβγ in PC12 cells induced neurite outgrowth in the absence of NGF, 
further supporting the role of Gβγ in neuronal differentiation [93]. Since Gβ1γ2 promoted 
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MT assembly in vitro—and Gβ1γ1 had no effect [48], PC12 cells were transfected by either 
β1γ1 or β1γ2. YFP-tagged β1, γ2, or γ1 constructs were used for transfection. Cells were 
cotransfected with β1 and γ2, or β1 and γ1. Within 24 h of transfection, both β1γ1- and 
β1γ2-transfected PC12 cells were found to overexpress the proteins. At 48 h of trans-
fection, YFP-β1γ2 transfected cells induced neurite formation (in the absence of NGF). 
Overexpressed protein (YFP-Gβ1γ2) was localized in the neurite processes, growth cones, 
and cell bodies. Moreover, overexpressed Gβγ exhibited a pattern of association with MTs 
similar to that observed in NGF-differentiated cells. The average neurite length of Gβ1γ2 
(42.8 ± 2.1 μm) and Gβ1γ1 (33.5 ± 1.8 μm) is significantly higher than that of control cells 
(18.4 ± 0.6 μm), with Gβ1γ2 having the most potent effect on neurite outgrowth. Although 
the average neurite length in Gβγ-overexpressing cells (42.8 ± 2.1 μm) was slightly lower 
than that observed in NGF-differentiated PC12 cells (53.6 ± 1.8 μm), the result clearly indi-
cates the effectiveness of overexpressed Gβγ in inducing neurite outgrowth in the absence 
of NGF.

Finally, the role of Gβγ in neuronal morphology, outgrowth and differentiation was further 
investigated using peptides and prenylation pathway inhibitors. For example, GRK2i, a Gβγ 
blocking peptide known to inhibit Gβγ-dependent effector functions, induced neurite dam-
age as well as MTs and Gβγ aggregation. In addition, cellular aggregation was also frequently 
observed in the presence of GRK2i. The percentage of cell-bearing neurites was reduced 
significantly. On the other hand, synthetic peptide mSIRK, which is known to activate Gβγ 
signaling in cells by promoting the dissociation of Gβγ from α subunits, stimulated neurite 
formation. Since, γ-subunit of Gβγ is known to be posttranslationally modified by prenyl 
lipid, and prenylation deficient mutant of Gβγ (C68S) was shown to be functionally inactive, 
inhibitors of an enzyme of prenylation pathway (PMPMEase) was tested for their effects on 
MT assembly and neurite outgrowth. These inhibitors were found to alter MT organization 
and blocked neurite outgrowth. The results further demonstrate that βγ subunit of heterotri-
meric G proteins play a critical role in neurite outgrowth and differentiation by interacting 
with MTs and regulating MT assembly and organization.

5. Conclusion

Heterotrimeric G proteins transduce signals from cell surface receptors (G protein-coupled 
receptors) to intracellular effector molecules that include adenylyl cyclase, phospholipases, 
and ion channels. New evidence suggests that the modulation of the MTs by G proteins is an 
emerging field of research and therefore an in-depth understanding of G-protein-MTs inter-
action is important for elucidation of the function, behavior, and morphology of mammalian 
cells. Key results of this unique interaction may have a broader impact on health and diseases 
including cancer, Alzheimer’s, Parkinson’s, depression, and addictive behavior. We foresee 
that the G-protein-MT dependent pathway could be exploited for developing novel drugs to 
combat such diseases in the future.
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Abstract

The cytoskeleton is a complex network of highly ordered intracellular filaments that 
plays a central role in controlling cell shape, division, functions, and interactions in 
human organs and tissues, but dysregulation of this network can contribute to numerous 
human diseases, including cancer. To clarify the various functions of the cytoskeleton 
and its role in cancer progression, in this chapter, we will discuss the microfilament (actin 
cytoskeleton), microtubule (β‐tubulin), and intermediate filament (keratins, cytokera‐
tins, vimentin, and lamins) cytoskeletal structures; analyze the physiological functions 
of the cytoskeleton and its regulation of cell differentiation; and investigate the roles of 
the cytoskeleton in cancer progression, the epithelial‐mesenchymal transition process 
(EMT), and the mechanisms of multidrug resistance (MDR) in relation to the cytoskel‐
eton. Importantly, the cytoskeleton, as a key regulator of the transcription and expres‐
sion of many genes, is known to be involved in various physiological and pathological 
processes, which makes the cytoskeleton a novel and highly effective target for assessing 
the response to antitumor therapy in cancer.

Keywords: Cytoskeleton, Regulator, cell differentiation, drug resistance, EMT

1. Introduction

The cytoskeleton is a structure similar to a bird's nest; it can be tightly packed or sparse and 
is found in both prokaryotes and eukaryotes [1]. The main component of the cytoskeleton is 
protein, and the specific differences in structure never affect the type of proteins incorporated 
[2]. The cytoskeletons of prokaryotes display apparent plasticity in composition, without con‐
servation of the core filament‐forming proteins. However, the eukaryotic cytoskeleton has 
evolved in a variety of functions through the addition of accessory proteins and extensive 
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gene duplication. The distribution of cytoskeletal filaments puts constraints on the likely pro‐
karyotic line that made the leap into eukaryogenesis [3].

There are three main cytoskeletal structures in eukaryotes, microfilaments (MFs, ≈7 nm diame‐
ter), microtubules (MTs, ≈25 nm diameter), and intermediate filaments (IFs, ≈10 nm diameter) 
[1]. MFs are responsible for cell contraction and reinforcement of the cell surface and allow 
changes in cell morphology. Actin and tubulin are the main globular proteins that form MFs 
and MTs, respectively. Actin is a ubiquitous eukaryotic filament‐forming protein. Actin fila‐
ments (also called microfilaments or F‐actin) consist of two proto filament polymers wound 
together in a right‐handed helix [3]. Eukaryotic actin is a member of a large and diverse super‐
family of ATPases that includes Hsp70 chaperones and several classes of sugar/sugar alcohol 
kinases [4, 5] as well as eukaryotic actin‐related proteins (ARPs) [6, 7]. The actin cytoskeleton 
is involved in actin‐based cytoskeletal structures, including various functionally distinct struc‐
tures of actin organization, and can be regulated by actin regulatory proteins. It is well known 
that the actin cortex consists of a dense mesh‐like array of F‐actin anchored to the cell mem‐
branes [8, 9]. This structure provides the core “skeleton” of the cell, functioning to define cell 
shape and provide resistance to mechanical stress. Reorganization of the actin cytoskeleton 
describes a process where cells actively alter the architecture of actin filaments to adjust cell 
shape in response to environmental requirements. Globular‐ (G‐) actin is a highly conserved, 
polar protein with a molecular weight of 42 kDa that forms dimers and trimers in a process 
called actin nucleation; these structures then assemble into a double‐stranded helical filament 
(F‐actin) with a diameter of 7–9 nm (actin polymerization) [10–15]. Filopodia are thin, hair‐like 
cellular protrusions that consist of parallel actin bundles cross‐linked by interacting protein 
partners such as fascin, α‐actinin, fimbrin, and formins [16]. Filopodia sense changes in the 
cellular microenvironment, such as growth factor concentrations, to guide cellular movement 
through the surrounding matrix [10–12]. Fascin is a highly conserved actin‐bundling pro‐
tein with three isoforms. While Fascin‐1 is ubiquitously expressed during embryogenesis, its 
expression is later restricted to the endothelium, neuronal tissue, and testis [16]. Fascin‐2 and 
Fascin‐3 are expressed in the retinal epithelium and testis only [17]. Fascin is phosphorylated 
by protein kinase C (PKC), which regulates its actin bundling activity in accordance with the 
current microenvironmental conditions, which are communicated via surface integrins [16].

Microtubules are responsible for structural strength and cell shape. They allow organelles to 
move within cells. These structures act like rails on which kinesin and dynein can pull organ‐
elles. Most microtubules consist of 13 protofilaments that interact laterally to form a hollow 
tube and arise from the polymerization of heterodimers of a‐ and ß‐tubulin, which are added 
to the plus‐end of microtubules containing GTP in both subunits [3, 18].

As the major components of the cytoskeleton, intermediate filaments (IFs) are ubiquitous cyto‐
skeletal elements that are encoded by about 70 genes in the human genome [19–21] and are 
divided into six groups based on their structure. These groups include the keratins, cytokera‐
tins, mesoderm‐specific intermediate filaments, neurofilaments and related proteins, lamins, 
and beaded filament proteins of the eye lens [21–24]. Although these IF proteins have very 
different amino acid sequences, the organization of the structural domain is similar [24]. The 
keratin group is defined as the group of intermediate filaments within epithelial cells, forming 
particles from 44 kDa to approximately 66 kDa that are characterized by high  stability and 
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chemical resistance [25]. As the major structural proteins of the nuclear lamina, the lamins 
are subdivided into A‐ and B‐types, both of which belong to the type V intermediate filament 
protein family [26].

On the other hand, prokaryotes also have homologs of the eukaryotic microfilaments (actin), 
microtubules (tubulin), and intermediate filament proteins [27]. FtsZ was first found in the 
prokaryote as the cytoskeleton and forms filaments but not tubules [28]. The MreB and ParM 
proteins in prokaryotic cells function like actin in eukaryotic cells [29]. The third type of cyto‐
skeleton in prokaryotes is crescentin, which is responsible for the shape of cells [30].

2. The physiological functions of the cytoskeleton and the regulation of 
cell differentiation

The cytoskeleton is the frame around or within the cell, and a system of intracellular filaments 
is crucial for cell shape, division, and function in all three domains of life [3, 4]. The classi‐
cal functions of the cytoskeleton have been summarized as morphology determination, cell 
polarity formation, structural support, membrane constitution, cell motility, and receptor or 
channel localization in the plasma membrane [31–33].

The activity of actin, the main type of microfilament, is regulated by GTPases, which control 
the formation of actin filaments [34–36]. In patients with Alzheimer's disease (AD), actin fila‐
ments play a central role in maintaining and modifying synaptic connections [37]. As the key 
mediator between receptor activation during learning and a protein involved in regulating 
spine morphology [38, 39], actin not only plays a role in the nervous system but also has func‐
tions in the immune system [40]. For example, F‐actin can mediate signaling in B cells and 
T cells [41, 42]. The dynamics of the actin cytoskeleton regulate adhesion and signal transduc‐
tion in T cells/APCs [40]. SWAP‐70 and HS1 are important downstream components of the 
TCR signaling pathway and are regulated by actin [43, 44].

The key function of intermediate filaments is to support the cell membrane, serving as a 
structural scaffold to maintain cell shape. Cell motility is significantly enhanced as a result of 
changes in intermediate filaments. Intermediate filaments are fixed to the membrane through 
transmembrane proteins such as cadherins, which are involved in the formation of cell‐cell 
tight junctions and the distribution of traction forces that arise in the interspace between cells. 
Under stress stimulation, intermediate filaments are significantly upregulated to induce the 
rearrangement of the cytoskeleton [45, 46]. Keratins are proteins that form intermediate fila‐
ments of epithelial cell cytoskeleton and have an antiapoptotic function, regulate protein syn‐
thesis, and play a role in wound healing [25]. Epithelial cells obtain a specific pattern of keratin 
expression during differentiation and maturation; this pattern reflects the specificity of the 
tissue and the degree of maturation [25]. The different components of the cytoskeleton do not 
work alone, and microtubules, microfilaments, and intermediate filaments often interact with 
each other to complete cellular processes. They always participate in protein localization and 
cell signaling. A characteristic of differentiation is a change in cell shape that is dependent 
on the cytoskeleton. During mesenchymal stem cell differentiation, the actin cytoskeleton of 
mesenchymal stem cells changes during osteogenic and chondrogenic differentiation [47]. 

Novel Insights into the Role of the Cytoskeleton in Cancer
http://dx.doi.org/10.5772/66860

301



Previous studies have shown that adipocyte differentiation is associated with actin structure 
[48, 49]. Disruption of the actin cytoskeleton can regulate MKL1 and result in adipocyte dif‐
ferentiation [50]. Rearrangements in and the formation of processes by the cytoskeleton are 
associated with the synthesis of synaptopodin, which is a marker of differentiated podocytes 
[51]. Moreover, cell differentiation is regulated by activating or repressing some transcription 
factors and is linked to the cytoskeleton [52–57]. For example, Zoubiane demonstrated that 
microtubules were required for β‐casein expression, which resulted in epithelial cell differen‐
tiation [55]; Ahmad discovered that the pattern of microtubules in HL‐60 cells changed follow‐
ing differentiation, with α‐tubulin appearing more regularly organized in the differentiated 
HL‐60 cells [56]; Takiqawa also confirmed that the cytoskeleton, including microtubules and 
microfilaments, regulates the expression of a differentiated phenotype in chondrocytes [57].

3. The cytoskeleton and its role in cancer progression

The cytoskeleton is known to contribute to cancer. The cytoskeleton may induce cell prolifera‐
tion and activate oncogenes, resulting in tumorigenesis [58]. In mammary carcinoma cells, the 
upregulation of WNT4 increased mesenchymal and cytoskeleton remodeling markers [59]. 
CKAP4 (cytoskeleton‐associated protein 4) is a DKK1 binding protein expressed on the sur‐
face of cells, with DKK1/CKAP4 promoting pancreatic cancer and lung cancer [60]. DKK1 is 
considered a factor that can modulate the β‐catenin pathway and stimulate cancer cells or 
noncancerous proliferation [61, 62]. Zyxin localizes to focal adhesion sites and stress fibers in 
response to mechanical cues and has been shown to control the assembly of the cytoskeleton, 
the generation of traction force, cell movement, and signal transduction. If zyxin is nonfunc‐
tional, the cytoskeleton may be disturbed, leading to cancer [59].

Many actin‐bundling proteins are also linked to cancer progression and tumor chemoresis‐
tance [63]. Fascin proteins organize F‐actin into parallel bundles and are required for the 
formation of actin‐based cellular protrusions. The inhibition of fascin can interfere with the 
formation of filopodia and suppress the migration and invasion of tumors [64], making it pos‐
sible to use fascin as a small molecular target to inhibit cancer metastasis.

Intermediate filaments interact with arcs and can inhibit the activity of arcs, which can trans‐
port intermediate filaments to cell nucleus. However, fewer intermediate filaments may alter 
the cell shape and lead to diseases such as tumors [65]. For example, the changes in nuclear 
architecture that are the pathological hallmarks of cancer cells are related to alterations in the 
lamins, with alterations in lamins A/C being verified in the colon [66], gut [67], lung [68], and 
prostate cancer [69].

4. The role of the cellular cytoskeleton in epithelial‐mesenchymal 
transition (EMT)

Epithelial‐mesenchymal transition (EMT) is a biological process resulting in the loss of polar‐
ity and cell junctions, and disturbances in the cytoskeleton [70]. The reorganization of the 
actin cytoskeleton is important for metastasis and the differentiation of epithelial cells to 
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 mesenchymal cells [71]. When cells undergo EMT, the number of β‐actin fibers is reduced 
and the distribution of β‐actin becomes diffused. RhoA induces action fiber formation and 
regulates the cytoskeleton. The Rho family also plays a role in tumor migration and EMT [72]. 
Cellular transformation was closely associated with changes in the distribution and amount of 
cytoplasmic actin isoforms [73]. Actin filaments are formed by the polymerization of G‐actin, 
which induces the formation of a leading edge in cancer cells undergoing EMT through inter‐
actions with binding proteins and contractile proteins such as myosin II, which accelerates the 
movement of actin fibers on the substrate to the leading edge [74].

Tubulin plays an important role in EMT induction and contributes to TGF‐β‐induced membrane 
extensions or protrusions of human carcinoma cells undergoing EMT in three‐ dimensional col‐
lagen gels [75]. Acetylated α‐tubulin can serve as a new marker of EMT and is expressed at 
a high level on normal epithelial cells, while the expression of acetylated α‐tubulin decreases 
during TGF‐β‐induced EMT [76]. β‐III tubulin can modulate snail expression during EMT in 
HT‐29 and LS180 colon cancer cells [77]. When human mammary epithelial cells undergo EMT, 
the expression of Twist or Snail downregulates the tubulin tyrosine ligase enzyme, leading 
to the detyrosination of α‐tubulin. The accumulation of detyrosinated Glu‐tubulin is vital for 
the formation of microtentacles. These results provide new insight into tumor progression, as 
increasing α‐tubulin detyrosination could promote EMT [78]. Because of their effect on tumor 
migration during EMT, the inhibition of microtubules can be a useful target for antitumor 
drugs [79, 80].

During the EMT process, intermediate filaments are significantly rearranged, typically 
switching from cytokeratin‐rich to vimentin‐rich networks [81]. Intermediate filaments can 
be expressed in different types of cells. For example, keratins are specifically expressed in 
epithelial cells; type III (mostly mesodermal) proteins are expressed in mesenchymal cells 
[82–84]. Epithelial cells express different keratins that are considered almost specific markers, 
whereas mesenchymal cells, endothelial cells, and hematopoietic cells express vimentin [82, 
85, 86]. Vimentin is a type III intermediate filament that is significantly upregulated during 
EMT in epithelial cells; thus, vimentin can be used as a marker of EMT [87]. E‐cadherin is one 
type of cell adhesion molecule that regulates EMT [88]. Reduced CK8 expression is regarded 
as an indicator of EMT, leading to more malignant forms of cancer [89]. Breast milk exosomes 
containing high levels of TGF‐β2 can induce changes in both benign and malignant breast 
epithelial cells, consistent with the development and progression of breast cancer, which 
occurs due to alterations in cellular shape and the actin cytoskeleton and the loss of cell‐cell 
junctions [90]. TGF‐β‐induced EMT was found to restrain cell invasion, which may be allevi‐
ated by the overexpression of hyperactivated Ras [91]. Endocytosis has emerged as a highly 
interconnected infrastructure of various cellular circuitries that is essential for the execution 
of different cellular programs, including those promoting a canonical EMT program and rely‐
ing on the activation of Wnt, Notch, or TGF‐β signaling [92]. On the other hand, miR‐200 can 
inhibit EMT and the migration of cervical cancer cells through RhoE, which is an actin‐bind‐
ing protein [93]. Therefore, the cellular cytoskeleton plays a role in EMT by activating Wnt, 
Notch, or TGF‐β signaling pathways, triggering the reprogramming of gene expression pat‐
terns via transcriptional changes and the altered expression of mRNA, including epithelial 
(E‐cadherin, claudins, occludins, desmoplakin, mucin‐1, and cytokeratin‐8, ‐9, ‐18) and mes‐
enchymal markers (fibronectin, FSP1, vitronectin, vimentin, smooth‐muscle actin, and FGFR2 
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IIIb and IIIc species variants) (Figure 1). Further in‐depth study is required to determine the 
features of the dynamic expression and arrangement of intracellular filaments during cancer 
invasion and migration.

5. Mechanism of multidrug resistance (MDR) in relation to the 
cytoskeleton

Many patients develop drug resistance to anticancer agents, with the mechanisms includ‐
ing alterations in the ATP‐binding cassette [94], microtubule dynamics, drug transport, and 
cell death [89], all of which involve tubulin and microtubules [95–97]. Microtubules have 
been considered a highly significant molecular target for anticancer agents, including micro‐
tubule‐stabilizing agents. For example, paclitaxel binds to the β‐tubulin subunit, accelerates 
the polymerization of tubulin, and stabilizes the resultant microtubules [98, 99]. Moreover, 
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properties through β I‐tubulin mutations [106], which is important for maintaining micro‐
tubule structure and sensitivity to microtubule‐targeting agents. β‐tubulin mutations confer 
resistance to epothilone and taxanes in ovarian cancer cells. Moreover, mutations in both 
a‐ and β‐tubulin have been found to confer resistance to colchicine and vinblastine in Chinese 
hamster ovary (CHO) cells [107, 108]. The upregulation of β III‐tubulin was further associated 
with resistance to paclitaxel and docetaxel [109–113]. On the other hand, as a negative regula‐
tor of β III‐tubulin, HDAC3 can also mediate drug resistance [113].

As a major intermediate filament in the cells of epithelial‐derived tumors, cytokeratin K8/18 
expression is involved in cytokeratin‐dependent drug resistance [114]. Hepatocyte cytokera‐
tin plays a role in bile formation and resistance to bile acid challenge; however, the loss of K8 
significantly increased liver injury in response to toxic stress in mice [115]. Caulin also dem‐
onstrated that normal and malignant epithelial cells deficient in K8/18 were approximately 
100 times more sensitive to TNF‐induced death [116], indicating that interaction between the 
damaging agent and cytokeratin might trigger signaling responses for cell survival.

In our previous study, we found that tissue remodeling proteins such as KRTHB3, KRT7, 
KRT8, KRT17, TPM4, CRYAB, SEPW1, LGALS3BP, and VATI were overexpressed in resis‐
tant KB‐v1 cells, implying that the intracellular vesicular transport of many drugs is partly 
controlled by cytoskeletal filaments [117]. Research into the cytoskeleton is experiencing 
increased interest and rapid advancement, which will provide a greater mechanistic under‐
standing of the molecular pathways and mechanisms contributing to drug resistance and will 
enable the development of more patient‐tailored therapies.
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Abstract

In this overview we describe the main plant-derived bioactive compounds used in cancer 
therapy which has the cell cytoskeleton as therapeutic target. Three major classes of these 
compounds are described: antimitotics with microtubule-destabilizing and—stabilizing 
effects, plant-bioactive compounds that interact with intermediate filaments/actin, and 
plant-bioactive compounds that interact with intermediate filaments like keratins and 
vimentin. We also focus on the molecular aspects of interactions with their cellular targets: 
microtubules, intermediate filaments, and microfilaments. Some critical aspects of cardiac 
side effects of cancer chemotherapy are also discussed, focusing on cardiac cytoskeleton 
and protective effect of plant-derived compounds. The application of plant bioactives in 
the treatment of cancer has resulted in increased therapeutic efficacy through targeting 
the cytoskeleton, respectively, prevention of the injury of cytoskeletal components elicited 
by chemotherapeutics.

Keywords: plant-derived compounds, cancer therapy, microtubules, intermediate 
filaments, microfilaments

1. Introduction

Chemotherapy is routinely used for cancer treatment. Since tumor cells lose many of the regula-
tory pathways of the normal cells, they continue to divide without control. Chemotherapeutic 
drugs try to solve these abnormalities, but sometimes the toxicity of allopathic treatments creates 
a significant problem.

The cytoskeleton constitutes the supporting framework of the cell, and it is composed of three 
types of cytosolic filaments: microtubules, intermediate filaments, and microfilaments. The 
entire cytoskeletal network is a dynamic structure which regulates the cell structure, and it 
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is involved in many cellular functions such as movement, transport, or cell division [1]. The 
cytoskeleton is one of the main therapeutic targets in cancer cells [2].

Various cancer therapies use plant-derived bioactive products. There are four classes of 
plant-derived anticancer drugs currently used in oncotherapy: vinca alkaloids (vinblas-
tine, vincristine), epipodophyllotoxins (etoposide and teniposide), taxanes (paclitaxel and 
docetaxel), and camptothecin derivatives (camptothecin and irinotecan) [3]. To date, new 
generations of vinca alkaloids, camptothecins, and epothilones as well as a novel class of 
taxanes have been developed. Some of these are in clinical use, others in clinical trials.

The major inconvenience in using antimicrotubule agents in oncotherapy is that these com-
pounds cause significant side effects such as neutropenia and neurotoxicity and because of 
their limited efficacy as single agents [3].

This review describes the main natural compounds identified in the last year as potential 
anticancer agents, which have cell cytoskeleton as therapeutic target. We focus on the interac-
tions of plant-derived anticancer drugs with all three types of cytosolic filaments: microtu-
bules, intermediate filaments, and microfilaments. In addition, we summarize the most recent 
advances in the understanding of the molecular aspects of these interactions.

Some critical aspects of cardiac side effects of cancer chemotherapy are also discussed, focusing 
on cardiac cytoskeleton and protective effects of plant-derived compounds.

2. Microtubules as chemotherapeutic targets of plant-derived bioactives

Microtubules are dynamic structures involved in different cellular processes including cell 
division, where they are the most important constituents of the mitotic spindle apparatus dur-
ing the M phase of cell division [4]. They are polymers composed of α- and β-tubulin heterodi-
mers, characterized by high dynamics of polymerization/depolymerization, resulting in the 
elongation or shrinkage of the filaments. Polymerization of microtubules occurs when α- and 
β-tubulin monomers bind to a GTP at the nucleotide exchangeable site (E-site) in β-tubulin 
and the non-exchangeable site (N-site) in α-tubulin. Once GTP is hydrolyzed, it becomes non-
exchangeable, which matches the addition of the next tubulin dimer to the plus (+) end of the 
microtubule. Upon depolymerization, the GTP cap is detached, allowing the microtubules 
depolymerize releasing the α-/β-tubulin heterodimers into the cytoplasm. Subsequently, the 
GDP attached to another free β-tubulin and can exchange to GTP at the E-site, before another 
polymerization cycle begins [4, 5].

Dynamic instability is regulated by a number of microtubule-associated proteins (MAPs), 
which bind to stabilize the microtubules [6]. MAP phosphorylation induces its dissociation 
leading to microtubule instability. Some cytokines have a critical role in the regulation of 
MAPs and microtubule dynamics, such as controlling centromere localization Cdc2 kinases, 
mitogen-activated protein kinases ERK, controlling cell migration JNK, and the main serine/
threonine phosphatases, type 1 (PP1) and type 2A (PP2A) [7–10].
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The dynamic ability of microtubules to polymerize and depolymerize is essential for cellular 
division and chromosome segregation during mitosis. Due to their crucial roles in divid-
ing cells, microtubules have been considered a major target for cancer therapy. Microtubule-
interacting plant-derived biomolecules, namely, antimitotics, can be classified into two main 
groups based on their apparent mechanisms of action: microtubule-destabilizing agents 
act as tubulin polymerization inhibitors, and microtubule-stabilizing agents act as tubulin 
polymerization promoters [11].

2.1. Microtubule-destabilizing agents

Vinca alkaloids and colchicines prevent the polymerization of tubulin and promote the depo-
lymerization of microtubules.

Vinca alkaloids are a series of biologically active agents isolated from Catharanthus roseus (Vinca 
rosea) with a potent antitumor activity, related to their ability to inhibit the polymerization of 
microtubules and preventing cell division [12]. There are approximately 130 vinca alkaloids 
distributed in different vegetal tissues: vincristine, vinblastine, and yohimbine in the aerial 
parts; catharanthine and vindoline in leaves; and almalicine and reserpine in roots [13]. They 
have demonstrated clinical efficacy in a broad spectrum of cancers, both as single agents and in 
combination. Vincristine, vinblastine, and vindesine are the first vinca alkaloids used as anti-
tumor drugs. Vinorelbine is the first new second-generation vinca alkaloid, while vinflunine, 
a bis-fluorinated vinorelbine derivative, was synthesized by superacid chemistry and studied 
in phase I–III clinical trials [14, 15].

The vinca alkaloids are dimeric compounds consisting of two multi-ringed subunits, vin-
doline and catharanthine, linked by a carbon-carbon bridge [16]. They act by binding spe-
cifically to β-tubulin and block its ability to polymerize with α-tubulin into microtubules, 
thus disrupting the mitotic spindle. This blocks mitosis and kills actively dividing cells. The 
results indicate that vinorelbine and vinflunine affect microtubule dynamics differently from 
vinblastine and proved to be weak binders [17].

Vincristine is used in the treatment of hematological and lymphatic neoplasms, whereas vin-
blastine in breast cancer, testicular cancer, choriocarcinoma, and vindesine in non-small cell lung 
cancer or breast cancer. Vinorelbine is useful for the treatment of non-small-cell lung cancer, and 
vinflunine has been used in the treatment of bladder, non-small-cell lung, and breast cancers [17].

Similar to Vinca alkaloids, colchicine extracted from plants of the genus Colchicum (autumn 
crocus) is a microtubule-destabilizing agent at high concentrations and stabilizes microtubule 
dynamics at low concentrations [18]. It first binds to soluble tubulin, leading to a complex that 
copolymerizes into the ends of the microtubules and prevents the elongation of the microtubule 
polymer. It is severely toxic to normal tissues at high dose, which limits its use in cancer thera-
pies [19]. Colchicine showed different antitumoral effects which include inhibition of metastatic 
potential [20] and angiogenesis [21], cell blebbing through a Rho/Rho effector kinase (ROCK)/
myosin light-chain kinase (MLCK) pathway [22], decrease of ATP influx into mitochondria [23].

Novel microtubule-destabilizing plant-bioactive compounds are summarized in Table 1.
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Active substance/herbal 
formulation

Mechanism of action Therapeutic use References

Flavonoids isolated from 
Tanacetum gracile

—Modulate microtubule 
depolymerization by activating mitotic 
spindle checkpoint
—Bind at α- β interfacial site of tubulin

Breast cancer [24]

Artelastin isolated from the wood 
bark of Artocarpus elasticus

—Radial structure disorganization of 
the microtubule network
—Kinetochores are not affected

Breast cancer [25]

Podoverine A isolated from 
Podophyllum versipelle

—Mitotic arrest and inhibition of 
microtubule polymerization by 
targeting the vinca-binding site on 
tubulin

Renal cancer
Breast cancer

[26]

Plinabulin chemical probe 
KPU-244-B3

—Binds in the boundary region 
between α- and β-tubulin near the 
colchicine-binding site
—Induce tubulin depolymerization

Fibrosarcoma [27]

2′-Hydroxy-2,4,6-trimethoxy- 
5′,6′-naphthochalcone

—Disruption of microtubular networks 
by inhibition of tubulin polymerization
—Failure of mitotic spindle 
formation and blocking mitosis at the 
prometaphase or metaphase-anaphase 
transition

Colon cancer [28]

Aqueous extract of ginger —Disruption of interphase 
microtubule network of A549 and 
HeLa cells
—Inhibition of temperature-
dependent reassembly of cold-treated 
depolymerized microtubule of A549 
and HeLa cells

Cervical carcinoma
Lung carcinoma

[29]

Safranal —Inhibition of tubulin assembly (IC50 
was obtained at 72.19 µM)
—Binds between α- and β-tubulin 
closer to alpha-tubulin and hydrogen 
bond with Gly 142
—Hydrophobic interactions play 
critical roles for safranal molecule 
stabilization in binding site

Cancer therapy [30]

Isochaihulactone —Inhibition of tubulin polymerization 
in a concentration-dependent manner 
in A549 non-small-cell lung cancer cells
—Cause G2/M phase arrest and 
apoptosis in a time- and concentration-
dependent manner

Lung cancer [31]

Carnosol —Modulation of autophagic markers 
microtubule- associated protein 1A/1B 
light-chain 3 I (LC3 I) to microtubule- 
associated protein 1A/1B light-chain 
3 II (LC3 II) and p62 in MDA-MB-231 
cells

Breast cancer [32]

Cytoskeleton - Structure, Dynamics, Function and Disease318



Active substance/herbal 
formulation

Mechanism of action Therapeutic use References

Flavonoids isolated from 
Tanacetum gracile

—Modulate microtubule 
depolymerization by activating mitotic 
spindle checkpoint
—Bind at α- β interfacial site of tubulin

Breast cancer [24]

Artelastin isolated from the wood 
bark of Artocarpus elasticus

—Radial structure disorganization of 
the microtubule network
—Kinetochores are not affected

Breast cancer [25]

Podoverine A isolated from 
Podophyllum versipelle

—Mitotic arrest and inhibition of 
microtubule polymerization by 
targeting the vinca-binding site on 
tubulin

Renal cancer
Breast cancer

[26]

Plinabulin chemical probe 
KPU-244-B3

—Binds in the boundary region 
between α- and β-tubulin near the 
colchicine-binding site
—Induce tubulin depolymerization

Fibrosarcoma [27]

2′-Hydroxy-2,4,6-trimethoxy- 
5′,6′-naphthochalcone

—Disruption of microtubular networks 
by inhibition of tubulin polymerization
—Failure of mitotic spindle 
formation and blocking mitosis at the 
prometaphase or metaphase-anaphase 
transition

Colon cancer [28]

Aqueous extract of ginger —Disruption of interphase 
microtubule network of A549 and 
HeLa cells
—Inhibition of temperature-
dependent reassembly of cold-treated 
depolymerized microtubule of A549 
and HeLa cells

Cervical carcinoma
Lung carcinoma

[29]

Safranal —Inhibition of tubulin assembly (IC50 
was obtained at 72.19 µM)
—Binds between α- and β-tubulin 
closer to alpha-tubulin and hydrogen 
bond with Gly 142
—Hydrophobic interactions play 
critical roles for safranal molecule 
stabilization in binding site

Cancer therapy [30]

Isochaihulactone —Inhibition of tubulin polymerization 
in a concentration-dependent manner 
in A549 non-small-cell lung cancer cells
—Cause G2/M phase arrest and 
apoptosis in a time- and concentration-
dependent manner

Lung cancer [31]

Carnosol —Modulation of autophagic markers 
microtubule- associated protein 1A/1B 
light-chain 3 I (LC3 I) to microtubule- 
associated protein 1A/1B light-chain 
3 II (LC3 II) and p62 in MDA-MB-231 
cells

Breast cancer [32]
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2.2. Microtubule-stabilizing agents

Taxanes are the main class of microtubule-stabilizing agents, which prevent the depolymer-
ization of microtubules and promote the polymerization of tubulin to microtubules.

One of the most important plant compounds in the fight against cancer was discovered in 
the bark of Taxus brevifolia—taxol, now named paclitaxel, which has become one of the most 

Active substance/herbal 
formulation

Mechanism of action Therapeutic use References

Angelica shikokiana methanol 
extract (AME)

—AME and all isolated compounds 
inhibited tubulin polymerization
—Angelicin and kaempferol-3-O-
rutinoside were the most active 
compounds
—Phenolic compounds and 
furanocoumarins showed binding 
affinity to colchicine-binding site
—Quercetin, kaempferol, luteolin, 
chlorogenic acid, and methyl 
chlorogenate exhibited the strongest 
activity against histone deacetylase 8 
(HDAC8) and the highest affinity to 
trichostatin A-binding site.

Human hepatocellular 
carcinoma, 
rhabdomyosarcoma 
(RD), colorectal 
carcinoma, human 
epithelioma, and 
human breast 
adenocarcinoma

[33]

Alkaloids from beach spider Lily 
(Hymenocallis littoralis)

—Interrupt polymerization of 
microtubules in Hep-G2 cells

Hepatocarcinoma [34]

DYZ-2-90 —Binds to microtubules and rapidly 
induces tubulin depolymerization

Colorectal cancer [35]

Indicine N-oxide (INO) —200 µM induced a mitotic 
block of about 22% in HeLa cells; 
300 µM concentration-induced 
depolymerization of interphase 
microtubular network
—The effect was similar to the 
depolymerizing effects of the drugs 
such as colchicine and vinblastine, 
although the concentration used here 
was 1000-fold higher than those drugs
—Binds to the tubulin dimer through 
hydrogen bonds and hydrophobic 
interactions
—INO does not make any interactions 
with the amino acid residues on the 
tubulin dimer that were reported to be 
interacting with the taxol or colchicine, 
but INO-binding site partially overlaps 
with the griseofulvin-binding site 
(docking)

Cervical cancer [36]

Table 1. Potential plant-bioactive compounds that interact with microtubules as microtubule-destabilizing agents for 
cancer therapy.

Targeting the Cytoskeleton with Plant-Bioactive Compounds in Cancer Therapy
http://dx.doi.org/10.5772/66911

319



effective drugs against breast and ovarian cancer and has been approved for the clinical treat-
ment of cancer patients. Since the first discovery of paclitaxel in the 1960s, a variety of other 
microtubule-stabilizing agents have been derived primarily from natural resources [37]. The 
molecular mechanism includes polymerization of tubulin to stable microtubules and also inter-
acts directly with microtubules, stabilizing them against depolymerization and thereby blocks 
cells in the G2/M phase of the cell cycle [38]. The binding of taxol to β-tubulin in the polymer 
results in cold-stable microtubules even in the absence of exogenous GTP. Hydrogen/deute-
rium exchange (HDX) coupled to liquid chromatography-electrospray ionization MS demon-
strated a marked reduction in deuterium incorporation in both β- and α-tubulin in the presence 
of taxol and contributed to increased rigidity in taxol microtubules and complementary to that 
due to GTP-induced polymerization [39].

Initially obtained from Taxus brevifolia bark, paclitaxel is now a semisynthetic product of 
10-deacetylbaccatin III, which is extracted from the needles of the Taxus baccata. Similarly, 
docetaxel, a second-generation taxane, was directly obtained semisynthetically by esterification 
from the inactive taxane precursor 10-deacetylbaccatin III [40]. Paclitaxel and docetaxel bind 
to the specific binding sites of tubulin, which is different from the binding site of guanosine 
triphosphate, vinblastine, colchicine, and podophyllotoxin [41].

Docetaxel has a 1.9-fold higher affinity for the site than paclitaxel and induces tubulin polymer-
ization at a 2.1-fold lower critical tubulin concentration. The effect on the cell cycle is different: 
paclitaxel inhibits the cell cycle traverse at the G2/M phase junction [42], while docetaxel produces 
its maximum cell-killing effect against cells in the S phase [43].

To decrease the toxicity and enhance delivery and distribution, new taxane formulations of 
micelles were investigated, including nanoparticles, emulsions, and liposomes [44]. Com-
pounds such as Abraxane, CT-2103, and docosahexaenoic acid (DHA)-paclitaxel are examples 
of new taxanes with higher activity than paclitaxel in taxane-resistant cancers, as well as in 
tumors that have been unresponsive to paclitaxel [16].

Protopine is a benzylisoquinoline alkaloid isolated from Opium poppy, Corydalis tubers, and 
Fumaria officinalis. It stabilizes tubulin polymerization process but has no affinity to taxol-
binding site. It induces a marked increase of tubulin polymerization in a dose-dependent 
manner in human hormone-refractory prostate cancer (PC-3 cells), similar to paclitaxel. It 
enhances microtubule assembly and formation of mitotic spindles in PC-3 cells [45].

Taccalonolides are plant steroids possessing a C2–C3 epoxide group and an enol-lactone 
isolated from Tacca leontopetaloides, Tacca plantaginea, Tacca chantrieri, Tacca plantaginea, Tacca 
integrifolia, etc. They act as microtubule stabilizers by binding to another microtubule site 
than taxol resulting in the formation of microtubule bundles and leading to cell cycle arrest 
and apoptosis. It is also reported that taccalonolides bind to β-tubulin near the lumen of 
microtubule, which is different from the taxol-binding site stabilizers which bind to α-tubulin 
protofilaments [46–49].
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Recent study shows that the dietary flavonoid fisetin binds to tubulin and stabilizes microtubules 
with binding characteristics far superior than paclitaxel. It induces upregulation of microtubule-
associated protein (MAP)-2 and microtubule-associated protein (MAP)-4 and increases α-tubulin 
acetylation, an indicator of microtubule stabilization [50].

3. Microfilaments as chemotherapeutic targets of plant-derived bioactives

Actin filaments are composed of globular actin (G-actin) which polymerizes into filamentous 
(F) actin and participates in many important cellular processes including cell division and 
cytokinesis, cell signaling, vesicle and organelle movement, cell junction establishment, and 
maintenance.

Like microtubules, actin microfilaments can change rapidly their structure in response to 
external stimuli. Actin polymerization is stimulated by nucleating factors such as the Arp2/3 
complex, which mimics a G-actin dimer in order to stimulate actin polymerization [51]. Actin 
binds ATP to stabilize microfilament formation and hydrolysis [52]. The growth of micro-
filaments is regulated by thymosin, which binds G-actin to lead the polymerizing process, 
whereas profilin binds G-actin and catalyzes the exchange of ADP to ATP, promoting mono-
meric addition to the plus end of F-actin [53].

During cytokinesis, disruption of actin polymerization can effect cellular structure. Cytoki-
nesis inhibitors such as cytochalasin B disrupt the actin cytoskeleton, and the cell is unable 
to divide [54] but is still able to initiate another mitotic event, continuing to form nuclei 
and eventually becoming enlarged and multinucleated [55, 56]. Cell lines derived from blad-
der, kidney, and prostate carcinomas become multinucleated when grown in cytochalasin 
B-supplemented medium, whereas cells from corresponding normal tissue remain mono- 
or binucleate under comparable conditions [55]. These particular features make tumor cells 
ideal targets for chemotherapy, as they have reduced cytoskeletal integrity and multiple 
nucleation and increased mitochondrial activity [57].

Actin filaments are also of substantial importance to cancer cell migration. Cancer cell migra-
tion can convert between mesenchymal and amoeboid types. This latter can occur, e.g., when 
cells are exposed to protease inhibitors [58] and thereby mesenchymal cancer cell invasion is 
repressed by specific targeting of protease function. Inhibiting RhoA/ROCK signaling pro-
motes the formation of multiple competing microfilament-derived lamellipodia that sup-
press amoeboid migration of tumor cells [59]. Tumor cells unable to move through amoeboid 
migration will switch to mesenchymal migration [60]. However, tumor cells exposed to pro-
tease inhibitors will move mainly through amoeboid migration. Using microfilament disrupt-
ing RhoA/ROCK inhibitors in combination with protease inhibitors would simultaneously 
block both types of cell migration.

Phytomedicine developed actin-targeted potential drugs, designed for cancer therapy (Table 2).

Targeting the Cytoskeleton with Plant-Bioactive Compounds in Cancer Therapy
http://dx.doi.org/10.5772/66911

321



4. Intermediate filaments as chemotherapeutic targets of plant-derived 
bioactives

Along with microfilaments and microtubules, intermediate filaments are the other component 
of the cytoskeleton that can be exploited in the clinical treatment of cancer. All intermediate 
filaments have a central alpha-helical domain that is composed of four protofibrils separated 

Active substance/herbal 
formulation

Mechanism of action Therapeutic use References

Resveratrol —50 µM resveratrol decreases Rac and Cdc42 
signaling to the actin cytoskeleton
—5 µM resveratrol increases Rac signaling to the 
actin cytoskeleton

Breast cancer [61]

Oleuropein —Disrupt actin filaments in a dose-dependent 
manner

Sarcoma [62]

Alkaloid mixture derived 
from Senna spectabilis—
cassine and spectaline

—Altered normal distribution pattern of F-actin 
filaments

Liver cancer [63]

Deoxyelephantopin (DET) —Affects the actin cytoskeleton network and 
downregulates calpain-mediated proteolysis of 
several actin-associated proteins
—Inhibition of proteolysis of actin cytoskeleton-
associated proteins identified by differential 
proteomic profiling

Lung metastasis 
of mammary 
adenocarcinoma

[64]

Cucurbitacin E —Disruption of the F-actin cytoskeleton
—Increases the filamentous or polymerized  
actin fraction

Prostate carcinoma  
cells

[65]

Cucurbitacin E —Damaged F-actin without affecting 
beta-tubulin

95D lung cancer cells [66]

Cucurbitacin I —Induced the co-aggregation of actin with 
phospho-myosin II by stimulation of the RhoA/
ROCK pathway and inhibition of LIM-kinase

HeLa cells [67]

Cucurbitacin B —Induced rapid and improper polymerization 
of the F-actin network

Myeloid leukemia  
cells

[68]

Jasplakinolide (JAS) —Rearranged the actin cytoskeleton
—JAS has a phalloidin-like action
—Distribution of actin filaments was different 
from that induced by cytochalasin D

Cancer cells [69]

Ganoderma lucidum extracts —Inhibits growth and induce actin 
polymerization

Bladder cancer cells [70]

4-Hydroxycoumarin —Disorganized the actin cytoskeleton correlated 
with reductions in cell adhesion to four 
extracellular matrix proteins and inhibition of 
random motility

Melanoma cell line 
B16–F10

[71]

Table 2. Plant-bioactive compounds which interact with actin for cancer therapy.
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by three linker regions [72]. The N- and C-terminus segments of intermediate filaments are 
non-alpha-helical regions of polypeptide sequences, associated with head to tail into protofila-
ments that pair up laterally into protofibrils; four of these protofibrils form an intermediate 
filament.

Whereas microfilaments and microtubules are actin or tubulin polymers, intermediate fila-
ments are composed of 50 different proteins classified into six types based on similarities in 
amino acid sequence [72]. In regard to potential chemotherapeutic targets, the most promising 
intermediate filaments are keratins, nestin, and vimentin.

4.1. Anti-keratin agents

Keratin and cytokeratin are intermediate filaments found in the cytoskeleton of epithelial 
tissue. There are twenty different keratin polypeptides (K1–K20) identified and classified 
into type I (K9–K20) and type II (K1–K8) intermediate filaments [73]. Keratins of importance 
to cancer therapy are keratin 8 (K8) and keratin 18 (K18), the most common and character-
istic members of intermediate filaments expressed in single-layer epithelial tissues [74, 75]. 
Oncogenes, which activate Ras signaling, stimulate expression of K18 through transcription 
factors [76]. However, aberrant K8 and K18 expression has been noticed in particularly 
invasive carcinomas [77, 78]. K18 was found to be a substrate of the cysteine-aspartic prote-
ases during epithelial apoptosis [77].

Based on aberrant keratin expression found in many cancers, these intermediate filaments 
present a novel chemotherapeutic target that need to be investigated.

Crude acetone extract of Bupleurum scorzonerifolium (AE-BS) showed antiproliferative activity, 
induced cell arrest in G2/M phase, and apoptosis in A549 human lung cancer cells [79]. In a 
further study, Chen et al. [73] noticed K8 phosphorylation after AE-BS treatment of A549 cells. 
The association of ERK1/2 activation with K8 phosphorylation may be related to the apoptotic 
effect of AE-BS.

4.2. Anti-vimentin agents

Vimentin functions as a regulator in cancer cells undergoing epithelial-mesenchymal transi-
tion (EMT), an important change during tumor progression where cells detached from their 
original tissue become highly motile and invasive. Studies have shown that quercetin pre-
vented epidermal growth factor (EGF)-induced EMT, migration, and invasion of prostate 
cancer cells by suppressing the expression of vimentin and N-cadherin [80]. Genistein, an 
isoflavone found in soybeans, fava beans, and lupine, has been shown to downregulate mes-
enchymal markers ZEB1, slug, and vimentin and therefore cause reversal of EMT in gem-
citabine-resistant pancreatic cancer cells [81]. Similarly, this flavonoid was able to decrease 
protein expression of vimentin, cathepsin D, and MMP-2 and thus suppressed epithelial-
mesenchymal transition and migration capacity of BG-1 ovarian cancer cells [82]. Other 
natural compounds, like silibinin, induced the morphological reversal of mesenchymal 
phenotype to epithelial phenotype through downregulation of vimentin and MMP-2 and 
upregulation of cytokeratin-18 [83]. Moreover, silibinin meglumine, a water-soluble form 
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of milk thistle silymarin, impedes the EMT in EGFR-mutant non-small-cell lung carcinoma 
cells by upregulation of the relative mRNA expression of CDH1 (E-cadherin) accompanied 
by downregulation of vimentin [84]. Berberine, a plant alkaloid present in various plants like 
Berberis, decreased the expression of the mesenchymal markers vimentin and fibronectin and 
restored the epithelial marker E-cadherin, thereby contributing to the reversal of EMT [85].

Piplartine, a biologically active component from Piper species (Piperaceae), also suppresses 
tumor progression and migration by disruption of the p120-ctn/vimentin/N-cadherin complex, 
which plays a critical role in tumor progression and invasion/metastasis [86].

Phenethyl isothiocyanate (PEITC), the main bioactive compound present in cruciferous 
vegetables, decreases breast and prostate tumor growth inhibition through vimentin sup-
pression [87]. Cucurbitacin E induced disruption of vimentin cytoskeleton in prostate car-
cinoma cells, while microtubules were unaffected [65]. The natural product withaferin A 
(WFA) exhibits antitumor activity by binding to vimentin and covalently modifying its cys-
teine residue, which is present in the highly conserved helical coiled coil 2B domain [88]. 
Penduletin and casticin, flavonoids from the Brazilian plant Croton betulaster, induced 
changes in the pattern of expression of the cytoskeletal protein vimentin and thereby inhibit 
the growth of human glioblastoma cells [89].

5. Protective effect of plant-bioactive compounds on anthracycline-induced 
cardiac cytoskeletal toxicity

Cardiotoxicity is the most serious side effect of antitumoral anthracyclines, which include 
adriamycin, doxorubicin, mitoxantrone, daunorubicin, or epirubicin [90]. The main cause 
of toxicity is their effect on the cardiac cytoskeleton, consisting of myofibrils disarray [91], 
including both structural and functional changes: troponin I and troponin C phosphoryla-
tion mediated by a doxorubicin-induced protein kinase C activation [92, 93] and decrease 
of troponin I, and changes of α-actin, creatine kinase, and myosin light-chain 2 expression 
[93]. In other studies, degradation of cardiac cytoskeletal proteins, including titin [94] and 
dystrophin [95], was observed. Recently, changes in the cardiac distribution of desmin have 
been detected, with areas of decreased expression in the cytoplasm and protein aggregation 
after mitoxantrone treatment [96, 97]. The use of plant bioactives might protect against the 
oxidative stress caused by anthracycline drugs, including cytoskeleton injuries. Our group 
recently demonstrated that the flavonoid chrysin inhibits mitoxantrone-triggered cardiomyo-
cyte apoptosis via multiple pathways, including decrease of the Bax/Bcl-2 ratio and caspase-3 
expression along with preservation of the desmin disarray [96].

6. Conclusions

Plant-derived bioactive molecules constitute promising tools for the treatment of cancer. The 
application of plant bioactives in the treatment of cancer has resulted in increased therapeutic 
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efficacy through targeting the cytoskeleton and prevention of cytoskeletal injuries due to che-
motherapy side effects. Research results testify both the evolution of knowledge coming from 
pharmacognosy and the great possibilities of future progress by means of a rational approach 
of natural product-based drug discovery or new pharmaceutical formulations.
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