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Preface

Resistance of insects to insecticides was first recorded in scale insects in 1914, when their con‐
trol with inorganic insecticides proved inefficient. From that year until the end of the World
War II, further eleven occurrences of resistance of insects to inorganic insecticides had been
reported. The development of DDT and other organic insecticides made us think that prob‐
lems with resistance of insects to chemical agents for protection of plants were a thing of the
past. Unfortunately, this was not so. Already in 1947, the occurrence of DDT resistance of
housefly was reported. Growers faced the problem of insects resistant also to numerous newer
groups of insecticides such as organophosphates, carbamates, pyrethroids etc.

Genetics and intensive application of insecticides are the major reasons for the rapid devel‐
opment of insecticide resistance in insects. Selectivity to insecticides enables some insects
that have resistance genes to survive after insecticides have been applied to pass the resist‐
ance to their offspring. The percentage of resistant insects in populations thus increases and
in the end surpasses the percentage of those that can be controlled by insecticides. At that
point insecticides are no longer efficient.

The speed at which insects develop resistance to insecticides is determined by various fac‐
tors; important among these are the speed at which insects reproduce and migrate, durabili‐
ty of insecticides in the environment and their specificities, time and number of applications
of insecticides on plants etc. The phenomenon of insects’ resistance to insecticides thus ap‐
pears earlier in greenhouses, where harmful insects multiply faster and the input or over‐
flight of susceptible specimens is low, while growers repeatedly treat plants with the same
insecticidal preparation or preparations from the same chemical group.

Because of the phenomenon of insects’ resistance to insecticides, food production becomes
less economical, as the above-mentioned unwanted phenomenon in intensive agricultural
production causes increased yield loss and the need for additional treatments with insecti‐
cides. Less economical production can be counteracted by more efficient use of insecticides,
which requires careful planning of agrotechnical measures throughout the growth period.

The best way to avoid the phenomenon of insects’ resistance to insecticides is preventive.
An increasing number of experts on pest control advocate programs dealing with resistance
of insects to insecticides as one of the most important integral parts of integrated plant pro‐
tection. Among the key elements of these programs are monitoring of harmful organisms,
taking into account economic thresholds, using different methods of controlling harmful or‐
ganisms during the growth period, selecting appropriate time for applying insecticides, us‐
ing insecticides from different chemical groups during the growth period, care for natural
enemies and providing areas where harmful organisms susceptible to insecticides can repro‐



duce and survive so they will mate with those resistant to insecticides, thus decreasing the
portion of resilient genes.

In this book, experts from different continents represent some topical problems because of
insecticides’ resistance and the reasons for this undesirable phenomenon and provide solu‐
tions for overcoming this problem. Their main aim of the book is the transfer of new infor‐
mation on insecticide resistance; this still very important agricultural and human health
topic to researchers, scientists, students and end users (farmers, doctors).

This book is dedicated to my family, wife Milena, daughters Špela, Neža and Urška, and
sons, Gašper, Miha and Peter, who assisted me in many ways. I extend them my love and
appreciation.

Stanislav Trdan
Head of the Chair of Phytomedicine, Agricultural Engineering,

Crop Production, Pasture and Grassland Management,
Dept. of Agronomy, Biotechnical Faculty,

University of Ljubljana, Slovenia
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Chapter 1

Resistance to Insecticides in Populations of the Coffee
Leafminer

Daianna P. Costa, Flávio L. Fernandes, Flávia M. Alves, Ézio M. da Silva and
Liliane E. Visôtto

Additional information is available at the end of the chapter

http://dx.doi.org/10.5772/61466

Abstract

Coffee leafminer Leucoptera coffeella is an important pest on coffee. The continued use of
chemicals can result in loss of efficacy and selection of leafminer-resistant populations.
We aimed to identify L. coffeella populations resistant to old and new neurotoxic insecti‐
cides in regions of Brazil. We collected seven populations of L. coffeella in Brazil. Low lev‐
els of resistance were observed for the insecticides chlorantraniliprole (1.02-3.23 times),
abamectin (1.19-4.80 times), and deltamethrin (1.05-5.35 times). High resistance levels
were observed for profenofos (65.3-522 times) and chlorpyrifos (4.53-18.63 times). We
conclude that Brazilian L. coffeella populations showed greater resistance to organophos‐
phate insecticides. Furthermore, resistance may be associated with the distance between
the coffee-producing regions.

Keywords: Anthranilamide, Coffea spp, Lepidoptera, lethal time, organophosphate

1. Introduction

The coffee leafminer Leucoptera coffeella (Guérin-Méneville, 1842) (Lepidoptera: Lyonetiidae)
is originally from Africa and has become a pest species of great significance in many countries
producing coffee (Coffea arabica and Coffea canephora) [1,2]. The extremely variable life cycle of
this species and their damage to coffee crops make them a pest with a high destruction capacity
[3-5]. Insecticides provide the most efficient method of controlling this pest, with more than
30 different active pesticides registered for use against this L. coffeella in Brazil [6]. Despite the
existence of several active ingredients, the overuse of pesticides by farmers has led to the insects
becoming resistant [7].

© 2016 The Author(s). Licensee InTech. This chapter is distributed under the terms of the Creative Commons
Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use, distribution,
and reproduction in any medium, provided the original work is properly cited.



The first documented case of resistance was in 1914, in San Jose Scale (Quadraspidiotus
perniciosus) (Comstock, 1881) (Hemiptera: Diaspididae) exposed to repeated doses of sulfur
powder [8]. Reports of insect resistance began to increase in the 1940s as insecticides and
miticides emerged. There are over 7740 reported cases of resistance, involving 331 compounds
and more than 540 species of insects and mite pests [9]. From 1914 to 2007, the vast majority
of cases of resistance occurred in Lepidoptera, with 1799 confirmed cases.

Lepidopteran species such as Alabama argillacea (Lepidoptera: Noctuidae) [10], Plutella
xylostella (Lepidoptera: Plutellidae) [11], and Tuta absoluta (Lepidoptera: Gelechiidae) [12] have
shown resistance to several groups of insecticides. These authors studied insect populations
from different locations, using different groups of insecticides with varying mechanisms of
action. Studies with L. coffeella, however, have focused only on the organophosphate group
with no studies on other chemical groups [13,14]. As such, studies of different populations and
various insecticide groups are needed.

Among the insecticides used, most are neurotoxins, and it is this group that presents the most
problems of insect resistance [9]. These neurotoxic insecticides (e.g., organophosphates and
pyrethroids) cause rapid death of susceptible insects, and abamectin, neonicotinoids, and
diamides are slower in causing death of insects [15].

It is therefore possible to detect resistance to a particular active ingredient by comparing the
time of death of each population to different neurotoxic insecticides. Similar experiments have
been done with other insects, such as the mosquito Culex tarsalis (Diptera: Culicidae) [16].
Slower deaths may indicate the population is beginning to become resistant. Delayed mortality
could be compared to the effect of sublethal doses, which put the insects in a state of stress and
reduce their metabolism before death [17]. One way to detect resistance using the lethal time
of death (LT) is to collect geographically distant populations to obtain more precise information
and compare populations across regions since the resistance is relative. Thus, based on the
mechanism of action of each insecticide group, it is possible to compare resistance by meas‐
uring how quickly the insecticides act on a population.

There are two studies focusing on the detection of insecticide resistance among populations
of L. coffeella and just with organophosphate insecticides. Our proposal is to study different
groups and regions. This study aimed to recognize populations of L. coffeella in different regions
of Brazil that were resistant to neurotoxic insecticides by comparing the lethal time.

2. Materials and methods

2.1. Insect populations

This study was conducted at the Laboratory of Integrated Pests Management at Universidade
Federal de Viçosa, Rio Paranaíba Campus (UFV-CRP). We selected six municipalities with
coffee cultivation of the species C. arabica and C. canephora, located in producing regions of the
Brazilian states of Minas Gerais, Espírito Santo, São Paulo, and Pernambuco. These areas were
selected because they are the largest coffee producing regions in Brazil. In these regions, we
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collected leaves from the middle third of plants randomly selected in commercial crops during
the 2012-2013 crop season, with active mines (live caterpillars) of L. coffeella. These crops were
georeferenced with the help of a portable Garmin E-trex Summit Hc GPS (Figure 1).

Figure 1. Location and characterization of Leucoptera coffeella collection in coffee-producing regions. Dark spots repre‐
sent coffee-producing regions. White spherical symbols within the dark spots represent collection sites of leafminer
populations.

The leaves collected in each region were transported to the laboratory in separate plastic bags
for visual selection of mines that did not present any harm (e.g., open or with signs of para‐
sitism/predation). Selected mined leaves were combined for insect rearing in a greenhouse (20
× 10 m). These leaves were placed in vials with water (25 mL) inside wooden cages covered
with organza. The larvae were fed seedlings coffee of Catuaí cultivar grown in a greenhouse
without insecticide application. Only larvae with at least one generation in the laboratory were
used in bioassays to prevent the expression of insecticide tolerance due to differing environ‐
mental conditions at the different sampling sites (i.e., differences without any genetic basis).

Resistance to Insecticides in Populations of the Coffee Leafminer
http://dx.doi.org/10.5772/61466
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2.2. Insecticides

Six neurotoxic insecticides were selected for bioassays of L. coffeella resistance to the concen‐
trated active ingredients abamectin 18 g l-1 EC (emulsifiable concentrate) (Syngenta, São Paulo,
Brazil), chlorantraniliprole 350 g l-1 WG (water-dispersible granules) (DuPont, Paulínia, Brazil),
chlorpyrifos 480 g l-1 EC (Fersol, Mairinque, Brazil), deltamethrin 25 g l-1 EC (Bayer SA, São
Paulo, Brazil), profenofos 550 g l-1 EC (Syngenta, São Paulo, Brazil), and thiamethoxam 250 g
l-1 WG (Syngenta, São Paulo, Brazil) (Table 1).

Insecticide Population LT50 a (CI95%)b n RT50 c χ2 d(df)e Pf

Abamectin

Rio Paranaíba-MG 13.29 (11.29–15.34) 40 1.74 2.87 (3) 0.59

Abaeté dos Mendes-MG 14.70 (12.59–16.53) 40 1.92 6.95 (3) 0.07

Carmo do Paranaíba-MG 36.75 (33.63–40.97) 40 4.80 4.05 (3) 0.26

Santa Teresa-ES 9.11 (6.03–11.52) 40 1.19 2.89 (3) 0.59

Guaranhuns-PE 17.85 (15.87–19.71) 40 2.33 4.97 (3) 0.17

Franca-SP 12.41 (10.99–15.12) 40 1.62 3.42 (3) 1.12

Guaraciaba-MG 7.65 (6.85–10.11) 40 1.00 5.63 (3) 3.11

Chlorpyrifos

Rio Paranaíba-MG 8.16 (7.02–9.20) 40 8.08 7.35 (4) 0.12

Abaeté dos Mendes-MG 17.18 (15.68–18.75) 40 17.01 9.07 (4) 0.06

Carmo do Paranaíba-MG 16.39 (15.12–17.76) 40 16.23 1.66 (3) 0.65

Santa Teresa-ES 4.58 (3.62–5.54) 40 4.53 7.56 (5) 0.18

Guaranhuns-PE 8.59 (6.70–10.21) 40 8.50 2.39 (3) 0.50

Franca-SP 18.82 (17.54–20.15) 40 18.63 8.20 (4) 0.08

Guaraciaba-MG 1.01 (0.35–2.07) 40 1.00 6.32 (7) 0.06

Chlorantraniliprole

Rio Paranaíba-MG 27.70 (24.70–31.56) 40 1.98 3.66 (3) 0.30

Abaeté dos Mendes-MG 26.30 (22.15–34.79) 40 1.88 1.57 (2) 0.54

Carmo do Paranaíba-MG Santa
Teresa-ES

14.01 (11.87–16.47) 40 1.00 7.51 (5) 0.18

Santa Teresa-ES 31.53 (28.44–35.74) 40 2.25 5.50 (3) 0.14

Guaranhuns-PE 18.82 (17.54–20.15) 40 3.23 8.20 (4) 0.08

Franca-SP 14.28 (11.00–18.23) 40 1.02 6.30 (5) 1.22

Guaraciaba-MG 8.59 (6.70–10.21) 40 1.88 2.39 (3) 0.50

Deltamethrin

Rio Paranaíba-MG 31.12 (27.59–36.20) 40 5.35 4.96 (4) 0.17

Abaeté dos Mendes-MG 25.73 (23.34–28.56) 40 4.42 3.83 (3) 0.28

Carmo do Paranaíba-MG 28.18 (24.46–34.29) 40 4.84 2.22 (3) 0.53

Santa Teresa-ES 5.82 (4.23–7.65) 40 1.00 5.99 (4) 0.07

Guaranhuns-PE 20.38 (17.53–23.23) 40 3.50 6.04 (3) 0.11

Insecticides Resistance6
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Chlorpyrifos

Rio Paranaíba-MG 8.16 (7.02–9.20) 40 8.08 7.35 (4) 0.12

Abaeté dos Mendes-MG 17.18 (15.68–18.75) 40 17.01 9.07 (4) 0.06

Carmo do Paranaíba-MG 16.39 (15.12–17.76) 40 16.23 1.66 (3) 0.65

Santa Teresa-ES 4.58 (3.62–5.54) 40 4.53 7.56 (5) 0.18

Guaranhuns-PE 8.59 (6.70–10.21) 40 8.50 2.39 (3) 0.50

Franca-SP 18.82 (17.54–20.15) 40 18.63 8.20 (4) 0.08

Guaraciaba-MG 1.01 (0.35–2.07) 40 1.00 6.32 (7) 0.06

Chlorantraniliprole

Rio Paranaíba-MG 27.70 (24.70–31.56) 40 1.98 3.66 (3) 0.30

Abaeté dos Mendes-MG 26.30 (22.15–34.79) 40 1.88 1.57 (2) 0.54

Carmo do Paranaíba-MG Santa
Teresa-ES

14.01 (11.87–16.47) 40 1.00 7.51 (5) 0.18

Santa Teresa-ES 31.53 (28.44–35.74) 40 2.25 5.50 (3) 0.14

Guaranhuns-PE 18.82 (17.54–20.15) 40 3.23 8.20 (4) 0.08

Franca-SP 14.28 (11.00–18.23) 40 1.02 6.30 (5) 1.22

Guaraciaba-MG 8.59 (6.70–10.21) 40 1.88 2.39 (3) 0.50

Deltamethrin

Rio Paranaíba-MG 31.12 (27.59–36.20) 40 5.35 4.96 (4) 0.17

Abaeté dos Mendes-MG 25.73 (23.34–28.56) 40 4.42 3.83 (3) 0.28

Carmo do Paranaíba-MG 28.18 (24.46–34.29) 40 4.84 2.22 (3) 0.53

Santa Teresa-ES 5.82 (4.23–7.65) 40 1.00 5.99 (4) 0.07

Guaranhuns-PE 20.38 (17.53–23.23) 40 3.50 6.04 (3) 0.11
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Insecticide Population LT50 a (CI95%)b n RT50 c χ2 d(df)e Pf

Franca-SP 18.82 (17.54–20.15) 40 3.23 8.20 (4) 0.08

Guaraciaba-MG 6.11 (5.03–7.84) 40 1.05 5.81 (4) 0.06

Profenofos

Rio Paranaíba-MG 15.66 (13.96–17.17) 40 522 0.85 (5) 0.66

Abaeté dos Mendes-MG 12.25 (11.10–13.19) 40 408 1.35 (6) 0.51

Carmo do Paranaíba-MG 6.96 (4.28–9.00) 40 232 3.85 (5) 0.28

Santa Teresa-ES 1.96 (0.08–3.00) 40 65.3 3.71 (3) 2.32

Guaranhuns-PE 10.96 (8.50–11.00) 40 365 1.36 (4) 0.44

Franca-SP 12.96 (8.24–14.53) 40 432 4.12 (3) 0.21

Guaraciaba-MG 0.03 (0.01–0.50) 40 1.00 1.58 (3) 0.23

Thiamethoxam

Rio Paranaíba-MG 37.29 (33.32–43.21) 40 4.41 2.54 (3) 0.53

Abaeté dos Mendes-MG 23.10 (21.11–25.27) 40 2.73 0.43 (3) 0.93

Carmo do Paranaíba-MG 89.93 (61.70–180.00) 40 10.61 6.54 (4) 0.16

Santa Teresa-ES 10.49 (9.13–11.78) 40 1.24 8.65 (4) 0.07

Guaranhuns-PE 13.57 (12.07–14.87) 40 1.61 7.69 (3) 0.06

Franca-SP 8.45 (7.07–10.95) 40 1.00 5.66 (3) 1.05

Guaraciaba-MG 9.36 (7.01–10.34) 40 1.11 6.71 (3) 0.06

aLT50 = time (h) lethal to kill 50% of the population.

bCI = confidence interval of 95%.

cRT50 = ratio of lethal time to kill 50% of the population.

dχ2 = chi-square.

edf = degrees of freedom.

fP = probability.

Table 1. Time and mortality curves (LT50) of Brazilian populations of Leucoptera coffeella under the effect of seven
insecticides at the recommended doses.

The registered label rates of the respective active ingredients in Brazil were 0.18 mg mL-1 (0.026
mg a.i. mL-1) for abamectin, 0.072 mg mL-1 and 0.078 mg a.i. mL-1 for chlorantraniliprole, 0.05
mg mL-1 (4.800 mg a.i. mL-1) for chlorpyrifos, 0.032 mg mL-1 (0.013 mg a.i. mL-1) for deltameth‐
rin, 0.4 mg mL-1 (1.100 mg a.i. mL-1) for profenofos, and 0.024 mg mL-1 (2.000 mg a.i. mL-1) for
thiamethoxam.

2.3. Time-mortality bioassay

For time-mortality analysis, circular discs (diameter 90 mm) of filter paper were dipped into
the insecticide solutions diluted in distilled water, using the recommended doses to control L.
coffeella. The control used embedded disks with distilled water. The discs containing the
insecticides and the water were fixed on a clothesline to dry in the shade and then placed
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separately into Petri dishes (9.0 × 1.5 cm). Ten larvae of L. coffeella reared in the lab were
transferred to each Petri dish using a fine-tipped brush. The Petri dishes with the larvae were
kept in the BOD incubator (model SP-500) at 25°C ± 1°C until the time of evaluation. The
experiments were conducted in a completely randomized design with four replications.

Preliminary tests using only discs soaked in water were carried out to observe caterpillar
mortality over a 48-h period. This was necessary to estimate the maximum evaluation time
after bioassay assembly that causes 20% lower mortality in the control [18]. Thus, to have a
mortality range from 0% to 100%, evaluations were made at 2, 6, 12, 16, 24, 32 and 48 h
(treatments) after bioassay assembly. The time intervals were assessed in independent
experimental units, to avoid pseudoreplicates. We considered insects dead when they did not
move after being touched with the fine-tipped brush.

2.4. Spatial dependence of insecticide resistance

To determine the spatial dependence of L. coffeella insecticide resistance, the semivariance
statistical model of LT50 values to L. coffeella populations for each insecticide and the distance
between sampling locations of each population were used. The distance between the sampling
sites of each insect population was determined using geographic coordinates with a global
positioning system (GPS 12, Garmin International, Olathe, KS). The semivariograms were
estimated from the semivariance data of the LTs50 of each population for each insecticide and
used as dependent variables in regression analysis, with the distance between the sampling
sites as an independent variable. The first inflection point of the semivariogram curve
represents the maximum distance of interference between the populations of L. coffeella in
relation to susceptibility to a given insecticide.

3. Results and discussion

Resistance to neurotoxic insecticides varied generally among the different populations of L.
coffeella in Brazil. RT50 varied from 1.02 to 522. Low resistance levels were observed for
chlorantraniliprole insecticides (1.02-3.23 times), abamectin (1.19-4.80 times), and deltamethrin
(1.05-5.35 times).

On the other hand, intermediate resistance was observed for thiamethoxam (1.11-10.61 times)
and chlorpyrifos (4.53-18.63 times), while resistance was high for profenofos (65.3-522 times)
(Table 1). Higher levels of organophosphate resistance were observed in Minas Gerais (Abaeté
dos Mendes, Rio Paranaíba and Carmo do Paranaíba), Pernambuco (Guaranhuns), and São
Paulo (Franca).

The RT50 values are supported by the LT50 values, which were variable among populations and
insecticides. The population from Carmo do Paranaíba-MG was noteworthy as it took 89.93 h
for 50% of the population to die after contact with the insecticide thiamethoxam. The organo‐
phosphate and pyrethroid insecticides had lower lethal times. Chlorantraniliprole showed
lower LT50 of 8.59 h.
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Two canonical axes were significant among the five canonical axes identified, showing linear
associations between LT50 of the insecticides with the geographical regions of the population
origins of L. coffeella, which showed that the four canonical axes were significant, with the first
three axes explaining 90% of the total variance data (Table 1 and Figure 2). The highest absolute
values of the canonical coefficients show which insecticides most contributed to the standard
deviation of resistance among the different localities. For the first canonical axis of greater
importance in the analysis, the insecticides chlorpyrifos, profenofos, and deltamethrin showed
positive correlations and higher values of coefficients and thus higher contributions to the
differences between the resistant populations (Table 2). Profenofos and deltamethrin, with a
positive relationship, contributed to the pattern of divergence on the second axis.

The opposite relationship was observed for assistance with the chlorpyrifos insecticide on the
third and fourth axes. On the fifth and sixth axes, a positive relationship was observed between
the profenofos insecticide and the standard deviation. It is important to highlight that the new
insecticide chlorantraniliprole did not contribute to the resistance of populations (Table 2).
Graphs of this analysis done with the first two axes explained 92% of the total variance of the
data to show the grouping between locations (Table 2 and Figure 2).

The weight of organophosphate (profenofos and chlorpyrifos) and pyrethroid (deltamethrin)
insecticides on the first two axes enhanced the resistance process since they are among the
main groups with examples of insect resistance (quotation). Two grouping patterns were
observed, with one group for the populations of L. coffeella Rio Parnaíba-MG, Carmo do
Paranaíba-MG, and Abaeté dos Mendes-MG and a second group for the populations of Santa
Teresa-ES and Guaraciaba-MG, but these patterns did not occur in the other populations
(Figure 2).

Variables/mortality Canonical axes

1 2 3 4 5 6

Abamectin –0.21 –0.10 –0.21 –0.46 –0.38 –0.05

Chlorpyrifos 0.77 –0.65 –0.33 –0.45 –0.10 –0.35

Chlorantraniliprole –0.10 0.00 –0.21 0.00 0.04 0.00

Deltamethrin 0.51 0.68 0.17 0.05 0.39 0.55

Profenofos 0.64 –0.59 0.38 0.55 0.64 0.64

Thiamethoxam 0.40 0.42 0.11 0.19 0.40 0.38

F 31.02 25.51 20.36 15.02 13.55 9.11

dfx
a 68; 181 54; 181 46; 181 32; 181 20; 181 16; 181

R2xb 0.90 0.89 0.78 0.66 0.61 0.53

adfx = degrees of freedom (numerator/denominator).

bR2xb = canonical correlation square.

Table 2. Canonical axes and coefficients (grouped in the canonical structure) of mortalities of Leucoptera coffeella caused
by six neurotoxic insecticides.
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Figure 2. Ordination diagram showing discrimination of insecticide resistance between Brazilian populations of Leu‐
coptera coffeella. Spherical gray symbols are centroids of treatments and represent the average of canonical variable
classes. Large circles indicates treatment groups with no significant difference between them (approximate F test, P < 0.
05), based on the Mahalanobis distance (D2) between averages.

The semivariogram models related to the LT50 values of L. coffeella with the distance between
the sampling sites obtained for only two insecticides, the organophosphates chlorpyrifos and
the pirimiphos. The first inflection points for the models were lengths of 169 and 1,956 km for
the insecticides chlorpyrifos and pirimiphos (Figure 3). Therefore, these were the maximum
distances between the interference resistance levels of the L. coffeella sampling sites.

Our study reported high variations in the resistance ratio (RT50) of the organophosphates
profenofos (522 times) and chlorpyrifos (19 times) compared to the susceptible population of
L. coffeella. This large variation represented by RT50 indicates that populations show differences
in susceptibility and greater or lesser sensitivity to the enzyme acetylcholinesterase since
variations were observed between populations that died the fastest and those that died more
slowly.

This shows that this group of insecticides is extremely important in managing resistance
because of its intense use, with this group being highly toxic and presenting higher neurotoxic
action [19]. Many studies on resistance to the organophosphate insecticide group showed high
variation in the mortality of the resistant population compared to other lepidopteran popula‐
tions [20,21]. Extensive insecticide use in coffee crops and high death speed are among the
main factors of resistance [22]. Fragoso et al. [13] observed up to 22 applications of organo‐
phosphate insecticides, detecting high levels of resistance when larvae were kept exposed to
the discriminating concentration. These concentrations were higher than those tested for
profenofos and chlorpyrifos in our study.
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On the other hand, chlorantraniliprole, abamectin, and deltamethrin insecticides showed low
levels of RT50 variation. The result with the chlorantraniliprole insecticide was as expected
since this insecticide has only recently been commercialized [23-25] and has a highly efficient
molecule since low doses of this insecticide (31.5 g a.i. ha-1) cause high mortality to L. coffeella;
moreover, it is selective for wasps [26].

Figure 3. Semivariogram of the LT50 of chlorpyrifos, profenofos, and deltamethrin according to the distance between
sampled points from populations of Leucoptera coffeella. The first inflection point of the semivariogram curve, repre‐
sented by a down ward-pointing arrow, represents the maximum distance of interference of the resistance to the insec‐
ticides.
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Selectivity is an important factor in managing resistance in pest insects [27]. Many studies with
basic lines of susceptibility have been done with chlorantraniliprole insecticide and Lepidop‐
tera, and the observations are that populations show susceptibility with low variation in
mortality [28,29]. The insecticide abamectin is not considered old and has been effective in
controlling this pest insect, with no flaws detected in its control of L. coffeella as of yet. Despite
the abamectin insecticide not being among those at risk of resistance in L. coffeella, this
insecticide has not been studied. However, many arthropod pests have been classified as being
at risk for resistance to this group. Among them are Leptinotarsa decemlineata (Say) [30], Musca
domestica [31], P. xylostella [32], Frankliniella occidentalis [33], and Tetranychus urticae [34].
Abamectin resistance has been observed in populations of F. occidentalis [35] and Liriomyza
trifolii [36]. Deltamethrin had surprising results, with low discrepancy between the resistant
and the susceptible populations (5 times) compared to their insecticides such as thiamethoxam
(10 times) that are less used in coffee plantation. In recent years, however, the number of
pyrethroid applications in coffee production has been greatly reduced. Despite the low
resistance to pyrethroids, however, the variation has been observed in Brazil for the moth P.
xylostella [37] as well as with other pyrethroids (cypermethrin, β-cypermethrin, deltamethrin,
and esfenvalerate) in Pakistan, India, China, and Korea [38,39]. Although deltamethrin has
affected fewer Brazilian populations of L. coffeella, a difference of 5 times is cause for concern
since it should have been more effective.

Insects usually have a resistance mechanism that confers nerve insensitivity, known as
knockdown resistance (Kdr), as first reported in M. domestica (L.) (Diptera: Muscidae) [40]. This
type of resistance is found in other agricultural pests based on patterns of cross-resistance and
the absence of compound synergism that inhibits the activity of cytochrome P450 and esterase
enzymes [41].

The insecticide thiamethoxam has been frequently used and can be applied as a spray or via
the soil [42]. There are no studies of lepidopteran resistance to this insecticide. Control failures
were observed depending on the time of application, however, for example [43] observed
effectiveness of 4.1%, 50.6%, 62.1%, and 69.0%.

The grouping of populations from Rio Paranaíba, Carmo do Paranaíba, and Abaeté (Group I)
and Santa Teresa with Guaraciaba (Group II), coupled with the significant response of the
effect of distance on the LT50 of the chlorpyrifos, profenofos, and deltamethrin insecticides,
showed that resistance was affected by the collection distance of these populations since more
closely connected populations had similar resistance responses.

Studies have shown a strong relationship between collection distance and resistance patterns
[44,10,45,12]. All of these studies showed significant association of resistance with distance,
and nearby populations tended to show more similar responses, as is the case for P. xylostel‐
la (L.) (Lepidoptera: Plutellidae). Chen et al. [46] studied the resistance of pyrethroids to Culex
pipiens (Diptera: Culicidae) and found different frequencies of resistance at different locations,
ranging from 21.4% to 79.8%. Moreover, this type of response may be associated with the large
dispersal capacity of adult L. coffeella and the sampling characteristics.

Adults of L. coffeella disperse easily between coffee crops and have different densities in
different environments [47-49]. Moreover, there is a geographic corridor between the largest-
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producing Brazilian states (Figure 1). Isaaks and Srivastava [50] also found that in order to
detect differences among geostatistical studies of spatial distribution, it was necessary to collect
both near and distant samples.

We conclude that Brazilian populations of L. coffeella showed greater resistance to organo‐
phosphates. Furthermore, resistance may be associated with the distance between the pro‐
ducing regions, and local selection favored by dispersal seem important for insecticide
resistance evolution among Brazilian populations of L. coffeella and should be considered in
designing pest management programs. The insecticides that do not show mortality to L.
coffeella should be sprayed in such conditions, and a higher variety of insecticides (out of the
cross-resistance and multiple-resistance spectra) should be used in rotation to reduce the
danger of evolution of resistance.
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Abstract

Colorado potato beetle is one of the most important pests of potatoes and one of the most
difficult insects to control. Over the years, none of the control techniques developed
against this pest has provided long-term protection for potato crops. Worldwide, CPB is
resistant to all major groups of insecticides, including organophosphates and carbamates.
The target site of organophosphate (OP) and carbamate insecticides is the same; they in‐
hibit the activity of AChE. The function of acetylcholinesterase (AChE) is degradation of
acetylcholine (ACh - neurotransmitter) in the insect cholinergic synapses. Mutations in
the AChE-encoding locus have been shown to confer target site insensitivity to organo‐
phosphate and carbamate insecticides, leading to modification of AChE (MACE). A range
of other amino acid substitutions in AChE confer insecticide resistance, and these muta‐
tions typically reside near to or within the active site of the enzyme. Such AChE muta‐
tions, associated with insecticide resistance, mostly known as Ace in Drosophila, have
also been observed in other species, including L. decemlineata. Based on bioassays and
literature, modified/insensitive AChE confers two major patterns of resistance to OPs/
carbamates. Pattern I resistance is characterized by significantly higher resistance ratios
(RR) (much greater reduction in the sensitivity of AChE at the biochemical level) to carba‐
mates than to organophosphate insecticides. Pattern II resistance is characterized by re‐
sistance ratios (and/or reductions in the sensitivity of AChE) that are approximately
equivalent for both carbamates and OPs. There are also a few species for which an insen‐
sitive AChE has been reported and for which molecular data have been collected, but for
which the resistance profiles for both OPs and carbamates have not been reported. For
CPB, both patterns were registered.

Keywords: Leptinotarsa decemlineata, Colorado potato beetle, AChE, enzyme activity, re‐
sistance, insecticide, metabolism
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1. Introduction

Colorado potato beetle – CPB (Leptinotarsa decemlineata Say, Coleoptera: Chrysomelidae) is
an oligophagous species that attacks numerous plants of cultivated and spontaneous flora in
the Solanaceae family in North America, Europe, and parts of Asia [1, 2, 3]. Within the genus
Leptinotarsa, the Colorado potato beetle has the widest host range, feeding on at least 10 species
of wild and cultivated solanum [4]. Defoliation of potatoes, which is most intense during the
bloom, makes huge losses in tuber yield, depending on the growth stage [5].

From the botanical aspect, the potato, Solanum tuberosum L., is a perennial plant, yet in practice
it is often grown as an annual plant due to its vegetative method of propagation. The potato
is a crop of the Western Hemisphere. It first appeared in Europe in 1573 in Spain, and in 1586
it reached England and Ireland. In Western Balkan, the potato did not come until 1759, when
it arrived in Banat region. It is the third-largest crop in our country when it comes to growing
areas, right after the maize and wheat. However, the total number of areas under potatoes is
declining, which is a general tendency in Europe [6].

The potato is in all stages of its vegetation period susceptible to pests, the most important of
which is the Colorado potato beetle (CPB). In Balkan region, this pest can also be found on
tomatoes, aubergines, and peppers, or buttercups – when it comes to plants from spontaneous
flora. Colorado potato beetle is a limiting factor to potato production in our region and in the
rest of the world, while in some regions it is also a harmful pest of tomatoes and aubergines.
In our conditions, CPB produces two generations per year (as well as incomplete 3rd genera‐
tion), thus ensuring large populations for which 3-4 control treatments per year are necessary.
Although there are some alternative methods [7], conventional insecticides are still most
important in CPB management.

Adults can overwinter in the soil at the depth of 7.5–12.5 cm. After emerging from the soil in
spring, they spread by walking and flying on adjacent fields, where they immediately start to
feed on host plants. After 5–10 days, females lay eggs (in clusters of 20–60 eggs) on the
underside of leaves. In laboratory conditions, females live for 120 days, and their maximal
fecundity is over 4,000 eggs [1]. The eggs are hatched simultaneously, and the hatched larvae
immediately start to feed. Larval development (four stages) lasts for 10–20 days, depending
on temperatures. Feed consumption depends on plant hosts, and for one plant host it is
relatively constant in all larval stages. Defoliation of potatoes, most intensive during the
flowering period, makes great losses in tuber yields [8, 9, 5]. Considerably lower yields were
a result of strong defoliation (20%) few weeks before harvest [10]. After feeding has stopped,
the fourth instar larvae drop from the plant, burrow into the soil, and pupate. Imagoes eclode
in the ground, from where they emerge, find the closest plant host, and start to feed. Depending
on a number of factors (temperature, photoperiod, and the state of the plant host), imagoes
mate and produce a new generation of beetles, fly to other fields or stop feeding and enter
diapause [1].

Remarkable ability of CPB has to adjust to adverse environmental conditions, manifested in
its resistance to insecticide, which results in increased costs of potato production, environ‐
mental pollution, and a disturbance in biocenotic balance. A whole series of resistance
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mechanisms, such as lower permeability, enhanced metabolism of insecticides, change in
target-site sensitivity, and change in behavior, make CPB very difficult to manage [11]. It has
developed resistance to all classes of insecticides, rapidly shortening the period of resistance
to new insecticides. The resistance of CPB to toxicological, biochemical, and genetic methods
have been studied by numerous authors worldwide. A well-designed program of CPB
management may protect crops successfully and extend the period of insecticide use. One of
the basic measures of integrated pest management is resistance monitoring [6, 12].

2. Management of Colorado potato beetle

Rapid adjustment to new biotic and abiotic conditions is highly present within CPB popula‐
tions. As a result, it is considered to be the most serious defoliator pest of potatoes in the world
[11]. Nontreated pest populations can defoliate and completely destroy yields in the period of
tuber formation [1]. Before CPB, we did not have a pest able to seriously harm potato crops.
After coming to a new habitat, this pest finds conditions favorable for life and reproduction,
which enables them to occur permanently and at a massive scale. The destructive activity of
this pest is such that potato crops would be destroyed without efficient protection [13].

In most regions with dense CPB populations, chemical treatments are still the number one
method in potato protection, considering that alternative measures are not efficient enough
[11]. Most potato protection programs require decreasing CPB populations at the beginning
and middle of the vegetation period, and tolerating higher populations at the end of the
vegetation period. In general, the goal of such programs is to limit total defoliation to 10–25%
during the most critical periods of potato development. Without chemical treatments, yield
losses would amount to 74% [6].

In Balkan region, potatoes are treated with insecticides 3–4 times per year to ensure normal
yields [14]. CPB management costs potato growers hundreds of million dollars a year [2]. Large
numbers of pesticides from different chemical classes have been used so far to manage CPB,
such as insecticides from the class of chlorinated hydrocarbons, organophosphates, carba‐
mates, pyrethroids, nereistoxins, insect growth regulators, neonicotinoids, as well as bacterial
products, GMOs, products of plant origin (azadirachtin), etc. Over the last few decades, only
a few insecticides in our country have been satisfactorily efficient [15, 16, 17, 18].

3. Brief overview of CPB resistance

CPB has an amazing ability to adjust to toxicants from different chemical classes [19], by
developing a range of different resistance levels to all classes of insecticides applied to manage
this pest [1, 20, 21, 22, 23, 24]

The use of DDT and other organochlorine insecticides was efficient after World War II. The
first information on DDT resistance dated back to early 1950s, specifically to 1952, reported by
Quinton [19] and Hoffmaster and Waterfield [25]. Since then, CPB has developed resistance
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to a wide range of insecticides, including arsenic compounds, organochlorine compounds,
carbamates, organophosphates, and pyrethroids [1, 19] and more recently to neonicotinoids
[13, 23, 26, 27, 28, 29]. Experimental proofs on development of resistance to Bacillus thuringien‐
sis products and to transgenic plants, were also obtained [19, 30, 31]

In Balkan region, a significant level of CPB resistance was detected in 1967 to insecticides from
the class of chlorinated hydrocarbons [32], which was proved for most localities of ex-
Yugoslavia [33], where the resistance to organophosphorus insecticides and carbamates was
detected in some CPB populations. Studying CPB resistance was continued in the years to
follow [34, 35]. Remarkably high levels of resistance of the fourth instar larvae to quinalphos
and carbaryl were recorded [36, 37]. Research on insecticide resistance level of CPB to most
commonly used insecticides is ongoing [6, 17, 18, 38].

The rate of resistance development increases progressively with the introduction of new,
synthetic insecticides. When it comes to pyrethroids, this resistance occurred 2–4 years after
pyrethroids were put into practice and widely used. Physiological and genetic mechanisms of
CPB resistance have been little studied. It is expected that in the future CPB will develop
resistance to all newly introduced insecticides [1].

4. Insect resistance to insecticides

According to IRAC (Insecticide Research Action Committee), resistance may be defined as “a
heritable change in the sensitivity of a pest population that is reflected in the repeated failure
of a product to achieve the expected level of control when used according to the label recom‐
mendation for that pest species.”

Cross-resistance may be described as an ability to simultaneously develop tolerance to
substances they have never been exposed to (resistance to one insecticide confers resistance to
another, newly introduced insecticide). Due to large populations and numerous descendants
(they breed quickly), there is always a risk that insecticide selection pressure will ultimately
result in insecticide resistance. Insecticide resistance may evolve rapidly, especially when field
application of insecticides is misused or overused.

The resistance occurs with behavior change, when the insects avoid contacts with the toxicant
[39], or physiological change [40], where they survive toxicant exposure. Most important
mechanisms of resistance are reduced cuticle penetration, increased excretion, increased
metabolic detoxification and altered target-site sensitivity. Knowing molecular basis for
emergence and development of resistance is very important for developing appropriate
measures and strategies to slow down the resistance [41].

There is never only one cause of resistance. Hence, regardless of the type, the cause of resistance
to different pesticides can vary from substance to substance.

According to Hassall [42], factors that lead to resistance are:

1) morphological, 2) physiological and biochemical, and 3) behavioral.
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4.1. Morphological changes

Such changes lead to a reduction of the amount of a pesticide that comes into an insect’s body
in a unit of time, compared to the amount that comes into the body of a susceptible insect. The
change in lipid content of the insect’s cuticle can result in reduced absorption, as a factor for
overall resistance development. This so-called penetration resistance is quite significant since
it often goes along with other resistance mechanisms, enhancing their effect. In its simplest
form, this can be explained by the fact that different speed of intake is a factor that, combined
with excretion, provides a high level of resistance, even during usual enzyme activity [43].

4.2. Metabolic changes

Populations of resistant insects may detoxify or destroy the toxin faster than susceptible
insects, or quickly rid their bodies of the toxic molecules. This type of resistance is the common
mechanism and often presents the greatest challenge. Resistant populations may possess
higher levels or more efficient forms of these enzymes. In addition to being more efficient,
these enzyme systems also may have a broad spectrum of activity (i.e., they can degrade many
different insecticides).

Changes in insect metabolism could be manifested as:

• Change in metabolic rate of a certain insecticide. Resistant strains increase the amounts of
enzymes or their activity (a wide range of impact). These changes come as a result of the
organism’s reaction to stimulants. When it comes to transcription control, the metabolism
is reformulated in order to increase the level of transcription, which leads to better supply
of enzymes (gene amplification, P450 for example).

• Loss of sensitivity of the target-site, receptors, or enzymes as a responsive reaction to a
stimulant, or a change in transcription control, i.e., change in encoding gene expression (in
structural genes, direct change occurs in the structure of the enzymes, i.e., there are different
forms of P450, ALiE, GST, AChE) [44].

4.2.1. Gene amplification

Gene amplification is the multiple copying of structural genes that manage the synthesis of
enzymes, thus ensuring hundreds of copies of structural genes. Increased detoxification can
be a result of better supply of enzymes, and this quantitative increase is caused by gene
amplification [45]. Gene amplification has been determined as a key factor for increased
esterase production or change in sensitivity of AChE and Na+ channels (the target-site of 90%
of insecticides), but not GST [46].

In the first stage, the metabolism of insecticides is manifested through many reactions, most
important of which are oxidation, reduction, and hydrolysis. In the second stage, conjugates
are formed, which are practically nontoxic. Selective toxicity of insecticides mostly comes from
the balance of the reactions included in activation and detoxification [6].
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4.2.1.1. Oxidative processes

Oxidative processes have a dominant role in the metabolism of insecticides present in living
organisms. These reactions are catalyzed by enzymes of multifunctional oxidases (MFO) or
mono-oxygenises, located in the endoplasmic reticulum, i.e., in microsoms. Cyt P450 is the
active center of MFO. MFO mechanism has evolved due to the need of living organisms to
protect themselves from many natural toxicants they are constantly exposed to [47, 48]. It is
clear that several forms of Cyt P450 exist both in resistant and susceptible strains, while there
is a quality difference in different strains [49].

MFO activity of CPB (epoxidation, N- and O-demethylation) is 2–3 times higher in resistant
species than in susceptible species. Resistant species have two different types of mfo. Type 1
mfo provides resistance to permethrin, and weak cross-resistance to azinphosmethyl and
carbofuran. Type 2 provides resistance azinphosmethyl and carbofuran, but not to perme‐
thrin [50]. This mechanism is comprised in the resistance of CPB larvae and adults to imidaclopr‐
ide [29].

4.2.1.2. Hydrolytic processes

Insecticide detoxification primarily unfolds through molecule hydrolysis on different sites,
thereby breaking ester, carboxyl-ester, amide, and other chemical bonds. Pyrethrins, pyreth‐
roids, organophosphates, carbamates, and other insecticides are degraded by hydrolysis. This
is the basis for the selective effect of insecticides and for insects’ resistance mechanisms. The
most important hydrolytic enzymes are phosphoric triesters and carboxylesterases (ALiE
esterases, nonspecific or B-esterases) [50].

Esterase-related insect resistance is based on the following:

• Increase in the total amount of esterase – by altering regulatory genes or regulatory loci
combined with structural genes, which results in change in enzyme synthesis in the
organism [51] or amplification of genes responsible for DNA methylation.

• Change in their activity – by altering structural genes that directly determine the nature of
enzymes.

The impact of nonspecific esterase on the level of resistance to carbamates has not been
confirmed [52], which was also [36] indicated in the case of CPB. The role of esterase in CPB
resistance was confirmed [29, 36, 53].

4.2.1.3. Conjugation processes

Forming of conjugates almost always implies detoxification, but sometimes there are some
cases of toxicant reactivation. The most important conjugation reactions are: glutathione
conjugation, glucoside or glucuronide conjugation and amino acids conjugation. A change in
GST activities depends on modifying a series of enzymes, rarely on only one enzyme, as in
esterase. In this class of enzymes, there is no proof that enzyme amplification and resistance
are related [54]. When determining the amount of GST-metabolite of azinphosmethyl in
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resistant CPB strains, no direct impacts of GST to resistance were found. The authors think
that the share of GST in total resistance is manifested through the transformation of toxic
oxidative metabolites of azinphosmethyl, whose levels are higher in resistant strains [46].

4.2.2. Change in target-site sensitivity

There are four basic groups of macromolecules, depending on the neurotoxic insecticide target-
site:

Target-site Active ingredient

Acetylcholinesterase (AChE) Organophosphates, carbamates

Na+ channels Pyrethroids, DDT

GABA receptors Lindane, cyclodienes, fipronil

ACh receptors Neonikotinoides, nereistoxins

4.2.2.1. Acetylcholinesterase (AChE)

AChE is a target-site for organophosphate and carbamate insecticides. The structure of AChE
has undergone some changes that resulted in different levels of transformation of differently
structured AChEs. Modified forms of AChE differ among species. As a result, many different
forms of cross-resistance are possible [42]). It is important to determine kinetic constants,
especially Michaelis constant (Km). It is a constant that measures the enzyme’s affinity toward
the substrate (ACh, butyrylcholine, and ATCh). During the 1980s and 1990s, some authors [42,
55, 56, 57] indicated that altered AChE causes the resistance to carbamates and organophos‐
phate compounds.

Studies on resistance to organophosphates and carbamates have shown that AChE activity of
CPB is quite pronounced and easily measured. The AChE activity of the fourth instar larvae
was determined by measuring the absorption, at 585μm wavelength. Total AChE activity was
correlated with the determined resistance to carbamate insecticides [36].

4.2.2.2. Na+ channels – Sodium channels

In some cases where resistance cannot be explained by other causes, one can assume there has
been a modification in the target-site structure. The exception is the resistance of flying insects
that can lead to diminishing of the knockdown effect. In houseflies, this property is carried by
the kdr gene and it can be associated with the alternation of receptors in the nerve cell
membrane. Pyrethroids can predominantly affect synaptic sites, which are less sensitive in
resistant housefly strains. There is some evidence that the term “change in target-site sensi‐
tivity” was coined to explain the kdr resistance factor [58, 59, 60]. The target-site inactivity of
motor nerves' ends to permethrin and deltamethrin is also proved. The insensitivity of binding-
site of resistant strains can be a result of multiple insecticide receptors. It is also possible that
weakened binding can be a result of structural changes in proteins or changes in the structure
of lipids adjacent to ion pumps in kdr-resistant strains, which can cause minor problems in the
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mechanism of the ion pump or diminish the process of repetitive polarization, typical for
unchanged receptors. It is not clear whether the changes detected in lipid structures of neural
membranes of kdr and super-kdr strains of houseflies are a factor that reduces the sensitivity
of Na+ channels or these are just compensation changes, necessary for normal functioning of
modified Na+ channels [56, 61], as a cause of pyrethroid resistance, which point out changes
in the target-site (modification of Na+ channels), detoxification increased by oxidation,
hydrolysis, and specific proteins.

4.2.2.3. GABA receptors

By using subcellular products of the neural tissue of insects, several studies have shown that
cyclodienes and lindane have a neurotoxic impact by blocking the GABA receptor complex.
Studies on brain tissues of cockroaches showed that resistant strains had 90% lower sensitivity
of GABA receptors to cyclodienes. It was found that mutations of Rdl-genes that encode the
GABAa receptor subunit caused the resistance of Hypothenemus hampei Ferrari to endosul‐
phan [62].

4.2.2.4. ACh receptors

Acetylcholine (ACh) is a neurotransmitter that regulates a large number of vital functions. Its
activity is enabled by two types of postsynaptic ACh receptors (muscarinic and nicotinic –
nAChR). Nicotinic receptors mainly act as ACh activity modulators [63, 64]. The activity of
insecticides is manifested through nAChR activation or blocking. The basic structure of nAChR
consists of five protein subunits, mostly two identical alpha-subunits and three beta-subunits
that give it a pentagonal shape. So far, scientists have detected ten different nAChR genes in
insects. The number of nAChR genes implies there are much more nAChR protein subunits,
whose main role is recognition when binding the receptor on one side and ACh or insecticide
on the other side [65].

Every modification in the protein structure, even the smallest one, can reduce the affinity of
nAChR. This mechanism can be a reason for reduced CPB sensitivity to imidacloprid when
oxidative and hydrolytic enzymes are blocked [29].

4.3. Behavioral changes

This type of resistance implies the evolution of behavior, manifested in reduced exposure to
toxic compounds or in the insect’s ability to survive in toxic or some other kind of fatal
environment. Flying insects can acquire the instinct not to dwell long on contaminated surfaces
[42]. This resistance mechanism has been recorded for many insecticide classes [66]. Insects
simply stop feeding or leave the treated surface.

In CPB, where management is increasingly based on growing transgenic potatoes that contain
Bacillus thurigiensis δ- endotoxin, the correlation between these two resistance mechanisms
is very significant. More pronounced physiological resistance was recorded [67] in the larvae
that avoided transgenic potato crops [31] grown in the same field with nontransgenic potato
crops.
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4.4. Cross-resistance and multiresistance

Insect populations exposed to certain insecticides have an ability to simultaneously develop
tolerance to other substances they have never been exposed to. Insecticide resistance is model
of rapid evolution within populations and typical example of directional selection. Eradication
of susceptible genotypes from field populations increases both the frequency of resistant genes,
which became dominant especially in the absence of susceptible insect refugees, and the
application dose of insecticide, needed to keep pest below economically damaging levels. Same
physiological or biochemical mechanisms of resistance to one group of insecticides, in some
cases, leads to resistance to insecticides from other group/class; such phenomenon is com‐
monly known as cross-resistance [4].

Cross-resistance enables resistant insects to survive the exposure to insecticides with similar
chemical composition to the one they are resistant to. In general, cross-resistance results in
detoxifying or changing sensitivity to common biochemical and physiological damage. It also
happens when one enzymatic system detoxifies more than one class of insecticides [68]. Hence,
cross-resistance does not necessarily spread to all members of the same group of insects or it
is limited to only closely related pesticides. Similarities in their mode of action or, sometimes
the similarity of their enzymatic systems, are more important for their degradation.

On the other hand, multiresistance is resistance to insecticides from different classes. It
depends on different mechanisms, so insects can develop resistance to a large number of
insecticides from different classes, regardless of their chemical structure. Each new insecticide
can cause one or more resistance mechanism to develop, and each developed mechanism
results in resistance to similar insecticides. Multiresistance can occur when the organism
develops more than one mechanisms of resistance, such as change in AChE sensitivity
combined with multienzymatic detoxification, as in the case of organophosphates [68]. Rapid
development of multiresistance is the most important reason why organisms quickly become
resistant to new compounds introduced to replace inefficient insecticides, which is a result of
persistent R-genes and their interactions manifested in several mechanisms of resistance [69].

Recorded cases of negative cross-resistance are very important. Increased resistance to one
compound can lead to increased susceptibility to another [70]. Negative cross-resistance has
still not been commercially exploited in field conditions, but knowledge on this mechanism
can potentially be very important in practice.

Cross-resistance limits the choice of available insecticide, whereas multiresistance represents
a rapid overview of insecticide selection that prevents us from reusing insecticides on resistant
species for a longer period [69].

5. Role of AChE in Colorado potato beetle resistance to carbamates and
organophosphates

Organophosphates and carbamates are neural toxins, characterized by high toxicity and a
quick action. They act inhibitory on acetylcholinesterase (AChE), during neural transmis‐
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sion.  Organophosphates  phosphorylate  enzymes,  whereas  carbamates  form  an  enzyme-
inhibitor complex. The forming of this complex is not irreversible but the reactivation rate
is  105–106  slower  when compared to  a  similar  reaction  in  case  of  ACh and AChE.  The
enzyme cannot disintegrate new ACh. Although organophosphates and carbamates have a
similar mode of action, there are also some pronounced differences between them, mainly
as a result of different binding site in the active center and due to different geometries of
nucleophilic attack [71].

Acetylcholinesterase (AChE; EC 3.1.1.7) is a key enzyme in the nervous system (55), terminat‐
ing nerve impulses by catalyzing the hydrolysis of the neurotransmitter acetylcholine.
Carboxylesterases belong to a multifunctional carboxylesterase/cholinesterase superfamily
(CCE). They are ubiquitous in most living organisms, including animals, insects, plants, and
microbes. CCEs, regarding their physiological and biochemical functions could be divided in
three groups: dietary/detoxification, hormone/semiochemical processing, and neurodevelop‐
mental [72]. AChE is the major target for organophosphate and carbamate insecticides, which
inhibit enzyme activity. Such inhibition of AChE causes excessive excitement in nerves, a
blockage of neurotransmission, and the death of insects. Insensitivity of AChE to organophos‐
phates and carbamates is one of the important mechanisms for insecticide resistance. Changes
in AChE lead to an efficient mechanism of resistance to OP and carbamate insecticides and
that is site insensitivity at the target enzyme, acetylcholinesterase (AChE) [73, 74].

For testing the resistance to organophosphates and carbamates, caused by altered AChE, the
determination of kinetic constants, especially the Michaelis-Menten constant (Km) is of great
importance. It measures the affinity of the enzyme to its substrate [42].

The first case of AChE with decreased susceptibility to pesticides was described by Smissaert
in 1961 [75]. Ioannidis et al. [76] first characterized a field population of the carbofuran-resistant
CPB. The resistance was determined to be autosomal and monofactorial, leading to a decrease
in AChE sensitivity to carbofuran inhibition. A study of a crude enzyme preparation [77]
showed that AChE from the AZ-R strain had a 2.4-fold reduction of affinity to acetylthiocholine
(ATCh) compared with AChE from a susceptible (SS) strain.

As previously recorded, altered acetylcholine esterase plays a critical role in resistance to
organophosphates and carbamates [76, 78, 79]. The measurement of AChE activity is com‐
monly used as a biomarker of exposure to different pesticides [80]. Kinetic analysis of AChE
was used to explain the resistance of some insect strains and the selectivity of some organo‐
phosphate and carbamate insecticides. A lot of different studies have described CPB resistance
to OPs and CBs [46, 77, 81, 82]. Azinphosmethyl resistance has been reported in CPB; high
level of resistance (136-fold) in a nearly isogenic CPB strain (AZ-R) was due to multiple
resistance mechanisms, including reduced penetration, enhanced xenobiotic metabolism, and
target site insensitivity [83]. Russel et al. [84] suggest that interspecific comparisons of bioassay
and biochemical data suggest two major patterns of resistance to OPs/CBs resulting from an
insensitive AChE: Pattern I resistance, which is generally more effective for carbamates, and
Pattern II resistance, at least as effective for organophosphates as it is for carbamates and may
even be specific to organophosphates in some cases.
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(CCE). They are ubiquitous in most living organisms, including animals, insects, plants, and
microbes. CCEs, regarding their physiological and biochemical functions could be divided in
three groups: dietary/detoxification, hormone/semiochemical processing, and neurodevelop‐
mental [72]. AChE is the major target for organophosphate and carbamate insecticides, which
inhibit enzyme activity. Such inhibition of AChE causes excessive excitement in nerves, a
blockage of neurotransmission, and the death of insects. Insensitivity of AChE to organophos‐
phates and carbamates is one of the important mechanisms for insecticide resistance. Changes
in AChE lead to an efficient mechanism of resistance to OP and carbamate insecticides and
that is site insensitivity at the target enzyme, acetylcholinesterase (AChE) [73, 74].

For testing the resistance to organophosphates and carbamates, caused by altered AChE, the
determination of kinetic constants, especially the Michaelis-Menten constant (Km) is of great
importance. It measures the affinity of the enzyme to its substrate [42].

The first case of AChE with decreased susceptibility to pesticides was described by Smissaert
in 1961 [75]. Ioannidis et al. [76] first characterized a field population of the carbofuran-resistant
CPB. The resistance was determined to be autosomal and monofactorial, leading to a decrease
in AChE sensitivity to carbofuran inhibition. A study of a crude enzyme preparation [77]
showed that AChE from the AZ-R strain had a 2.4-fold reduction of affinity to acetylthiocholine
(ATCh) compared with AChE from a susceptible (SS) strain.

As previously recorded, altered acetylcholine esterase plays a critical role in resistance to
organophosphates and carbamates [76, 78, 79]. The measurement of AChE activity is com‐
monly used as a biomarker of exposure to different pesticides [80]. Kinetic analysis of AChE
was used to explain the resistance of some insect strains and the selectivity of some organo‐
phosphate and carbamate insecticides. A lot of different studies have described CPB resistance
to OPs and CBs [46, 77, 81, 82]. Azinphosmethyl resistance has been reported in CPB; high
level of resistance (136-fold) in a nearly isogenic CPB strain (AZ-R) was due to multiple
resistance mechanisms, including reduced penetration, enhanced xenobiotic metabolism, and
target site insensitivity [83]. Russel et al. [84] suggest that interspecific comparisons of bioassay
and biochemical data suggest two major patterns of resistance to OPs/CBs resulting from an
insensitive AChE: Pattern I resistance, which is generally more effective for carbamates, and
Pattern II resistance, at least as effective for organophosphates as it is for carbamates and may
even be specific to organophosphates in some cases.
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The role of acetylcholinesterase (AChE) as the primary mechanism for removing the excitatory
neurotransmitter, acetylcholine (ACh), from cholinergic synapses and its role as the target site
for organophosphate and carbamate inhibitors and accumulation of ACh that results from the
inhibition of AChE leads to the prolonged stimulation and, in many cases, the desensitization
of the ACh receptors, eventually to severe neurological disruption, and ultimately to death
[85]. Since AChE causes death, irreversible inhibitors have been developed as insecticides:
organophosphates and carbamates. They have similar properties to acetylcholine but are
hemisubstrates ultimately leading to irreversible inhibition of the enzyme. This inhibition
leads to an accumulation of acetylcholine in the synapses (active site of the enzyme is therefore
occupied and incapable of hydrolyzing its normal substrate) which in turn leaves the acetyl‐
choline receptors permanently open, resulting in the death of the insect [75].

CPB populations resistant to azinphosmethyl contained two mutations in the AChE (S291G
and R30K), which made the enzyme less sensitive to azinphosmethyl and carbofuran [73, 86].
In the strain resistant to carbofuran, the presence of two mutations (I392T and S291G) did not
result in resistance, but the presence of just one (S291G) conferred high resistance to carbofuran
and medium resistance to azinphosmethyl [73]. Compared to the susceptible strain, due to
altered acetylcholine esterase, strain resistance to azinphosmethyl had a reduced substrate
affinity for ATCh and azinphosmethyl oxon [87]. Modifications in acetylcholine esterase,
resulting in resistance, may be selective. It was found that while one resistant strain was highly
insensitive to arylcarbamates, another strain with the same affected enzyme was highly
insensitive to organophosphates, but not arylcarbamates. Such changes in AChE made yet
another resistant strain more sensitive to α-chaconine, a glycoalkaloid present in potatoes and
an inhibitor of AChE. Additionally, modified AChE also had increased sensitivity to tomatine,
which is also glycoalkaloid present in tomatoes [78].

Zhu and Clark [77] demonstrated that the less bulky substrates, such as ATCh, interact poorly
with AChE from the AZ-R strain than AChE from the SS strain of CPB. Such structure–activity
relationships may be an indication that a similar alteration in amino acid residues has taken
place in the acyl pocket size in AChE from the AZ-R strain and has resulted in the altered
substrate and inhibitor profile.

The target site of organophosphate (OP) and carbamate insecticides is the same; they inhibit
the activity of AChE. The function of acetylcholinesterase (AChE) is degradation of acetyl‐
choline (ACh – neurotransmitter) in the insect cholinergic synapses. Mutations in the AChE-
encoding locus have been shown to confer target site insensitivity to organophosphate and
carbamate insecticides, leading to modification of AChE (MACE). A range of other amino acid
substitutions in AChE confer insecticide resistance, and these mutations typically reside near
to or within the active site of the enzyme. Such AChE mutations, associated with insecticide
resistance, mostly known as Ace in Drosophila, have also been observed in other species,
including L. decemlineata. Based on bioassays and the literature, modified/insensitive AChE
confers two major patterns of resistance to OPs/carbamates [84]. Pattern I resistance is
characterized by significantly higher resistance ratios (RR) (much greater reduction in the
sensitivity of AChE at the biochemical level) to carbamates than to organophosphate insecti‐
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cides. Pattern II resistance is characterized by resistance ratios (and/or reductions in the
sensitivity of AChE) that are approximately equivalent for both carbamates and OPs. There
are also a few species for which an insensitive AChE has been reported and for which molecular
data have been collected, but for which the resistance profiles for both OPs and carbamates
have not been reported. For CPB, both patterns were registered.

In a few cases of each pattern, gene sequencing has identified the molecular nature of the
alteration leading to the lowered sensitivity to inhibitors. Although it is not possible yet to
relate with full confidence the mechanism by which these structural changes alter sensitivity
to inhibitors. Pattern I mutations may involve changes in the active site, such as a common
Gly^Ser mutation in the oxyan–ion hole, whereas Pattern II changes may result in a constriction
of the cleft leading to an active site that limits the access of inhibitors and, presumably, of ACh
itself. Insensitivity to inhibitors may be accompanied by a reduced ability to hydrolyze ACh.
Whether this is always deleterious to the organism is unclear since it is generally considered
that, as in vertebrates, AChE is present in insects at a level considerably in excess of that needed
for basic neurological functions under normal physiological conditions.

Biochemical studies using an affinity-purified AChE from the SS strain established that the
AChE associated with CPB possessed typical characteristics of other AChEs and consists of
two different molecular forms: the major form (92%) was a hydrophilic dimer, whereas the
minor form (8%) was an amphiphilic dimer. Both molecular forms had virtually identical
molecular weights and isoelectric points. Amino acid analysis indicates that the mole percen‐
tages of amino acids of the AChE from CPB were highly comparable to those previously
reported for AChE from Drosophila [77].

According to Zhu and Clark [77], affinity (Km) and hydrolyzing efficiency (Vmax) of AChE
purified from a near-isogenic azinphosmethyl-resistant (AZ-R) strain of CPB to selected
substrates, including acethylthiocholine, acetyl-(5-methyl) thiocholine, and propionythiocho‐
line, were lower than those of AChE purified from a susceptible (SS) strain. AChE from the SS
strain was significantly inhibited by higher amounts of acethylthiocholine and acetyl-(fj-
methyl) thiocholine, whereas AChE from the AZ-R strain was activated by higher amounts of
all four substrates examined.

Finally, it is important to notice results on toxicological tests and measuring activity of AChE
of CPB populations in Serbia, resistant to OPs and carbamates [88]. The order of resistance
levels for OPs and carbamates was completely opposite. Experiments showed that acetylcho‐
linesterase (AChE) activity of CPB was very pronounced and easily measured. At a constant
AChE concentration, increasing the substrate concentration will cause a positive, linear, and
dependent increase in the reaction. The same applies in the reaction with constant substrate
concentration and increased enzyme concentrations. AChE activity is significantly affected not
only by location, but also by substrate concentration (acetylthiocholine iodide ATChI).
Considering that ATChI (substrate) in increased concentrations inhibits normal AChE activity,
it can be concluded that altered AChE affected the change in the population order. The total
AChE activity is in correlation with the determined resistance to carbamates.
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6. An integrated approach to CPB control

The IRAC recommendation [89] is that the most effective strategy to combat insecticide
resistance is to do everything possible to prevent it from occurring in the first place. It is
recommended to develop and apply IRM (Integrated Resistance Management) programs as
one part of a larger IPM program. Field researchers and entomologists should be focused on
three basic components: pest monitoring, economic injury levels, and integration of multiple
control strategies. It is essential to widely implement Economic Thresholds (ET) (use of
insecticides only if pest populations are able to cause economic losses that exceed the cost of
the insecticide plus application, or where there is a threat to public health). Integrated Control
Strategies: Incorporate as many different control strategies as possible including the use of
synthetic insecticides, biological insecticides [90, 91, 92, 93, 94], beneficial insects (predators/
parasites) [2, 95], cultural practices, transgenic plants (where allowed), crop rotation, pest-
resistant crop varieties, and chemical attractants or deterrents [96, 97, 98, 99, 100].

Applications of insecticide must be timed correctly, targeting the most vulnerable life stage of
the insect pest. The use of spray rates and application intervals recommended by the manu‐
facturer and in compliance with local agricultural extension regulations is essential.

Integrated pest management (IPM), with the reduced application of synthetic insecticides, has
an increasing need for alternative methods of plant protection. Together with systematic
insecticide resistance monitoring [6, 12, 89], application of plant extracts with antifeedant and
repellent effects could be one of the tools in efficient IPM program [101, 102, 103].

According to Boiteau [7], our understanding of the potato ecosystem and a number of
preventive and curative control methods is sufficient to undertake a holistic approach to insect
pest management. The harmonization of concepts should stimulate the integration of insect
control methods beyond the level of the single pest. The greatest challenge is to bring together
bad and good control methods, as well as conventional and sustainable (or organic) crop
protection. This will require learning how to manage the unpredictability (uncertainty) of
ecologically based IPM methods. Active adaptive management (AAM) is one approach that
has been suggested to manage the different types of uncertainty [104]. Research and openness
to new ideas will be essential for harmonization of the different insect control approaches and
potato crop protection systems [7].
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Abstract

Spirotetramat is an insecticide derived from tetramic acid, a systemic material, for
the control of sucking insects in their juvenile, immature stages, including aphids,
scale insects, and whitefly. It produces growth inhibition of younger insects, re‐
duces the ability of insects to reproduce, resulting in mortality. It acts to inhibit the
biosynthesis of lipids and represents a new alternative for the control of problemat‐
ic insects such as Planococcus ficus and Aphis gossypii. After a foliar application of
spirotetramat, it enters the plant and transforms to its metabolite enol, along with
the metabolite ketohydroxy, which are the two main products of degradation.

Studies on the 90% degradation (DT90) in the soil under field conditions demon‐
strates the velocity of dissipation of spirotetramat and its main metabolites,
BYI08330-enol and BYI08330-ketohydroxi, was from 1.1 to 3.5 days and from 16.7 to
77.8 days, respectively. Given these results, ground water contamination by spirote‐
tramat is not very probable, and there is no evidence of accumulation in the soil or
in the air. Spirotetramat has been used by itself for the control of aphids in grape‐
vine, and combined with imidacloprid in walnut; a reduction in the control efficien‐
cy of spirotetramat alone, possibly due to a change in the aphid population genetic
makeup of the population, which resulted in a higher tolerance to the control dose
was observed. However, when combined, it was possible to achieve up to 90% con‐
trol 5 days after application. For this reason, it is important to establish a permanent
sampling program for insects, and to apply insecticides only when the insects reach
the action threshold; to prevent resistance building up, it is recommended to use
materials with different modes of action, insecticide rotation, or alternative com‐
pounds.

Keywords: Spirotetramat, systemic, sucking pests, tetramic acid, degradation
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1. Introduction

On a worldwide level, farmers' crops are being attacked by a wide variety of insect pests, these
results in increased costs of production and can even result in the total loss of the crop. For
this reason, there is a constant search for compounds or formulations for the control of new
pests or for those that have developed resistance. The pesticides that are effective and are also
environmentally friendly are highly valued; these versatile products are able to be part of the
best agricultural practices and biological control leading to an integrated pest management
program without the need for compounds that also harm non-target organisms. Based on the
need to offer new and better products, in 2008 Bayer synthetized from tetramic acid a com‐
pound that had already demonstrated insecticidal properties, a new compound called
spirotetramat [1].

Spirotetramat acts as an inhibitor of the biosynthesis of lipids and represents a new alternative
for the control of problematic insects, such as apple wholly whitefly and whitefly biotype Q,
which cause severe damage in agricultural crops and have developed resistance to the
commonly used pesticides used for their control [1, 2]. For these reasons, this research was
initiated into a review of the origin and chemical properties of spirotetramat, looking into
possible uses, its fate in the environment (soil, air, and water), its metabolism in plants, and
the possibility of developing resistance.

2. The origin of spirotetramat

Evidence exists indicating that compounds derived from the structural unit of tetramic acid
have biological activities across a wide spectrum; antibiotic tirandamicin A and the phytotoxin
of tenuazonic acid are examples of this type of compounds found in nature [3]. Furthermore,
there are synthetic compounds that are utilized as herbicides and insecticides as in the case of
spirotetramat (commercial name Movento®) developed by Bayer CropScience as an insecti‐
cide [3, 4]. The discovery of this compound came about through research into improving
myticide and herbicide activity by Bayer with compound derived from tetramic acid. As a first
step in this research, compounds were synthesized with the Bucherer-Bergs reaction of
tetramic acid (compound 1a in Figure 1] and its acetyl derivative (compound 1b in Figure 1),
splitting the 1-amino-4-methyl-carboxylic acid methyl ester cyclohexane. According to the
research, they observed a significant improvement in herbicidal activity in comparison with
analogous compounds where spirocyclic were not substituted. In another research, t they also
reported that the compound 1b demonstrated excellent myticide activity and was highly
effective against the aphid Myzus persicae [5].

Previous evaluations in the investigation led to derivatives of spirocyclic tetramic acid alkoxy-
substituted. In this case, the mechanism is the synthesis of Strecker and the splitting of the 4-
metoxy-1-amino-ciclohexane-carbonitrile (compound 2 in Figure 2) and they were able to
obtain and isolate isomer mixes; the least present isomer had good control of Myzus persicae,
which at that time was close to the efficacy of the best aphicide, imidacloprid. However, the
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results demonstrated a disadvantage in that they saw an increase in the herbicidal activity of
the sample [5].

Figure 2. Molecular structure of spirotetramat.

3. Pest control

Spirotetramat is an insecticide that targets sucking insects in their juvenile stage such as aphids
(Aphis spp., Myzus spp., Dysaphis spp., Toxoptera spp., Phorodon humuli), rice aphids (Phylloxera
spp.), psyllids (Psylla spp., Paratrioza cockerelli), mealybugs (Pseudococcus spp., Planococcus spp.),
and whiteflies (Bemisia spp., Trialeurodes vaporariorum). Table 1 lists the studies into the
relationship of the effectiveness of spirotetramat in different insects [1, 6].

As mentioned earlier, the aphicide activity of spirotetramat is effective in the immature stages
where incomplete ecdysis can be observed, the insect cannot completely shed its exoskeleton,
thus impeding its growth; however, what has been observed in nymphs is that they appear to
be immobile and they dry up quickly. The efficacy of spirotetramat on adult insects is reduced
due to their mobility; they tend to produce nymphs that die within 24 hours or the nymphs

Source: [5]

Figure 1. Compounds derived from tetramic acid with improved herbicidal activity.
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are non-fertile, thus reducing the procreation and fertility of the future generations [7].
Spirotetramat has demonstrated excellent efficacy on peach, cotton, and plum aphids that are
3-4 days old. It has also been observed that on female adult whiteflies (B tabacco) treated with
spirotetramat (40 and 200 ppm), the number of eggs produced is a function of the applied doses
(major reduction 90% and 60%), including a concentration of 8 ppm, 80% of the eggs do not
hatch. It was also observed that the way of contact of the insecticide influences its effectiveness
on the control of the insects; it has a major effect if spirotetramat is ingested orally than if it is
by direct contact with the insect [1, 8].

Another laboratory study suggested that spirotetramat can be utilized in a safe integrated pest
management program for the control of the cabbage aphid, as there is less mortality in
comparison of other insecticides of the marmalade hoverfly Episyrphus balteatus, which is a
natural aphid predator; furthermore, the fertility of the treated adult syrphids is not affected
[9]. In another study to determine the collateral damage of spirotetramat on the wasp
Anagyrus, a grapevine mealybug parasite, it was found that there was no detectable mortality
on the parasite after 24 hours of application; there were no adverse effects on the development
of the parasite in the pupa stage inside the mummified mealybug, nor were there any effects
on the emergence of the new Anagyrus [10]. It must be pointed out that in an integrated pest
management program where the arthropod Galendromus occidentalis is used for biological
control, the use of spirotetramat is not recommended given that at concentrations of 0.228 g
a.i.L-1, there was a mortality rate of 90% for the eggs, and 100% for the larvae [11]. This was
also similar for the toxicity results for Tamarixia radiata, a parasitoid of citrus Asian psyllid
(Diaphorina citri Kuwayama), that with an application dose of 0.8 mL L-1 with water did not
present favorable conditions for its development and it was highly toxic [12].

Reference Dose applied Organism controlled Pest location

Moens et al., 2011 [9] 75 g a.i.ha−1 Brevicoryne brassicae L. Cabbage

Jamieson et al., 2010 [13] 3.36 g a.i.100 L-1 Orchamoplatus citri). L. C.

Mansour et al., 2011 [10] 120 mL h L-1 Planococcus ficus L. C.

Page-Weir et al., 2011 [14] 40 mL a.i.100 L-1 Bactericera cockerelli Tomato & potato

Smiley et al., 2011 [15] 88-110 g a.i.ha-1 Heterodera avenae Wheat roots

Duvaresch et al., 2008 [16] 120 g a.i.ha-1 Aphis gossypii Cotton

Kay & Herron, 2010 [17] 144 g a.i.ha-1 Frankliniella occidentalis Peppers

Fu & Del Real, 2009 [18] 60-120 g a.i.ha-1 Planococcus ficus Vine

Marcic et al., 2012 [19] 200, 60, 18 mg a.i.L-1 Tetranychus urticae L. C.

Frank & Lebude, 2011 [20] 1.7 oz 100 gal-1 Adelges tsugae Fir

Elizondo & Murguido, 2010 [21] 0.5 and 0.6 L ha-1

Myzus persicae Sulzer, Bemisia
tabaci Gennadius,
Thrips palmi Karny

Potato (Solanum
tuberosum L)

*a.i. Active ingredient

*L. C. Laboratory conditions

Table 1. Organisms controlled with spirotetramat under different conditions.
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4. Fate of spirotetramat in the plant and environment

It is important to note that after applying insecticides on crops or on the soil, it is possi‐
ble that the active ingredient is not absorbed permanently by the soil or that it can mobilize
to bodies of water. There exist a lot of physical and chemical and microbiological factors
that can determine the fate of the products used in plant protection, some are: hydrolytic
degradation and photochemical,  biological transformation and mineralization, absorption
and movement of the active ingredient, as well as the degraded products in the soil. It is
important to note that the above mentioned processes depend on the chemical structure
and the physical properties of the compound used, as well as the soil, the vegetation, and
the climatic conditions [22].

4.1. Factors affecting the fate of spirotetramat

Considering that spirotetramat has no acidic properties or alkaline in aqueous solutions, it also
stands out that soil pH and that of the aqueous systems have no influence on the physico‐
chemical properties of the spirotetramat. The solubility and lipophilicity of water are important
because they provide us with information on the mobility and solubility of spirotetramat in
water; if they are low (0.0299 g L-1), this indicates good soil absorption, resulting to very low
risk of infiltrating into aquifers. With a base vapor pressure of 5.6 x 10-9 Pa and Henry’s constant
6.99 x 10-8 Pa, it can be concluded that there is no possibility of spirotetramat volatizing in any
significant form [22, 23]. It is important to consider the properties of the metabolite BYI08330-
enol (referred as “enol” from now on); the enol form possesses properties slightly acidic
(pKa=5.2). Furthermore, due to its high solubility in water (2.7 g L-1 at pH 7), it presents a risk
of possible leaching into subterranean waters; same as with spirotetramat, the volatility of the
enol form possesses no significant role [22].

4.2. Plant metabolism of spirotetramat

Before the creation of spirotetramat, there were only systemic insecticides that were only
capable of moving in one way, those that enter the plant then move to different locations within
the plant; however, this travel was only one way going up the xylem. The advantage of
spirotetramat is that once it penetrates under the leaf of a plant, it is transformed by a hydrolytic
split to spirotetramat-enol that due to its physiochemical properties is capable of moving up
and down through the phloem, which allows it to reach and access pests that are difficult to
reach, such as the grape mealy bug (Planococcus ficus) [18]. In contrast with systemic insecticides
that travel only one way, such as the case with imidacoprid, spirotetramat-enol being a
systemic metabolite with double lanes can protect new leaves generated after the application
and it can even protects the roots [1, 18].

Reference [24] determined the metabolism of spirotetramat in apple, cotton, lettuce, and potato
(Table 2). In the cultivars analyzed, the main residues found were the father (BYI08330) and
three dominant metabolites, BYI08330 enol, BYI08330 enol-glucoside, and BYI08330 cetohy‐
droxy, which is in accordance with those reported by [25] (Figure 3). However, in apples, they
detected a fourth metabolite, BYI08330 monohydroxy, with a considerable percentage (around
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15.6%); meanwhile in the potato tuber, the main metabolite was BYI08330-enol, along with the
absence of the father compound. To conduct those studies, a foliar application of spirotetramat
OD-100 was applied, where the dose administered was 167 g a.i.ha-1 for lettuce, which was
equivalent to the maximum recommended by the manufacturer; the same was administered
for apple, potato, and cotton, with rates of 576, 308, and 264 g a.i.ha-1, respectively, which were
equivalent to 2.5, 1.1 at 1.8 and 0.85 times the dose recommended per each season.

It is important to consider that even using higher doses than the recommended, none of the
residual concentrations found will surpass the maximum residual limit (MRL) established by
the Environmental Protection Agency (EPA) and the Codex Alimentarius of the FAO/OMS
[25]. It was observed that the residual concentration of insecticide on apple leaves, potato
leaves, and lettuce was superior to the apple fruit, potato (tuber), and the cotton seed. In the
three leaves analyzed (lettuce, apple, and potato leaves) the father compound was found to be
above 49% of the total residues, which may indicate that the major part of the compound
recovered as residue remains in the leaves without being metabolized.

Compound
(mg kg-1)

Apple
Apple

(leaves)
Lettuce

Cotton
(seed)

Potato (tuber)
Potato

(leaves)

Spirotetramat (BYI08330) 0.32 26.37 1.75 <0.001 - 5.455

BYI08330-enol 0.01 4.26 0.56 0.047 0.168 0.870

BYI08330-enol glc 0.03 - 0.36 0.004 0.006 0.395

BYI08330-cetohydroxy 0.05 1.09 0.20 0.011 0.018 2.745

BYI08330-monohydroxy 0.10 - - - - -

Total residues 0.61 36.63 3.13 0.119 0.225 11.057

MRLa 0.7 - 8 0.3 1.6 -

MRLb 0.7 - 7 - 0.8 -

aMRL, [26]

bMRL, [25]

Source: [24], modified

Table 2. Proportions and principal metabolites of spirotetramat in apple, cotton, lettuce, and potato.

4.3. Fate of spirotetramat in the soil

It is necessary to investigate the degradation of the active compounds in the soil since it is
possible that part of the insecticide will reach the soil directly or indirectly after being applied
to a crop. The most important process to consider in the soil is the degradation by microor‐
ganisms under aerobic conditions. However, there are other factors that could contribute, such
as the abiotic chemical degradation expressed as photolysis on the soil surface and also
hydrolysis; other physical processes involved such as leaching, a translocation that can make
it more profound in the soil; volatility; and the evaporation from the plant or from the soil
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surface [22]. However, these same researchers [22] observed that spirotetramat under aerobic
soil conditions will degrade rapidly after 1-2 days, dissipating more than 90%. At the same
time, during the testing period the two major metabolites generated were BYI08330-enol
(maximum 24.3%) and BYI08330-cetohydroxy (maximum 16.3%), two of the dimers enol
BYI08330-MA-amida (maximum 6.4%), and lastly two minor metabolites, BYI08330-desmeth‐
yl-enol (maximum 3.7%) and BYI08330-oxo-enol (maximum 1.2%) [23, 27].

In the study designed for 127 days, under aerobic conditions, spirotetramat was degraded
rapidly; a day after the application, only 53.6% and 72.2% of the substance was detected. There
were two principal metabolites identified, BYI08330-cetohydroxy (maximum 25.3%) and
BYI08330-enol (maximum 7.8%); there were also three minor metabolites detected, these were
confirmed using the previous method established in laboratory studies. It was also observed
that for the aerobic soil metabolism, under acidic extraction, the metabolite BYI08330-enol was
partially unstable, and that like spirotetramat it dissipated using a two-phase kinetic [22].
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Figure 3. Principal reactions and metabolite of spirotetramat in plants: a) Hydrolytic split, b) Oxidation of the Pyrrole
group, c) Conjugation of the hydroxyl group BYI08330-enol with glucose, and d) Reduction.
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As was mentioned earlier, the velocity of degradation of spirotetramat in the soil under aerobic
conditions was very rapid. Under laboratory conditions, the degradation time (DT50), was from
0.14 days (geometric average); for the majority of the scenarios it was 0.21 days. In situations
with trails under outside climatic conditions, spirotetramat also degraded rapidly, with a
DT50 average of approximately 2 days. The velocity of degradation for BYI08330-enol in the
soil under aerobic conditions was 0.08 days (DT50); this information allows us to conclude that
this metabolite is the one that will degrade rapidly [22].

The soil degradation studies under field conditions with spirotetramat demonstrate that the
dissipation velocity DT50 was between 0.3 and 1.0 days; the dissipation of 90% (DT90) was
between 1.1 and 3.5 days. In the case of the combined residues of spirotetramat (BYI08330-
enol, BYI08330-cetohydroxy), the DT50 was between 5.0 and 23.4 days, the DT90 had a range of
16.7 to 77.8 days. The residues of spirotetramat were not found to be below the shallow layer
(0-15 cm), due to the possibility of the presence of leaching in subterranean waters was not
probable. Considering that within 14 days after the application of spirotetramat it degraded
to concentrations below 0.5 μg kg-1, the possibility of the accumulation of residues in the soil
one year later after the first application is low [22, 27].

The photo-transformation of spirotetramat on the soil surface does not represent a process of
degradation relevant to conditions of solar radiation. The trials undertaken to evaluate photo-
transformation on the soil surface reveal that there are no different products derived from this
effect after the application of spirotetramat [22, 23].

On the other hand, the anaerobic degradation in the soil follow almost the same route as under
aerobic conditions, that is to say that no different metabolites are formed than those observed
under aerobic conditions and it is concluded that it degrades rapidly [22, 23, 27].

Based on the literature discussed previously, the main route of spirotetramat dissipation in
soil is the degradation to enol-BYI08330 and BYI08330-cetohydroxy; these followed by a
degradation to non-extractable residues and mineralization to CO2. Concerning the mobility
of the spirotetramat, the results showed that this pesticide can be classified as low mobility in
soil. In the case of the BYI08330-enol, the strongly retained portion is considered stationary,
while the weak form, as well as the BYI08330-cetohydroxy bound fraction possesses an
intermediate leaching potential through the soil [22, 27].

4.4. Fate of spirotetramat in the aquatic environment

The research trials conducted demonstrate that spirotetramat is susceptible to degradation
under biotic and abiotic processes in darkness as well as solar light. With reference to the abiotic
degradation, the hydrolytic degradation becomes a relevant mechanism for the degradation
of spirotetramat in the environment, especially under neutral and alkaline conditions. The half-
life under hydrolytic conditions (20°C) at pH 7 is from 13 days, and at pH 9 it is less than half
a day. On the other hand, hydrolysis does not represent a relevant degradation mechanism
with regards to BYI08330-enol in the environment, the half-life at the pH range of 4 to 9, at
25°C is expected to be about a year [22].
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The results of the photo-transformation in water demonstrate that this mechanism contributes
in a significant way to the elimination of spirotetramat in natural water. In systems with water/
sediment, spirotetramat is degraded rapidly through the metabolites BYI08330-enol and
BYI08330-cetohydroxy. In the same system under anaerobic conditions, spirotetramat de‐
grades rapidly, mainly into the metabolite BYI08330-enol. From the previous information and
the evaluation of drinking water exposure, the use of spirotetramat does not represent a risk
to human health [22, 23].

According to the results of toxicological studies isolated in Ceriodaphnia dubia, it was observed
that mixing spirotetramat with an agricultural adjuvant (Destiny) caused more damage
together than each one separately; this does not indicate synergy, but that each compound
causes a certain level of mortality, and together the effect of the mixture is additive. This
suggests that no further study is needed to determine which mixes of insecticides and
adjuvants are causing damage to aquatic organisms [28].

4.5. Interaction of spirotetramat with the air

With a base vapor pressure of 5.6 x 10-9 Pa for spirotetramat and 1.2 x 10-10 Pa for l BYI08330-
enol, it is expected that none of the two compounds will volatize when applied to the leaves
or to the soil surface. Furthermore, considering the estimated life of these compounds in the
air (maximum 3 hours); they are not expected to be able to travel in a gaseous state over large
distances and as a result they cannot accumulate in the air [22, 27].

5. Field studies of spirotetramat in grapevine

It is essential to understand the course of action and toxicity of pesticides through the devel‐
opment of methods and procedures of bioassays because some chemicals (such as organo‐
phosphates, carbamates, and pyrethroids) can express their toxicity in a maximum time frame
of 48 hours; other reduced risk pesticides such as spirotetramat, spinetoram, novaluron,
chlorantraniliprole, and flubendiamide express their toxic effects several days after treatment
[11]. For the majority of systemic insecticides, the primary route of entry is through the xylem,
normally through the roots after directed applications. A foliar treatment of spirotetramat can
be translocated acropetally and basipetally; it can also be ambimobil (movement across the
xylem and phloem) and by this manner it can supply systemically to the top and bottom of
the plant with a great potential for control of grape phylloxera [29].

The profile of the insecticide residuals in grape is influenced not only by its penetration and
properties of translocation, but also by the active growth pattern of the vine that will produce
an effect of dilution of the residues. If the compound is applied on the mature leaves through
a foliar application, the drop in the residues will depend on the environmental degradation of
the compound, given that the life size is constant during this stage [30]. Spirotetramat is an
insecticide compatible with an integrated pest management approach; it has provided a new
mode of action against sucking insects such as whiteflies, psyllids, and aphids [22]; it is effective
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in reducing the stages of A aurantii (citrus pest) and allows for the survival of the primary
parasite A melinus [31].

In reference [29], they concluded that the goal of obtaining laboratory data would be useful
for the implementation of a strategy to implement when using pesticides; it is essential to
understand the attributes of the pesticide in question, the target organism (pest or beneficial),
and the ecosystem that these organisms are present in.

6. The possible generation of resistance to spirotetramat

Resistance to insecticides and myticides is one of the serious obstacles in the effective man‐
agement of pests, and is a clear example of evolution and natural selection. True resistance is
produced when there is a structural genetic change that could be hereditary. In contrast,
tolerance is the natural ability of a population of arthropods to tolerate the toxic effects of a
specific insecticide. This can occur through a physiological adaption in just one generation but
by the same toxin, it can lose the effect if the insects are not exposed again to this toxin. Actually,
the insecticide and myticide resistance in grape in North America is not a problem due to the
existence of management programs [29].

Two types of resistance are recognized—behavioral and physiological. Behavioral resistance
is defined as the capacity of the arthropod to avoid toxic doses that ordinarily would be lethal.
On the other hand, physiological resistance is a question of hypersensitivity of the arthropod
exposed to the compound, which depends on three factors: reduction in the penetration of the
toxin, a better way to detoxify, and desensitizing the target destination [29].

The cases of documented insecticide resistance in aphids within the group of ketoenols is for
spirodiclofen, where there have been strains observed in the laboratory and field populations
of mites Tetranychus urticae [32-34], Panonychus citri [35], and Panonychus ulmi [36]. This
information indicates a possible risk of resistance in aphids to spirotetramat. Recent studies
by Pan and collaborators [37] report a strain of cotton aphid that develops spirotetramat
resistance of 11.97 times by adults and 441.26 times by adult nymphs, in comparison with the
susceptible strain. However, these lack the cross resistance to existing insecticides and for this
reason it is considered a new tool in the management of insecticidal resistance for cotton aphid.

A proteomics study based on identification and analysis of proteins associated with the
mechanism for tolerance to spirotetramat in Aphis gossypii Glover detected approximately 493
associated protein points that possibly may confer resistance to spirotetramat for the cotton
aphid [38]. Knowledge generation involving proteomic resources are expected to contribute
to a better understanding of the development of resistance to spirotetramat.

7. Conclusion

Spirotetramat acts as a biosynthesis inhibitor of lipids and presents good activity against the
most important aphids including whitefly. The activity of spirotetramat predominates in the
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immature stages of development in aphids, causing on occasion an incomplete ecdysis and
causing a reduction in productiveness and fertility. The results suggest that spirotetramat can
be used in a secure program of integrated pest management involving biological control,
however, in this respect there is contradictory information; each case should be evaluated
independently depending on the organism used for biological control.

Once spirotetramat is found inside the plant, it is transformed to its enol form and to the
metabolite cetohydroxy, both are two main degradation compounds. The possibility of
leaching of spirotetramat into subterranean waters is low according to the results; the proba‐
bility of accumulating in the soil is also very low. On the other hand, based on the results in
aquatic environment, under certain conditions there can exists the possibility of accumulation
in this system; for this reason adequate care should be taken in applications near aquatic
systems. Furthermore, no reports were located that indicated the possibility of spirotetramat
accumulation in the air. Lastly, up to this moment there have been proteomic studies suggest‐
ing certain forms of resistance to spirotetramat in cotton aphids.

Author details

Norma-Julieta Salazar-López1, María-Lourdes Aldana-Madrid1*,
María-Isabel Silveira-Gramont1 and José-Luis Aguiar2

*Address all correspondence to: laldana@guayacan.uson.mx

1 Departamento de Investigación y Posgrado en Alimentos, Universidad de Sonora.
Hermosillo, Sonora, México

2 University of California. Agriculture & Natural Resources. Cooperative Extension Riverside
County. CA, USA

References

[1] Nauen R, Reckmann U, Thomzik J,  Thielert W. Biological profile of Spirotetramat
(Movento®)—a new two-way systemic (ambimobile) insecticide against sucking pest
species. Bayer CropScience Journal. 2008;61(2):245-277.

[2] Brück E, Elbert A, Fischer R, Krueger S, Kühnhold J, Klueken AM, Nauen R, Niebes JF,
Reckmann U, Schnorbach HJ, Steffens R, van Waetermeulen X. Movento, an innova‐
tive ambimobile insecticide for sucking insect pest control in agriculture: Biological
profile and field performance. Crop Protection. 2009;28:838-844.

[3] Mallinger A, Nadal B, Chopin N, Le Gall T. One-Pot synthesis of 3-aryltetramic
acids. European Journal of Organic Chemistry. 2010;6:1142-1148. DOI: 10.1002/ejoc.
200901092.

Spirotetramat — An Alternative for the Control of Parasitic Sucking Insects and its Fate in the Environment
http://dx.doi.org/10.5772/61322

51



[4] Zhao JH, Ji MH, Xu XH, Cheng JL, Zhu GN. Synthetic derivatives of spiromesifen
and their bioactivity research. Chinese Chemical Letters. 2009;20:1307-1310.

[5] Fischer R, Weiß HC. Spirotetramat (Movento®)—discovery, synthesis and physico‐
chemical Properties. Bayer CropScience Journal. 2008;61(2):127-140.

[6] Babcock JM, Gerwick CB, Huang JX, Loso MR, Nakamura G, Nolting SP, Rogers RB,
Sparks TC, Thomas J, Watsona GB, Zhua Y. Biological characterization of sulfoxaflor,
a novel insecticide. Pest Management Science. 2010;67:328-334.

[7] Kühnhold J, Klueken AM, de Maeyer L, van Waetermeulen X, Brück E, Elbert A.
Movento®, an innovative solution for sucking insect pest control in agriculture: Field
performance in fruits and vegetables. Bayer CropScience Journal. 2008;61(2):279-306.

[8] Vermeer R, Baur P. Movento® product development: Custom-made formulations for
an exceptional active ingredient. Bayer CropScience Journal. 2008;61(2):141-157.

[9] Moens J, De Clercq P, Tirry L. Side effects of pesticides on the larvae of the hoverfly
Episyrphus balteatus in the laboratory. Phytoparasitica. 2011;39:1-9. DOI 10.1007/
s12600-010-0127-3.

[10] Mansour R, Suma P, Mazzeo G, Grissa Lebdi K, Russo A. Evaluating side effects of
newer insecticides on the vine mealybug parasitoid Anagyrus sp. near pseudococci,
with implications for integrated pest management in vineyards. Phytoparasitica.
2011;39:369-376. DOI: 10.1007/s12600-011-0170-8.

[11] Lefebvre M, Bostanian NJ, Thistlewood HMA, Mauffette Y, Racette G. A laboratory
assessment of toxic attributes of six ‘reduced risk insecticides’ on Galendromus occi‐
dentalis (Acari: Phytoseiidae). Chemosphere. 2011;84:25-30.

[12] Hall DG, Nguyen R. Toxicity of pesticides to Tamarixia radiata, a parasitoid of the
Asian citrus psyllid. BioControl. 2010;55:601-611.

[13] Jamieson LE, Page-Weir NEM, Chhagan A, Curtis C. The efficacy of insecticides
against Australian citrus whitefly (Orchamoplatus citri). New Zealand Plant Protec‐
tion. 2010;63:254-261.

[14] Page-Weir NEM, Jamieson LE, Chhagan A, Connolly PG, Curtis C. Efficacy of insec‐
ticides against the tomato/potato psyllid (Bactericera cockerelli). New Zealand Plant
Protection.

[15] Smiley RW, Marshall JM, Yan GP. Effect of foliarly applied spirotetramat on repro‐
duction of Heterodera avenae on wheat roots. Plant Disease. 2011;95(8):983-989. DOI:
10.1094/ PDIS-01-11-00172011;64:276-281.

[16] Duvaresch D, Papa G, Rotundo M, Furlan RS, Takao W. Effect of new insecticide
(spirotetramat) in mixture with neonicotinoid on the control of aphids, Aphis gossypii
(hemiptera:aphididae), in cotton. Beltwide Cotton Conferences, Nashville, Tennes‐
see, January 8-11, 2008:1381-1384.

Insecticides Resistance52



[4] Zhao JH, Ji MH, Xu XH, Cheng JL, Zhu GN. Synthetic derivatives of spiromesifen
and their bioactivity research. Chinese Chemical Letters. 2009;20:1307-1310.

[5] Fischer R, Weiß HC. Spirotetramat (Movento®)—discovery, synthesis and physico‐
chemical Properties. Bayer CropScience Journal. 2008;61(2):127-140.

[6] Babcock JM, Gerwick CB, Huang JX, Loso MR, Nakamura G, Nolting SP, Rogers RB,
Sparks TC, Thomas J, Watsona GB, Zhua Y. Biological characterization of sulfoxaflor,
a novel insecticide. Pest Management Science. 2010;67:328-334.

[7] Kühnhold J, Klueken AM, de Maeyer L, van Waetermeulen X, Brück E, Elbert A.
Movento®, an innovative solution for sucking insect pest control in agriculture: Field
performance in fruits and vegetables. Bayer CropScience Journal. 2008;61(2):279-306.

[8] Vermeer R, Baur P. Movento® product development: Custom-made formulations for
an exceptional active ingredient. Bayer CropScience Journal. 2008;61(2):141-157.

[9] Moens J, De Clercq P, Tirry L. Side effects of pesticides on the larvae of the hoverfly
Episyrphus balteatus in the laboratory. Phytoparasitica. 2011;39:1-9. DOI 10.1007/
s12600-010-0127-3.

[10] Mansour R, Suma P, Mazzeo G, Grissa Lebdi K, Russo A. Evaluating side effects of
newer insecticides on the vine mealybug parasitoid Anagyrus sp. near pseudococci,
with implications for integrated pest management in vineyards. Phytoparasitica.
2011;39:369-376. DOI: 10.1007/s12600-011-0170-8.

[11] Lefebvre M, Bostanian NJ, Thistlewood HMA, Mauffette Y, Racette G. A laboratory
assessment of toxic attributes of six ‘reduced risk insecticides’ on Galendromus occi‐
dentalis (Acari: Phytoseiidae). Chemosphere. 2011;84:25-30.

[12] Hall DG, Nguyen R. Toxicity of pesticides to Tamarixia radiata, a parasitoid of the
Asian citrus psyllid. BioControl. 2010;55:601-611.

[13] Jamieson LE, Page-Weir NEM, Chhagan A, Curtis C. The efficacy of insecticides
against Australian citrus whitefly (Orchamoplatus citri). New Zealand Plant Protec‐
tion. 2010;63:254-261.

[14] Page-Weir NEM, Jamieson LE, Chhagan A, Connolly PG, Curtis C. Efficacy of insec‐
ticides against the tomato/potato psyllid (Bactericera cockerelli). New Zealand Plant
Protection.

[15] Smiley RW, Marshall JM, Yan GP. Effect of foliarly applied spirotetramat on repro‐
duction of Heterodera avenae on wheat roots. Plant Disease. 2011;95(8):983-989. DOI:
10.1094/ PDIS-01-11-00172011;64:276-281.

[16] Duvaresch D, Papa G, Rotundo M, Furlan RS, Takao W. Effect of new insecticide
(spirotetramat) in mixture with neonicotinoid on the control of aphids, Aphis gossypii
(hemiptera:aphididae), in cotton. Beltwide Cotton Conferences, Nashville, Tennes‐
see, January 8-11, 2008:1381-1384.

Insecticides Resistance52

[17] Kay IR, Herron GA. Evaluation of existing and new insecticides including spirotetra‐
mat and pyridalyl to control Frankliniella occidentalis (Pergande) (Thysanoptera: Thri‐
pidae) on peppers in Queenslandaen. Australian Journal of Entomology.
2010;49:175-181.

[18] Fu AA, Del Real A. Estudio de evaluación de la efectividad biológica del insecticida
spirotetramat en el control del piojo harinoso de la vid Planococcus ficus (hemi‐
ptera:pseudococcidae) en la costa de Hermosillo, Sonora. XII Congreso Internacional
en Ciencias Agrícolas. ICA-UABC 2009;29:295-299.

[19] Marcic D, Petronijevic S, Drobnjakovic T, Prijovic M, Peric P, Milenkovic S. The ef‐
fects of spirotetramat on life history traits and population growth of Tetranychus urti‐
cae (Acari: Tetranychidae). Experimental and Applied Acarology. 2012;56:113-122.
DOI 10.1007/s10493-011-9500-2.

[20] Frank SD, Lebude A. Season-long insecticide efficacy for hemlock woolly adelgid,
Adelges tsugae (hemiptera: adelgidae), management in nurseries. Florida Entomolo‐
gist. 2011;94(2):290-295.

[21] Elizondo AI, Murguido CA. Spirotetramat, nuevo insecticida para el control de insec‐
tos chupadores en el cultivo de la papa. Fitosanidad. 2010;14(4):229-234.

[22] Babczinski P, Hellpointner E. Environmental fate of Spirotetramat (Movento). Bayer
CropScience Journal. 2008;61(2):181-201.

[23] FAO (2011). SPIROTETRAMAT, First draft prepared by Mr. Stephen Funk, US Envi‐
ronmental Protection Agency, USA. Available from http://www.fao.org/fileadmin/
templates/agphome/documents/Pests_Pesticides/JMPR/Evaluation08/Spirotetra‐
mat.pdf.

[24] Sur R. Metabolism of spirotetramat (Movento®) in plants. Bayer CropScience Jour‐
nal. 2008;61(2):227- 243. Codex alimentarius. Available from http://www.codexali‐
mentarius.net/pestres/data/commodities/index.html?id=CM347&expand=TP2.

[25] Maus C. Ecotoxicological profile of the insecticide spirotetramat. Bayer CropScience
Journal 2008;61(2):159-180.

[26] EPA (2011). Available from http://www.gpo.gov/fdsys/pkg/FR-2011-05-18/html/
2011-11937.htm.

[27] Australian Pesticides and Veterinary Medicines Authority (2009). Available from
http://www.apvma.gov.au/registration/assessment/docs/prs_Spirotetramat.pdf.

[28] Chen XD, Stark JD. Individual- and population-level toxicity of the insecticide, spiro‐
tetramat and the agricultural adjuvant, Destiny to the Cladoceran, Ceriodaphnia dubia.
Ecotoxicology. 2010;19:1124-1129.

[29] Bostanian NJ, Wise JC, Isaacs R. Pesticides for Arthropod Control in Vineyards. In:
Bostanian NJ, Vincent Ch, Isaacs R, editors. Arthropod Management in Vineyards:

Spirotetramat — An Alternative for the Control of Parasitic Sucking Insects and its Fate in the Environment
http://dx.doi.org/10.5772/61322

53



Pests, Approaches, and Future Directions. Springer Science+Business Media BV;
2012. p. 53-90. DOI: 10.1007/978-94-007-4032-7_4.

[30] Timmeren S van, Wise JC, Vandervoort C, Isaacs R. Comparison of foliar and soil for‐
mulations of neonicotinoid insecticides for control of potato leafhopper, Empoasca fa‐
bae (Homoptera: Cicadellidae), in wine grapes. Pest Management Science.
2011;67:560-567.

[31] Garcerá C, Ouyang Y, Scott SJ, Moltó E, Grafton-Cardwell EE. Effects os Spirotetra‐
mat on Aoinidiella aurantii (Homoptera: Diaspididae) and its parasitoid, Aphytis meli‐
nus (Hyminoptera: Aphelinidae). Horticultural Entomology. 2013;106(5):2126-2134.

[32] Van Pottelberge S, Van Leeuwen T, Khajehali J, Tirry L, Genetic and biochemical
analysis of a laboratory-selected spirodiclofen-resistant strain of Tetranychus urticae
Koch (Acari: Tetranychidae). Pest Management Science. 2009;65:358-366.

[33] Khajehali J, van Nieuwenhuyse P, Demaeght P, Tirry L, van Leeuwen T. Acaricide
resistance and resistance mechanisms in Tetranychus urticae populations from rose
greenhouses in the Netherlands, Pest Management Science. 2011;67:1424-1433.

[34] Ilias A, Roditakis E, Grispou M, Nauen R, Vontas J, Tsagkarakou A. Efficacy of ketoe‐
nols on insecticide resistant field populations of two-spotted spider mite Tetranychus
urticae and sweet potato whitefly Bemisia tabaci from Greece. Crop Protection.
2012;42:305-311.

[35] Hu J, Wang C, Wang J, You Y, Chen F. Monitoring of resistance to spirodiclofen and
five other acaricides in Panonychus citri collected from Chinese citrus orchards. Pest
Management Science. 2010;66:1025-1030.

[36] Kramer T, Nauen R. Monitoring of spirodiclofen susceptibility in field populations of
European red mites, Panonychus ulmi (Koch) (Acari: Tetranychidae), and the cross-re‐
sistance pattern of a laboratory-selected strain. Pest Management Science.
2011;67:1285-1293.

[37] Pan Y, Yang C, Gao X, Peng T, Bi R, Xi J, Xin X, Zhu E, Wu Y, Shang Q. Spirotetramat
resistance adaption analysis of Aphis gossypii Glover by transcriptomic survey, Pesti‐
cide Biochemistry and Physiology. 2015. DOI: 10.1016/j.pestbp.2015.04.007.

[38] Xi J, Pan Y, Wei Z, Yang C, Gao X, Peng T, Bi R, Liu Y, Xin X, Shang Q. Proteomics
based identification and analysis proteins associated with spirotetramat tolerance in
Aphis gossypii Glover. Pesticide Biochemistry and Physiology. 2015;119:74-80.

Insecticides Resistance54



Pests, Approaches, and Future Directions. Springer Science+Business Media BV;
2012. p. 53-90. DOI: 10.1007/978-94-007-4032-7_4.

[30] Timmeren S van, Wise JC, Vandervoort C, Isaacs R. Comparison of foliar and soil for‐
mulations of neonicotinoid insecticides for control of potato leafhopper, Empoasca fa‐
bae (Homoptera: Cicadellidae), in wine grapes. Pest Management Science.
2011;67:560-567.

[31] Garcerá C, Ouyang Y, Scott SJ, Moltó E, Grafton-Cardwell EE. Effects os Spirotetra‐
mat on Aoinidiella aurantii (Homoptera: Diaspididae) and its parasitoid, Aphytis meli‐
nus (Hyminoptera: Aphelinidae). Horticultural Entomology. 2013;106(5):2126-2134.

[32] Van Pottelberge S, Van Leeuwen T, Khajehali J, Tirry L, Genetic and biochemical
analysis of a laboratory-selected spirodiclofen-resistant strain of Tetranychus urticae
Koch (Acari: Tetranychidae). Pest Management Science. 2009;65:358-366.

[33] Khajehali J, van Nieuwenhuyse P, Demaeght P, Tirry L, van Leeuwen T. Acaricide
resistance and resistance mechanisms in Tetranychus urticae populations from rose
greenhouses in the Netherlands, Pest Management Science. 2011;67:1424-1433.

[34] Ilias A, Roditakis E, Grispou M, Nauen R, Vontas J, Tsagkarakou A. Efficacy of ketoe‐
nols on insecticide resistant field populations of two-spotted spider mite Tetranychus
urticae and sweet potato whitefly Bemisia tabaci from Greece. Crop Protection.
2012;42:305-311.

[35] Hu J, Wang C, Wang J, You Y, Chen F. Monitoring of resistance to spirodiclofen and
five other acaricides in Panonychus citri collected from Chinese citrus orchards. Pest
Management Science. 2010;66:1025-1030.

[36] Kramer T, Nauen R. Monitoring of spirodiclofen susceptibility in field populations of
European red mites, Panonychus ulmi (Koch) (Acari: Tetranychidae), and the cross-re‐
sistance pattern of a laboratory-selected strain. Pest Management Science.
2011;67:1285-1293.

[37] Pan Y, Yang C, Gao X, Peng T, Bi R, Xi J, Xin X, Zhu E, Wu Y, Shang Q. Spirotetramat
resistance adaption analysis of Aphis gossypii Glover by transcriptomic survey, Pesti‐
cide Biochemistry and Physiology. 2015. DOI: 10.1016/j.pestbp.2015.04.007.

[38] Xi J, Pan Y, Wei Z, Yang C, Gao X, Peng T, Bi R, Liu Y, Xin X, Shang Q. Proteomics
based identification and analysis proteins associated with spirotetramat tolerance in
Aphis gossypii Glover. Pesticide Biochemistry and Physiology. 2015;119:74-80.

Insecticides Resistance54

Chapter 4

Management Practices for Insect Resistance in Bt Maize

Gleberson Guillen Piccinin, Alessandro Lucca Braccini,
Andréia Kazumi Suzukawa, Ricardo Shigueru Okumura,
Claudete Rosa da Silva, Allan Klynger da Silva Lobato and
Daiane de Cinque Mariano

Additional information is available at the end of the chapter

http://dx.doi.org/10.5772/61653

Abstract

The failure to reduce the population of a phytophagous species recognized as a key pest
in a given situation usually occurs by not using the principles of Integrated Pest Manage‐
ment (IPM). The control of insect pests in agriculture has been done mainly through the
application of chemical insecticides. However, chemical insecticides has lost effectiveness
due to the selection of populations of resistant insects and cause adverse environmental
effects. The main resistance management programs (IRM) strategy is the use of ‘high
dose/refuge’, which involves the use of high dose of Bt protein in plants, promoting high
mortality of heterozygotes associated with the planting of refuge, ie, a proportion of the
crop in which it must be planted a non-Bt variety, allowing the survival of susceptible in‐
dividuals. The emergence of Bt crops is an important step between the tactics available
for pest control in various crops such as maize, canola, cotton and, in the near future, soy‐
beans.

Keywords: Insect, Resistance, Management

1. Introduction

The history of integrated pest management in soybeans in Brazil is linked to the changing
concept in pest control that occurred in the 1960s, a period when the world was alerted to the
dangers of abusive use of pesticides [1, 2]. This fact prompted government policies to reduce
the use of these chemicals through incentives for the adoption of integrated pest management
programs in different crops. It was then that the concept of integrated management began to
be popularized and is now considered a major technological breakthrough. As it is common
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knowledge, the IPM aims at integrating various management tactics instead of relying on the
control by the exclusive use of insecticides [3]. Its concept essentially consists of a decision-
making process involving the coordinated use of multiple tactics to optimize the control of all
classes of pests in a sustainable and economically compatible way [4]. This philosophy of
management has spread worldwide and arrived in Brazil, being rapidly incorporated into the
control of pests, especially for maize crop.

Brazilian agriculture has evolved in recent years, with significant yield gains in many eco‐
nomically important crops, including maize. Besides the use of agricultural inputs with quality
and cutting-edge technologies, the climate in general has contributed to the increase in
production. Despite these favorable factors, phytophagous insects also continue to be a cause
for concern in agribusiness because of its great ability to adapt to changes seen in production
systems. The solution adopted to reduce the losses arising from the injury caused by pests has
been, in most cases, the application of chemical insecticides. It is relatively easy to understand
the reasons that have led the farmer to choose chemical control as a control tactic of “recog‐
nized” insects to cause economic losses.

The general understanding is that chemical insecticides have indisputable advantages: low
cost, acts quickly, little demand in knowledge, and can be used to control various pest species.
Other causes for probably using chemical control almost in a predominant way is the lack of
knowledge about other control tactics or even the lack of conviction about the effectiveness of
these alternative methods such as integrated pest management.

The efficiency of chemical control is often not the expected by the simple fact that it depends
on several technical factors, which most often are not considered when applying the product.
Sprayer type, application type, nozzles for spraying, droplet size needed for good plant cover,
solution volume, application speed, climatic factors (such as wind speed, rainfall, temperature,
and humidity), phenological stage of the plant and of the pest target, attack site and economic
level damage of the pest, and even the applicator qualification are some factors that can
compromise the action of the applied product. Therefore, when these factors are not consid‐
ered, the probability of not achieving the expected results is high.

As soon as frustrations to control a certain pest begin to occur, the farmer must analyze, along
with an expert, the causes of failure of the means adopted so far. When this analysis is not
done, in general, there is always a risk of a mistaken decision making and probably leading to
a situation worse than already detected. For example, making new applications or mixing or
changing active ingredients (without considering that perhaps the causes are not related to the
product used). Applications in excess also entail higher cost, with no evidence that they would
be effective to control the pest satisfactorily.

2. Integrated Pest Management (IPM)

The failure to reduce the population of a phytophagous species recognized as a key pest in a
given situation usually occurs by not using the principles of integrated pest management
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(IPM). By its name, it is already implied that the solution of phytosanitary issues should not
be thought of in a single tactic, even though apparently it may be “very practical” and
convenient for the farmer. Because of lack of implementation of IPM, it is easy to understand
statements and questions, such as the following: there are cases of pest resistance to insecti‐
cides; it is necessary to increase the dose of products; there are chemical residues in the soil,
water, and harvested products; there are pesticides effects on flora and fauna; cost of control
is prohibitive.

Brazil is already becoming a major agrochemical consumer in the world. Information of this
nature in the media needs to be changed. What is expected is to reach the point of having an
IPM program where there is satisfaction of both the farmer and the consumer, including the
protection of the environment as a whole [5].

2.1. Fall armyworm (Spodoptera frugiperda) and Helicoverpa armigera

In maize (Zea mays L.), historically, fall armyworm has been the main pest. However, it is
interesting to note that even with the advance in science in providing new technologies for
their control, the pest is still present in the agroecosystem causing losses to agribusiness, even
with use of means for their control. The lack of IPM should again be highlighted. As a main
feature, the pest has as hosts several cultivated plant species or native species, available year-
round in Brazil. Furthermore, general climatic conditions in the country are not limiting for
their development.

As a result of this, the moth can be detected all year round in traps containing pheromone as
attractive. That is, there is the real possibility of having the presence of caterpillars in their
hosts just after the emergence of the plant and also throughout the plant cycle.

The moth of S. frugiperda lays its eggs in clusters, and each cluster contains up to 300 eggs. At
hatch, the aggregate larvae begin to feed, in a short period of time, in the plant where the eggs
were placed, by ragged feeding the leaf, leaving a characteristic symptom. Subsequently, they
migrate into adjacent plants. In the migration process, the caterpillar produces a thread that is
adhered to the leaf and is projected into the air by the wind and is easily carried to other plants.
Often, in the new plant, the caterpillar goes toward the interior of the leaves still rolled
(“whorl”) without causing the symptom of “ragged feeding.”

This symptom has been used as an indicator to control the pest. However, for the reasons
mentioned, it may underestimate the level of infestation. The caterpillar phase lasts around 21
days, influenced mainly by temperature. When the initial infestation coincides with the
“whorl” phase, the caterpillar remains housed in this location. When fully developed, by
reaching the size between 4 and 5 cm, it leaves the whorl and heads to the ground, where it
becomes known as the pupa stage. Eleven days after this stage, the adult emerges, which will
restart another cycle. The period of time between laying the eggs and the appearance of a young
adult insect varies between 35 and 45 days. Therefore, from the same oviposition, there could
be at least three discrete generations during a maize cycle. However, because the flow of moths
is constant, it normally occurs in overlapping generations, and therefore caterpillars and
postures of different ages can be found in the same plant at the same time. This fact is usually
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a complicating factor for applying insecticides via spraying. Caterpillars of different ages
require different doses of the applied insecticide, either chemical or biological. Therefore, the
management of the pest is essential to know not only the pest population density but also the
distribution by age-group of insects. It is not an easy task when making the decision on the
need for control after sampling only based on symptoms of damage such as the scraping of
leaves. A decision on the need to control based on captured moths in pheromone trap, when
placed in the area soon after planting, is a more efficient procedure than those based on the
injury symptom of the pest.

Because the continuous flow of S. frugiperda moths is not uncommon, the presence of postures
and caterpillars in more developed maize plants.

However, such insect stages are not easily observed in the plant when there is no more whorl.
Often the insect can be found feeding in the tassel or ear, in silks or directly in the grains,
causing direct damage to yield, because any method of control via spraying is difficult to apply
in these places. In addition to machines handling difficulties in the target area, there is also the
difficulty of reaching the pest, protected by the leaves or the ear husks. The presence of larvae
of S. frugiperda in the ear can be as common as corn earworm itself, the Helicoverpa zea. Insect
infestations in the ear can cause severe damage to the farmer, as it jeopardizes the expected
yield. Therefore, alternative methods should be prioritized to such pests in maize. Obviously,
to reduce the population density of fall armyworm in the ear, there must be a proper pest
management in the previous stages of insect development.

Morphologically, the new species is very similar to Brazilian corn earworm (H. zea) and also
presents a very similar life cycle. However, its potential for destruction to the preferred hosts
is undeniable. Due to these similarities, the problem that initially occurred in Bahia was
ascribed to H. zea.

The oviposition is usually performed on the style stigma of maize. At hatch, the larvae consume
grains in development. Secondary bacterial infections are common in the ear. The larvae can
also feed on the new leaves of the whorl, from the most developed leaves and from the tassel
of the plant. Mobility, polyphagia, and high reproductive rate are attributes that differentiate
H. armigera from H. zea. The caterpillars are quite aggressive, occasionally carnivorous, and
can be cannibals when the opportunity arises. If disturbed, they drop from the plant and
wound up on the ground. Caterpillars turn into pupae within a cocoon silk, some centimeters
below the soil surface. Under favorable conditions, the development cycle can be completed
in just over a month. Therefore, several generations per season are possible, especially in
warmer areas.

In the tropics, reproduction continues throughout the year. H. armigera, also called the “old
world caterpillar,” is usually found in parts of Europe, Asia, Africa, and Australia, while H.
zea, the caterpillar of the “new world,” is common in the Americas. The pest is more abundant
in maize during the phase of “silking,” when the adult female lays the egg individually on the
style stigma. Adults feed on nectar or on other exudates from different plant species. The young
larvae tend to feed initially on the style stigma but soon start to feed on the grain in formation.
There are six larval stages, and the fully developed larva measures about 40 mm long. Third,
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instar caterpillars (8–13 mm long) and so on account for 90% of all food consumed (and thus
its damage). Large caterpillars (above 24 mm) are the most harmful ones once they consume
approximately 50% of their diet, when they are between the fifth and sixth instars. Therefore,
control measures should be directed when the caterpillars are still small (less than 10 mm).

The pupa is dark brown, measuring between 14 mm and 18 mm in length, with a smooth
surface, rounded, with two parallel spines on the posterior end. The moth has a wingspan
between 30 and 45 mm. Females lay over a thousand eggs in her lifetime. The ease with which
the pest acquires resistance to insecticides has been considered a hallmark of the species in
areas where the pest usually occurs. At these locations, the development of resistance has been
most extensively documented for synthetic pyrethroids, but already there is record of resist‐
ance to other groups of insecticides as carbamates and organophosphates.

The migration movements of the species could explain the resistance propagation. In regions
of origin, research has shown that maize is among the preferred hosts of the pest, followed by
soybeans and cotton. In Brazil, the simultaneous presence of these three crops in the same
region is common, as occurred in western Bahia, the starting point of an outbreak of the pest.
However, H. armigera can survive in more than 300 taxa of plants.

2.1.1. Control strategies

The occurrence of insects in the ear, in general, makes the management more complex. Besides
the difficulty of monitoring, there is also the difficulty of reaching the pest, protected by the
leaves or the ear husks. Therefore, alternative methods should be prioritized for such pests. In
the specific case of the fall armyworm, one should make a proper management also during
the vegetative stage of corn.

2.1.2. Biological control

The production system for maize is the pest combat, including species that attacks the ear. A
first reason is the less frequent use of chemical insecticides. This fact can be explained by the
use of Bacillus thuringiensis Berliner (Bt) plants, whose consequence was a significant reduction
in foliar sprayers to control fall armyworm during the growing phase of the plant. Addition‐
ally, in the case of pests that attack the ears, because the caterpillars stay housed under the
straw, which reduces its exposition to chemical spraying, there is greater difficulty in control‐
ling by other methods.

The egg phase has been considered critical in the life cycle of many species of insects belonging
to the order Lepidoptera. For example, to H. armigera always occurs a high rate and natural
mortality, reaching values above 88%, mainly in the first 3 days of oviposition. Such index can
reach 95%, considering the mortality of eggs and the first larval stages. Significant indexes
have also been verified for H. zea.

Species of Trichogramma mainly (Hymenoptera: Trichogrammatidae) and, in a lower degree,
Telenomus (Hymenoptera: Scelionidae) are common egg parasitoids. Among larvae parasi‐
toids, the most common include Cotesia spp. and Microplitis croceipes (Cresson) (Hymenoptera:
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Braconidae); Campoletis spp. (Hymenoptera: Ichneumonidae); and Eucelatoria spp. and
Archytas marmoratus (Townsend) (Diptera: Tachinidae).

Considering the commercial existence and experience in releasing Trichogramma in Brazil and
in other countries, this biological control agent is recommended for both conventional and Bt
maize planting. The inundative release of parasitoid should be associated with the monitoring
of moths in the target area.

This monitoring is carried out with traps containing synthetic sexual pheromone, specific to
each type of target pest. The release of the parasitoid can be made by the distribution of card
plants containing parasitized eggs near the emergence of the adult parasitoid or the direct
adult release. As the parasitoid has an objective to target the pest, it can also be used in
soybeans, cotton, and other crops where pests cause economic damage, regardless of the size
of the cultivated area.

Obviously, one should consider that chemical insecticides required for other targets must not
be applied at the same time of the release of the biological control agent.

Reduced use of chemical insecticides, through the use of applied biological control, leads to
the gradual return of other biological control agents. In maize, over 100 insect species have
already been described as predators of phytophagous species that feeds on both eggs to larvae.
Some species prey in both the immature stage, as in the adult stage. Among the most common
predators are lady beetle Hippodamia convergens Guerin-Meneville and Coleomegilla maculata
DeGeer (Coleoptera: Coccinellidae), lacewings such as Chrysoperla spp. (Neuroptera: Chryso‐
pidae), minute pirate bugs such as Orius spp. (Hemiptera: Anthocoridae) and Geocoris spp.
(Hemiptera: Lygaeidae), and earwigs such as Doru luteipes (Dermaptera: Forficulidae) and
Euborelia spp. (Dermaptera: Carcinophoridae).

2.1.3. Microbial control

Viruses, bacteria, and fungi have also been used against pests of maize. Especially for H.
armigera control, in the literature, although they mention the use of baculovirus, they highlight
the increase use of Bt. The control efficiency with microorganism depends largely on the period
and the application technique because caterpillars cannot be protected within the ear.

In Brazil, there is a great experience in using baculovirus to control fall armyworm. In other
countries, a commercial product based in nuclear polyhedrosis virus (NPV) already exists,
such as, for example, in the USA, to control H. zea and H. armigera. To achieve success in the
control ear pests with virus, the product must be applied in order to hit the target, both for the
attack location as compared to the caterpillar development stage, which cannot be greater than
10 mm in length.

Similarly to the virus, maize ear pests can be controlled by the Bt-based products. However,
the efficiency of the products depends essentially on adjustment of the solution volume (liters
of spray solution/ unit area) that can be evaluated by the use of sensitive papers which should
obtain a minimum number of 30 drops cm-2.
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2.1.3. Microbial control

Viruses, bacteria, and fungi have also been used against pests of maize. Especially for H.
armigera control, in the literature, although they mention the use of baculovirus, they highlight
the increase use of Bt. The control efficiency with microorganism depends largely on the period
and the application technique because caterpillars cannot be protected within the ear.

In Brazil, there is a great experience in using baculovirus to control fall armyworm. In other
countries, a commercial product based in nuclear polyhedrosis virus (NPV) already exists,
such as, for example, in the USA, to control H. zea and H. armigera. To achieve success in the
control ear pests with virus, the product must be applied in order to hit the target, both for the
attack location as compared to the caterpillar development stage, which cannot be greater than
10 mm in length.

Similarly to the virus, maize ear pests can be controlled by the Bt-based products. However,
the efficiency of the products depends essentially on adjustment of the solution volume (liters
of spray solution/ unit area) that can be evaluated by the use of sensitive papers which should
obtain a minimum number of 30 drops cm-2.
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2.1.4. Chemical control

The same cares from microorganism applications are valid for the use of chemical insecticides.
In addition to the restrictions, the possibility of a negative action of product on populations of
natural enemies is considered. This fact is critical when it comes to reaching a target pest that
is generally protected against the action of the applied products.

On the other hand, the exposure period of the pest to the action of the chemical is very small,
and therefore, the application of pesticides must follow a strict pest monitoring system and
thus avoid adverse effects on nontarget insects.

Eggs and larvae are often not sampled in corn because eggs are difficult to detect among the
silks and caterpillars are generally being within the ear, making it a costly and low-precision
process.

The moths, however, can be monitored by light traps and pheromone traps. Both genders are
caught in light traps and only males are attracted by the pheromone. Both types of traps give
an estimate of when the moths invade or emerge in a given area. However, pheromone traps
are easier to use because they are selective. The pheromone is usually used in conjunction with
a suitable trap, the inverted cone type, or the Delta type. Moreover, the presence of three to
five moths per night is sufficient to indicate that pest control measures must be taken.

Therefore, improvements in cultural practices to maintain and enhance the impact of natural
enemies represent an excellent strategy to improve the perspective for the natural biological
control. Growing plants around the main crop and that attract natural enemies, such as
sunflower, should be encouraged. The “trap crop” is often suggested for several species of
pest, including the ear pest complex. It should, however, consider the high degree of preference
of moths to lay eggs on maize in early stage of development of silks. Planting small plots of
maize before the main crop can be interesting because the farmer can thus eliminate the initial
infestation of the pest before their population grows enough to cause damage to the main crop.

In areas where pest populations initially develop into weeds and then disperse for major crops,
the elimination of these plants by mowing or using herbicides or even applying insecticides
can significantly reduce damage to neighboring crops.

2.2. Sugarcane borer (Diatraea saccharalis)

Indirect losses caused by this pest are more important economically because of the galleries
built inside the stalk, thus the plants become more susceptible to tipping, tassel infertility, and
reduced productivity and still favor the entry of opportunistic pathogens. According to
EMBRAPA [6], by attacking the interior of the stalk of the plant, the larvae cause damage that
can result in losses between 10% and 50% on yield. The highest losses are results from attacks
in the internodes that are closer to the ear because it results in interference in the movement
of nutrients produced by the plant, which are carried to a higher production of leaves instead
of grain production.

The adult, with nocturnal habits, has the aspect of moth, with the forewings of a straw-yellow
color, some brownish drawings, and whitish hind wings and a 25-mm wingspan. The
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caterpillars measure approximately 22–25 mm long, with brown head and whitish/yellowish
body with numerous dark spots.

Regarding the cycle, oviposition is made in maize leaf after mating, generally on the dorsal
side. The number of eggs in each oviposition is from 5 to 50, with an imbricated posture,
resembling snake leather or fish scale. Immediately after hatching, and upon reaching the
second instar, they enter the stem. Its attack can be identified by the inlet and outlet holes, as
well as the longitudinal opening of the maize stalk, where the presence of the caterpillar or the
passageway left by it is observed.

In high infestations, the attack of this insect can cause losses up to 21% in production. It can
attack 65 plant species such as sugarcane, maize, millet, sweet sorghum, wheat, grain sorghum,
and rice, besides many other grasses (Poaceae) and spontaneous weeds such as Sorghum
halepense, Paspalum sp., Panicum spp., and Holcu ssp. Moreover, Andropogon ssp. The larvae
damage maize in various ways: in small plants, by attacking the whorl, causing holes in the
leaf blade to the death of the meristem. In more developed plants, they open galleries, feeding
on the stem. These galleries are usually longitudinal but may present circular aspect, making
the plant very susceptible to falling. Damages can also occur in the ear, allowing the cross
infestation with weevils Sitophilus spp.

2.2.1. Methods of control

2.2.1.1. Chemical control

Depending on the behavior of this pest, chemical control usually does not present satisfactory
result, unless the attack begins very early. In this case, seed treatment with systemic insecticides
or pyrethroid sprays directed toward the base of the plant gives good results.

2.2.1.2. Biological control:

In the past 60 years, the biological control of this pest in sugarcane crop has been successful
with the caterpillar parasitoid Cotesia flavipes and, more recently, with the egg parasitoid
Trichogramma galloi and may be extended to the control methodology for the maize crop.

2.2.1.3. Mechanical control

Elimination of crop residues and host plants, especially grasses (Poaceae), help reduce the
infestation for the next crop season.

2.3. Black cutworm (Agrotis ipsilon)

Black cutworm, from the genus Agrotis, constitute an important group of insect pests, mainly
due to damages to the large number of cultivated plants and their wide geographic distribu‐
tion. Agrotis ipsilon is the main species of black cutworm referred to in Brazil and is a poly‐
phagous insect, which attacks mainly horticultural crops [7]. It can also attack other species of
different plant families, in crops such as maize, soybeans, beans, and cotton [8].
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The adults of this pest are moths with a 35-mm wingspan, whose anterior wings are brown
with some black spots, and posterior are hyaline white, with a gray lateral edge [9]. Eggs are
deposited on the shoot of the plant, stalks, stems, or on the ground near host plants; they are
whitish and may be found individually or in groups. Each female can lay over a thousand eggs
in a lifetime [8].

After the first instar, the caterpillars are directed to the ground, where they remain protected
during the day. They measure up to 5 cm in length, are robust, smooth, and in a variable
coloration, with a predominance of dark gray and brown with black spots. They have nocturnal
habits and are housed in the soil under debris during the day [11].

Regarding the cycle, after 4 days of the oviposture on the leaves, the caterpillars emerge. After
approximately 30 days, they become pupae and remain in the soil for a period of 10 to 20 days
until they become adults. The process varies 34–64 days (egg: 4; caterpillar: 20–40; pupae: 10–
20). A female can lay up to 1,260 eggs, with a preoviposition period of 3 days [8].

The caterpillars attack at night, and to find them during the day, you need to revolve the soil
at the base of the host plant. The main damage occurs on the establishment period of the crop
when the caterpillars cut the young plants—seedlings of up to 20 cm—tumbling them and may
cause high reduction of the stand. However, attacks in older plants can occur, which in this
case will demonstrate the presence of cut leaves or galleries open at the stem base (they can
cause the symptom of “dead heart”) or more shallow roots.

When the death of plant is not observed, the attack causes tillering. It is not common to see
small caterpillars exerting plant cutting activity; they often destroy the leaf blade and the
petiole [8, 9].

2.3.1. Methods of control

To have an effective system of control for this pest, we recommend the use of various tactics
of control, individually or harmoniously, creating a management strategy based on cost–
benefit analyzes and with a reduction on the impact on the farmers, the society, and the
environment adopting IPM.

2.3.1.1. Cultural control

Early desiccation is a practice that can reduce the infestation of Agrotis spp. since the moths
prefer to lay eggs on plants or crop residues still green. The highest incidence of attack occurs
in areas of not cleaned and heavy soil. In this way, the correct postcultivation management is
indispensable to keep the pest below the economic injury level [9].

2.3.1.2. Insecticide application technology

Due to the nocturnal habit of this pest, another management tactic that is important is the
quality of pesticide application technology. This must be done directing the jet spray to the
base of the plant, preferably in the early evening and with a high solution volume [8].
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2.3.1.3. Seed treatment

Due to the nocturnal habit of the pest and the difficulty of being hit directly by pesticides, seed
treatment with systemic insecticides can be very effective to control this pest. This practice has
shown to be even more efficient in areas with history of high occurrence and recurrence.

2.3.1.4. Chemical control

As an emergency control, chlorpyrifos can be used in spraying, preferably in the early evening.

2.3.1.5. Biotechnology

The use of genetically modified seeds with insecticidal proteins can be a tool to control this
pest but is more effective to control small caterpillars [8].

2.4. Cornstalk borer (Elasmopalpus lignosellus)

It is very difficult to manage cornstalk borer in sandy soils (well drained) and under cerrado
vegetation (savannah) (especially in the first year of cultivation) in dry periods with high
temperatures, in particular in the first 30 days after emergence. Just as the black cutworm, the
cornstalk borer causes damage also known as “dead heart” and causes significant losses in the
stand.

The moth of nocturnal habits has a 1.5- to 2.5-cm wingspan and has gray-yellowish wings. It
lays eggs preferably in the base of plants or in the soil, which are initially clear, but with the
approach of the hatching become dark red. The caterpillar has blue-green color, with brown,
purple, or dark brown transverse stripes, and measures about 1.5 cm [8].

It is a sporadic pest, however, polyphagous; it feeds from diverse crops (such as soybeans,
maize, and cotton), with great capacity for destruction in a short period of time, especially
between VE and V3 stages. After hatching, the caterpillar scrapes the plant leaves and starts
its penetration in the stem remaining in this location during the day. It builds a shelter with
web and dirt, which is attached to the gallery’s opening also made by it, where droppings are
being accumulated. Its damages are associated with drought after plant emergence, and the
greatest damages are observed in conventionally tilled fields, with light, well-drained soil, and
lower damages in sites with tillage and irrigation.

In maize, it feeds inside the stem and goes upward toward the growing point of the plant
(apical bud), eventually damaging it, causing reduction in size or even death of the youngest
leaves, a symptom known as “dead heart.” In certain situations, the attack symptoms of
cornstalk borer do not necessarily cause the dead heart but shoots at the base of the plant and
present symptoms very similar to the attack of green belly stink bug (Dichelops spp.).

In soybeans and cotton, cornstalk borer feeds on the stem and branches of seedlings, causing
wilting, drying, tipping, and even death. In larger plants, the pest opens galleries inside the
stem. The damage is greater when the attack occurs early in the development of culture, when
the young plants are eaten and have less ability to recover. During the larval stage, the insects
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are highly mobile and can migrate from dead plants to live ones and can cause major damage
and even failure in planting lines. They also cause drying and death of plants, necessitating
replanting [8].

2.4.1. Methods of control

2.4.1.1. Chemical control

Can be accomplished by seed treatment with systemic insecticides. Insecticides applied soon
after the appearing of the pest have not shown satisfactory results, making the best option the
preventive control.

2.4.1.2. Cultural control

In regions with high incidence of pest, increased seed density per area may be an alternative.
Maintaining humidity also contributes to the decrease of the attack of this pest [8].

2.5. Corn earworm (H. zea) and (H. armigera)

Due to the moth habit of depositing eggs on the plant stigma and the caterpillar developing
inside the ear, H. zea is called corn earworm.

It has pronounced larval movement in different crops and is aggressive when touched,
adopting a defensive posture. The pupal development occurs in the soil and can occur optional
diapause depending on weather conditions.

H. armigera has a higher attack spectrum than H. zea. In addition to maize, cotton, soybean,
and tomato crops, the preferred targets of H. zea, it also attacks beans and sorghum, which
causes damages to vegetative and reproductive structures.

Caterpillars of Helicoverpa spp. perform predation of other species of caterpillars and also on
the same species (cannibalism) [8].

They have a high fertility rate and can occur up to 11 generations of the pest, with night
oviposition preferably and capacity of laying 2,200–3,000 eggs on host plants, but with no
predilection for specific parts of the plant [8].

For this reason, it feeds inordinately of all plant structures at an early stage, with preference
for the reproductive structures in final stages of development [8].

2.5.1. Methods of control

One of the key points for success in controlling H. armigera and H. zea is to correctly identify
the pest in the field, mainly due to its similarity to Heliothis virescens, the tobacco budworm.

It presents different behavior in relation to this pest, with aggression and resistance to
insecticides based on synthetic pyrethroid characteristics [11], the joint use of agricultural
practices and the integrated management of pests in a correct manner are essential.
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2.5.2. Integrated pest management

The use of integrated agronomic systems, combining knowledge of the target pest, the constant
monitoring of the crops that are in the system, and the adoption of practices that aimed cultural
control and biological maintenance, combined with the use of biotechnologies to fight pest,
are suitable forms of maintenance and control of Helicoverpa spp.

2.5.3. Chemical control

The use of insecticides from the chemical group diamides has shown satisfactory control in
the fight against the pest.

2.5.4. Adoption of Bt maize is occurring rapidly

With only 6 years of the release of its cultivation by CTNBio, over 70% of the Brazilian maize
crops were coming from transgenic crops, and it is projected to increase to 81%, which
represents the cultivation area with intensive use of technology [12].

2.6. Corn rootworm (Diabrotica speciosa)

Among the six species of Diabrotica occurring in the tropics, Diabrotica speciosa is distinguished
by economic importance to maize crops. This species is a polyphagous pest widely distributed
in Brazilian states and in some countries in South America. The adults damage the shoots of
various crops such as horticultural crops (solanaceous, cucurbits, crucifers plants), beans,
soybeans, sunflower, and maize, causing defoliation and in some cases are vectors of patho‐
gens. When adults feed, it transmits numerous viruses to plants. The viruses are easily
transmitted mechanically and produce highly antigenic responses. The transmission of the
virus from one insect to another is associated with the contact to the regurgitated material,
defecated or through contaminated hemolymph. In the order Coleoptera, species of Ceroto‐
ma and Diabrotica genres are the most important vectors of viruses in the Americas. The larva
has been considered one of the most important underground pests of crops such as maize,
wheat, other cereals, and potato. The economical loss caused by the larva for these crops has
been significant in the southern states and in some areas of the Southeast and Midwest. In the
South, areas where soils are usually rich in organic matter and retain higher humidity favors
the biology of larvae. In irrigated areas of the Southeast and Midwest, where several host crops
are grown in succession, the damage has been representative. The larvae feed on the roots,
reducing the plant’s ability to absorb water and nutrients, making them less productive and
subject to lodging, causing losses when harvesting is performed mechanically. For the maize
crop, losses have been reported in the yield varying between 10% and 13% due to the attack,
when high infestation of this pest occurs [13].

The adults are greenish color presenting three yellow spots on each shard, black tibia and
tarsus and brown head, being called “patriot.” They measure about 6 mm in length. Males are
smaller than females. Adult longevity, the pace of oviposition and fertility depend on the type
of food they feed on in the larval and adult stages.
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The longevity may vary from 41.8 to 55.5 days for the males and from 51.6 to 58.5 days for the
females. The oviposition is held in the soil around the plants. The eggs are yellow and measure
0.5 mm in diameter. The incubation period ranges from 6 to 8 days. The larva phase goes
through three instars, and the larvae reaches 10 mm long, with whitish coloring, brown head,
and a chitinized dark plate in the last abdominal segment. The average larval period is 18 days.
The prepupa average period is 5 days and pupal period is 7 days. The life cycle varies from 24
to 40 days. The temperature is a climate factor that affects the rate of development of the
immature stages as well as the longevity of adults and reproduction [13].

2.6.1. Methods of control

Chemical control has been the most widely used method for controlling various species of
Diabrotica. In Brazil, research works about the control of D. speciosa larvae attacking maize crop
are scarce, complicating the recommendation of insecticides and the application method to
control this pest, while in other countries, information about the control of other species of the
genus is abundant.

The persistence of insecticides has been considered an important factor in the control of
Diabrotica larvae. Ideally, the pesticide persists in the soil for 6 to 10 weeks, providing protec‐
tion to the plant in the most susceptible period to pest [14]. As a result, treatment of seeds with
insecticides has shown problems in the control of the larvae. The use of granular insecticides
or spraying in the planting groove is effective alternatives to control the larvae [13].

Biological control is a promising tactic for managing this pest. Several natural enemies are
described attacking adults and larvae of D. speciosa. The ones with most frequent occurrence
are Celatoria bosqi (Dip., Tachinidae), Centistes gasseni (Hym., Braconidae), fungi Beauveria
bassiana, Metarhizium anisopliae, and Paecilomyces lilacinus. The control of larvae, especially with
fungi, has great potential to be implemented in field conditions. As a strategy for the use of
cultural control, it is important to consider that soil moisture and preparation method can affect
the population of larvae. Adults have a clear preference for oviposition in darker soils with
higher organic matter levels and moisture [13].

3. Insect resistance management to the Bt technology

The control of insect pests in agriculture has been done mainly through the application of
chemical insecticides. However, chemical insecticides have lost effectiveness due to the
selection of populations of resistant insects and cause adverse environmental effects.

In this context, the biological insecticide B. thuringiensis (Bt) has emerged as an alternative for
the control of insect pests of agriculture. The Cry proteins produced by Bt have demonstrated
a high specificity, and there is no evidence that directly affect natural enemies [15] as well as
vertebrates [16]. These features have made the development of transgenic plants producing
Cry proteins in its solubilized form possible, which give the property of resistance to insect
pests. In the sequence, we will discourse about these proteins, as they are the mechanisms of
action in the target insect, and their most important applications.
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Bt is a gram-positive bacteria, strictly aerobic, which during its life cycle has two main stages:
vegetative growth, which bacteria replicate by splitting, and sporulation, which is differenti‐
ating bacteria in the spore. Bt is considered a ubiquitous bacteria since it has been isolated from
around the world in many different systems, such as soil, water, plant leaves, and dead insects,
among others. In the sporulation phase, Bt bacterium is characterized by producing a para‐
sporal body known as “crystal,” which is a protein nature and has insecticidal properties. The
crystal protein is formed by proteins called δ-endotoxins, also known as Cry or Cyt proteins.
δ-Endotoxin proteins have been found active against insects of Lepidoptera, Coleoptera,
Diptera, Hymenoptera (ants), and also against other invertebrates such as nematodes,
flatworms, and protozoans.

As mentioned, there are two types of δ-endotoxins: Cry and Cyt proteins. So far, more than
733 Cry genes and 38 different Cyt genes have been cloned and sequenced [17]. This is certainly
a valuable arsenal for insect pest control. The nomenclature of δ-endotoxin is based solely on
the similarity of the primary sequence. By definition, any parasporal protein that presents any
toxic effect on body verified by bioassay or any protein that presents similarities with the Cry
proteins are considered a Cry protein. Currently, Cry proteins have been found in other species
of bacteria such as Clostridium bifermentans (classified as Cry16A and Cry17A) with activity to
mosquitoes. The Cyt are Bt parasporal proteins that exhibit hemolytic activity.

Cry proteins are sorted and divided into 73 groups and several subgroups, and Cyt proteins
into two different groups and subgroups, based on the similarity of the amino acid sequence.
The Arabic numeral designates an identity of 45% (for example, Cry1, Cry2, etc.), the capital
letter corresponds to 45–78% identity (cry1A, cry1B, etc.), the lowercase letter corresponds to
the identities of 78–95% (Cry1Aa, Cry1Ab, Cry1Ac, etc.), and the Arabic numeral at the end of
the nomenclature indicates more than 95% identity (Cry1Aa1, Cry1Aa2, etc.).

The symptoms observed in susceptible insect larvae when Bt crystals and spores are ingested
are as follows: cessation of intake, intestinal paralysis, diarrhea, complete paralysis, and
eventually death. In general, it is accepted that the Cry proteins are forming pores, which cause
an osmotic imbalance in epithelial cells since proteins bind to receptors of the cell surface
digestive system.

The Cry proteins are produced as a protoxin that needs to be proteolytically processed by
proteases present in the gut of susceptible insects. This proteolytic processing releases toxic
fragments to the insect (protein in the solubilized form), with a mass between 55 and 65 kDa,
which interact with receptor proteins present in the microvilli of intestinal cells of the target
insect. Subsequently, the proteins bind to the intestinal membrane forming a lytic pore.

Despite low similarity of Cry proteins, in some cases less than 25%, these have a similar
structure composed of three domains. The domain I, composed of seven α and amphipathic
antiparallel helices, where six of them surrounds the helix α5. This is the domain that forms
the ion pore. Domain II consists of three folded β-sheet and three handles, where the most
structural difference is observed. This is the domain less conserved among Cry proteins.
However, its sequence and tertiary structure play an important role in the specificity of the
protein since the handles interact with the receiver located in the microvilli of the midgut
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epithelial cells. Domain III consists of two antiparallel β folded sheets forming a sandwich and
is also involved in the interaction with receptors.

Commercial name Events Protein Applicant
Year of

approval

YieldGard* MON810 Cry1Ab Monsanto 2007

TL** Bt Cry1Ab PAT Syngenta 2007

Herculex** TC1507 Cry1F PAT
DuPont and Dow

AgroSciences
2008

YR YieldGard/RR2** NK603 and MON810
CP4-EPSPS

Cry1Ab
Monsanto 2009

TL/TG** Bt11 and GA21
Cry1Ab PAT

mEPSPS
Syngenta 2009

Agrisure Viptera* MIR162 VIP 3Aa20 Syngenta 2009

HR Herculex/RR2** TC1507 and NK603
Cry1F PAT
CP-4EPSPS

DuPont 2009

VTPRO* MON89034
Cry1A.105
Cry2Ab2

Monsanto 2009

TL TG Viptera** Bt11, MIR162, and GA21
Cry1Ab VIP3Aa20

mEPSPS
Syngenta 2010

VTPRO2** MON89034 7 NK603
Cry1A.105 Cry2Ab2

CP4-EPSPS
Monsanto 2010

Optimum Intrasect RR2**
MON810, TC1507, and

NK603
Cry1A.105 Cry2Ab2

Cry1F PAT CP4-EPSPS
DuPont 2010

Optimum Intrasect** TC1507 and MON810 Cry1F Cry1Ab PAT DuPont 2011

VTPRO3** MON89034 and MON88017
Cry1A.105 Cry2Ab2
Cry3Bb1 CP4-EPSPS

Monsanto 2011

Herculex XTRA maize TC1507 x DAS-59122-7
Cry1F PAT

Cry34Ab1 Cry35Ab1
DuPont and Dow

AgroSciences
2013

*Insect resistant.
**Insect resistant and herbicide tolerant.
Source: CTNBio [20].

Table 1. General summary of maize plants genetically modified approved for marketing in Brazil.

The aminopeptidase N (APN) is a protein from the family of cadherins (BtR) and have been
proposed as potential recipient of Cry1A proteins in Lepidoptera. The APN is a protein with
an apparent mass of 120 kDa, which is anchored to the membrane via a glycosylphosphatidyl
group inositol (GPI). There is evidence that the interaction of the protein with the cadherin
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receptor promotes an additional cut in the extreme amino terminus of the Cry protein by
facilitating the formation of an oligomer or “pre-poro” formed by four monomers, which is
responsible for membrane insertion and pore formation. For the “pre-poro” to be inserted in
the membrane, it is necessary to interact with the APN receptor. The proteins anchored in the
membrane by GPI are preferably distributed in specific regions of the membrane, known as
lipid rafts, which have specific characteristics due to the high content of cholesterol and
glycolipids. The interaction of the Cry protein of the “pre-pore” with the APN facilitates the
insertion of oligomer in the lipid rafts on the membrane, resulting in pore formation [18].

The Bt technology relies on the transfer and expression of resistance genes to insect pest in
maize, isolated from the bacteria B. thuringiensis Berlinger (Bt) [19]. The preservation of
susceptibility to Bt toxins in pest populations depends on resistance management programs
(IRM). Table 1 presents a summary of the most important technologies for maize crop.

3.1. Considerations about the refuge area

The main IRM strategy is the use of “high dose/refuge,” which involves the use of high dose
of Bt protein in plants, promoting high mortality of heterozygotes associated with the planting
of refuge, i.e., a proportion of the crop in which it must be planted a non-Bt variety, allowing
the survival of susceptible individuals to mate with possible resistant ones [21]. A protein may
have high dose activity for a pest species and moderate or low dose to others, which does not
impair the IRM because it is expected a simultaneous action of other mortality factors, such as
natural enemies [22]. In this scenario, the adoption of the refuge area is also key to the IRM.

The explanation for cases of resistance to Bt crops appears to be related to the nonuse of high
dose/refuge [23] strategy, particularly the nonadoption of refuge [24, 25].

The configuration of refuge areas may vary, but basic criteria of size and proximity to the Bt
crops based on the target pest bioecology should be followed [22] so that these areas produce
consistent proportions of adults for mating and maintaining susceptibility. In Figure 1,
specified examples of refuge areas settings are shown.

Figure 1. Examples of refuge areas settings.
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A good example of an alternative method for pest control, especially in Brazil, against fall
armyworm, was the development and release of genetically modified plants such as Bt maize,
a technology adopted with incredible rapidity in Brazil. Unfortunately, used without proper
care, there are already complaints from different parts of the country in a few years of use
about the presence of caterpillars and their damage above expectations. In fact, the expectation
of farmers is that there would be no injuries from this pest in the crop. For fear of having
economic losses, the chemical control so far left as low priority is back to be used in some areas
of higher incidence even in Bt maize. Therefore, the importance of the technology should
always be emphasized, however, pointing out that it alone will not solve the numerous
phytosanitary problems in maize or other crops. For various reasons, since the commercial
release of Bt maize, there was already a concern for the proper management of the technology
to prevent breakdown of resistance by target pests. All good agricultural practices generally
conveyed along with the acquisition of the seed must be strictly followed. Such practices
include adopting refuge areas.

Until 2007, the scenario of maize crop in Brazil was of growing losses by caterpillar’s attacks.
Problems with fall armyworm, black cutworm, corn earworm, cornstalk borer, and sugarcane
borer increasingly frightened the farmer, who had little efficiency in the control of these pests
using insecticides.

Quickly, the Bt technology in maize significantly reduced the problems with chewing insects,
causing the erroneous impression that the technology was “bulletproof,” meaning that nothing
needed to be done and that all IPM practices could be left aside. However, with passing time
and the intensive use of technology, the problems with insect resistance began to appear.

Resistance can be defined as a biological and evolutionary phenomenon that occurs in response
to selection pressure exerted by the different control agents.

The evolution of resistance consists in the selection of resistant individuals that are naturally
present in nature, leading to increased frequency of these individuals or their genes in the pest
population, leading eventually to restrictions control agent efficiency. Unlike foliar insecti‐
cides, the Bt crops carry a much higher selection pressure on populations of insect pests that
are target to control due to continued expression of insecticidal toxins over the crop growth
period. This causes a higher risk of pest developing resistance to Bt technology.

The continuous expression of insecticidal proteins throughout the cycle of Bt plants and this
rapid adoption represent threats to its durability, the strong selection pressure on the pest
insects [23, 26]. Indeed, cases of resistance to Bt toxins have been reported for maize pests such
as S. frugiperda [27–29] and Diabrotica virgifera [24].

According to Kumar et al. [30], the use of refuge areas, represented by planting susceptible
varieties surrounding soybean crops sown with Bt varieties, is the main strategy to prevent
the development of resistance.

Although avoiding the phenomenon of resistance of pests to insecticides (chemical or biolog‐
ical) should be a constant concern in the case of Bt crops, the recommended strategy involves
actions that require time and use of machines, which may result in hatred of farmers to
compliance, resulting in lower lifetime varieties with this feature.
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The aggravating factor is that due to the characteristic (or genetic) of resistance when we start
to see damage in the field in a technology with medium-high dose, the frequency of alleles is
now probably around 10%, with the chance that, with continuous exposure to technology, the
population will be at a much higher proportion of resistant individuals in a few generations.

Since the launch of the first Bts, several companies warned that the IPM practices should not
be set aside and, especially, the refuge area should be established in all farms. The refuge,
which is the planting of at least 10% of the area with a non-Bt hybrid maize, allows the survival
of insects susceptible to Bt technology. The preservation of these susceptible insects allows the
crossing with possible resistant insects, resulting in a progeny of susceptible insects.

However, few farmers planted the refuge area, and when they did, spraying in such areas were
constant in order to obtain the productivity in the area. The result was that even when present,
in many cases, the refuge areas did not work effectively in the maintenance of susceptible
insects that would mate with any resistant insect coming from the Bt areas. In the absence of
susceptible insects from the refuge area, any surviving insects resistant to exposure to Bt mated
with each other, allowing relatively rapid increase of the resistance alleles and increased
amounts of resistant individuals in the field.

Now that the resistance break of fall armyworm to Cry1F technologies is a reality, the question
is, Is the refuge still necessary and beneficial for this technology?

The answer is certainly yes, because there are other pests that are controlled by the Cry1F
protein as the sugarcane borer; other insects are likely to also develop resistance in case the
best management practices are not applied, and in case there is no maintenance of susceptible
individuals by adopting the structured refuge. The refuge is essential to maintain the efficiency
of this control. In addition, all the technologies in the market today will have their increased
durability and benefit from the adoption of best management practices and refuge areas for
planting.

Knowing that the refuge areas are part of the IPM and the insect resistance management, how
should we proceed to make the correct use?

As previously mentioned, poor adherence of refuge use or the many insecticide applications
in the refuge, eliminating susceptible individuals, resulted in an ineffective resistance man‐
agement system, which favored a faster resistance evolution rate.

It is known that only the adoption of refuge is not enough to maintain the effectiveness of
the  technology  and  should  also  be  considered  to  manage  the  use  of  insecticides  in
agriculture. The refuge should be as a donor area of susceptible insects so that they can
mate with any resistant insects and the result is susceptible individuals in larger quanti‐
ties. Therefore, it is necessary to maintain differential applications between the refuge and
Bt crop so that the application rate of insecticide in the refuge should be lower than in the
fields. Basically, we have to think of resistance management in Bt  area and management
of economic damage in the refuge area.
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3.2. Early desiccation followed by insecticide

The previous crops as well as weeds and volunteer plants in the environment can host the
main pests that attack maize in the initial phase, influencing the predominant species and the
initial pressure of pests. Thus, in the no-tillage system, pest pressure in the early stage of the
crop can be greater when compared to conventional tillage.

In the case of the presence of pests in the area, it is recommended that the application of
insecticide be followed by preplanting desiccation, aiming the reduction of the initial popu‐
lation of pests, which are the most challenging for seed treatment; the control of resident
caterpillars in later instars, which can cause early damage even in Bt maize crops; and the
maintenance of the initial stand of the crop.

Regarding the early cover crop desiccation, it aims to provide dry straw on the ground,
facilitating the operation of planting and promoting the protection of the soil. The optimal
timing of herbicide applications may vary according to weather conditions and the cropping
system used.

It is recommended to make two herbicide application; in the first period of approximately 30
days before planting, thus avoiding the presence of green mass at the time of sowing, and in
the second desiccation shortly before planting in order to control the first flow of weeds after
the first desiccation.

We highlight some benefits of desiccation performed at the right moment: more efficient use
of insecticide in the second desiccation, as the green cover reduces its intensity with the first
desiccation (eliminating the umbrella effect for insecticide); better plantability: easier cut of the
straw by planter; availability of dry straw in the crop germination period: protection of soil
moisture; reduction of possible allelopathic effects of the previous crop as the main crop; and
ease in weed control in the postemergency phase of the crop, if necessary.

3.3. Weed control

Some weeds may host insect pests of succeeding crops, allowing a significant amount to
survive in the areas of cultivation in the off-season period. In addition, weeds can be sources
of caterpillars in later instars, which presents major difficulty to control by the Bt technology.
Some practices may contribute to a better control of weeds, as well as prevent resistance to
herbicides:

• Do not leave fallow areas: use integrated practices of weed management during the year,
focusing on the handling of the seed bank (crop rotation and covers).

• Start growing in clean area: make an effective control early in the preplanting and, if
necessary, use a preemergent in high pressure areas of weed.

• Use the dose and the correct moment of the application of products in good management
system, in compliance with the best application conditions.
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• Use the postharvest management: use the association of herbicides with different modes of
action.

• Monitor the results of the implemented management strategy, preventing the establishment
of remnant populations of weed in the crop.

• Use the best agronomic practices to maximize crop competitiveness with weeds, also
avoiding seed dispersal by agricultural implements.

Regarding the management of volunteer plants after the maize crop, it is common the
occurrence of germinação of remaining grains from previous crop spontaneously;

The amount and timing of germination of these maize kernels, producing crop residues (also
known as “tigueras”), depends on many factors, being the quality of the previous harvest one
of the most important; herbicides called graminicides are the main management tool of these
plants. Volunteer plants are controlled until the V3/V4 stage to obtain consistent and quick
controls. Weed competition is prevented with subsequent soybean crop, making the early
management of volunteer plants.

3.4. Seed treatment

Seed treatment (ST) is a practice that seeks control of underground and initial culture pests, a
period of great susceptibility to pests. The damage caused by these pests results in crop failures
due to the attack on the seeds after planting, damage to roots after germination, and shoots of
newly emerged plants. The correct choice of chemical is essential to the success of this
operation. We recommend using products from broad spectrum to provide efficient control
of the initial pests of the crop complex, which will bring results as the protection of plants in
the initial development phase, broad-spectrum pest control, and maintenance of the initial
stand of the crop.

3.5. Crop rotation

Crop rotation consists of alternating the planting of different species of crops in the same
agricultural area. The choice of species for crop rotation should take into account economic
factors, pests, diseases, and fertilization, among others.

To obtain maximum efficiency, improving productivity capacity of the soil, the planning of
crop rotation must consider, preferably commercial plants and, whenever possible, involving
species that produce large amounts of biomass and rapid development, cultivated singly or
intercropped with commercial crops.

Among the benefits of crop rotation in pest management in Bt maize, the highlights are as
follows: improved physical and chemical properties of the soil, reduction of disease inoculum
source for subsequent crops, reduction of the initial population of some insect pests of the crop,
aid in weed management, and ability to switch herbicides for the control and increase in the
system productivity.
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4. New sources of resistance

The interaction of plant-herbivore insects occurs in various combinations of genotypes and
environments, which makes its coevolution process broad and diverse. For this reason, plants
and insects can provide a wide range of mechanisms, which make them resistant to attack or
able to circumvent the acquired resistance. Thus, when considering the coevolution as a
dynamic process, we must be sure that the natural resistance or artificially acquired by an
organism may be short-lived or long-lasting, but difficultly can occur permanently. On the
other hand, the duration of plant resistance will be greater as lower the speed on the evolution
of resistance in the insect target, in other words, we must focus on strategies to reduce the
selection pressure on the target. It is precisely in this aspect that the search for new genes that
may confer resistance to insects fits. For example, using more than one resistance gene in a
genetically modified plant, it is possible to prolong the emergence of resistant individuals,
especially if these genes relate to different sources of resistance as a toxin and a compound that
attracts a natural enemy target.

The prospect of important genes in plant–insect interaction has the fundamental objective of
assisting in the preparation of new alternatives, both with the identification of genes that make
plants resistant or susceptible to insect attack, as with the identification of genes that are
associated with the insect’s ability on circumvent the defenses of their hosts. Knowledge of the
physiology of insects resistant to Bt toxins, for example, is important to the discovery of new
targets (genes or genetic polymorphisms).

Otherwise, other Bt toxin proteins or other natural enemies of herbivorous insects may also
represent new alternatives resistance.

In this sense, studies aiming at prospecting for new important genes in plant-herbivore insect
interactions can concentrate on the plant by identifying mRNA expressed (transcriptome) [31],
proteins (proteomics) [32], or metabolites (metabolomics) synthesized in specific tissues and
moments of the interaction, or they may focus on the insect by the use of the same tools applied
to tissues or moments fundamental to the success of interaction, such as the study of the
digestive proteins secreted in the midgut and that enable herbivores [31] or the study of
regulatory elements of metamorphosis [34]. Alternatively, prospecting studies can focus on
the interaction of model organisms for which there is already high amount of generated
knowledge (genomic knowledge and tools to produce genetic alterations), such as Arabidop‐
sis–Scaptomyza flava interaction (Drosophila) [35], or may focus on a single study or specific
response mechanism by, for example, the application of a compound that is known to cause a
direct defense response in plants [36].

Different strategies can be useful for gene prospecting, including comparative analyzes of
transcriptoma, proteomics, metabolomics, and the functional study of genes by mutagenesis,
overexpression, and gene silencing. Indeed, comparative analyzes can be exploited as ideal
strategies for global exploration of important genes in plant–insect interaction. Such analyzes
can be conducted in order to compare important genes in plant–insect interaction in different
environmental conditions [37] in resistant and susceptible plants [38] in injured plants by
different insects [39] and others.

Management Practices for Insect Resistance in Bt Maize
http://dx.doi.org/10.5772/61653

75



Global prospection strategies achieved particular prominence with the use of new technologies
of DNA sequencing to characterize transcriptoma (RNA-seq). With RNA-seq strategies, it is
possible to generate billion bases of information in single runs (at a much lower cost than
Sanger sequencing), which allows access to regulatory genes, represented by one or a few
mRNAs [40] and covering full-length cDNAs [41].

Although the global strategies of gene prospecting are potentially unlimited, the success of
identifying real candidates depends on the development of an efficient experimental design.
On the work of Li et al. [37], the defense mechanisms of two soybean varieties, that is, resistant
and susceptible to an aphid, were studied using microarrangements of cDNA, and the
collection period after an infection determined by the time necessary to the insect reaches the
xylem vessel elements in the plant, about 8 hours in the resistant cultivar and 3.5 hours in the
susceptible cultivar.

The large-scale study of metabolites produced by plants in the presence of insect pests also
consists in an innovative possibility of seeking alternatives for its control and the identification
of genes or important metabolic pathways. In soybean leaves [42], it was observed that
constitutively leave extracts of PI 227687 contain the isoflavonoid genistein and seven flavonol
glycosides, including rutin [43], by studying the leaf extract resistant to insect genotypes PI
274454, “IAC-100,” and PI 229358, which identified and quantified the flavonol rutin and the
isoflavonoid genistein.

Their identification and their role in the interactions of insects with soybean plants can guide
geneticists in order to keep them in descendant generations as part of the defense armory of
plants against herbivores. To study if the insect resistance of genotypes PI 227687, PI 274454,
and “IAC 100” is due to chemicals present in their constitution, they used extracts of these
genotypes mixed to artificial diet. By the results obtained, Piubelli et al. [43, 44] found that
those strata negatively affect the biology of Anticarsia gemmatalis. Additionally, studies have
shown that the flavonol rutin causes antibiosis in Trichoplusia ni (Hübner) [45, 46].

In general, although the Bt strategy to control lepidopteran still is the world’s most important
in controlling pests, new sources of resistance may operate independently or may also be
added to the Bt strategy so as to promote their own maintenance of Bt resistance in commer‐
cialized transgenic plants.

Molecular biology tools have supplemented the information generated by morphological and
behavior studies, contributing to the elucidation of issues in the fields of taxonomy, ecology,
pests population genetics, parasitoids, predators, and entomopathogenic bacteria. Its resolving
power has allowed increased knowledge on the occurrence of cryptic species, differentiation
of insect races, and separation of microorganisms species indistinguishable by morphological
characters. These tools also have wide application in genetic studies of resistance to insecticides
and toxins and in the determination of genes associated with these phenomena. On the other
hand, they have facilitated the breeding works to plant resistance to insects, as well as the
transformation of the beneficial organisms to increase pest control potential. Considering its
potential and reducing reagent costs and simplifying processes, we expect a growing appli‐
cation in basic and applied fields of entomology and its related areas.
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shown that the flavonol rutin causes antibiosis in Trichoplusia ni (Hübner) [45, 46].

In general, although the Bt strategy to control lepidopteran still is the world’s most important
in controlling pests, new sources of resistance may operate independently or may also be
added to the Bt strategy so as to promote their own maintenance of Bt resistance in commer‐
cialized transgenic plants.

Molecular biology tools have supplemented the information generated by morphological and
behavior studies, contributing to the elucidation of issues in the fields of taxonomy, ecology,
pests population genetics, parasitoids, predators, and entomopathogenic bacteria. Its resolving
power has allowed increased knowledge on the occurrence of cryptic species, differentiation
of insect races, and separation of microorganisms species indistinguishable by morphological
characters. These tools also have wide application in genetic studies of resistance to insecticides
and toxins and in the determination of genes associated with these phenomena. On the other
hand, they have facilitated the breeding works to plant resistance to insects, as well as the
transformation of the beneficial organisms to increase pest control potential. Considering its
potential and reducing reagent costs and simplifying processes, we expect a growing appli‐
cation in basic and applied fields of entomology and its related areas.
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5. Final considerations

The first challenge will be to develop innovative formulas of the application of integrated pest
management concepts that are adequate with the new and dynamic field reality, including the
prevalence of tropical regions for soybean cultivation, its integration into more complex
production systems and large overlap of common pests to different crops in the same system,
and the great extension of crops. Framing this set is a phenomenon that has grown in impor‐
tance over the past decade, greatly worrying farmers, which is the lack of manpower available
for the labors on the field.

Developing biological control technologies that are technically feasible and economically
competitive will also be a challenge, given the diversity of the production system pests and
the impact that other forms of control, especially insecticides and fungicides, will have on
biological control agents.

The emergence of Bt crops is an important step between the tactics available for pest control
in various crops such as maize, canola, cotton, and, in the near future, soybeans. In addition
to controlling some important species of Lepidoptera, a positive externality of the use of Bt
crops will be the preservation of insects that act as predators or parasitoids of pests due to less
use of insecticides to control caterpillars, nonselective to these biological control agents.
However, there is the ever present risk of emergence of Lepidoptera populations insensitive
to the toxin produced by Bt crops due to nonuse of refuge by farmers. The events are similar
for different crops with Bt cultivars or varieties, and some pests attack more than one crop for
which there are Bt events, increasing the risk of emergence of insensitive populations.
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Abstract

Eggs are difficult to kill because of the unique structure of the eggshell, comprised of
multiple layers that have evolved to allow the embryo to breathe while simultaneously
limiting water loss. The eggshell has been shown to be an excellent barrier to insecticides,
fungal pathogens, and some fumigants. The insect eggshell contains only a few areas that
could allow penetration of insecticides, the aeropyles and micropyles, which seem to be
either so few in number or small in size that they do not allow a sufficient amount of in‐
secticide through the eggshell. Resistance is also a contributing factor to control failures
of insect eggs. Resistance in eggs has been documented in several insect species and a few
studies have shown that some insect eggs produce elevated numbers of enzymes to break
down insecticides. This chapter focuses on the structure and respiration of the insect egg‐
shell as a barrier to insecticides and also covers various management strategies against
insect eggs. Lastly, we discuss the few documentations of resistance in insect eggs thus
far.

Keywords: Insect, egg, eggshell, resistance, management, insecticide

1. Introduction

The predominant reproductive type of most insects is egg laying, called oviparity. There is
limited literature on controlling insect eggs, although eggs are considered the most difficult
life stage to kill. Examples of this can be found in both agricultural and urban pest species.
Oftentimes, the management strategy is to essentially ignore the eggs, wait for them to hatch,
and then treat the nymphs that emerge from the eggs because they are easier to kill. During
many treatments, the eggs are left unaccounted for because they are not the nuisance stage
(they do not bite or feed) and are not as visible as other stages. However, the eggs left behind
that were not killed by the treatment will soon begin to hatch and cause a reinfestation. It may
take time before the infestation grows to become a problem again, at which time reevaluation
or restart of the treatment may be necessary.
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and reproduction in any medium, provided the original work is properly cited.



Insect eggs have adapted mechanisms to enhance their survival, including the enclosure of the
embryo within an eggshell. The eggshell, also referred to as the chorion, is the first line of
defense for the developing embryo against environmental stressors. One main environmental
stressor that pest insect species have to face is human use of pesticides. The unique structure
of the eggshell renders most insecticidal products impenetrable through the eggshell.

Insecticides that do penetrate the eggshell have to reach their target site within the embryo to
be effective. A few insects have been shown to have developed enzymatic resistance to
insecticides in the egg stage. Eggs treated with insecticides repeatedly were shown to produce
high levels of enzymatic activity to break down insecticides. The combination of reduced
penetration through the eggshell and pesticide resistance makes eggs an extremely difficult
life stage to kill.

2. Insect eggshell morphology

Insect eggs are remarkably structured to provide the developing insect embryo with protec‐
tion, simultaneously providing a barrier against insecticide penetration. This is evident from
the array of structural designs observed on eggshells across insect species, which have
specifically evolved to provide the developing insect ultimate protection in the environment.
There are many variations in the respiratory structures, shape, size, coloration, and the
chorionic structure of eggs, all seemingly evolved to withstand environmental stress. The
diversity of eggshells and the structural complexity of the eggshell (Figure 1) are evident in
three butterfly eggs in the families Nymphalidae and Saturniidae. The amazing diversity of
insect eggs has received little attention from the scientific community. H. E. Hinton’s three-
volume work on the biology of insect eggs [1] represents one of the most significant contribu‐
tions to understanding insect eggs.

Various studies have attempted to characterize the insect eggshell, or chorion, and its layers.
Eggshell morphological descriptions have revealed that many insect eggs have detailed
sculpturing on the outside of the eggshell. The sculpturing is usually comprised of multisided
geometrical shapes, arranged on the eggshell in an aesthetically pleasing pattern.

Not all insect eggshells are perfectly symmetrical. For instance, the outer surfaces of the chorion
in true bugs oftentimes are geometrical but the shapes are irregular in shape and size.
Furthermore, some insect eggs lack the geometrical shapes extending from the eggshell and
are completely smooth. The formation and shape of the eggshell is highly dependent on the
outline shape of the mother’s follicle cells that synthesize the eggshell.

In the family Pentatomidae (stink bugs), the chorion is characterized by the surface structure,
termed either “spinose” or “coarse” [2]. “Spinose” refers to insect eggs that have projections
arranged in patterns that extend outwardly from the surface. The term “coarse” refers to
indented pit structures on the outer eggshell surface [2].

The chorion is produced within the female’s ovariole by the follicular epithelium. In the
simplest form, the chorion is typically comprised of three layers (exochorion, endochorion
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[inner and outer], and vitelline membrane) [2, 3]. The vitelline membrane is the innermost
layer that surrounds the embryo. A few insect studies have further subdivided the eggshell
layers into waxy layers and crystal chorionic layers, which most probably serve as the main
barriers in the eggshell against water loss. However, these structures and layers differ between
insect families and species, depending on their habitat and individual respiratory and water
requirements.

Gravid female insects have accessory glands that secrete gluelike substances, sometimes
referred to as “cement” to adhere their oviposited eggs to a substrate. These glue substances
have to be able to withstand environmental stress for the duration of embryonic development
before the larvae is ready to emerge from the eggshell. Much like the eggshell, these glue
substances are primarily comprised of proteins [4]. When considering the penetration of
insecticides, the glue sheath adds an extra layer of protection for the developing embryo. The
head louse glue sheath is especially problematic from the perspective of lice control.

Anyone who has experienced head lice is well aware of the glue sheath that surrounds a head
louse egg, called a nit. The glue sheath laid down by the mother from her collateral glands
adheres the nit to the hair shaft. This makes nits incredibly difficult to remove from hair. The
nit comb, which is a widely used management technique for head lice, has very fine teeth
designed to brush nits from the hair shaft. The sheath covers the entire egg, except at the
operculum where respiration occurs [5]. Understanding the components of the sheath could

Figure 1. Automontage photographs of three butterfly eggs. (A) An egg from the gulf fritillary, Agraulis vanillae; fami‐
ly: Nymphalidae. (B) Eggs from the luna moth, Actias luna; family: Saturniidae. Note the exuvia from the recent molt of
the larvae. (C) Eggs from the zebra longwing, Heliconius charithonia; family: Nymphalidae.
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allow researchers to develop novel ways to denature the protein components of the sheath or
to coat the sheath and prevent the embryo from breathing [5].

The embryo inside of the eggshell hatches, or encloses, through the egg cap, called the
operculum. The operculum is usually located on the anterior pole of the egg. The border of
the operculum is comprised of multiple, small, uniform-shaped holes along the circumference
of an egg, usually aligned side by side. The appearance of these holes is similar to a loose-leaf
notebook with a perforated edge on each page that allows pages to easily be torn out. The
perforations on the egg make the operculum easier to break open, thus allowing the first instar
larvae to push through the operculum during eclosion. This process is taxing to the small
larvae, so many larvae have a specialized spine, or egg burster, on their heads to assist with
hatching from the operculum [1]. In addition to an egg burster, the larvae will grow in size by
engulfing air and amniotic fluid, creating pressure inside of the egg until they expand enough
to break free from the eggshell.

In addition to the eggshell layers, there are structures present on the eggshell for respiration
(aeropyles) and fertilization (micropyles) and also inner eggshell structures for the movement
of oxygen (pillars, sometimes also referred to as struts or columns). The pillar, or column
structures, can be observed easily in the scanning electron micrograph of a hatched bed bug
egg (Figure 2). These structures that open into the eggshell are potentially sites that would
allow insecticides to enter the insect egg. The insect eggshell must maximize embryo respira‐
tion while preventing water loss. The eggshell is designed not only to limit water loss from
the egg but also to limit excessive water from entering the eggshell. Consequently, water-based
insecticidal preparations do not easily penetrate insect eggshells.

Figure 2. Scanning electron micrograph of a hatched bed bug egg. The egg has been cut in half, and the operculum has
been removed for visualization purposes. The inner layers, including the respiratory struts and columns, can be ob‐
served.
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Insect eggs are very small; therefore, they have an increased surface area-to-volume ratio [6].
Having a large proportion of the insect egg’s surface exposed to the environment in relation
to the internal volume makes the egg even more prone to desiccation. Multiple studies have
been conducted to quantify the balance between respiration and water conservation of insect
eggs [6–8]

3. Respiration and water conservation of insect eggs

The respiratory systems in insect eggs are very different from systems in other insect life stages.
The principle idea is still the same; there must be openings on the eggshell to allow the
exchange of gases with the atmosphere and mechanisms to move gases throughout the
eggshell. Typically, insect embryos respire through tiny pores called aeropyles located on the
outer eggshell, which allows for efficient gas exchange and reduces water loss during respi‐
ratory activities (Figure 3). To reduce water loss, many terrestrial insect eggs have a reduced
numbers of aeropyles [6]. The aeropyles connect to an inner air-filled space that is referred to
as the pillar system, which moves oxygen from the outer eggshell layers to the inner embryo.
Insect eggs may have their aeropyles located on the outer rim of the operculum, as seen on
many hemipteran eggs, or, if there is no defined rim, they will be located on the border of the
operculum. Alternatively, aeropyles can also be scattered across the egg surface.

Figure 3. Respiratory system of the common house fly. Aeropyles can be seen extending through the eggshell and the
various columnar sections and meshwork that compose the entire respiratory structure (Hinton 1967 [7]).

Considering there are an estimated 1 million insects on earth, there are numerous modifica‐
tions and exceptions to the respiratory systems of insect eggs dependent upon the environment
and respiratory requirements of individual species. While terrestrial insects have an inner
pillar system, aquatic insect eggs primarily respire with a plastron. The plastron is a gas filled
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air layer below the outer chorion of the egg shell. The plastron acts as a physical gill that allows
eggs to respire under water [6]

Some terrestrial insect eggs that are oviposited in environments flooded with water may also
have a plastron. In eggs with a large plastron membrane, only small parts of the plastron are
permeable, limiting water loss. Terrestrial eggs typically do not have a plastron but do have a
gas layer directly under the outer surface of the chorion and connected to the aeropyles.
Aeropyles of terrestrial insects occasionally flooded by rainwater are located on the ends of
respiratory horns. These horns extend above the water surface to allow for more efficient
uptake of oxygen when the egg is surrounded by a layer of water [6]. These respiratory horns
are essential to allow the insect to breathe during periods of heavy rain when an insect egg
lacks the plastron respiratory system.

The eggshell layers and elaborate respiratory systems of insect eggs are modified to conserve
water for the insect egg. Terrestrial insect eggs are provided from their mother all of the water
necessary for survival and development at the time of oviposition. Therefore, the embryos
must conserve this limited amount of water during their development while also respiring.
Water loss occurs across the chorion and is correlated to oxygen consumption requirements
of the embryo. The more gas exchange that occurs, the more vulnerable the insect embryo is
to water loss.

The waxy layer in the insect eggshell most probably is the main barrier in the eggshell that
prevents water loss. There was a significant increase in water loss in Manduca sexta eggs when
the waxy layer was dissolved by organic solvents [8]. In addition to the waxy layer, the serosal
membrane that envelopes the embryo has been shown to also protect insect eggs against
desiccation [9]. RNAi technology has been used to prevent the development of the serosa in
the beetle Tribolium castaneum [9]. Following RNAi treatment, the serosa-less eggs were
subjected to a range of different humidities. Eggs exposed to the lowest humidities could not
retain water and fewer eggs hatched compared to eggs that still had their serosal membrane
intact.

Environmental factors and embryonic development can exacerbate water loss in insect eggs.
Elevated environmental temperatures and low relative humidity can increase water loss
greatly. Insect eggs have adapted to these conditions by having an altered density or number
of eggshell chorionic layers. The developing embryo also has different metabolic requirements
as it progresses in development. As insect embryos develop into larvae, the metabolic rates
and water loss rates increase [8]. These metabolic requirements peak shortly before the embryo
hatches from the eggshell.

4. Insect egg management

Eggs are undoubtedly the hardest insect life stage to kill with insecticides. Regardless of the
application method, the tough eggshell that covers the egg prevents the entry of many
insecticides, including water-based, oil-based, fumigants, and even some mechanical control
methods.
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An ovicide is a term used for an insecticide that specifically targets the egg stage. Smith and
Salkeld [10] proposed three requirements for an ovicide to work: (1) the egg has to be in a
location where it will be exposed so lethal concentrations of toxicant can reach it, (2) the egg
has to be susceptible to the toxicant, and (3) a large enough proportion of eggs have to die from
the toxicant in order for the treatment to be justified. The first requirement, exposure, is very
important when considering insect eggs.

Agricultural pests, especially those that feed on plants, will commonly hide their eggs under
leaves or may insert their eggs inside of the plant. Consideration of where the insect lays its
egg in relation to an insecticide application is needed to guarantee an efficient treatment. The
microclimate that the leaves create for the insect eggs is essential for their survival. Larger
leaves, which absorb more sunlight, get much hotter than smaller leaves and can potentially
kill eggs [11]. To limit sun exposure, insect eggs are often hidden underneath leaves and thus
escape direct spray during an insecticidal treatment, resulting in an insect outbreak once those
eggs hatch.

Systemic insecticides are often used for control of agricultural pests, but the use of these
formulations presents a large problem for controlling the egg stage as far as exposure is
concerned. These products are applied to the soil and then are taken up into the plant’s xylem.
Systemic products work well against immature and adult stages of sap-sucking pest insects,
but these products do not work on eggs because the egg stage does not feed on the plant. Thus,
the egg stage will survive and be a potential source for reinfestation.

If the eggs are not well hidden and the toxicant reaches the egg, the chemical still has to
penetrate the eggshell and ultimately reach the embryo in order to be effective. Thus, the egg
has to be susceptible to the toxicant. Variations in egg susceptibility could be due to the eggshell
and differences in the chemical composition between eggs of different species [12] or could be
due to enhanced resistance mechanisms of the embryo. Lastly, the toxicant must work well
enough to kill a majority of the eggs in the population to be considered a viable option for
control.

4.1. Insecticides for insect egg control

Normally, oil-based insecticides penetrate the insect eggshell more readily than water-based
insecticides. The eggshell is comprised of a waxy component that allows the passage of oil-
based products rather than water-based formulations. Early research has suggested that
petroleum oils may also act by covering the aeropyles and causing egg mortality by limiting
oxygen supply to the embryo [10]. Although most oils can be expected to penetrate the insect
eggshell more easily, essential oils have been found to have difficulty penetrating eggs of the
confused flour beetle and the Mediterranean flour moth compared to penetration through the
cuticle of other life stages of the same insects, thus resulting in lower toxicity to eggs of these
organisms [13]. Although oil-based products normally work better than water-based formu‐
lations in killing insect eggs, water has been shown to penetrate some insect eggshells. For
instance, eggshell permeability to water has been demonstrated in the migratory locust, Locusta
migratoria migratoriodes [14]. Empty, hatched migratory locust eggs were filled with water then
placed into an osmotic solution, and water was observed both entering and leaving the
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eggshells. However, there is limited information regarding insect eggshells and their perme‐
ability to various chemicals. Consequently, the permeability of the insect eggshell to water,
oil, or other chemical constituents of insecticides is not well established in the scientific
literature.

Determining the mode of action of ovicidal insecticides is difficult. Formamidine insecticides,
which have been evaluated against tobacco budworm (Lepidoptera: Noctuidae) eggs, were
found to increase the levels of octopamine titers in eggs after treatment [15]. Formamidine
insecticides have been shown to have a novel mode of action on insects by mimicking the
actions of octopamine [16], which regulates insect behavior and energy metabolism. These
results suggested that an increase in octopamine during embryogenesis could be playing a
role in increased mortality of eggs treated with formamidine insecticides.

Paraoxon actively inhibits cholinesterase in Pieris eggs and was shown to prevent 100% of eggs
from hatching [17]. Similarly, when house cricket eggs were exposed to carbamate insecticides,
there was also a decrease in cholinesterase activity in eggs following exposure, but the
insecticides did not prevent eggs from hatching [18].

Triatoma infestans eggs may be capable of detoxifying the organophosphate parathion with
acetylcholinesterase enzymes [19]. The eggs produced elevated levels of acetylcholinesterase
after being treated with parathion. The embryos were fully developed within the egg following
treatment with parathion but never hatched from the eggshell. Therefore, the authors sug‐
gested that the embryos developed their nervous system during a later developmental stage
and the parathion did not have an effect until the nervous system was fully developed.

All of these studies provide examples of insecticides permeating the eggshell and reaching the
embryo, resulting in a physiological response to the insecticide. Unfortunately, most studies
have only evaluated whether or not a particular insecticide has ovicidal action, thus lacking
information on mode of action and penetration of the ovicide.

4.2. Fumigation of insect eggs

Fumigation has been found to be highly effective against eggs of several stored product pests.
Eggs of four different species of common stored product pests, the almond moth (Cadra
cautella), the Indian mealmoth (Plodia interpunctella), the lesser grain borer (Rhyzopertha
dominica), and the red flour beetle (T. castaneum), have been evaluated to determine time,
temperature, and pressures that were required for mortality by fumigation [20]. As tempera‐
tures increased and pressure decreased, time to mortality was reached in a shorter amount of
time. Pressures above 100 mmHg and temperatures below 22.5°C were not practical to reach
mortality because exposure times had to be increased drastically for the fumigant to cause egg
mortality.

As is the case with liquid insecticides, studies have also shown that the egg stage is the most
problematic life stage to kill with fumigants [12]. The main cause for low mortality is the
impermeability of the eggshell. When eggs of Schistocerca gregaria were treated with sulfuryl
fluoride, the gas was retained primarily in the proteinaceous portion of the eggshell instead
of penetrating into the embryo [12]. In addition, egg age influences the efficacy of sulfuryl
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fluoride [20]. Eggs of the Mediterranean flour moth aged 1–2 days were the most tolerant to
sulfuryl fluoride compared to younger and older eggs. Lower doses of sulfuryl fluoride were
required to kill the Mediterranean flour moth as temperatures were increased from 15°C to
25°C.

Fumigation of stored product pests has been limited by EPA registration and regulations [20].
This concern has instigated investigations for alternative nonchemical control methods for
treating stored-product insects. An alternative control method to fumigation for stored-
product pests that has been evaluated is the use of a vacuum system in storage bins to limit
oxygen availability. However, eggs were also the most difficult life stage to kill using this
method. This is not too surprising because an insect egg is very small and thus requires minute
amounts of oxygen compared to the immature and adult stages of insects [20]. Therefore,
extremely low levels of oxygen are required to create a hypoxic environment that will kill eggs.

4.3. Transovarial transport of insecticides

The transovarial transport of insect growth regulators from mother to offspring has been
shown to cause a considerable reduction in egg hatch and viability. Insect growth regulators
affect the development and occasionally the reproduction of insects. There are two main types
of insect growth regulators: juvenile hormone analogs and chitin synthesis inhibitors. Juvenile
hormone analogs (JHAs) mimic the natural juvenile hormone present in insects and can cause
multiple physiological and morphological problems. Chitin synthesis inhibitors (CSIs), as the
name suggests, inhibit the proper formation of chitin between insect molts. CSIs can cause
insects to have malformed, thinner cuticles and ruptured intestines. Many of the symptoms
will lead to eventual death of the insect if they do not die at the time of molt.

The transovarial transport of insect growth regulators from adult female insects to eggs have
been evaluated in several insect species. Different insect species have varying tolerances and
responses to pyriproxifen. For example, none of the eggs of gravid whitefly, Bemisia tabaci,
females treated with the juvenile hormone analog pyriproxifen hatched [21]. Alternatively,
when pyriproxifen was applied to female adults of the common green lacewing, Chrysoperla
carnea, it had little effect on preventing their eggs from hatching [22]. Transovarial transport
has also been documented with diflubenzuron, a chitin synthesis inhibitor. Treatment of adult
female C. carnea with diflubenzuron resulted in 100% mortality of eggs at the highest tested
dose.

The penetration of insecticides into the female’s ovaries and elsewhere in the female body has
been evaluated by using [14C]-labeled isotopes [22]. Most of the pyriproxifen in the female adult
C. carnea was excreted within a couple of days, so it was probably not present before oviposition
[22]. The use of the radio-labeled isotopes showed that diflubenzuron, unlike pyriproxifen,
was absorbed more slowly and was retained within the female’s body, which explains the high
levels of toxicity to eggs with this insecticide.

4.4. Fungi as biological control agents for eggs

Entomopathogenic fungi have been used on a variety of insect species as a biological control
agent, but the egg stage has not been found to be highly susceptible to fungal pathogens in
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several cases. Eggs of the greenhouse whitefly, Trialeurodes vaporariorum, were found to be
nonsusceptible to the fungus Aschersonia aleyrodis [23]. No fungal spores or discoloration of
the eggs was observed, and there were no differences in mortality between eggs that were
treated with the fungus compared to eggs that had not been treated. However, the fungal
spores were persistent for several days, so when the first instar larvae emerged from the egg,
they became infected with the fungus.

Five different fungi, (Beauveria bassiana, Metarhizium anisopliae, Metarhizium flavoviride, Paeci‐
lomyces farinosus, and Paecilomyces fumosoroseus) were tested against eggs of the curculionidae
beetles, Otiorhynchus sulcatus and Sitona lineatus [24]. S. lineatus eggs were much more tolerant
of the fungal pathogens compared to O. sulcatus eggs. O. sulcatus eggs were found to be
susceptible to all fungi except for B. bassiana. Only one fungus, M. flavoviride, was found to be
moderately effective against S. lineatus eggs, causing 32% egg mortality. No other fungal
treatments resulted in egg mortality to S. lineatus eggs.

5. Insecticide resistance in insect eggs

Insect eggs, like other insect stages, vary in their susceptibility to insecticides. Susceptibility
differences between eggs from different insect species may be due to variability in chorionic
adaptations that facilitate the uptake of oxygen [10]. Fewer aeropyles or smaller aeropyles may
reduce the amount of insecticide that can enter the egg. In addition to respiratory structures,
insecticides may also enter the chorion through the micropyles that allow fertilization of the
egg [25]. Furthermore, modifications of the chorionic structures of the insect eggshell may
enhance or reduce the penetration of insecticides.

Another important consideration when determining susceptibility of eggs to insecticides is the
age of the egg. A freshly laid egg that has not fully developed is usually more susceptible to
insecticides compared to an egg that has aged several days. Insect egg susceptibility to
insecticides also changes during embryonic development [9]. The eggshell itself may harden
during development, and the embryo may produce enzymes that break down insecticides.

Few studies have focused on insecticide resistance in eggs. Insecticide resistance in eggs from
different insect species has been demonstrated when resistance was already quantified in the
adult or larval stages [26–30]. Eggs collected from insect strains with resistance in the adult
stage have been shown to have similar resistance. These studies determined that insecticide
resistance had developed in eggs but did not determine the type or mechanisms of resistance.

Bed bugs, Cimex lectularius, have been extensively studied as adults with regards to insecticide
resistance. Molecular technology has revealed that adult bed bugs have three types of
resistance to pyrethroid insecticides: enhanced enzyme detoxification, KDR resistance, and
target-site insensitivity. Recent research has revealed that bed bug eggs are also highly resistant
to pyrethroids (Figure 4). Eggs collected from a strain that is considered pyrethroid-susceptible
(Harlan) were much easier to kill with the insecticide deltamethrin, compared to eggs collected
from strains (Richmond and Epic Center) where pyrethroid resistance was previously
determined in adults.
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Figure 4. Mean percent mortality of eggs from a susceptible strain of bed bug eggs (Harlan) and two pyrethroid-resist‐
ant strains (Richmond and Epic Center) that were treated with the insecticide deltamethrin (0.05%). Bed bug eggs from
the resistant strains had much lower mortality values compared to the susceptible strain eggs at each tested rate, show‐
ing that resistant eggs were much more difficult to kill. This study determined that resistance had already developed
in the egg stage of bed bugs (Taken from Campbell et al. 2015 [30]).

Head lice, Pediculus humanus capitis (Phthiraptera: Pediculidae), have been shown to be highly
resistant to pyrethroid insecticides [26]. Eggs, nymphs, and adults were evaluated from three
different resistant head louse populations. Eggs were found to be highly resistant to perme‐
thrin in populations that had already demonstrated a high resistance to pyrethroid insecticides
in adults and nymphs. This study suggests that there are similar resistance mechanisms within
head louse eggs and adults from the same population.

Resistance patterns between eggs and first instars of Reduviid bugs, T. infestans, have been
evaluated [31]. Insecticide resistance varied between eggs from different populations of T.
infestans that were collected throughout Argentina and Bolivia. Eggs from a resistant strain
that were aged several days were found to be as resistant to deltamethrin as the first instars
(Toloza et al. 2008). Also, eggs from the resistant strain were found to be resistant to lambda-
cyhalothrin but susceptible to fipronil and fenitrothion. First instar nymphs from a resistant
strain had similar patterns of resistance as the eggs.

Eggs have also been found to be more tolerant than adult stages of the lesser grain borer, R.
dominica, to the fumigant phosphine. Not only were eggs more tolerant to phosphine, eggs that
were collected from adults that were previously screened for resistance were harder to kill
with phosphine compared to eggs collected from strains that were previously determined to
be susceptible to phosphine [27]. Screening for resistance in the adult stage against the
fumigant phosphine was a reliable indicator for determining resistance in the egg stage of the
lesser grain borer, with 9 of the 10 strains of adults that were phosphine resistant also exhibiting
resistance in the egg stage. Eggs of Liposcelis bostrychophila, a stored product pest, were found
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to have a delay in embryonic development when fumigated with phosphine. This delay in
embryonic development seems to be a method of resistance, causing control failures with
phosphine treatments because the eggs were able to survive treatment this creates a problem
for grain storage facilities because they may later find a reinfestation of the pest after the eggs
hatch.

There is a lot left to learn about insect eggs and their resistance to different control methods.
The lack of knowledge on egg biology, physiology, and control compared to other life stages
is unfortunate when you consider how important this life stage is in relation to potential
management strategies. Most studies that have evaluated the efficacy of insect control methods
have mostly neglected the egg stage and have focused on adult or immature stages.

When the egg stage is ignored during the implementation of treatments, those eggs are left to
hatch and possibly cause a reinfestation. Therefore, more studies on the efficacy of control
treatments against eggs are needed, especially in cases in which the eggs are reasonably
accessible and treatable. Insect eggs should not be ignored in pest management programs just
because they are small, or do not bite or feed. Rather, control efforts targeting insect eggs are
advantageous because the pests would be eliminated before it has a chance to cause any
damage.
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Abstract

The mosquito Aedes aegypti (Diptera: Culicidae) is the primary vector of dengue in Mexi‐
co and lately virus Chikungunya, although Aedes albopictus is widely distributed; its role
in both diseases’ transmission has not been confirmed. The control of mosquitoes in Mex‐
ico includes source reduction consisting in the elimination of containers that are favorable
sites for oviposition and development of the aquatic stage. The use of insecticides is to
control larvae and adulticides as outdoor ultra-low volume applications and indoor re‐
sidual spray and more recently impregnated materials. The health department regulates
the use of insecticides, and such regulations are revised and adapted over time. Since
1999, the vector control regulations gave preference to the use of pyrethroids, a perme‐
thrin-based formulation to control adult forms. This insecticide was used as the only
adulticide in Mexico for more than 10 years. The consequences of this actions have
evolved in a widespread and strong resistance to other insecticides, mainly pyrethroids.
We include in this revision evidence of resistance reported in Ae. aegypti in Mexico.

Keywords: Aedes aegypti, pyrethroids, kdr, V1016I, F1534C, Mexico

1. Introduction

Aedes aegypti is the primary urban vector of the viruses causing dengue, Chikungunya, and
yellow fever [1–4]. The females are primarily endophagic (feeds indoors) and endophilic
(lives  indoors)  day-biting  vectors  that  feed  preferentially  on  humans  [5–7].  They  take
multiple blood meals before producing an egg batch [8,9], creating the potential for a single
infectious female to transmit the virus to more than one person. The females lay their eggs

© 2016 The Author(s). Licensee InTech. This chapter is distributed under the terms of the Creative Commons
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in containers found in the peridomestic environment, and that is where the immature larvae
and pupae develop [10,11].  Ae. aegypti  is ubiquitous in populated areas of Mexico up to
~1,500 m above sea level [12]. Aedes albopictus, which is the primary vector of dengue and
Chikungunya  viruses,  is  ubiquitous  in  rural  settings  [13–15].  This  human  biter  was
introduced into Texas in the 1980s and has spread widely in northern and central Mexi‐
co, and the far southern part of the country [16–18].

Urban environments have favored the presence and abundance of Ae. aegypti  in 30 of 32
states of Mexico (with exception of Tlaxcala and the Federal District) [19–21], and conse‐
quently, they have caused the endemic transmission of dengue and more recently, in 2014,
of Chikungunya [22].

2. Study area

Mexico is in the southern part of North America, between 14° 32 and 32° 43 North and 86° 42
and 118° 27 West. The country is divided administratively into 31 states and one federal district
(Mexico City). Mexico has a land area of 1,964,375 km². It is surrounded by the Gulf of Mexico
and Caribbean Sea to the east, the United States of America to the north, the Pacific Ocean to
the south and west, and Belize and Guatemala to the southeast. The main features of the
physiography of Mexico are Northern and Southern Plateau. Two mountain chains, the Sierra
Madre Oriental on the east and The Sierra Madre Occidental on the west, leave plains along
the shores of the Gulf of Mexico and the Pacific Ocean. The Sierra Madre Oriental obstructs
the circulation of air from the Gulf of Mexico toward Northern and Central Mexico. This
characteristic on physiography allows a variety of climates, and the altitude performs a
dominant effect on temperature. The prevalent climate conditions are dry to arid in the
country. The North territory (47.7%) presents arid and semiarid conditions (23.5%), subhumid
with 7 months of long dry season prevailing in Central Mexico, 16.3% presents dry tropical
mainly the shores, 12.4% of the territory located in Southern Mexico presents humid tropical
climate, and in both mountain chains small areas with humid temperate climate are found [23].

3. The situation of dengue and Chikungunya fever in Mexico

A recent study estimated that up to 390 million dengue virus (DENV) infections, including
close to 100 million cases of dengue disease manifestations, occur annually across the world
[24]. Ae. aegypti and DENV were widely distributed in the Americas in the early 1900s, but a
campaign against yellow fever initiated in 1947 and continued to the early 1970s resulted in
both the mosquito and its associated viruses being eliminated from most of Central and South
America and from Mexico [25]. Success then bred failure as resources were diverted to other
health problems. From the 1980s, Ae. aegypti has reemerged in the Americas, facilitated by
uncontrolled urbanization providing ample opportunities for mosquito breeding and popu‐
lation growth [1,25]. The mosquito now has regained the full extent of its range from a century
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lation growth [1,25]. The mosquito now has regained the full extent of its range from a century
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ago. This reemergence of the vector combined with global trafficking of DENV in infected
humans through increased air travel have led to the Americas becoming hyperendemic, with
cocirculation of all four DENV serotypes in many areas [26,27]. In Mexico, dengue reemerged
with a DENV-1 outbreak in 1979 followed by outbreaks of the other serotypes in the next two
decades [25,28,29]. In 2009, a major dengue epidemic with nearly 250,000 reported clinical cases
occurred in Mexico (55,363 confirmed) and this epidemic has continued through 2010 with
~58,000 clinical cases (22,352 confirmed) , 2011 with ~68,000 cases (15,578 confirmed) , 2012
with ~165,000 cases (84,612 confirmed) , 2013 with ~232,000 cases (62,330 confirmed) , 2014
with 125,000 cases (32,100 confirmed), and 2015 (up to September 25, 2015 ~125,000 clinical
cases with 13,454 confirmed) [30].

The autochthonous transmission of Chikungunya in the Region of the Americas was first
detected on December 2013. By July 2014, an imported case was reported in Mexico, two more
imported cases appeared on September 5. By the end of 2014, a total of 131 autochthonous
confirmed cases were reported as well as a total of 13 imported cases; and ~7,500 confirmed
cases by October 2, 2015 [30].

4. Vector control in Mexico

Since 1950, operational vector control programs in Mexico have used a series of insecticides to
control Ae. aegypti [31]. The organochlorine insecticide DDT was used extensively for indoor
house spraying from 1950 to 1960 and was used in some locations as recently as 1998. In recent
decades, the chemical control of mosquito larvae has relied on the use of organophosphate
insecticides with temephos as the active ingredient. The adulticide malathion was used for
ultra-low volume (ULV) space spraying from 1981 to 1989. An oil-based formulation of
chlorpyrifos was registered for use in some locations in Mexico to control the adult stage of
the mosquito from 1996 to 1999. The organophosphates as adulticides were replaced by
pyrethroids according to the Norma Official Mexicana NOM-032-SSA2-2002 [32]. The pyreth‐
roid permethrin was applied as a sole adulticide in Mexico for more than a decade.

On June 1, 2011, a new policy was published in NOM-032-SSA2-2010 [33] that established the
characteristics of the insecticides to be used for vector control in Mexico. The selection of the
insecticides should be based on vector resistance, effectiveness, and safety related to exposure.
The list of insecticides has since been updated each year [34]. A new policy published on April
16, 2015 (NOM-032-SSA2-2014) [35], maintained the same requirements practically as the
regulation published in 2011.

5. Insecticide resistance in Ae. aegypti — A threat to its control

The extensive use of DDT to control Ae. aegypti in Mexico and other parts of the Americas
during the 1950s and 1960s resulted in the development of resistance [36]. This action was
unfortunate because both DDT and pyrethroids target voltage-gated sodium channels in the
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insect nerve sheath where structure-related interactions occur in specific regions of the sodium
channels that prolong their opening and produce paralysis. Indeed, the similar mode of action
probably produced cross-resistance to pyrethroids in DDT-resistant Ae. aegypti [37–41].

Pyrethroid resistance is clearly increasing despite the initial optimism over their rapid action
and novelty [42]. Evidence of resistance to permethrin insecticide used in Mexico for more than
10 years in Ae. aegypti populations in Mexico due to enzymatic mechanisms such as α- aand
β-esterases was reported in Baja California North and South [43], in Quintana Roo, south f
Mexico [31], and some states of northeast Mexico [44]. More recently, Aponte et al. [45] found
increased levels of esterases and glutathione S-transferase related with resistance to DDT,
permethrin, and deltamethrin in Ae. aegypti populations from the state of Guerrero located on
the west coast of Mexico.

The presence of a kdr mutation V1016I in the voltage-gated sodium channel gene is also
associated with resistance to pyrethroids. This mutation was originally found in a permethrin
resistant strain from Isla Mujeres, off the coast of Cancun [46,47]. High frequencies of this
resistance allele were subsequently found in collections of Ae. aegypti from 78 sites in Mexico
with some of the highest frequencies detected in collections from Veracruz state [48,49].

Flores et al. [50] reported an extensive monitoring of the frequency of kdr Ile1,016 in Ae.
aegypti populations from Merida, Yucatan, south of Mexico, as part of the “Casa Segura”
project. Ae. aegypti collections were characterized by both molecular kdr and biochemical
resistance to pyrethroid insecticides such as permethrin and deltamethrin. Ile1,016 allele
frequencies varied among collection sites ranging from 0.14 to 0.98. Within Merida City, fifteen
collection sites had medium to high homozygote frequencies. The lowest Ile/Ile homozygote
frequencies corresponded to small towns nearby Merida City.

A second mutation F1534C on the IIIS6 domain of the same gene was also detected in Ae.
aegypti populations from Guerrero state located on the west coast of Mexico [45] and the
Yucatan Peninsula [51] conferring resistance to pyrethroids.

The practice of utilizing a single insecticide until the appearance of resistance has become a
standard practice that quickly reduces the number of insecticides available for vector control.
Rotations, mosaics, and mixtures have instead been proposed as strategies for insecticide
resistance management [52–54]. Mathematical models have been applied for estimating how
these tools could be used in an optimal manner [55]. However, these models have been rarely
tested under field conditions, especially for insect vectors, due to the difficulties in determining
changes in frequencies of resistance genes in large samples of insects from resistant popula‐
tions [56].

In Mexico, there was a large-scale field trial with Anopheles albimanus that used rotations or
mosaics of insecticides substituting the simple use of DDT or of specific pyrethroids [56,57].
Changes in the frequency of resistance genes were monitored for 4 years [57]. The results were
promising and predicted that rotations or mosaics of insecticides are viable long-term strat‐
egies for the sustainable use of insecticides in disease control programs.

With that goal in mind [58], the resistance to eight pyrethroids in collections of Ae. aegypti from
the state of Veracruz located on the east coast of Mexico was examined, considering that this
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knowledge would facilitate the selection of viable alternative pyrethroids besides permethrin
for use in a rotation program for sustained control of Ae. aegypti at the local, regional, and
possibly statewide levels. The results obtained showed that the strains analyzed were resistant
to δ-phenothrin, deltamethrin, cypermethrin, α-cypermethrin, z-cypermethrin, λ-cyhalothrin,
bifenthrin, as well as permethrin and suggested that populations in the state of Veracruz have
been exposed to strong selection pressure, resulting from the continuous application of
permethrin for more than a decade. They also evaluated resistance to chlorpyrifos [59] in the
same strains, and overall, the populations in this study were less resistant to chlorpyrifos than
to pyrethroids, so the rotation of insecticides in the control activities is suggested to delay or
minimize the occurrence of high levels of resistance to chlorpyrifos among local populations
of Ae. aegypti.

Saavedra-Rodriguez et al. [60] examined changes in gene expression before, during and after
five generations of permethrin laboratory selection in five strains of Ae. aegypti collections from
the Yucatan Peninsula of Mexico. Changes in expression of 290 metabolic detoxification genes
were measured using the Aedes Detox microarray. Selection simultaneously increased the LC50,
KC50, and Ile1,016 frequency. Ten to eight genes were differentially transcribed after selection,
and it was an inverse relationship between the Ile1,016 frequency and the numbers of differ‐
entially transcribed genes. Some genes were differential transcribed among field strains, but
interestingly a few cytochrome P450 genes complex were overexpressed. The authors estab‐
lished that adaptation to permethrin in Ae. aegypti laboratory strain is conditioned presumably
by geographic origin and extant target site insensitivity in the para gene. The lack of uniformity
in the genes that responded to artificial selection as well as differences in the direction of their
responses challenges the assumption that one or a few genes control permethrin metabolic
resistance.

The selection pressure by the prolonged use of pyrethroids in Mexico had resulted in resistance
to all of this kind of chemicals recommended for vector control in Mexico. All studies have
shown the prevalence of cross-resistance caused by metabolic mechanisms and/or point
mutations. Saavedra et al. [51] demonstrated that even in the absence of barriers to gene flow,
local insecticide pressure, rather than the migration of mosquitoes with kdr-conferring
mutations, is the primary determinant of the local kdr profile for Ae. aegypti. Thus, the early
detection of insecticide resistance is highly relevant to establish a rotation program for
insecticide resistance management in Ae. aegypti in Mexico. In an attempt to establish the
importance of evaluating the strength of available techniques to assess the insecticide sus‐
ceptibility in Ae. aegypti, Lopez et al. (in press) conducted a study establishing the intensity of
insecticide resistance through the Resistance Intensity Rapid Diagnostic Test (I-RDT) [61]. The
RDT-I consists of exposing vector populations 1, 2, 5 and ten times the diagnostic dose
previously established at a diagnosis time. For this study, they used four populations of Ae.
aegypti from the state of Yucatan, south of Mexico, and three population from the state of Nuevo
Leon, northeastern Mexico. They were exposed to the diagnostic dose (DD) of permethrin,
bifenthrin, and d-(cis-trans)-phenothrin and enhanced DD at 2, 5, and 10 times. All populations
resulted resistant to the pyrethroids evaluated according to WHO recommendations for
assessing the significance of detected resistance (<90%) even when the DD was enhanced 5
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times. To correlate these results with pyrethroid molecular resistance mechanisms, DNA from
mosquitoes of each population were used to detect V1016I and F1534C mutations. The allelic
frequency of Ile1,016 varied from 0.43 to 0.90 in the populations studied. For the 1534 locus,
there was a predominance of homozygous mutant genotype in all populations with high
frequencies of the mutant allele (0.75–1), showing that the F1534C mutation was more common
than V1016I mutation. They also analyzed the co-occurrence of both V1016I and F1534C
mutations, and results showed that more than 50% of mosquitoes genotyped expressed both
mutations (double homozygous mutants).

6. Conclusions

The selection pressure exerted by insecticides for more than six decades on the populations of
Ae. aegypti in Mexico has generated widespread resistance to a variability of insecticides and
in the last 15 years to pyrethroids. It is essential that we consider actions to avoid strong
resistance between pyrethroids and alternative adulticides. Going forward, strategies must
include resistance monitoring, the development of advanced tools for detecting multiple
insecticide resistance, and practical tools for efficient vector control.
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Abstract

Mosquitoes are one of the most dangerous insects in the world for humanity. Over one
million people worldwide die from mosquito-borne diseases every year. Mosquito vec‐
tored diseases include protozoan diseases, i.e., malaria, filarial diseases such as dog heart‐
worm, and viral diseases such as dengue, encephalitis, and yellow fever. In addition,
mosquitoes transmit several diseases and parasites that dogs and horses are very suscep‐
tible too. These include dog heartworm, West Nile virus (WNV), and eastern equine en‐
cephalitis (EEE). Since its discovery, chemical insecticides have represented the most
widely method used to control mosquito-borne vectors. However, the effects of chemical
insecticides on mosquito vector populations are usually transitory because vectors can
rapidly develop resistance against them. Each insecticide triggers the selection of one or
more mechanisms of resistance. These mechanisms include changes in the target site of
action and metabolic detoxification among others.

Keywords: Mosquito, resistance, insecticide, pesticide, vector, disease

1. Introduction

Mosquito-borne vectors are responsible for the transmission of various causative agents of
infectious diseases that can be lethal for humans. During the last decades, several diseases have
increased incidence and expanded into new geographical areas. Among the factors that can
favor the spread of disease are the increase of population density, the increase of international
travel, and the increase of the import and export of goods at international level [1]. The number
of recent notifications of mosquito-borne diseases in the world is a matter of concern, and
currently there are no effective vaccines available against most of these diseases. In many parts
of the world, mosquito presence is a problem because each season presents different species
that are vectors of diseases with medical and animal importance because they feed from man
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and other organisms. Therefore, the only way to avoid epidemics of mosquito-borne diseases
is through the control of insect vectors and through knowledge of its biology, behavior, and
environmental factors that facilitate its transmission [2].

Mosquitoes’ vector characteristics vary depending on the particular conditions of their habitat
of origin. During its life cycle, mosquito goes through four stages, which are egg, larva, pup,
and adult, of which the first three stages need stagnant water to develop. Generally, adult
mosquitoes are small insects, fragile, with slender bodies, a pair of narrow wings and three
pairs of long slender legs. They vary in length from 3.16 to 1.2 inch (5 to 13 mm). They are
equipped with an elongated proboscis with mouthparts adapted for piercing skin, which the
female uses for snacks and to feed on blood.

Over the last decades, the struggle of pests has been based on the large-scale use of chemical
pesticides, as well as the elimination of all containers, artificial or natural, which can be given
favorable conditions for the development of the prolific mosquito breeding sites [3]. However,
the negative effects of chemicals on nontarget organism populations and the resistance
development to these chemicals in mosquitoes, along with the resent resurgence of different
diseases transmitted by mosquitoes, have led to search other alternative methods, more simple
and sustainable for mosquito control.

2. Mosquito-borne diseases

With the recent expansion of Aedes albopictus, there are epidemiological reports for several
mosquito-borne diseases occurred in various parts of Europe [4]. These evidences show that
the problem does not constitute an exclusive problem of tropical, subtropical, and/or devel‐
oping countries. In North America, several mosquito vectors species of the Culex, Anopheles,
and Aedes genera that transmit several diseases to humans are present [5]. Meanwhile, in
Central and South America, the main disease in humans transmitted by mosquito vectors of
the Anopheles, Aedes, Culex, and Ocherotatus genera are malaria, dengue, yellow fever, filariasis,
St. Louis encephalitis, and western equine encephalitis [6].

Mosquito-borne diseases occur when the specific biological agent that causes the disease is
transmitted to human hosts through a nonhuman carrier called vector. Therefore, the chain of
transmission involves three factors: one host, usually a human, an invertebrate vector respon‐
sible for spreading the disease, and the biological agent that may be a virus, bacterium, or
parasite. Vectors may act biologically or mechanically, where the mechanical vectors only
transport the pathogenic agent; however, in biological vectors, agent develops and multiplies
before becoming infective to the vertebrate host [7]. In that context, mosquito-borne diseases
of public health importance are complex, and its occurrence will depend on the interaction of
various factors such as biological, ecological, social, and economic factors [8].

2.1. Malaria

Malaria or paludism is caused by parasites of genus Plasmodium, which is transmitted to
humans by the bite of female Anopheles mosquitoes. Plasmodium falciporum is responsible for
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most severe cases, usually causing coma or anemia in patients, which flows into death.
Meanwhile, Plasmodium vivax causes recurring fevers and lesions in the brain and liver, but it
rarely causes death [9]. Within the measures applied to control, Anopheles vectors, for a long
time, was based on the application of DDT (1,1,1-trichloro-2,2-bis [ρ-chorophenyl] ethane), but
currently it is beginning to use pyrethroids in outbreaks and transmission foci [10].

While the disease appeared to be under control in the 1950s, the infection again reappeared in
many countries due to the resistance generated by vectors to insecticides of plasmodia and
chloroquine. This disease is responsible for the deaths of between 700,000 and 2.7 million
people [11]. Moreover, malaria causes between 400 and 900 million cases of acute fever per
year in children fewer than five years in these areas. Therefore, malaria is the disease with the
highest prevalence in areas with limited economic resources, causing the largest number of
cases in the warm and rainy seasons. The solution to eradicate this disease would be the
application of vaccine [12].

2.2. Yellow fever

This disease is caused by the yellow fever virus, an arbovirus, belonging to the Flavivirus genus
is present in tropical areas of Africa and South America. Aedes aegypti mosquito is the most
important vector in the transmission of the yellow fever disease in America [13]. Yellow fever
virus infects both humans and monkeys, being monkeys the main reservoir of infection and
transmission from monkey to monkey in woodlands and jungle. Haemagogus jantinomys and
Sabethes choropterus mosquitoes are the vectors responsible for the transovarially virus
transmission among the primate species [14]. On the other hand, the infection is transmitted
to humans through A. aegypti mosquito bites. Yellow fever virus causes 200,000 clinical cases
of disease and 30,000 deaths each year, of which 90% of the cases correspond to the African
continent [15]. Unfortunately, the most of the cases and deaths are not recognized because it
occurs in rural areas where surveillance and reporting are inadequate. Yellow fever distribu‐
tion in America ranged from Philadelphia, in the United States, until the line connecting Bahía
Blanca and Mendoza in Argentina. On the other hand, in Africa, it is located in the sub-Saharan
Africa [16]. This disease can be fatal and acute or mild and inapparent. Because there is no
specific antiviral treatment against it, the best strategy to prevent its spread is the prevention
of infection [17]. In this context, vaccination is the best preventive measure against yellow
fever.

2.3. Dengue

Dengue is a viral disease caused by infection of four viruses, known as dengue 1, 2, 3, and 4,
which is endemic in more than 100 countries in Africa, America, the Eastern Mediterranean,
Southeast Asia, and the Western Pacific, the latter two being the most severely affected. These
viruses belong to the genus Flavivirus, Flaviciridae family. The most important mosquito vector
is A. aegypti and to a lesser degree A. albopictus. Once an infected mosquito bites a human, the
virus goes through an incubation period of between 3 and 14 days before disease symptoms
appear. Furthermore, passive dispersion through means of transport is one of the most
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important factors that favor the spread of these mosquitoes and dengue virus from one region
to another.

This disease is of major interest to public health because of its great impact on morbidity and
mortality in the world since it is the viral disease transmitted by mosquito vectors most
common and important worldwide [18]. The World Health Organization estimated that there
may be 50 to 100 million dengue infections, a half-million hospitalizations, and 22,000 deaths
worldwide every year [19]. Moreover, because of the absence of a vaccine to protect the
population at risk, vector control is the most important method for the prevention and
interruption of the transmission of the disease. The use of chemical insecticides is a key
component in the control of larvae and adult mosquito vector populations. However, derived
from overuse for over five decades of these insecticides to interrupt the transmission of the
virus, it has generated resistance to different molecules of insecticides by part of mosquito
vectors [19].

2.4. Venezuelan equine encephalitis

This disease is caused by the Venezuelan equine encephalitis virus (VEE) or encephalomyelitis
in horses, donkeys, zebras, and humans. VEE virus cause acute infections in vertebrates
characterized by the presence of high viremia and disease development with varying degrees
of severity. Once the equines get the disease, they may die suddenly or present progressive
disorders of the central nervous system. Furthermore, in humans, it causes mild to severe
influenza-like symptoms, with fever and headache. Around 4–14% of cases develop neuro‐
logical complications and near 1% of reported cases die [20].

The VEE complex contains a number of virus, belonging to the Alphavirus genus of the
Togaviridae family, which have been classified into six viral subtypes, ranging from I to VI.
VEE virus are present in all continents and most often are transmitted by the bite of infected
Culex (C. vomerifer, C. pedroi, C. adamesi) and Aedes (A. taeniorhynchus) mosquito vectors and
can also be transmitted through aerosols [21]. Although virtually any mosquito can be found
infected with VEE virus during epizootics, it is thought that A. taeniorhynchus is the main vector
responsible for transmitting VEE virus during outbreaks, whereas Culex mosquitoes species
transmitted enzootic virus strains of VEE [22]. Subcutaneous injection, nasal instillation, and
contact with broken skin or bedding contaminated animals are other ways to spread the virus,
especially in a lab environment [23].

Epizootic and enzootic strains of VEE virus spread from northern Argentina to Florida and
parts of the Rocky Mountains, being more frequent in northern South America. Since 1930,
there have been 21 outbreaks of VEE throughout the American continent, being considered an
emerging disease naturally due to mutations of the enzootic and endemic virus strains that
circulate as a vector-borne disease among mammals host populations, especially in habitats
such as forests and wetlands [24]. Some of the strategies used to reduce outbreaks of VEE in
horses are through the implementation of the TC-83 vaccine and by protecting against
mosquitoes by wearing protective clothing and/or insecticides. Although, the TC-83 vaccine
is used in laboratories, there is still no licensed vaccine available to humans for the prevention
of infection by the epizootic strains of VEE virus [25].
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2.5. Japanese encephalitis

Japanese encephalitis (JE) is a viral disease transmitted to humans by mosquitoes of the Aedes
and Culex genera, where main vectors are C. tritaeniorhynchus, C. annulus, C. annulirostris, C.
vishnui, C. fuscocephala, and C. gelidus [26]. This disease affects horses, donkeys, pigs, and
humans. Due to low qualifications and shorter duration of the viremia, humans or horses
transmit the virus to other biting mosquitoes and are considered as terminal hosts [27]. The
reservoirs of JE virus are pigs and wild birds. The incubation period is around 4–14 days. In
pigs, JE causes reproductive losses (stillbirths and abortions), in horses, it causes encephalitis,
and in humans, the disease can range from very serious to no symptoms. Neurologic sequelae
occur in up to 80% of human cases and about 15,000 deaths annually [28].

JE is distributed across several areas of temperate and tropical Asia, with a higher incidence
in rural areas of Southeast Asia, the Indian subcontinent and parts of Northern Asia. It also
occurs, but less frequently in Japan, Taiwan, Singapore, Hong Kong, eastern Russia, and
Australia [29]. Although the virus affects all age-groups, regions where there have been
widespread childhood vaccination campaigns against the disease, the age distribution has
changed, increasing the proportion of cases in older children and adults [27]. Therefore, the
best alternative for control of JE it is the application of the vaccine, which is associated with
the generation of neutralizing antibodies.

2.6. Lymphatic filariasis

Lymphatic filariasis, also know elephantiasis, is a parasitic disease caused by nematodes of
the Filarioidea family, which is transmitted to humans by mosquitoes of the genus Anopheles,
Culex, Aedes, and Mansonia, which inject various nematode larvae while feed on blood [30].
The disease is present in sub-Saharan Africa and Southeast Asia. It is a chronic parasitic disease
in which adult worms lodge in the lymphatic vessels where they release microfilariae from the
bloodstream. Filariasis can produce a wide variety of clinical manifestations whose symptoms
include fever, lymphadenitis, and retrograde lymphangitis and thickening of the skin and
underlying areas, caused by obstruction of the lymphatic system by the parasite. Although,
the mortality associated with filariasis is low, the social and health consequences generated by
their chronic manifestations are important because they cause severe disability in those
subjects who suffer (blindness, deformities), which gives rise to a decrease in working capacity
and in the economy [30]. Filariasis is classified as a neglected disease by the World Health
Organization due to the limited investment by pharmaceutical companies for research into
new treatments and the low professional interest on the part of health personnel in the
countries of first world [31]. Against lymphatic filariasis, a combination of two drugs alben‐
dazole and ivermectin is used [32]

2.7. Rift Valley fever

The disease is caused by the Rift Valley fever virus, an RNA virus belonging to the Bunyavir‐
idae genus of the Phlebovirus family. The Rift Valley fever (RVF) is a peracute or acute, febrile,
mosquito-borne disease that causes fever of viral origin that affects domestic animals like cows,
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buffaloes, sheep, goats, camels, and humans [33]. The route of transmission of the disease
commonly is associated with mosquito-borne epidemics during the rainy season. RVF has been
isolated from more than 30 mosquito species, of which it is considered that the Aedes and Culex
genera are the main disease vectors [34]. The presence of RVF virus has been detected in most
countries of East, West, and Southern parts of the African continent, being the disease endemic
in Southern and Eastern Africa, but also epidemics have been reported in Egypt, Saudi Arabia,
and Yemen [35]. The high genetic diversity observed in the RVF virus in the East, West, and
Southern Africa shows the ancestral origin of the disease for these regions. Further, since
outbreaks found outside these African regions have limited genetic diversity, these outbreaks
are the result of the introduction of a single strain of the virus from the center of Africa, followed
by its spread by mosquitoes between the vulnerable animal and human population [36]. Most
cases of this disease occur in veterinarians, slaughterhouse workers, laboratory personnel, and
other employees who work directly with blood and tissues of animals. Therefore, an inacti‐
vated vaccine is available against this disease; nevertheless, it is only available to laboratory
personnel and veterinarians not being yet available to general public.

2.8. West Nile fever

West Nile fever (WNF) is transmitted to humans through the bite of Culex and Aedes mosqui‐
toes vectors of West Nile virus (WNV). This disease can affect birds, horses, and humans
causing an unapparent infection, mild febrile illness, meningitis, encephalitis, an acute
poliomyelitis-like syndrome, or death [37]. WNV is a member of the genus Flavivirus in the
Flaviviridae family. This arbovirus is maintained in nature by cycling between several bird
species and mosquitoes that support the WNV replication. The resulting symptoms of WNV
is variable, and the disease does not cause obvious signs in some species but often kills them
after suffering a fatal systemic disease in other species [38]. Among mammals, the cyclical
disease occurs mainly in horses and humans. In horses, this disease is characterized by the
presence of ataxia ranging from mild to severe, besides presenting weakness, muscle twitching,
and cranial nerve deficits [39]. The mortality rate is about one in three clinically affected horses
unvaccinated [40]. In humans, most infection cases are asymptomatic and are usually mild and
flulike if symptoms occur. The development of severe disease characterized by neurological
signs and appears to be rare in most outbreaks. However, since the 1990s, this situation
changed since the WNV became an important human and veterinary pathogen. WNV has a
broad geographic range that includes portions of Europe, Asia, Africa, Australia (Kunjin
virus), and North, Central, and South America. The incubation period of this disease ranges
from 3 to 14 days with severe symptoms, in one of every 150 people infected. Symptoms may
last from a few days to several weeks and have reported that approximately 80% of infected
people show no symptoms at all. Although all persons are able to acquire the WNV, people
older than 50 years are at higher risk of developing more severe forms of the disease. Over the
past decade, the understanding gained about the clinical spectrum of the disease as well as the
short- or long-term associated with human WNV infection has been substantially increased.
Presently, a vaccine is available only for horses, but not for humans.[41].
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2.9. Chikungunya fever

Chikungunya fever is a viral disease, manifested by fever and severe arthralgia, prevalent in
Africa, Asia, and Europe, and now emerging and little studied in the Americas and the
Caribbean Islands since 2013 [42]. Chikungunya virus is transmitted to humans by Aedes
vectors. There are two main vectors A. aegypti and A. albopictus, which are present in the tropics
and temperate zones. Although A. aegypti has always been the main vector transmitter of the
disease, in most recent outbreaks, A. albopictus has become the main vector. Chikungunya word
comes from the makonde dialect spoken by an ethnic group of southeast Tanzania and
northern Mozambique, which means the man who walks hunched over, due to the appearance
shown by patients due to the severity of joint pain that they suffer [43].

The Chikungunya virus is an enveloped positive-strand RNA virus, belonging to the Alpha‐
virus genus, group arbovirus A, of the Togaviridae family. The virus affects all humans without
distinction, being susceptible to contracting the disease individuals not previously infected
with the virus, after individuals are infected, immunity is prolonged. Chikungunya fever
epidemics spread rapidly within infected community until the development of immunity in
the population affected stops transmission. In general, about 3–28% of infected people are
asymptomatic, although they contribute to the spread of the disease. On the other hand, in the
symptomatic forms, the clinical manifestations may be acute, subacute, or chronic. After the
bite, the incubation period of the disease is 1–12 days characterized by fever, severe arthralgias,
back pain, incapacitating myalgia, and conjunctivitis. Subsequently, after 2 or 3 days, macu‐
lopapular exanthem is described (sometimes only macular) in half of the cases, distributed on
the trunk and extremities. Fever usually takes between 2 and 3 days, and leukopenia is the
rule. Since there is no specific antiviral treatment or vaccine, treatment against the disease
should be symptomatic against the symptoms presented by the patient and can be applied
antipyretics, analgesics, anti-inflammatory, and ribavirin [44].

2.10. St. Louis encephalitis

St. Louis encephalitis (SLE) is a viral disease transmitted by mosquitoes of the Culex genus,
where birds are the normal hosts of this disease that affects humans. Other potential vectors,
which can become infected and transmit the SLE to vertebrate hosts, include the mosquito
species of the Aedes, Mansonia, and Sabethes genera [45]. The SLE is a disease of greatest medical
importance in North America prior the introduction of WNV in 1999. According to studies
conducted in the United States, the sparrow has a key role in the chain of infection, and doves,
blue jay, and robin are important too, being the young of these species most important that
adults [6]. The SLEV may be enzootic in some places but eventually can occur epizootic in
which a large number of birds become infected, also being able to cause infections in humans
as isolated cases or epidemics, by the bite of mosquitoes infected with the virus. Under optimal
conditions, the extrinsic incubation period of the virus is about 10 days, staying active
throughout the life of the mosquito. Human infections with SLEV not always result in clinical
manifestations of encephalitis, which is why it often goes unnoticed, except during epidemics
[46]. The most susceptible population is of children and the elderly, and the mortality rate of
SLE is between 5% and 20%. Currently, SLE is widely distributed throughout American

Mosquito-Borne Diseases, Pesticides Used for Mosquito Control, and Development of Resistance to Insecticides
http://dx.doi.org/10.5772/61510

117



continent, from Canada, Mexico, Central and South America, and the Caribbean [6]. To date,
a vaccine against SLE has not been developed [41] because antibiotics are not effective against
this virus. Therefore, the best form of protection against the transmission of SLEV is to avoid
mosquito bites as much as possible.

2.11. Eastern equine encephalitis

Eastern equine encephalitis (EEE) is caused by the eastern equine encephalitis virus (EEEV),
an RNA virus classified in the family Togaviridae. EEE infections are characterized by
symptoms such as fever, headache, nausea and vomiting, malaise and weakness, confusion,
myalgia, arthralgia, and neck stiffness. The main vector species involved in outbreaks of
disease are Coquillettidia perturbans, Culiseta melanura, Ochlerotatus canadensis, Aedes vexans, and
Culex mosquito’s species [47]. The cycle of transmission of EEE occurs between wild birds and
mosquito vectors, and when mosquitoes bit humans they transmit the virus. Disease incuba‐
tion period varies from 4 to 10 days, and the infection can result in one of two types of disease,
systemic or encephalitis, depending on the age of the person and other host factors. The illness
lasts one to two weeks, and recovery is complete when the central nervous system is not
affected. In humans, the rate of mortality is around 3%, and many of those recovering suffer
some form of mental disability for life, and death usually occurs from 2 to 10 days after onset
of symptoms. EEEV is found throughout the Western Hemisphere and North America in areas
of the east of the Mississippi River in the US, southeastern Canada to Argentina, and Peru. The
EEE was first recognized in humans in 1938 [48]. Since then, cases have been produced
sporadically as small epidemics with a total of 223 reports between 1955 and 1993 [49],
including a peak of 36 cases in 1959 [50]. Of this case, the third part of the patients affected
died because of the disease. The diagnosis of the symptoms of EEE is difficult because the
symptoms that occur in patients are nonspecific. Currently, the only available vaccine is for
horses, and there is still no human vaccine for the general public.

2.12. Western equine encephalitis

The causal agent of Western equine encephalitis (WEE) is the WEE virus (WEEV), which is
an arbovirus of the Togaviridae family, transmitted by mosquitoes of the Culex and Culise‐
ta genres [51, 52], of which Culex tarsalis is the main vector of WEEV in western North America
[53]. The natural cycle of WEEV is maintained through alternating infection between birds
and ornithophilic mosquitoes. WEE primarily affects birds, mosquitoes, humans, and horses.
The clinical form of WEE occurs in humans and horses, which are dead-end hosts [54]. Clinical
disease  can  result  in  febrile  disease  of  variable  severity  associated  with  neurological
symptoms that range from headache to aseptic meningitis or encephalitis. The WEE has been
reported in the Western United States, Canada, Mexico, and Central and South America [54].
WEEV in humans results in mild disease in adults but can become serious encephalitis in
children and elderly people. The mortality rate is between 5% and 15%, of which about 50%
of infants who survive have permanent brain damage. People can prevent WEE infection by
avoiding outdoor activities at the primary feeding period of Culex and Culiseta mosquitoes
or using mosquito repellents. For horses, a vaccine for WEE exists in the market, but there
is no vaccine for humans [55].
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2.13. La Crosse encephalitis

La Crosse encephalitis (LAC) is a disease caused by the La Crosse encephalitis virus (LACV).
LACV is spread through the bite of infected mosquitoes of the Aedes genus, where A. triseria‐
tus is the principal vector and reservoir of LACV in nature [56]. The vertebrate of the Sciuridae
family are its normal hosts in forest habitats throughout the range of the disease [57]. Subse‐
quently, the virus can be passed to humans by feeding on infected rodents with the virus, or
transovarially from an infected female to offspring. LACV is distributed in the United States
from the upper Midwestern states, primarily Illinois, Iowa, Indiana, Minnesota, Ohio, and
Wisconsin to New York, and South to Texas, Alabama, and Georgia [58], with confirmed
human cases of LAC in 29 of the lower 48 states [59]. The disease affects the central nervous
system being able to become severe and fatal in rare cases [57]. After an incubation period of
5–15 days, LAC symptoms include fever, headache, nausea, vomiting, and fatigue and initially
presents as a nonspecific summertime illness. Severe cases involving encephalitis occur more
often in children under 16 years accompanied commonly of seizures and in some cases coma,
paralysis, and long-term disability or death. There is no specific treatment against LACV
infection, so care is based on symptoms. The best way to reduce the risk of becoming infected
with LACV is to avoid mosquito bites, use insect repellents, wear clothes to avoid bites, or
even stay indoors during peak hours of mosquito activity. Another preventive measure that
provides good results is to eliminate mosquito breeding sites. There is no antiviral drugs or
vaccine available against the LAC because antibiotics are not effective against viruses [57].

2.14. Zika fever

Zika fever (ZIKF) is caused by Zika virus (ZIKV), a flavivirus belonging to the family Flavi‐
viridae. It is a disease of monkeys and humans spread through the bite of infected Aedes
mosquito [60]. Where A. africanus and A. aegypti are the principal probable vectors [61]. Clinical
symptoms are mild headache, maculopapular eruption in different parts of the body, transient
fever, malaise, and joint pain. ZIKV is common in West and Central Africa but also occurs in
Pakistan, India, Vietnam, Thailand, the Philippines, Malaysia, Indonesia and Micronesia. In
2014, the presence of ZIKV in some American regions was reported. There is no vaccine, drugs
or specific treatment for ZIKF, so the strategies for prevention and control the disease include
insect repellents and mosquito elimination [62].

3. Mosquito control

The prevention and control of mosquito-borne diseases globally is conducted through a
comprehensive and thorough method of pest management. Where programs are not intended
to completely eliminate mosquito populations but rather are aimed to reduce their number
and therefore minimize the risk of disease transmission. Methods used to mosquito control
include the elimination of breeding sites and the control of mosquito larvae and adults.
Larvicides, by applying chemical insecticides in the breeding sites, are the best strategy to kill
larvae and pupae of mosquitoes in the water. Larvicides are present in several forms ranging
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from powder, tablets, or liquids and include methoprene, monomolecular surface films,
larvicidal oils, chemical insecticides, neurotoxic insecticides, plant-derived products, and
larvicidal bacteria [19]. Adulticides technique is usually less efficient for mosquito control.
However, it is the only way to kill adult mosquitoes and is the last line of defense in reducing
mosquito populations. Some of the adulticide used for mosquito control include products
derived from microorganisms, plants or minerals, synthetic molecules, organophosphates,
some natural pyrethrins, or synthetic pyrethroids [63].

3.1. Chemical insecticides

Since its discovery, chemical insecticides have represented the most widely method used to
control mosquito-borne vectors. However, the effects of chemical insecticides on mosquito
vector populations are usually transitory because vectors can rapidly develop resistance
against them. On the other hand, the environmental problems caused by the excessive use of
chemical insecticides are a matter of current concern because it is estimated that about 2.5
million tons of pesticides are used annually, generating worldwide damage amounting to $100
billion annually [64]. Some of the disadvantages that generates when using only chemical
products are (a) the selection of new insecticide resistance in pest populations; (b) the resur‐
gence of already treated populations; (c) the generation of waste, risks, and legal complications;
(d) the destruction of beneficial species; and (e) the high costs in equipment, labor, and material.
In addition, the highly toxic and nonbiodegradable properties of insecticides and waste
generated in soil, water, food, and crops that affect public health are additional reasons to
search new methods to help solve the problems caused by chemical insecticides [64]. Conse‐
quently, the concept of integrated control arises, a method in which pest and diseases control
is performed using chemicals, useful organisms, and cultural practices.

The progress of science and the chemical industry in the nineteenth century, with the discovery
of DDT, made possible the development and emergence of new conventional insecticides or
so-called of synthesis [65]. The most used of these insecticides of synthesis are modulators of
sodium channels (organochlorines, pyrethroids, and pyrethrins), acetylcholinesterase inhibi‐
tors (carbamates and organophosphates), and the chloride channel antagonists regulated by
the gamma-aminobutyric acid or also known as GABA (organochlorine cyclodiene and
phenylpyrazoles).

Using these conventional insecticides gave positive results against insects disease vectors at
first. However, due to its massive use, insects soon began to develop resistance to them. Thus,
an insecticide that initially was effective, just being useless in the long term. In response to this
problem, new-generation insecticides also called biorational insecticides have been developed,
whose research strategy is based on a good understanding of the physiological processes or
mechanisms specific communication of insects, and in obtaining agents that are able to affect
them. These products are divided into the following: those who are analogs of juvenile
hormone and molting, inhibitors tissue formation, pheromones, insecticides that prevent
hatching, and biological insecticides [66].
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3.1.1. Organophosphates and carbamates

Organophosphate insecticides are phosphoric acid derivatives, having activity against a wide
spectrum of invertebrate. It interferes with the action of enzymes called cholinesterases that
regulate the neurotransmitter acetylcholine, resulting in first instance to muscle cramps,
paralysis, and eventually death [67]. Therefore, these insecticides have a toxic action that blocks
an enzyme acetylcholinesterase of central and peripheral nervous system of insects, in synaptic
junctions. The enzyme rapidly hydrolyzed acetylcholine, resulting in the repolarization of the
membrane or the basal plate in neuromuscular connections, preparing for the arrival of a new
impulse. By forming strong covalent bonds between insecticide and acetylcholinesterase, the
enzyme is inhibited, causing the accumulation of acetylcholine in the synaptic junction and
the interruption of normal transmission of nerve impulses [68].

However, due to the generation of resistance in vector insects to these chemical products, the
use of many of these organophosphate and carbamates insecticides is no longer effective.
Furthermore, because cholinesterases and neurotransmitters acetylcholine also form part of
vertebrate nervous system, organophosphate pesticides are highly or moderately toxic to
vertebrates [69]. In this regard, temephos are the only organophosphate pesticide that is still
used to control mosquito larvae. Although temephos are not persistent in the environment
being that last 7–10 days [70], it has been shown in many studies the adverse effects of temephos
on a wide range of no target aquatic taxa [71]. Furthermore, carbamate pesticides, just like
organophosphates, act by inhibiting the cholinesterase enzyme. Therefore, the symptoms
experienced by insects per carbamate poisoning are similar to those experienced with orga‐
nophosphates. However, carbamate pesticides block acetylcholinesterase enzyme hydrolyz‐
ing acetylcholine in muscle by carbamylation, which is a reversible reaction [72]. Therefore,
the recovery of carbamate poisoning in humans is faster than with organophosphate intoxi‐
cation since the acetylcholinesterase enzyme is able to break apart of the carbamate [73].

3.1.2. Organochlorines, pyrethroids, and pyrethrins

Organochlorine insecticides are chlorinated hydrocarbons, which are known to be effective to
control mosquito populations. Its mode of action is by inhibiting GABA receptor in the nervous
system through the interruption of nerve impulses due to the closure of chloride channels [72].
Therefore, when an organochlorine binds to a GABA receptor, the receptor is unable to close
GABA chloride channel, which results in stimulation of the nervous system and similar
symptoms to poisoning with carbamates or organophosphates [74]. However, with the
Stockholm Convention on Persistent Organic Pollutants, which entered into force on May 17,
2004, the use of 12 chemicals including DDT, aldrin, dieldrin, heptachlor, mirex, chlordecone,
and chlordane was prohibited because of its long average life and toxicity [75]. However, an
extension clause allows countries where malaria is endemic to use DDT to control vectors that
transmit the disease. Taking into account the negative effects that DDT has for the environ‐
ment, malaria programs without the use of insecticides have been developed with the
assistance of the Pan American Health Organization [76].

On the other hand, pyrethroids and pyrethrins used to control mosquitoes break down faster
in the sunlight as opposed to chemical or microbial breakdown. However, pyrethroids are
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considered axonic poisons, composed of more stable substances, or degrade slower in the
presence of sunlight than pyrethrins and are generally effective against most of the insect pests
of agriculture. Furthermore, pyrethroids can be combined with other active ingredients, such
as piperonyl butoxide, to retard its degradation and prevents the insect’s system from
detoxifying the pyrethroid, making it more effective [72]. Delay that allows the chemical
product persists longer in the environment, requiring smaller and less frequent doses to kill
pests [77]. This type of insecticidal affects the central and peripheral nervous system of insects
and have a rapid knock-down effect, by interfering with the sodium channels of nerve
membrane causing the interruption of the transfer of ions and transmission of impulses
between nerve cells [78]. Moreover, it stimulates nerve cells to produce repetitive discharges
and eventually cause paralysis and death [79]. Furthermore, because pyrethroids act on the
nervous system of insects through a different pathway from the organophosphate pesticides,
they generally have low toxicity in mammals and birds; however, they are toxic to fish and
tadpoles [80].

3.1.3. Biorational insecticides

Biorational insecticides are those that have relatively low toxicity to humans and have few
environmental effects. Among which, methoprene is an insect growth regulator insecticide
with a broad spectrum of action that interferes with the insect life cycle preventing maturity
or reproductive stage [81]. Meanwhile, the juvenile hormone analogue is a biorational
insecticide that causes deformations in larval stage, death in the pupal stage, and sterility effect
in adults [82]. Spinosad is another biorational insecticide that comes from a Saccharopolyspora
spinosa neurotoxin, made by a mixture of spinosyns A and D. Spinosad act on the postsynaptic
nicotinic acetylcholine receptors and GABA receptors and has proven its usefulness in the
dipterans control [83]. Pyriproxyfene is another new-generation insecticide that has been
tested in adult and larval mosquitoes causing a reduction in the number of sperm, egg
production, blood feeding, and mating activity [84].

3.2. Plants and their derivates

For centuries, nature has created several active substances that, when applied correctly, can
control insect pests such as mosquito in an efficient manner. The use of plants by man with
insecticide purposes dates back to early human history. Due to their environmental advan‐
tages, the use of insecticides of vegetable origin in pest management has been increasing [85].
Among plants with potential activity against mosquitoes, Nim or Neem (Azadirachta indica)
causes stunted growth, loss of appetite, reduction of fertility, molting disorders, morphological
defects, and behavioral changes [86]. Moreover, it has been demonstrated that raw or partially
purified plant extracts are most effective for mosquito control in place of the purified com‐
pounds or extracts [87]. The snuff (Nicotiana tabacum) is used, thanks to its insecticide and insect
repellent action, where nicotine acts on the nervous system of insects through breathing,
ingestion, and contact [88]. Other plants from which oils are extracted are garlic (Ocimum
basilicum) and cinnamon (Cinnamomum osmophloeum), which have been shown to have
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insecticidal properties against larvae and adults of A. albopictus, Culex quinquefasciatus, and
Armigeres subalbatus.

3.3. Biological agents

Among biological agents used for mosquito control can be mentioned derivatives of viruses,
bacteria, and fungi. Entomopathogenic virus spreads from one insect generation to the next
causing paralysis and eventually death on mosquito larvae being more effective in the first
stage of development [89]. Within bacteria, only reports of Bacillus thuringiensis, B. sphericus,
and B. popilliae with possibilities to exercise control over dipterans insects currently exist. These
bacteria, during the sporulation process, produce protein crystals with insecticidal effect and/
or some toxins with the same effect [90]. Bacillus initially causes diarrhea and intestinal
paralysis in mosquito, giving rise to a decrease of body movements, convulsions, and general
paralysis. Internally, within the mosquito stomach, B. thuringiensis releases toxic crystals that
paralyze the insect gut stopping peristalsis, causing that the insect stop feeding and die by
starvation. Within the gut, bacteria multiply until they break the epithelium and invade the
rest of the insect body. However, its use for mosquito control is scarce and presents some
drawbacks as its duration in the environment is limited, its dispersion is rather inefficient, and
the susceptibility to bacterial infection in the pest population is very heterogeneous. There are
very sensitive individuals and other highly resistant. Fungi are other microorganisms that may
be used to control mosquito vectors, of which 400 species are known with insecticide potential.
About 20 of them have been given more attention, including those in the Lagenidium, Entomo‐
phaga, Neozygites, Entomophtora, Erynia, Aschersonia, Verticillium, Nomuraea, Hirsutella, Meta‐
rhizium, Beauveria, and Paecilomyces genera [91]. Although, entomopathogenic fungi are not as
specific as bacteria or viruses, spores persist and infect insect successive generations, so that
when the infection is established, its effects can last several years. Infection occurs by adhesion
of the spores on the insect cuticle, where these germinate and penetrate the cuticle leading to
insect colonization by mycelium. Cuticle penetration occurs through the use of an enzyme
complex that the fungi use to feed. The entomopathogenic fungus most used in controlling
mosquito infestations is Beauveria bassiana, which produces various active ingredients such as
beauvericin [92].

The biological control of mosquito larvae with predators and other biological control agents
could be a more effective and environmentally friendly strategy, thus avoiding the use of
synthetic chemicals and the consequent environmental damage [93]. Among them, some
insects and vertebrates such as fish, amphibians, and some mammals have the potential to
control mosquito disease–vector populations. Within vertebrates, amphibians, bats, and fish
have been used to control populations of mosquito. For example, using larvivorous fish
species, control of mosquito larvae in deposits used to store water has been achieved [41].
Moreover, bats are responsible for capturing flying insects such as mosquitoes at night;
similarly, toads and frogs consume large numbers of insects, slugs, worms, and other inver‐
tebrates [94]. However, the use of frogs and tadpoles for disease vector control is still largely
unexplored.
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4. Development of resistance to chemical insecticides

Insecticide resistance is defined as the development of the ability of a insect population to
tolerate doses of an insecticide, which would be lethal to the majority of individuals in a normal
population of the same species and is also the result of pressure of positive selection exerted
by the insecticide on the low frequency genes initially present in the vector insect [95].
Therefore, the development of resistance by mosquito disease vectors is of international
concern due to the increase worldwide exchange of plant matter that mosquitoes can spread
to other parts of the world, spreading resistance genes of the plagues that they have.

Most mosquito vector control programs of diseases in humans are mainly based on the use of
chemical insecticides by outdoor spraying, impregnated nets, or indoor residual spraying [96].
Thereon, the use of insecticides has helped to eradicate insect-borne diseases. In this regard,
since 1950, different classes of insecticides have been successively used. Organophosphates
and pyrethroid insecticides have been used to control mosquito populations in their larval and
adult stages. However, more recently, the disease vector control programs are based largely
on the use of synthetic pyrethroid insecticides, which are recommended by the WHO only for
impregnated nets [97]. However, the massive use of pesticides has caused detrimental effects
on the agroecosystem, such as the acquisition of resistance, pest resurgence, and environmental
pollution. Resistance has developed in more than 84 species of mosquitoes for each of the
groups of toxicological insecticides [98]. Furthermore, it was found that insecticide residues
accumulated in plants often end up in water bodies where mosquito larvae feeding on such
plant debris or grow in water bodies enriched with plant compounds and interactions between
these xenobiotics generate tolerance to insecticides or promote detoxification pathways of
these insecticides against mosquitoes [99]. In addition to abiotic factors, biotic interactions that
occur among mosquitoes, the pathogens that they transmit and their microbiome (microbes
living in the mosquito) may also occur [96]. These vary from symbionts to entomopathogen
opportunistic organisms that are able to affect various physiological host processes, such as
detoxification systems [100] or the opposite effect leading to the appearance of insecticide
resistance [101]. Furthermore, allelochemicals inducing enzyme production in insects can
increase their tolerance to pesticides [102]. On the other hand, other studies have shown that
the degree of development of a plant can affect insecticide resistance in insects [103].

There are two main mechanisms by which mosquito vectors can develop resistance to
insecticides: alterations in the target site of action and metabolic resistance, also called
increased rate of detoxification of insecticides [19]. Other less common mechanisms that
develop resistance in insects are the resistance per behavior and the resistance per decreased
penetration through the cuticle or cross resistance [104].

4.1. Resistance mechanisms

Each insecticide triggers the selection of one or more mechanisms of resistance; in addition,
an unknown number of behavioral changes in adults. For instance, changes in the target site
of action are produced when no silent mutations occur in structural genes that produce an
alteration of  amino acids responsible  for  anchoring the insecticide at  a  specific  site.  For
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example, resistance have been reported by altering the voltage-dependent sodium channel
that is the target site of action for pyrethroids and organochlorines, such as DDT, and in the
insensitive acetylcholinesterase, which is the target site of action for organophosphate and
carbamate [19]. Furthermore, the metabolic detoxification is an acquired resistance mecha‐
nism, which is regulated by the activity of certain oxidized enzymes such as mixed func‐
tion  oxidase,  esterases,  glutathione  S-transferases,  and  in  specific  cases  DDT-
dehidroclorinase. Mixed function oxidase represents an important detoxification mechanism
in the degradation of carbamates; moreover, esterases have an important role in the degrada‐
tion of phosphorus insecticides [105]. Meanwhile, the metabolic resistance occurs through
the increase in the detoxification of the insecticide. The most important form of metabolic
resistance is given by detoxifying enzymes type glutathione S-transferase, mixed function
oxidases, and esterases [78].

On the other hand, cross resistance can occur in two ways, positive and negative. The positive
cross  resistance  refers  to  resistance  to  several  insecticides  due  to  expression  in  a  single
resistance mechanism [106]. Therefore, cross resistance occurs when a single gene confers
resistance to a number of chemicals in the same group, such as kdr gene conferring resist‐
ance to DDT and pyrethroids [95]. Meanwhile, negative cross resistance occurs due to an
increase in susceptibility to the insecticide “A,” caused by the development of resistance to
insecticidal “B” and vice versa. For example, in Culex pipiens quinquefasciatus larvae, it was
found that resistance to organophosphorus insecticides increases susceptibility to pyreth‐
roid insecticides [107].

Furthermore, multiple resistances occur when two or more resistance mechanisms independ‐
ently selected are operating in the same insect [19]. However, the term multiple resistances not
necessarily involve the cross-resistance term because an insect may be resistant to two or more
insecticides, and each resistance can be attributed to different mechanisms [78]. Consequently,
each additional mechanism of resistance leads to a wide cross resistance, which restricts the
number of possible alternatives for the control and in extreme conditions, leading to highly
resistant populations to virtually all available insecticides [108].

5. Conclusion

Mosquito-borne diseases are influenced by biological, ecological, social, and economic factors.
Unfortunately, in most cases, deaths occur in rural areas where medical care is inadequate
because resources are limited. Some of the mosquito-borne disease symptoms are mild and
easy to treat; however, for other disease, antiviral drugs and antibiotics are not effective for
controlling the virus, and there is still no vaccine available for prevention. One of the strategies
used as a preventive measure to control the spread of diseases is the elimination of mosquitoes
and their breeding sites. The main strategy for the elimination of mosquitoes is the use of
chemical insecticides. However, their control is complicated because the frequent use of
chemical insecticides generates resistance and the insecticides decrease their effectiveness. The
use of plants, fungi, and bacteria with potential activity have some beneficial effects for the
environment, but its duration is limited and some mosquitoes develop high resistance. A
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promising alternative is the use of chemicals and natural insecticides intended to modify the
normal functioning of the mosquitoes that transmit diseases and which do not affect the
environment.
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Abstract

Mosquito larvicides derived from microbial organisms and insect growth regulators have
been increasingly used to control mosquito larvae worldwide. Their relative target specif‐
icity, nontarget safety, and environmentally friendly profile have been well documented.
The current chapter was intended to review and analyze the relevant information regard‐
ing resistance development and resistance management tactics. Bacillus thuringiensis isra‐
elensis de Bajac (B.t.i.) is a quick-acting and highly target-specific biopesticide against
mosquitoes, blackflies, and other nematoceran species. Resistance development toward
intact complementary toxin complex of B.t.i. was rare; however, low to high levels of re‐
sistance to individual toxins have occurred in laboratory mosquito populations. The tox‐
ins from bacterium Bacillus sphaericus Neide (recently renamed Lysinibacillus sphaericus
Meyer and Neide) is another highly active larvicide against mosquitoes, toward which
low to high levels of resistance have occurred in both laboratory and field mosquito pop‐
ulations. The Cyt1A toxin from B.t.i. and Mtx toxin from certain strains of B. sphaericus
are the key components in resistance management to B.t.i. and B. sphaericus. The resist‐
ance management strategies have been well developed and implemented. Spinosad de‐
rived from Saccharopolyspora spinosa Mertz and Yao has been recently used for mosquito
control; high levels of resistance and cross-resistance have occurred in laboratory mosqui‐
to populations and no management tactics have ever been developed. Methoprene has
been used to control mosquitoes for decades, and low to high levels of resistance have
been occasionally reported in both laboratory and field mosquito populations. Studies on
mechanism and management of methoprene resistance are quite meager. Very little at‐
tention has been paid to the resistance management in mosquitoes to other insect growth
regulators such as pyriproxyfen and diflubenzuron. The prevention of resistance and re‐
storation of susceptibility in mosquitoes to these biorational larvicides are crucial to the
success of sustainable integrated mosquito management.

Keywords: Microbial larvicides, Insect growth regulators, Mosquito control, Resistance,
Resistance management
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1. Introduction

Mosquitoes and mosquito-borne diseases remain one of the leading public health concerns
and socioeconomic burdens of mankind globally, particularly in tropical and subtropical
regions. Nowadays, human and animal population movement, freight exchange, fast demo‐
graphic growth, economic development, and subsequent environmental impact further
elevate the scope and magnitude of the problem. Mosquito control is often the only or most
effective way of the integrated management to combat mosquito-borne illnesses. Considering
the strict governmental regulations, high environmental vulnerability, and increasing demand
of mosquito control upon emergence, and spreading of mosquito-borne diseases, ecologically
friendly management approaches based on microbial and insect growth regulator larvicides
have been the great promise for their high activity and efficacy, target specificity, and envi‐
ronmental and nontarget safety profile. However, the development of resistance in the
mosquito populations to these biorational larvicides has been reported since the past decades.
In order to maintain the sustainability of mosquito control, susceptibility monitoring and
resistance management tactics toward these available control tools must be developed and
implemented.

2. Bacillus thuringiensis subsp israelensis (B.t.i.)

The entomopathogenic Bacillus was first discovered in 1901 by Japanese biologist Ishiwata
Shigetane, who was investigating the cause of the sotto disease (sudden-collapse disease) that
was killing large populations of silkworms. Shigetane named the bacterium Bacillus sotto, but
the name was later ruled invalid. In 1911, this pathogen was rediscovered in Germany by Ernst
Berliner, who isolated it from Mediterranean flour moth Anagasta kuehniella (Zeller, 1879)
caterpillars that suffered Schlaffsucht. He named it Bacillus thuringiensis, after the German town
Thuringia where the moth was found [1]. Up to date, at least 70 serotypes, more than 80
subspecies have been identified, among which 14 serotypes and 16 subspecies show lethal
activities against mosquito larvae. Bacilllus thuringiensis israelensis (B.t.i.), a subspecies belong‐
ing to serotype H-14, was discovered from a natural mosquito habitat located in Israel desert
in 1976 [2, 3]. Four synergistic endotoxins including Cry4A, Cry4B, Cry 11A, and Cyt1A are
produced during sporulation of B.t.i. [4–7]. These protoxins are activated by enzymatic
proteolysis activities under high pH environment in mosquito midgut. The activated toxins
combine with the receptors located at the epithelium cells in midgut brush border and cause
subsequent pathological consequences and death of the target species. Toxins of B.t.i. are toxic
to species in nematoceran group including culicidae, simuliidae [8, 9], chironomidae [10–12],
and some fungus gnats. B.t.i. is categorized as Group 11 pesticide, i.e., microbial disruptor of
insect midgut membranes by the Insect Resistance Action Committee (IRAC). During the past
35 years or so, B.t.i. products have been extensively used to control mosquitoes and blackflies
and occasionally chironomid midges worldwide.
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2.1. Field occurrence

Generally, the risk of resistance development to wild-type B.t.i., i.e., the natural toxin complex,
is very low. For example, B.t.i. products were widely used to control floodwater mosquitoes
Aedes vexans (Meigen) over an area of approximately 500 km2 for more than 10 years in Rhine
River area in Germany; no reduction in susceptibility was noticed [13]. One report, however,
from New York, USA, showed low-level resistance in wild population of Culex pipiens L.
Briefly, collections from Syracuse and Albany showed 33- to 41-fold and 6- to 14-fold resistance
to B.t.i. Based on the considerable difference in resistance levels between the populations from
Syracuse and Albany, it seems that there was lack of gene flow between these populations of
Cx. pipiens, resulting in aggregation of resistant individuals [14]. Culex pipiens populations from
Cyprus (2002–2008) showed dose–response values ranging approximately 8-fold to B.t.i., but
no resistance was detected after years of application [15]. Between 1990 and 1993, the suscept‐
ibility of Cx. pipiens complex to B.t.i. was determined in 31 collections from California, USA.
The samples were collected before the widespread use in California. Seven collections from
the Mediterranean island of Cyprus, where no microbial insecticides have ever been used, also
were tested. The collections from California during 1990–1991 exhibited 3- to 4-fold variations
in susceptibility at LC50 and LC95. The collections from Cyprus in 1993 exhibited both higher
mean LC values, and greater variability in those values, than the California collections. No
significant geographic variation in susceptibility was observed among regions within Califor‐
nia [16].

2.2. Laboratory studies

Multiple attempts to select resistance in laboratory colonies of Cx. pipiens complex or Aedes
aegypti L. for various generations only resulted in low-level and unstable resistance. Four
populations of Cx. quinquefasciatus Say collected from Southern California were subjected to
different levels of selection pressure for 11–60 generations; 4.1- to 16.5-fold resistance was
achieved. The resistance tended to decline in absence of selection pressure [17]. One laboratory
and two wild populations of Ae. aegypti were used in selection for resistance to B.t.i. After 14
generations of selection at LC50, a statistically significant decline (2-fold) in susceptibility was
observed in the F15 of one wild strain only. Regression lines, LC50 values, and slopes of parental
populations between strains did not differ significantly [18]. When larvae of Cx. pipiens were
subjected repeatedly to selection pressure with B.t.i. in the laboratory, only 2.78-fold tolerance
was induced as a result of 20 generations of selection, which decreased by about 58% after the
selection was withdrawn for 3 generations. Larval selection with B.t.i. caused a reduction in
the reproductive potential in resulted survivors [19]. Another study revealed 2- to 3-fold
increase in the LC50 or LC90 values to B.t.i. preparation in the larvae of Cx. quinquefasciatus after
20 generations of selection, and these values fluctuated in different generations during the
selection [20]. The laboratory selection with field-persistent B.t.i. toxins led to a 3.5-fold
resistance to VectoBac WG in Ae. aegypti after 30 generations, but to relatively high levels of
resistance to individual Cry toxins. Bioassay procedure was developed using each Cry toxin
to detect cryptic B.t.i. resistance that evolved in field mosquito populations. Although no
resistance to B.t.i. was detected in three Aedes mosquito species tested, an increased tolerance
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to Cry4Aa (3.5-fold) and Cry11Aa toxins (8-fold) was found in one Ae. sticticus population.
This study facilitated information of susceptibility status to individual Cry toxins of B.t.i.
Bioassays with individual Cry toxins allow a more sensitive monitoring of B.t.i. resistance in
the field [21]. When individual Cry toxins were tested against the LiTOX strain that carried
low-level resistance to B.t.i., increased resistance of 68-, 9-, and 9-fold to Cry4Aa, Cry4Ba, and
Cry11Aa protoxins, respectively was revealed [22].

Exposures to individual toxins of B.t.i. are conducive to resistance development, where Cx.
quinquefasciatus developed high resistance to individual toxins in absence of Cyt1A toxin.
Resistance became evident in the mosquitoes that were selected with a single toxin (CryIVD),
reaching the highest level of 913-fold. Resistance developed at a slower pace and reached a
lower level when being selected with CryIVA + CryIVB. Resistance levels were further
suppressed when being selected with CryIVA + CryIVB + CryIVD or full combination of all
four toxins. These results highlighted the importance of the full combination of toxins found
in wild B.t.i. in resistance management [23]. This fact, i.e., target species rapidly develops
resistance to individual toxins but not to the toxin complex from the wild strain, also exists in
other B.t. subspecies studied, for instance, B. thuringiensis subsp jegathesan [24]. Cross-
resistance occurs among the Cry toxin of B.t.i. Resistance was generally highest toward the
toxin(s) that were used in the selections. The strain that was selected with CryIVD demon‐
strated significant cross-resistance to CryIVA + CryIVB, and vice versa. Strain that was selected
with naturally occurring insecticidal toxin mixture in B.t.i. only showed a low level of resist‐
ance to this mixture, but much higher levels of resistance occurred to individual CryIV toxins
and also to combinations of 2 or 3 CryIV toxins. The fact that all of the selected populations
stayed susceptible to the natural toxin mixture in B.t.i. suggested that the CytA toxin with
different sequence and mode of action from the CryIV toxins plays an important role in
suppressing resistance to CryIV toxins [25]. Cross-resistance among Cry toxins can be extended
to other B.t. subspecies. Cx. quinquefasciatus that are resistant to B.t.i. Cry toxins also show cross-
resistance to Cry11B from B.t. jegathesan [26], but not to Cry19A from the same species [27].

Cyt1A, a cytolytic endotoxin of B. thuringiensis, does not possess significant larvicidal activity
alone [28]. However, it plays a critical role in overcoming, preventing, and delaying resistance
development to Cry toxins.

The high levels of resistance to CryIV in Cx. quinquefasciatus was reduced remarkably by
combining CryIV with sublethal quantities of CytA. A 127-fold resistance to a combination of
CryIVA, B, and D was completely suppressed by combining CytA in a 1:3 ratio with CryIVA,
CryIVB, and CryIVD. Combining the CytA with CryIVA and CryIVB also completely sup‐
pressed 217-fold resistance to the latter toxins, whereas the combination of CytA with CryIVD
reduced resistance in a CryIVD-selected mosquito strain from >1000-fold to < 8-fold [29]. The
same species of mosquitoes were subjected to selection for 20 generations using the recombi‐
nant strains of B.t. that produced Cyt1Aa, Cry11Aa, or a 1:3 mixture. The resistance in the
Cry11Aa strain- and Cyt1Aa strain-selected populations reached 1,237-fold and 242-fold,
respectively. On the other hand, the resistance only reached 8-fold in the population that was
selected with the Cyt1Aa and Cry11Aa (1:3) strain. Mosquitoes that were selected by Cyt1Aa-
Cry11Aa for 48 generations only developed 9.3-fold resistance to Cry11Aa. Obviously,
resistance to Cry11Aa developed at a much slower pace in the presence than in the absence of
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Cyt1Aa [30]. Studies on the mechanism of activity enhancement and resistance prevention of
Cry toxins by Cyt1A indicated that Cyt1A functions as a receptor of Cry11A. Cyt1Aa binding
to Ae. aegypti brush border membrane vesicles enhanced the binding of Cry11Aa. Two exposed
regions in Cyt1Aa, namely, loop beta6-alphaE and part of beta7, bind Cry11Aa. On the other
side, Cry11Aa binds Cyt1Aa proteins by means of domain II-loop alpha8 and beta-4, which
are also involved in midgut receptor interaction. The key residues involved in the interaction
and synergism between Cry11Aa and Cyt1Aa were S259 and E266 in Cry11Aa and K198, E204
and K225 in Cyt1Aa [31]. Further studies revealed that binding of Cry11A to Cyt1A facilitates
the formation of a Cry11A prepore oligomeric structure that is capable of forming pores in
membrane vesicles [32].

It was discovered recently that the mosquitocidal toxins (Mtx) from some B. sphaericus strains
not only enhance the larvicidal activity of B.t.i. Cry toxins but also mitigate resistance devel‐
opment to Cry toxins. Mtx-1 and Mtx-2 were active against mosquitoes that were susceptible
or resistant to Cry toxins. A mixture of Mtx-1 or Mtx-2 with different Cry toxins in the ratio of
1:1 showed moderate synergism. Some combinations of Mtx and Cry toxins were highly active
to kill resistant larvae and also suppressed resistance to Cry toxins [33]. There is a lack of cross-
resistance to the wild type of other B.t. subspecies such as B.t. jegathesan, B.t. kyushuensis, and
B.t. fukuokuensis in Cx. quinquefasciatus that are resistant to individual toxins from B.t.i. [34]. It
is advised not just to express Cry toxins of B.t.i. in transgenic microbial organisms or algae
from the perspectives of resistance prevention in target species.

3. Bacillus sphaericus

The mosquitocidal activity of some strains of B. sphaericus has long been recognized. Up to
date, 49 serotypes over 300 strains of B. sphaericus have been identified, among which 9
serotypes 16 strains showed activity against mosquito larvae at different extent. Strains that
possess high mosquitocidal activity are 2362, 1597, 2297, C3-41, and IAB-59. The mostly studied
and developed strain 2362 was isolated in 1984 from adult blackfly Simulium damnosum
(Diptera: Simuliidae) in Nigeria. Recently, B. sphaericus was renamed as Lysinibacillus sphaeri‐
cus Meyer and Neide [35]. Active strains produce parasporal inclusions during sporulation,
which contains crystal binary toxins. Some strains also synthesize noncrystal Mtx. The mode
of action of the binary toxins is somewhat similar in general to B.t.i. toxins with detail differ‐
ences at molecular levels. The receptor of the binary toxins is a 60-kDa alpha-glucosidase,
which is anchored in the mosquito midgut membrane via a glycosyl-phosphatidylinositol
(GPI) anchor. As B.t.i., B. sphaericus also belongs to IRAC Group 11. Compared with B.t.i., the
target species spectrum is narrower, some Aedes spp., for example, Ae. aegypti is much less
susceptible than Culex spp. to B. sphaericus. During the past decades, numerous products have
been developed using various strains and applied to control Culex spp. worldwide.

3.1. Field occurrence

The earliest resistance in field populations was reported in Cx. pipiens in southern France where
the resistance ratio at LC50 was 70-fold as a result of extended field applications [36]. A field-
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collected population of Cx. quinquefasciatus larvae from an urban area of Recife in Brazil, which
has been treated for 2 years with B. sphaericus, was found to be about 10-fold less susceptible
than the untreated control field populations [37]. The field resistance to strain 1593 was
reported in Kochi, India, in the same year. The larvae of Cx. quinquefasciatus from the sprayed
area showed LC50 and LC90 values that were 146 and 180 times higher than corresponding
values for a susceptible strain from an unsprayed area after 35 rounds of application over 2
years. The subsequent laboratory selection of the collection from the treated area resulted in
much higher levels of resistance, 6,223- and 31,325-fold at LC50 and LC90, respectively [38]. The
similar situation also happened to strain B101 in the same mosquito species where low levels
of resistance occurred in response to field applications; the population reached 52,000-fold
resistance after selection for 6 generations in the laboratory [39]. Field Cx. pipiens mosquitoes
that were collected after a control failure with Spherimos in southern France developed high
resistance (>10,000-fold) after <8 generations of laboratory selection [40]. In southern China, a
flowable formulation of strain C3-41 was continuously used for 8 years to control Cx. quin‐
quefasciatus larvae. The resistance of field-collected larvae at LC50 was 22,672-fold [41]. More
occurrences on resistance to strain 2362 were reported later in France (5,958-fold) [42] and
Tunisia (750-fold) [43]. Declined efficacy and control failure of B. sphaericus was noticed within
4 months after 5 treatments using VectoLex WDG at the dosages of 50–200 mg/m2 to control
Cx. quinquefasciatus in Thailand [44]. A high level of B. sphaericus resistance was documented
in this population. The resistance levels at LC50, depending on reference colonies, were 21,100-
to 28,100-fold against VectoLex WDG (650 ITU/mg) or >125,000- to 200,000-fold against B.
sphaericus technical-grade material (2000 ITU/mg) [45]. Between 1990 and 1993, the suscepti‐
bility of Cx. pipiens complex to B. sphaericus was determined in 31 collections from California,
before the registration of this agent. Variation was about 5-fold at the LC50 and LC95 [16]. Similar
results were obtained for Culex spp. breeding in dairy lagoons in southern California soon after
B. sphaericus was registered and applied in California [46]. No case on resistance to B. sphaeri‐
cus in the USA has ever been reported in wild mosquito populations thus far regardless of the
substantial amount of B. sphaericus products that has been applied, particularly since the
invasion of the West Nile virus. The resistance development in response to the field application
of B. sphaericus products varies greatly, depending on prior exposure to naturally existing
strains, population genetic background, and gene exchange with untreated populations, as
well as product application strategies.

3.2. Laboratory studies

Resistance to B. sphaericus in laboratory colonies of Cx. pipiens complex has been reported in
different countries since 1994. Larvae of laboratory colony and field-collected (southern
California) Cx. quinquefasciatus developed moderate level of resistance to strain 2362 (27- to 37-
fold) in response to selection at LC80 for 80 generations [47]. This moderate level of resistance
to strain 2362 in laboratory colony of the same species was reconfirmed by later studies on
resistance management tactics [48, 49]. A previously untreated field population of Cx.
quinquefasciatus, collected near Bakersfield, California, survived the LC50 of B. sphaericus that
was 7,000 times higher than in the susceptible reference colony after 12 generations of selection
at LC95. Late and early instar larvae in this study showed the similar levels of resistance [50].
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After 13 and 18 generations of exposure to high concentrations of C3-41 and IAB59, a field-
collected low-level-resistant colony of Cx. quinquefasciatus developed >144,000-fold and 46.3-
fold resistance, respectively. A field-collected susceptible colony was selected with strain 2362
and IAB59 for 46 and 12 generations and reached >162,000-fold and 5.7-fold resistance to the
two agents, respectively. The slower evolution of resistance against strain IAB59 may be
attributable to the presence of another larvicidal factor [51]. However, in another study,
selection by treating about 15,000 of 3rd and 4th instar larvae at each generation at LC70 of
IAB59 resulted in 40,000-fold resistance after a much longer selection for 72 generations [52].
The resistance development to selection depends on genetic background, size of population
used, selection pressure, length of selection, etc. Resistance ratio is also dependent on the
susceptibility levels of the reference population. The resistance to B. sphaericus is fairly stable
in absence of selection pressure. For instance, bioassays showed that the frequency of resistant
larvae did not decrease throughout 11 generations after interruption of selection, and it was
associated with a similar frequency of larvae lacking the Cqm1alpha-glucosidase receptor. The
frequency of the cqm1 (REC) allele remained stable throughout 11 generations without further
selection [53].

Furthermore, once mosquitoes develop resistance to a given strain of B. sphaericus, they are also
often resistant to other strains because of the similarity of the binary toxins in most strains.
Fortunately, mosquitoes that have developed resistance to various strains of B. sphaericus remain
susceptible to B.t.i. [38, 39, 44, 45, 48–52, 55–59]. The cross-resistance among different strains is
mild between the strains that also produce Mtx toxins. For example, cross-resistance in strain
2362-resistant Cx. quinquefasciatus was detected toward strains 1593 and 2297, but little or no
cross-resistance was observed toward strains IAB59 or ISPC5 [50]. The resistant colonies resulted
from the selection with C3-41 or 2362 showed very high levels of cross-resistance to strains 2362,
C3-41, 1593, and 2297 but only low-level cross-resistance to IAB59, LP1-G, and 47-6B, which all
produce a major 49-kDa protein, another mosquitocidal factor. On the other hand, the IAB59-
selected colonies showed high cross-resistance to both strains C3-41 and 2362 [57].

3.3. Resistance mechanism

It is mostly believed that recessive genetic mechanism is involved in resistance to B. sphaeri‐
cus [20, 42, 43, 50, 52, 59]. Among the multiple theories, the predominant one is the lack of
specific binding of binary toxins to alpha-glucosidase, which act as midgut receptors [37, 53,
59–63]. The main reason leading the lack of specific binding is related to the deletions of gene
encoding the receptor alpha-glucosidase [64–66], where the integrity of the receptor is
compromised. However, the resistance in field Cx. pipiens mosquitoes after a control failure of
Spherimos in southern France is not associated with any loss of binding affinity between brush
border membrane fractions and toxins [40]. The similar results were also seen in Brazil, with
additional findings of slight declined receptor density [37]. Behavioral modifications such as
reduced ingestion on toxins [67] and other unknown mechanisms [40, 42] are also involved.

3.4. Resistance management

B.t.i. can be used as a powerful tool to mitigate resistance to B. sphaericus in mosquitoes. The
susceptibility to B. sphaericus was partially restored by the selection of previously resistant
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colony with B.t.i. alone for 10 generations. After this colony was reexposed to B. sphaericus for
20 generations, resistance to B. sphaericus surged back to a stable level. Selections of B. sphaer‐
icus-resistant colonies with B.t.i. and B. sphaericus in rotation or mixture lead to steady decline
of resistance over 30 generations [48]. Resistance to B. sphaericus can be delayed or prevented
by the mixture of B.t.i. and B. sphaericus because of the synergistic action among 4 toxins,
particularly the presence of Cyt1A [49, 68–71]. While B. sphaericus resistance increased after
F15 in response to the selection using B. sphaericus alone, the rotation of B. sphaericus and B.t.i.
surprisingly resulted in much higher level and faster emergence of resistance to B. sphaericus.
However, selection with mixtures of B.t.i. and B. sphaericus for 36 generations showed no
emergence of resistance to B. sphaericus [49]. Recently, the recombinant that produces toxins
from both B.t.i. and B. sphaericus, even at greater amount than the wild type of bacteria [72–
74], provides another path for not only mitigation of resistance but also enhancement of
larvicidal activity and efficacy. The combination of B. sphaericus with botanical pesticides such
as azadirachtin from the neem oil is also considered as an alternative to mitigate resistance
development to B. sphaericus in mosquitoes [75].

Efforts were made to find practical strategies for controlling resistant mosquitoes and to
prevent or delay the development of resistance in wild mosquito populations. In Nonthaburi
Province, Thailand, the larvae of Cx. quinquefasciatus that were highly resistant (>125,000-fold)
to B. sphaericus strain 2362 were successfully controlled with applications of B.t.i. alone or in
combination with B. sphaericus. In order to elucidate resistance management strategy in the
field, one selected site was treated with B. sphaericus 2362 alone and the other treated with a
mixture of B. sphaericus 2362 and B.t.i. Moderate resistance was detected after the 9th treatment
and almost complete control failure occurred by the 17th treatment in the site that was treated
with B. sphaericus 2362 alone. However, no noticeable change in susceptibility to B. sphaericus
was detected after 9 treatments with the mixture at another site. During this period, the site
treated with B. sphaericus alone required 19 treatments, whereas the site treated with mixtures
only took 9 treatments because of comparatively slower resurgence of larval populations [44].
In this resistance population, the resistance levels to the mixtures of B. sphaericus + B.t.i.
increased steadily upon the increase of B. sphaericus ratios in the mixtures from 50%, 75%, 90%,
95%, to 99%. The resistance levels to the mixtures with various ratios of B. sphaericus and
B.t.i., however, were substantially lower than that in B. sphaericus alone, suggesting that the
addition of B.t.i. to B. sphaericus enhanced the mosquitocidal activity (synergism) against these
highly B. sphaericus-resistant Cx. quinquefasciatus. Moderate tolerance and low levels of
resistance to B. sphaericus/B.t.i. recombinant (RR 7.29–12.75 at LC50 and 5.15–13.40 at LC90) were
also noted in this B. sphaericus-resistant population [45]. The similar success was achieved in
southern China. After 6 months of treatment with B.t.i. in the B. sphaericus-resistant popula‐
tions, their susceptibility to B. sphaericus C3-41 recovered, with the resistance ratio of field-
collected larvae declining from 22,672-fold to 5.67-fold [41]; the gene exchange with
populations in surrounding untreated areas may also have contributed to the rapid decline of
resistance levels. There is a lack of cross-resistance between binary toxins and Mtx toxins [76],
indicating that Mtx could be a potential tool to manage resistance to binary toxins in the future.
It was suggested that once resistance to B. sphaericus is detected in the field, its use should be
discontinued until the mosquito population becomes susceptible again because of the decline
in number of resistant individuals [77].
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3.5. Fitness cost of resistance

In a laboratory studies [77], the resistant strains showed some disadvantages such as lower
fecundity and fertility, but higher survival rates were observed at the same time. The immature
stages of the females from the resistant population developed slightly faster as compared with
those of the susceptible strains, which could result in a shorter generation time. The similar
findings are that the resistant colony showed lower fecundity and fertility and slower devel‐
opment than the susceptible colony [78]. However, the opposite results were achieved in
another study where the resistant colony did not display biological costs regarding fecundity,
fertility, and pupal weight [53].

4. Spinosyns

Spinosad, a biopesticide consisting of spinosyn A (C41H65NO10) and D (C42H67NO10), is pro‐
duced by a naturally occurring, soil-dwelling bacterium, Saccharopolyspora spinosa Mertz and
Yao. As a new class of polyketide-macrolide insecticide that acts as nicotinic acetylcholine
receptor (nAChR) allosteric modulator, spinosad is categorized as Group 5 insecticide by
IRAC. Spinosad exerts pesticidal activity after ingestion and cuticle absorption against a broad
spectrum of susceptible insect species, by stimulating nACh and γ-aminobutyric acid (GABA)
receptors and causing rapid excitation of the insect nervous system. The application of
spinosad products for mosquito control is relatively new; studies to evaluate resistance
development risk and resistance management strategy are rather rare. The first attempt was
made in Cx. quinquefasciatus. Surviving late instars and pupae were collected from a semifield
evaluation on Natular® XRG (2.5% spinosad), and a laboratory colony was established.
Selection pressure was applied at LC70

–
90 levels to 10,000–15,000 of the late 3rd and the early

4th instar larvae of each generation after initial lethal levels of Natular XRG against this colony
were determined. Susceptibility changes upon selection were determined every other gener‐
ation. The susceptibility to spinosad in this selected population gradually and steadily declined
from generation F1 to F35. From generations F37 to F45, the susceptibility decreased at a much
faster pace. For reference purposes, the susceptibility of freshly collected wild populations as
well as a laboratory reference colony of the same species was also determined concurrently.
By comparing with the wild populations and laboratory reference colony for resistance ratio
calculation, spinosad tolerance was observed from the first 9 generations. Resistance increased
gradually from generations F11 to F35 and elevated significantly from generations F37 to F45,
when resistance ratios reached 1415.3- to 2229.9-fold at LC50 and 9,613.1- to 17,062.6-fold at
LC90. The exponential elevation of resistance levels throughout selection indicated that a
recessive mechanism might have been involved during resistance development to spinosad
[79, 80]. The spinosad-resistant Cx. quinquefasciatus with various levels of resistance was found
not to be cross-resistant to B.t.i., a combination of B.t.i. and B. sphaericus, methoprene, pyri‐
proxyfen, diflubenzuron, novaluron, temephos, or imidacloprid. However, it showed various
levels of cross-resistance to B. sphaericus, spinetoram, abamectin, and fipronil. On the other
hand, a long-term laboratory colony of Cx. quinquefasciatus that is highly resistant to B.
sphaericus [50] was as susceptible as laboratory reference colony to spinosad and spinetoram.
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Field-collected and laboratory-selected Cx. quinquefasciatus that were resistant to methoprene
did not show cross-resistance to spinosad and spinetoram. The presence and absence of cross-
resistance to other pesticides in spinosad-resistant mosquitoes seemed to be related to their
modes of actions [81].

5. Insect growth regulators

5.1. Juvenile hormone analogs (methoprene and pyriproxyfen)

Methoprene, hydroprene, kinoprene, and triprene were synthesized in 1960s. These insect
growth regulators interrupt juvenile hormone balance during the transition from the late 4th
instar larvae to pupae and adults. Most mortality occurs at pupal stage or incompletely
emerged adults. Another juvenile hormone analog pyriproxyfen was synthesized in 1970s, the
IRG activity of which is much higher than methoprene [80]. The earliest experimental studies
on potential of resistance development in mosquitoes to juvenile hormone analogs were in
1973 [82]. The collective results indicated low risk of resistance development [82–86]. For
example, the selection of Cx. quinquefasciatus by methoprene for 10 generations only lead 3.9-
to 21.3-fold of resistance [86], while the selection of Cx. pipiens for 8 generations only resulted
in 8- to 13-fold resistance to methoprene and cross-resistance to triprene [83]. Higher levels of
resistance to methoprene did not necessarily occur in response to longer period of selection.
Culex tarsalis Coquillett developed 86-fold resistance after 62 generations of selection [84],
while 218-fold of resistance was achieved in Cx. pipiens after 40 generations of selection. In the
latter case, selected mosquitoes were also cross-resistant to hydroprene and triprene, but not
to diflubenzuron [85]. Rapid discharge and reduced detention of methoprene in mosquito
tissue played an important role during entire process of resistance development, while
metabolic detoxification seemed related to development and maintenance of high level
resistance [87, 88].

Data are meager with regard to resistance development in wild populations of mosquitoes.
Aedes taeniorhynchus (Wiedemann) in Florida, USA, showed 15-fold resistance after applica‐
tions of methoprene product during 1989 to 1994 [89]. Methoprene tolerance in Aedes nigro‐
maculis (Ludlow) was discovered in central California, USA, after 20 years of treatment.
Control failure was encountered during 1998–1999 [90], where resistance levels reached
thousands of fold [91]. The documented resistance seemed not related to the metabolic
detoxification by P450 monooxygenase and carboxylesterase, and treatments using B.t.i.
partially restored the susceptibility to methoprene [91]. Another reports in wild populations
showed that 4.7- to 16-fold in Cx. pipiens in Cypress [15] and 9- to 54-fold in Cx. quinquefascia‐
tus in southern California [81]. Limited data showed very low risk of resistance to pyriproxyfen
in mosquitoes [92].

5.2. Chitin synthesis inhibitor (diflubenzuron)

Diflubenzuron was synthesized in mid 1970s by Philips-Duphar B.V. This compound is a
nonselective chitin synthesis inhibitor that interrupts formation of exoskeleton, interferes with
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integrity of cuticle, and causes leakage of body fluid and ultimately mortality of target
organisms. Diflubenzuron acts on all stages of the mosquito life cycle, larval stages in partic‐
ular, younger larvae show higher susceptibility. Up to date, studies on resistance management
are limited to laboratory populations. For instance, Cx. pipiens developed 7-fold resistance to
diflubenzuron in response to selection for 5 generations [85]. Culex quinquefasciatus collected
from the east coastal area in Dar es Salaam, Tanzania, developed 2.4- to 6.6-fold resistance after
10 generations of selection [86]. Aedes aegypti developed 3.3-fold resistance after 10 generations
of selection, of which the resistance level increased to 8- to 20-fold after this population was
hybridized with a mixing collection from 35 locations and then selected for 5 generations [93].
In general, the risk of resistance development to diflubenzuron in mosquitoes is relatively low.

6. Conclusions

This chapter reviewed and analyzed historical data of resistance and resistance management
in mosquitoes to biorational larvicides with microbial and IGR origins. Bacterial larvicide
B.t.i. possesses the lowest risk of resistance development, which depends on the intact
endotoxin complex and synergism among individual toxins, particularly the presence of
Cyt1A. More importantly, B.t.i. plays a critical role in mitigation of resistance development
and susceptibility restoration and maintenance in other biorational larvicides. The binary
toxins from B. sphaericus have numerous advantages in controlling mosquito larvae; the
resistance development risk is somewhat difficult to determine, as many factors are attribut‐
able to the ultimate outcome of the scope and magnitude of resistance. Based on available data
from laboratory and field studies worldwide, the combination of B.t.i. with B. sphaericus,
through biofuse technology or genetic engineering, is the best choice to enhance the larvicidal
activity and efficacy, to prevent resistance development, and to restore susceptibility to B.
sphaericus. It seems that larval mosquitoes develop resistance to spinosad fairly fast if resistance
management tactics are not implemented strategically, which can be attributed to the mode of
action, i.e., the activation of nACh receptors in competition with acetylcholine, and chances of
sublethal exposures. Strategies to prevent resistance development and to restore spinosad
susceptibility after resistance development in mosquitoes should be developed and imple‐
mented urgently. As to the resistance development to IGRs, the overall risk is low. However,
it must be pointed out that juvenile hormone analogs such as methoprene and pyriproxyfen
act at the transition from the late 4th instar larvae to pupae and adults; the activity mostly
depends on the internal juvenile hormone level. Individuals with lower internal juvenile
hormone titer such as the late 4th instar larvae and pupae are more susceptible to the analogs.
In wild immature mosquito populations, different instars coexist in the aquatic habitats, of
which the internal juvenile hormone levels vary greatly. This phenomenon would lead to
sublethal exposures and subsequently tolerance even resistance development.

There is no doubt about the consequence resulted from occurrence and spread of resistance,
such as cost increase of control operations, outbreak of vector populations, and vector-borne
diseases. On the other hand, there are some negative impacts of resistance development on
mosquito biological fitness, such as shortened longevity and reduced fecundity [77, 78, 94],
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which may lower the vectorial capacity [95–97]. Therefore, evaluation on the exact impact of
vector resistance to pesticides on the epidemiology of vector-borne diseases can be compli‐
cated. During the past decades, pesticide resistance development and spread promoted
banning or limited applications of nonselective, long-lasting synthetic pesticides. At the same
time, this situation also advanced toxicological studies and detection technology of resistance,
as well as the research, development, and application of biorational pesticides, and other
mosquito control techniques.

It must be emphasized that the occurrence of resistance to pesticides in mosquitoes has been
on the rise, including cases to the biorational pesticides discussed in this chapter. For long-
term benefits, susceptibility monitoring by standardized protocols must be implemented at
the same time when a pesticide is introduced to the control operations. The collaboration
among academic research, industrial development, and field application and evaluation is
crucial to prolong the life and enhance efficacy of pesticides, as well as protect the environment
and nontarget organisms.
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Abstract

In the past decade, there has been rapid scale-up of insecticide-based malaria vector con‐
trol in the context of integrated vector management (IVM). But, the continued efficacy of
vector control interventions is threatened by the selection of insecticide resistance. Evi‐
dence of insecticide resistance operationally undermining malaria vector control pro‐
grammes is invariably mounting and is resulting in policy changes. Monitoring and
management of resistant disease vectors is essential to limit the selection and spread of
insecticide resistance and to maintain the effectiveness of vector control. Thus, countries
are encouraged to implement pre-emptive insecticide resistance management (IRM) strat‐
egies against malaria vectors according to the Global Plan for IRM. However, substantial
challenges for implementation exist at country level. The IVM strategy provides a poten‐
tial platform that could be exploited for enhanced national strategic IRM planning and
operationalisation. Nevertheless, significant coordinated response among stakeholders
and political commitment is needed for timely and effective policy implementation with‐
in the context of a national health system.

Keywords: Malaria vector control, integrated vector, management strategic planning, in‐
secticide resistance management

1. Introduction

Malaria remains a vector-borne disease of major public health significance globally [1]. It is
estimated that about 198 million annual cases of malaria and a related 584,000 deaths occur
worldwide [2]. Insecticide-based vector control in the context of integrated vector management
(IVM) has a long-standing, proven record of preventing, reducing, and eliminating vector-
borne diseases [3]. However, its continued efficacy is threatened by the selection of insecticide
resistance in disease vectors coupled with the lack of sustainable financial resources [4],
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scarcity of requisite skills, and minimal or lack of collaboration between health and other
relevant sectors to effectively monitor and manage it [3]. Evidence of insecticide resistance
operationally undermining malaria vector control is mounting and is resulting in policy
changes [5]. Monitoring and management of resistant disease vectors is essential to limit the
selection and spread of insecticide resistance and to maintain the effectiveness of vector control
[6]. Nevertheless, substantial challenges for implementation exist at country level. Thus,
countries are encouraged to implement pre-emptive insecticide resistance management (IRM)
strategies against malaria vectors according to the Global Plan for IRM (GPIRM) [7]. While
IVM and IRM are the recommended approaches for combating vector-borne diseases and
preventing the spread of resistance respectively, operational experience for both strategies is
limited to relatively few countries. However, IVM provides a potential platform that could be
exploited for enhanced national strategic IRM planning and deployment. This chapter reviews
the distribution, mechanisms, and resistance management strategies in malaria vectors
including the challenges experienced in operational settings. A framework of policies and
strategies to facilitate the implementation of the GPIRM using the IVM platform is also
presented and accentuates coordinated response among stakeholders and political commit‐
ment for effective policy execution within the context of national health systems.

2. Literature search strategy

Information sources for this review included all available data and accessible archived
documentary records on malaria vectors and insecticide resistance. Structured literature
searches of published, peer-reviewed sources using online scientific bibliographic databases
were utilised to gather pertinent data. This was conducted via systematic literature search of
Library catalogues and online electronic databases, particularly PubMed [8], the WHO Library
Database [9], Google Scholar [10], the African Journals Online, the Armed Forces Pest Man‐
agement Board [11], and the research for life databases (AGORA, ARDi, HINARI, and OARE)
were used to search for relevant literature. All digital electronic database searches for peer-
reviewed, published work used a combination of key search terms: 1) Anopheles malaria vectors
complex and one of the following terms; 2) insecticide resistance; 3) resistance mechanisms; 4)
resistance management; 5) impact of resistance; 6) malaria vector control; and 7) malaria
epidemiology. Reference sections of all relevant articles were also reviewed to identify more
literature. Additional non-peer reviewed literature were examined for information related to
the subject. Articles that report biochemical and molecular tools for resistance monitoring were
also retrieved. The inclusion criteria considered all manuscripts and publications in English
language that report on selection of insecticide resistance in malaria vectors, causes and
mechanisms of resistance, vector resistance and the epidemiology of malaria, integrated vector
management (IVM), resistance patterns, and the impact in malaria vectors.

3. Classification and distribution of malaria vectors

Mosquitoes  belong  to  the  family  Culicidae  in  the  order  Diptera,  class  Insecta,  phylum
Arthropoda [12]. Culicidae is divided into three subfamilies Anophelinae, Culicinae, and
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Toxorhynchitinae, and comprises approximately 3,450 recognised species of mosquitoes in
38 genera. The 34 genera are in the subfamily Culicinae, 3 in Anophelinae, and only 1 in
Toxorhynchitinae [13]. Malaria vectors belong to the genera Anopheles  (Cellia) Myzomyia
and their global distribution has been recognised in six zoo-geographical regions: Palaearc‐
tic,  Oriental,  Australasian,  Afro-tropical,  Neoarctic,  and  Neotropical  regions  [14,  15].
Globally,  about  465  species  have  been  described  in  the  genus  Anopheles  with  seven
subgenera  that  vary  in  species  composition,  i.e.,  Anopheles  (182  species),  Baimaia  (one
species), Cellia  (220 species), Kerteszia  (12 species), Lophopodomyia  (six species), Nyssorhyn‐
chus (39 species), and Stethomyia (five species) [16]. However, the species able to transmit
parasites that cause human malaria only belong to the subgenera, Anopheles, Cellia, Kerteszia,
and Nyssorhynchus [17]. Only about 80 species are capable of transmitting malaria, 70 species
are vectors of malaria under natural conditions and about 45 are of major significance [13].
The distribution of major vectors of malaria is determined mainly by temperature and the
capacity of the air to desiccate the insect [18].

The global distribution of principal vectors of malaria is associated with 12 epidemiological
zones of malaria: North America (An. freeborni and the An. quadrimaculatus), Central America
(An. albimanus, An. Aquasalis, An. pseudopunctipennis, An. argyritarsis, and An. darlingi,), South
America (An. darlingi, An. albitarsis, An. Aquasalis, An. marajoara, An. nuneztovari, and An.
pseudopunctipennis), Afro-tropical (Anopheles gambiae Giles 1902 and Anopheles arabiensis Patton
in the An. gambiae complex, and Anopheles funestus s.s. Giles 1900 in the An. funestus complex
[19, 20] with An. merus, An. melas, An. moucheti, An. pharoensis, and An. nili implicated in
transmission in localised areas [21, 22]), North Eurasian (An. atroparvus), Mediterranean (An.
atroparvus, An. labranchiae, An. messeae, An. sacharovi, An. sergentii, and An. superpictus), Afro-
Arabian (An. arabiensis, An. pharoensis, and An. sergenti), Indo-Iranian (An. culicifacies and An.
fluviatilis), Indo-Chinese Hills (An. dirus, An. fluviatilis, and An. minimus), Malaysian (An.
campestris, An. donaldi, An. letifer, An. nigerrimus, An. aconitis, An. balabacencis, An. dirus, An.
flavirostris, An. leucosphyrus, An. ludlowea, An. maculates, An. minimus, An. subpictus, and An.
sundaicus), Chinese (An. barbirostris, An. lesteri, An. sinensis, An. aconitus, An. annularis, An.
balabacensis, An. culicifacies, An. dirus, An. farauti, An. flavirostris, An. fluviatilis, An. koliensis, An.
leucosphyrus, An. maculates, An. minimus, An. punctulatus, An. stephensi, An. subpictus, and An.
sundaicus), and Australasian (An. farauti, An. punctulatus s.s., and An. koliensis) [15, 23]. Notably,
malaria vector bionomics and their ecological variations have implications for their control.

4. Insecticides and malaria vector control

The classes of insecticides most commonly used for contemporary malaria vector control
include organochlorines, organophosphorus, carbamates, and pyrethroids [24]. The first
synthetic organochlorine insecticide to be commercialised, DDT (dichlorodiphenyltrichloro‐
ethane), was central to the World Health Organisation (WHO)-led global malaria eradication
campaign (1955–1969) [25]. Except in sub-Saharan Africa, this resulted in the elimination of
the disease in North America, Europe, and parts of Asia [26]. While agricultural use of DDT
has now ceased due to environmental persistence and reduced efficacy against resistant
insects, extensive use for malaria control continues as a cost-effective and safe insecticide for
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indoor residual spraying (IRS). More recently, pyrethroids have been widely used for malaria
control. They are the only class of insecticides recommended by the WHO for impregnation
of long-lasting insecticidal bed nets (LLINs) [24] and are also available for IRS. Pyrethroids,
such as permethrin and deltamethrin, and the pseudo-pyrethroid etofenprox, including DDT
and its analogues, share a similar mode of action of targeting the sodium channels of the nerve
membranes. Carbamates, such as bendiocarb, share the same mode of action as organophos‐
phates, such as pirimiphos methyl, malathion, and temephos, binding to acetylcholinesterase
at the nerve junction [27]. Chlorfenapyr has a different mode of action involving disruption of
oxidative phosphorylation and consequently the disruption of the conversion of ADP to ATP
in mitochondria [28]. Although insecticides from different chemical classes are available as
larvicides (e.g., temephos), the arsenal of insecticides recommended for IRS is limited to four
classes only [29]. The selection of DDT resistance in malaria vectors resulted in the declining
political and financial support for the Global Malaria Eradication Campaign launched by the
WHO [30].

Vector control, personal protection, and community participation are the pillars of WHO
strategies for insect-transmitted disease control. IVM has been advocated for as a recommend‐
ed approach for combating vector-borne diseases in the past decade [31]. IVM is defined as “a
rational decision-making process for optimal use of resources for vector control”. The objective
of vector control is to reduce and/or interrupt transmission of malaria by preventing human
contact with malaria-bearing mosquitoes, eliminating breeding sites, killing the mosquito
larvae, or reducing the longevity of adult mosquitoes [30]. The use of IRS and LLINs are the
mainstream contemporary malaria vector control interventions [32, 33]. The efficacy of these
two methods has been evaluated in different epidemiological settings [34] at experimental field
trial [35, 36] and community-wide levels [37, 38]. In reducing abundance and infectivity of
malaria vectors, these tools reduce overall transmission and protect all individuals within a
community [35], albeit with variation in responsiveness amongst vector populations. Present‐
ly, there is mounting evidence that combining IRS and insecticide treated nets (ITNs) affords
enhanced protection to exposed populations compared to using one method alone [39]. As
such, deployment of these interventions together in high malaria risk areas has been advocated
[35, 40, 41]. Although these two interventions have been critical in providing community
protection, the optimal policy for their co-implementation still remains to be determined.
Moreover, the growing resistance of malaria vectors to available insecticides is a major cause
for concern and an increasing threat to such essential and effective interventions [24, 42, 43].

In light of the inherent heterogeneity in the responsiveness of malaria vectors to control, the
core interventions can be supplemented in specific locations by larval source management
(LSM) strategies (e.g., larviciding, biological control, and environmental management) in the
context of IVM [44, 45]. Larvivorous fishes or bacterial pathogens such as Bacillus thuringien‐
sis israelensis and Bacillus sphaericus are examples of biological agents that are used to kill
larvae [46]. Temephos is the commonly used chemical larvicide. The environmental meth‐
ods to prevent malaria include elimination of breeding sites by drainage or by applying
locally  grown  plants.  With  the  selection  of  resistance,  new  insecticides,  and  novel  ap‐
proaches to vector control must be developed. Effective and sustained malaria vector control
requires  clear  commitment  from national  authorities,  including  long-term support  from
funding  partners  [47].  Several  malaria  control  programmes  have  fragmentary  empirical
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evidence to inform policy formulation for rational vector control. For this reason, malaria
control programmes are encouraged to adopt the WHO-led IVM strategy [48], which should
be  an  evidence-based  decision  making  process  that  requires  coherent  monitoring  and
evaluation component [49]. This should include routine surveillance of resistance profiles of
major malaria vectors and potential resistance mechanisms to facilitate informed decisions
and policy changes, such as the incorporation of insecticide resistance management opera‐
tions into control programmes [29].

5. Insecticide resistance in malaria vectors

The selection of insecticide resistance in malaria vectors has the potential to compromise
effective control of vector-borne diseases. Resistance is defined as “the development of an
ability in a strain of some organism to tolerate doses of a toxicant that would prove lethal to a
majority of individuals in a normal population of the same species” [27, 29]. Alternatively, a
resistant phenotype has been defined as an insect that survives a dose of insecticide that would
normally have killed it [50, 51]. This heritable change in the sensitivity of a vector population
is reflected in the repeated failure of a product to achieve the expected level of control when
used according to the label recommendation for that disease vector species [52]. The biological
phenomenon is a genetically inherited characteristic that develops as a result of selective effects
of the relevant insecticidal compound or its analogue and increases in the vector population
[15]. In mosquitoes, genetic and phenotypic resistance results from a mutation or gene
duplication leading to the alteration of a normal physiology, morphology, or behaviour of the
individual phenotype. In this regard, the sensitivity of the nervous system to the insecticide is
reduced or the process of detoxification of the insecticide is enhanced. When an insecticide is
applied, susceptible individuals are less likely to survive relative to the resistant individuals.
The consequence is the propagation and exponential increase in the frequency of the resistance
gene within the population over time [29].

Resistance is a multidimensional biological phenomenon that depends for its development on
the interaction of multiple influences [27]. The evolution of insecticide resistance is complex
and depends on several genetic, biological, and operational factors [53, 54]. The genetic factors
include the intrinsic characteristics of the resistant genes (e.g., mono versus polygenic resist‐
ance, dominance, fitness cost, and gene interaction), while the biological factors relate to the
life cycle of the insect (e.g., rate of reproduction, number of generation/offspring, and rate of
migration and isolation). Behavioural/ecological encompass, migration in and out of exposed
population, avoidance of the insecticide, effects of age and natural inducers on degradative
enzymes, and endophagy/exophagy. Operational factors concern the treatment itself, includ‐
ing the method and frequency of application, dosage, and residual activity of the insecticides
as well as insecticide coverage [55]. Among known and potential factors affecting the evolution
of resistance, the operational factors are the only ones open to manipulation by man. Therefore,
investigation on the development of resistance should ideally take into account of all these
factors.
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The level of resistance in insect populations is dependent on the amount and frequency of
insecticides used, and the inherent characteristics of the insect species selected. Mosquitoes,
for instance, are endowed with all attributes suited for rapid resistance development including
high reproductive potentials and short life cycles producing several generations per season
with abundant progeny [27, 52]. Mostly resistance in a particular species is considered to occur
throughout the control area, but in reality, insecticide resistance can be focal in nature and is
very heterogeneous even over very small distances. It often develops within a small part of
the population of one species of Anopheles and assumes different patterns depending on the
type of selection pressure [27]. In Guatemala, sampling sites for Anopheles albimanus only a few
kilometres apart varied not only by presence or absence of resistance, but also by level of
resistance and the mix of mechanisms responsible for resistance [56]. The WHO Global
Technical Strategy for Malaria 2016–2030 highlights insecticide resistance as a major obstacle
to achieving malaria control targets [57]. The current major emphasis in research into vector
resistance is double pronged. The first approach strives towards understanding the molecular
mechanisms underlying resistance with the view of developing novel vector-control methods
that avoid or minimise resistance problems. The second approach to research involves rational
resistance management, which is developing and implementing control methods that mini‐
mise the likelihood that vectors will evolve strong resistance to important insecticides [58].

6. Methods for detecting insecticide resistance

Information on insecticide resistance is important to inform effective vector control policy
formulation. As such, detection and monitoring of insecticide resistance in malaria vectors is
crucial and has to be conducted together with other entomological surveys [29]. Insecticide
resistance can be detected and investigated at many levels; from dose-related phenotypical
observations and genotypic approaches ranging from molecular characterisation of genes
conferring resistance and their biochemical products, to the role these gene products play in
overcoming the toxic effects of insecticides. In order to detect resistance, one needs to be
continually looking for it. Measuring phenotypic resistance using bioassays is the recom‐
mended initial step in establishing resistance levels before genotyping for target-site and
metabolic resistance and biochemical assays [59, 60]. Establishing an effective resistance
management plan requires simple assays to monitor and evaluate insecticide resistance and
its underlying mechanisms. To this end, different biochemical and molecular approaches have
been devised, some of which are amenable for field operations. The contemporary applicable
methods for resistance monitoring of field populations of mosquitoes are outlined below:

WHO Diagnostic Assays: A bioassay is used to determine the relationship between a physio‐
logically active agent and the effect that it produces in a living organism [61, 62]. Bioassays
with the dosage or the exposure time as the variable are carried out to test the resistance status
of insect populations. The WHO diagnostic assay is a useful and handy approach to detect
resistance. Insecticide impregnated filter paper is used as a contact surface for exposed
mosquitoes. The assay uses insecticide discriminating dosages twice the LD99 that kills 100%
of non-blood-fed, adult-susceptible Anopheline mosquitoes of known age [59, 63, 64]. The
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demerits associated with the assays include: the assay is only able to detect high levels of
resistance, i.e., if more than 5% of insects survive the exposure, with the potential exception of
dieldrin bioassays, they cannot monitor resistance gene frequencies accurately; cannot give an
indication of the underlying mechanisms of resistance; and cannot be used to predict cross-
resistance between insecticides [29]. Therefore, the resistance status detected using bioassays,
can then be further studied by looking at the mechanisms responsible for resistance using
biochemical and molecular assays.

CDC Bottle Assay: These are similar to the WHO discriminating dose assays. However, the CDC
bottle assay relies on time mortality data, which are measures of the time it takes an insecticide
to penetrate a vector, traverse its intervening tissues, get to the target site, and act on that site.
Mosquitoes are exposed to glass bottle surfaces coated with an acetone- or alcohol-based
formulation of insecticides. The advantage of this assay is that the rate of insecticide knock
down can easily be scored during the course of the exposure period. It is able to give predictive
kdr-type resistance mechanism with rapid acting insecticides, such as pyrethroids. However,
caution should be exercised, as metabolic resistance mechanisms are capable of eliciting
reduced knock-down phenotype without any concomitant change in sensitivity at the sodium
channel target site [65].

Synergists: Synergists are enzyme inhibitors of insecticide detoxification enzymes. The
synergists, piperonyl butoxide (PBO) and S, S, S- tributylphosphorotrithioate (DEF) are
inhibitors of monooxygenases and esterases respectively [64, 66]. Glutathione s-transferase
activity is inhibited by Ethacrynic acid (EA), diethyl maleate (DM), and chlorfenethol (CF). By
inhibiting specific detoxification enzymes, insecticide synergists can reduce or eliminate the
selective advantage of individuals possessing over-expressed or mutated enzymes [67].
Therefore, they are used to suggest the type of metabolic resistance mechanisms present in
insect populations [68]. For example, they are used in bioassays to counteract or inhibit the
enzymes responsible for resistance to the insecticide. Some are used in control to reduce the
dose or rate of application [64]. For example, piperonyl butoxide is commonly added to
pyrethroid-based aerosol formulations to decrease the time to knock down and increase the
time to recover from the insecticide.

Biochemical Assays: There are two ways that metabolic enzymes can produce resistance [69];
overproduction of the enzyme, which leads to either increased metabolism or sequestration
of the insecticide and an alteration in the catalytic centre activity of the enzyme, which increases
the rate of insecticide metabolism by the enzyme. Sequestration occurs when the overproduced
enzyme rapidly binds and slowly metabolises the insecticide, therefore preventing it from
reaching the target site within the insecticide [70]. With sequestration, the resistance level is
proportional to the increase in the quantity of the enzyme produced because of the slow
insecticide turn-over rate [70]. Biochemical assays are used to give a first indication of the
enzyme system involved in resistance [69]. A number of simple biochemical assays [71] are
available to detect increased activity of three enzyme systems, esterases [72, 73], glutathione-
S-transferases (GST) [74, 75], and cytochrome P450-dependent monoxygenases (P450s) [76]
involved in insecticide metabolism. Many of these assays detect increased enzymatic activity
against model substrates in resistant individuals. While simple microtitre plate assays to
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measure AChE insensitivity using a carbamate or an oxon analogue of a phosphorothioate
insecticide exist [77], the applicability of biochemical assays for the GSTs and P450s are not
easily amenable in the field [29].

Molecular Assays: Molecular techniques can be used to detect some well-characterised resist‐
ance mechanisms. Most techniques employ the method of polymerase chain reaction (PCR).
Mutations in the insecticides' target site lend themselves to detection through simple PCR
assays, which can readily be used in many field settings. Allele-specific PCR assays have been
developed for three major target sites, the GABA receptors [78, 79], the sodium channels (kdr)
[80, 81], and AChE. The challenge is to adapt these assays for high-throughput field applica‐
tions as they have the advantage of detecting heterozygous-resistant individuals that may be
missed by other assays [29]. Recent advances in genomics have allowed a much more rapid
identification of genes that are up or down regulated in insecticide resistant insects using
microarray technology [82]. The detoxification microarray chip, developed for An. gambiae,
contains all potential insecticide resistance genes. The detoxification chips have been devel‐
oped for An. stephensi, pyrethroid resistant An. funestus, and A. aegypti [29].

Bioassay data as measured by either the CDC or WHO technique have a common limitation
of inability to accurately determine gene frequency or predict the epidemiological impact of
resistance [83]. Resistance management requires that resistance is detected at very low
frequencies, but the two approaches are not sensitive enough to achieve this. While contem‐
porary techniques diverge in their sophistication and ease of use, there is still a need for
approaches to enable measurement of the frequency of different mechanisms of resistance in
mosquito populations [29].

7. Insecticide resistance mechanisms

In mosquitoes, resistance is mediated through complex mechanisms, including behavioural
and/or physiological changes resulting in insecticide avoidance (reduced contact with
insecticide), reduced cuticular penetration (of the insecticide through the cuticle), increased
sequestration (i.e., stored in the body where it is not harmful), target site insensitivity (i.e., the
target site is altered and not affected by the insecticide), or increased bio-degradation (so that
it is detoxified before it reaches the target site) [84], and possible increased excretion. The
molecular basis of insecticide resistance has been attributed to the existence of mutations in
target site genes or metabolic alterations at the level of the activity of the detoxification proteins
[56, 85]. Insecticide resistance mechanisms have a biochemical basis and target-site resistance
and detoxification enzyme-based resistance remain the two major forms of biochemical
resistance [52, 56]. Alone or in combination, target site resistance, which results from the
inability of the insecticide to bind to its target, and metabolic resistance resulting from failure
of the insecticide to reach its site of action due to enhanced levels of modified activities of
detoxification enzymes, confer various levels of resistance to all classes of insecticides [84].
Though long- and well-recognised, the importance of behavioural and cuticular resistance in
malaria vectors has been largely overlooked. While resistance arises through Darwinian
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selection in a population, it is often a combination of factors that results in the overall expres‐
sion of the phenomenon [15]. Thus, gene over-expression, amplification, and structural
mutations have been linked to insecticide resistance mechanisms in some insects [84]. Cogni‐
zant of detailed elaborations given elsewhere [86], a brief description of the key mechanisms
is outlined below:

Target site resistance (also called phenotypic resistance) is based on alterations of amino acids
in the site of action where the insecticide is supposed to bind, rendering them less sensitive to
the active ingredient [58]. Majority of insecticides used in vector control are nerve poisons and
target: the acetylcholinesterase (AChE) that hydrolyses the neurotransmitter acetylcholine in
the synapses particularly in carbamates and organophosphates; the sodium channels respon‐
sible for raising the action potential in the neurons during the nerve impulses involved in the
resistance in organochlorines and pyrethroids; or the c-aminobutyric acid (GABA) receptors
responsible for chloride-ion neurotransmission in the nervous system, specific for cyclodienes
[87, 88]. Mutations have been observed in neuronal enzymes and receptors, leading to well-
defined target site alteration and resistance to chemical insecticides [89]. Knock down resist‐
ance (Kdr) occurs due to a single or multiple substitutions/mutations in the para-gated sodium
channel gene [29]. In An. gambiae, two mutations (Leu-Phe [90] and Leu-Ser [91]) have been
identified at the same codon. As this is the target site of DDT and pyrethroids, this mechanism
produces cross-resistance to the two insecticide classes. Organophosphate and carbamate
insecticides inhibit acetylcholinesterase (AChE). Many insect vectors have developed resist‐
ance through structural alterations of this target site [58]. These point mutations may act
individually or in combination.

Metabolic resistance, on the other hand, usually involves over-expression/over-production of a
complex array of specific enzymes capable of detoxifying insecticides or modifications in the
amino acid sequences that cause alterations in the levels and activity of detoxifying proteins
[58, 90]. The mechanism of increased detoxification contributes to a decrease in the effective
dose of insecticides available at the target site [67]. The overproduction of these endogenous
detoxifying enzymes may be achieved via two nonexclusive mechanisms: 1) increase in the
gene’s copy number of available molecules (by gene amplification or expression activation);
or 2) mutation in the enzyme coding portion of the gene, so that its product metabolises the
insecticide more efficiently [92], preventing it from reaching its target in the nervous system.
Metabolic resistance occurs through increased biodegradation of the insecticide, usually
through overproduction of detoxification enzymes such as P450s, GST, and carboxylesterases
(EST). The P450 cytochromes primarily metabolises pyrethoids and to a lesser extent, of
carbamates and organophosphates, carboxylesterases largely detoxify organophosphate and
carbamate and to a lesser extent in pyrethroid resistance [93]. GSTs are involved in the
detoxification of a wide range of xenobiotics, including the organochloride insecticide DDT
[94]. In A. gambiae, metabolic resistance to insecticides can be conferred by elevation in the
activity of these three classes of detoxifying enzymes. In contrast, there are few examples in
literature regarding insect behavioural changes and tegument alterations.

Behavioural resistance involves behaviour changes in response to prolonged exposure to an
insecticide resulting in avoidance and reduced contact with lethal doses of an insecticide [95].
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Behavioural resistance does not have the same “importance” as physiological resistance but
may be considered to be a contributing factor [96, 97]. It remains unclear whether adaptation
of malaria vectors species to insecticidal-based vector control interventions may result from a
phenotypic plasticity or from selected behavioural traits [98]. Notably, behavioural resistance
is characteristically difficult to quantify [99].

Penetration resistance: Reduced penetration involves changes that decrease the rate of penetra‐
tion or absorption of insecticide through the insect cuticle or digestive tract linings and confers
low levels of resistance [68, 100]. This resistance mechanism is not specific and can affect a
broad range of insecticides. Reduced uptake of insecticide, often referred to as cuticular
resistance, is frequently described as a minor resistance mechanism. More effort is required to
identify the significance of cuticular resistance in phenotypic resistance [86].

The understanding of the development of resistance and the design of novel strategies to
manage it and to effectively control disease vectors is greatly owed to the characterisation of
genes and the molecular mechanisms involved in insecticide resistance [101]. However, the
mechanisms of insecticide resistance are generally far less well-understood. Particularly, the
contribution these enzymes make towards pyrethroid resistance and their biochemical
relationships with P450-mediated resistance is still unclear [84].

8. Distribution of insecticide resistance

The emergence and spread of insecticide resistance to all four classes of insecticides useful in
public health invariably threatens the effectiveness of malaria vector control as most pro‐
grammes rely heavily on insecticide usage [60]. Resistance has been observed in more than 500
insect species worldwide, among which over 50 Anopheles species (Diptera: Culicidae) are
responsible for the transmission of malaria parasites to humans [13, 58]. Globally, resistance
to at least one insecticide has been identified in 64 countries with on-going malaria transmis‐
sion [7]. Currently, 27 countries in sub-Saharan Africa have reported pyrethroid resistance in
Anopheles vectors [102]. The real figure could very well be higher, as a lack of in-country
resistance monitoring prevents accurate assessment [60]. Insecticide resistance is a focal
phenomenon and as such is not evenly distributed among vector species and varies markedly
from one place to the other. Several platforms are available online with vast information on
the distribution of insecticide resistance in malaria vectors such as: Anobase (http://
anobase.vector‐base.org/ir/), Arthropod Pesticide Resistance Database (http://www.pestici‐
deresistance.org), MARA (http://www.mara.org.za), and IR mapper (http://www.irmap‐
per.com). Persuasive evidence for the presence of resistance in primary vector species to all
available insecticides has been presented from Africa, Southeast Asia and India, and South
and Central America. Corbel and N’Guessan present a detailed description of the country by
country situation analysis of resistance in these regions [86]. A summary is presented below:

In Africa, target-site and metabolic-mediated resistance has been detected in An. gambiae s.l.
malaria vectors across the continent south of the Sahara. Most of the documented evidence
comes from west Africa where pyrethroid resistance is predominant in An. gambiae s.s.
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compared to An. arabiensis [102, 103]. High levels of resistance have also been extensively
reported in the two major vectors in Central, East, Austral, and South African countries [104,
105]. Two kdr alleles exist in An. gambiae s.s. and An. arabiensis, the L1014S gene originally from
East Africa [90] and the 1014F gene of west African origin alleles [91]. Both mutations have
also been reported to co-exist in Gabon and Cameroon [106] and in Uganda [107]. The western
kdr was also detected in Kenya [108], Tanzania [109], and also in Zambia [110, 111]. In
pyrethroid-resistant An. gambiae s.l. metabolic resistance involving increased levels of P450 has
been reported in several countries with CYP6P3 and CYP6M2 genes over-expressed [112,
113]. Most data on resistance in An. funestus comes from South African countries where the
species seems to be the predominant malaria vector [101]. In An. funestus, pyrethroid resistance
involving increased activity of P450 monooxygenase and/or GST was demonstrated in
Southern Africa [114–116] with over-expressed CYP6M7, CYP6P9a, and CYP6P9b genes [117].
Pyrethroid resistance in An. funestus has also been detected in East [118] and West Africa [119,
120]. Recently, the spatial scale of the problem in sub-Saharan Africa was brought to the fore
through the IRMapper [105].

Southeast Asia and India insecticide resistance has been detected in the main malaria vector
species [87]. In the Mekong region, Anopheles dirus s.s. [121] and Anopheles minimus s.l. [122].
No kdr mutation has been observed so far in these species [123] and pyrethroid resistance
seems to result from increased detoxification by esterases and/or P450 monooxygenases [124].
Esterase-mediated pyrethroid detoxification in both An. epiroticus and An. subpictus and GST-
mediated DDT resistance in An. subpictus have been reported [121]. An. vagus and An sinen‐
sis are resistant to pyrethroids with high 1014S kdr alleles [124–127]. The presence of the 1014F
allele has been revealed in An. sundaicus, An. aconitus, An. subpictus, and An. vagus [128] (http://
www.itg.be/malvecasia/). In India, An. culicifacies s.l. has developed strong resistance to
pyrethroids [129], DDT [130, 131], dieldrin/HCH [132], and malathion [131]. Both 1014F and
1014S kdr phenotypes have been detected in pyrethroid and DDT-resistant An. culicifacies s.l.
[130] and An. stephensi [134] with elevated activities of GST in DDT resistance in this mosquito
species [135]. An. annularis, An. subpictus, and An. philippinensis are resistant to pyrethroid,
DDT, and/or dieldrin/HCH [135]. In Sri Lanka, metabolic resistance involving carboxylester‐
ases (malathion) or monooxygenases and GSTs (DDT) has been detected in An. culicifacies s.l.
and An. subpictus [136, 137]. In Bangladesh, An. philippinensis, An. maculatus s.l., and An.
aconitus have all developed resistance to DDT [138]. An. stephensi and An. sacharovi in Iran and
Turkey are resistant to DDT and dieldrin [139–141]. While An. maculatus s.l. and An. Aconi‐
tus have developed resistance to DDT in Nepal, An. stephensi is resistant to malathion in
Pakistan [142].

In Central and South America, the primary malaria vectors are An. darlingi and An. albima‐
nus. In Mexico, An. albimanus exhibits high levels of DDT and pyrethroid-resistance with
elevated levels of GST, P450, and esterases, and iAChE-mediated carbamate and organophos‐
phate resistance [143, 144]. In Peru, An. Albimanus is resistant to pyrethroids [145]. In Colombia,
DDT resistance has been reported in An. darlingi [146, 147] and pyrethroid resistance in both
An. darlingi and An. albimanus [148]. In An. darlingi, both multi-function oxidase (MFO)- and
non-specific esterase (NSE)-based metabolic resistance were reported in a deltamethrin and
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DDT-resistant population [149]. An. Nuneztovari, a secondary malaria vector, is resistant to
organophosphate and pyrethroids [150].

9. Resistance and vector control

Insecticide resistance has been perceived to have the potential to undermine efforts to control
vector-borne diseases including malaria [151, 152]. However, the impact of resistance on the
ability of malaria control intervention to reduce disease transmission is poorly understood
[153]. Insecticide resistance triggers a chain reaction that through deteriorated efficacy leads
to vector control failure and disease control failure may be expected [153]. Evidence linking
the potential of ITNs increasing phenotypic resistance and kdr frequency [154, 155] that
threaten to compromise their effectiveness exists [86]. However, whether these various forms
of resistance have an impact on the effectiveness of ITNs in malaria control remains a topic of
debate among policy makers and researchers [60]. Conclusive evidence of insecticide resist‐
ance impacting on the efficacy of vector control interventions in decreasing disease transmis‐
sion is by large still absent. However, minimal evidence of an effect of resistance on
entomological indicators having an impact on disease transmission exist [60]. The number of
studies aimed at evaluating the operational significance of insecticide resistance on epidemio‐
logical outcomes of malaria remains nominal. This could be ascribed to multiple confounding
factors capable of complicating the interpretation of data. The most available evidence is
laboratory or experimental huts-based and harnessing entomological outcomes to assess the
impact resistance on mosquito biting rates, blood feeding rates, or insect mortality [153].
Conflicting findings on the impact of resistance on vectorial capacity has been reported with
some results indicating an increasing effect [156–160] while others present decreasing out‐
comes [159, 160].

Mostly, the impact of pyrethroid resistance is not clearly observable in entomological and
epidemiological terms. For instance, in areas with detected kdr resistance the distribution of
LLINs has been shown to successfully reduce malaria transmission [161]. Insecticide resistance
has only been directly implicated in operational control failure of pyrethroids in An. funestus
in South Africa [162]. In 1996, pyrethroid resistance compromised malaria control in KwaZulu
Natal following a switch of IRS insecticides from using DDT to deltamethrin [163]. The re-
introduction of IRS with DDT controlled the pyrethroid resistant An. funestus population and
malaria cases dropped by 91% [164]. In Bioko Island, IRS with pyrethroid had no impact on
kdr-mediated resistant An. gambiae population, but had significant impact on transmission
index and malaria cases [39, 42]. After switching to IRS with a carbamate, the mosquito
population declined [42]. In Burundi, programmatic IRS with pyrethroids and ITNs markedly
reduced Anopheles density by 82% and transmission intensity by 90% and occurrence of
clinical episodes by 43% in children despite high kdr frequencies in An. gambiae s.s. [40, 165].
In Côte d’Ivoire, ITN-randomised controlled trials demonstrated a significant reduction on the
entomological inoculation rate (55%) [166] and on malaria incidence in children <5 (56%) [167]
despite the presence of kdr-based pyrethroid resistance.
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The current information gathered across Africa indicates that there is rapid loss of efficacy of
most pyrethroids against malarial vectors [109, 168]. In Malawi, pyrethroid resistance did not
trigger an operationally significant epidemiological impact on malaria parasite prevalence in
children [114]. To compromise insecticide vector control, the level of resistance must be high
enough to adversely affect disease transmission [169]. Despite the observed decline of vector
abundance after the use of the pyrethroid derivatives [170, 171], the reported loss of efficacy
of these widely used insecticides should be taken as a major threat for potential resurgence of
malarial transmission in areas where gains have already been achieved against malaria vectors
[172]. In many cases, vector control may not be affected by the level of resistance but enhanced
surveillance and monitoring would be required [56]. This has refocused attention on the
production of chemicals that are efficient and cost-effective [161]. The impact of resistance on
the ability of the vector to transmit malaria is underexplored due to the scanty published
literature available. However, most studies use kdr alleles frequency as a proxy for resistance
due to the lack of molecular markers for alternative resistance mechanisms. This can be
misleading if metabolic or other resistance mechanisms are the predominant drivers of the
phenomenon. There is a need for additional attention to investigate on evolution and devel‐
opment of resistance to insecticides by disease vectors and consequently the epidemiological
impacts of malaria and other vector-borne diseases [153].

10. Resistance management strategies

The long-term control of vectors is threatened by insecticide resistance, which is occurring at
a faster pace than new insecticides are being developed. Pre-emptive action to mitigate the
development and spread of insecticide resistance is critical in preserving the limited arsenal
of insecticides available for public health [143]. With only four classes of insecticides currently
recommended for vector control, implementation of effective resistance management strat‐
egies remains inevitable [29]. Resistance management can be defined as “the containment of
the frequency of resistance genes below an acceptable threshold by means of strategic choices
of insecticide, dosage, mode of application, or frequency of use”[173]. The mutant alleles that
confer insecticide resistance are generated by random events. In the absence of insecticide
selection pressure, resistance management strategies take advantage of the adverse fitness
costs of resistance genes, to the insects carrying them. Though generally selected against in the
absence of selection pressure, alleles with strong pleiotropic effects increase in frequency when
insecticide selection pressure is applied. However, the outcome of resistance management
strategies can be affected by dominance status of the trait [29, 143].

Resistance management entails the development and implementation of control interventions
that minimise the likelihood that vectors will evolve strong resistance to important insecticides
[169]. The aim is to prevent or delay the onset of resistance in populations exposed to an
insecticide, or develop management programmes that cause existing resistance in populations
to decline, through rotating or alternating insecticides as a resistance management strategy
before resistance reaches measurable levels [174]. The use of combined classes of insecticides,
rotations of insecticides, or mosaic design has shown to overcome resistance problems
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effectively than using a single class of insecticide [175, 176]. Temporal rotation over time of
two, or preferably more, insecticide classes with different modes of action applied in an
alternating sequence is also based on the assumption that an individual mosquito does not
carry two resistant alleles [177]. Rotations are particularly effective if the resistance gene has
an associated fitness cost [87] and assumes that if resistance to each insecticide is rare, then
multiple resistances will be extremely rare [178]. The “mosaic” approach refers to applications
of different compounds against the same insect in spatially segregated locations [55] and aim
to preserve susceptibility by spatial restriction of insecticides [7]. Larger scale mosaics have
been shown to be effective for the management of pyrethroid resistance in An. albimanus in
Mexico [143, 179]. An alternative is simultaneous utilisation of a mixture of two or more
insecticides of unrelated mode of action, the aim being that resistance will evolve more slowly
to both insecticides than if either had been used on its own [180]. Unlike rotations, the
effectiveness of mixtures is not directly related to the degree of fitness cost. Mixtures of
insecticides require the expected frequency of resistant alleles at two different genetic loci to
be low and that individual mosquitoes carrying both alleles are rare [181]. The other approach
is through combinations of two vector control tools, such that a mosquito that survives contact
with one (e.g., LLIN) is exposed to the other one (e.g., IRS) [182]. The success of combinations
in effectively managing resistance depends on the ability to kill the vector despite the existence
of resistance by using another intervention or insecticide [183]. However, caution should be
exercised not to increase selection pressure by combining insecticides with same mode of
action (e.g., avoid pyrethroids for both IRS and LLINs) [86].

Ideally, insecticide resistance management should be undertaken using insecticide-based
approaches in conjunction with other non-insecticidal vector control methods, in the context
of IVM [3]. However, resistance surveillance is a fundamental step and insecticide suscepti‐
bility an indispensable resource of resistance management; it provides baseline data for
program planning and insecticide selection before the commencement of control operations,
facilitates detection of resistance at an early stage so that timely management can be imple‐
mented, and enables continuous monitoring of the effect of control strategies on resistance.
Establishing international, multi-disciplinary technical working groups with a clear reporting
system and defined responsibilities to facilitate data collation and rational policy transforma‐
tion is critical for optimal IRM strategies. This would require the presence of a multiplicity of
partners with vested interest in insecticide resistance, demand close collaboration and
sustained coordination of local and external technical experts, and require good stewardship
for them to succeed. Availability of entomological resources provides an ideal opportunity to
develop a rational IRM plan underpinned by entomological and epidemiological baseline data
to facilitate tracking of spatial and temporal resistance profiles of malaria vectors and evalu‐
ating its impact on the efficacy of control interventions. There remains a paucity of evidence
on the utility of conventional resistance management strategies (e.g., insecticide rotations,
mosaics, mixtures, and combinations) in restoring the susceptibility of malaria vectors. There
is also a need for well-designed assessments of the operational impact of combinations of
insecticidal and non-insecticidal interventions, including larval source management ap‐
proaches [87].
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11. Operational challenges of insecticide resistance management

The WHO has developed the GPIRM to help member states mitigate the development and
spread of resistance [7]. However, countries continue to experience substantial constraints for
effective deployment. First, there is limited country-level technical resource capacity to
support entomological intervention monitoring and evaluation, minimal essential physical
infrastructure and logistical resources to support implementation of the plan, including
insufficient qualified vector control workforce. Second, gaps in availability of reliable routine
monitoring data on vector bionomics, spatial distribution, insecticide resistance, underlying
resistance mechanisms, including operational cost of insecticide resistance from epidemiolog‐
ically representative sites, makes decision-making on resistance management difficult. Third,
deficiency in local financial support and sustainability that is threatened by donor dependency.
Fourth, timely scale up has been constrained by paucity in coordinating in-country entomo‐
logical resources, coupled with scepticism surrounding scientific findings by some key
national and international implementing and funding organisations. Fifth, skilled interna‐
tional technical assistance is a scarce resource that is overstretched. Sixth, there is limited data
on malaria transmission and its correlation to epidemiological indices to guide the targeting
of tools and monitoring of their impact. Seventh, poor data quality, management, and
willingness to share data by different partners is usually nominal and remain a challenge to
documenting insecticide resistance. Generally, there are limited resources and both human
and institutional capacity to fill these gaps. However, the potential of IVM provides a window
of opportunity that could be exploited for enhanced IRM activities.

Eight countries, Equatorial Guinea, Eritrea, Mozambique, Namibia, Rwanda, South Africa,
United Republic of Tanzania, and Zambia, currently have plans of implementing the GPIRM,
representing less than 10% of countries that need them. These plans are mainly reactive rather
than proactive. Two examples of countries with well-developed plans are Bioko, Equatorial
Guinea and Zambia [184]. Despite having good plans, the operational implementation of these
plans remains challenging. In Bioko, large-scale LLIN distribution and island-wide pyreth‐
roid-based IRS were conducted before a switch to bendiocarb IRS for eight years, after the
detection of kdr-based pyrethroid resistance. Despite kdr, there is evidence that pyrethroids
remain operationally effective. Therefore a bendiocarb-deltamethrin annual rotation has been
implemented. Pirimiphos-methyl remains a reserve option should this rotation fail, but was
considered too expensive to include initially despite the greater treatment longevity. In
Zambia, two major vectors (Anopheles funestus and An. gambiae sensus stricto) are resistant to
carbamates and pyrethroids and pyrethroids alone, respectively. A mosaic pattern of insecti‐
cide use, driven by the prevalence of the different vectors has therefore been implemented.
However, due to the increased cost, coverage has been reduced in a format that may adversely
impact disease transmission. Widespread pyrethroid resistance is now a major problem.
Getting new active ingredients to market quickly is imperative; large-scale randomised control
trials over many years to document efficacy may be unrealistic given the urgency [184].
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12. Policy implications of insecticide resistance

To maintain the effectiveness of vector control, countries are encouraged to deploy tools within
the context of IVM [3] and to pre-emptively implement suitable IRM strategies against malaria
vectors [7]. To help control programmes re-orient to IVM and IRM, strategic direction and
technical assistance have been provided for the two approaches. WHO guidance on IVM
includes: the Global Strategic Framework for IVM (2004) [3], the Report of the WHO Consul‐
tation on Development of a Global Action Plan for IVM [4], Guidance on Policy Making for
IVM [185], Core Structure for Training Curricula on IVM [186], Handbook for IVM [187], and
Monitoring and Evaluation Indicators for IVM [188]. Yet, only 62% of 113 endemic countries
globally and 53% of countries in Africa have national IVM policies and implemented the
strategy [184]. Moreover, resistance to at least one insecticide has been identified in 64 countries
with on-going malaria transmission [7]. The threat posed by insecticide resistance is high‐
lighted in the GPIRM consisting of five key pillars including: 1) planning and implementation
of IRM strategies in malaria-endemic countries; 2) ascertaining proper, timely entomological
and resistance monitoring coupled with effective data management; 3) the development of
new, innovative vector control tools; 4) filling of gaps in knowledge on mechanisms of
insecticide resistance and the impact of current IRM approaches; and 5) making available
enabling mechanisms such as advocacy and human and financial resources [7]. The current
monitoring of insecticide resistance is inadequate and inconsistent in most settings in which
vector control interventions are used. Often, monitoring is performed reactively or ad hoc,
depending on local research projects being conducted [7].

With the view to operationalise the GPIRM and optimise resistance monitoring and manage‐
ment, the WHO has developed a framework document for countries to use as a template for
their  insecticide resistance monitoring and management plans [189].  However,  very few
countries have established rational IRM strategies and incorporated them into operational
IVM-based vector control programmes. Notably, an emergency approach needs to be adopted
for  IRM with  continued  advocacy  for  the  GPIRM,  similar  to  that  given  to  Artemisinin
resistance  management  plans  is  essential.  Incorporating  other  vector-borne  disease  (i.e.,
dengue,  leishmaniasis,  etc.)  in  the  GPIRM  and  emphasising  biological  agents,  housing
improvement, and larviciding as IRM tools is crucial. For example, larviciding uses differ‐
ent classes of chemical insecticides and biological agents with different modes of action to
the four classes available for adult vector control and can reduce overall density [184]. The
current areas of focus within IVM include: redesigning programs in the context of insecti‐
cide resistance response and climate change; reorientation of programs with capacity building
and career pathways; encouraging intersectoral work; and IVM in emergency situations [184].
The WHO should address resistance and entomological capacity challenges via support to
countries for developing IRM plans, the inclusion of additional mechanism data in the global
database, bi-regional training, the development of a global insecticide resistance response
plan, and advocacy for action and resource mobilisation. In attempting to control and contain
the  spread  of  insecticide  resistance,  multi-country  cross-border  reporting  systems  and
proactive planning is also crucial to preserve new tools and should be considered to inform
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policy at this level, especially in light of the malaria elimination efforts that many countries
have embarked upon [168].

13. Using IVM for optimal IRM implementation

Given the backdrop of escalating resistance and limited vector control tools, as well as global
finances that continue to fall short of estimated requirements for malaria control and elimina‐
tion [2] and restricted entomological capacity [190], there has been some progress in the
implementation of the GPIRM [191]. A successful IVM programme includes actions along five
key strategic elements that can be harnessed for addressing the pillars of the GPIRM pertinent
to country-level strategic planning and implementation. First, Advocacy, social mobilisation,
and legislation: to strengthen national insecticide legislation and regulatory mechanisms for
their safe and judicious use; ensure insecticide resistance advocacy and communications to
effectively target policy makers, implementers, communities, and other stakeholders. Second,
Collaboration within the health sector and partners: to establish technical support linkages
with insecticide manufacturers and distributors for joint entomological monitoring, insecticide
selection, and resistance management; establish partnerships with the ministry of agriculture
and ministry of environment for supervision and pesticide management. Third, Capacity
building: to identify competencies and staffing levels essential for effective IRM; strengthen
human resource capacity through training for entomological resistance monitoring; establish
requisite infrastructure including insectaries, entomology labs; establish vector control data
management systems. Fourth, Evidence-based decision-making: clarify information needs and
data collection methods; establish entomological and epidemiological monitoring plans to help
target and evaluate interventions; select insecticides based on local data regarding vector
susceptibility and transmission ecology, ensure insecticide selection is based on an IRM plan
as outlined in the GPIRM; ensure vector control and vector data collection are completed in a
timely and rigorous manner; manage and utilise evidence for decisions and strategy refine‐
ment, including annual reassessment. Fifth, Integrated approach: ensure there is adequate,
evidence-based guidance on the impact of resistance on malaria vector control interventions;
evaluate whether agricultural use and other vector-borne diseases have an impact on resist‐
ance; explore additional non-insecticide complementary malaria vector control measures
where they may be appropriate [3, 4].

14. Conclusion and way forward

The development and implementation of national Insecticide Resistance Monitoring and
Management Plans for malaria control is crucial in operationalising the GPIRM. IVM can be
harnessed as a platform for strategic IRM planning. Thus, rational IRM strategies should be
an integral part of IVM-based malaria vector control programmes. However, significant
coordinated response among stakeholders and political commitment is needed for timely and
effective policy implementation within the context of a national health system.
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Abstract

Malaria is a major contributor to the global disease burden and a significant impediment
to socio-economic development in resource-poor countries. In contrast to improved
trends of malaria morbidity and mortality in some parts of the world, malaria has re‐
mained a life threatening disease in many other regions including East Africa because of
factors such as weak health systems, growing drug and insecticide resistance, ecological
change, climate anomalies, socio-economic factors and changes in land use patterns. On‐
going malaria vector control strategies rely mainly on the use of indoor residual spraying
(IRS) and insecticide treated nets (ITNs) which are the primary intervention strategies to
reduce malaria burden. The current success in reducing malaria related morbidity and
mortality has led to the optimism that elimination of the disease as a public health prob‐
lem may be a realistic objective. Efforts during the last decades enabled access to ITNs in
sub-Saharan Africa protecting millions of people at risk of malaria. The number of coun‐
tries that employed IRS as a vector control strategy increased almost by two fold and the
percentage of households owing at least one ITN in sub-Saharan Africa is estimated to
increase from time to time. Currently, all ITNs are treated with pyrethroids while IRS de‐
pends on pyrethroids, DDT and recently on carbamates. Despite IRS and ITNs are known
in reducing malaria incidence, insecticide resistance in malaria vectors threatens the suc‐
cess of malaria control program. Resistance to insecticides has occurred in most arthro‐
pod vectors with different mechanisms. If the current trends of increased insecticide
resistance continue, it may jeopardise the efficacy of current vector control tools. Given
the limited choice of available insecticides, i.e., only 12 insecticides belonging to 4 classes
of insecticides (organochlorines, organophosphates, pyrethroids and carbamates), resist‐
ance to these insecticides has become a limiting factor for current efforts to sustain con‐
trol. Currently, no other insecticide class with similar efficacy has been approved by
WHOPES. The development of insecticide resistance in malaria vectors has been attribut‐
ed to the prolonged use of insecticides for IRS and high coverage of ITNs/LLINs. The re‐
cent use of pyrethroids for indoor residual spraying is likely to have enhanced the
selection pressure for insecticide resistance alleles among East African vector popula‐
tions. Moreover, mosquitoes breeding in agricultural habitats are exposed to sub lethal
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doses of pesticides used in agriculture. Since currently recommended insecticides for IRS
or ITNs were developed with similar active ingredients of pesticides used for agricultural
pest control, their extensive and widespread use to boost agricultural productivity is be‐
lieved to foster insecticide resistance in mosquito populations. There is strong evidence
on the emergence of resistance to DDT and pyrethroids in the major malaria vectors in
East Africa however, current information on resistance status of the malaria vectors in
different areas of the sub-region is scarce. Genes conferring resistance to malaria vectors,
including kdr, super kdr and acetylcholinesterase mutations and metabolic resistance are
not mapped. The frequency and spatial distribution of East and West African kdr muta‐
tions and their association with the phenotypic resistance in East Africa is less under‐
stood. The bioassay results after WHO diagnostic tests in different East African malaria
vector populations against insecticides used in public health is not well documented. In
conclusion, planning and implementing insecticide resistance monitoring and manage‐
ment strategy should be part of the vector control program either for pre-emptive action
without waiting for the development of resistance or to slowdown the spread of resist‐
ance in malaria vectors in the sub-region.

Keywords: malaria vectors, insecticide resistance, resistant management, vector control,
East Africa

1. Introduction

East Africa is a region encompassing six countries which include Kenya, Uganda, Ethio‐
pia, Tanzania, Rwanda and Burundi, and all these countries are prone to malaria transmis‐
sion with known efficient  vectors.  The main malaria vectors in the region are Anopheles
gambiae s.s, An. arabiensis  and An. funestus  [1–4]. These vectors breed in different habitats
ranging  from  temporary  rain  pools  to  permanent  water  bodies  [5–8].  Vector  species
distribution in East  Africa are governed by several  factors which include anthropogenic
activities [4, 5, 7], such as development projects [9–12]. Also, climate, particularly tempera‐
ture and rainfall, has been regarded as the function of habitats for vector abundance and
distribution between low- and high-altitude areas [13,  14].  Human migration and move‐
ment from high land to low land have facilitated the distribution of parasites [15]. Topogra‐
phy has influenced the abundance and distribution of vector in all areas [16–19]. Thus, the
abundance and distribution of efficient vectors have led to the wide use of control tools and
intensive interventions across the sub-region. The main tools used for the control of malaria
vectors are long-lasting insecticidal nets (LLINs) and indoor residual spraying (IRS) [20].
The pyrethroids are the only insecticides which have been used for treating LLINs while
organochlorides, organophosphates, carbamates and pyrethroids are used for IRS [1, 21].
Currently,  organochlorides  (especially  DDT)  are  banned  in  most  of  the  East  African
countries  for  IRS  use  due  to  resistance  developed  by  the  major  malaria  vectors  and
environmental concern [20]. The development of resistance is influenced by many factors
[22]. These include genetic factors including the number and frequency of resistance alleles
in the insect population, fitness cost and relative dominance of the characters;  biological
factors  including  the  insect  life  history  parameters,  the  fitness  of  the  heterozygous  and
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homozygous resistant phenotypes and initial population size; reproductive factors includ‐
ing the rate of increase and fluctuations in population size; and operational factors includ‐
ing application methods of the insecticide and properties of an insecticide in use, previous
selection with other insecticides, proportion of population exposed to selective doses, dosage
of insecticide taken up by exposed insects and the life stage of the mosquito selected [22, 23].

Insecticide resistance is not new in insect vectors, and it is a genetically inherited characteristic
which increases in the populations of vectors as a result of increased resistance selection
pressure and also a trait capable of rapid spread. Malaria vector control in East Africa relies
principally on the use of insecticides that can be applied either as an indoor residual deposit
or can be used to treat mosquito nets and curtains. However, the long-term vector control
program based on prolonged and frequent insecticide application faced the problem of
resistance. Vector control subjects mosquito populations to selection and survival of the fittest.
Evolution of insecticide resistance in an insect population arises when there is an increase in
the frequency of one or more resistance genes in the population following exposure to
insecticides. Attempts to kill the tolerant individuals lead to ever increasing doses and
eventually resistant pest populations. This is an inevitable limitation in the use of any new or
old class of insecticides. Malaria control initiatives introduced DDT during the Second World
War from 1945 to 1948 to eradicate malaria since that time DDT showed to be an effective
malaria vector control, but resistance has emerged throughout endemic countries including
East Africa.

2. Malaria prevention and control strategies in East Africa

In East Africa, several intervention strategies are set to reduce morbidity and mortality from
malaria. Effective measures of malaria control have been achieved mainly through the use and
high coverage of IRS and scaling up of LLINs in Tanzania [24, 25], Kenya [26], Uganda [27],
Ethiopia [28] and Rwanda [29]. Community involvement has been another strategy in malaria
prevention in different parts of East Africa [10, 27, 28].

In the recent past, house modification through window screen and blocking of eaves has been
practiced in the prevention of malaria vectors in Tanzania [30, 31], Kenya [32] Ethiopia [33]
and Uganda [34]. More innovative vector control strategies including control of resistant vector
populations in the sub-region are use of entomopathogenic fungi [35, 36], larval source
management [7] and vector trapping [37–39]. Plant-based derivatives have also been used in
vector control in Uganda [40], Tanzania [41–43], Kenya [44, 45] and Ethiopia [46–48].

3. History, distribution and current status of insecticide resistance in East
Africa

Insecticides (chemicals) which have been used for the control of vector-borne diseases and
crop protection is believed to enhance the evolution of resistance in insects [49]. The intensive
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use of DDT in agriculture and public health programs and the introduction of pyrethroids in
1970s and its increased utilization since 1990s caused resistance to have been detected in
malaria vectors from different sites in different countries of East Africa. Moreover, the long-
term use of a single class of insecticide or combination of different classes of insecticides have
led to the emergence of single resistance mechanism or multiple resistance mechanisms in
different areas of East Africa [50]. Thus, insecticide resistance intensity and its distribution are
increasing in East Africa (Figure 1).

Figure 1. Distribution of DDT and pyrethroid resistance in East Africa. Note: Numbers in orange spots indicate the
number of sampling sites.

3.1. Kenya

The major malaria vectors in Kenya are An. gambiae complex (An. gambiae s.s., An. arabiensis,
An. merus) and An. funestus while other vector species in the country include An. melas, An.
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nili, An. paludis, An. pharoensis and An. coustani [20]. From peer-reviewed sources, other
anopheline species documented included: An. christyi, An. demeilloni, An. gibbinsi, An. harperi,
An. implexus, An. maculipalpis, An. marshalli, An. pretoriensis, An. rufipes, An. squamosus, An.
swahilicus, An. theileri, An. wilsoniand An. ziemanni, none of which are considered as important
or primary vectors in Africa [51]. The malaria vector distribution in the country is not uniform
due to variation in climatic factors, particularly temperature and rainfall.

In Kenya, the first reported case of resistance was in the context of insecticide-treated net use
in Western Kenya where reduced knockdown rates have been observed [1]. Complete
susceptibility of populations of An. arabiensis to DDT, fenitrothion, bendiocarb, lambdacyha‐
lothrin and permethrin was documented from Mwea rice irrigation scheme, Central Kenya
[52]. Widespread resistance against pyrethroids and DDT was observed across western Kenya
[53]. An. gambiae s.l. showed different levels of resistance to deltamethrin, lambdacyhalothrin
and bendiocarb Kilifi, Malindi and Taveta districts in coastal Kenya. Pyrethroid resistance has
been reported in An. gambiae s.s and An. arabiensis from four districts of Western Kenya. Stump
and others also found significant differences in kdr gene frequency between the large-scale
insecticides treated nets [54].

Kamau and Vulule reported that An. gambiae s.l. and An. funestus from western, coastal and
central Kenya were susceptible to DDT, fenitrothion, bendiocarb, lambdacyhalothrin and
permethrin [52]. The same study also showed the presence of Leucine-Serine (East African)
kdr mutation in An. gambiae s.s. of western Kenya, but the leucine–phenylalanine (West
African) mutation was absent in this mosquito population. Though the East African kdr
mutation was detected from west Kenyan populations of An. gambiae, it has never occurred at
homozygous state. The frequency of the L1014S kdr allele doubled in the ITN test village and
its nearest neighbor from 1987 to 2001, but not outside of this area. This suggests that ITN use
has further selected for the kdr mutation in the population.

3.2. Uganda

The main malaria vectors in Uganda are An. gambiae and An. funestus, with An. arabiensis
involved in local transmission. Recent study also showed that An. funestus and An. gambiae are
the widely distributed vectors in Uganda. Other less dominant anophelines which were
implicated in malaria transmission in the country include: An. coustani, An. listeri, An. mar‐
shalli and An. kingi [55, 56].

There is widespread insecticide resistance in the main malaria vectors, An. gambiae, An.
funestus and An. arabiensis. In Uganda, resistance to pyrethroid insecticides has been reported
in the three main malaria vectors, An. gambiae, An. arabiensis [55, 57, 58] and An. funestus [59].
A reduced susceptibility by An. gambiae s.l. to three pyrethroid insecticides, deltamethrin,
cyfluthrin and cypermethrin, has been observed [60]. An.gambiae s.l. was DDT- and pyrethroid-
resistant in central and eastern Uganda [58]. There are currently no reports of organophosphate
resistance, but resistance to carbamates including propoxur has been documented. Mawejje
and co-workers observed high pyrethroid resistance in An. gambiae and An. Arabiensis, but both
species were fully susceptible to bendiocarb and fenitrothion from eastern Uganda [55].
Resistance to DDT and deltamethrin has also been reported in populations of An. funestus and
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An. gambiae s.l. from southwestern Uganda [56]. An. funestus in Tororo, eastern Uganda, was
resistant to pyrethroids, permethrin and deltamethrin. Suspected DDT resistance was also
observed in An. funestus. However, this population was completely susceptible to bendiocarb
(carbamate), malathion (organophosphate) and dieldrin. Recently, widespread resistance
against pyrethroids and DDT was observed across Uganda [53, 61]. Mutations which confer
resistance to DDT and pyrethroids, West African (L1014F) and East African (L1014S) muta‐
tions, have been reported from the Ugandan An. gambiae. Increased esterase activity was also
detected in pyrethroid- and DDT-resistant An. gambiae populations. The presence of the East
African kdr mutation (L1014S) is shown for the first time in An. arabiensis from Uganda [62].
The resistance in this species was due to both target site (kdr) and metabolic mechanisms and
there was also cross-resistance between DDT and pyrethroids. Resistance to pyrethroids is
present, and apparently increasing, in An. arabiensis from Jinja, eastern Uganda [55], but it is
not mediated by known ‘knockdown resistance’ target-site mechanisms (L1014F and L1014S)
in the voltage-gated sodium channel, which are extremely rare in this species in this area [55].
In the absence of a known target-site mechanism, metabolic mechanisms are strongly impli‐
cated in the resistance phenotype. However, knockdown resistance mutation conferring
pyrethroid/DDT resistance has also been suggested to occur in other axons of the sodium
channel gene in An. gambiae. Biochemical assays suggest that resistance in this population is
mediated by metabolic resistance with elevated level of GSTs, P450s and pNPA. The low
frequency of L1014S and L1014F mutations and complete restoration of susceptibility to
permethrin and deltamethrin by the two species after synergist assay using PBO indicate
involvement of other mechanisms such as P450s in the same study. Populations of An.
gambiae s.l. from eastern Uganda tested for the presence of knockdown resistance (kdr) and
altered acetylcholinesterase (ace-1R) alleles showed the presence of kdr L1014S allele, while
ace-1R and kdr L1014F alleles were absent [57]. All populations from the same area remain
highly susceptible to carbamate, organophosphate and dieldrin insecticides. Metabolic
resistance through elevated expression of cytochrome P450s has been implicated in these
mosquito populations.

3.3. Ethiopia

Forty-two anopheline species have been recorded in Ethiopia [63]. There are only four
anopheline mosquito species reported as malaria vectors. Anopheles arabiensis is the primary
vector of malaria and it is widely distributed throughout the country [64], while An. funestus,
An. pharoensis and An. nili are secondary vectors with localized distribution [65]. An. arabien‐
sis belongs to the An. gambiae complex of sibling species. Only two member species of the An.
gambiae complex, An. arabiensis and An. Amharicus (formerly known as An. quadriannulatus B),
are reported to exist in Ethiopia. An. quadriannulatus species B had been described as a new
species from southwestern Ethiopia [66]. This species was reported to be zoophilic and
exophilic and is assumed to have no role in malaria transmission in Ethiopia [67]. Anopheles
arabiensis is responsible for most of malaria infections in Ethiopia. Indoor residual spraying
(IRS) and long-lasting insecticidal nets (LLINs) are pillars in malaria prevention and control
strategy in Ethiopia. For over five decades, the main vector control strategy by the national
malaria control program has been indoor residual spraying (IRS), using DDT with a limited
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application of malathion as an alternate insecticide. However, DDT use for IRS was replaced
in favor of deltamethrin in 2009, and after 2 years of use deltamethrin was also replaced with
bendiocarb in 2011 due to the reduced susceptibility of the principal vector to the mentioned
insecticides. Insecticide susceptibility tests carried out in different parts of the country have
shown different levels of resistance by the principal vector to insecticides in use for IRS
and/or to treat LLINs. Insecticide resistance by An. arabiensis to DDT was reported during the
early 1990s [64, 68]. Balkew and others reported resistance by An. arabiensis to permethrin and
DDT [69]. Another study by Yewhalaw and his colleagues from southwestern Ethiopia
indicated that An. arabiensis developed resistance to DDT, permethrin, deltamethrin and
malathion. In contrast, An. arabiensis was susceptible to bendiocarb and Propoxur [70] and
primiphos methyl (PMI/USID unpublished data). Abate and Haddis also reported high level
of DDT and pyrethroid resistance in populations of An. gambiae s.l, presumably An. arabien‐
sis from different parts of the country [71]. Another recent report by Massebo and others
showed that populations of An. arabiensis from southwest Ethiopia developed resistance
against lambda-cyhalothrin, alpha-cypermethrin, cyfluthrin, deltamethrin and DDT [33].
Moreover, high knockdown resistance mutation (West African kdr) was detected in popula‐
tions of An. arabiensis from northwestern, central and southwestern Ethiopia [70, 72]. Bottle
bioassay studies using synergists also revealed possible involvement of metabolic resistance
in addition to kdr mutations in these populations of An. Arabiensis, which could further
complicate the current malaria vector control program in the country [73]. The development
of resistance by malaria vectors against insecticides used for public health could potentially
jeopardize the malaria vector control strategy in Ethiopia, and hence it is imperative to monitor
the level and distribution of insecticide resistance to develop new effective vector control tool
and/or plan sound insecticide resistance management (IRM) strategy in the country.

3.4. Tanzania

The principal vectors of malaria in Tanzania are mosquitoes of the An. gambiae s.s, An.
arabiensis and An. funestus. Other vectors which have limited role in malaria transmission
include: A. merus, A. nili, A. paludis, A. pharoensis, An. coustani. An. leesoni, An. parensis, An.
merus, An. marshallii and An. rivulorum [74, 75]. Recent entomological data indicate that An.
funestus is prevalent on the mainland as well, particularly in the Kagera Region. Moreover, in
coastal areas of north-eastern Tanzania and Zanzibar, high coverage of ITNs and IRS has
resulted in a shift in the malaria vector population from An. gambiae to An. arabiensis. Resistance
to pyrethroids by An. gambiae s.s. and An. arabiensis has been reported from several districts of
the mainland of Tanzania [76–78]. Okumu and his colleague reported that An. arabiensis from
southeastern Tanzania showed 100% susceptibility to DDT but 95.8% to deltamethrin, 90.2%
to lambda cyhalothrin and 95.2% to permethrin [79]. In Zanzibar, An. arabiensis was resistance
to pyrethroids (lambda-cyhalothrin, deltamethrin and permethrin), but was susceptible to
carbamates (bendiocarb) and organochlorides (DDT). Moreover, in a similar study, resistance
was documented in An. gambiae s.s to the same pyrethroid insecticides but was susceptible to
bendiocarb, DDT and malathion [80]. In Pemba, resistance was detected in sites monitored for
lambdacyhalothrin, permethrin, deltamethrin and DDT, but no resistance was detected for
bendiocarb and pirimiphos-methyl CS. Similarly in Unguja, lambda-cyhalothrin resistance
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was detected in four of the five sites tested and permethrin resistance in one of the two sites
tested. However, insecticide resistance was not detected for bendiocarb, pirimiphos-methyl
CS and DDT. Anopheles gambiae s.s showed reduced susceptibility to the carbamate insecticide,
bendiocarb [81]. An. arabiensis collected from Lower Moshi showed complete susceptibility to
pirimiphos-methyl and malathion, but reduced susceptibility to permethrin [82, 83]. In
northwestern Tanzania, there was cross-resistance between pyrethroids and DDT. In Zanzibar,
resistance is not homogeneously expressed across islands, and pyrethroid resistance is
stronger in Pemba than Unguja.

West African leucine phenylalanine kdr mutation was detected in two heterozygous individ‐
uals field-collected An. arabiensis from Tanzania [84]. A study also showed that a low frequency
of permethrin resistance mediated by mixed function oxidases and esterases are present in
An. arabiensis from Lower Moshi. The permethrin resistance is probably caused by the
agricultural use of insecticides, especially in the rice fields, as permethrin-treated nets were
not widely used in Lower Moshi [76]. The kdr-eastern variant was present in homozygous form
in 97% of An. gambiae s.s but was absent in An. arabiensis. Synergist assays with PBO showed
to restore susceptibility to pyrethroids, indicating that the resistance is in part due to an oxidase
enzyme mechanism. Knockdown resistance mutation (target site insensitivity) was also
detected in Pemba [84, 85].

3.5. Burundi

The primary vector of malaria in Burundi is Anopheles gambiae s.s, while secondary vectors An.
funestus, An. arabiensis and An. nili. The most predominant members of vector species complex
in the highlands of Burundi are An. gambiae s.s and An. funestus s.s [86, 87]. Insecticide
susceptibility study in Karusi for An. gambiae s.l. showed reduced mortality to permethrin,
DDT and deltamethrin. There was complete susceptibility of An. funestus to DDT and pyreth‐
roids. A high frequency of East African kdr allele was detected in An. gambiae s.l., leading to
cross resistance between DDT and permethrin in mosquito population. As there is little
information on the frequency and distribution of insecticide resistance and the status of the
susceptibility level of malaria vectors to insecticides used for vector control in the country,
there is an urgent need for a nationwide and systematic evaluation of vector susceptibility
level to current WHOPES-approved insecticides for malaria vector control, to inform ongoing
interventions and control program.

3.6. Rwanda

Earlier entomological studies indicate that Anopheles gambiae s.l. and An. funestus are the main
vectors responsible for malaria transmission in Rwanda. An. arabiensis is also a locally
important vector of malaria. The main malaria foci are in the east and southeast areas where
the altitude is generally below 1,500 m and surrounded by marshy plains.

Insecticide susceptibility studies conducted in 2012 in several sites indicated signs of resistance
to DDT in some areas, possible emergence of resistance to some pyrethroid compounds, and
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study conducted by the national malaria control program in the same year showed established
resistance to pyrethroids in Mimuri, a sentinel site in the country. A high frequency of the kdr
gene in An. gambiae s.l. has been attributed to explain the new established resistance to
pyrethroids in one district. A countrywide resistance monitoring also showed resistance to
pyrethroids, DDT and bendiocarb and higher resistance was reported from eastern province,
southern province and Kigali city. A continuous monitoring of resistance and resistance
mechanisms is required in order to guide program for the best strategies to prevent the
development and spread of resistance in the country.

4. Possible causes of insecticide resistance

Emergence of resistance in disease vectors in particular mosquitoes have been associated with
different factors and sources. One of the factors is the intensive use of some classes of insecti‐
cides such as pyrethroids both in public health and in agriculture, which led to its reduced
efficacy of insecticides [88–90]. Agricultural use of pesticides plays a role on the development
of resistance and cross-resistance in malaria vectors has been implicated in literature. Resist‐
ance of An. arabiensis to pyrethroids in Tanzania [76] and Ethiopia [72] was attributed to use
of insecticides in agriculture and livestock.

Insecticide resistance selection pressure in malaria vectors in East Africa region has also been
attributed to wide coverage of LLINs and/or IRS [91] and use of agricultural pesticides [92].
As the most commonly used pesticides in agriculture and IRS are pyrethroids, organophos‐
phate and organochlorides and for the treatments of LLINs are pyrethroids, cross-resistance
is common between pyrethroids and DDT [85, 93].

5. Frequency and mechanisms of resistance in malaria vectors in East Africa

There is variation in the frequency of resistance in malaria vectors and the mechanisms
conferring resistance in different sites of different countries in East Africa (Table 1). The
frequency and mechanism of resistance in insects depend on the degree of selection pressure
and the mode of action of the insecticide, respectively. Insecticides target the nervous system
of an insect. Organophosphate insecticides are cholinesterase inhibitors. Cyclodienes insecti‐
cides affect the chloride channel by inhibiting the gamma amino butyric acid (GABA) receptor.
Pyrethroids and DDT act on the sodium channel preventing those channels from closing,
resulting in continual nerve impulse transmission which eventually leads to the death of an
insect [94].

Target site insensitivity is the most frequently reported mechanism conferring resistance to
several insecticides used for vector control by altering the target site of the insecticides. The
mode of action of each insecticide on insects is site-specific. For instance, the mode of action
of organophosphate and carbamate insecticides is mainly by inhibition of the enzyme acetyl‐
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cholinesterase (ACHE). Insects develop resistance to these insecticides through structural
modification of ACHE due to large number of point mutations that occurs in gene encoding
the protein for acetyl cholinesterase (ACHE), an active target site for carbamates and organo‐
phosphates which operates in the nerve cell synapses. These mutations result in altered ACHE,
which reduces the sensitivity of target site to an insecticide. Another common site insensitivity
mechanism is referred as knockdown resistance (kdr): insects usually get paralyzed rapidly
following exposure to DDT and pyrethroids, and this is expressed as ‘knockdown resistance’
(kdr). However, knockdown is absent in insects exposed to DDT and pyrethroids due to
mutations in the para-gated sodium channel gene, whose protein sub-units make up the
voltage-sensitive sodium channels on the nerve membranes. Voltage-gated sodium channels
are the target for both pyrethroid insecticides and DDT by which insecticides alter the function
of the sodium channels in nerve membranes. Knockdown resistance mutation results from a
single nucleotide polymorphism in the domain II, segment 6 of the sodium channel gene.
Lucine (TTA) to serine (TTT) and leucine (TTT) to phenylalanine (TCA) amino acid substitu‐
tions at this position result in West and East African kdr mutations, respectively, which confer
resistance to DDT and/or pyrethroids in the East African malaria vectors An.gambiae s.s and
An. arabiensis [95, 96]. Another mutation of methionine to threonine, known as the super-kdr
mutation, occurs between segment 4 and segment 5 of domain II of the sodium channel gene

Country Insecticide Mosquito species Mechanism Reference(s)

Kenya

DDT &
pyrethroids

An. gambiae, An.
arabiensis

Kdr (L1014S, L1014F)
[21, 52, 54, 104, 105, 116,
130–132]

Pyrethroids
An. gambiae,
An.arabiensis,
An.funestus

Cytochrome
P450s monooxygenases, esterases

[53, 61, 130, 132]

Uganda

DDT &
pyrethroids

An. gambiae, An.
arabiensis

Kdr (L1014S, L1014F) [55, 57, 58, 62, 114, 133]

DDT &
pyrethroids

An. gambiae, An.
arabiensis , An. funestus

cytochrome P450s, GSTs, pNPA [53, 55, 59, 91]

Ethiopia

DDT &
Pyrethroids

An. arabiensis kdr (L1014F) [67, 70, 72, 134]

Pyrethroids An. arabiensis Cytochrome P450s monooxygenases [73]

Tanzania

DDT &
pyrethroids

An. gambiae, An.
arabiensis

Kdr (L1014F, L1014S), rdl [76, 84, 92]

DDT &
Pyrethroids

An. arabiensis, Cx.
quinquefasciatus

Mixed function oxidases, b-esterases,
P450s, cuticle proteins, GABA,
sulfotransferase

[76, 92, 135, 136]

Burundi
DDT &
pyrethroids

An. gambiae s.l. Kdr (L1014S) [133]

Rwanda
DDT &
Pyrethroids

An. gambiae s.l. Kdr [137]

Table 1. Insecticide resistance mechanisms conferring resistance to different insecticide families in the major malaria
vectors and other mosquitoes in East Africa
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and results in a much higher resistance than kdr. The super-kdr mutation is mostly occurring
together with the kdr mutation. The kdr resistance mechanism produces cross-resistance
between DDT and pyrethroids and it is a genetically recessive mechanism.

Metabolic resistance is another important mechanism conferring resistance to insect vectors
which is associated with the production of increased quantities of families of enzymes involved
in insecticide metabolism. It resulted from structural change in the enzyme molecule that
enhances its ability to detoxify or bind the insecticides which alter the affinity of the enzyme
to insecticides. In the latter case, this mechanism enhances insecticide tolerance status in
insects. Some of the common enzymes involved in detoxifying or sequestrating insecticides in
insects are monooxygenases which include the cytochrome P450 enzymes. These large groups
of enzymes confer resistance mainly to pyrethroids and carbamates and to a lesser extent to
organochlorines and organophosphates. Another extremely important group of enzymes
which confer resistance to organophosphate, carbamates and to some extent pyrethroid
insecticides are esterases. Elevated level of esterases results in sequestration and metabolism
of the target insecticides. Elevated glutathione S-transferases (GSTs) also play a role in the
detoxification and excretion of organophosphates and DDT in insects. Cross-resistance
between DDT and organophosphates is often caused by GSTs.

Behavioral resistance in mosquito vectors tends to change their behavior due to long-term
exposure to insecticide-treated surfaces such as walls and LLINs. This behavior has been found
to be associated with avoidance of exposure to lethal doses of insecticides due to reduced
contact with the insecticide [97, 98]. The behavior is known to increase the longevity of insects
in an environment where there is insecticide application through IRS, LLINs or both for vector
control. Insects show limited tendency to enter sprayed houses or in houses with LLINs. For
example, the evaluation of LLINs or IRS compounds in East African experimental huts have
shown avoidance behavior by An. gambiae, An. arabiensis and An. funestus [98]. This also results
in irritancy and excito-repellency, which keeps the mosquitoes away from different treated
surfaces before contact with the host [99–102]. Shifting of vector species composition (from
An. gambiae to An. arabiensis) due to implementation of LLINs or IRS has also been observed
in Tanzania and Kenya [61, 103, 104]. In Africa, there is high proportion of An. gambiaes.l and
An. funestus in areas with high coverage of LLINs [105]. The host-seeking behavior of vectors
have changed from endophagic to exophagic due to intensive LLINs coverage [106].

Moreover, mutation in the GABA-gated chloride channel, which leads to dieldrin resistance
other than DDT, has been described in different species of mosquitoes. The role of cuticular
resistance mechanism is not yet known in the phenotypic resistance in the East African malaria
vectors.

6. Impact and Implications of insecticide resistance on the efficacy of
LLINs, IRS and malaria transmission

The increased bed nets ownership and its utilization have significantly reduced malaria-
related cases and mortality in Kenya [107, 108], Tanzania [109, 110], Uganda [111] and Ethiopia
[112]. However, the high coverage of IRS and scaling up of LLINs is believed to induce the
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development of resistance in vector species to various classes of insecticides. These have been
documented in Kenya [21], Tanzania [79, 113], Uganda [114] and Ethiopia [70, 73, 115].

After the successful reduction of the malaria vector and disease transmission, the increased
resistance among potential vector populations has been witnessed across East Africa [1, 21,
116]. The current status of pyrethroid resistance in malaria vectors and an increase in malaria
incidence shows the compromised vector control system due to insecticide resistance, which
calls the need for the development of new tools for malaria control. Insecticide resistance has
shown to compromise the effectiveness of malaria control efforts in Kenya and other West
African countries. The use of non-pyrethroid insecticides for IRS is a potential option as the
ITN are mainly pyrethroid-based. It has been observed that pyrethroid resistance mosquitoes
are entering and surviving exposure to LLINs, which may quantify the indoor transmission
resurgence in areas with high level of pyrethroid resistance.

7. Prospects of prevention on development and spread of IR in malaria
vectors in East Africa

In vector control, constant use of the same insecticide induces resistance selection pressure in
small vector population which subsequently spread to the large population. The spread of
resistance depends on the frequency of the resistance genes within the vector population. In
operational programs, the coverage of LLINs and IRS are most critical to be considered in the
prevention of the development and spread of the insecticide resistance. Further, insecticide-
resistant monitoring plan and management strategy should be developed and implemented
to delay the development or spread of resistance.

8. Insecticide monitoring and insecticide resistance management option

8.1. Mixture

In resistance management strategies, four tools (rotation, mosaic, mixture and combination)
have been suggested [117] either to slow down resistance or reduce the rate of insecticide
selection pressure. In control programs, simultaneous use of two or more insecticide com‐
pounds with different modes of action within a single product or formulation is preferred to
manage resistance in insects. Two mixed insecticides with different modes of action can lead
to reduced chance of double resistance by killing an insect which is resistant to one of the
insecticide compounds [71, 82]. The use of mixture of insecticides relies on the assumption that
the number of insects carrying a resistant allele at both loci is rare if the frequency of resistant
allele at two loci is low [23, 118]. This approach may have a reduced efficacy if resistance in
insects is at detected level to one of the mixed insecticide compounds. The major aim of
insecticide mixture is to overcome the resistance selection pressure rather than maintaining
the high susceptibility status of the insect population. The mixture should be up to the standard
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application concentration ratio of two insecticide compounds for effective control. Mixture of
insecticides has usually high cost implication which may not be affordable in community
protection against malaria. The mixture of insecticide compounds has practically shown to be
effective when applied in small scale [82].

8.2. Mosaic

This approach is the use or application of two different classes of insecticides to control the
same disease vector in the same area [119]. The mosaic approach is effective if application takes
into consideration the spatial pattern. This technique helps in restoring the susceptibility status
of the vector to an insecticide. It is a method for control of resistance secured to be working if
properly done and monitored [120]. In some malaria endemic countries, large-scale mosaic
application has shown to effectively control resistant populations of An. albimanus [119]. It has
been observed that resistance developed fast in areas with pyrethroid alone than in areas with
mosaic application along organophosphate, pyrethroids and carbamates [119]. Recently,
industries have developed mosaic LLINs (PermaNet 3.0 and OlysetPlus) containing a pyreth‐
roid insecticide and a synergist (piperonyl butoxide), an oxidase inhibitor on the fabric to
increase the bio-efficacy against pyrethroid-resistant vectors [73, 114, 121]. Further research is
needed in the future to use mosaic in LLINs and IRS.

8.3. Rotation

This is employing two or more insecticide compounds of different insecticide classes with
different modes of action by switching the insecticide of choice each round or in alternating
sequences. This approach is based on the assumption that resistance genes have a selective
disadvantage in the absence of an insecticide used in operational program. If vector resistance
to each insecticide is low, then the occurrence of multiple insecticide resistance is minimal or
practically impossible [122]. The rotational use of insecticides plays a major role in killing
resistant insects when the switch is made to a second insecticide. The defined rotation time
should be as short as possible to reduce the risk of resistance development against the
insecticide in use. It also slows down the evolution of the resistance [119]. For LLINs, it is
difficult to implement rotation technique as only pyrethroids are used for the treatment of nets
[123]. This method has higher financial implications for the implementation in vector control.

8.4. Combination of tools

In monitoring and management of resistance, the use of two or more tools or combinations of
interventions simultaneously is an option in insecticide resistance management. The use of
tools targeting adults such as LLINs and implementation of IRS or vise versa or combined with
larviciding or larval source reduction is shown to have effects on vector control in Kenya [26,
124], Tanzania [43, 79, 113], Uganda [125] and Ethiopia [126].

Combination of tools is appreciated as it is cost-effective, prohibits mosquito feeding and
causes mortality instead of reducing resistance alone. In this approach, using insecticides
which share the same resistance mechanism should be avoided as resistance in malaria vectors
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develops faster. Combination tools have shown to increase the protection efficiency against
vectors and maintain reduced susceptibility status of the vectors for longer period.

9. Challenges in insecticide resistance management

The growing and widespread of insecticide resistance among vector species have been a major
challenge in vector control and managing resistance. The resistant vectors have developed
different mechanisms to tolerate the insecticides [53]. Each of the mechanism has its own target
site for an insecticide [53]. The main insecticides used for the treatment of LLINs are pyreth‐
roids, to which the major malaria vectors have shown tolerance [21]. The main challenge is
that there is no other new class of insecticide to be used for LLINS and IRS [53, 61, 127]. Malaria
control programs in East Africa and most sub-Saharan Africa rely heavily on donor-funded
programs for LLINs distribution and IRS implementation. Insecticide resistance monitoring
and management and operational research were not the primary agenda for the main donors.
The control programs of East African countries have also not yet established a mechanism (s)
for generating local funds to foster malaria control efforts [128]. This makes the whole effort
of vector control program more challenging with the risk of malaria resurgence in some foci
along the emergence and widespread of resistance in large areas of East Africa [59, 129, 130].
In general, insecticide resistance data in East Africa are patchy, and in some countries such as
Burundi and Rwanda nearly non-existent. Therefore, countries need to create a national
insecticide resistance data base for insecticide resistance monitoring data to understand the
trend of insecticide resistance for timely decision-making and sharing of information..

10. Conclusions and future directions

Insecticides resistance against malaria vectors has spread throughout the East African
countries. Some of the countries like Tanzania and Rwanda have already established a national
insecticide resistance monitoring and management plan, and others are in the process of
developing the plan mainly to prevent the emergence of resistance or as a response to detected
resistance. However, effective implementation of the plan requires national capacities in terms
of trained human power and infrastructure to undertake surveillance and monitoring of
resistance to advice policy to look for alternate control options or new vector control tools or
ensure that current interventions remain a choice in vector control program. Effective imple‐
mentation of insecticide resistance monitoring and management also needs coordination and
inter-sectorial collaboration in the respective countries.

The lack of enough funds in East African countries may delay the implementation of resistance
monitoring and management strategies. This may hinder to start monitoring of resistance or
responding to resistance, use of suggested insecticide of choice for vector control, change
control strategy as soon as strong evidence on resistance is available. Internal sources of
funding, internally driven resource mobilization and allocation of adequate resources are of
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paramount importance in implementing national insecticide resistance monitoring and
management strategies in the context of integrated vector management. The NMCP of each
country needs also to develop the working guideline with donors and other relevant partners
to implement insecticides resistance monitoring and management strategies.
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Abstract

Current migrations, due to several causes, but mainly consequence of climate changes,
are causing several problems in Southern Europe. Some migrations are evident and at‐
tract attention immediately; others are silent, but still important, like several ones involv‐
ing agriculture and livestock. In the future, a number of products employed in pest
control may lose their efficacy. Pesticide resistance should be considered an increasing
problem, and more environmental-friendly control approaches against arthropod pests
are urgently needed. Two examples from the South of Italy clearly explain the kind of
arising alerts and the complex network involving abiotic and biotic causes. The first case
is the growing number of blue-tongue disease outbreaks, vectored by Culicoides sp. The
second case is the alarm concerning the olive trees epidemic disease in Apulia, due to the
bacterium Xylella fastidiosa. The development of new pest control methods is required in
order to minimize negative effects of currently marketed synthetic pesticides. In this sce‐
nario, natural product research can afford solutions as part of an integrated pest control
system. Preliminary results concerning the use of neem, Azadirachta indica, in control of
insect vectors are discussed.

Keywords: Arthropods, Asian tiger mosquito, mosquito-borne diseases, blue-tongue, Xy‐
lella fastidiosa, neem

1. Introduction

In 1962, Silent Spring, the book written by Rachel Carson, documented the detrimental effects
on the environment of the indiscriminate use of synthetic pesticides [1]. The book claimed that
DDT and other pesticides had been shown to cause cancer and that their agricultural use was
a threat to wildlife, particularly birds. She explicitly accused chemical industry of spreading
misleading information and public officials of accepting industry claims unquestioning about
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consequences. Despite the fierce opposition by chemical companies, the book’s impact on the
American public was a seminal event for the environmental movement, spurring a reversal in
national pesticide policy. Still the issue has great actuality, considering the recent debate [2–
4] about effects of neonicotinoids on honey bees and birds [5].

In 1972, DDT was banned on the agricultural uses in the US, and soon after in EU. Before DDT
was banned, more than 600,000 tonnes were applied in the US. The environmental movement
led to the creation of the US EPA (Environmental Protection Agency). The first resistance
episode concerned DDT in 1914 [6]. In May 2015, US President Obama, considering the final
report of the Commission, stated the primary importance of antibiotic multiresistance, leading
to the ban of the use of antibiotics in agriculture and farm practices. However, deep divide
exists between American and European regulation of pesticides and other chemicals, many
chemicals that are banned or strictly regulated in EU are permitted in the US.

Accordingly to the current definitions, resistance can be defined as “a heritable change in the
sensitivity of a pest population that is reflected in the repeated failure of a product to achieve
the expected level of control when used according to the label recommendation for that pest
species” [7]. In this chapter, we will consider resistance as “the inherited ability of an organism
to become tolerant to a dosage of the chemical that would be lethal to a definite species.”
Evidence for pesticide resistance in arthropods of agricultural and medical importance is an
emerging threat. It is possible that in the next 20–30 years, all the synthetic pesticides now
employed for pest control will lose their efficacy. Research on newer and safer control tools
may be helpful in future scenarios for mankind, dramatically involving feed and food.

Synthetic insecticides are usually utilized to reduce damages caused by insects that destroy
crops or transmit diseases. To be effective, an insecticide should be lethal to the majority of the
individuals in a normal wild population. However, the insecticide can lose its efficacy, thus
many pest populations developed resistance to the toxic effects [8]. This key point is only a
further example of the consequences of human tendency to amplify the natural resources
beyond any limit in order to obtain the maximum of the effects and not considering the
consequences. The problem is inherent: the resistance is related to a massive and persistent
use of pesticides, exactly like for antibiotics in microorganisms. Many species have resistant
populations, which can resist to one or many treatments [9]. In the moment of the insecticide
use, some individuals result resistant. Sensitive insects exposed to the insecticide will die,
except the few resistant ones, which can continue to develop and proliferate. Continuing the
use, they will be favored. More use of pesticide fuels the dominance of resistant populations.
The consequence of the mechanism is that, in the right time, insecticides, once effective, are
not sufficient in controlling insects [10]. Nowadays, the above definitions risk to be insufficient
to describe the complex system that generates the resistance phenomenon to insecticides or
the absence of any real efficacy in control of insect pests. The solution can be considered simply
as “find the best weapon to kill the bacterium and solve the problem,” as so far mainly
considered. As in the general medicine, where the “chemical magic bullet” was considered the
central solution for any disease, this approach is nowadays in crisis because the physiologic
aspects are more complex and complicated by interactions at several levels. Resistance is the
consequence of a series of events.
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This chapter attempts to overcome the paradigm substance →  replay of organism →  resist‐
ance, in favor of a more complex approach, leading to integrated pest management. A focus
on two current vector-borne emergencies was provided.

2. A new situation

So far, much attention of research and public concern was focused on vector-borne human
diseases in order to eradicate their presence and to save as many lives as possible [11].
However, if the resistance will affect our life supports, the surviving struggle will be in balance
due to two key factors: resistance to many pesticides and/or the impossibility of using current
effective substances because of the consequences of the effects on environment. Even pyreth‐
roids are now considered dangerous for nontarget animals since they can impair memory and
movement [12]. Currently, we have to face new epidemic emergencies due to several factors
(including climate change) concerning crops and livestock. Insects are vectors of important
diseases involving nonhuman targets, causing important effects on plants and animals of
strategic economic relevance. Recently, some of such diseases are of increasing concern to the
general population, attracting a level of attention never experimented before and generating
great alarms for the consequences of their rapid diffusion. The economic negative effects are
enormous, and the damages on the local economic system are dramatic. Agricultural produc‐
tion must increases in relation to the needs of world population. However, losses due to
arthropod pests account now for around 20–30% of the production [13]. Insect damages are
important in the field and in the stored products. Agricultural production resorts to the use of
a large quantity of insecticides to raise production and preservation of foodstuff. According
to the increasing needs, the use of insecticides has increased even more than necessary,
although it was demonstrated that the excessive and inappropriate use of synthetic pesticides
is frequently even counterproductive. Effects are not limited to the treated field, involving
undesirable consequences on public health and environment. Current pesticide pollution of
Adige valley in Northern Italy, due to the continuous heavy treatments of apple monoculture,
is a clear example. The introduction of OGM did not afford solutions, inducing additional
problems to farmers.

Most of insecticides are usually employed to reduce the damages caused by insects that destroy
crops or transmit diseases. Up to now, agricultural pests account for 59% of the resistant insect
species, while veterinary pests account for 41%. Antibiotics in the US and the UK mainly
utilized to treat livestock are considered immunostimulants, similarly, most insecticides are
used in agricultural practice to improve the production and preservation of foodstuff. In both
cases, the use is now widespread, excessive, and inappropriate.

Recently, some of such diseases have rapidly gained media’s attention, generating great alarm
for the consequences of their diffusion. The economic negative effects are enormous, and the
damages on the local living system are dramatic. Several epidemic emergencies are in act, and
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the emergency is going to be converted into a normal trend, as a consequence of the perma‐
nence of several factors, including in first place the climate changes [14].

On the basis of novel knowledge, some new approaches are emerging, changing the aspect of
insect control. Integrated pest management is an important approach, developed in the last
years to control disease vectors and limit economic agricultural damages, improving crop yield
with minimum cost. Main goals are (a) to increase basic knowledge of biology of the insect
pest and its relationship with other organisms sharing the same ecological niche [15]; (b) to
reduce pesticide application and quantity developing biological controls, farming practices,
farmers collaboration, and mechanical and physical controls; and (c) to build new models of
integrated managements on the basis of laboratory and field experiments, including the
research of new active compounds. Novel pesticides to be suitable must be low cost, eco-
friendly, from renewable raw material, nontoxic to nontarget organisms, of rapid degradation,
and no accumulation in the environment.

However, resistance is only the last consequence of a series of events. Most of this paper will
be dedicated to the deep knowledge of this sequence, being considered the key to struggle
resistance. Insect-borne diseases are the result of complex multiorganism interactions. The
network of several different collaborating organisms is on the basis of diffusion, effectiveness,
and metabolism of insect vectors, including the resistance phenomenon. The integrated
network acts like a “superorganism,” integrating functions of all the different types of involved
organisms. Disease is the result of a brave and useful collaboration between organisms totally
different, from bacteria to insect, giving rise to an integrated system that is the key to survive
and proliferate. It is the example that we must learn, asking for several levels of eco-friendly
interactions. The consequences that we consider as negative are only the collateral effects of
the competitive struggle.

In these years, the Mediterranean Sea was an incubation sap of several massive migrations of
organisms, mainly due to climate changes and commercial routes, which radically modified
previous equilibrium. Migrations start from distant sites but are able to spread in a large area
until they find the right conditions to set up and rapidly become dominant.

Therefore, insects, like microorganisms, are particularly able to change their genome. It is a
problem of survival. In some cases, the change generates an organism more aggressive and
virulent. Previous treatments are usually not useful, in particular when they are the cause of
the genetic change, like the exaggerated use of pesticides and/or climate changes.

In Italy, at least three cases are focusing on scientific, social, and policy attention, causing strong
alert for the consequences of their anomalous increasing speed of spreading. The first one
concerned Aedes albopictus (Skuse), commonly known as the Asian tiger mosquito [16–18]. This
species is currently retained the most invasive mosquito species in the world since it is able to
rapidly adapt to different anthropogenic environments, thanks to its ecological and physio‐
logical plasticity [19]. Recently, the Asian tiger mosquito has invaded many countries,
spreading rapidly to Europe, North and South America, the Caribbean, Africa, and the Middle
East [20,21]. A. albopictus is both a nuisance and a disease vector. Its medical importance is
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mainly due to the aggressive daytime human-biting behavior and to its ability to transmit
many diseases. It works as a vector for many viruses, including dengue, yellow fever, West
Nile, Japanese encephalitis, St. Louis, encephalitis virus (Flaviridae, genus Flavivirus); chikun‐
gunya, Eastern equine encephalitis, Venezuelan equine encephalitis, Western equine ence‐
phalitis, Ross River, Sindbis, Mayaro, Getah (Togaviridae, genus Alphavirus); Potosi, San
Angelo, La Crosse, Jamestown Canyon (Bunyaviridae, genus Bunyavirus); Rift Valley fever
(Bunyaviridae, genus Phlebovirus), and Orungo virus (Reoviridae, genus Orbivirus). A.
albopictus is also the vector of different filariasis, such as Dirofilaria immitis Leidy, Dirofilaria
repens Railliet and Henry, and Setaria labiatopapillosa Perroncito [19]. Although the introduction
of Tiger mosquito was casual, probably due to the commerce of old tires, the permanence is
clearly due to the climate change with the rising of temperature.

Two recent exceptional cases of overflowing insect-borne diseases not directly involving
human health are reported to evidence of the difficulties of fighting new insect emergencies.
Both emergencies are the results of a complex multiorganism interaction. The network of
several different organisms is on the basis of the mechanism of survival and diffusion,
conditioning effectiveness and metabolism of insect vectors, including the resistance phenom‐
enon. The network acts like a “superorganism,” integrating functions of all the different types
of involved organisms, asking for several levels of eco-friendly actions. Integrated methods
are urgently needed for control of these pests. On the basis of novel knowledge, some new
approaches are emerging, changing the aspect of insect control.

Both cases present several, not casual, similarities and therefore can be considered as para‐
digms of next future or actual situations. The first case is the expanding relevance of bluetongue
disease, vectored by Culicoides sp., so far concerning Southern Europe (Sardinia in particular)
and going to be present in other countries. The second case is the alarm concerning the olive
trees epidemic disease, probably due to Xylella fastidiosa, which may lead to the disappearance
of extensive areas cultivated with olive trees in Southern Italy. Actually, no useful control tools
have been reported.

3. Xylella fastidiosa: A threat for olive trees

In 2013, one of the most beautiful part of South Italia, the Salento Peninsula, well known for
the production of the olive oil and wines, was alerted by a dramatic phenomenon, never
reported since human memory. The centenary olive trees that are the hearth of the monumental
natural architecture of the region started to die, as Golias killed by invisible Davids. The
sentence was that the responsible bacterium, X. fastidiosa, causes so-called Pierce’s disease. So
far, Pierce’s disease (PD) was mainly known as a deadly disease of grapevines [22]. It is caused
by the bacterium X. fastidiosa, which is spread by xylem feeding leafhoppers, known as
sharpshooters. PD is known to be prevalent within the US from Florida to California and
outside the US in Central and South America (Table 1).
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Table 1. Chronology of Xylella fastidiosa outbreaks 

1870 Reports in California of grape wine “mysterious disease” 

1890 The disease practically disappeared 

1892 Newton B. Pierce reports on the disease on grapes in California. 

1920 New epidemic diseases in California, apparently not linked to the previous episode 
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1870 Reports in California of grape wine “mysterious disease”

1890 The disease practically disappeared

1892 Newton B. Pierce reports on the disease on grapes in California.

1920 New epidemic diseases in California, apparently not linked to the previous episode

1920 Alfa-alfa disease (AD), no other cases reported

1930 Hewitt names the rediscovered grape wine disease as Pierce disaster (PD)

1930 Reports on peach disease

1933 PD spreads in South US

1940 Major epidemic disaster; vectors come from alpha-alpha (AD) through the some “virus”; they are xylem sap-
feeders and disease is xylem-limited

1970 Almonds and oaks also affected; symptomless plant host discovered

2011 First cases of dehydrated olive trees near Lecce town in Puglia

2012–2014 Most of the peninsula of Puglia region, named Salento, evidences the presence of Xylella in the centenary
olive trees.

2014 The disease spreads interesting more than 9000 hectares.

2015 The eradication campaign, in accordance with the EU protocols, starts with the destruction of dozens of trees,
against the population concern. The regional court accepts the considerations against the eradication, but the campaign
goes on.

Table 1. Chronology of Xylella fastidiosa outbreaks

X. fastidiosa works blocking the xylem, which conducts the water around the plant. Symptoms
include chlorosis and scorching of leaves, and entire vines will die after 1–5 years. Pierce’s
disease is less prevalent where winter temperatures are cold, that is, at high altitudes and in
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inland northern areas [23–26]. The anomalous recent diffusion of the bacterium X. fastidiosa is
causing a great alert and enormous damage. The disease risks to menace the surviving of olive
trees, at least in Southern Italy. Starting from a little area in Gallipoli, near the town Lecce,
most of the olive trees of a great part of Apulia region in the South of Italy were totally
destroyed during the last 2 years. Therefore, the diffusion was very rapid, epidemic, and
devastating. However, the disease is known by long time and so far considered mainly
affecting grape wine and sporadically other plants, like oleander, almond, cherry tree, Polygala
myrtiflora, and Spartium junceum. Concerning olive trees, so far it was considered one of the
hundred diseases affecting the species, without any report of epidemic virulence.

In October 2013, the bacterium was found to be infecting olive trees in the region of Apulia in
southern Italy. The disease was causing a rapid decline in olive plantations, and by April 2015,
it was affecting the whole Province of Lecce and other zones of Apulia, focused in the Salento
Peninsula. Almond and oleander plants in the region have also tested positive for the pathogen.
The disease has been called Olive Quick Decline Syndrome (OQDS). The disease causes
withering and desiccation of terminal shoots, distributed randomly at first but which then
expands to the rest of the canopy. This results in the collapse and death of the trees (Fig. 1). In
the affected groves, all of the plants show symptoms. By the beginning of 2015, it had infected
up to a million trees in the southern region of Apulia [25–30]. The epidemic damage affected
thousands of centenary olive trees, completely dehydrated by the disease. After the eradica‐
tion, the treated areas appeared totally desertified. Beside the great economic damage, loss of
the olive trees means a tremendous cultural and environmental impact for a territory, where
they are the symbol of region’s identity. Centenary olive trees are the living monuments of the
Apulia. Furthermore, there are convincing hypotheses that the epidemic infection will
propagate rapidly to the neighboring regions and later in several parts of the Mediterranean
area. Therefore, interested countries, like France and Greece, are asking for a rapid control of
the disease before further pandemic diffusion.

In conclusion, there are two main hypotheses about future scenarios: (a) a natural stress-
induced dieback: this is consistent with widespread groves of various ages all suffering to
different degrees and slowly declining rather than a virulent point infection that can be seen
to spread. In other words, the disease is due to a “normal” increasing of virulence coupled
with the “stress effect,” derived from climate change and agricultural loss, that will affect
mainly the old trees, causing a turnover in favor of the new stronger generations; (b) a
modified, more virulent pathogen appeared, and plants defenses will be not able to face the
new challenge, with devastating consequences.

So far, the only real performed action was the application of the UE protocol consisting in the
eradication of any olive tree and creating a defensive line of 2 km in extension in the northern
part of Salento Peninsula, where any plant must be eradicated, in order to isolate the disease.
This measure should stop the diffusion of X. fastidiosa? The bacterium relies to insect vectors.
Known vectors of X. fastidiosa are xylem-sap feeder insects belonging to the families Cicadel‐
lidae, Aphrorophoridae, Cercopidae, and Cicadidae within the Cicadomorpha. Among them,
the meadow spittlebug, Philaenus spumarius, is one of the most abundant field insect in that
region, although other species are probably involved. The spittlebug xylem-sap feeding
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possesses a piercing-sucking beak, named rostrum. Introducing the rostrum into the tree for
feeding, the insect causes the infection and the bacterium propagation close the xylem vessels,
causing the dehydration of the plant. It is very difficult that the EU protective approach will
give significant effects. The vectors are not good flyers; they usually move by jumping, but
they can be efficiently transported by the wind and human of animal occasional transportation,
travelling for many kilometers in only one day. The block of plant import from America is in
act. Also, in this case, the total control is quite impossible.

The bacterium cannot be controlled by the use of antibiotics, either because they are banned
in agriculture in EU or because they are highly costly and complicated. The insect vector could
be controlled by adequate insecticide. Insecticides usually select as target the adults, but the
larval stage is the best situation to act on the insects, before they are able to move and fly away.

In any case, to obtain any real result, we must learn the Nature’s lesson. Olive tree disease
evidences three main actors: the bacterium, the vector and the plant, and probably a symbiotic
fungus. They work together, acting like a “superorganism.” It is a very complex system, but
in some way also very efficient. The only way to face the X. fastidiosa challenge is an integrated
pest management. It is necessary to operate considering together the several involved aspects:
a treatment of soil to sustain the plant; an insecticidal agent to control the insect; a natural, low
cost, and eco-friendly antibiotic to be inserted inside the plant.

A key step is the reply to the following question: How did X. fastidiosa become so dangerous
in the last 2 years? We know the presence of bacterium in Italy from at least 30 years, and so
far it was considered just one of the several diseases involving olive oil. Something happened
during the last years changing completely the equilibrium between the microorganism and
the host. There are several hypotheses about the causes of the change and a consequent relevant
debate. The local official institutions have accepted the idea that some infected plants of
oleander imported from Costa Rica were the epidemic start. Everything could be, but it is
strange that only a single little point of Apulia was affected by the only infected imported
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from some experiment or a biological cause. Due to climate change (Figure 2), some virulent
strains from hotter countries could be able to survive and proliferate against local populations.
Other causes, like the absence of the traditional treatment of the soil and the trees due the
urbanization of the population, could have interfered. The phenomenon is quite well known
and possible, as explained in the next part of this chapter.

4. The climate hypothesis

There have been several marked changes in climatic conditions in Europe during the last
century. In the 20th century two main periods of warming have occurred in Europe (Fig. 2).
The second was the warmest decade (the 1976–2000) on record, and it is still in act. The evidence
was an increasing of approximately 1.2°C over the past 100 years, which means twice the
average global rate. Turnover of hot and glacial periods is a normal trend for our planet, mainly
due to the CO2 the quantity of this gas in the atmosphere. We are now in a warming period,
and the trend is accelerated by the emission due to human activities [30–34]. Warning conse‐
quences are higher nighttime temperature, with limited difference between day and night, and
few frost days in winter, associated with milder temperature in all winter period, longer dry
periods, and peaks of temperature. In particular, temperature increases were most marked in
both Central Europe (Italy, Corsica, and Balearic Islands) and Eastern Europe (western
Bulgaria, northern Greek, Albania, Macedonia, Bosnia, Montenegro, and Croatia). On the
contrary, central Iberia and the region around the border between Morocco and Algeria have
cooled. Simplifying the model tendency, Europe is getting warm and North Africa is cooling.
This resulted in changes in precipitation dividing Europe in two parts: the number of wet days
have increased in the North Europe and decreased on the South, increasing the already
presence tendency to desertification of several regions. North Europe, including the UK,
northern Iberia, and Scandinavia, is becoming wetter, whereas southern Iberia, France,
Germany, and Italy are becoming drier.

Vector-borne pathogens are particularly sensitive to climate, a fact that has led to widespread
and continued speculations that anthropogenic climate change will increase the incidence and
intensity of their transmission. Other nonclimatic abiotic and biotic factors can also affect
disease distribution. Diffusion can be very rapid and effective. Adult insects are usually not
strong fliers, but they can be passively dispersed by the wind, possibly up to several kilometers
in a single night, especially over the sea. Thus, natural barriers cannot be considered an efficient
control of the diffusion. Otherwise, they can travel utilizing ancient transportations, like other
animals (street ruminants), or new unexpected ones, i.e., inside old tires as happened for A.
albopictus.

There is an urgent need for ecologically sound, equitable, and ethical pest management, based
on control agents that are pest-specific, nontoxic to humans and other biota, biodegradable,
less prone to pest resistance and resurgence, and relatively less expensive. The last aspect is
fundamental for a large-scale use in emerging countries.
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5. Bluetongue spread in Europe

Bluetongue is a devastating disease of ruminants, mostly restricted to certain breeds of
sheep, particularly fine wool and mutton breeds common in Europe [35] (Table 2). Until
1998, bluetongue has made only sporadic incursions in Europe, until six strains of the blue‐
tongue virus (BTV), from the Middle East, were transferred to Europe, through two main
pathways. One spread northward involving Greece and Balkans. The second one interested
the North Africa, and from Tunisia/Algeria landed to Sardinia, Sicily, Corsica, and Balearic
islands. Clearly, these pathways are coincident with the traditional livestock trade routes,
such ruminant street. The same routes were used in the last years by human migrants to
reach the Italian peninsula, i.e., across the Adriatic Sea from Albania and across the Sicily
channel from North Africa [36, 37].

1969 First isolation in Greece of strain BTV-9 and BTV-1

1998 Isolation in Tunisia of the strain BTV-2, endemic of sub-Saharan Africa, and belonging to strains
from South Africa, Nigeria, Sudan, US.

2000–2001 Isolation in Greece and Turkey of the European strain BTV-1, similar to viruses that have been
isolated in India. First outbreak in Bulgaria.

2003 A new strain BTV-4 type, different from that of Greece and Turkey, is isolated in Corsica, Sardinia
and Balearics.

2004 Detection of strain BTV-4 in Sicily and France.

2005–2014 Distinct strains are still entering in Europe, affecting at least 12 countries and more than 800 km
further north than before.

2014 In Sardinia, the BT disease caused the deaths of 13,000 sheep and damages for 42 million of euro.
5772 infection sites were detected.

Table 2. Chronology of blue tongue virus (BTV) spread in Europe

Since its arrival, BTV has caused the deaths of more than one million sheep, and the loss of
trade in animals and animal products, with an estimated damage of US$125 million in the US
alone [38]. Sardinia was in particular affected, being the economy largely based on sheep,
producing very appreciated like cheese (pecorino) and fine wool. The widespread use of a
vaccine, although effective, caused a series of problems for its distribution and episodes of
corruption.

6. Natural products help

Natural products are mainly derived from plants as the result of coevolution between
organisms and environment. For this reason, they are used for centuries in popular and
traditional medicines, as well as often as spices and insecticides. Unlike modern pharmacology
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and drug development based on single chemical entity, natural product preparations are
multi-ingredient, derived from the historical references and empirical experiences. A single
herbal drug contains at least hundred of compounds making a complex matrix, named
phytocomplex in which not the single active constituent is considered the only responsible for
the overall efficacy. The phytocomplex utilization is not a philosophy because many data
afford the validity of this approach and others can be obtained using the modern pharmaco‐
logical devices.

The study produced in 2010 by MIT and the Broad Institute of Harvard University (US) is a
clear step in the direction of a scientific validation of natural products [39]. The argument
strictly relates to the past and future role of natural products and the endless debate about
their efficacy, often resulting into a fighting contrast between natural products supporters vs.
synthetic drugs defenders. The key argument was to understand what is going on between
the two main levels of the metabolism, involving the functional connection between genes and
genes products and between targets and genes. The MIT researchers decided to commit the
argument to the neutral judgment of artificial intelligence. The computational work was based
on the comparison of cumulative connectivity distribution of small molecules, natural or
synthetic, grouped according to connectivity associated with the target, assuming that proteins
form biological networks. The result is simple: natural products target the proteins with a high
number of protein–protein functional interactions (higher network connectivity), whereas the
synthetic ones act on limited protein network: “We observe that approved drug targets that
are not also natural product target exhibit a connection distribution much closer to the case
for human disease genes that natural product targets, which remain the most highly connected
targets.”

Natural products tend to target proteins more essential and general to an organism than other
groups of small-molecule targets, like those related to disease genes. They therefore work as
a nonspecific basic defense against predators or pathogens acting on more highly connected
proteins, interrupting essential protein activity of the environmental competitor or invader.
However, natural products are not only defense and toxic substances. On the contrary, the
story of plant evolution and the experience evidence the progressive production of positive
substances produced in favor of a collaboration with the animals present in the same habitat.
They may be tailored for a positive or negative influence in physiologic activities and basic
metabolism. These argumentations are in favor of the potential use of natural products as
insecticides.

7. The neem opportunity

The tree Azadirachta indica A. Juss (sin. Melia azadirachta) is commonly known as neem or nimba,
margosa or Indian neem, Indian lilac, the last one to distinguish from the similar species Melia
azedaracht L., named Melia o Persian lilac (Fig. 3). Several exceptional terms were used to
describe the importance and the value of neem, i.e., “the marvellous tree, the tree of XXI
century, the divine tree, India’s tree of life, Nature’s drugstore, Panacea for all diseases, a tree
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for solving global problems” [40–45]. In 1989, WHO/UNEP considered the neem tree as one
of the most promising tree of the 21st century. In 1992, the US National Academy of Sciences
published a report having the significant title “Neem—A Tree for Solving Global Problems”
[45]. The medicinal use of neem is strongly eradicated into the Indian tradition. All its parts
are largely used for many illnesses, and in Indian rural areas, the plant is called “the village
pharmacy.” Neem is considered a natural exemplar insecticide.

Natural products tend to target proteins more essential and general to an organism than other groups 

of small-molecule targets, like those related to disease genes. They therefore work as a nonspecific 

basic defense against predators or pathogens acting on more highly connected proteins, interrupting 
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Figure 3. The neem tree (Azadirachta indica A. Juss)

The neem tree pertains to the Meliaceae (Mahogany family). It is a fast-growing evergreen tree,
native of Indian subcontinent and distributed in the Tropical and Subtropical areas. Neem [46–
48], owing to its ability of growing so easily and surviving on dry, nutrient-lean soil, is now
cultivated in tropical and subtropical countries, including South Asia, West Africa, central (i.e.
Cuba) and South America, and Australia. Flowering occurs from January to May. Flowers are
fragrant, beautiful, and abundant. Fruits ripening from June through August are green
ellipsoidal drupes containing one seed. A single mature tree may produce annually 5–8 kg of
seeds.

The main product of neem is the oil obtained by expressing the kernels containing the seeds
(Figs. 4 and 5). Neem seed oil (NSO) is obtained by different extraction methods. Most of the
NSO is produced in India by familiar little producers using very simple machines, but many
other countries are now producing NSOs. Therefore, considering also the possible different
geographical origin of the raw material, combined pre- and postharvesting factors can result
in great differences in constituents present in marketed NSOs, as already reported [49].

The chemistry of neem is very complicated and still far to be completed, despite the great
number of dedicated researches. More than 300 compounds have been characterized from the
seeds. One-third of them are nortriterpenoids, which means triterpenoid lacking some carbon
atoms. Partial loss of lateral chain is combined by a complicated rearranging of the remaining
part, giving rise to different polyclicic molecular skeletons full of oxygenated functional
groups, partially acylated.
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Among major nor-triterpenes are limonoids, azadirachtin A and B, nimbin, nimbidin, salannin,
and nimbolides (Fig. 6) [50]. Unlike chemical insecticides, neem compounds work on the
insect’s hormonal system, not on the digestive or nervous system, and therefore do not lead
to development of resistance in future generations. The limonoids present in neem make it a
harmless and effective insecticides, pesticide, nematicide, fungicide, etc. The most significant
limonoids found in neem with proven ability to block insect growth are azadirachtin, salanin,
meliantriol, and nimbin. Azadirachtin is currently considered as neem main agent for con‐
trolling insects. It appears to cause 90% of the effect on most pests. It does not kill insects – at
least not immediately – instead both repels and disrupts their growth and reproduction.
Research over the past years has shown that it is the most potent growth regulator and feeding
deterrent ever assayed. It can repel or reduce the feeding of many species of pest insects as
well as some nematodes. In fact, it is so potent a deterrent that a mere trace of its presence
prevents some insects from even touching plants.

  

Fig. 4. The kernels, containing the seeds, that are used as raw material for the production of the oil, 

mainly produced in India by little and simple producers (figure on the right). 
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Fig. 5. The process of neem oil production and neem cake (modified from Benelli et al., 2015). 
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Figure 6. The main limonoids of neem. 

Many formulations deriving from neem seeds show antifeedancy, fecundity suppression, ovicidal and larvicidal activity, 
insect growth regulation, and/or repellence against insect pests, even at low dosages [51–56], including ticks, house dust 
mites, cockroaches, raptor bugs, cat fleas, bed bugs, Sarcoptes scabiei mites infesting dogs, poultry mites, and beetle larvae 
parasitizing the plumage of poultry. The insecticidal properties, environmental safety, and public acceptability of neem 
and its products have been certified by the US EPA [57] and have led to its adoption into some control programs against 
Diptera pests [58]. Noticeably, emulsified formulations of A. indica oil showed an excellent larvicidal potential against 
different mosquito genera, including Aedes, Anopheles, and Culex, also under field conditions. 

Action mechanisms include repellence, feeding and oviposition deterrence, but hormonal effects are the key of the 
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Action mechanisms include repellence, feeding and oviposition deterrence, but hormonal
effects are the key of the inversion of control strategy, changing the target from the adult
everywhere dispersed to the locally maintained larvae, through growth inhibition, mating
disruption, chemo-sterilization, etc. In fact, hormones are necessary for to complete the process
of metamorphosis as the insects pass from larva to pupa to adult. In any case, if the larva
manages to enter the pupal stage, the adult emerging from the pupa is 100% malformed,
absolutely sterile without any capacity for reproduction. The insect populations decline
drastically as they become unable to reproduce. However, also antifeedant and deterrent
activities are important to defend crops. The ideal plant-derived product, including insecticide,
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beneficial ones. Neem products do not leave any residue on the field, being biodegradable by
the action of sunlight. Azadirachtin in open space after dissipation has a half-time of about 20
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conditions [59–60]. Neem, at usual concentrations, is harmless to nontarget and beneficial
organisms like pollinators, honeybees, mammals, and other vertebrates [61]. The absence of
toxicity is largely evidenced by the millenary use in Indian traditional medicine, as well as by
the EPA report and the large use during the last 30 years, including products for pet care.

Neem cake is the residue that is left over when the kernel is crushed from neem kernels
containing seeds and the remaining is pressed to obtain the oil (Fig. 5). In fact, although the
overall marketed name is seed neem oil, not only the seeds are utilized. Neem cake looks more
like flour than cake, with differences in color and size of particles. Two products are therefore
in the market: neem oil cake obtained by cold pressure, with 6% of the oil still residue, and
neem cake deoiled, with a residue up to 1.5% [62].

Actually, it is not approved as pesticide, and mainly it is highly appreciated as organic
fertilized. Neem cake acts as a natural fertilizer with pesticide properties, protecting crops from
nematodes, soil grubs, and white ants.

India alone has an annual potential of 80,000 tons of oil and 330,000 tons of neem cake from
14 million plants that grow naturally. To this potentiality, the high number of cultivations
actually occurring in many parts of the world must be added. This situation evidences the
neem’s high sustainability and possibility to have an increasing production of low cost
products to be utilized in many fields, not only insecticides, from medicine to the cosmetic
one. The importance of the neem future is strictly related to this wild range of utilizations,
which are strictly linked to the new market of plant natural products.

8. The neem cake alternative

Despite the evidence of efficacy, several factors limit the massive use of neem oil in control of
insect vectors. Limits include high cost, photosensibility, and persistence in the soil. A network
of several Italian universities and research institutions decided to investigate the larvicidal
activity of the neem cake as an alternative. In fact, neem cake is a low cost by-product of neem
oil production (Fig. 7).
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Fig. 7. Nem cake ready for exportation. 
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The first step of the network was analytical. Several neem cakes from different producers and
importers were analyzed by high-performance liquid chromatography (HPLC), evidencing
still the presence of neem limonoids, but with different pattern in comparison with neem oil.
Percentage was low but very different in each sample and salannin was the prevalent nortri‐
terpene (3750 ppm of azadirachtin A+B, 7980 ppm of salannin, and 1850 ppm of nimbin) [63–
65]. The high-performance thin layer chromatography (HPTLC) analyses, performed in the
laboratories of Environmental Biology at the Sapienza University of Rome, allowed to evidence
a great complexity of the neem cake extract, showing at least more than 30 secondary metab‐
olites spread in all range of polarity (Fig. 8). On the basis of the information obtained in the
chromatographic analyses, a neem cake product was selected and used for the activity tests,
realized at the ENEA laboratories. Laboratory essays evidenced a significant activity of neem
cake n-hexane and ethylacetate extract against A. albopictus mosquito larvae [66].

Figure 8. HPTLC analysis of different neem products. Mobile phase: toluene, ethyl acetate (4:6 v/v). Derivatization:
Anisaldehyde. Plate on the top, visualization: UV366 nm. Plate on the bottom visualization: white light. Tracks: (1)
neem oil marketed in Italy extracted with ethyl acetate, (2) neem oil marketed in India extracted with ethyl acetate, (3)
neem oil marketed in Italy, (4) neem oil marketed in India, (5 and 6) neem cakes extracted with ethyl acetate, (7 and 8)
neem cakes of tracks, (5) defatted and concentrated (track 8 more concentrated), (9) nimbin, (10) salannin, and (11) aza‐
dirachtin A.

In the same time, another group of the network, at the University of Sassari in Sardinia, worked
on Blue Tongue disease. Culicoides species are vectors of BTV [67]. These insects breed in mist
microhabitats, like small pools, irrigation channels, beverage sites, and drainage pipes.
Culicoides imicola is the main vector, representing about 10% of all emerged Culicoides adults.
In the laboratory essays, larvae of C. imicola resulted highly sensitive to the commercial neem
cake. The larval mortality in water after 7 days gave a lethal concentration value (LC50) of 0.37
g/l. In order to define the chemical nature of active constituents, a neem cake methanol extract
was separated by different solvents. Fractions of increasing polarity were assayed on Culi‐
coides larvae. The most active resulted the ethyl acetate fraction, containing 1 ppm of azadir‐
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achtin, 1.5 ppm salannin, and 0.3 ppm of nimbin. The fraction was more toxic than a
commercial formulation at the same azadirachtin concentration.

Strategy in field trials was based on the deposit of neem cake in the typical larval sites of
Culicoides, and again the product was found to be very effective. A treatment with neem cake
at dose of 100 g/m was applied in a larval breeding site of Culicoides located in a riverside of a
pond margin of a livestock farm in Sardinia, Italy. The treatment with the neem cake resulted
in a significant reduction in Culicoides emergence until 28 days.

Finally, activity tests are now in progress at the ENEA laboratories to measure the larvicidal
toxicity against P. spumarius, as main vector of X. fastidiosa. First experiments were positive
but limited to the laboratory conditions. Field experiments are urgently needed.

Although the mentioned results need confirmation and utilization in larger scale, neem cake
is a promising material for the development of newer products useful in the control of vectors
of insect-borne diseases at the larval stage.

9. Conclusions

The previous samples are related to Southern Italy, but situations in the other parts of the world
are probably very similar. Chun-Xiao et al. reported the relationship between insecticide
resistance and genome mutations of Aedes aegypti in Southern China [68]. The relationship has
been detected for several insecticides, but the mechanisms of resistance are not totally
understood. The kind of resistance to both pyrethroids and DDT, known as knockdown
resistance, has been related to amino acid substitution in the sodium channel. In the paper, the
causes of the resistance are not only attributed to the extensive recent use of pyrethroids and
related to a series of different factors, first of all the climate changes, but also associated to the
rapid development of tourism, transportations, and increasing urbanization that could
increase A. aegypti breeding sites. Therefore, the development of resistance must be considered
a complex multifactor phenomenon. The complex solution should consist into a multitreat‐
ment in at least three steps.

The soil must be considered not only to sustain the plant with adequate fertilizer able to give
the necessary elements but also to positively change the biome living underground. Roots must
be considered not only as the corm part necessary for collection of water and minerals but also
as a part of the plant integrated to the underground habitant, including the living system.
Insect vectors must be controlled possibly at the larval stage, when the insects are not able to
move and need mist conditions to survive. Insecticide must be eco-friendly and low cost,
targeted to preserve pollinators and other useful insects. Natural substances could be the
starting point to develop antibiotics of new generation, based on different mechanism and
useful to be used in large scale, without relevant damages to the environment. This multidis‐
ciplinary approach highlights the need of stronger cooperation among pharmacologists,
chemists, parasitologists, entomologists, and behavioral ecologists.
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Abstract

The intensive use of chemicals through decades has been selecting resistant popula‐
tions of several insect species to distinct classes of insecticides, like neurotoxics, in‐
sect growth regulators, and toxins derived from bacteria. Insecticide resistance is
nowadays a huge challenge for control programs of pests of rural practices and
principally to the management of arthropod vector-borne diseases. Several behavio‐
ral, physiological, and molecular mechanisms can be selected for avoiding toxic ef‐
fects of insecticides in the insect organism. These changes are genetic traits that
arise randomly and spread throughout the population along time, under an envi‐
ronment with insecticide selective pressure. However, new rapidly achieved char‐
acteristics can present a fitness cost to their harbors, with negative effects in
development and reproductive aspects. In this way, in the absence of insecticides,
susceptible individuals may present reproductive advantages and then the popula‐
tion resistance levels would tend to decrease. If the selection pressure persists, how‐
ever, compensatory genes known as modifiers can be selected, ameliorating the
negative effects caused by the resistance genes themselves or their pleiotropic ef‐
fects.

In this chapter, we present a review of research articles that describe some fitness
costs associated with insecticide resistance, trying to correlate with the known se‐
lected mechanisms whenever possible, under an evolutionary perspective. Exam‐
ples from natural population, as well as lineages artificially selected for resistance in
the laboratory, were considered. Although new tools of vector control are currently
being tested under field conditions, the use of insecticides will remain with an im‐
portant role in the near future at least. In this sense, the knowledge of evolutionary
processes of insecticide resistance is crucial to try to revert the resistant status of
natural populations and to avoid resistance to new compounds, maintaining this
strategy as an effective alternative of insect control.

Keywords: Resistance genes, deleterious effects, modifiers, evolutionary process, adapta‐
tion
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1. Introduction

1.1. Insecticides and mode of action

Insecticides are traditionally employed in several human activities with the purpose of
eliminating or controlling the density of undesired insect populations. At present, albeit the
obvious environmental impact, the control of agricultural pests and disease vectors is still
largely based on the use of those substances. Moreover, in several cases, chemical compounds
represent the principal approach to interrupt the transmission of pathogens. Before the Second
World War, most insecticides were constituted of inorganic compounds, and a few organic
substances, such as nicotine, pyrethrin, and rotenone [1]. The modern era of organic insecti‐
cides began in the 1940s, a period known as the age of the “pesticide revolution”, when DDT
(dichlorodiphenyltrichloroethane) was used for the first time as an insecticide [2].

Currently, there are 25 groups of insecticides and acaricides based on available evidence about
their target sites and mode of action, according to the Insecticide Resistance Action Committee
(IRAC) [3]. The World Health Organization Pesticide Scheme (WHOPES) promotes and
coordinates the testing and evaluation of pesticides for public health purposes, since 1960. Its
recommendations are generally adopted for national campaigns in several countries. The main
insecticide classes used for vector control are: organochlorine (OC), organophosphates (OP),
carbamates (CA), pyrethroids (PY), insect growth regulators (IGR), spinosyns (SP), and toxins
derived from bacteria (Bacillus thuringiensis var. israelensis and Bacillus sphaericus) [4, 5]. The
classes OC, OP, CA, PY, and SP include a broad range of compounds that act on the insect
central nervous system and, thus, have an immediate effect.

The target site of OP and CA is the acetylcholinesterase (AChE), a conserved enzyme present
in a wide variety of animals, including mammals, birds, reptiles, fish, and insects. This enzyme
is responsible for the rapid hydrolytic degradation of the acetylcholine neurotransmitter at
synapses, causing momentary interruption of the nerve impulse. The OP and CA insecticides
bind in the AChE active site, compromising the acetylcholine hydrolysis and then accumulat‐
ing the neurotransmitter at the synapses, causing repetitive nerve impulses.

The PY and OC (DDT and analogues) maintain the sodium channels in their opened confor‐
mation, generating a continuous influx of ions throughout the axons. Cyclodienes, another
group of OC insecticides, act directly on the gamma-aminobutyric acid receptor (GABA),
preventing the normal input of chlorine ions in the neurons, just after the nervous impulse. In
all cases, regardless of the target site, OP, OC, and PY promote a continuous nerve impulse
transmission that culminates in paralysis, convulsions, and death [6].

Unlike neurotoxic insecticides, IGRs do not induce an immediate death of the insects. How‐
ever, they are toxic mainly against immature stages, affecting the moulting, metamorphosis
processes, besides commitments in viability and reproduction of adults [7]. Based on the mode
of action, the IGRs are classified into three major categories: (i) juvenile hormone mimics; (ii)
ecdysone agonists; and (iii) chitin synthesis inhibitors [8].

Concerning the bacterial toxins, Bacillus thuringiensis (Bs) var. israelensis (Bti) and B. sphaeri‐
cus are the most employed as insecticides. When ingested by larvae, the Bt toxins are activated
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by insect proteases and bind to specific receptors in the larvae midgut epithelia. The final effect
is an osmotic stress that leads to the disruption of midgut membranes and, consequently, to
death [9]1.

2. Insecticide resistance mechanisms

Insecticide resistance is considered the major challenge for control programs involving the use
of chemicals. Up to 2014, populations of at least 590 species of insects were diagnosed as
resistant to insecticides. Resistance to around 300 compounds, including the neurotoxics (OC,
OP, CA, PY, and SP), the IGRs, and Bt toxins, has already been registered to one or more insect
species [3].

Insecticide resistance has a genetic basis. Randomly arisen mutations can prompt several
alterations in aspects of behavior, metabolism, and physiology of the insects, which may gain
adaptive advantages in an insecticide-treated environment. Such alterations can be classified
as: (i) behavioral changes; (ii) altered penetration (increased production of cuticular compo‐
nents that reduces intake of insecticide); (iii) target site modification; and (iv) metabolic
resistance (detoxification enzymes and ABC transporters) [10]. Although evidenced, the two
first aspects are less reported, whilst several studies have described and evaluated the target
site and metabolic resistance mechanisms. These two, alone or combined, potentially induce
a wide range of resistance levels to virtually all available insecticides [11].

Most insecticides target a single protein in the insect organism. The interaction between these
molecules disrupts a normal biological process, leading to the toxicant effects. However, some
mutations that induce structural alterations in the target protein can change the insecticide
levels of toxicity. Moreover, most of these alterations are conserved among distinct insect
orders. For instance, cyclodienes inhibit chloride ion transport by keeping the gama-amino‐
butyric acid (GABA) receptor in a close conformation [12]. The replacement of an alanine to a
serine or glycine at the aminoacid position 302 (A302S/G) in the GABA, generally referred to
as rdl mutations (resistance to dieldrin), confer resistance in several species, such as Drosophila
melanogaster, Musca domestica, Hametobia irritans, Lucilia cuprina, Tribolium castaneum, Peripla‐
neta americana, and Anopheles mosquitos [13].

The glycine-to-serine substitution (G119S)2 in the AChE (AChE-1, encoded by the ace-1 gene)
confers resistance to OP and CA in Anopheles and Culex mosquitoes. Interestingly, this
mutation was never found in Aedes mosquitoes, regardless of the intense use of OP against
their populations. The most accepted hypothesis for this relies on the fact that the AChE-1 119
glycine is encoded by a GGA, differently from the GGC in other species. It means that in other
mosquitoes a serine substitution (AGC) requires only one nucleotide change. By contrast, two

1 A complete review about insecticides and their mode of action can be found at Sparks and Nauen (2015).
2 This denomination refers to the aminoacid in the position 119 of the AChE protein (AChE1), based on the Torpedo
nomenclature (Toutant, 1989).
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concomitantly selected mutations would be necessary in Aedes mosquitoes, an unlikely
situation referred to as codon constraint [14].

Similarly, several mutations associated with PY and DDT resistance are present in distinct
insect orders: the kdr mutations, that impair the knockdown effect provoked by those insecticides.
The most common kdr (knockdown resistance) mutation is a leucine-to-phenylalanine substitu‐
tion in the 1014 codon3, although serine, histidine, cysteine, and tryptophan replacements are
also found (reviews presented in Rinkevich et al., 2013 [15]). Several PY-resistant populations
of major arthropod pests and disease vectors were found harboring kdr mutations. In this sense,
for diagnostic purposes, different well-established tools for kdr genotyping have been imple‐
mented, specific for an increasing number of insect species. This allows a rapid and accurate
access of the genetic background for PY resistance in natural populations [16].

The recent commercially introduced SP insecticides, which target the nicotinic acetylcholine
receptors (nAChRs) [17], have been used for crop protection, animal health, and against human
disease vectors. Three formulations of SP were approved by WHOPES for use in drinking
water, increasing the chemical arsenal against mosquitoes [4]. However, resistance to this class
of insecticides was already detected in a variety of insect species. A target-site point mutation
(glycine-to-glutamate substitution G275E), for example, was identified in the nAChR of a
Western flower thrips (Frankliniella occidentalis) in association with SP resistance [18]. Besides
this single amino acid substitution, alternative splicing in the nAChRα 6 subunit seemed to be
the mechanism selected in an SP-resistant population of the diamondback moth Plutella
xylostella [19].

As exemplified above, mutations selected for resistance in the molecular targets of insecticides
generally share homologous sites among different insects. These molecules are components
of the nervous system, which are highly conserved among animals. Therefore, it is expected
that few mutations can be maintained without impairing the essential physiological role of
that molecule [20]. Target-site-resistant alleles are increasing in frequency and rapidly
spreading, as well-recorded for malaria and dengue vectors. An interactive compilation of
these data, organized in time and space scales, can be currently accessed on two distinct online
platforms: IR Mapper (http://www.irmapper.com) and Popbio (https://www.vectorbase.org/
popbio/).

Detoxifying enzymes are naturally present in living organisms with a protective function
against potential damages caused by xenobiotics and endogenous metabolites. In many cases,
insecticide resistance occurs due to an increased activity of such enzymes, a mechanism known
as metabolic resistance. In general, this mechanism is related with the intense use of insecti‐
cides. However, other toxic compounds, such as chemical pollutants and plant toxins can also
select for metabolic resistance mechanisms in insect populations. In this sense, different
xenobiotics present in the environment are probably related, at least in part, with a preadap‐
tation for insecticide resistance in disease vector and agricultural pests [21, 22]. Basically,
xenobiotics pass through a series of enzymatic steps that transform them in polar substances,

3 In the case of the voltage gated sodium channel (NaV), the M domestica aminoacid sequence is most commonly taken
as reference.

Insecticides Resistance246



concomitantly selected mutations would be necessary in Aedes mosquitoes, an unlikely
situation referred to as codon constraint [14].

Similarly, several mutations associated with PY and DDT resistance are present in distinct
insect orders: the kdr mutations, that impair the knockdown effect provoked by those insecticides.
The most common kdr (knockdown resistance) mutation is a leucine-to-phenylalanine substitu‐
tion in the 1014 codon3, although serine, histidine, cysteine, and tryptophan replacements are
also found (reviews presented in Rinkevich et al., 2013 [15]). Several PY-resistant populations
of major arthropod pests and disease vectors were found harboring kdr mutations. In this sense,
for diagnostic purposes, different well-established tools for kdr genotyping have been imple‐
mented, specific for an increasing number of insect species. This allows a rapid and accurate
access of the genetic background for PY resistance in natural populations [16].

The recent commercially introduced SP insecticides, which target the nicotinic acetylcholine
receptors (nAChRs) [17], have been used for crop protection, animal health, and against human
disease vectors. Three formulations of SP were approved by WHOPES for use in drinking
water, increasing the chemical arsenal against mosquitoes [4]. However, resistance to this class
of insecticides was already detected in a variety of insect species. A target-site point mutation
(glycine-to-glutamate substitution G275E), for example, was identified in the nAChR of a
Western flower thrips (Frankliniella occidentalis) in association with SP resistance [18]. Besides
this single amino acid substitution, alternative splicing in the nAChRα 6 subunit seemed to be
the mechanism selected in an SP-resistant population of the diamondback moth Plutella
xylostella [19].

As exemplified above, mutations selected for resistance in the molecular targets of insecticides
generally share homologous sites among different insects. These molecules are components
of the nervous system, which are highly conserved among animals. Therefore, it is expected
that few mutations can be maintained without impairing the essential physiological role of
that molecule [20]. Target-site-resistant alleles are increasing in frequency and rapidly
spreading, as well-recorded for malaria and dengue vectors. An interactive compilation of
these data, organized in time and space scales, can be currently accessed on two distinct online
platforms: IR Mapper (http://www.irmapper.com) and Popbio (https://www.vectorbase.org/
popbio/).

Detoxifying enzymes are naturally present in living organisms with a protective function
against potential damages caused by xenobiotics and endogenous metabolites. In many cases,
insecticide resistance occurs due to an increased activity of such enzymes, a mechanism known
as metabolic resistance. In general, this mechanism is related with the intense use of insecti‐
cides. However, other toxic compounds, such as chemical pollutants and plant toxins can also
select for metabolic resistance mechanisms in insect populations. In this sense, different
xenobiotics present in the environment are probably related, at least in part, with a preadap‐
tation for insecticide resistance in disease vector and agricultural pests [21, 22]. Basically,
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soluble in water for an easier excretion [23]. The biotransformation is divided into three phases,
with the participation of three main groups of enzymes. Phase I includes multiple function
oxidases enzymes (MFO or P450) that carry out chemical modifications of a broad variety of
xenobiotics. In phase II, glutathione S-transferases (GST) usually conduct conjugation reac‐
tions in the products resulting from the previous phase. The esterases (EST) can participate in
both phase I and II, hydrolyzing ester bonds present in the xenobiotics. Finally, during phase
III, the metabolites produced in the two first phases are actively exported out of the cells via
ATP-binding cassette (ABC) transporters [24-27].

The metabolic resistance mechanisms are characterized by a gain in the ability for detoxifying
molecules of insecticides, preventing them from reaching their targets. This acquisition can be
selected by either an increase in the enzymatic activity over the insecticide (mutations that
improve the detoxifying power) or an augment in the amount of copies of a specific enzyme
(due to an increase in the transcription rate, for instance). Glutathione S-transferases, EST and
MFO P450 enzymes are each comprised of tens of genes, composing supergene families,
possibly resulting from duplication events along the evolutionary process, as well as inde‐
pendent gene duplications inside distinct species [28, 29]. Differently from target site mutations
that can arise in homologous sites among different insect groups, several detoxifying genes
are unique for some species and may be selected for insecticide resistance in a particular way.

The main questions that lie upon the molecular basis of insecticide resistance mechanisms are
how many (and which) genes control the phenotype of resistance, how many mutations were
selected within that gene(s), and if they are just spreading from one origin or appearing
multiple times [30]. The advent of high-throughput screening molecular tools expands the
searches for selected resistance mechanisms and their overall effects, toward beyond the target
site mechanisms. Recent advances have revealed the complexity of metabolic systems enrolled
in insecticide resistance at transcriptomic and genomic levels. Comparisons of the whole
transcriptional profile between susceptible and resistant individuals generally indicate the
participation of several genes in the physiological process of resistance [31-33]. In addition,
genetic loci influencing the resistance can be physically mapped in the chromosomes through
quantitative trait loci (QTL) approaches [34-36]. Likewise, a recent study identified several
single nucleotide polymorphisms (SNPs), as well as an important and previously neglected
copy number variation (CNV) related to insecticide resistance in Aedes aegypti, by combining
genomic target enrichment with next-generation sequencing technologies [37].

3. Evolution of insecticide resistance

Insecticide resistance is an adaptive trait in which a set of genes are favorably selected to
maintain the insect alive and able to reproduce under an environment exposed to pesticides.
After being introduced, insecticides gradually eliminate the susceptible specimens, usually
found at higher frequencies within populations. By contrast, harbors of resistant alleles,
supposedly rare in the population, increase their frequencies along the time of continuous
pesticide application. The importance of resistance alleles occurring prior to insecticide
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employment has been discussed since the 1950s with the works of Crown [38] and more
recently incremented on ffrench-Constant’s reviews [39, 40]. If resistance mechanisms hold
elevated fitness cost in absence of insecticide (as discussed subsequently), the rareness of these
alleles in nonexposed populations is then a direct assumption. In this case, the selection of
resistance genes is a post adaptive response. On the other hand, pre adaptive selection of
resistant alleles might have happened before the insecticide pressure, presumably if those
alleles had another physiological role. Consequently, this type of resistance alleles would be
less likely to carry a fitness cost [39].

The presence of insecticides in the environment is the basis for resistance selection. Operational
factors, like formulation, dosage, frequency, and intensity of application, will determine the
strength of that selection pressure. Likewise, environmental and intrinsic biological elements
will determine the extension and velocity for the dispersion course of resistance alleles. The
amount of resistance alleles and their initial frequency, as well as their dominance, penetrance,
expressiveness, and interaction within the whole genetic background are the genetic compo‐
nents. In parallel, biological and ecological pieces in this scenario include the offspring size,
generation turnover, mono or polygamy behaviors, together with degrees of mobility,
isolation, and migration, mono or polyphagia, use of refuges, etc. [41]. Naturally, the knowl‐
edge of most of these aspects will optimize the design for more effective insect control
strategies. Even considering all those parameters, insecticide application can play a strong
selection pressure, able to change the profile of a population very quickly [42].

One parameter that probably has a large impact on the evolution of insecticide resistance is
the side effects, usually negative, related to the resistance mechanisms. This is likely the main
reason that explains the low frequency of resistance alleles in populations not exposed to
chemicals. Therefore, the most common assumption is that when the use of insecticides is
interrupted, the frequency of nonresistant specimens would tend to increase toward the
establishment of the previous susceptibility levels of the population. This is especially what
managers of campaigns against vector of pathogens anxiously look for, once the arsenal of
insecticide compounds to this end is very restricted [4, 5].

The mode of insecticide application is crucial to the velocity of resistance evolution. Since the
main goal of these control strategies is a prompt reduction of the targeted insect population,
they often apply high dosages of insecticides, which combined with the indiscriminate use of
the household or agriculture products, result in a strong selective pressure. Hence, even with
a high impact on the fitness, some resistance alleles can spread among populations [43]. Besides
physiological and reproductive hitched-hiked costs for resistance, a continuous pressure may
favor the spread of mechanisms with lower side effects. An important factor resulting from
the refining aspect of Natural Selection over the adaptation for resistance is the selection of
“modifier genes”, which neutralize or compensate deleterious effects [44]. The modifier genes
can reduce drastic effects on the overall fitness previously induced by some resistance alleles,
enhancing the adaptation to the environment with insecticides.

An emblematic example occurred in the in the Australian sheep blowfly L. cuprina, where a
mutant allele for the carboxylesterase E3 is responsible for resistance to the OP diazinon,
presenting, however, high disadvantage in environments free of insecticide. One of the effects
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on the overall fitness was a bilateral asymmetry in the resistant flies. With continuous use of
insecticide over the resistant population, a modifier gene was subsequently selected, increas‐
ing the fitness and also neutralizing the negative effects over the asymmetry [45]. Later, it was
verified that the candidate for that modifier was a gene with an important role in oogenesis,
spermatogenesis, embryonic mesoderm formation, and eyes development. The authors
hypothesized that the resistance allele had a broad pleiotropic effect causing developmental
perturbations that affected bristles and wing development, presumably impelled by a role of
the carboxylesterase E3 in cell adhesion. The selection of the modifier gene compensated these
effects [46].

In Culex mosquitoes the ace-1R allele codes for the G119S mutant AChE resistant to OP,
however, with 60% lower activity than the wild-type enzyme. Consequently, resistant
individuals present a severe fitness cost, reflected with the decrease of the ace-1R allele
frequency in the absence of insecticide, as observed in some Culex pipiens populations [47, 48].
The G119S mutation in Anopheles gambiae followed the same tendency [49]. The emergence of
gene duplication in the ace-1 locus containing both resistant ace-1R and susceptible ace-1S alleles
not only guaranteed resistance to OP but also diminished the resistance deleterious effects,
once the physiological role of the enzyme was no longer compromised [50].

Another scenario of amelioration of resistance was richly described by Labbé et al. (2009) for
a gradual replacement of resistant genes in a decade’s time among populations of C. pipiens
from Montpelier, Southern France. In that study, the authors found that the Ester1 allele (from
Ester locus, enrolled with over production of EST) was selected for resistance to OP; however,
it was later replaced by the Ester4 allele. This newer one conferred the same advantages over
insecticides, nonetheless with lower pleiotropic effects and fitness cost. Interestingly, a third
allele Ester2 with both higher advantage and fitness cost seemed to be replacing the previously
selected Ester4. The hypothesis raised was that the first replacement (Ester1 to Ester4) occurred
as a compensatory amelioration, since Ester4 is less costly and more “generalist”. On the other
hand, the Ester2 allele would be more “specialist” to insecticide-treated areas, conferring high
resistance but with strong pleiotropic effects. The practices of insecticide use in different areas
of Montpelier during that time certainly influenced the evolution of this Ester locus. If the
intensity of treatment had decreased, Ester4 would have possibly been favored over the
stronger resistant Ester2 allele, given the former’s lower fitness cost [44].

Although a common class of insecticide can select the same mutation for resistance in different
insects, its effects on fitness vary through the species or even among different populations of
the same species. For instance, the A302S rdl mutation remained under high frequencies in
natural populations and the resistance persisted despite the withdrawal of cyclodienes in the
field for years, as reported to natural populations of Drosophila [51], the German cockroach [52],
and to the mosquito A. gambiae [53]. On the other hand, a reduction in the rdl resistant allele
without insecticide selection pressure was observed in natural populations of the horn fly H.
irritans [13] and the Australian sheep blowfly L. cuprina from both field and laboratory caged
strain [54]. In the same way, rdl mutant A. gambiae and Anopheles stephensi mosquitoes pre‐
sented reduced fertility and fecundity [55].
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One has to consider that the evaluation of the overall fitness effects of a given mutation is very
challenging, once it is difficult to separate their own effects from those caused by other
mechanisms possibly coselected for resistance. In these aforementioned rdl examples, the
reduced fitness might be related to the A302S mutation itself, and/or to metabolic resistance
mechanisms. Similarly, the persistence of the resistance allele in an environment free of
dyeldrin might be explained by the rdl cross-resistance with other insecticide that had been
continually applied, as well as by the selection of modifiers genes, as previously discussed.

4. Evaluation of fitness cost of insecticide resistance

The main approach to investigate the fitness cost of resistance in field populations is to monitor
the levels of resistance along the time in environments distinctly exposed to insecticides.
Moreover, if the principal mechanism selected for resistance is known, the genotyping of
resistance genes in place and time scales render important assumptions about their fitness cost.
It is very difficult to access this kind of data from the field, however, since there are many
variables occurring simultaneously.

For example, one population of A. gambiae from M’Bé, Côte D’Ivoire, used to be considered
susceptible to most insecticides up to 2002, when a civil crisis broke and the monitoring was
discontinued. Ten years later, a new study revealed important changes of the resistance
mechanisms among A. gambiae populations from that locality. The main mechanisms that led
them to become highly resistant to OC, PY, and CA were the L1014F kdr mutation and elevated
activity of MFO and EST. The only well-known contexts that might explain this severe shift
from susceptible to highly resistant were the pressure with deltamethrin-based products from
rice paddles and the distribution of long-lasting PY impregnated nets (LLINs) since 2006 [56].
The alteration in the resistance profile over the time would suggest a low cost of the resistance
alleles. However, little was known regarding the actual levels of insecticide pressure, migra‐
tion from vicinity areas, and about the extent of the influence of surrounding environment. In
this case, controlled laboratory assays could help to estimate the fitness costs of the selected
resistance mechanisms.

For fitness studies in the laboratory, population cage experiments can evaluate the fluctuation
of resistance itself and the selected mechanisms over successive generations, under an
environment clearly free of insecticide and without interference of migration. In this matter,
the cost of resistance can be measured according to the velocity that the resistance alleles
decrease in confined lineages along the time. A laboratory lineage of A. aegypti resistant to PY
due to the NaVR2 kdr mutation4 presented deleterious effects in a series of life-trait parameters.
Population cage assays corroborated these negative costs, showing that the kdr allele severely
decreased from 75% to almost zero along 15 generations [57]. Most of the studies have been
making use of an opposite direction: populations from the field are confined and submitted
to a selection pressure in the laboratory. In another example, also with A. aegypti, populations

4 NaVR2 is the kdr allele mutant in both 1016 (Val to Ile) and 1534 (Phe to Cys) of the voltage gated sodium channel
(NaV), found in American populations of A. aegypti.
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from distinct Mexican localities were pressured with the PY permethrin for at least five
generations in the laboratory. All the lineages had an increase in the resistance levels, corre‐
lated with an augment in the frequency of the Val1016Ile kdr mutation and with a number of
detoxifying genes differentially transcribed, generally distinct at each lineage. Interestingly,
the lineages that reached the highest frequencies of the kdr mutation presented a lower number
of altered detoxifying genes [58]. These results strongly suggested that this kdr mutation had
a lower fitness cost compared to the metabolic resistance genes occurring at each genetic
background.

The knowledge of alterations in physiological and reproductive aspects is generally achieved
by comparing life-trait parameters between susceptible and resistant individuals. As the result
of pleiotropic effects of an altered gene will depend on the whole genomic structure, it is
important that susceptible and resistant groups have the most similar genetic background as
possible. The parameters usually evaluated are larval developmental time, adult longevity,
ability to avoid predators, fecundity, fertility, mating competitiveness, and reproductive
potential. When treating of blood-sucking insects, probing, acceptance of blood meal, and
amount of ingested blood can also be tested. Such studies demand well-controlled conditions
and are generally highly laborious, so that most of them follow few parameters at a time. In
addition, the knowledge of the biology of the species under investigation is a prerequisite for
the definition of which aspects would be more informative.

Fitness studies in the laboratory necessarily have to consider a well-representative collection
from the field, in order to contemplate most part of the whole amplitude of variable traits from
the original population. An F1 offspring of this sampling may then be raised in the laboratory
to sufficiently amplify the number of individuals to be tested, as well as to normalize the
physiological condition among the different populations. A laboratory lineage control of
susceptibility and vigor should also be raised in parallel, as an endogenous control of experi‐
mental conditions, whenever possible.

Selection pressure for insecticide resistance in the laboratory has the advantage of controlled
strength of selection and environmental conditions, population size, and absence of migration.
On the other hand, if a monogenic key-mechanism for resistance was under lower frequency
in the field, it is likely that this gene is not present in the sampling that established the first
generation in the laboratory. For this reason laboratory pressures tend to result in polygenic
resistance, where several resistance traits of minor effects are selected, but with a larger
response when emerged together in the same genetic background [30]. This could also explain
the different patterns of selected mechanisms to the same class of insecticide, especially
metabolic resistance, in a same species.

Another important issue to be aware of when evaluating fitness costs in the laboratory
environment is that most of the studies have investigated the possible life-trait alterations
under optimal conditions. The amount and quality of food, the composition of substrate (or
water in case of aquatic insects), density of individuals along life cycle phases, and mainly
temperature and humidity are usually controlled. By contrast, insects are continually exposed
to a wide range of abiotic or biotic stresses in the field. Therefore, the physiological costs of
resistance alleles are probably underestimated in laboratory optimal conditions [41, 59]. The
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evaluation of the fitness costs in resistant insects under stress conditions (in terms of nutrition,
temperature, and larval density, for instance) can bring forth relevant data related to the
evolution of resistance in the field. However, such investigations are still scarce [60-62].

5. Possible changes on development and reproduction of insecticide-
resistant insects

As previously discussed, resistance genes may cause changes or even dysfunctions upon direct
physiological process and indirect life history traits. The knowledge of the insecticide resist‐
ance costs and which parameters are altered are important to better design strategies of insect
control, especially considering vectors of pathogens, once general developmental and repro‐
ductive life-traits are strongly associated to their vectorial capacity. In the following, we
present some examples of resistance side effects in vector mosquitoes.

The longevity of insects is generally evaluated in fitness investigations as a key parameter of
vector/parasite relationship. Decreased longevity has been detected in species resistant to
different classes of insecticides. Both Culex pipiens pallens and A. aegypti selected for PY
resistance in laboratory presented decreased longevity [63-65]. Pyrethroid resistance also
induced similar effects on the longevity of A. gambiae females, in this case presumably due to
affected energy metabolism and oxidative stress [66]. Defenses to non neurotoxic compounds
can also affect longevity, as observed in one A. aegypti lineage selected in the laboratory for
diflubenzuron (a chitin synthesis inhibitor) resistance [67]. As resistance mechanisms vary
among species and populations, especially when metabolic, the life span of the resistant insects
is not always affected, even when high resistance ratios are observed. This was the case of two
Brazilian field populations of A. aegypti resistant to both OP and PY insecticides [68].

The time to complete the larval development is also of particular interest, since the longer it
takes the higher is the exposure to adverse conditions of the breeding site and to natural
predators and pathogens. Likewise longevity, resistance to several insecticides can affect this
parameter. Increased developmental time was observed in Culex quinquefasciatus and A.
aegypti selected in the laboratory for PY resistance [64, 65], and also to an A. aegypti field
population with high resistance level to OP [65]. Natural populations of C. pipiens harboring
the resistance alleles ace-1R (modified AChE), Ester1 and Ester4 (overproduction of EST) also
presented a longer larval developmental time [69]. The kdr mutation was also the prime cause
for a delay in the larval development of A. aegypti, especially when mutant and PY susceptible
larvae were reared together and under more stringent conditions [57]. Again, impacts on this
parameter were not restricted to neurotoxic insecticides, as demonstrated for an A. aegypti
laboratory strain resistant to Bti toxins, which presented impairment on the larval development
time [70].

Some behavioral aspects can also be affected by resistance, as the ability to detect a potential
host. Under laboratory conditions, for example, fewer OP resistant A. aegypti females respond‐
ed to the blood meal stimuli, compared to their susceptible counterparts [68]. Similar results
were observed in lineages of the same vector selected for resistance to a chitin synthesis
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inhibitor. Additionally, these blood-fed females ingested 18-26% less blood than the suscep‐
tible lineage [67]. The blood meal acceptance and the amount engorged can directly influence
the pathogen loads ingested, potentially influencing the vector competence. These parameters
are also directly connected with fecundity, since blood feeding is related to the production of
eggs. Indeed, the reduction in the amount of ingested blood in resistant A. aegypti mosquitoes
was directly proportional to a lower number of eggs [67, 68]. Several studies evidenced the
impact of insecticide resistance in blood-feeding aspects [64, 71, 72].

Besides longer developmental time, lower longevity, and problems with blood feeding,
reproductive traits are potentially stronger parameters against dispersion and maintenance of
resistance in the field. Some studies have addressed these aspects with laboratory-resistant
lineages. Aedes aegypti populations resistant to OP and an IGR showed lower reproductive
capacity, where resistant males were able to fecundate a lower number of females [67, 68]. In
the same way, susceptible C. pipiens males had a mating advantage when competing with
Ester-4, Ester-1, and Ace-1R resistant individuals [47].

Some advantageous resistance side effects also occur. A D. melanogaster with increased
expression of GST enzymes lived longer. The authors suggested that this alteration also
promoted a tissue protection against reactive oxygen species [73]. In the same context, the
resistance allele Cyp6g1, also in D. melanogaster, conferred resistance to DDT and was associated
with a higher adult fecundity and increased viability of eggs and larvae in absence of insecti‐
cide [74]. Females of the mosquito C. quinquefasciatus resistant to PY by MFO overexpression
survived longer when maintained with sugar solution [75].

6. Conclusions

The idea of “evolution-proof insecticides” is a challenge for the introduction of new com‐
pounds. A possible strategy proposed to slow the evolution of insecticide resistance would be
to apply compounds with action over older mosquitos, i.e., when females have already laid
most of their eggs. In this direction, there would be a very weak selection pressure over
resistance genes, once practically all the offspring of susceptible and resistant individuals have
emerged at each generation [76]. This is particularly interesting to the control of vector-borne
diseases, because several pathogens have an intrinsic incubation time of their life cycle inside
the insect organism. where the insects are able to feed on blood and lay their eggs several times
before become infective. Nonetheless, they cannot live long enough to have the opportunity
of a infective blood feeding. Mathematical models have shown that this kind of approach
against old insects would dramatically affect the course of insecticide resistance [77].

New strategies are currently being tested in the field, like the release of genetically modified
mosquitoes that suppress the natural population [78, 79] and of a strain carrying endosymbiont
bacteria that diminishes the mosquito vectorial capacity [80, 81]. However, until these tools
are not available for a high-scale application and considering distinct vectors, the use of
insecticides must continue to play a central role, especially during epidemic outbreaks. In this
sense, physiological, molecular, and evolutionary aspects of insecticide resistance need to be
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further studied and discussed with the aim to better improve the control of undesired insect
populations.
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Abstract

For many decades, Botswana has been engaged in various malaria control activities that
involved programmes that focused on the elimination of the malaria vector Anopheles ara‐
biensis, by using DDT and pyrethroids. Despite the numerous and continuous application
of these insecticides, studies have shown that there is susceptibility of this vector to DDT
and pyrethroids in Botswana. Natural insecticides such as Bacillus thuringiensis and Spi‐
nosad, as alternatives to the use of chemicals, have shown to be effective against the eggs
and larvae of DBM. Insect-resistant crop varieties were also found as alternatives in order
to minimise insecticide resistance through the application of insecticides on insect infest‐
ing crops. The appearance of esterases B1 and A2–B2 in the Gaborone and Molepolole
strains of Culex, respectively, indicates dispersion of these esterases through human mi‐
gration.

Keywords: Anopheles arabiensis, insecticide resistance, esterases, pyrethroids

1. Introduction

1.1. What is insecticide resistance?

Resistance has been defined as ‘the development of an ability in a strain of insects to tolerate
doses of toxicants which would prove lethal to the majority of individuals in a normal
population of the same species’ [1] and also recently as a ‘genetic change in response to
selection by toxicants that may impair control in the field.’ [2]. The resistance status also
describes the decreased susceptibility of a pest population to a pesticide that was previously
effective at controlling the pest, through natural selection with the genetic traits for resistance
being passed on to subsequent offspring.

The development of insecticide resistance is dependent on the genetic composition of a species
population. It is preadaptive, in the sense that in most cases the insecticide does not induce

© 2016 The Author(s). Licensee InTech. This chapter is distributed under the terms of the Creative Commons
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any heritable changes but selects favourable mutations that allow the insect to survive the
treatment [3]. The resistant strains thus develop through the survival and reproduction of
individuals possessing one or more of many possible mechanisms that allow survival after
exposure to an insecticide, each controlled by one or more resistance (R) genes. Strains tend to
revert to susceptibility in the absence of insecticide exposure unless they have become
homozygous for the R genes [1, 4, 5]. This makes insecticide resistance to be a natural phe‐
nomenon controlled by genes that bring about the biochemical, physiological, or behavioural
changes on which resistance is based.

Resistance can shorten the long-term effectiveness of a particular insecticide against a species
population prompting the use of an alternative insecticide to which there is no resistance; but
unfortunately, this often becomes a temporary solution. The development of cross-resistance
may occur to compounds within a group with a similar mode of action, especially if their
metabolism and their target site attachment are very similar [6].

Cross-resistance can also occur between groups of insecticides with different modes of action
and can be mediated by a single gene, i.e., be monogenic due to a single defense mechanism
operating against two or more toxicants. It can also be polygenic where multiple mechanisms
are available, which may not act equally against different toxicants. Since multiple resistances
involve multiple genes, it can be a most serious development, should it occur in the field [6].

2. History of resistance to insecticides

Resistance to insecticides by insect pests has been documented for over 75 years, but its greatest
impact has occurred during the last 30 years following the discovery and extensive use of
synthetic organic insecticides [7]. Insect resistance was first observed in 1908, reported by
Melander [8] in the San Jose scale insects Aspidiotus perniciosus, found to have become insen‐
sitive to lime-sulphur. Thirty years later, there were further reports of insect resistance towards
numerous other pesticides.

When dichlorodiphenyl-trichloro-ethane (DDT) was introduced in 1946, insect resistance to
the compound appeared quickly and worldwide. The first sign of resistance towards DDT was
shown in the housefly Musca domestica [9]. Thereafter, cases from different locations were
reported: Aedes sollicitans in Florida, Culex pipiens in Italy, and Cimex lectularius in Hawaii [1].
New insecticides that were later introduced did not last long with regard to their usage as the
number of species showing resistance to one or more toxicants doubled every six years between
1948 and 1983 [10].

A number of resistant species are also reported in other agriculturally important orders such
as Lepidoptera (67 species, representing 15%), Coleoptera (66 species, representing 15%),
Acarina (58 species representing 13%), Homoptera (46 species, representing 4%), and Heter‐
optera (20 species, representing 4%) [11]. However, studies have shown that resistance
develops faster in insects with many generations per year rather than only one, at higher
selection pressures than at lower ones. Sawicki [12] noted that resistance is regarded as a
problem only when the cost of control becomes unjustified or when excessive use of the control
agent presents health and environmental hazards.
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3. Insecticide use in Botswana

The economy of Botswana is mainly dependent on agriculture and mining. The agricultural
sector in Botswana covers both crops and livestock production. The industrial growth has
brought about awareness in farming systems for both livestock and arable farming. However,
this has also brought about an increase in the use of chemicals for pests on animals and crops.
Insect pests are very important in crop production because they pose a serious problem to
farmers. They reduce the yield and quality of crops resulting in lower prices for the crops and
lower returns to the farmer.

Since the introduction and use of DDT in Botswana in the 1950s, other types of insecticides
such as organophosphates, pyrethroids, and carbamates have been used in various aspects of
agriculture. In crop production, these were used to target pests diamond back moth, aphids,
locusts, and armyworms; fruit flies, diamond back moth, aphids, and leaf miners; American
bollworm, diamond back moth, aphids cutworms, and bagrada bug, respectively [13].

From the results of experiments carried out during the 1970s in Botswana, carbaryl proved to
be the most effective insecticide against Helicoverpa armigera on cotton, sorghum, and cowpea
when tested against insecticides such as DDT, endosufan, monocrotophos, and tetrachlorvin‐
phos [14]. However, the current pest management option for H. armigera in Botswana is the
use of pyrethroids from recommendations based on the information from manufacturers and
recommendations from other countries [14, 15].

Organophosphates are commonly used for the control of infestations of parasites for livestock
and may also be applied as sprays and dips in form of acaricides. The same application of
organophosphates has extended to spraying of the quelea birds by the Plant Protection Unit
of the Ministry in Botswana [16].

Several control methods have been employed in the management of tsetse fly in Northern
Botswana, and all of these methods involved the use of chemicals (Table 1). After the spraying
of 2001 and 2002 in the Okavango Delta and 2006 in the Kwando-Linyanti systems, tsetse fly
has not been found [17]. There were reports, however, that the deltamethrin spraying nega‐
tively affected other nontargeted organisms such as Cyrtobagous salvinae, with recovery in
abundance after spraying [18].

Year of control Method of control Insecticide used

1960–1972 Residual ground spraying DDT

1970–1990 Nonresidual aerial spraying Endosulfan and pyrethroids

1990–2000 Traps and targets Deltamethrin

2000 onwards Aerial spraying Deltamethrin

Source: Ingram [17].

Table 1. Insecticides used for the different control methods for tsetse fly.
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4. Insecticide resistance studies in Botswana

4.1. Mosquitoes

4.1.1. Esterases in Culex mosquitoes

The global spread of resistant genes acts as an example of evolution in action showing how
selective forces, genetic variability, gene flow, migration, and life history can interact to
produce changes in gene frequency. Two types of esterases are known and coded for loci est-
A and est-B, corresponding to the production of esterases A and B, respectively [19]. These
two elevated esterases have been shown to be overproduced as a result of amplification. This
being said, several copies of one gene found on the same genome of the structural genes coding
for them may happen in isolation or together [20, 21]. However, this is the major mechanism
associated with organophosphate resistance in Culicine mosquitoes [22]. The association of
these esterases has been found to be globally widespread in Culex pipiens complex mosquitoes,
with highly active esterases A2 and B2 being shown to be strongly associated with organo‐
phosphate resistance in strains of Culex quinquefasciatus from California [23], West Africa [24],
Kenya [25], Thailand and South Africa [26], and Vietnam [27]. Esterase B1 has been linked to
North America and the Far East in Culex mosquitoes collected in Foshan [28]. Resistance by
this massive overproduction of these esterases is conferred in a way that enzymes are able to
detoxify the ester-based organophosphorus insecticides by hydrolysis to produce a nontoxic
ionic metabolite. At the same time, the increased production of esterases can effectively
sequester the insecticide and prevent it from reaching its target site [29].

A study was conducted in order to establish the concept of migration and the widespread of
these esterases and whether they are present in mosquitoes sampled in Botswana. Their
presence will be a clear indication of the possibility of resistance demonstrated by the mos‐
quitoes due to the selection pressure from the use of insecticides.

The mosquito larvae were collected from two areas in the southern part of Botswana: Gaborone
and Molepolole. The areas are at least 50 km apart and have different economic activities.
Gaborone is a city whilst Molepolole is a village. Single larvae at third and fourth instar and
the adults were used for the experiment. The adults were identified as that of Culex specie from
both collection sites. The presence of esterases was determined by subjecting each homoge‐
nised larvae and adult to a nondenaturing 7.5% PAGE gel to reveal the esterase bands.

Esterases identified as A2–B2 were revealed in the Molepolole strain, in both the adults and
the larvae (Figure 1)

Esterase activity was determined by carrying out esterase and protein assays on the same
homogenates of the single larvae and adults. The method used was described by Callaghan
[30]. The results showed that esterase activity also varied in the larval and the adult stages for
these mosquitoes from the two areas. In the Gaborone strain, the esterase activity for the Culex
larvae was up to 50 μmol of β-naphthol per microgram of protein, whilst that of the adults
ranged from 101 to 150 μmol of β-naphthol per microgram of protein. The results revealed
that esterase activity increased in almost 35% of the population tested upon reaching the adult
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stage. However, contrary to the results of the Gaborone strain, the esterase activity was found
to be high at the larval stage.

The origin of the amplified A2–B2 esterases is yet to be identified. The appearance of resistance
to organophosphates among populations of C. pipiens complex mosquitoes in Africa was
reported in 1967 [31] and in Asia around 1968 [32]. On the basis of earlier reports of organo‐
phosphate resistance, Africa is thought to be the origin of amplification, but the first use of
organophosphates in the continent is not well documented. According to Raymond et al. [33],
the occurrence of overproduced esterase B1 is relegated to Asia and North America, but not
in Africa. The distribution of B1 unlike the A2 and B2, which have been shown to be closely
linked, has not yet been studied to elucidate the cause of its geographical spread and impor‐
tance in organophosphate insecticide resistance [20, 34]. However, the presence of B1 esterases

Figure 1. Gel showing the presence of A2B2 esterases from the adult Molepolole strain of Culex mosquitoes. The A and
B esterases preferentially hydrolyse α- and β-naphthyl acetate, respectively. In the Gaborone strain, both the adults
and the larvae revealed the presence of one esterase band B1, which preferentially hydrolysed β-naphthyl acetate (Fig‐
ure 2a and b).
 

(a)  (b) 
 

Figure 2. (a). Gel showing the presence of B1 esterases from the adult Gaborone strain of Culex mosquitoes. (b). Gel
showing the presence of B1 esterases from the larvae of the Gaborone strain of Culex mosquitoes.
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as shown in the Culex mosquitoes collected from Molepolole indicated that esterase B1 has
slowly found its way into Southern Africa.

The distribution of A2–B2 esterases in Africa, Asia, and North America may have been
attributed to migration events [33]. This spread was also inevitable in the city of Gaborone.
Botswana shares borders with South Africa where the presence of A2–B2 has been reported in
organophosphate resistant strain of Culex pipiens [26]. This spread could have also been due
to frequent migration of people between the two countries through visits, tourism, and trade.
It is also not surprising that the spread of esterase B1 found itself into every town and village
in the country through the Asian and Chinese traders, where only esterase A2–B2 was known
to be dominant, such as in Africa. Thus, the presence of esterase B1 in Gaborone is as a result
of migration of the esterase genes from areas of known prevalence such as North America,
Asia, and China. Gaborone is an urban area where domestic and industrial pesticide spraying
is randomly carried out. The high esterase activity displayed by the adults in the Gaborone
strain may have been acquired initially at the larval stage and increased in the adults due to
increase in the resistance from the kill of these chemicals.

The study has also shown that the possibility of resistance in mosquitoes is not restricted to
one developmental stage. However, the esterase patterns in the developmental stages were
the same, indicating that the same esterase genes are responsible for resistance throughout
development from the larvae to adult stages, in both strains. Reasons for the increase in esterase
activity in the larvae of Molepolole strain could be attributed to the fact that the area is a village
within which there are farms lands and rearing of livestock. There is an extensive amount of
agricultural practices whereby the application of insecticides on crops or acaricides on
livestock is bound from time to time. These may have found their way into the nearby streams
and gutters, which make good breeding sites for the mosquitoes.

4.1.2. Susceptibility tests on malaria vector, Anopheles arabiensis

Malaria is distributed in the northern part of the country, and this is a disease that is of public
health priority to the government of Botswana, as it accounts for over 95% of malaria cases in
Botswana [36]. A. arabiensis is the main malaria vector, and studies conducted in 2006 revealed
that the species is distributed in all malaria areas of Botswana.

In order to reduce malaria transmission, the government of Botswana has engaged in what is
called integrated vector management (IVM), which involves the utilisation of different
interventions, including environmental management, safe, careful, and thoughtful use of
insecticides. One such intervention is the indoor residual spraying (IRS) of insecticides, which
goes back to the 1940s when spraying of human dwellings was initiated [37]. In the 1950s, the
use of diethyl-dichloro-trichloroethane (DDT) started in Botswana for the malaria vector
control using IRS [35]. In 1997, Botswana then introduced insecticide-treated nets (ITNs) to
complement IRS as part of the IVN initiative [38]. Between 1971 and 1973, fenitrothion, which
is an organophosphate, briefly replaced DDT. However, due to the poor efficacy of fenitro‐
thion, DDT was reinstated as the main insecticide to serve together with IRS as Botswana’s
principal vector control intervention against malaria.
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The WHO global strategy for the Malaria control is to break the malaria parasite transmission
by using indoor residual spraying or pyrethroid impregnated materials such as bed nets. It is
during such programmes that the annual vector susceptibility studies are carried out in
Botswana.

Similar studies were conducted [39] to confirm the presence of pyrethroid resistance among
Anopheles gambiae from West Africa (Benin and Burkina Faso), Central Africa (Cameroon), and
A. arabiensis from Southern Africa (Botswana). WHO test kits for resistance tests were used
with the adult mosquitoes being subjected to exposure to permethrin, deltamethrin, and DDT.
From the results, permethrin resistance were detected in Benin, Burkina Faso, and deltameth‐
rin resistance was detected also in Cote d’ Ivoire. Botswana, on the other hand, showed
susceptibility of A. arabiensis towards permethrin and DDT. The results obtained by Coetzee
[40] on the susceptibility status of A. Arabiensis in Botswana using the same three insecticides
were found to be in agreement with the susceptibility tests conducted annually for vector
susceptibility by the Ministry of Health in Botswana. Table 2 presents the summary of the
results.

Insecticide Source: Chandre et al. [39]
Source: Botswana National Strategic Plan

2006–2011 [36]

DDT 99.6 99.09

Permethrin 86.3 90.71

Deltamethrin - 92.47

Table 2. Percentage susceptibility levels of Anopheles arabiensis towards insecticides.

Both studies have been able to show that the malaria vector A. arabiensis does not have an
indication of resistance towards the insecticides used in Botswana as it is fully susceptible to
DDT and pyrethroids. DDT still remains the most sensitive insecticide, when tested against
pyrethroids. Baseline studies were carried out on insecticide resistance in five Southern African
countries including Botswana. The results showed that there was also complete susceptibility
of A. arabiensis to DDT and pyrethroids [40].

5. Studies on the use of alternatives to chemicals in Botswana

Application of insecticides indiscriminately on agricultural crops can reduce or kill the natural
enemies of insect pests. Continuous use of insecticides as we have already seen can also induce
the resistance development in the targeted pests as well as killing beneficial nontargeted
organisms. However, the detriment can also extend to human health through dietary exposure
of contaminated crops. This great concern has brought about the need for alternatives to
chemical insecticides that can be safe to human and the environment and at the same time
affordable to farmers. Most of these natural insecticides are derived from plants and botanical
insecticides, and some are of microbial type.
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5.1. Microbial and spinosyns

Reports in Botswana have indicated that most insect pests found on agricultural crops have
been subjected to chemical control. Diamondback moth Plutella xylostella, which is a pest of
cabbage, is one such example of insect pest whose control relies heavily on the application of
pyrethroids. It has also been demonstrated that DBM quickly develops resistance to many new
insecticides [41].

Studies were conducted using Bacillus thuringiensis (Bt) [41] and Spinosad [42] as alternatives
to insecticides to demonstrate their efficacy on the diamondback moth (DBM). Bt is a soil
dwelling bacterium and is largely used in agriculture worldwide. It is a natural insecticide that
produces crystals protein (cry proteins), which are toxic to many species of insects but nontoxic
to humans.

Spinosad is derived by fermentation from the soil actinomycete and is effective by both contact
and ingestion to numerous insect species [43]. Bioassays using both natural insecticides were
carried out on the eggs and 2nd instar larvae of DBM. The results using Bt indicated that Bt
was effective against both the eggs and the larvae, whereas spinosad was shown to be more
effective against the eggs than against the larvae. These results were able to demonstrate that
both natural insecticides used in the experiments can achieve effective control of the develop‐
mental stages: eggs and larvae of DBM. However, more bioassays still remain to be done on
other insect pests that cause damage to various agricultural crops commonly grown in
Botswana.

5.1.1. Resistant crop varieties

One other option to using insecticides on crops is to plant crop varieties that are found to be
insect resistant. However, resistant varieties are usually only resistant to one or a limited
number of insect pests. Genetic engineering has been able to allow the transfer of desired genes
from one species to another, resulting in a quicker development of pest-resistant varieties or
transgenic crops. On the evaluation of nine cabbage varieties for resistance to the cabbage
aphid, Munthali [44] concluded that the most resistant cabbage variety would be the one that
has a combination of low aphid numbers and low percentage of damaged leaves per plant.
Notwithstanding, the use of these partially resistant varieties would also be recommended for
use in combination with a low dose of insecticide.

6. Conclusion

The levels of resistance in the two strains of Gaborone and Molepolole for both esterases B1
and A2–B2 are yet to be elucidated by carrying out bioassays against the susceptible strains.
This approach will help to determine whether there is any correlation between esterase levels
and insecticide resistance in these strains. This will also give an indication to the kind of
resistance mechanism that may be conferred in these strains. It is at the DNA level that we can
be able to trace the origin and the migration path of these esterases into Botswana.
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The continuous use of DDT and pyrethroids on ITNs and IRS has shown that A. arabiensis is
susceptible to both insecticides. However, there have been reports of DDT resistance in South
Africa (ANVR, 2005). Monitoring of the current susceptibility status of the malaria vector
Anopheles arabiensis using other insecticides should be encouraged as Botswana continues with
the campaign to eradicate malaria.

Despite the extensive use of insecticides in the agricultural sector in Botswana, it is encouraging
that research is focussing on using alternative insecticides that would not pose any threat to
the environment and humans in any way. This way the agriculture and health sectors can be
able to manage the evolution of insecticide resistance in insect pests of crops and insect vectors
of diseases, respectively.
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Abstract

Imidacloprid is a chloronicotinyl insecticide used widely to control biting and sucking in‐
sects. The over accumulation of this pesticide in environment requires higher awareness
about this pesticide. Present investigation was carried out to analyze the effect of imida‐
cloprid on antioxidant enzymes such as superoxide dismutase, catalase and peroxidase in
soil isolate Bacillus weihenstephanensis isolated after laboratory and field studies on the
toxic effect of imidacloprid. Further, the genes for the three enzymes involved in the anti‐
oxidant defense process in soil isolate Bacillus weihenstephanensis were sequenced and
identified. Study on the effect of 10–7 to 10–3 molar concentrations of imidacloprid for a
period of 24, 48, 72 and 96 h on three antioxidant enzymes superoxide dismutase, catalase
and peroxidase in Bacillus weihenstephanensis showed that there was an increase in the ac‐
tivity of all the three antioxidant enzymes. The enzyme activity increased with an in‐
crease in the concentration of insecticide proving that the inhibitory effect is dose-
dependent. Further, sequencing revealed that Fe/MnSOD (sod A), hydroxyperoxidase
HP(II) (Kat E) and glutathione peroxidase genes were expressed in response to stress in‐
duced by imidacloprid treatment in Bacillus weihenstephanensis. The present investigation
indicates that imidacloprid induces the expression of antioxidant enzymes in the soil iso‐
late Bacillus weihenstephanensis. The synthesis of antioxidant enzymes may be helping Ba‐
cillus weihenstephanensis in resisting the toxic effects of imidacloprid.

Keywords: Imidacloprid, Bacillus weihenstephanensis, Antioxidant enzymes, Genomics

1. Introduction

The insecticides have been used over the past 40 years for protection of crops against insects.
Most insecticides cause pollution of air, soil and water due to application by spraying in large
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quantities. The use of pesticides has become an integral part of the modern agricultural system.
It is estimated that 4 million tons of pesticides have been applied to world crops annually for
pest control [1]. The residual pesticides may become the contamination sources and pose a
serious threat to the soil and groundwater environment through the rainfall infiltration
process. Some pesticides act on biochemical processes that are common to many animals,
plants and microorganisms, and thus are a greater hazard to non-target organisms. Imidaclo‐
prid is a systemic chloronicotinyl insecticide and is used for soils, seeds and foliar applications
for the control of sucking insects, including rice hoppers, aphids, thrips, whiteflies, termites,
turf insects, soil insects and some beetles [2]. The active chemical works by interfering with
the transmission of stimuli in the insect’s nervous system [3]. Imidacloprid is a Category II
acute toxicant, and thus, is classified as a General Use Pesticide. Imidacloprid is hazardous to
the insects, especially honeybees, and also to fish, birds and algae.

In humans it is linked to reproductive and mutagenic effects and is considered neurotoxic.
Reproductive toxicity testing also showed that imidacloprid is an agonist to the acetylcholine
receptors that regulates the endocrine system in the brain [4]. The over accumulation of this
pesticide in environment requires higher awareness about this pesticide. Imidacloprid is
reported to have different impacts on soil bacterial community and also cluster analyzing
clearly showed that imidacloprid has significant negative impact on soil bacterial diversity in
highly polluted farms and soil microbial balance has been gradually upset by the application
of more pesticide.

Oxidative stress is a misbalance between reactive oxygen species (ROS) generation and
detoxification, resulting in increased levels of enzyme activity. ROS are of increasing interest
in environmental toxicity as they may provide insights to toxicity mechanisms and may
identify novel biomarkers. ROS can modify and inactivate proteins in a variety of ways. It is
commonly recognized that Escherichia coli is the most suitable model system for the investiga‐
tion of the cell response to oxidative stress. When organisms or cells are exposed to low levels
of certain harmful physical or chemical agents, the organisms acquire an induced tolerance
against the adverse effects. The effect of hydrogen peroxide on the activity of Sox RS and Oxy
R regulon enzymes in different strains of Escherichia coli has been studied. Exposure to
acetamiprid in Escherichia coli, Pseudomonas and Bacillus subtilis resulted in synthesis of stress
enzymes [5].

The term “genomics” was first used by Winkler to describe the haploid set of chromosomes
and the genes associated with them. Genomics includes many scientific disciplines [6].
Toxicogenomics is the subdiscipline combining the fields of genomics and toxicology [7]. It
has also been described as the study of genes and their products important in adaptive
responses to chemical-derived exposures. The toxicogenomic approach provides opportuni‐
ties to improve understanding of the molecular mechanisms underlying toxic responses to
environmental contaminants [8]. Therefore, the present investigation was carried out to study
the effect of 10–7 to 10–3 molar concentrations of imidacloprid for a period of 24, 48, 72 and 96
h on three antioxidant enzymes superoxide dismutase, catalase and peroxidase in Bacillus
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weihenstephanensis. Further, the genes for the three enzymes involved in the antioxidant
defense process in soil isolate Bacillus weihenstephanensis were sequenced and identified.

2. Materials and methods

2.1. Laboratory experiment

The experiment was carried out during the summer of 2011 at the laboratory of Department
of Biotechnology and Microbiology, Karanatak University, Dharwad, Karnataka. The soil
samples were collected from cotton fields around Hubli city. These fields did not have a history
of imidacloprid applications for the past 5 years. Soil was collected at a depth of 15 cm and
samples were passed through a sieve of 2 mm to remove stones and plant debris. One gram
of soil was mixed with 9 ml of sterilized water and mixed by shaking for even distribution of
soil in water. And 1 ml of solution from this test tube was then added to another test tube with
9 ml sterilized water. This gives a dilution of 10–2 and in the same pattern dilutions up to 10–7

were prepared. And 100 μl of solution from 10–6 dilution was spread on nutrient plates
containing different concentration (125, 250, 500 and 1,000 ppm) of imidacloprid. These plates
were incubated at 37°C for 48 h. After incubation, bacterial colonies were counted using colony
counter and results were expressed as the number of bacteria in 1 g of soil [9].

2.2. Field experiment

Imidacloprid was applied to experimental field at recommended rates and at 1.5× rates on two
plots on same field in replicates, the plot without application served as control. Soil samples
were taken on 7, 14, 21 and 28th day of application. About 1 g of sample was suspended in 9
ml of sterilized water. Serial dilutions were done as mentioned earlier. Then, 100 μl of solution
from 10–6 dilution was spread-plated on nutrient agar plates. These plates were incubated at
37°C for 48 h. After incubation, colonies of bacteria were counted using colony counter and
results were expressed as the number of bacteria in per gram of soil [9].

2.3. Preparation of stock solution of imidacloprid

The stock solution of one molar imidacloprid was prepared and further diluted to give 10–3,
10–4, 10–5, 10–6 and 10–7 molar. Soil isolate was isolated and identified from soil as described in
our previous publication. The bacterium was maintained at 4°C on nutrient agar and sub-
cultured every fortnight. The medium used for toxicity testing was an optimized medium
(dextrose – 0.65 g /l: yeast extract – 1.05 g /l; K HPO –0.30 g/l; NaCl – 0.25 g /l) [9].

2.4. Preparation of inoculum

Pre-inoculum was prepared by inoculating a loop full of bacteria from the overnight incubated
nutrient agar slant cultures on a 100 ml sterilized optimized growth medium and incubated
for 24 h at 37°C under static conditions [9].
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2.5. Identification of bacterial isolate

Imidacloprid tolerant colonies isolated and identified morphological, cultural and biochemical
characters and 16S rDNA identification as described in our previous publication. The pure
culture was grown on nutrient agar medium [10].

2.6. Experimental procedures

Five millilitres of the pre-inoculum was inoculated to 250 ml Erlenmeyer’s flask containing
100 ml of sterilized optimized growth medium amended with different molar concentrations
of imidacloprid. The flasks were incubated at 37°C for 96 h under shaking conditions at 120
rpm on a rotary shaker. At regular intervals, sample was taken out from each flask aseptically
for analysis [10].

2.7. Extraction of enzymes

The cells were centrifuged at 8,000 rpm for 3 min and the pellet was dissolved in 0.2 ml of lysis
buffer (50 mM tris-cl and 10 mM lysozyme). The tubes were incubated at 37°C for 10 min and
centrifuged at 10,000 rpm for 10 min. Supernatant was used as the source of enzyme.

2.8. Estimation of stress enzyme activity

The activity of SOD, catalase and peroxidase were assayed using the supernatant from
centrifugation (15,000 rpm) for 12 min at 4°C homogenate by standard methods [11–12].

2.9. Isolation of genomic DNA

The genomic DNA was isolated from soil isolate SP-03 by CTAB method. The DNA stock
samples were quantified using Nanodrop spectrophotometer at 260 and 280 nm using the
convention that one absorbance unit at 260 nm wavelength equals 50 μg DNA per ml. Quality
and purity of DNA were checked by agarose gel electrophoresis. The DNA was used further
for PCR. And 250 μl of the isolated genomic DNA was taken and treated with 1 μl of RNase
enzyme and incubated at 37°C in a water bath for 30 min and further incubated at 60°C for 10
min in the water bath and used as a template with PCR mix [13].

Contents Volume (µl)

10× Taq Assay buffer
MgCl2

Template
Primers (Forward + Reverse) (10 pM)

dNTP mix
Taq DNA polymerase

HPLC grade water

1.0
0.5
2.0

1 + 1
0.4
0.3
3.8

Table 1. Composition of PCR mix
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SL. No. Antioxidant enzyme Primer

1 Superoxide dismutase (SOD) Forward- 5-atagcttggcagagcgacat
Reverse- 5-tatacgcctcattgcagcag

2 Catalase (CAT) Forward -5-ggaaaccactggcaggtaaa
Reverse- 5-ctgccgatctcacttcatca

3 Peroxidase (POX) Forward- 5-tcacaaaccgttcatttcca
Reverse- 5-ccagagctgcttcgtaatcc

Table 2. Primers of stress enzymes

Steps Temperature (°C) Time Cycles

Initial denaturation 95 2 min 1

Final denaturation 94 30 sec

30Annealing* 30 sec

Extension 72 90 sec

Final extension 72 10 min 1

*mentioned in text

Table 3. PCR Conditions

The annealing temperatures for catalase peroxidase and for superoxide dismutase were 46°C.

2.10. Statistical analysis

Statistic significance between the control and the experimental data were subjected to analysis
of variance (ANOVA) followed by post-hoc Dunnett’s test (P ≤ 0.05) [9].

3. Results

3.1. Effect of imidacloprid on soil bacterial populations in laboratory studies

The result of the laboratory study is given in Table 1. Application of imidacloprid at 125, 250,
500 and 1,000 ppm resulted in 9.80, 08.40, 6.73 and 5.60 × 10–6 colonies (P < 0.05) when compared
to 11.05 × 10–6 in control plates (Graph 1).

3.2. Effect of imidacloprid on soil bacterial populations in field studies

In the field studies, imidacloprid was applied in both recommended and ×1.5 rates and the
results are given in Graph 2. The results showed that imidacloprid-treated fields at recom‐
mended and ×1.5 rates showed significant (P < 0.05) decline in bacterial counts at different
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post-application intervals when compared to control, but the colony count increased with the
time.

Graph 1. Effect of imidacloprid on bacterial populations in the soil under laboratory conditions

3.3. Identification of soil isolate

The bacterial strain SP-03 isolated from soil was a rod-shaped, Gram-positive bacterium,
facultatively anaerobic, grows at 5–40°C, at pH 6–7; produce subterminal ellipsoidal endo‐
spores; white-colored colonies; positive for catalase activity, Voges-Proskauer, starch hydrol‐
ysis and oxidase; and negative for methyl red, gelatin liquefaction, production of indole and
citrate. The 16S rDNA gene of SP-03 was isolated and sequenced. This 16S rDNA gene sequence
was then compared with previously published 16S rDNA gene sequences and based on
matches the strain was classified as a member of the genus Bacillus. The sequence of strain
SP-03 displayed the highest identity (100%) with the 16S rDNA gene of Bacillus weihenste‐
phanensis KBAB4 (GenBank Accession Number: HG 486214.1) (Figure 1, 2). The Bacillus
weihenstephanensis showed highest growth at 22°C and at pH of 7.0.

3.4. Effect of imidacloprid on antioxidant enzymes in Bacillus weihenstephanensis

On exposure of Bacillus weihenstephanensis to various molar concentrations (10–3 to 10–7) of
imidacloprid for 24, 48, 72 and 96 h, there was a significant (P ≤ 0.05) increase in the activity of
antioxidant enzymes studied. There was a significant increase (P ≤ 0.05) in the activity of
superoxide dismutase (Graph 3), catalase (Graph 4) and peroxidase (Graph 5) in all the treated
groups. The antioxidant enzyme activity increased with an increase in the concentration of
imidacloprid.

3.5. Gene isolation and sequencing of the stress enzymes of Bacillus weihenstephanensis on
exposure to imidacloprid

In the present gene sequencing study, different markers of 400, 600, 1,000 and 1,200 bp (Figure)
6) were run along with our test sample. The superoxide dismutase gene was corresponding to
624 bp. This gene was isolated, eluted and sent for sequencing. The sequence was received and
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this was subjected to NCBI BLAST which revealed that the nucleotide sequence was of 624
letters bearing accession number YP_001648011.1 that showed 100% query coverage with
Bacillus weihenstephanensis Fe/MnSOD (sod A) (Figure 3). The gene for catalase corresponded
band at 800 bp. The isolated gene was eluted and sent for sequencing. The received sequence,
subjected to NCBI BLAST revealed that the nucleotide sequence was of 800 letters bearing
accession number YP_001647388.1 and showed 100% query coverage with Bacillus weihenste‐
phanensis Hydroxyperoxidase HP(II) (Kat E) (Figure 4). The gene for peroxidase that corre‐
sponded to 480 bp was isolated, eluted and sent for sequence analysis (Table 2, 3). The sequence
report was received, which was subjected to NCBI BLAST which revealed the nucleotide
sequence of 480 letters bearing accession number YP_001644822.1 and showed 100% query
coverage with glutathione peroxidase of Bacillus weihenstephanensis (Figure 5).

4. Discussion

4.1. Effect of imidacloprid on soil bacterial populations in laboratory and field studies

Results obtained in laboratory studies showed significant (P < 0.05) decrease in bacterial count
when compared to that of control. A gradual decrease in bacterial count is observed with
increase in concentration of imidacloprid, with minimal count reported at 1,000 ppm. The
results obtained were similar to results reported earlier in a study involving five other
pesticides [14].

The results indicate toxic effect of imidacloprid on bacterial populations. Results obtained from
bacterial enumeration of imidacloprid-treated soils at recommended rate showed significant
(P < 0.05) decrease in bacterial numbers, proving negative effect of imidacloprid on bacteria.
This negative effect reduced after 14 days of treatment. The negative effect of imidacloprid
was vanished by 28th day of application, indicated by bacterial count, which was almost
similar to pre-treatment count. Similar results were reported in a study involving imidacloprid
and five other pesticides; in the study the toxic effect was vanished by 21st day of imidacloprid
application [14].

The different studies have shown that the impact of pesticides application microorganisms
present in soil is variable. The impact depends on interaction between microorganisms and
active substances and formulation. It also depends on surfacing of specific group of microor‐
ganisms [15]. The microorganisms can develop the ability to use an applied pesticide as a
source of energy and growth [16].

The initial decrease in bacterial count is expected as pesticides are known to affect the microbial
populations by controlling the survival and reproduction of individual species. Initial
reduction in microbial count is also reported in studies involving different pesticides such as
endosulphan, cypermirithin thiodan, etc. [12, 17–18], and herbicides like glyphosate, atrazine,
simazin and alachlor [19–22] when applied at recommended rates. It has been observed in
many studies that pesticides stimulated the mineralization rate of organic carbon in compar‐
ison with control samples [23–24]. Microorganisms susceptible to toxic effects of pesticides are
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removed from the population of soil microflora. The pesticides kill the bacterial cells by
penetration and disturbing the cell metabolism.

Graph 2. Effect of imidacloprid on bacterial populations in soil under field conditions

The reduction in the number of sensitive microorganisms and increase in resistant microor‐
ganisms lead to reduced soil microbial biodiversity. The increase in bacterial numbers after
14th day may be due to the ability of bacteria to degrade toxic compounds like pesticides [25].
The growth of pesticide-resistant microorganisms may compensate the loss of pesticide-
sensitive microorganisms in the population [24]. The addition of fungicide leads to increase in
bacterial populations due to no competition with fungi or antagonistic inhibition by fungi [26].
Bacteria are known to become resistant to toxic compound with production of specific
degrading enzymes [27].

The application of 1.5× of imidacloprid showed significant (P < 0.05) decrease in bacterial
number. The results were similar to recommended rates, but bacterial numbers increased
slowly. These results were comparable to the results reported in similar studies with pesticides
like metoalchlor, atrazine, dimethoate and endosulfan [20, 22, 28–29].

Figure 1. Bacillus weihenstephanensis
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4.2. Identification of soil isolate

The bacterial strain SP-03 isolated from soil was a rod-shaped, Gram-positive bacterium,
facultatively anaerobic, grows at 5–40°C, at pH 6–7; produce subterminal ellipsoidal endo‐
spores ; white-colored colonies; positive for catalase activity, Voges-Proskauer, starch hydrol‐
ysis and oxidase; and negative for methyl red, gelatin liquefaction, production of indole and
citrate. The 16S rDNA gene of SP-03 was isolated and sequenced. This 16S rDNA gene sequence
was then compared with previously published 16S rDNA gene sequences and based on
matches the strain was classified as a member of the genus Bacillus. The sequence of strain
SP-03 displayed the highest identity (100%) with the 16S rDNA gene of Bacillus weihenstepha‐
nensis KBAB4 (GenBank Accession Number: HG 486214.1). The Bacillus weihenstephanensis
showed highest growth at 22°C and at pH of 7.0.

Figure 2. Phylogenetic tree of Bacillus weihenstephanensis

4.3. Antioxidant enzymes

Partial reduction of oxygen to water during microbial respiration gives rise to reactive oxygen
intermediates, e.g. superoxide radicals, hydrogen peroxide and hydroxyl radicals. Microor‐
ganisms have developed efficient enzymatic and nonenzymatic mechanisms to eliminate these
toxic and mutagenic reactive oxygen species. Superoxide is eliminated by dismutation to
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H2O2 catalyzed by superoxide dismutase and accumulation of H2O2 is prevented by the action
of catalases and peroxidases [30].

Numerous pesticides such as paraquat, DDT, PCB, Arochlor, etc. have been used as model
factors inducing oxidative stress both in vivo and in vitro [31]. The tissue damage occurs due
to conversion of pesticides to free radicals or superoxide radical during their metabolism.
Organisms exposed to different concentrations of xenobiotics have the risk of carcinogenic
effect, neurological actions and brain damage [32]. The organisms have developed some
mechanisms to control the amount of hydroxyl and superoxide radicals generated to overcome
the toxic effects of xenobiotics. Antioxidants quickly scavenge the hydroxyl and superoxide
radicals generated. The antioxidants can be enzymatic or nonenzymatic which safely interact
with free radicals and terminate the chain reactions before vital molecules are damaged. The
antioxidant enzymes include catalase, superoxide dismutase (SOD), glutathione reductase,
glutathion-S-transferase and glutathione peroxidase [33].

Graph 3. Effect of imidacloprid on SOD activity in Bacillus weihenstephanensis

Significant increase in activity of SOD compared with the control may be due to the toxic effects
of imidacloprid. ROS depends on the oxidative metabolism of xenobiotics or endogenous
compounds. The antioxidant defense systems work by lowering the concentrations of xeno‐
biotics rather than complete elimination. When the ROS generated exceeds the antioxidants’
capability of that cell, it results in oxidative stress [34].

The stress-mediated cytotoxicity results due to oxidative processes and loss of key antioxidant
enzymes. Escherichia coli, Salmonella typhimurium and mammalian cells induce antioxidant
proteins in response to oxidative stress [35]. It is suggested that an increase in SOD and CAT
might be in response to increased oxidative stress or might be due to compensatory response
to oxidative stress induced by this xenobiotic. Superoxide dismutase, catalase and peroxidase
are the enzymes that participate in the protection against reactive oxygen species.

Catalase is one of the most efficient antioxidants known so far. It is present in peroxisomes of
nearly all aerobic cells and protects the cells from the toxic hydrogen peroxide effects by
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radicals. In addition, catalase is known to act on toxic compounds by per oxidative reactions.
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It is demonstrated that acetamiprid-induced oxidative stress on Escherichia coli, Pseudomonas
sp and Bacillus subtilis resulted in elevated superoxide dismutase and catalase activities to
antagonize oxidative stress [5].

Graph 4. Effect of imidacloprid on catalase activity in Bacillus weihenstephanensis

The present study revealed that the catalase activity was significantly increased in all the
groups with increase in the dose and durational exposure of imidacloprid to Bacillus weihen‐
stephanensis. Similarly, it has been reported that induction of major antioxidant enzymes, such
as superoxide dismutase and catalase, were observed after their exposure to a single oxygen
generating system in Escherichia coli. It is suggested that response to low concentrations of
hydrogen peroxide induces catalase in Escherichia coli during logarithmic growth [36].

Peroxidase is found among animals, plants and microorganisms, where they perform essential
roles in the metabolism. To prevent the lethal effects of such metal-ion-catalyzed oxidation
(MCO), bacterial cells have evolved protective mechanisms to neutralize the formation of toxic
oxygen radicals. For instance, small molecule antioxidants, such as catalases and peroxidases,
have been reported to play protective roles in the enteric bacteria in Pseudomonas sp. and in
Bacteroides sp. [37].

The enzyme peroxidase is an important antioxidant enzyme, which plays a pivotal role in plant
growth and development. The presence of phenol substances leads to enhanced activity of
peroxidase (POD). The POD helps in providing resistance to stress and self-defense by
increasing the rate of respiration under stress conditions [38].

The present study revealed that the peroxidase activity in the treated groups increased
significantly in higher dose (10–5, 10–4 and 10–3 M) of exposure and there was no significant
increase observed in the lower dose (10–7 and 10–6 M) of imidacloprid in Bacillus weihenstepha‐
nensis. Similar results were reported in other organisms which suggest that a gradual increase
of catalase or peroxidase production in aging cultures is not surprising since catalase and/or
CP is one of the radical-scavenging enzymes in cells in response to oxidative stress [39]. On
the other hand, several organisms produce two or more catalase peroxidase, whereby one
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enzyme was expressed at the end of exponential growth and during the stationary phase. This
behavior was observed in Escherichia coli, Pseudomonas putida, Streptomyces coelicolor and
Arcobacter nitrofigilis [40]. It is also reported that superoxide dismutase and peroxidase form
the first line of defense against reactive oxygen species [41].

The significant increase in the antioxidant enzymes activity observed in the present study may
be due to synthesis of these enzymes as a response to chemical stress induced by imidacloprid
or due to inhibition of the membrane-bound enzymes by affecting the enzyme complex,
oxidative stress-mediated cytotoxicity enzymes, induction of antioxidant proteins in response
to oxidative stress [42].

4.4. Gene sequencing of stress enzymes of Bacillus weihenstephanensis on exposure to
imidacloprid

The research in life sciences is affected significantly by the mapping of the genes and genomes
of organisms. The related mapping technology is changing the current understanding of
biological systems [43]. The application of life science areas of toxicology, genetics, molecular
biology and environmental health to describe the response of organisms to environmental
stimuli is called toxicogenomics. The toxicogenomics is developed in the past 15 years and will
help in advancing the scientific basis of risk assessments for the environmental contaminants
[44].

In the present study, the exposure of Bacillus weihenstephanensis to imidacloprid resulted in the
expression of manganese containing superoxide dismutase (sod A) gene. MnSOD and FeSOD
have an extremely broad phylogenetic distribution, being expressed in both prokaryotic
(eubacterial and archaeal) and eukaryotic cells and are quite homologous [45]. Expression of
sod A gene has also been reported for other bacterial species. A strain of Sulfolobus sulfatari‐
cus produced Fe-Mn SOD with half-life of 2 h at 100°C [46]. In a study, superoxide dismutase
producing Bacillus sp. was isolated from Bulgarian thermal spring [47]. In another study,
Thiobacillus denitrificans strain “RT” Fe-superoxide dismutase has been purified with a
molecular weight of 43,000, and is composed of two identical subunits. Aerobically and
anaerobically grown Thiobacillus denitrificans cells contain the same Fe-enzyme with similar

Graph 5. Effect of imidacloprid on peroxidase activity in Bacillus weihenstephanensis
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levels of activity. Manometric sulfite oxidation measurements suggest for the enzyme a
protective function of sulfite against the auto-oxidation initiated by superoxide free radicals
[48]. Escherichia coli when grown under anaerobic conditions contained only Fe-SOD, but
exposure to oxygen induced the synthesis of Mn-SOD and New-SOD [49].

Figure 4. Phylogenetic tree of SOD

SOD of B. subtilis is manganese associated as indicated by a high similarity of the putative
amino acid sequence of B. subtilis SodA to those of Mn-Sod from B. caldotenax and B. stearo‐
thermophilus, and presence of four conserved metal-binding sites. This SOD was found in
vegetative cells and in spores [50]. A new, thermostable superoxide dismutase (SOD) from
Bacillus licheniformis M20, is isolated from Bulgarian mineral springs. It is reported that B.

Figure 3. Gel image of stress enzymes amplicon
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subtilis contains a cytosolic Mn-superoxide dismutase [51]. Xenobiotic degrading bacteria
experience oxidative stress, both as directly from the pollutants themselves and from inter‐
mediates generated during biodegradation processes [52]. Depending on the type of oxidative
stress, not only different amounts of proteins can be modified but also different species may
appear. It was shown that the set of oxidized proteins depended on the method of induction
of oxidative stress.

The present study reveals that the genome of catalase encoded in our Bacillus weihenstepha‐
nensis culture on exposure to imidacloprid was Kat E (HPII). HPII and catalase-2 monofunc‐
tional catalases of E. coli and B. subtilis, expressed in the stationary phase, have D-isomer
prosthetic groups with six haem. Catalase from E. coli HPI R., Halobacterizlm halobitlm and
facultative alkalophilic Bacillus species have bifunctional catalase-peroxidases [53–56]. Several
organisms produce two or more catalase/peroxidases, whereby one enzyme was expressed at
the end of exponential growth and during the stationary phase. This behavior was observed
in Escherichia coli, Pseudomonas putida, Streptomyces coelicolor and Arcobacter nitrofigilis [40]. It
has been reported that various bacteria such as Citrobacter freundii, Edwardsiella tarda, Entero‐
baacter aaerogenes, Klebsiella pneumonia and Salmonella typhimurium exhibited patterns of
catalase activity similar to that of HPI and HPII bands of Escherichia coli.

Figure 5. Phylogenetic tree of catalase

Bacterial monofunctional catalases of E. coli HPII [53] and B. subtilis catalase-2, both of which
are expressed in the stationary phase, contain six haem D-isomer prosthetic groups in a
hexameric structure of larger subunits. From the present study of exposure of Bacillus weihen‐
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stephanensis to imidacloprid, it can be concluded that the catalase enzyme can be encoded by
the Kat E (HPII) gene.

The present sequence analysis of the peroxidase gene suggests that Bacillus weihenstephanen‐
sis subjected to imidacloprid expressed the glutathione peroxidase (Tpx) gene. The findings
of study also support a thiol-dependent antioxidant activity for thiol peroxidase in Streptococ‐
cus parasanguis, which protects the organism from stress [57]. It is reported that the bacterial
thiol peroxidases include a pair of cysteine residues and comprise part of the functional group
for the peroxidase activity [58]. Escherichia coli thiol peroxidase is part of an oxidative stress
defense system that uses reducing equivalents from thioredoxin (Trx1) and thioredoxin
reductase to reduce alkyl hydroperoxides [59]. The specific mechanism(s) by which thiol
peroxidase protects Streptococus parasanguis from the toxicant may be similar to those described
for other thiol-specific antioxidants of Escherichia coli. The Mycobacterium sp. strain PYR-1
degrades polycyclic aromatic hydrocarbons, environmental pollutants. It was shown that
inducible catalase-peroxidase of katG gene of this culture is involved in molecular mechanisms
of degradation of these pollutants [60].

Figure 6. Phylogenetic tree of glutathione peroxidase

5. Conclusion

Present investigation was carried out to analyze the effect of imidacloprid on antioxidant
enzymes superoxide dismutase, catalase and peroxidase in soil isolate Bacillus weihenstepha‐
nensis, isolated after field studies on the effect of imidacloprid at recommended and 1.5× rates,
Which showed that there was an increase in the activity of all the three antioxidant enzymes.
The enzyme activity increased with an increase in the concentration of insecticide proving that
the inhibitory effect is dose-dependent. Further, sequencing revealed that Fe/MnSOD (sod A),

Effect of Imidacloprid on Bacterial Soil Isolate Bacillus weihenstephanensis
http://dx.doi.org/10.5772/61503

289



hydroxyperoxidase HP(II) (Kat E) and glutathione peroxidase genes were expressed in
response to stress induced by imidacloprid treatment in Bacillus weihenstephanensis. The
present investigation indicates that imidacloprid induces stress, which results in the expres‐
sion of antioxidant enzymes in the soil isolate Bacillus weihenstephanensis to protect the cellular
components from oxidative damage. Study also reveals that the soil isolate Bacillus weihenste‐
phanensis has developed the resistance to imdacloprid toxicity by synthesis of antioxidant
enzymes. Further research can be performed to use it in the field for pollution monitoring and
risk assessment due to imidacloprid contamination in soil, thereby exploring the possibility of
using soil isolate imidacloprid-resistant Bacillus weihenstephanensis in the study of complex
biological processes and to clean the fields with imdacloprid contamination.
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Abstract

Resistance is the result of bacteria evolving new genes in response to the presence of pes‐
ticide and antibiotics. In our society day by day, a number of chemicals, pesticides, and
antibiotics are introducing due to the result of resistance development of bacteria. Pesti‐
cides are added to the environment for the purpose of killing or injuring some form of
life. Pesticide resistance describes the decreased susceptibility of a pest population to a
pesticide that was previously effective at controlling the pest. Bacteria have been used ex‐
tensively for bioremediation purposes. The ability of organisms to bioremediate pesti‐
cides is mainly based on their biodegradation activity. Methomyl and imidacloprid are
widely using throughout the world as a pesticide. Many pesticide degradation genes
present in soil bacteria have been shown to reside on plasmids or genome, a common lo‐
cation for other degradation genes. The excessive use of pesticides and antibiotic leads
and promotes the development of resistance in the bacteria. An increase in the frequency
of antibiotic resistance in bacteria since the 1950s has been observed for all major classes
of antibiotics used to treat a wide variety of diseases. Development of resistance is a ma‐
jor concern for another reason of human and animal health. Antibiotic resistance profiles
of the isolates must be done earlier to the use of antibiotics in both to choose appropriate
antibiotic for treatment and prevention of the disease. Research into newer antibiotics
continues, measures can and should be taken to reverse the practices that promote the de‐
velopment of antibiotic resistance in bacteria.

Keywords: Resistance, pesticide, methomyl, imidacloprid, antibiotic

1. Introduction

Resistance  is  the  result  of  bacteria  evolving  new  genes  in  response  to  the  presence  of
pesticides and antibiotics, as a result the bacteria will be capable of remain in the surround‐
ings.  A  number  of  xenobiotics  and  antibiotics  are  introducing  due  to  the  result  of  the
resistance development of bacteria. The productive use of any therapeutic agent is conceded
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by the potential development of tolerance or resistance to that compound from the time it
is first applied. These remains very true for the agents are used in the treatment of parasitic
and microbial infections and for the treatment of chronic disorders like cancer and diabetes,
and it apply to conditions caused or suffered by any living organisms, including plants,
insects,  humans,  animals,  fish,  etc.  Many  changes  in  physiological  and  biochemical
mechanisms may be responsible for the incidence of resistance. In the case of antimicrobi‐
al agents and insecticides, the specific complexity of the developments that contributes to
the  emergence  and  spreading  of  resistance  cannot  be  overemphasized,  and  also,  some‐
time  lack  of  basic  information  and knowledge  on  these  issues  is  one  of  the  major  pri‐
mary reasons that there has been very much slight significant achievement in the effective
prevention and control of resistance development in the organisms [1]

2. Pesticides resistance in bacteria

Agriculture is the most essential of the Indian economy. It ensures food security for the biggest
population with shrinking cultivable land resource necessitates use of high yielding variety of
seeds, balanced use of fertilizers, and judicious use of quality pesticides. The indiscriminate
and unplanned use of agrochemicals influences microbial processes that are an essential
component of carbon, nitrogen, and sulfur cycles.

Pesticides are added to the environment for the purpose of killing or injuring the pests.
Pesticides are the chemical substances that kill pests like fungi, insects, worms, nematodes,
etc., which cause damage to field crops. It is almost impossible to control the spreading of
pesticides effect. Even though it is applied in very much small area, it is dissolves in water,
absorbed by soil, and spreads through the air. The contaminated water ultimately reaches
much bigger and new area. These pesticides also frequently trickle into ground water, which
we humans consume, and as a result, these pesticides poison us over a period of time.
However, in addition to these, residual pesticides that remain on the plants are sometimes
consumed by animals and also humans, leading to serious many disorders like cancer and
even sometimes death. The excessive use of pesticides leads to an accumulation of a huge
amount of pesticide residues in the food chain and drinking water environment that further
leads to a substantial health hazard for the current and future generations due to uptake and
accumulation of these toxic compounds [2]. Majority of agrochemicals devoid of mutagenic
activity and induce their effects by genotoxic or non genotoxic modes of action. However, in
some cases, the modes of action are known and they give a clear indication of the likely human
hazards, but in many cases, the data are lacking or incomplete resulting in a more conventional
approach toward human hazard and risk assessment [3].

Pesticides can be classified according to their toxicity, chemical group, environmental persis‐
tence, target organism, or other features. Classes of organic pesticides (consisting of organic
molecules) include organochlorine, organophosphate, organometallic, pyrethroids, and
carbamates among others [4]. The use of explosives, refrigerants, pesticides, solvents, and
many dyes in urban, industrial, and agricultural applications results into the release of

Insecticides Resistance296



by the potential development of tolerance or resistance to that compound from the time it
is first applied. These remains very true for the agents are used in the treatment of parasitic
and microbial infections and for the treatment of chronic disorders like cancer and diabetes,
and it apply to conditions caused or suffered by any living organisms, including plants,
insects,  humans,  animals,  fish,  etc.  Many  changes  in  physiological  and  biochemical
mechanisms may be responsible for the incidence of resistance. In the case of antimicrobi‐
al agents and insecticides, the specific complexity of the developments that contributes to
the  emergence  and  spreading  of  resistance  cannot  be  overemphasized,  and  also,  some‐
time  lack  of  basic  information  and knowledge  on  these  issues  is  one  of  the  major  pri‐
mary reasons that there has been very much slight significant achievement in the effective
prevention and control of resistance development in the organisms [1]

2. Pesticides resistance in bacteria

Agriculture is the most essential of the Indian economy. It ensures food security for the biggest
population with shrinking cultivable land resource necessitates use of high yielding variety of
seeds, balanced use of fertilizers, and judicious use of quality pesticides. The indiscriminate
and unplanned use of agrochemicals influences microbial processes that are an essential
component of carbon, nitrogen, and sulfur cycles.

Pesticides are added to the environment for the purpose of killing or injuring the pests.
Pesticides are the chemical substances that kill pests like fungi, insects, worms, nematodes,
etc., which cause damage to field crops. It is almost impossible to control the spreading of
pesticides effect. Even though it is applied in very much small area, it is dissolves in water,
absorbed by soil, and spreads through the air. The contaminated water ultimately reaches
much bigger and new area. These pesticides also frequently trickle into ground water, which
we humans consume, and as a result, these pesticides poison us over a period of time.
However, in addition to these, residual pesticides that remain on the plants are sometimes
consumed by animals and also humans, leading to serious many disorders like cancer and
even sometimes death. The excessive use of pesticides leads to an accumulation of a huge
amount of pesticide residues in the food chain and drinking water environment that further
leads to a substantial health hazard for the current and future generations due to uptake and
accumulation of these toxic compounds [2]. Majority of agrochemicals devoid of mutagenic
activity and induce their effects by genotoxic or non genotoxic modes of action. However, in
some cases, the modes of action are known and they give a clear indication of the likely human
hazards, but in many cases, the data are lacking or incomplete resulting in a more conventional
approach toward human hazard and risk assessment [3].

Pesticides can be classified according to their toxicity, chemical group, environmental persis‐
tence, target organism, or other features. Classes of organic pesticides (consisting of organic
molecules) include organochlorine, organophosphate, organometallic, pyrethroids, and
carbamates among others [4]. The use of explosives, refrigerants, pesticides, solvents, and
many dyes in urban, industrial, and agricultural applications results into the release of

Insecticides Resistance296

xenobiotic compounds into the environment, and the problem of such toxic waste disposal has
become enormous due to the proliferation of these xenobiotic compounds. Many xenobiotic
compounds, particularly those used as insecticides, are toxic. Insecticides have been reported
to affect the microbial populations by controlling the survival and reproduction of species.

Biodegradation and bioremediation are identical processes to an extent that both of these are
based on the conversion or metabolism of many chemicals and pesticides by microorganisms.
Here, the difference is that biodegradation is a natural process while bioremediation is a
technology. A successful bioremediation technique requires an efficient bacterial strain that
can degrade largest pollutant to minimum level [5]. Soil microorganisms play a key role in
biodegradation. Soil microorganisms are of great concern for using in biotechnology because
they are able to metabolize and degrade many of pollutants and pesticides. Simultaneously,
on the other hand, microbial degradation can lead to formation of more toxic and persistent
metabolites. Although the soil microbial population are characterized by their adaptability to
the changed environmental condition, fast flexibility and the application of pesticides in long
term as well as in short term can cause significant irreversible changes in their population.

Bioremediation constitutes an attractive alternative to physicochemical methods of remedia‐
tion, as it is less expensive and can selectively achieve complete destruction of organic
pollutants. In bioremediation, microbes that can degrade the pesticides in-situ are used. For a
successful bioremediation technique, an efficient bacterial strain that can degrade largest
pollutant to minimum level is required. In predicting the persistence of synthetic chemicals in
soil, sediment, and natural water, it is necessary to determine the role of endogenous micro‐
organisms in the overall degradation process.

The ability of organisms to bioremediate pesticides is mainly based on their biodegradation
activity. Although bioremediation has been firstly achieved using microorganisms (bacteria
or fungi), other organisms like plants or algae can be used. To eradicate undesirable effects of
pollutants from the environment the strategy of bioremediations are used. However, this
method is not always possible and sometimes it would be appropriate to eliminate pollutants,
although some organisms could restrict or immobilize them. For an instance, the used
organisms can accumulate contaminants and to some extent decrease their presence and their
environmental effect, but they do not completely eliminate them from the environment. Those
organisms able to bioremediate would be called bioremediators. Traditionally, bioremediation
has been achieved by using microorganisms [6].

Pesticide resistance describes the decreased susceptibility of a pest population to a pesticide
that was previously effective at controlling the pest. Pest species develop pesticide resistance
via natural selection; as a result, the highest resistant varieties survive and continuously
transfer their genetic traits to their next generation [7]. Many times, when pesticide degradation
happens, it usually involves more than one microorganism, i.e., each microorganism contrib‐
utes to the process of biodegradation reactions on pesticides. However, there is no evidence,
and an example of mineralization by a single strain has been described. It shows that the
presence of different microorganisms is essential for an adequate and significant biodegrada‐
tion. Reported micro-biodegraders belong to Basidiomycetes or to bacterial classes: gamma-
proteobacteria (Pseudomonas, Aerobacter, Acinetobacter, Moraxella, and Plesiomonas), beta-
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proteobacteria (Burkholderia and Neisseria), alpha-proteobacteria (Sphingomonas),
actinobacteria (Micrococcus), and flavobacteria (Flavobacterium) [6].

Many studies have focused on the employment of bacteria, consortia or on the search for
biotransformation enzymes. Bacteria have been used extensively for bioremediation purposes
due to their fast growth, easy handling, and low cost, making them suitable for bioremediation.
However, some disadvantages are there, such as the pathogenicity of bacteria, disposal of
bacterial biomass, and bioactivation, among others. Bacteria can be found in the environment
everywhere such as soil, water, or even in particles dispersed in air. Unfortunately, only a small
segment of bacteria (<10% from soil) can be cultured in laboratory conditions. Because of this,
a number of studies about pesticide biodegradation mechanisms are less than those about
biodegrader’s isolation and then slight information on biochemical mechanisms or enzymes
is accessible.

Pollutants might undergo biodegradation reactions like cleavage, oxidation, de-chlorination,
reduction by different enzymes. Since biodegradation capability is based on enzymes, which
are promiscuous and have evolved to detoxifying enzymes, the shorter the duplication time
of organism and the more sufficient the organism, the easier to obtain biodegraders. Therefore,
bacteria with replication time around or less than minutes are much admirable to respond to
natural and artificial pollutant-induced evolutionary pressure; this response is involved in the
selection of biotransformation enzymes able to degrade them. These promiscuous enzymes
are present in the organisms; even before the exertion of the evolutionary pressure, the induced
genetic recombination or mutation in the organisms could lead to enzymes with better
biodegradation ability [6].

The carbamates are mainly used in agriculture, as insecticides, fungicides, herbicides, nema‐
tocides, or sprout inhibitors; also, it is used as a potential in public health vector control. In
addition, these carbamates are used as biocides for industrial or other applications and in
household products. As a result, these chemicals are part of the large group of synthetic
pesticides that have been developed, produced, and used on a large scale in the society and
environment. They are derivatives of carbamic acid and like organophosphates; the mecha‐
nism of action of these chemicals is that inhibiting the vital enzyme acetyl cholinesterase is
reversible as compared to organophosphates, which is irreversible. Exposure to cholinesterase
inhibiting agents is considered as a major health problem for the farm workers throughout the
world.

Three classes of carbamate pesticides are generally known. The carbamate herbicides have the
general structure R1NHC(O)OR2, in which R1 and R2 are aromatic and/or aliphatic moieties.
The carbamate ester derivatives, used as insecticides (and nematocides), are usually stable and
have a low vapor pressure and low water solubility. Fungicide carbamate contains a benzi‐
midazole group. Carbamates are metabolized by microorganisms, plants, and animals or
broken down in water and soil. Soil microorganisms have the capacity of metabolizing
(hydrolyzing) carbamates and can easily acclimate themselves to metabolize the different
types of carbamates. However, at the high dose levels of carbamates, their metabolites cause
changes and can significantly affect the microflora, which may be of importance in soil
productivity. Some of the common names of the carbamate insecticide are aldoxycarb,
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allyxycarb, aminocarb, bufencarb, butacarb, carbanolate, carbaryl, carbofuran, aldicarb,
methomyl, oxamyl, thiofanox, thiodicarb, etc.

2.1. Methomyl

Methomyl is widely used throughout the world since it is effective as “contact insecticide” as
well as “systemic insecticide.” The IUPAC name of methomyl is S-methyl N-(methylcarba‐
moyloxy) thioacetimidate. Methomyl belongs to a class of compounds known as oxime
carbamates, and it is widely used for the control of insects and nematode pests by inhibiting
the enzyme acetylcholinesterase, which hydrolyzes the neurotransmitter acetylcholine [8].
Methomyl has been classified as a pesticide of category-I toxicity [9]. Methomyl is a metabolite
of thiodicarb, and acetimidate is a suspected oncogen, which is metabolite in animal tissues
[10]. Methomyl is endocrine disruptor and also potent genotoxic, capable of inducing struc‐
tural and numerical chromosomal aberration in mammalian cells [11]. The World Health
Organization (WHO), Environment Protection Agency (EPA), and European Chemical
Classification (ECC) classify methomyl as a very toxic and a most hazardous pesticide.
Methomyl is highly soluble in water (57.9 g/liter, at 25°C [8]), and since the sorption affinity
of soils for this pollutant is rather low, it can easily cause contamination of both ground and
surface water resources [12].

The study of methomyl-induced alteration in mice hepatic-oxidative status and methomyl-
induced  gonadal  dysfunction,  biochemical  contents,  and  enzyme activities  in  mice  sug‐
gests that chronic exposure to methomyl insecticide has deleterious effect on mouse liver
and also showed effect on reproductive system in mice. Therefore, the application of such
insecticide  for  designed  program  should  be  limited  or  special  care  should  be  taken  to
minimize its hazards [13, 14].

Many pesticide degradation genes present in soil bacteria have been shown to reside on
plasmids, a common location for other degradation genes [15, 16]. Some plasmids are known
as catabolic plasmids because they bear genes encoding for enzymes capable of degradation
and such plasmids have been of great attraction. The organisms containing the catabolic
plasmids have the ability to degrade certain compounds. Many catabolic plasmids have been
found in species of Actinobacter, Flavobacterium, Pseudomonas, Alcaligenes, Klebsiella, Moraxel‐
la, and Arthrobacter [17].

The innovation of microorganisms capable of tolerating or growing in high concentrations of
pesticides provides a potentially interesting possibility for treating hazardous wastes [18].
Some investigations resulting in the identification of microbial isolates, which are apparently
responsible for the accelerated degradation of individual pesticides, is necessary [19]. Many
xenobiotic degradation genes present in soil bacteria have been shown to reside on plasmid,
a common location for other degradation genes [20]. The study of plasmid curing suggests that
the degrading ability for methomyl is encoded in the plasmid for the genus Pseudomonas
aeruginosa [21]. Soil microbial populations, particularly members of Pseudomonas, Bacillus, and
Escherichia coli have evolved the considerable nutritional versatility and are capable of the
degradation of a range of complex, naturally occurring aromatic and aliphatic compounds. An
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interesting feature of these degradative plasmids is that they have been isolated almost
exclusively from the species of the genus Pseudomonas, Bacillus, and E. coli [22].

It is suggested that the detoxification metabolism occurs when a microorganism uses the
pesticide as a carbon and energy source and the process is assisted by resistant microorganisms
[23]. The plasmid-coded biodegradation of methomyl may be due to the broad host range
plasmids and selection pressures on spontaneous mutants due to the presence of xenobiotics,
vertical gene transfer, or horizontal gene transfer, including transposons and broad host range
plasmids and selection pressures on spontaneous mutants due to the presence of xenobiotics
or due to strains that harbor a single plasmid with a role in pesticide biodegradation [24].

The proteomic profiling of E. coli in response to carbamate pesticide–methomyl research work
was conducted by Kulkarni and Kaliwal [25]. The study suggests that the proteomic profiling
is a sensitive tool for environmental stress diagnosis and that the stress proteins could be used
as biomarkers for environmental pollution identification. Thus, biological decontamination
methods are preferable to conventional approaches because, in general, microorganisms
degrade numerous environmental pollutants without producing toxic intermediates [26, 27].

2.2. Imidacloprid

Imidacloprid is the first synthetic neonicotinoid insecticide used against sucking pests, such
as rice hoppers, aphids, thrips, and whiteflies. Imidacloprid has been used widely for foliar
and seed treatment, soil drench, and stem application [28]. Today imidacloprid is used in over
120 countries to treat more than 140 different crops [29]. It is most commonly used on cotton,
rice, cereal, maize, sunflowers, potatoes, and vegetables. The active chemical in imidacloprid
works by interfering with the transmission of stimuli in the insect’s nervous system. Imida‐
cloprid is a neurotoxic insecticide, which belongs to the class of the neonicotinoid pesticides.
Imidacloprid is registered to control insect pests on agricultural and nursery crops, structural
pests, and parasites on companion animals. Imidacloprid is an agonist of the nicotinic
acetylcholine receptor (nAChR) at the neuronal and neuromuscular junctions in insects and
vertebrates. It is structurally and functionally related to nicotine. The toxicity of imidacloprid
is largely due to interference of the neurotransmission in the nicotinic cholinergic nervous
system. Extended activation of the nAChR by imidacloprid causes desensitization and
blocking of the receptor and leads to incoordination, tremors, decreased activity, reduced body
temperature, and death.

The ability of some microorganisms to grow in the presence of pesticides may result in the
compensation of an adverse effect by the increased activity of remaining part of soil commun‐
ity. Bacteria’s are known to become resistant to toxic compound with production of specific
degrading enzymes [30]. Three imidacloprid tolerant strains were isolated and identified
based on morphology, biochemical characters and 16s rDNA identification as E. coli (Fig. 1),
Brevundimonas sp. MJ 15 (Fig. 2), and Bacillus weihenstephanensis (Fig. 3), and they were
evaluated for their toxicity toward imidacloprid using standard methods to determine their
biochemical contents, growth, and enzyme parameters on exposure to the toxicant and
concluded that imidacloprid-induced toxicity and stress in bacterial soil isolates. The knowl‐
edge about intoxication effects and conservation of toxicity mechanisms in organisms will
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enable to choose appropriate model organisms for relevant monitoring of specific environ‐
mental toxicants [31].
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Figure 1. Phylogenetic tree of E. coli.
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Figure 2. Phylogenetic tree of Brevundimonas sp. MJ 15.

Genes responsible for pesticide degradation in microorganism have been found to be located
on plasmids, transposons, and chromosomes. Some microbial strains possess genetic deter‐
minants that confer resistance. In bacteria, these determinants are often found on plasmids,
which have facilitated their study at the molecular level [32]. The involvements of plasmids in
degradation of organic xenobiotics were first reported 20 years ago, and the list is increasing
continuously till today [33]. Such type of plasmids have mostly found in xenobiotic degrading
bacteria, after selective isolation of the strain by many methods. Also, direct exogenous
plasmid isolation has yielded several novel catabolic plasmids more recently. The involvement
of plasmids in degradation of pesticides in reported in several studies. Plasmid encode the
genes were found responsible for degradation of anthracene, fenitrothion, carbofuran,
dimethoate, phenanthrene, and dichlorophenoxyacetic acid by Pseudomonas sp., Burkholderia
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 sp., Sphingomonas sp., Bacillus licheniformis, Flavobacterium sp., and Alcaligenes paradoxus,
respectively [34, 35].

3. Antibiotic resistance in bacteria

Antibiotic use promotes the development of antibiotic-resistant bacteria. Every time a person
takes antibiotics, sensitive bacteria are killed, but resistant bacteria may be left to grow and
multiply. Bacteria can be described as being susceptible to, tolerant of, or resistant to specific
antibiotics. When an antibiotic attacks a group of bacteria, those cells that are susceptible will
die.

The primary cause of increase in drug-resistant bacteria is mainly because of repeated and
improper uses of antibiotics. The keen use of antibiotics is the key to controlling the spread of
resistance bacteria. For example, antibiotics should be used for the treatment of bacterial
infections, but many times, they are given for the viral infections such as common cold, most
sore throats, and the flu, for which they have not prepared. Extensive and widespread use of
antibiotics promotes the spread of antibiotic resistance. Antibiotic resistance occurs when
bacteria changes in some way that decreases or eliminates the effectiveness of drugs or other

Figure 3. Phylogenetic tree of Bacillus weihenstephanensis.
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agents designed to cure or prevent infections. As a result, the bacteria survive and continue to
multiply causing more harm to the host. This can be performed by bacteria by several
mechanisms. Some bacteria develop the ability to neutralize the antibiotic before it can do
harm, others can rapidly impel the antibiotic out, and still others can change the antibiotic
attack site so it cannot affect the normal function of the bacteria.

An increase in the frequency of antibiotic resistance in bacteria since the 1950s has been
observed for all major classes of antibiotics used to treat a wide variety of diseases. There may
be many reasons such as resistance is the result of bacteria evolving new genes in response to
the presence of antibiotics, or the antibiotic-resistant bacteria selected for in the environment
by possessing antibiotic resistance genes and also several factors involved in antibiotic
resistance will show that resistance is a designed feature of preexisting genes enabling bacteria
to compete with the antibiotic producers in their environment.

3.1. Antibiotic resistance in humans

The development of resistance in bacteria is a major concern for another reason of human
health. Historically, infectious diseases have killed billions of people and have the reason for
most devastating chapters in the history of humankind. Scientists have been so successful in
the earlier century in preventing and curing infectious diseases that only a few years ago, it
was thought that modern science had at last enabled us to “close the book on infectious
diseases.” Bacteria that have become resistant to several antibiotics, said to be multidrug
resistant, are often called super bugs by the media. An important mechanism by which bacteria
become resistant is by obtaining one or more specific resistance genes from other bacteria. This
type of resistance can be acquired by the transfer of a plasmid, already existing in the bacterium
gene pool that carries a gene for an enzyme which either destroys or inactivates the antimi‐
crobial substance.

Staphylococcus aureus is a major cause of hospital-acquired infections, causing high morbidity
and mortality throughout the world. Vancomycin has been the drug of choice for 30 years for
the treatment of methicillin-resistant S. aureus (MRSA). Over the last decade, methicillin-
resistant S. aureus (MRSA) strains have become endemic in hospitals worldwide. In addition,
it is now incipient community pathogen in many geographical regions. The emergence of high
levels of penicillin resistance followed by development and spread of strains resistant to the
semisynthetic penicillins (methicillin, nafcillin, and oxacillin), macrolides, tetracyclins, and
amino glycosides has made therapy of staphylococcal disease a global challenge. Now a day’s
resistance to semisynthetic penicillin’s had spread throughout the world, compromising the
use of these drugs for empiric therapy for staphylococcal infections in a number of regions.
This had led to increased reliance on vancomycin for the treatment of documented MRSA
infections. As a consequence, selective pressure was established that eventually lead to the
emergence of strains of S. aureus and other species of staphylococci with decreased suscepti‐
bility to vancomycin and other glycopeptides (Fig. 4).

Vancomycin is the only effective agent against some pathogens, and even in recent years, it
has been lost some of its effectiveness. This problem has many causes, including the improper
and misuse of antibiotics and the result of transfer of resistance genes from one bacterium to
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another. This might be possible because many bacteria have an integral natural resistance to
a number of antibiotics, and the genes that provide this resistance can be passed on to other
bacteria by a variety of means. Multidrug-resistant S. aureus (MDRS) is a much more serious
threat, particularly to hospitalized patients in globally, and it represents a challenge for public
health, as community-acquired infections seem to be on the increase in adults and children.
S. aureus colonization has been shown to be a major risk factor for community-acquired and
nosocomial infections. In epidemiological study, Unakal and Kaliwal [36] reported the
multidrug resistance and vancomycin resistance S. aureus isolated from Health Care Centres
in India for the first time and detected Van A gene in 4 strains, Van B gene in one strain from
the 14 VRSA strains procured from the clinical samples pus, infected blood, and cerebrum
spinal fluid.

The first report of the S. aureus with reduced susceptibility to vancomycin was from Japan [37].
This report was quickly followed by similar ones from other countries, including the United
States [38] and Belgium [39]. The extensive longitudinal study of the current situation of
vancomycin resistance has reported the first incidence of VRSA emergence from northern part
of India [40]. The first clinical infection with vancomycin-resistant S. aureus was reported from
Michigan, with second case in Pennsylvania. Further, the second confirmed VRSA from
Pennsylvania was reported, which represents the VRSA isolate from patient in the United
States. The emergence of decreased vancomycin susceptibility in MRSA strains presents a
significant clinical problem with few therapeutic options. The rapid evolution of antibiotic
resistance is of considerable concern. Considering high prevalence of MRSA and increased use
of vancomycin, the development of vancomycin resistance (VRSA) in clinical strains seems

Figure 4. Evolution of drug resistance in Staphylococcus aureus.
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likely to occur. In 1996, the documented infection caused by S. aureus with reduced suscepti‐
bility to vancomycin (vancomycin-intermediate S. aureus [VISA]) was reported in Japan [37].
Thereafter, about 20 cases of VISA infections have been reported in several countries, including
Korea [41].

Vancomycin is a glycopeptide antibiotic, and glycopeptide resistance has emerged in S.
aureus with the interspecies transfer of resistant gene from nonpathogenic Enterococcus faecalis
in vitro [42]. Moreover, cellular modification due to prolonged use of vancomycin results in an
increased extracellular material, which cause thickening of cell wall [43, 44].

3.2. Antibiotic resistance in bovines

Bovine mastitis is a common disease entity of dairy cows, accompanied by physical, chemical,
pathological, and bacteriological changes in milk and glandular tissue [45]. It is a harmful
disease affecting the dairy industry worldwide and is a matter of great concern for leading
milk-producing countries like India because of the losses incurred due to high morbidity,
discarded milk, treatment costs, and reduced milk production, thus drawing in more attention
toward its treatment and control [46]. Mastitis is produced by a variety of pathogenic micro‐
organisms. The majority of cases in bovines are infectious, and it has been estimated that up
to 200 microbial species are potential causative agents [47].

The antibiotic efficacy of tetracycline, cefixime, ofloxacin, amoxicillin, and ampicillin was
investigated in S. aureus, E. coli, and B. subtilis-induced mastitis in mice by Chinchali [48], and
the results were evidenced by the bacterial count and inflammatory enzyme activities of
mammary gland tissue against the induced bacterial pathogens in comparison with control
group. In the results, there was an orderly decrease in the bacterial counts of S. aureus, E. coli,
and B. subtilis, which showed susceptibility for the antibiotics used in the study and indicated
their effectiveness of bactericidal activity and their efficacy level against the induced inflam‐
matory reaction. This study demonstrates the effectiveness of the antibiotic in the treatment
of the disease. However, continued use and overuse of the antibiotics without an in vitro study
will lead to the antibiotic resistance strains.

The usage of antibiotics in the bovine mastitis correlates with the emergence and maintenance
of antibiotic-resistant traits within pathogenic strains [49]. These traits are coded by particular
genes that may be carried on the bacterial genome or plasmids [50]; hence, these are easily
transferred among isolates. The prevalence of antibiotic resistance usually varies between
isolates from the different sampled area, environment, and even between isolates from
different herds on the same farm or environment [51].

The evolution of antibiotic resistance in S. aureus strains is a serious cause of concern in dairy
animals [52]. Antibiotic-resistant S. aureus isolates pose a severe challenge to both in veterinary
and health professions and in dairy cattle producers because they have a serious negative
impact on the therapy management. S. aureus has been and become the main issue of studies
on antibiotic resistance because of its importance for all forms of mastitis in dairy cows [53].
Multiple antibiotic-resistant S. aureus strains have been isolated and screened from milk
obtained from cattle, beef, and human samples from the various part of the world.
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Antimicrobials have been used frequently as a conventional measure to prevention and control
diseases in dairy farming. Especially in mastitis control programs, more and more antibiotics
were applied even without any clinical symptoms in dairy cattle herds. However, long-term
in-feed use of antibiotics on dairy farms has led to the alarming increase of antibiotic-resistant
bacteria, which has become a public health issue worldwide, e.g., methicillin-resistant S.
aureus (MRSA) from raw milk and environmental samples constitutes a great threat to food
safety. In order to better understand the potential of dairy cattle as a reservoir for antibiotic-
resistant bacteria, it is important to investigate the prevalence of antimicrobial resistance
among bacteria isolated from raw milk [54].

References [55–59] reported many bovine mastitic bacteria and reported the isolated bacteria
were resistant to many antibiotics. Sadashiv [60] isolated a total of 878 strains of bacteria from
bovine mastitis (Table 1), which showed multidrug resistance to the antibiotics such as
amikacin, amoxyclav, ampicillin, methicillin, oxacillin, penicillin G, cefaclor, cefixime,
cefpodoxime, ceftriaxone, ciprofloxacin, norfloxacin, ofloxacin, gentamicin, azithromycin,
erythromycin, streptomycin, tetracycline, and chloramphenicol. Further, the strains were
identified by 16s rDNA method. Due to wide sampling area, the identified strains were
subjected to random amplified polymorphic DNA (RAPD) polymorphism analysis and found
huge diversity among the strains, demonstrating the migration of the antibiotic resistance
strains (Fig. 5). The study concluded that the examination of the antibiotic resistance profiles
of the isolates must be done earlier to the use of antibiotics in both to choose appropriate
antibiotic for treatment and prevention of the disease.

Sl. no Bacteria Isolates Percentage (%)

1 Staphylococcus aureus 210 23.91

2 Coagulase-negative Staphylococcus 165 18.79

3 Bacillus spp. 221 25.17

5 Escherichia coli 97 11.04

4 Pseudomonas spp. 72 8.20

7 Aerococcus spp. 34 3.87

6 Cronobacter spp. 23 2.61

8 Others 56 6.37

Total 878 100

Table 1. Prevalence of different bacterial isolates from the bovine mastitis milk.

It is possible that mastitogenic bacteria can lose the sensitivity to antibiotics over the time or
even acquire sometimes this feature [61]. Important reasons for the failure of treatment of
mastitis are the indiscriminate use of antibiotics without in vitro sensitivity of causal organisms.
It is necessary to monitor mastitis pathogens to assess any changes in their antibiotic resistance
patterns. Careful use of antibiotics can avoid the increase and dissemination in antimicrobial
resistance arising from the use of antimicrobial drugs in animals.
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Some pharmaceutical companies have expanded their R&D efforts due to in response to the
increased number of bacteria that have developed resistance to the one or more number of
antibiotics. New drugs are being developed which interfere with the resistant cells and the
method of new defence against certain antibiotics. For example, bacteria resistant to penicillin
produce the enzyme penicillinase, which breaks up the penicillin before it can perform its
work. Presently, a penicillinase inhibitor is available that is taken in tandem with the penicillin,
therefore by preventing the penicillinase from destroying the penicillin and by allowing the
antibiotic to perform its work [62].

The increased use, and sometimes misuse, of antibiotic drugs has resulted in bacterial
resistance to a large and growing number of these drugs. However, much more research into
newer and newer antibiotics continues, and measures can and must be taken to reverse the
practices that usually promote the development of antibiotic resistance in bacteria.

4. Conclusion

Presently, the development of resistance in all microorganisms is one of the major concerns
and challenges throughout the world. The development of resistance can be achieved by the
microorganisms by many ways. The smart, keen, and controlled use of pesticides, chemicals,
and antibiotics will be much helpful in controlling the development of resistance. However,
screening newer microbes and using newer recombinant technology on the screened microbes
will help us reduce the resistance to xenobiotics compounds.
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Abstract

Glutathione transferases are multifunctional enzymes. Some of the known functions of
the enzymes are biotransformation of xenobiotics, countering oxidative stress and partici‐
pating in cell regulatory functions. As the isoforms present in number of classes the puri‐
fication of a particular isoform for characterization is a challenging task. In insect, the
study of GSTs is focusing on their roles in development of insecticide resistance. There
were evident that certain classes of the enzymes are reactive towards conjugating the pes‐
ticides. This makes GSTs one of the enzymes of intention in the discipline of pesticide
control management.

Keywords: Glutathione transferases, detoxification, insecticide resistance

1. Introduction

This chapter will review literatures concerning glutathione S-transferases from a broad point
of view but with an emphasis on their properties, functions, and purification strategies and its
challenges. The focus will be on the occurrence of GSTs in insects and the understanding of
their role in insecticide resistance. The intention of this review will also be to look into the
relationship of particular isoforms of the GSTs to responses to most used insecticides in
agriculture.

2. Glutathione-dependent enzymes

Glutathione (GSH, γ-glutamylcysteinylglycine) is a low molecular weight sulfhydryl com‐
pound. It is a tripeptide with the sequence glutamic acid, cysteine, and glycine. GSH is a

© 2016 The Author(s). Licensee InTech. This chapter is distributed under the terms of the Creative Commons
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crystalline solid with a melting point of 192–195°C and molecular weight of 307.33. It dissolves
readily in water. There are two peptide bonds, two carboxylic acid groups (pKCOOH = 3.53 and
2.12), one amino group (pKNH3+ = 8.66), and one thiol group (pHSH = 9.66). GSH is found
intracellularly in all mammalian tissues and is the major nonprotein thiol compound present
in the cell, with concentrations ranging from 0.1 to 10 mM. It is involved in a variety of
metabolic processes, for instance, detoxication of xenobiotics, reduction of hydoperoxides,
synthesis of leukotrienes and prostaglandins, maintenance of protein and membrane struc‐
tures, and regulation of numerous enzyme activities. This functional diversity is due to the
properties of the thiol group that participates in redox transitions, thiol exchange reactions,
thioether formation, and radical scavenging.

A variety of different enzymes utilize glutathione in a variety of biotransformations [1].
Glutathione reductase (GR) catalyses the reduction of GSSG (oxidized glutathione) using
NADPH as a reductant. GR is important in maintaining the high cellular reduction potential.

Selenium-dependent glutathione peroxidase (GPOX) is another type of GSH-requiring
enzyme that catalyses the reduction of peroxides using GSH as the reducing agent. There are
the glutathione S-transferases (GSTs) that are also GSH dependent enzymes with many
catalytic activities including the conjugation of GSH to xenobiotics [2,3].

3. Glutathione S-transferases (GSTs, E.C. 2.5. 1.18) with diverse functions

GSTs are found in almost every species, including plants [4] microorganisms [5,6], and animals
[7]. GSTs are divided into classes based on their amino acid sequence, immunological, kinetic,
and structural properties. In mammals, at least nine classes of GSTs have been identified,
namely, Alpha, Mu, Pi, Theta, Omega, Sigma, Zeta, Kappa, and a microsomal class. Human
GSTs have been reviewed in reference [8, 9], and [10]. The majority of GSTs are found mainly
in the cytosol. Each class consists of one or more protein isoforms. The classes are defined such
that the amino acid identity between two isoforms of the same class is more than 50% but more
than 30% if they are in different classes [11]. Human cytosolic GSTs are not only in cytoplasm
but may also be localized in the mitochondria or the nucleus [12]. The microsomal family of
membrane-bound GSTs is also reported and is different from cytosolic GSTs in molecular
weight, subunit structure, and immunological reactivity [13-15]. The microsomal GSTs are
trimeric, membrane-bound proteins. Mitochondrial GST 13-13 previously purified from rat
liver [16] has been later characterized as GSTK1-1 of a Kappa class GST [17]. The Kappa class
GSTs are located in mammalian mitochondria and peroxisomes [18,19] and are structurally
distinct from the microsomal and cytosolic GSTs [20].

GSTs have a broad and overlapping specificity. Among the reactions catalyzed by GSTs are
the substitution of halogens in halogenohydrocarbon, the addition to double bonds, the
cleavage of epoxides, and the reduction of organic peroxides. 1-Chloro-2,4-dinitrobenzene
(CDNB) is the most common substrate used to assay GSTs in the laboratory as most, but not
all, GSTs show catalytic activity with it. Other substrates that have been commonly used to
characterize the enzymes are 1,2-dichloro-4-nitrobenzene (DCNB), trans-4-phenyl-3-butene-2-
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one (PBO), ethacrynic acid (EA), 1,2-epoxy-3-nitrophenoxypropane (EPNP), p-nitrobenzyl
chloride (NBC), and sulfobromophthalein (BSP) (Figure 1).

GSTs catalyze the nucleophilic attack by the thiol group of reduced glutathione (GSH) on a
wide range of electrophilic substrates. GSTs play important roles in the development of
resistance to a variety of exogenous xenobiotics, such as chemotherapeutic drugs [21], chemical
carcinogens [22], herbicides [4], and insecticides [7].

3.1. Conjugation of exogenous toxins (Biotransformation)

GSTs play important roles in the protection of macromolecules from attack by reactive
electrophiles. The enzymes generally exist in dimeric forms with a subunit molecular weight
of approximately 26 kDa. GSTs occur both as homo- and heterodimers. The cytosolic isoen‐
zymes have two active sites per dimer that behave independently of one another [23]. Each
active site consists of at least two ligand-binding regions, namely, the GSH binding site
(hydrophilic G-site), which is specific for GSH, and the electrophile-binding site (hydrophobic
H-site), which is less specific and thus enables GSTs to react with a wide variety of xenobiotics
[24]. A review in reference [25] listed xenobiotics that could be conjugated by GSTs. These
include halogenonitrobenzenes, organophosphorus compounds, steroids, αβ-unsaturated
carbonyl compounds, aryl halides epoxides, quinones, isothiocyanates, and arylnitro com‐
pounds.

The conjugations catalyzed by the GSTs occur between the nucleophilic GSH and the com‐
pounds possessing a sufficiently electrophilic center [25]. The GSTs function by decreasing the
pKa of GSH, thereby allowing its deprotonation and the formation of a more reactive thiolate
anion. In most GST classes (Pi, Mu, Alpha, and Sigma), a tyrosine residue in the N-terminal
region interacts with GSH to stabilize the thiolate anion. In Theta and Omega classes, this role
is carried out by serine and cysteine residues, respectively [9].

This GSH conjugation has been shown to occur in mammals, birds, reptiles, amphibians, fish,
insects, and other invertebrates [26], and it is the first step of mercapturic acid formation that
is one of the metabolic pathways for detoxication of xenobiotics in vivo. The glutathione
conjugates, which are water soluble and generally nontoxic, may be converted to the corre‐
sponding cysteine conjugate following sequential removal of glutamate and glycine. The
cysteine conjugate is either N-acetylated to be excreted as a mercapturic acid or cleaved to a
mercaptan by β-lyase. The thiol can be then further metabolized, for example, to be excreted
as a glucuronide [26, 27].

Prostaglandin D-synthase, the enzyme involved in production of the D and J series of prosta‐
noids, was characterized as belonging to the Sigma class of GSTs [28]. GSTs also participate in
the isomerization of biologically active molecules. A prostaglandin-H E-isomerase of Ascaridia
galli [29] and prostaglandin-H D-isomerase of rat spleen [30] were identified as Sigma class
GSTs. GSTs can also catalyze cis–trans isomerizations, for example, the isomerization of
maleylacetoacetic acid to fumarylacetoacetic acid. The maleylacetoacetate isomerase activity
of hGSTZ1-1 (human GST Zeta 1-1) has been investigated [31] using a spectrophotometric
assay with (±)-2-bromo-3-(4-nitrophenyl)propanoic acid (BNPP) as substrate. Some GSTs
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possess keto-steroid isomerase activity and catalyze the conversion of Δ5-3-androstene-3,17-
dione to Δ4-3-androstene-3,17-dione [21,32].

Human GST A3-3 was shown to efficiently catalyze the double-bond isomerization of Δ5-
androstene-3,17-dione and Δ5-pregnene-3,20-dione [12]. Human GSTs were reported to act as
retinoic isomerases that catalyze the steric conversion of 13-cis-retinoic acid (13-cRA) to all-
trans-retinoic acid (t-RA) [33].

Figure 1. Enzymatic conjugation of common substrates by GST in the presence of GSH. (A) CDNB, (B) DCNB, (C)
PBO, (D) EA, (E)EPNP, and (F) BSP.
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Figure 2. Some examples of GSTs with isomerase and synthase functions. (adapted from [9])

3.2. Participation in countering oxidative stress

Reactive oxygen species (ROS) such as superoxide anion, hydrogen peroxide, and the hydroxyl
radical are constantly produced during normal aerobic metabolism. The free radicals may
attack the polyunsaturated fatty acyl moieties and lead to the peroxidation of lipid bio-
membranes. The cleavage of polyunsaturated fatty acids is known to be associated with
formation of organic hydroperoxides and reactive aldehydes. These include alkanals, alkenals,
and malondialdehyde. These may interfere with several biological processes such as DNA and
protein synthesis by inhibition of specific enzyme reactions [34,35].

Peroxidized lipids, produced during oxidative stress, are substrates for GSTs. 4-Hydroxyal‐
kenals are derived from membrane-bound phospholipid hydroperoxides. They were shown
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to be efficiently conjugated to GSH by GST A4-4 [36,37]. A membrane-bound mouse GSTA4-4
[38]and a rat GSTA8-8 [39,40] were also shown efficiently conjugating 4-hydroxyalkenals. It
was reported that transfected mGSTA4 protects HL 60 [41] and K562 human erythroleukemia
cells [42] against 4-hydroxynonenal-induced apoptosis.

Free radicals can also cause DNA peroxidation. The toxicity of thymine propenal, which is
generated by oxidative damage to DNA, was shown to be substantially reduced when HeLa
cells received GSTP1-1 and GSH [43]. The rat GST6-6 had previously shown active toward
thymine hydroperoxide [44].

Within the cells, peroxides occur either as hydrogen peroxide (H2O2) or organic hydroperox‐
ides, such as fatty acid and phospholipid hydroperoxides. GSTs protect tissues from endoge‐
nous organic hydroperoxides produced during oxidative stress [35,45]. Some GSTs have
shown selenium-independent H2O2 and organic hydroperoxidase activity, which are involved
in free radical reactions during oxidative stress [46]. A microsomal GST A1-1 of sheep liver
exhibited peroxidase activity toward fatty acid hydroperoxides such as linoleic and arachi‐
donic acid hydroperoxides [47]. Human GSTs, such as hGSTA1-1 and hGSTA2-2 [48,49], also
exhibited glutathione peroxidase activity toward phospholipid hydroperoxide [50]. Other
workers observed elevated GSTs in Nilaparvata lugens when treated with pyrethroids, which
induces oxidative stress and lipid peroxidation in insects [51].

3.3. Involve in cells regulatory functions

Recent studies of GSTs have demonstrated that a Pi class GST is involved in regulation of c-
Jun N-terminal kinase (JNK) signaling in mammals. GSTP interacts with c-Jun N-terminal
kinase 1 (JNK1) suppressing the basal kinase activity [52,53]. A model of GST inhibition of JNK
signaling was proposed [52]. Under a nonstressed condition, GSTp can exist as free dimeric
enzyme or complexed with Jun–JNK thus inhibiting JNK. Upon stress, GSTP forms larger
aggregates, which are unable to associate with the Jun–JNK complex, thus enabling the JNK
phosphorylation of c-Jun. Phosphorylated Jun can act as a stable and active transcription factor.
The accumulation of ROS in response to oxidative stress results in the activation of multiple
stress kinase cascades and an elevated level of GSTp expression [54].

Apoptosis signal-regulating kinase 1 (ASK 1) can activate the JNK and the p38 signaling
pathways. It plays important role in stress-induced apoptosis. Mouse GSTM1-1 was shown to
physically interact with ASK1 and repress ASK1-mediated signaling [55,56].

It has also been reported that human GST class Omega, GSTO1-1, modulates calcium channel
(ryanodine receptors, RyRs) protecting mammalian cells from apoptosis induced by calcium
(Ca2+) mobilization [57]. It was suggested that RyRs has two binding sites for GSTO1-1. The
mammalian protein Bax (21 kDa) is an inducer of apoptosis. A study [58] has reported a plant
GST (Theta class) as one of the Bax-inhibiting plant proteins, which prevent apoptosis in plants.
GSTP1-1 was proposed [59] interacting with physiological nitric oxide (NO) carriers such as
S-nitrosoglutathione (GSNO) and dinitrosyl-diglutathionyl iron complex (DNDGIC). In the
absence of GSH, GSNO interacts with and modifies Cys47 and Cys101 residues of GSTP1-1 by
an S-nitrosylation reaction. Thus, in the cellular depletion of GSH, GSTP1-1 acts directly as an
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NO carrier without losing its detoxication activity. The expression of ‘tissue’ transglutaminase
(tTG) is induced in cells programmed to die such as in cells undergoing apoptosis. It was
reported that [60] the overexpression of tTG in human neuroblastoma cells increases apoptosis.
The study showed that tTG interacts with β-tubulin, histone H2B, and GSTP1-1 to form a
protein complex. It was proposed that the interaction with tTG resulted in oligomerization of
GSTP1-1. The formation of multimers of GSTP1-1 leads to inactivation of the enzyme toward
ROS.

4. GSTs in insects

In insects, GSTs are classified into two groups, class I and class II GSTs [61]. According to a
recent proposed classification [62], an insect-specific Delta class GST is classified as a class I
GST. This includes those from Drosophila melanogaster, DmGSTD1 to DmGST10 [62,63]; Musca
domestica, MdGSTD1 to MdGSTD5 [49,61] and Anopheles gambie, AgGSTD1 to AgGSTD6
[64,65]. Class II consists primarily of Sigma class GSTs as identified in D. melanogaster,
DmGSTS1 [66] and A. gambie, AgGSTS1 [67]. A third proposed class of insect’s GSTs (class III)
[68] that comprises GSTs classified as the Epsilon class in Drosophila and the AgGST3-1 and
AgGST3-2 of Anopheles gambiae.

Studies on insect GSTs were reviewed in detail [7,23,69]. GSTs have been detected in Lepi‐
doptera, Diptera, Coleoptera, Dictyoptera, and Hymenoptera [23]. At present, only few insect
GST structures are known. These include that from the Australian sheep blowfly, L. cuprina
(Theta classs) [66], mosquito, Anopheles dirus (isoenzymes 1–3 and 1–4 by[70,71] and fruit fly,
D. melanogaster (GSTS1) [72,73].

4.1. Characterization of GSTs and its challenges

A problem faced during the extraction of insect GSTs is the possible presence of endogenous
inhibitors [74]. Quinones and catecholamines released during homogenization can inhibit the
GSTs’ activity [75]. The last-named authors suggested the inclusion of GSH in the homoge‐
nizing buffer to protect the GSTs from inhibition. Polyphenol pigments have also been shown
to inactivate the GSTs. The inclusion of 5–10 mM cysteine in the homogenate prevents the
formation of polyphenol. The endogenous inhibitors can also be removed by initial loading of
the crude homogenate through an ion exchange or gel filtration column [7]. There are many
different strategies employed to purify the GSTs from insects. One of those is by using affinity
chromatography with several different affinity matrices. A ligand, sulfobromophthalein-
glutathione conjugate (BSP), has been immobilized to an agarose matrix by using either
cyanogen bromide [76] or epichlorohydrin activation [77]. The enzymes bind selectively to the
resulting matrices when a crude homogenate is applied directly to the columns. The bound
enzymes can be eluted by using 0–5 mM of BSP [77] or 1–5 mM GSH solution [76]. The matrix
has been used to purify a GST to homogeneity from Galleria mellonella [76,78], Costelytra
zealandica [79], Musca domestica [77,80,81], Drosophila melanogaster [82] and Wiseana cervinata
[83]. Another form of affinity matrix that has been used widely is the immobilized GSH-
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agarose matrix [84]. The bound enzymes are best eluted from this support with GSH solution.
This technique has been used to purify GSTs from a number of insects. These include Drosophila
[85]. In another instance, a study [86] had used another form of affinity column, namely
immobilized S-hexylglutathione [87] to purify GSTs from Drosophila.

Investigation of multiple forms of GSTs with different isoelectric points could be performed
by using isoelectrofocusing [78,88,89] or chromatofocusing [90]. Purification by affinity
chromatography followed by isoelectrofocusing revealed the existence of multiple forms of
GSTs [91], in house fly strains Rutgers, Cornell R, and Hirokawa. The presence of multiple
isoenzymes of GSTs have also been reported in other species, such as Aedes aegypti [92], G.
mellonella [78], Plutella xylostella [92], C. zealandica [79] and Tenebrio molitor [94].

4.2. GSTs and insecticide resistance

The majority of studies on insect GSTs have focused on their role in conferring insecticide
resistance. A review [95] has indicated the importance of genetic and biochemical mechanisms
in Drosophila in countering toxins and thus developing resistance. There are two types of
biochemical mechanism of insecticide resistance outlined [96,97].The first is by selection of an
altered target molecule so that no interaction between the molecules and the toxins occurs,
resulting in target site resistance. The target sites of insecticides in insects include the GABA
receptor, sodium channel, acetylcholine esterase, acetylcholine receptor, and juvenile hormone
receptor. Second, through the process of metabolism, these toxins may be converted to less
toxic and more easily excretable derivatives before reaching the target sites. This is a metabolic
resistance. Several enzymes play important roles in these types of resistance, such as hydro‐
lases, mixed function oxidases, and glutathione S-transferases and a variety of other conju‐
gating (Phase II) enzymes.

High levels of GSTs have consistently been observed in resistant insect strains and play a major
role in insecticide resistance [77,98,99]. Increased activity of GSTs in housefly was found to be
associated with resistance to azinphosmethyl [100], parathion [98], phyrethroids [101],
tetrachlorovinphos [102] and malathion [103]. D. melanogaster develops resistance toward
several insecticides. These include malathion [104,105] and 1,1,1-trichloro-2,2-bis-(p-chloro‐
phenyl)ethane (DDT) dehydrochlorinase [106]. Resistance to diazinon, chlorpyrifos, prope‐
tamphos, and dichlofenthion and their correlation to increased GST activity has also been
reported in larval L. cuprina [107].

GSTs have been shown to play an important role in insecticide resistance. The catalysis of
conjugation of insecticides, such as organophosphorus compounds, chlorinated hydrocar‐
bons, and carbamate insecticides is shown in Figure 3. It was classified three types of reactions
catalyzed by GSTs in metabolism of organophosphorus insecticides [108]. The detoxification
of organophosphates (OP) occurs by the conjugation of GSH to OP via an O-dealkylation or
O-dearylation conjugation, which later forms O-alkyl, O-aryl, and phosphonate conjugates
which are all less toxic derivatives.

For the organochlorine insecticides the process involves dehydrochlorination and the GSH
conjugation to the parent molecules [97]. Phyrethroids, however, trigger oxidative damage in
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cell. Therefore, GSTs role has been detoxifying the lipid peroxidation products resulted by the
insecticide [51]. It is well known that some classes of GSTs have shown peroxidases activities.
For example, a Delta class GST of N. lugens [51] and Epsilon class GST of A. aegypti mosquitoes
[109,110] and Sigma class GST of D. melanogaster [111,112]. There was however report to
suggest that protection against phyrethroids can be achieved through a passive sequestration
process in which GSTs are capable to bind to various phyrethroids [113,114].

Figure 3. Structures of some (A) halogenated hydrocarbons, (B) organophosphorus, (C) carbamates, and (D) pyreth‐
roids.

5. Summary

GSTs are enzymes of multi-functional roles. Studies in insect have always directed the role of
GSTs in conferring resistance toward insecticides resistance. Several classes of GSTs have been
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shown to counter the insecticides through direct GSH conjugation process and also their ability
to react against lipid peroxidation products. This is due to the fact that some insecticides cause
oxidative damage. Direct isolation of responsible GST from insect has been of a challenge due
to limited ability of available affinity matrix to capture all classes of GSTs. The characterization
of recombinant GSTs could have led to a better understanding of the mechanism of action and
thus the regulation of the GSTs upon exposure to insecticides. The availability of fully sequence
genomes in model insect such as D. melanogaster [115] and recently of M. domestica [116] could
be of advantage for further studies in glutathione transferase-related insecticides resistance.
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Abstract

Several arthropod species are important vectors of pathogens that cause disease in hu‐
mans, animals, and plants, including protozoa, nematodes, bacteria, and viruses. Arthro‐
pods are also pests competing with humans for food and parasitize farm animals,
decreasing their productivity. Historically, arthropod pests and disease vectors affecting
public health, crop yields, and livestock production have been managed through the in‐
tensive use of pesticides. The widespread use of pesticides is a major problem because
most of the economically important arthropod species have developed resistance to cur‐
rently used pesticides. The impact of pesticide resistance is multifactorial and involves
losses due to the heavy use of pesticides, environmental pollution, decreased profitabili‐
ty, food contamination, and public health problems due to pesticide exposure. An indi‐
rect consequence of pesticide resistance is the mortality caused by arthropod-borne
diseases such as dengue and malaria in humans and babesiosis and anaplasmosis in cat‐
tle. The understanding of molecular mechanisms and adaptations to resistance in arthro‐
pods is an important issue. However, the molecular mechanisms of pesticide resistance
remain to be fully understood. Understanding of resistance mechanisms will contribute
significantly to improve integrated managements programs and to discover new targets
for vaccine development to mitigate the effects of pesticide-resistant arthropods on agri‐
culture and public health.

Keywords: Pesticides, resistance, pests, vectors, mechanisms of resistance, insecticide re‐
sistance

1. Introduction

Insects, ticks, and mites are the main groups of arthropods, including species that can be pests
and disease vectors. Historically, the problem with arthropod pests and disease vectors
affecting public health, crop yields, and livestock production has been managed through the
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massive use of pesticides. The widespread use of pesticides exerted strong selective pressure
and now several of the most economically important arthropod species are resistant to
currently used pesticides.

Pesticide resistance in arthropod species of public health, agricultural, and veterinary impor‐
tance has become a major problem. This situation presents a threat for societies around the
world because several arthropod species attack crops and thus compete directly for food with
humans, and other species are important vectors of infectious agents causing diseases in
humans, livestock, wildlife, and plants [1]. The origin of resistance arises through evolutionary
genetic changes, causing modifications in the molecular structure of the target site or promot‐
ing changes in multigenic metabolizing enzyme systems, resulting in high hydrolysis rates or
sequestration of pesticides as well as a reduced capability to penetrate the outer chitin
protective layer.

Here we review the known molecular and biochemical mechanisms of pesticide resistance and
do a gap analysis of processes involved in the evolution of insensitivity to pesticides among
arthropods that remain to be fully understood. Significant advances have been achieved in our
knowledge of the processes involved in resistance to pyrethroids. More research is required
to decrease the knowledge gaps regarding mechanisms of resistance to organophosphates
(OP). Less is still known about resistance to amitraz, macrocyclic lactones, and fipronil, whose
mechanisms of action appear to involve complex and multifactorial evolutionary mechanisms.

An example of the problem with pesticide-resistant pests is the cattle tick Rhipicephalus
(Boophilus) microplus, which is regarded as the most economically important ectoparasite of
livestock globally and ranks sixth among the most pesticide resistant pests globally. This cattle
tick affects animal health and production in tropical and subtropical regions of the world
directly through its obligate hematophagous habit and indirectly by serving as vector of
pathogens like Babesia bovis, B. bigemina and Anaplasma marginale, which cause the deadly
bovine diseases babesiosis and anaplasmosis, [1, 2]. The control of cattle ticks, bovine babe‐
siosis and anaplasmosisis a costly problem that prevents the livestock industry in Latin
America and other parts of the world achieving its full potential [1]. The almost complete
reliance on pesticides to control cattle ticks and associated diseases has been a strong selective
force for tick populations that now are resistant to multiple classes of acaricides [3]. These
developments highlight the super genetic plasticity and exquisite adaptability of arthropod
pests and vectors, which has enabled them to become resistant to most classes of synthetic
pesticides humans have discovered and developed for commercialization.

2. Resistance, adaptation and coevolution

Resistance to synthetic pesticides is a genetic condition that confers an arthropod population
the capability to get adapted to a toxic environment through a selection process driven by
human activity [4]. Based on this concept, the phenomenon of pesticide resistance can be
understood as an important model based on natural selection processes [5]. Considering
pesticide resistance as a biological model facilitates the study of evolutionary adaptations by
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arthropods living under selection pressure through constant exposure to pesticides used by
humans [6]. However, the natural history of pest-host interactions in a way preadapted
arthropods to become resistant to synthetic pesticides.

As a naturally occurring process, the coevolution between plants and arthropods enabled
biological and chemical interactions over hundreds of millions of years [7]. As a result of the
interactions between these two groups of organisms [8], arthropod species conserved within
their genomes genes conferring an evolutionary advantage, or traits that have allowed them
to survive. These types of interactions called allelochemical interactions have allowed plants
and arthropods to develop very sophisticated molecular mechanisms to maximize their
chances of survival. Plants evolved to be a factory of potent allelochemicals such as natural
poisons, toxins, and repellents that function as a natural mechanism of defense against
predators. As an example of coevolution, herbivore arthropods adapted by evolving a
machinery of metabolic hydrolyzing enzymes to prevent poisoning by allelochemicals
acquired during plant feeding [9–11]. This resulted in what could be described as natural
resistance in arthropods selected through exposure to plant allelochemicals, which took
millions of years. Arthropods were in a way preadapted to become resistant to synthetic
pesticides rapidly in terms of evolutionary time [12]. Another predisposing factor for this rapid
adaptation is the structural analogy between secondary metabolites produced by plants and
synthetic pesticides designed by humans to control pests [13, 14].

The development of resistance to chemicals depends on the evolutionary forces exerting
selection pressure and the consequent adaptive processes involving selection of genetic
variations caused by random mutations, or genetic rearrangements resulting from exposure
to pesticides [7], which is reflected in the selection and reproduction of individuals with
resistant phenotypes capable of surviving pesticide concentrations that are lethal to the wild-
type populations.

Resistance occurs when the selection of low frequency naturally occurring mutations within
the genetic pool of a population allows a small fraction of individuals to survive the toxic effect
of compounds used as pesticides [15]. Prior to initial exposure of the population to pesticides,
there are few individuals with resistant genotypes and most of them are susceptible. When a
pesticide is applied, those few survivors have an adaptive advantage. Therefore, they survive
initial exposure and reproduce, and the frequency of resistant genotypes in the progeny
increases. If repetitive and sustained applications of the pesticide on the population occur, the
susceptible individuals are eliminated, which drives the selection of resistant genotypes in the
population. At this point, the diverse genetic traits conferring an advantage to survive pesticide
exposure are transferred to the progeny and the efficacy of the pesticides decreases.

3. Molecular basis of pesticide resistance

In general, acaricide resistance can be the result of increased metabolic detoxication or target
site modification [4]. Metabolic detoxication is frequently the result of increased enzymatic
activity by isozymes encoded by multigene families such as cytochrome P450, glutathione-S-
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transferase, and carboxylesterase [16, 17]; all these enzymes hydrolyze or sequester different
kinds of pesticides. Exposure to a pesticide can exert enough pressure to select an enzymatic
system or a specific isozyme within each family. Esterase isozyme overexpression is generally
accepted as a mechanism involved in OP resistance. However, in the Coatzacoalcos laboratory
strain of R. microplus, designated as such to reflect the name of the village in Mexico where the
original tick population sample was obtained, metabolic detoxication has been identified by
its efficient esterase activity resulting from enzyme overexpression as a resistance mechanism
for permethrin that belongs to the pyrethroid chemical class of pesticides. This strain has been
toxicologically characterized using the larval packet test (LPT) [18], which helped to elucidate
the esterase-based mechanism of resistance to permethrin. The R. microplus Coatzacoalcos
strain exhibits a significant enhanced capacity to hydrolyze permethrin as well as an increased
esterase activity. This suggests an esterase based metabolic mechanism as a main component
of permethrin resistance [19]. The esterase gene responsible for permethrin resistance was
identified and named CzEST9. It is also known that the overexpression mechanism of this
isozyme is the result of CzEST9 duplication in the Coatzacoalcos strain that leads to metabolic
detoxication through the overexpression of esterase 9 activity in R. microplus [20]. The sequence
of CzEST9 gene has been determined and the recombinant product yielded a 62.8 kDa protein
[19]. Since the Coatzacoalcos strain does not include the Kdr variation in the sodium channel
gene found in other Mexican strains of R. microplus, it is suggested that there are two inde‐
pendent mechanisms of acaricide resistance to pyrethroids. However, common mechanisms
of acaricide resistance to pyrethroids in Mexico apparently involve the presence of sequence
variation in the sodium channel gene [21].

The sodium channel is the known target site of pyrethroids. Sequence variation in the sodium
channel prevents pyrethroids from attaching to the target site due to an alteration in the sodium
channel stereochemical structure. For this reason, the process is described as target site
modification mechanism, or Kdr-type resistance (Knock down resistance). This is one of the
mechanisms of pesticide resistance in insects that is better understood.

Two important allele variants occurring in the sodium channel gene associated with pyreth‐
roid resistance in the cattle tick R. microplus are the variation occurring in domain III segment
6 (III-S6) [22] and the variation occurring at the bridge joining segments 4–5 in domain II (II-
S4-5) [23]. The former is a Phe-Ile substitution produced by a nucleotide variation at domain
III-S6 that was first reported in Mexican tick strains. Its role and contribution to pyrethroid
resistance has been confirmed [21]. The other is a Le-Ile substitution found thus far only in
Australian tick strains; this variation is very similar to a variation found in the crop insect pest
Bemicia tabaci [23].

Findings on the diversity of allele variants occurring in the sodium channel gene associated
with pyrethroid resistance in the cattle tick R. microplus have been confirmed by experiments
based on differences in melting temperatures (Tm) of sodium channel allele specific gene
fragments obtained with single larvae DNA from México and Australia. These experiments
revealed that substitution III-S6 (Phe-Ile) only occurs in Mexican tick populations whereas
substitution II-S4-5 (Le-Ile) only occurs in Australian tick strains [24]. The information available
suggests that there are at least two different and independent mechanisms involved based on
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the different amino acid substitutions (Phe-Ile and Le-Ile) residing in different positions of the
sodium channel protein sequence.

4. Biological basis of pesticides resistance

Allelochemical interactions are defensive processes or are involved in food competition
mechanisms that different species employ to inhibit the action of natural enemies. Plant–
arthropod coevolution is a natural selection mechanism driven by allelochemical interactions
between plants and arthropods over millions of years [7]. As a result of the reciprocal inter‐
actions between these two groups of organisms [8], arthropods have conserved within their
genomes all those traits conferring them the ability to inhibit or avoid toxicants produced by
plants that function as defensive mechanisms against herbivorous insects [9, 10]. Sophisticated
metabolic detoxication mechanisms have been developed by herbivorous arthropods in order
to survive the exposure to toxic plant metabolites [11], which represents a natural process of
resistance to plant toxicants. The preservation of these components in the genome of arthro‐
pods provides the foundation of molecular systems that allow them to get adapted and become
resistant against pesticides currently used.

Insects affect the survival and reproduction of plants. Secondary metabolites like phenolic
acids, flavonoids, terpenoids, steroids, alkaloids, and organic cyanides are produced by plants
as part of defensive mechanisms. A coevolutionary race is established through these interac‐
tions where mutual selection pressure has led to the process of speciation to preserve natural
equilibrium.

Adaptation to new environmental conditions requires the development of defensive processes
through natural selection. Plants are biological engines producing a wide variety of natural
defensive chemicals including repellents, antifeeding molecules, and poisons, some of which
have been used as natural strategies to protect cultivars from plagues or to control vector-borne
diseases. These mechanisms evolved separately in different herbivorous insects driven by
diverse insect–plant interactions. In general, herbivorous insects feed on few plant species and
plant species are attacked by pests specialized to overcome natural defensive substances.
Herbivorous insects have developed the molecular machinery to metabolize most of the toxic
material produced by plants, but not all toxicants are metabolized by all pest species.

Specialized insects have an adaptive advantage because their biochemical systems evolved to
detoxify one or few potentially harmful substrates. The metabolic system of a polyphagous
species reflects more diverse detoxication mechanisms against a wide variety of chemically
defined plants. Thus, polyphagous insects have a “higher metabolic load”. The activity of
mixed function oxidases in the intestines of moths and butterfly larvae is higher in polypha‐
gous species than in species restricted to a single family of plants. Pyrethrins are part of the
wide variety of allelochemicals metabolized by this family of enzymes [25].
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5. Metabolic detoxication of pesticides

Plant–insect coevolutionary interactions drive species diversification and the set of genetic
traits that allow pest species to survive exposure to a wide variety of secondary metabolites
produced by plants. Such genetic traits evolved through evolutionary history, involving
several highly specialized multigene families that are responsible for detoxication mechanisms
of biotic and xenobiotic compounds. Examples of these multigene families include the
glutathione transferases, mixed function oxidases, and carboxilesterases superfamilies [26].
These supergene families are capable of metabolizing a large amount of chemicals, some of
which are currently used as pesticides.

Some mechanisms of resistance have been identified for several important arthropod vectors.
Increased esterase activity is a major component of organophosphates resistance in Culex
mosquitoes [27]. The enhancement of mix function oxidases also plays an important role in
OP and pyrethroid resistance mechanisms [28], and the combination of mixed function
oxidases and esterases in high concentrations has been detected in permethrin-resistant
mosquitoes [29]. Resistance mechanisms in cockroaches include metabolic detoxication and
Kdr-type resistance. However, detoxication mechanisms mediated by esterases and oxidases
have been identified as the most frequent mechanisms of resistance [30].

6. Insensitive target site

Modifications of target sites as a result of point mutations on gene sequences have been also
identified as mechanisms of resistance. Variations on genes encoding GABA receptors [31,
32], acetylcholinesterase [33], some detoxifying esterases [34, 35], and sodium channel gene
sequences (22) have been discovered in different arthropods. The latter has been identified as
Kdr-type resistance; this variation alters the molecular structure of the sodium channel, which
is the target site of pyrethroid pesticides [36, 37].

Kdr-type resistance was firstly documented in R. microplus by He et al. [22]. It was shown that
there is a variation in the sodium channel gene sequence at position 2134 where the base
substitution of thymine by adenine (T2134A) results in an amino acid change from phenyla‐
lanine to isoleucine on the transmembrane segment 6 (S6), which is located on domain III of
the para-type sodium channel gene [22].

Pyrethroid resistance in arthropods has been associated with nonsynonymous mutation on
domains I, II, III, and IV of sodium channel genes [38, 39]. As already mentioned, two important
variations have been previously identified in R. microplus sodium channel gene, a domain II
variation (C190A) and the domain III variation (T2134A). The latter only found in ticks from
Texas and Mexico [22, 40–42] and the former reported in Australia, Africa, and South America
[23, 41, 42]. Although pyrethroid resistance in Mexican cattle tick populations has been mostly
attributed to the domain III variation T2134A [22, 36, 39, 43], some authors have suggested that
additional resistance mechanisms to the sodium channel variations must be present, since
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genotype frequencies from screened populations do not account for the level of phenotypic
resistance observed in field [22, 39, 41].

Previous studies have documented the occurrence of variations on an esterase gene associated
with pyrethroid resistance; however, this phenomenon seems to be linked to a pyrethroid
metabolic detoxication mechanism since it has been consistently found in pyrethroid-resistant
ticks [35, 37]. These results suggest that pyrethroid resistance in ticks is the result of genetic
traits involved in both metabolic and insensitive target mechanisms, depending on which gene
the variation occurs.

7. Genomic perspectives for pest control

Applying the genomics approach to pesticide research offers the opportunity to advance our
knowledge of the mechanisms of resistance and to find sustainable solutions to problems
associated with pesticide resistance diagnosis, prediction, and prevention. This will also
expand options to improve integrated pest management programs. In the case of livestock, a
more rational use of pesticides could be achieved by combining genomics-based knowledge
of acaricide resistance with the use of more efficient anti tick vaccines developed through
modern technologies [43, 44].

The use of recombinant DNA technologies and the application of bioinformatics to mine
genome databases such as GenBank, are powerful foundations to innovate diagnostic tools
based on the identification and amplification of single nucleotide polymorphisms (SNPs)
associated to target site insensitivity mechanisms [39, 42, 43]. Recent technologies such as
polymerase chain reaction (PCR) is a powerful tool used to amplify or detect SNPs that can be
employed as biomarkers of pesticide resistance, which provides an alternative to the time
consuming bioassays that mitigates the risk of exposure to pesticides by laboratory personnel
[21, 35–39, 44].

Genomics approaches are also enabling the design of new target antigens through in silico
analysis of transcriptomic and genomic data to develop vaccines against ticks [43, 45],
mosquitoes, other biting flies, and parasitic worms, as well as markers for pesticide resistance
detection [46, 47]. The integration of molecular methods for pesticide resistance detection,
prediction, and vaccine development efforts against hematophagous arthropods is an exciting
alternative to manage the emergence of pesticide resistance and to improve vector and vector-
borne disease control technologies.

8. Concluding remarks

Pesticide resistance is a preadaptive and genetic condition that implies the presence and
selection of a collection of genes within a population of arthropods. A principal function of
this suite of genes is to detoxify the chemicals used for pest control. Pesticide use is a strong
selection force for resistance among pest populations.
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Genetic plasticity in arthropods enables the emergence of resistance to currently used pesti‐
cides. Because of the natural host defense mechanisms evolved through millions of years, it is
likely that arthropod pests are preadapted to become resistant to new pesticides, especially if
the current intensive use of pesticides continues.

The growing problem of multiple resistance in arthropods all around the world demands
research that can help us to better understand the mechanisms of pesticides resistance. This
knowledge can be translated into improved diagnostic and predictive tools to mitigate the
impact of pesticide resistance. Integrating genomics methods for pesticides resistance detec‐
tion and vaccine development against hematophagous arthropods will improve strategies to
prevent and predict the emergence of pesticides resistance that could lower the burden of pests
and vector-borne diseases on humans, livestock, and wildlife.
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The growing problem of multiple resistance in arthropods all around the world demands
research that can help us to better understand the mechanisms of pesticides resistance. This
knowledge can be translated into improved diagnostic and predictive tools to mitigate the
impact of pesticide resistance. Integrating genomics methods for pesticides resistance detec‐
tion and vaccine development against hematophagous arthropods will improve strategies to
prevent and predict the emergence of pesticides resistance that could lower the burden of pests
and vector-borne diseases on humans, livestock, and wildlife.
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Abstract

Polyphagous insect herbivores encounter numerous toxins (xenobiotics) as they
pass through their life cycle; some toxins are produced naturally by the host plants
(allelochemicals) and others by humans (insecticides) to manage these insects hav‐
ing pest status. The host plants have evolved defensive mechanisms for protection
from herbivory, including chemical repellents and toxins (secondary metabolites).
Many classes of insect repellents and toxic substances, such as isoflavonoids, fura‐
nocoumarins, terpenoids, alkaloids and cyanogenic glycosides are synthesized in
plants. The biosynthetic pathways leading to these allelochemicals are continually
evolving to generate new secondary metabolites. Similarly, to control the herbivo‐
rous insect pests, numerous chemicals of synthetic origin are used continuously
against them. In response, the attacking organisms also evolve mechanisms that en‐
able them to resist the defensive chemicals of their hosts and those toxins of syn‐
thetic origin applied for their control. A variety of defence mechanisms, including
enzymatic detoxification systems, physiological tolerance and behavioural avoid‐
ance, protect insect herbivores from these xenobiotic compounds. Insect pests have
evolved the mechanisms to degrade metabolically (enzymatically) or otherwise cir‐
cumvent the toxic effect of many types of chemicals that we have synthesized as
modern insecticides. The extent to which insects can metabolize and thereby de‐
grade these antibiotics or toxins is of considerable importance for their survival in
hostile chemical environment. These mechanisms continue to evolve as insects at‐
tempt to colonize new plant species or encounter newer molecules of synthetic in‐
secticides. Generally, three main enzymes, general esterases (GEs), glutathione S-
transferases (GSTs) and cytochrome P450-mediated monooxygenases (CYPs), are
involved in the process of metabolic detoxification of insecticides. During the past
70 years, following the discovery and extensive use of synthetic insecticides, resist‐
ance of insects to insecticides has registered the greatest increase and strongest im‐
pact. The evolution of resistance to insecticides is an example of evolutionary
process. An insecticide is the selection pressure, which results in a very strong but
differential fitness of the individual in a population having susceptible and resistant
genotypes. The survival and subsequent reproduction of resistant individuals lead
to a change in the frequency of alleles conferring resistance in the population over
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time. While selection pressure acts to change allele frequencies within pest popula‐
tions, the phenotype upon which selection operates is a function of both genotype
and the environment. Recent studies in insect detoxifying enzymes have revealed
further versatility in the adaptation of insects to their environment by the phenom‐
enon of induction. This is the process in which a chemical stimulus enhances the ac‐
tivity of the detoxification enzyme systems by the production of additional
enzymes that metabolize toxic chemical substances. Hence, the influence of envi‐
ronmental factors such as continuous usage of insecticides and the chemical constit‐
uents (allelochemicals) of host plants on phytophagous insects can have a great
impact to induce the enzymatic detoxification systems of insects, thereby promoting
the insecticide resistance mechanisms. While all insects do possess detoxification
ability, its magnitude is expected to vary among the species with the nature of its
recent environment and feeding ecology. The level and type of detoxifying mecha‐
nisms differ greatly, which therefore result in varying toxicity among different de‐
velopmental stages, species and populations. Variation in detoxifying enzyme
activity is responsible in part for the selective toxicity of different insecticides, the
development of resistance to insecticides and selective adaptation to host plants.
Over-expression of these detoxifying enzymes, capable of metabolizing insecticides,
can result in a high level of metabolic tolerance/resistance to synthetic insecticides.
Increased expressions of genes encoding the major xenobiotic metabolizing en‐
zymes are the most common cause of insecticide resistance in insects.

Keywords: Insecticide resistance, tea, insect pests, detoxifying enzymes, cyto‐
chrome p450, carboxylesterases, glutathione S-transferases, monooxygenases, allelo‐
chemical, Helopeltis theivora, Scirtothrips dorsalis, Empoasca flavescens

1. Introduction

1.1. Tea, the plantation crop with economic value: Driving the shrub to cup

Tea is produced from young leaves and buds of tea plant, Camellia sinensis (L.) O. Kuntze is a
native of China, and the Chinese are said to have discovered its use nearly 4,700 years ago. It
is believed that Shen Nung, a Chinese emperor who lived some 4,700 years ago, discovered
that tea leaves falling into boiling water make a refreshing drink. Tea then became a popular
drink in China for both its flavour and medicinal qualities. Eventually, the habit of drinking
tea spread throughout Asia and then throughout the world. Currently, tea is the second most
preferred and popular drink after water. The word tea had its origin from t’e (pronounced as
‘tay’) in ‘Amoy’ dialect while in Cantonese it was called ch’a (‘chah’). This is the name by which
this wonderful beverage is known in Japan, Iran, Russia, Indonesia, Malaysia, Vietnam and
India. Tea was introduced in Japan about AD 800 and was regarded as medicine for about 500
years. Tea was introduced in Europe in the early 17th century with the beginning of trade
between Europe and the Southeast Asia.

Now tea is produced in almost every region of the globe. The tea plant is predominantly grown
in Asia followed by in Africa and to a very small extent in Europe, South America, Australia
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drink in China for both its flavour and medicinal qualities. Eventually, the habit of drinking
tea spread throughout Asia and then throughout the world. Currently, tea is the second most
preferred and popular drink after water. The word tea had its origin from t’e (pronounced as
‘tay’) in ‘Amoy’ dialect while in Cantonese it was called ch’a (‘chah’). This is the name by which
this wonderful beverage is known in Japan, Iran, Russia, Indonesia, Malaysia, Vietnam and
India. Tea was introduced in Japan about AD 800 and was regarded as medicine for about 500
years. Tea was introduced in Europe in the early 17th century with the beginning of trade
between Europe and the Southeast Asia.

Now tea is produced in almost every region of the globe. The tea plant is predominantly grown
in Asia followed by in Africa and to a very small extent in Europe, South America, Australia
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and New Zealand. Now, tea is grown in 36 tropical and subtropical countries. Major tea
producing countries are India, China, Sri Lanka, Kenya, Japan, Indonesia, Thailand, Bangla‐
desh, Nepal, Vietnam, Turkey and Argentina.

Tea plants are native to East and South Asia and probably originated around the point of
confluence of the lands of northeast India, north Burma, southwest China and Tibet. The
commercially cultivated tea plants are derived from small-leaved China plants, C. sinensis, the
Assam plants, C. assamica (Masters), and the Cambod plants, C. assamica ssp. lasiocalyx
(Planchon ex Watt) Wight and numerous hybrids among them. Tea plants require warm
humid climate, well-distributed rainfall and long sunshine hours. Shoots, comprising two or
three tender leaves and a bud, are harvested and processed in factories to manufacture
different types of tea.

2. Insect pest occurrences in tea

Being a widespread perennial monoculture crop, tea plantations provide the most congenial
microclimate as well as continuous food supply to a number of arthropods. Every part of the
tea plant, i.e. leaf, stem, root, flower and seed is subjected to attack by at least one arthropod
pest species. According to recent estimates, globally, more than a thousand (1,034 species)
arthropods and 82 species of nematodes are associated with tea plantations [1]. Among the
insect pests, 32% are from order Lepidoptera, followed by 27% pest species from Hemiptera
[2]. In India, only 300 species of arthropods are recorded as pest and about 167 species are from
tea-growing Northeast India (Table 1) [3]. The dynamic adaptations of insects have facilitated
them to exploit every part of the tea plant and the maximum numbers of pests occur on the
foliage.

Among the arthropods that attack tea plant, insect and mite pests are the most damaging [2],
causing on average a 5%–55% yield loss [4–6]. Insect pests alone can cause on an average 11%–
55% yield loss, if left unrestrained [1].

Tea mosquito bug, thrips, jassids, tea caterpillars (looper, redslug and bunch), aphids, termites,
cockchafers and red spider mite are among the various insects and mite pests that cause severe
loss in tea production. The damage caused by the tea pests frequently leads to a significant
impact on quality and yield, while the degree of pest infestation differs in different tea-growing
areas depending on altitude, climate, forest cover and local cultural practices. Tea pests can be
broadly classified into the different categories based on their feeding nature, time of occurrence
and severity. The major pests are mite pests: red spider mite (Oligonychus coffeae), scarlet mite
(Brevipalpus phoenicis), pink mite (Acaphylla theae), purple mite (Calacarus carinatus); sucking
pests: tea mosquito bug (Helopeltis theivora), tea thrips (Scirtothrips dorsalis and Myctrothrips
setiventris), tea jassids (Empoasca flavescens), aphids, scale insects; leaf eaters: looper caterpillars
(Hyposidra talaca, H. infixaria, Buzura suppressaria), red slug caterpillar (Eterusia magnifica),
bunch caterpillar (Andraca bipunctata); and soil-borne pests: termites (Microcerotermes sp.
Odontotermes sp.), cockchafers, nematodes, weevils, cricket [8].
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Sl. no. Name of the pests Nature of damage Family: Order

1. Andraca bipunctata Walk. Bunch caterpillar Folivores Bombycidae: Lep.

2. Eterusia magnifica Butl. Red slug caterpillar Folivores Zygaenidae: Lep.

3. Buzura suppressaria Guen. Looper caterpillar Folivores Geometridae: Lep.

4. Hyposidra talaca, H. infixaria Walk. Black inch worm Folivores Geometridae: Lep.

6. Lymantria albulunata Mre. Sungma caterpillar Folivores Lymantridae: Lep.

7. Gracillaria theivora Walsh. Tea leaf roller Folivores Gracilariidae: Lep.

8 Homona coffearia Nietner Tea tortrix Folivores Torticidae:Lep.

9. Laspeyresia leucostoma Mayer. Flushworm Folivores Eucosmidae: Lep.

10. Holotrichia impressa Burm. Cockchafer grubs Root of young tea Scarabaeidae: Col.

11. Serica assamensis Brenske Leaf-eating cockchafer Leaf eater Scarabaeidae: Col.

12. Asticus chrysochlorus Wied. Large green weevil Leaf eater Curculionidae: Col.

13. Agromyzidae (Bigot) Meij Tea leaf miner Leaf eater Agromyzidae: Dip.

14. Microtermes spp. Live wood-eating termite Stem and root eater Termitidae: Iso.

15. Odontotermes sp. Scavenging termite Stem and root eater Termitidae: Iso.

16. Helopeltis theivora Waterhouse Tea mosquito bug Leaf sucker Miridae: Hem.

17. Empoasca flavescens Fabr. Tea greenfly/tea jassid Leaf sucker Jassidae: Hem.

18. Toxoptera aurantii Boyer de Fons. Tea aphid Leaf sucker Aphididae: Hem.

19. Scirtothrips dorsalis Hood Yellow tea thrips Leaf and bud sucker Thripidae: Thy.

20. Mycterothrips (Teaniothrips) setiventris
Bagnall

Common thrips Leaf and bud sucker Thripidae: Thy.

21 Oligonychus coffeae Nietner Red spider mite Leaf sucker Tetranychidae: Aca.

22. Brevipalpus phoenicis Geijskes Scarlet mite Leaf sucker Tenuipalpidae: Aca.

Table 1. Major insect and mite pests that occur on tea in India.

3. Insect pests of tea and management problems

Tea is produced from the young foliage, i.e. young leaves and a bud, and foliage production
is increased by seasonal pruning which enhances the leaf cover. The major pests of the crop
are those associated with the young foliage. The most important insect pest groups are the
folivores (chewing) and sap suckers of the young tender leaves, buds and stems (sucking pest),
which damage the most economic part of tea plant that is processed in tea industry for making
the tea. These pests cause substantial loss in yield to the tea industry.

In India, different management practices are followed to protect the tea crop against different
insect pest groups. Most of the plantations are managed conventionally i.e. using different
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organosynthetic insecticides, whereas some organic plantations use plant- and animal-based
herbal and microbial insecticides. In conventional tea plantations, organo-synthetic insecti‐
cides of different functional groups such as organochlorines, organophosphates, synthetic
pyrethroids (SPs) and neonicotinoids (NNs) are regularly used throughout the year to control
the invasion of different insect pest groups (sucking, folivores and others) [8]. The use of
insecticide is cost-effective to planters and a major concern for the environmental degradation
due to contamination as well as in resurgence of primary pests [6], outbreak of secondary pests
[9], development of insecticide resistance [10, 11], including undesirable residues in made tea
[12]. Regular spraying of insecticides leads to the development of higher level of tolerance or
resistance to insecticides in many insects [11, 13].

From the early forties onwards, dichlorodiphenyltrichloroethane (DDT) (organochlorine) was
regularly used to manage the infestation of H. theivora, the major sucking pest in Northeast
India [14]. In 1968, endosulfan (cyclodiene: organochlorine) was introduced in the tea planta‐
tions of the Dooars region of West Bengal, India, in the form of thiodan 35 EC [15]. Currently,
in different conventional tea plantations of tea-growing regions of India, cypermethrin,
deltamethrin, quinalphos, monocrotophos, chlorpyriphos, imidacloprid, etc. are extensively
used during cropping season to control insect pests [16–18].

Recently, a number of insecticides have been found to be ineffective in controlling the insect
and mite pests in different tea-growing regions of India [8]. The development of resistance to
different classes of insecticides is one of the causes for persistence and resurgence of insect
pests on tea crop [8, 19–21]. A major concern in managing the major insect pests of tea is its
high potential to develop resistance rapidly to regularly used insecticides [11]. Continuous
and repeated exposure to different classes of insecticides for many years, in addition to their
high reproductive potential, short life cycle and numerous annual generations, has limited the
management of major pests of tea [11]. Recently, there are reports on the development of
resistance to many commonly used synthetic insecticides and consequent failure in controlling
many tea pests [10, 22–26]. Such failures are already known in case of organochlorines (OCs),
organophosphorus (OP) and synthetic pyrethroid (SP) insecticides and more recently for the
newer compound such as neonicotinoids [19–21, 26]. The development of resistance in H.
theivora populations to different classes of insecticides has been in the range of 1.47–62.99-fold
for males and 1.25–62.82-fold for females in Northeast India [19]. Relative toxicity to commonly
used insecticides has been observed to vary in H. theivora populations from Jorhat, Assam [20],
Darjeeling [27], and from sub-Himalayan Dooars region of Northeast India [28]. LC50 values
of insecticides, when compared with the field dose against H. theivora recommended by TRA
(Tea Research Association, Tocklai, Assam, India), revealed a pronounced shift in the level of
susceptibility of H. theivora to all insecticides except acephate [20–21].

For the management of other sucking insects such as yellow tea thrips, S. dorsalis, insecticides
are also used in conventional tea plantations. In tea ecosystem, control failure and the devel‐
opment of biochemical resistance have been reported in S. dorsalis [11, 24]. In India, S.
dorsalis populations have developed a high degree of resistance to a range of organochlorine
(DDT, BHC and endosulfan), organophosphate (acephate, dimethoate, phosalone, methyl-O-
demeton and triazophos) and carbamate insecticide (carbaryl) in chili ecosystem [31]. S.
dorsalis has also developed a high degree of resistance to various insecticides, viz. monocro‐

Biochemical Insecticide Resistance in Tea Pests
http://dx.doi.org/10.5772/61949

351



tophos, acephate, dimethoate, phosalone, carbaryl and triazophos [32]. Recently, several
insecticides have been tested on S. dorsalis in chili ecosystem in USA and found limited success
with chlorfenpyr, spinosad and imidacloprid [33, 34]. The performance of novaluron, aba‐
mectin, spiromesifen, cyfluthrin, methiocarb and azadirachtin failed to provide effective
control of this pest [35].

Similarly, in another emerging sucking insect pest of tea, tea greenfly, E. flavescens, repeated
management failure and biochemical insecticide resistance in tea ecosystem from Northeast
India have been reported [11, 24]. In China, chemical insecticides including fenvalerate,
cyfluthin, cypermethrin and imidacloprid are sprayed to control the leafhoppers as frequently
as seven times annually or even more frequently [36–37]. A high level of resistance against
many insecticides has been reported in related species, E. vitis [38]. The resistance to thiame‐
thoxam was highest and to cyperemethrin was lowest in E. vitis. Recently, in Fujian province
of China, a regional diversity of resistance to eight insecticides in E. vitis has been reported in
tea ecosystem with higher resistance level to bifenthrin, acetamiprid, imidacloprid, cartap and
chlorfenapyr [39].

A high level of insecticide resistance in folivores, such as black hairy caterpillar, bunch
caterpillar, looper pest complex (Hyposidra talaca, H. infixaria, Buzura suppressaria, Eturesia
magnifica) and in termite of tea ecosystem, has been reported with reduced susceptibility
against different insecticides.

Detoxification of insecticides is an important toxicokinetic mechanism for insect pests to
tolerate regularly applied insecticides [8, 40–42]. Susceptibility levels against insecticides
change mainly due to metabolic detoxification of the insecticides through the induction of
some detoxifying enzymes under the stress of different management practices [43–45].

Generally, three principal enzymes, general esterases (GEs), glutathione S-transferases (GSTs)
and cytochrome P450-mediated monooxygenases (CYP450s), are involved in the process of
metabolic detoxification of insecticides [41]. Estimation of the activities of these metabolic
defence-related detoxifying enzymes gives information on the level of tolerance/resistance of
the insect pest population to insecticides and is a useful tool in monitoring the tolerance/
resistance to insecticides at population level of the pest. The early detection of metabolic threats
related to tolerance/resistance to insecticides in pest specimens is of crucial importance for
devising pest control techniques that would minimize the development of tolerant/resistant
forms and prevent any undesirable wastage of insecticide, money and manpower.

4. Insecticide resistance mechanisms in insect pests of tea

Insects come across with numerous toxins as they go through their life cycle. Some of these
toxins are naturally produced by plants (plant allelochemical) and others by humans (synthetic
insecticides). To protect themselves against the natural toxins, insects have evolved various
detoxification mechanisms [41] These mechanisms also cross-protect insect pests when they
are exposed to synthetic insecticides [25]. Herbivorous insect groups (agricultural pests) are
significantly more diverse than their non-herbivorous sister groups [46]. The role of plant in
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promoting diversification in insects has occurred through co-evolutionary ‘defence strategies’
among them [47]. This diversification could also have been a result of insects ‘tracking’ plant
phylogenies, with minor chemical changes in plants allowing the evolving populations of
insects to change and speciate accordingly, which probably has occurred long after chemical
changes in plants [48]. Evolution to herbivory preceded via mixed feeding on reproductive
parts or spores, dead tissues of plants and animals and fungi. This progression implies that
omnivory preceded generalized herbivory and the evolution of specialization on specific plant
taxa was a later accomplishment [49].

Among sucking insect herbivores, the actual food used, i.e. digested whole tissue particularly
parenchyma (as in Helopeltis sp.), cell content (thrips) and phloem flow (Empoasca sp.),
influences both the feeding mechanism and feeding behaviour [48]. While the chewing insects
(looper caterpillar complex) cause extensive damage, the sucking insects cause modest to
barely perceptible damage. However, sucking insects, particularly phloem and digested tissue
feeder,impose an additional challenge to the plants as they deplete photosynthates, act as
vector of viruses and introduce chemical and protein effectors that alter plant defence
mechanisms (signalling) and development [50]. When these attributes are combined with a
broad host range, breeding strategies that promote invasiveness, highly evolved feeding
strategies, the ability to adapt to a wide range plant habitats and the emergence of insecticide
resistance, it is not surprising that sucking insects cause heavy losses in agriculture and
horticulture [51].

Insecticide resistance is a genetic change in response to selection pressure of toxicants that
impair pest control in the field [52]. Insecticide resistance does not occur unless a structural
genetic change occurs that is heritable. Therefore, insecticide resistance is an evolutionary
phenomenon that results under the selection pressure of a new toxicant in the environment
[8].Thus insecticide resistance is different from insecticide tolerance. Insecticide tolerance is
the natural ability of a population to withstand the toxic effect of a particular insecticide. It can
develop within one generation as a result of physiological adaptation, i.e. induction of
xenobiotic detoxifying enzymes. Hence, variation within a population may include individu‐
als with genetic traits that make them better adapted to survive in exposure to an insecticide.
If these individuals survive the insecticide exposure, then the tolerance traits can be passed on
to the next generation, thereby enriching the gene pool with those genes. The mechanisms of
development of insecticide tolerance can be divided into four levels:

Altered behaviour – avoidance of contact with the insecticide

Development of barrier tissues – reduced penetration of the insecticide though the integument

Enhanced detoxification – higher metabolism of the insecticide

Alteration of receptor – at the target site for the insecticide.

The first level, at which insecticide tolerance can develop, is when the insect encounters an
insecticide. An altered behaviour helps the insect to avoid coming into contact with the
insecticide. Once the insect comes in contact with the insecticide, a reduced and delayed
penetration through the cuticle will reduce the effect of the insecticide at the target site; this is
yet another level of resistance. Within the insect’s body, the insecticide may be enzymatically
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metabolized and thereby inactivated. At the third level of resistance mechanism, three systems
of xenobiotic detoxification enzymes operate: esterases, glutathione S-transferases and
cytochrome P450-dependent monooxygenases. The increased activity of one of these enzyme
systems in metabolizing insecticides will result in insecticide tolerance. Alterations at the target
site for the insecticide are the last level of insecticide resistance mechanisms. Different classes
of insecticides bind to specific target sites and reduced binding at the target site, or increased
number of target site molecules may confer insecticide resistance.

4.1. Behavioural resistance

Behavioural resistance mechanisms are the least studied resistance mechanisms in insects, but
this is not to say that behavioural resistance is the least significant. Behavioural resistance can
be defined as ‘evolved behaviours that will reduce an insect’s exposure to toxic compounds or that
allows an insect to survive in what would otherwise be a toxic and fatal environment’ [53]. Behavioural
resistance has been observed in more than 30 species of insects [53]. Avoidance is the first step
in the evolution of behavioural resistance [54]. In H. theivora, this kind of resistance has been
seen [55]. H. theivora shows a different egg-laying strategy to avoid insecticide exposure. Even
E. flavescens avoids exposure to direct sunlight and therefore prefers to stay on the underside
of the tea leaves. This behaviour cross-protects it from the direct insecticide exposure in
conventional tea plantations during spraying [8]. The same has been found in S. dorsalis which
resides inside the leaf bud during development and underside of the leaf during adult stage,
thereby avoiding direct exposure to insecticides [8].

4.2. Reduced penetration

Reduced penetration of insecticides through barrier tissues of insects is another way in which
an insect can modify the effective dose of insecticide at the target site. The mechanism may not
prevent the insecticide from eventually entering the insect, but it can reduce the rate at which
the insecticide reaches the target site. Reduced penetration has been shown to function as a
resistance mechanism to many different insecticides, and, by the nature of this mechanism,
cross-resistance is often found [56]. The rate of penetration of insecticides through the insect
cuticle or other barriers (peritrophic membrane) depends on the physicochemical properties
of the insecticide and the barrier. A reduced penetration contributes to DDT resistance in the
tobacco budworm, Heliothis virescens F. (Lepidoptera: Noctuidae). DDT-resistant larvae had
an altered composition of the cuticle. The protein and lipid contents are greater in the cuticle
of resistant larvae and, furthermore, the cuticle of the resistant larvae probably had a higher
degree of sclerotization [57]. In M. domestica, two resistant strains, with reduced penetration
as one of the resistance mechanisms, also showed increased cuticular lipid content; more total
lipids, mono-glycerides, fatty acids, sterols and phospholipids were present in the resistant
strains compared to a susceptible strain [58]. Reduced penetration has been documented as a
resistance mechanism only at the level of the insect cuticle, but any biological membrane may
serve as a barrier and thereby give resistance [59]. As a single resistance mechanism it usually
only confers low levels (less than threefold) of resistance [59]. Reduced penetration has been
shown to function as a resistance mechanism to many different insecticides, including

Insecticides Resistance354



metabolized and thereby inactivated. At the third level of resistance mechanism, three systems
of xenobiotic detoxification enzymes operate: esterases, glutathione S-transferases and
cytochrome P450-dependent monooxygenases. The increased activity of one of these enzyme
systems in metabolizing insecticides will result in insecticide tolerance. Alterations at the target
site for the insecticide are the last level of insecticide resistance mechanisms. Different classes
of insecticides bind to specific target sites and reduced binding at the target site, or increased
number of target site molecules may confer insecticide resistance.

4.1. Behavioural resistance

Behavioural resistance mechanisms are the least studied resistance mechanisms in insects, but
this is not to say that behavioural resistance is the least significant. Behavioural resistance can
be defined as ‘evolved behaviours that will reduce an insect’s exposure to toxic compounds or that
allows an insect to survive in what would otherwise be a toxic and fatal environment’ [53]. Behavioural
resistance has been observed in more than 30 species of insects [53]. Avoidance is the first step
in the evolution of behavioural resistance [54]. In H. theivora, this kind of resistance has been
seen [55]. H. theivora shows a different egg-laying strategy to avoid insecticide exposure. Even
E. flavescens avoids exposure to direct sunlight and therefore prefers to stay on the underside
of the tea leaves. This behaviour cross-protects it from the direct insecticide exposure in
conventional tea plantations during spraying [8]. The same has been found in S. dorsalis which
resides inside the leaf bud during development and underside of the leaf during adult stage,
thereby avoiding direct exposure to insecticides [8].

4.2. Reduced penetration

Reduced penetration of insecticides through barrier tissues of insects is another way in which
an insect can modify the effective dose of insecticide at the target site. The mechanism may not
prevent the insecticide from eventually entering the insect, but it can reduce the rate at which
the insecticide reaches the target site. Reduced penetration has been shown to function as a
resistance mechanism to many different insecticides, and, by the nature of this mechanism,
cross-resistance is often found [56]. The rate of penetration of insecticides through the insect
cuticle or other barriers (peritrophic membrane) depends on the physicochemical properties
of the insecticide and the barrier. A reduced penetration contributes to DDT resistance in the
tobacco budworm, Heliothis virescens F. (Lepidoptera: Noctuidae). DDT-resistant larvae had
an altered composition of the cuticle. The protein and lipid contents are greater in the cuticle
of resistant larvae and, furthermore, the cuticle of the resistant larvae probably had a higher
degree of sclerotization [57]. In M. domestica, two resistant strains, with reduced penetration
as one of the resistance mechanisms, also showed increased cuticular lipid content; more total
lipids, mono-glycerides, fatty acids, sterols and phospholipids were present in the resistant
strains compared to a susceptible strain [58]. Reduced penetration has been documented as a
resistance mechanism only at the level of the insect cuticle, but any biological membrane may
serve as a barrier and thereby give resistance [59]. As a single resistance mechanism it usually
only confers low levels (less than threefold) of resistance [59]. Reduced penetration has been
shown to function as a resistance mechanism to many different insecticides, including

Insecticides Resistance354

insecticides of the three major classes, OPs, carbamates and pyrethroids. Reduced penetration
of OPs through the cuticular barrier has been reported, for example, diazinon in M. domesti‐
ca [60], azinphos-methyl in the pear psylla, Psylla pyricola Foester (Hemiptera: Psyllidae) [61]
and profenofos in H. virescens [62]. However, by slowing the penetration rate of insecticides,
this mechanism reduces the risk that the insects’ detoxification systems become overloaded,
and the dose of insecticide reaches to a lethal level at the target site. In female H. theivora, a
higher level of body lipid has been found which effectively reduces the penetration of
insecticide to the target site [63]. No studies on resistance due to reduced penetration in E.
flavescens and S. dorsalis or any other tea pests have been reported to date. The studies had
shown that when different resistance mechanisms are combined in the same individuals, a
synergistic effect, resulting in a high level of resistance, may arise [64, 65]. Therefore, even a
small degree of reduced penetration can contribute significantly to the overall insecticide
resistance of the insect pests.

4.3. Metabolic detoxification

Metabolic detoxification of insecticides is an important toxicokinetic mechanism for insects to
tolerate the toxic effects of insecticides. Generally, lipophilic (hydrophobic) insecticides are
rapidly detoxified. Organophosphates, organochlorines, carbamates and pyrethroids are
lipophilic compounds, and detoxification enzymes transform these insecticides to more
hydrophilic and less biologically active compounds so that can be eliminated more easily by
excretion. Increased detoxification of insecticides has often been reported in many resistant
populations [40]. Three enzyme systems are generally recognized as the major detoxification
systems involved in insecticide resistance in insects. These are carboxylesterases, cytochrome
P450-dependent monooxygenases and glutathione S-transferases [40, 41].

4.4. Alteration at the target site for insecticide (target site insensitivity)

The biochemical sites for insecticide action differ for different insecticides and are a potential
field of research for developing insecticides, which can act specifically or more efficiently on
insect biochemical sites compared to mammals. The target site receptor for action of organo‐
phosphates, carbamates, organochlorines and pyrethroids is in the nervous system. The
enzyme acetylcholinesterases (AChEs) (EC 3.1.1.7) are the target sites for organophosphates
and carbamates, and voltage-gated sodium channel of the nerve membrane is the target of
pyrethroids and DDT. Neurotoxic insecticides such as cyclodienes (e.g. dieldrin and endosul‐
fan), y-HCH (lindane) and fipronil target gamma-aminobutyric acid (GABA)-receptor [68,
69] and nicotinyl insecticides (imidacloprid and nicotine) target the nicotinic acetylcholine
receptor (nACHR) [70]. Alteration at the target site, to less a sensitive target for neurotoxic
insecticides, is an important toxicodynamic resistance mechanism in insects [71].

In insects, the potent inhibitors of AChE are organophosphates and carbamates. These
compounds inhibit the activity of AChE by forming a stable covalent intermediate, preventing
the enzyme to hydrolyse acetylcholine. An accumulation of acetylcholine keeps the ion channel
of the receptor permanently open, which eventually kills insect. OPs and carbamates are quasi-
irreversible inhibitors of AChE. The organophosphates and carbamates phosphorylate and
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carbamylate the active site serine of AChE, respectively [72]. Generally, the reactivation time
of phosphorylated or carbamylated AChE is long. However, the half-lives of reactivation vary
considerably, from minutes to several days, depending on the compound interacting with
AChE [73]. Carbamylated AChE generally reactivates faster than phosphorylated AChE.
Reduced sensitivity of AChE to inhibition by OPs and carbamates is an important resistance
mechanism in insects and is often referred to as altered or insensitive AChE [74]. The presence
of insensitive AChE conferring resistance was first noticed in OP-resistant mites, Tetranychus
urticae Koch (Acari: Tetranycidae) [74] and also found in several insect populations resistant
to these compounds [75–77]. Insecticide susceptible and resistant insect pest populations differ
in the level of AChE activity [78–80]. A higher level of AChE activity has been reported in H.
theivora sampled from conventional tea plantations than from organic garden indicating the
presence of resistance to insecticides in conventional tea ecosystems [81, 82]. There is no such
report on S. dorsalis and E. flavescens in conventional tea ecosystems to date.

5. Major metabolic detoxifying enzymes in insects

Carboxylesterases, glutathione S-transferases and cytochrome P450-mediated monooxyge‐
nases are the three principal enzymes that facilitate the insects to metabolize different kind
of toxins. These large enzyme families contain multiple forms with overlapping substrate
specificities.  Knowledge  of  insecticide  detoxification  helps  in  understanding  the  mecha‐
nism of insecticide resistance, hence the development of a sound resistance management
strategy.  Detoxification  can be  divided into  phase  I  (primary)  and phase  II  (secondary)
processes (Figure 1).

Figure 1. Insecticide detoxification pathways.
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Phase I reactions consist of oxidation, hydrolysis and reduction. The phase I metabolites are
sometimes polar enough to be excreted but are usually further converted by phase II reactions.
In phase II reactions, the polar products are conjugated with a variety of endogenous com‐
pounds such as sugars, sulphate, phosphate, amino acids or glutathione and subsequently
excreted. Phase I reactions are usually responsible for decreasing the biological activity of
toxins, and therefore the enzymes involved are rate limiting with respect to toxicity. The most
important function of biotransformation is to decrease the lipophilicity of insecticides, so that
they can be excreted quickly [83].

5.1. Phase I reactions

5.1.1. Cytochrome P450 monooxygenases (E.C. 1.14.-.-)

Oxidation is considered the most important among phase I reactions. The oxidative reactions
are carried out mainly by a group of enzymes called cytochrome P450 monooxygenases [also
known as mixed function oxidases (MFO) or polysubstrate monooxygenases (PSMO),
microsomal oxidase, P450 enzymes]. Cytochrome P450, or CYP genes, constitutes one of the
largest family of genes, with representatives in virtually all living organisms, from bacteria to
protists, plants, fungi and animals [84].

In insects, P450 monooxygenases are involved in many processes including roles in the
metabolism of plant allelochemicals by herbivores and in detoxification of insecticides. The
human genome carries about 57 CYP genes, and insect genomes can carry from 36 CYP genes
in the body louse Pediculus humanus [85] to 170 in a mosquito [86]. Each P450 protein is the
product of a distinct CYP gene, and P450 diversity is the result of successive gene (or genome)
duplications followed by sequence divergence [84].

The typically 45–55-kDa P450 proteins are heme-thiolate enzymes. Their essential common
feature is the absorbance peak near 450 nm of their FeII–CO complex for which they are named
[87]. P450 enzymes are best known for their monooxygenase role, catalysing the transfer of
one atom of molecular oxygen to a substrate and reducing the other to water. The simple
stoichiometry commonly describes the monooxygenase or mixed function oxidase reaction of
P450:

®+ +
2 2RH+O +NADPH+H ROH+H O+NADP

However, oxygen atom transfer is not the only catalytic function of P450 enzymes. They also
show activities such as oxidases, reductases, desaturases, isomerases, etc. and collectively are
known to catalyse at least 60 chemically distinct reactions (Table 2).

The first insect P450 cloned and sequenced was CYP6A1 from Musca domestica in 1989 [88].
The P450 gene complement (CYPome) size of an insect genome is not a definite number [89].
Insects can survive with small CYPomes even in toxic environments. The human body louse
Pediculus humanus, with 36 CYP genes, is known to become highly resistant to many classes of
insecticides [85], and the honeybee, with just 46 CYP genes [90], is not more sensitive than
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other species in a comparison to the toxicity of 62 insecticides [91]. The main driver of CYPome
evolution is of course gene duplication, followed by divergence (by neofunctionalization or
subfunctionalization) or death (pseudogenization or deletion) [84].

5.1.2. Carboxylesterases (EC 3.1.1.1)

Carboxylesterase or esterase is a collective term for the enzymes that hydrolyse carboxylic
esters [92]. Classification of these enzymes is difficult because of their overlapping substrate

Reaction catalysed P450

Oxidase activity
O2 to H2O, H2O2, O2 −

CYP6A1 (and probably most P450 enzymes)

Aliphatic hydroxylation
C–H hydroxylation

CYP4C7, CYP6A1, CYP6A2, CYP6A8, CYP6G1, CYP6M2,
CYP6CM1vQ, CYP9T2, CYP12A1, CYP18A1, CYP302A1
CYP306A1, CYP312A1, CYP314A1, CYP315A1

O-dealkylation
CYP6A1, CYP6D1, CYP6A5, CYP6B4, CYP6B17, CYP6B21,
CYP6G1, CYP6Z2, CYP6CM1vQ, CYP9A12, CYP9A14,
CYP12A1, CYP321A1,

Dehalogenation CYP6G1

Epoxidation
CYP6A1, CYP6A2, CYP6B8, CYP6B27, CYP6AB3, CYP6
CYP6AB11, CYP9E1, CYP12A1, CYP15A1, CYP321A1

Aromatic hydroxylation CYP6D1, CYP6G1, CYP6M2

Heteroatom oxidation and dealkylation
Phosphorothioate ester oxidation

CYP6A1, CYP6A2, CYP6D1, CYP12A1

N-dealkylation CYP6A5, CYP12A1

N-oxidation +(Nicotine)

S-oxidation +(Phorate)

Aldehyde oxidation CYP18A1

Complex and atypical reactions
Cyanogenic glucoside biosynthesis:
Val/Ile to oximes
Oximes to cyanohydrins
Aryl ether cleavage
Carbon–carbon cleavage
Decarbonylation with C–C cleavage
Aromatization
Reduction
Endoperoxide isomerisation

CYP405A2
CYP332A3
CYP6M2
+?(Sterols, ecdysteroid)
CYP4G1
+(Defensive steroids)
–
–

Table 2. Enzymatic reactions catalysed by insect P450 enzymes (adapted from Feyereisen, 2005).
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specificity [93]. However, the esterase classification of Aldridge [94] is generally recognized.
According to that classification, esterases inhibited by paraoxon in a progressive and temper‐
ature-dependent manner are called B-esterases and those which are not inhibited are A-
esterases [94]. Some A-esterases can hydrolyse OPs, through an acylated cysteine in their active
site, and are termed phosphoric triester hydrolases (EC 3.1.8.) [95, 96]. The term carboxyles‐
terase is now mainly attributed to B-esterases [95, 96]. These enzymes have an active site serine
residue, hence the terms B-esterase and serine hydrolase are synonymous. Insecticides such
as organophosphates, carbamates, pyrethroids and some juvenoids, which contain ester
linkages, are susceptible to hydrolysis. Esterases are hydrolases that split ester compounds by
the addition of water to yield an acid and alcohol.

Esterases that metabolize organophosphates can be divided into three groups: A-esterases
which are not inhibited by organophosphates but hydrolyse them; B-esterases, which are
susceptible to organophosphate inhibition; and C-esterases which are uninhibited by organo‐
phosphates and do not degrade them [41].

There are two types of esterases that are important in metabolizing insecticides, namely,
carboxylesterases and phosphatases (also called phosphorotriester hydrolases or phosphor-
triesterases). Carboxyl esterases, which are B-esterases, play a significant role in degrading
organophosphates, carbamates, pyrethroids, and some juvenoids in insects. The best example
is malathion hydrolysis, which yields both α- and β-monoacids and ethanol [41]. Phosphatases
are A-esterases that detoxify many organophosphorous insecticides especially phosphates in
insects. In houseflies, paraoxon can be hydrolysed to diethyl phosphoric acid and p-nitrophe‐
nol. Phosphatases also hydrolyse the alkyl groups of organophosphates. Paraoxon is hydro‐
lysed by the enzyme in houseflies. Several amides containing organophosphorous insecticides
such as dimethoate and acephate have been shown to be hydrolysed by carboxylamidases to
their corresponding carboxylic acid derivatives [41].

5.2. Phase II reactions

Phase I reactions with xenobiotics result in the addition of functional groups such as hydroxyl,
carboxyl and epoxide. These phase I products can further undergo conjugation reactions with
endogenous molecules. These conjugations are called phase II reactions. The endogenous
molecules include sugars, amino acids, glutathione, phosphate and sulphate. Conjugation
products are usually more polar, less toxic and more readily excreted than their parent
compounds. Thus, the process with only a few exceptions results in detoxifications.

Three types of conjugation reactions occur in insects. Type I requires an activated conjugating
agent that then combines with the substrate to form the conjugated product. Type II involves
the activation of the substrate to form an activated donor that then combines with an endog‐
enous molecule to yield a conjugated product. In Type III, conjugation can proceed directly
between the substrate and the conjugating agent without involving activation. Thus, Type I
and II require information of high-energy intermediates before the conjugation reactions
proceed. The chemical groups required for Type I are –OH, NH2, COOH and SH (glucose
conjugation, sulphate conjugation and phosphate conjugation); for Type II COOH (amino acid
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conjugation); and for Type III, halogens, alkenes, NO2, epoxides, ethers and esters (glutathione
conjugation).

5.2.1. Glutathione S-transferases (EC 2.5.1.18.)

Glutathione conjugations are performed by a group of multifunctional enzymes known as
glutathione S-transferases and are involved in detoxification mechanisms of many molecules.
GSTs are involved in the transport of physiologically important lipophilic compounds. These
enzymes catalyse reactions in which the sulphur atom of glutathione provides electron for
nucleophilic attack on a second electrophilic substrate; the latter can be endogenous natural
substrates such as epoxides, organic hydroperoxides, or activated alkenals resulting from
oxidative metabolism. These enzymes catalyse the conjugation of reduced glutathione (GSH)
with electrophilic substrates. Glutathione S-transferases perform a variety of reactions
including:

The S-alkylation of GSH by alkyl halides and related compounds.

The replacement of labile aryl halogen or nitro groups by GSH.

The replacement of labile arakyl halogen and ester groups by GSH.

The addition of GSH to various epoxides.

The addition of GSH to α-, β-unsaturated compounds including aldehydes, ketones, lactones,
nitriles and nitro compounds.

The O-alkyl and O-aryl conjugation of phosphorothiotes and phosphates with GSH.

The glutathione conjugate is subsequently transformed to mercapturic acid through the
stepwise loss of glutamic acid and glycine to a cysteine conjugate, which is finally acetylated
before excretion. Because of their broad substrate specificities, glutathione S-transferases are
responsible for the detoxification of numerous xenobiotics [97]. More than 40 GST genes have
been identified in insects [98, 99]. Mammalian GSTs have been classified into eight cytosolic
classes (alpha, mu, pi, theta, sigma, zeta, kappa and omega) and a microsomal class on the
basis of their amino acid sequence, immunological properties and substrate specificity. Each
class shares 40% or higher amino acid in common. The classification of insect GST is not clear.
The majority of insect GSTs do not belong to mammalian classes. Insect glutathione S-
transferases consist of two subunits (homodimers and heterodimers) of molecular weight
between 19 and 35 kD. Two classes of insect GSTs (Class I and Class II) were reported [100],
which have been referred to as the Delta and Sigma class, respectively. Recently, a new class
of insect GSTs, referred to as Epsilon has been described in several species of insects including
Anopheles gambiae [101]. Purified cytosolic and microsomal glutathione S-transferase isozymes
from fall armyworm larvae possessed cumenehydrperoxide peroxidase [102]. A Delta class
GST purified from German cockroaches also showed high peroxidase activity [103]. The name
of each GST is composed of the initials of the species scientific name, followed by the acronym
GST, a capital letter to designate the class name and an Arabic number for the individual
protein, such as AgGSTD2.
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Glutathione S-transferases are important in the metabolism of organophosphorous insecti‐
cides resulting in detoxification [99, 104]. For example, methyl parathion is dealkylated by
glutathione S-tranferases to form desmethyl parathion and methyl glutathione [41]. On the
contrary, parathion can be de-arylated by glutathione S-transferases to produce diethyl
phosphorothioic acid and S-(p-nitrophenyl) glutathione [41]. Interestingly, a glutathione S-
transferase isozyme from the housefly exhibits DDT-dehydrochlorinase activity, showing that
DDT-dehydrochlorinase (DDTase) is one of the glutathione S-tranferases [104]. DDT-dehy‐
drochlorinase converts DDT to DDE, resulting in detoxification [41].

6. Detoxifying enzymes and insecticide metabolism

The metabolism of insecticides by P450 enzymes is very often a key factor in determining
toxicity to insects and to non-target species. The importance of monooxygenases in insecticide
resistance became evident in the early 1960s, when it was shown that resistance to carbaryl
could be abolished by the P450 inhibitor sesame [106]. Additional evidence of monooxygenase-
based resistance quickly amassed [107, 108]. Monooxygenase-mediated detoxification is
frequently found as a major mechanism of resistance, and unlike target site resistance,
detoxification has the potential to confer cross-resistance to toxins independent of their target
sites [109, 110]. Most cases of monooxygenase-mediated resistance result from an increase in
detoxification (Table 3). However, in cases where the parent insecticide must undergo
monooxygenase-mediated bioactivation, as is the case for many organophosphates, it is also
possible that resistance could be achieved through decreased activation [111]. Although this
has been reported once, it does not appear to be a common mechanism of resistance. This may
explain why esterases are relatively more common than monooxygenases in resistance to some
organophosphates [110, 112]. The classical example is probably the metabolism of phosphor‐
othioate insecticides. In many cases, the active ingredients of organophosphorus insecticides
are phosphorothioate (P=S) compounds (also known as phosphorothionates), whereas the
molecule active at the acetylcholinesterase target site is the corresponding phosphate (P=O)
(Figure 2).

P450  enzymes  that  metabolize  OPs  can  metabolize  other  insecticides  as  well,  and  this
sometimes leads to potentially useful interactions. Thus, enhanced detoxification of dicofol
in spider mites can lead to enhanced chlorpyriphos activation, and hence negative cross-
resistance [113]. Similarly, permethrin resistance in horn flies is suppressible by piperonyl
butoxide, and negatively related to diazinon toxicity [114]. In H. armigera populations from
West Africa, triazophos shows negative cross-resistance with pyrethroids, and in this case,
the  synergism  shown  by  the  OP  towards  the  pyrethroid  appears  due  to  an  enhanced
activation to the oxon form [115]. Organophosphorus compounds (disulfoton and fenthion)
are  also  activated  by  thioether  oxidation  (formation  of  sulphoxide  and  sulfone).  The
metabolism of pyrethroid by P450 enzymes is well studied in insects. Hydroxylations and
further  metabolism  make  pyrethroid  metabolism  and  has  been  noticed  for  the  single
enantiomer of deltamethrin (Figure 3).
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Figure 3. Metabolism of deltamethrin by insect P450 enzymes: (1) deltamethrin; (2) 4′ hydroxydeltamethrin; (3) trans-
hydroxymethyl-deltamethrin; (4) cyano (3-hydroxyphenyl) methyl deltamethrate; (5) deltamethric acid. Adopted from
Feyereisen, 2012.

Figure 2. Metabolism of diazinon by cytochrome P450. Following an insertion of oxygen into the substrate, a reactive
intermediate collapses (1) by desulphuration or (2) by cleavage of the ester linkage. DEP, diethylphosphate; DEPT, di‐
ethylphosphorothioate; P-ol, 2-isopropoxy-4-methyl-6-hydroxypyrimidine; [S], reactive form of sulphur released dur‐
ing the reaction. Adopted from Feyereisen, 2012.
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The currently banned cyclodiene insecticides aldrin, heptachlor and isodrin are epoxidized by
P450 enzymes to the environmentally stable toxic epoxides dieldrin, heptachlor epoxide and
endrin, respectively [116]. Recombinant CYP6A1, -A2, -A8, -B8 and -B27; CYP12A1; and
CYP321A1 can catalyse these epoxidations. Examples of pro-insecticide metabolism include
the activation of chlorfenapyr by N-dealkylation [117] and diafenthiuron by S-oxidation [118].
In each case, the insect P450-dependent activation is a key in the selective toxicity of these pro-
insecticides that target mitochondrial respiration. Recombinant housefly CYP6A1 catalyses
the activation of chlorfenapyr (Figure 4).

Figure 4. Chlorfenapyr and cypermethrin metabolism. The same P450 in Heliothis virescens probably activates the pyr‐
role and inactivates the pyrethroid, resulting in negative cross-resistance. Adopted from Feyereisen, 2012.

In H. virescens, the toxicity of chlorfenapyr is negatively correlated with cypermethrin toxicity
[119]. The metabolism of imidacloprid is also of interest, particularly in relation to resistance.
Piperonylbutoxide can synergize the toxicity of imidacloprid, and two P450 enzymes, CYP6G1
of D. melanogaster and CYP-6CM1vQ of Bemisia tabaci, have been shown to metabolize this
neonicotinoid [120, 121] (Figure 5). Hydroxylations at the 4 and 5 positions can lead to the
olefinic metabolite or to the dihydroxylated metabolite. In the whitefly, the 5-hydroxy
metabolite is not toxic, but the 4-hydroxy metabolite is as toxic as the parent compound, so
region selectivity may be of importance.

Despite the continuous use of insecticides, there are repeated failures in controlling the sucking
insect pest species in recent years [11, 21] in different conventional tea plantations of Terai, the
Dooars and Darjeeling foothill regions. Such a failure occurs due to changes in the suscepti‐
bility level of the pest species to the applied insecticides. Susceptibility level changes mainly
due to metabolic detoxification of the insecticides through higher level of activity of some
insecticide detoxifying enzymes under the stress of different management practices [8, 10, 11,
22]. In another mirid pest, Lygus lineolaris, metabolic resistance to insecticides due to enhanced
level of activity has been reported by many authors [177, 178].
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Figure 5. Metabolism of imidacloprid by insect P450 enzymes: (1) imidacloprid; (2) 5-hydroxyimidacloprid; (3) 4-hy‐
droxyimidacloprid; (4) dihydroxyimidacloprid; (5) Non-enzymatically derived dehydroimidacloprid. Adopted from
Feyereisen, 2005.

Species P450 Over-expressed Resistance pattern

Musca domestica

CYP6A1
OP, carbametes [122]

IGR [123, 124]

CYP6A5v2, CYP6A36 Pyrethroids [125–127]

CYP6D1, CYP6D3 Pyrethroids [128–130]

CYP6D1 Pyrethroids [131]

CYP6D1, CYP6D3v2 Pyrethroids [132]

CYP6A24 Pyrethroids [133]

CYP12A1 Pyrethroids [134]

Drosophila
melanogaster

CYP6A2 DDT, malathion [135–137]

CYP6A8

Malathion [137, 138]

Malathion [137]

DDT [139]

CYP6G1

DDT [140, 141]

DDT [142]

Lufenuron, propoxur [141]

Imidacloprid [141]

Imidacloprid [142]

DDT [143]
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Species P450 Over-expressed Resistance pattern

Diazinon [144]

CYP12D1/2
DDT [143]

DDT [139]

CYP12A4 Lufenuron [145]

Drosophila
simultans

CYP6G1
DDT, imidacloprid, Malathion
[139]

Anopheles
gambiae

CYP6Z1 Pyrethroids [146]

CYP325A3 Pyrethroids [147]

CYP6M2, CYP6P3 Pyrethroids [148]

CYP6P3 Permethrin [149]

CYP6M2, CYP6Z2 Permethrin [150]

CYP4C27, CYP4H15 DDT [151]

CYP6Z1,2, CYP12F1, CYP314A1 DDT [147]

A. stephensi CYP325C1 Pyrethroids [152]

A. funetus CYP6P4, CYP6P9 Pyrethroids [153, 154]

Aedesaegypti CYP9J10,27,32 Pyrethroids [155]

Culex pipien
squinquefasciatus

CYP9M10 Permethrin [156]

CYP6F1 Permethrin [157]

CYP4H34, CYP6Z10, CYP9M10 Permethrin [158]

CYP4H21, H22, H23, CYP4J4, CYP4J6 Deltamethrin [159]

Heliothis virescens CYP9A1 Thiodicarb [160]

Helicoverpa zea CYP6B8,B9 Cypermethrin [161]

H. armigera

CYP4G8 Pyrethroids [162]

CYP6B7 Pyrethroids [163]

CYP6B7, CYP9A12, CYP9A14 Pyrethroids [164]

CYP4S1, CYP337B1 Fenvalerate [165]

CYP4L5,11, CYP4M6,7, CYP6AE11, CYP9A14, CYP332A1,
CYP337B1

Deltamethrin [166]

Plutella xylostella
CYP6BG1 Cypermethrin [167]

CYP4M20 Cypermethrin [168]

Lygus lineolaris CYP6X1 Permethrin [169]

Bemisia tabaci CYP6CM1vQ Imidacloprid [170]

Nilaparvata lugens CYP6ER1 Imidacloprid [171]

Myzus persicae CYP6CY3 Neonicotinoids [172]

Diabrotica virgifera CYP4 Me-parathion [173]

Tribolium castaneum CYP6BQ8,9,10, CYP436B1, B2 Deltamethrin [174]

Blattella germanica
P450MA, Chlorpyriphos [175]

CYP4G19 Pyrethroids [176]

Table 3. Over-expressed CYP genes in insecticide-resistant strains.
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In Western Flower Thrips, Frankliniella occidentalis, metabolic detoxification of insecticides has
been reported by many authors [179]. In Bemisia tabaci, metabolic resistance due to enhanced
activity of insecticide resistance-related enzymes has also been reported [180].

7. Host allelochemicals, induction of detoxifying enzymes and insecticide
resistance

Understanding the diversity of insect responses to chemical pressures (plant allelochemicals
and insecticides) in their local ecological context represents a key challenge in developing
sustainable pest control strategies. Plants and insects have had co-existing relationships for a
long time. Insects were suppressed either by other insects or toxins or by plant defence
mechanisms in order to create a balance between the insect pest population and host. Each
plant species has a unique set of defence traits ranging from morphological to phytochemical
parameters that have behavioural and physiological ramifications for a potential herbivore
consumer [181, 182]. Therefore, the resistance mechanisms evolved by insects to deal with the
chemical defences of plants are similar to those mechanisms that have evolved to resist
synthetic insecticides. The chemical structure of some synthetic insecticides is comparable to
that of some plant-produced compounds (e.g. pyrethroids and nicotinoids). Insect resistance
to plant allelochemicals interferes with their resistance to synthetic insecticides [183]. From the
evolutionary perspective, despite the key role of the chemical ‘arms race’ in driving the co-
evolution of plants and insects, much research has focused so far on describing the diversity
of plant chemicals and their effects on herbivores. Hence, the understanding of insecticide
resistance mechanisms as well as taking into account other ecological parameters is important
in predicting the spread of insecticide resistance in natural pest populations and in choosing
the optimum strategy for managing insect pest populations. Less is known about the multiple
mechanisms evolved by insects to overcome these chemical defences (Table 4). These mecha‐
nisms include contact and ingestion avoidance, excretion, sequestration, degradation of the
toxin and target site mutation.

Biotransformation of plant toxins is one of the major weapons that insects have evolved in
their co-evolutionary arms race with plants [204]. To date, metabolic resistance to plant
chemicals has been identified not only in herbivorous insects [194] but also in detrivorous
insects such as mosquito larvae feeding plant debris [205]. Metabolic resistance often results
from the overproduction of ‘detoxification enzymes’ that can metabolize plant xenobiotics
(allelochemicals). This mechanism is often associated with phenotypic plasticity, as the
production of detoxification enzymes is usually induced by the presence of plant xenobiotics
in the diet of the insect.

Induction of insect detoxifying enzyme activities by plant allelochemicals is a clear manifes‐
tation of biochemical phenotypic plasticity and has been documented in several instances [206,
207]. Many of the theories and some of the experiments implicitly or explicitly deal with the
insect’s ability to metabolize plant secondary substances by P450 and other enzymes. In those
studies, a ‘higher activity of midgut microsomal oxidase enzymes in polyphagous than in
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Plant allelochemicals Target (mechanism of effect) Resistance mechanisms Species
Alkaloids Neuroreceptors (inhibition), ion

channels (antagonists), nucleic
acids (disruption of DNA
synthesis), feeding (deterrent
owing to bitterness), enzymes
(inhibition)

Modification of nicotine
synthesis by salivary glucose
oxidase

Helicoverpa zea (Lep.) [184]

Cardenolides Nervous system (depressing
activity); Na+, K+-ATPase (specific
inhibitor)

Canal trenching behaviour,
target site mutation

Danaus plexippus (Lep.) [185]
Chrysochus sp. (Col.) [186]

Cyanogenic glycosides Electron transport (inhibition of
mitochondrial cytochrome oxidase)

Ingestion avoidance,
sequestration and
detoxification

Schistocerca americana (Ort.),
Hypera brunneipennis (Col),
Zygaena sp. (Lep.), Clossiana
euphrosyne (Lep.), Heliconius sara
(Lep.) [187]

Glucosinolates Respiration (inhibition) Detoxification by GSTs,
detoxification by glucosinolate
sulphatase, formation of
nitriles instead of
isothiocyanate detoxification
by P450s, detoxification by N-
oxidation and sequestration

Myzus persicae (Hem.) [188]
Plutella xylostella (Lep.) [189]
Pieris rapae (Lep.) [190]
Drosophila melanogaster [191]
Estigmene acrea (Lep.) [192]
Tyria jacobaeae (Lep.) [193]

Flavonoids and
phenolic acids

Respiration (inhibition),
growth (inhibition)

Ingestion avoidance,
decrease of toxin levels in gall
tissue, glycosylation by UDP-
glycosyl transferase,
sequestration and/or excretion

Manduca sexta (Lep.) [194]
Potania sp. (Hym) [195]
Bombyx mori (Lep.) [196]

Iridoid glycosides Feeding (deterrent owing to
bitterness), nucleic acids (inhibition
of DNA polymerase), proteins
(denaturant and cross-linking
activities)

Sequestration Longitarsus sp. (Col.) [197]

Coumarins and
furanocoumarins

Nucleic acids (photoactivie DNA
bonding),
pro-oxidant activity

Detoxification by P450s,
detoxification by GSTs

Papilio polyxenes (Lep.) [198]
Depressaria pastinacella [199]
Spodoptera frugiperda (Lep.) [200]

Protease inhibitors Digestive system (inhibition of
protease)

Over-expression of insensitive
protease

Callosobruchus maculatus (Col.)
[201]

Terpinoids Nervous system (inhibition of
acetylcholine esterases); feeding
(deterrent owing to physical barrier
and bitterness); growth and
development inhibitor (pheromone
analogue)

Repression of genes involved
in biosynthetic pathways

Spodoptera exigua (Lep.) [202]

Tannins Feeding (complexation of salivary
and gut proteins); pro-oxidant
activity

Synthesis of anti-oxidant
compounds

Orgyia leucostigma (Lep.) [203]

Lep., Lepidoptera; Col., Coleoptera; Ort., Orthoptera; Hym., Hymenoptera; Dip., Diptera; Hem., Hemiptera.

Table 4. Plant allelochemicals and associated resistance mechanisms in insects.
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monophagous species indicates that the natural function of these enzymes is to detoxify
natural insecticides present in the larval food plants’. The estimation of aldrin epoxidation in
gut homogenates of last instar larvae from 35 species of Lepidoptera showed that polyphagous
species had on average a 15 times higher activity than monophagous species. This trend was
seen in sucking insects as well. A 20-fold lower aldrin epoxidase activity was found in the
oleander aphid Aphis nerii (specialist feeder on two plant families, Asclepiadaceae and
Apocynaceae) when compared to the potato aphid Myzus euphorbiae or to the green peach
aphid Myzus persicae (both are generalists found on 30–72 plant families) [208]. A similar type
of observation was made for other detoxification enzymes. In mites, predatory mite has a five
times lower aldrin epoxidase activity than its herbivorous prey [209]. The toxicity of the natural
phototoxin α-terthienyl is inversely proportional to the level of its metabolism in Lepidoptera
and is related to diet breadth. Metabolism is highest in Ostrinia nubilalis, which feeds on
numerous phototoxic Asteraceae; lower in Helicoverpa virescens, which has a broad diet,
including some Asteraceae that are non-phototoxic; and lowest in Manduca sexta, a specialist
of Solanaceae [210].

In addition to insecticides, insect carboxylesterases also metabolize many glycosides. Β-
glucosidase enzyme is active towards a variety of glucosides in fall armyworms, corn ear‐
worms, cabbage loopers and valvet bean caterpillars. The p-nitrophenyl β-D-glucoside, 4-
methyl umbelliferyl β-D-glucoside, D (+)-cellobiose, D-amygdalin and helicon were preferred
substrates whereas sinigrin, phloridzin, α-solanine, tomatine and linamarin were poor
substrates for these insects and many other insects reported to date [211]. β-Glycosidases have
been shown to play important roles in the survival of certain phytophagous insects [211]. The
ability of peach tree borer, Synanthedon exitiosa, larvae to survive well on prunasin-containing
peach tree is because they can metabolize cyanogenic glycosides through β-glucosidase and
detoxify the released cyanide by β-cyanoalanine synthase, thereby allowing them to utilize
peach trees [212]. Another example is the larvae of the tiger swallowtail, Papilio glaucus, which
feeds on quacking aspen, which contains various phenolics glycosides (e.g. salicortin). These
larvae hydrolyse the glycosides by β-glucosidase and detoxify the released phenolics aglycone
by a highly active esterase, thereby allowing them to survive on aspen [213, 214].

Glutathione S-transferases are also involved in the metabolism of many toxic plant allelo‐
chemicals. These plant allelochemicals may be of many diverse groups including α, β-
unsaturated carbonyl compounds (e.g. trans-cinnamaldehyde, trans-2-hexanal),
isothiocyanates (e.g. allylisothiocyanate, benzyl isothiocyanate) and organothiocyanates (e.g.
benzyl thiocyanate) as have been documented in some instances [41]. The glutathione S-
transferase activities are lower in the specialist insects than in the generalists. In the crucifer-
adapted cabbage looper for the metabolism of isothiocyanates (plant allelochemical), the
activity of this enzyme wasfound to be two- to sixfold higher than that in the fall armyworm
[215, 216]. These findings strongly advocate that glutathione S-transferases play an important
role in developing resistance towards plant allelochemicals in phytophagous lepidopteran
insects [215–217]. Many plant allelochemicals are potent inhibitors of glutathione S-transfer‐
ases in many insects [218]. Many flavonoids, other phenols and α-, β-unsaturated carbonyl
compounds are also found to be potent inhibitors of the enzymes.
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H. theivora, E. flavescens and S. dorsalis all are polyphagous in nature. H. theivora known to feed
on at least sixteen different plant families reported till date [11]. Similarly, E flavescens is also
polyphagous [11]. S. dorsalis has been documented to attack more than 150 hosts from at least
40 different plant families [219]. Hence, these pests are exposed to a wide variety of plant
allelochemicals of diverse groups having the potential to induce the activity of these resistance-
related enzymes. A higher level of detoxifying enzyme activity in H. theivora has been reported
when reared on two alternative hosts, i.e. Mikania micrantha (Asteraceae) and Psidium guaja‐
va (Myrtaceae), than on tea [220]. Over the four hundred million years of co-evolution with
plants, phytophagous insects have developed diverse resistance mechanisms to cope with
plant chemical defences. Because insects face a geographical mosaic of chemical environments,
from non-toxic to highly toxic plants, the costs associated with resistance traits vary with the
probability of encountering a toxin. Moreover, other selection pressures, such as the presence
or absence of competitors and predators, can also influence the costs and selection of particular
resistance traits. Thus, the complexity of the local community composition is a key factor in
maintaining the diversity of adaptive mechanisms to plant xenobiotics. These mechanisms are
more plastic and complex compared with those involved in resistance to insecticides, perhaps
because environments in which insecticides are heavily used also tend to have communities
of low diversity and complexity. However, because some detoxification enzymes are involved
in plant toxins and insecticides metabolism, cross-resistance mechanisms can be predicted to
be observed under specific environmental conditions. Deciphering the impact of allelochem‐
icals in cross-resistance mechanisms with insecticides at a local scale, and comparing the
molecular and evolutionary mechanisms of resistance to phytotoxins and synthetic insecti‐
cides, represent promising areas of research for developing long-term sustainable insect
control strategies for the effective management of pest concern [220].

8. Genetics and insecticide resistance in tea pests

Earlier, common visible markers including mophometrices, eye colour, body spots or bands
and hairs or spines, wing venation were used as phenotypic markers in studying the pattern
of dispersal, mating behaviour, population variability and inheritance of genetic traits in
insects [221, 222]. Although the phenotypic markers are found at all times of life span of the
organism and can be readily used for studies in field conditions, they suffer from many
practical limitations. The major drawback is that these visible phenotypes are relatively
infrequent and often hard to score. Because the phenotype markers are rare, use of these
markers in mapping a trait is difficult. For all such difficulties and with the concurrent
advancement in biochemical methodologies, protein markers then became more popular.
Protein markers made a significant contribution in the early periods when DNA technologies
were not so much advanced, as it is now [223]. A diverse range of novel molecular (DNA)
markers are now available for entomological investigations. Currently, both DNA and protein
markers have revolutionized the biological sciences and have enhanced many fields of insect
study, especially agricultural entomology [224].
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Insecticide resistance is the result of an increase in the ability of individuals of an insect species
to survive insecticide application and is an important example of man-driven evolution [225].
Alleles conferring resistance may arise and spread in populations and to other populations
with variable success, depending on factors such as selective forces, genetic variability, gene
flow, population size and environmental conditions [220]. Studies that map the population
structure of pest insects, as well as the potential for gene flow between populations, are needed
to understand the development of resistance and prevention of its spread [226, 227]. Devel‐
opment of resistance is often rapid in isolated populations that have been treated by insecti‐
cides [228]. The rate of development of insecticide resistance may, however, be influenced by
gene flow between treated and untreated populations by maintaining the frequency of
resistance alleles at a low level [229]. Contaminant exposure was a poor predictor of population
structure and the level of gene flow was a better predictor of relatedness [230]. Gene flow may
balance divergence by opposing the effect of selection pressures [229]. Population genetic
patterns should therefore be investigated with reference to geographical variability, as well as
selection pressure. Detoxification resistance occurs when enhanced levels or modified
activities of biotransformation enzymes prevent the insecticide from acting on its site of action
because the metabolites produced have little or no activity compared with the original
substance [231]. These changes may be due to mutations resulting in a protein with slightly
different properties or altered expression.

As chemical control is frequently used to avoid economic damage, the sucking insects have
been subjected to major selection pressure. Insecticides will probably continue to be the main
control method in the near future and therefore it is important to study the structure of sucking
insect population and change in insecticide susceptibility. There are several techniques for
estimating the genetic diversity such as randomly amplified polymorphic DNA analysis,
microsatellites, minisatellites, restriction fragment length polymorphism analysis and ampli‐
fied fragment length polymorphism (AFLP) analysis. DNA markers are also suitable for use
with small amounts of insect material and can be used with stored, dry or old samples. Some
have complex multi-locus banding patterns, which may be of a non-Mendelian nature (e.g.
randomly amplified polymorphic DNAs (RAPDs)). They have an expanding range of appli‐
cations, many involving intra- and interspecific discriminations.
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Abstract

Plants in nature have developed many defense mechanisms to defend themselves
against attacks by harmful organisms; these mechanisms are indirect and direct.
When attacked by a harmful organism, many plant species release volatile substances
that attract natural enemies of herbivores. Volatile substances have an important role
in the tritrophic system consisting of a plant, a herbivore, and its natural enemy. They
function as a kind of chemical signal (semiochemical) which directly influences both
harmful pests and their natural enemy. Some of these substances appear on damaged
as well as undamaged plants, while other substances are released in the case of me‐
chanic damage or feeding of a particular herbivore species. Volatile substances may
repel a herbivore. Harmful pests have an important role in attracting natural enemies,
as they also emit chemical signals that function as kairomones for natural enemies. In
order to increase our knowledge in the field of indirect plant defense we studied che‐
mosensation of four entomopathogenic nematode species (Steinernema, Heterorhabdi‐
tis) to compounds released by insect (wireworms and grubs) damaged and
undamaged potato and carrot roots, and mechanically damaged maize roots. The aim
of our research was (1) to study the effect of different EPN foraging strategies (am‐
bush, intermediate, or cruise) toward the tested volatile compounds, (2) to determine
whether chemotaxis is species-specific, and (3) to assess whether the volatile com‐
pounds from damaged and undamaged roots have any behavioral effects on the
EPNs studied, and (4) if volatile compounds are a part of an indirect plant defense.
Our results indicate that all of the tested EPN species exhibited attraction (or repul‐
sion) to volatiles, irrespective of their foraging strategy, and suggest that responses to
distinct volatile cues are a species-specific characteristic. These results expand our
knowledge of volatile compounds as cues, which may be used by EPNs to find hosts
and for other aspects of navigation in soil.

Keywords: Volatile compounds, indirect plant defense, potato, carrot, maize, entomo‐
pathogenic nematodes
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1. Introduction

Plants have a unique role in food chains on the Earth. Like people and animals, plants also
contract different diseases caused by fungi, bacteria, viruses, viroids, and phytoplasma [1].
They are also attacked by different animals (insects, mites, nematodes, snails, rodents, game)
which feed on them and procreate on them [2]. Each animal species in nature has a unique role
and significance. None of them is harmful per se. In natural biotopes we normally do not
distinguish between harmful and useful species. This distinction is characteristic for agrarian
biotopes, where animals multiply exceedingly and by feeding on cultivated plants causing
economic damage [2]. Plant-damaging species are biotic factors which cause economic damage
in agriculture and forestry. Useful organisms (biotic agents) are predators, parasitoids,
entomopathogenic nematodes (EPNs), entomopathogenic fungi, bacteria, baculoviruses,
which suppress harmful pests, and antagonistic microorganisms, which suppress disease
agents [3, 4, 5].

Plants in nature have developed many defense mechanisms to defend themselves against
attacks by harmful organisms. These mechanisms are indirect and direct [2, 6]. When attacked
by a harmful organism, many plant species release volatile substances that attract natural
enemies of herbivores [7, 8, 9, 10]. Volatile substances have an important role in the tritrophic
system consisting of a plant, a herbivore, and its natural enemy [11]. They function as a kind
of chemical signal (semiochemical) which directly influences both harmful pests and their
natural enemy [8, 9, 10]. Some of these substances appear on damaged as well as undamaged
plants, while other substances are released in the case of mechanic damage or feeding of a
particular herbivore species [10]. Volatile substances may repel a herbivore. Harmful pests
have an important role in attracting natural enemies, as they also emit chemical signals that
function as kairomones for natural enemies [12].

2. The role of root exudates in rhizosphere

The soil furnishes a living environment to the extremely diverse communities of macro and
microorganisms. Likewise, the rhizosphere is the zone of contact in soil surrounding a plant
root where biological and chemical parameters of the soil are influenced by the roots. In these
niches, complex biological and ecological processes occur [13]. The rhizosphere is a densely
populated area in which plant roots must compete with invading root systems of neighboring
plants for space, water, and mineral nutrients, and with other soilborne organisms, including
insects, bacteria, and fungi [14]. Rhizosphere interactions are based on complex exchanges that
evolve around plant roots. Root-based interactions between plants and organisms in the
rhizosphere are influenced by edaphic factors [14]. The below-surface biological interactions
that are driven by root exudates are more complex than those that occur above the soil surface
[15]. These interactions include signal traffic between the roots of competing plants [16], roots,
and soil microbes [17], and one-way signals that are dependent on the chemical and physical
interactions of the soil with the roots [18].
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Unseen part of the plant secretes chemical compounds, which acts as communication signal
between the adjacent plant and microbial community present in the rhizosphere of the root.
Root exudates correspond to an important source of nutrients for microorganisms in the
rhizosphere and seem to participate in early colonization, inducing chemotactic responses of
rhizospheric bacteria [19] and other organisms [10]. Root exudates play an active and relatively
well-documented role in the regulation of symbiotic and protective interactions with microbes
[20]. Through the exudation of a wide variety of compounds, it is suggested that roots can
regulate the soil microbial community in their immediate vicinity, withstand herbivory,
encourage beneficial symbioses, change the chemical and physical properties of the soil, and
inhibit the growth of competing plant species [21].

A survey of the literature exposes an extensive range of compounds exuding from intact and
healthy roots; these include sugars, amino acids, peptides, enzymes, vitamins, organic acids,
nucleotides, fungal stimulators, inhibitors, and attractants [22]. Organic acids, sugars, amino
acids, lipids, coumarins, flavonoids, proteins, enzymes, and aliphatic and aromatic com‐
pounds are examples of the primary substances found within the rhizosphere in root. Among
these substances, the organic acids have received considerable attention due to their role in
providing substrates for microbial metabolism and also for serving as intermediates for
biogeochemical reactions in soil [23].

The field of rhizosphere biology has found the relative importance of root exudates in
mediating interactions with neighboring plants and microbes [14]. Root exudation is an
element of the rhizodeposition process, which is a major source of soil organic carbon released
by plant roots [24]. Upon encountering a challenge, roots typically respond by secreting certain
small molecules and proteins [25]. Root secretions may play a role in both positive and negative
communication in the rhizosphere. The positive communication includes symbiotic associa‐
tions with beneficial microbes, such as mycorrhizae, rhizobia, and plant growth promoting
rhizobacteria (PGPR). Negative interactions include association with parasitic plants, patho‐
genic microbes, and invertebrate herbivores. The rhizospheric bacteria are responsible for the
elimination of the contaminants, while the roots are responsible for providing nutrients (root
exudates) used by the microorganisms to proliferate [26].

3. Factors affecting exudation

The exudation of organic compounds by roots are influenced by either biotic (for example, soil
microbial uptake) [27] or abiotic processes [28]. In some instances, our knowledge is sufficient
to explain why exudation is affected by the root environment, but often our ignorance of the
physiological processes involved in exudation precludes a correct explanation. Some of the
factors influencing exudation are listed below.

3.1. Plant species

The amount, range, and balance of compounds in root exudates differ for different plant
species. [29] found differences between wheat and barley (Hordeum vulgare L.) root exudates
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with respect to certain sugars (galactose, glucose, and rhamnose), whereas other sugars
occurred in similar amounts in exudates of both plants. The specificity of root exudates from
different plants in stimulating only certain groups of organisms is clearly demonstrated in the
plant pathology literature, for example, the cysts of potato eelworm (Heterodera rostochiensis)
hatched when supplied the root washings of potato (Solanum tuberosum L.), tomato, and some
other solanaceous plants, but not the washings of beet (Beta vulgaris L.), rape (Brassica napus
L.), lupin (Lupinus lilosus L.), mustard (Brassica sp.), or oats [30].

3.2. Root age

The research performed with peas and oats indicated that more number of amino acids and
sugars exude during the first 10 days of growth than those during the second 10 days [31].
Another study [32] found 3-pyrazolylalanine in root exudate of cucumber (Cucumis sativus L.)
only at the early seeding stage. In tomato and red pepper (Capsicum anznumm L.), they detected
tyrosine in the exudate only at fruiting, but not at any other stages of growth.

3.3. Temperature

The release of amino acids, especially asparagine, from roots of tomato and subterranean clover
(Trifolium subterraneum L.) increased with rise in temperature [31]. However, this effect is not
universal, as some researchers reported more amino acids in exudates from strawberry plants
(Fragaria vesca L.) grown at 5–10°C than that at 20–30°C; this markedly influenced the patho‐
genicity of pathogens that attack strawberries at low soil temperatures [33].

3.4. Microorganisms

Microorganisms may affect the permeability of root cells, metabolism of roots, and absorption
and excretion of certain compounds in root exudates. It was reported that filtrates of cultures
of some bacteria and fungi and also some antibiotics (penicillin), increased the exudation of
scopoletin (6 methoxy -7 hydroxycoumarin) by oat roots [34]. It was found that certain
polypeptide antibiotics, for example, polymyxin, produced by Bacillus polymyxa from soil,
altered cell permeability and increased leakage [35]. There are two key factors in interpreting
the significance of these results which show that culture filtrates or products increase the
leakiness of plant roots. First, the conditions under which the organisms are grown are quite
different both physically and nutritionally from those under which a rhizosphere population
grows. Second, since it is not possible to calculate the concentration of biologically active
substances in the rhizosphere, the concentrations used for "in vitro" experiments are selected
rather arbitrarily. Moreover, any consideration of the significance of the rhizosphere popula‐
tion in altering exudation must involve the concept of microecology with a wide variety of
organisms occupying different "niches" on the roots and only those plant cells in the immediate
vicinity of "exudation-promoting" organisms are likely to be affected. Microorganisms also
influenced the exudation of organic materials into soil. A supplementary study showed that
the exudation from wheat roots into synthetic soil was increased at least fourfold by microor‐
ganisms [35]. The magnitude of the effects of microorganisms upon exudation no doubt will
depend on the species colonizing the roots [36]. Some other plant biotic factors like develop‐
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mental status, shoot herbivory, photosynthesis, supply of carbon from shoot to root, evapo‐
ration, transpiration, nutrient deficiency, root architecture, cytosolic concentration, membrane
permeability, membrane electrochemical potential, release of microbial signal, allelochemical
release, mychorrhizas, nodulation, and some soil biotic factors are also influenced by the root
exudation.

3.5. Light

The light intensity at which plants are growing affects the amounts and balance of compounds
exuded into nutrient solution by tomato and subterranean clover roots [31]. Clover grown at
full daylight intensity exuded more serine, glutamic acid, and c-alanine than plants grown in
60% shade. With tomato, the levels of aspartic acid, glutamic acids, phenylalanine, and leucine
in exudate were reduced by shading. Beside these abiotic factors, few others such as moisture,
humidity, wind speed and light intensity, elevated CO2 pesticides, available space, atmos‐
phereic nitrogen deposition, ozone, physical disturbance, fire, irrigation, erosion, altitude, and
latitude also influence the exudation [37]. Some soil abiotic factors resembling compaction, soil
type, salinity, soil pH, metal toxicity, water availability, organic matter, cation and anion
exchange, drainage, aeration, rooting depth, soil texture, soil structure, and redox-potential
influence the release of organic chemical from plant root [38].

3.6. Root-feeding insects

Plants in nature are exposed to attacks by insects which bite and suck plants’ parts and thus
diminish their vitality. Root-feeding insects play an important role in both agricultural and
natural ecosystems [39]. In response to attacks by herbivores, plants excrete terpenes and
monoterpenes [40]. So far it has not been established if excretion of volatile substances from
damaged plants is due exclusively to attacks by insects or if these substances are stored in plant
cells and are excreted only when a plant is in physiological stress [41]. Plants have the so-called
morphological defense mechanisms (presence of prickles, thorns, hairs, enzymes, and
secondary metabolites), whose presence is not conditioned by attacks of herbivore organisms.
Besides morphological defense mechanisms, there are also induced defense mechanisms,
which manifest as plants’ reaction to attacks of herbivores. Induced defense mechanisms can
be further divided into direct defense mechanisms (secretion of secondary metabolites as a
response to attacks by insects) and indirect defense mechanisms (secretion of the [VOCs]
VOCs, which attracts natural enemies of herbivore organisms) [6, 42].

Plants react to different types of injuries (mechanical, herbivorous) by excreting different
volatile chemical substances, which can be specific also for the insect species attacking a plant
[43]. Many studies have shown differences in excretion of volatile compounds from plants
which were attacked by different insect species [8, 40, 44]. Simultaneous feeding of different
herbivore organisms on a host plant is a very frequent phenomenon in nature [45], which can
influence the success of natural enemies in finding their prey [46].

VOCs have been commonly identified as arthropod attractants belowground. [47] highlighted
different compounds that are used by herbivores to locate the food source. One of the most
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important signals in the soils are the emissions of CO2 by roots [48]. [48] reported that detection
of CO2 seems to be dose-dependent, and soil insect are able to detect very small differences in
the concentration of CO2. Besides CO2, plants emit various volatile compounds upon herbivore
attack. The study of [49] investigated on-line VOC emissions by roots of Brassica nigra plants
under attack by cabbage root fly larvae, Delia radicum. The investigation showed that several
sulfur-containing compounds, such as methanethiol, dimethyl sulfide, dimethyl disulfide,
dimethyl trisulfide and glucosinolate breakdown products such as thiocyanates and isothio‐
cyanates, were emitted by the roots in response to infestation [49]. [50] reported that fatty acids
in oaks (Quercus sp.) and monoterpenes in carrot (Daucus carotta ssp. sativus), and potato
(Solanum tuberosum) plants triggered the attraction of forest cockchafer larvae (Melolontha
hippocastani) and wireworms (Agriotes spp.). Volatiles of fresh perennial ryegrass roots
attracted larvae of Costelytra zealandica [51], and roots of Medicago sativa and Trifolium pra‐
tense attracted larvae of Sitona hispidulus [52]. Furthermore, [8] reported that maize (Zea mays)
roots release ß-caryophyllene in response to feeding by larvae of the beetle Diabrotica virgifera
virgifera. In a related research, [10] reported that mechanically damaged maize roots release
linalool, ß-caryophyllene, and α-caryophyllene.

4. The role of root exudates on beneficial soil organisms – Indirect defense
against soil herbivores

4.1. Entomopathogenic Nematodes (EPNs)

Tritrophic interactions, which include a host plant, a harmful organism and its natural enemy,
have been documented only recently for the underground parts of a plant. Some studies have
shown that damaged roots of different plant species release into environment VOCs which
can influence the movement of EPNs both as attractans [8, 9, 10, 44] and as repellents [53].

Soil is the natural habitat of EPNs (Steinernematidae and Heterorhabditidae) (Figure 1), and
their application in pest management has been primarily used against soil-inhabiting insect
pests [54]. EPNs are lethal pathogens of insects. These pathogens contribute to the regulation
of natural populations of insects, but the main interest in them is an inundatively applied
biocontrol agent [55]. Their success in this role can be attributed to the unique partnership
between a host-seeking nematode and a lethal insect-pathogenic bacterium. Because of their
biocontrol potential, considerable attention has been directed over the past few decades to
genus, Heterorhabditis and Steinernema and their respective bacterial partners, Photorhabdus and
Xenorhabdus.

Although heterorhabditids and steinernematids are not closely related [56], they share many
features in common. These similarities, including their association with insect-pathogenic
bacteria, are presumed to have arisen through convergent evolution [57]. In both Steinernema
and Heterorhabditis, there is a single free-living stage, the infective juvenile (IJ) that carries in
its gut, bacteria of the genus Xenorhabdus and Photorhabdus [58]. On encountering a suitable
insect, the IJ enters through the mouth, anus, or spiracles and makes its way to the haemocoel
[59]. Some species may also penetrate through the intersegmental membranes of the insect
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cuticle [60]. In the haemocoel, the IJ releases cells of its bacterial symbiont from its intestine.
Bacteria multiply rapidly in haemolymph and produce toxins and other secondary metabo‐
lites, which contribute to the weakening of the host's defense mechanism. The host attacked
by EPNs usually dies because of poisoning or failure of certain organs in 24–72 hours after the
infection [61]. Two developmental cycles thus occur in the host – one of nematodes and the
other of bacteria. The first-generation nematodes pass into the second generation. After the
larvae cast off the fourth sheath and enter into the adult period, nematodes pass into the third
generation, which thrives in the host as long as there is availability of food. The host is by then
already dead – being killed by the toxins secreted by bacteria. The third-generation nematodes
are thus already saprophagic [62]. Bacteria also produce toxins, such as 3,5 dihydroxy-4-
isopropyl-stilben, which deter other microorganisms from settling in the carcass [63]. When the
developmental cycle is finished, nematodes leave the parts of carcasses that have not decom‐
posed, and return to the ground. Nematodes cannot develop without a host (an insect) [64],
without which they survive in the ground for only a very brief period of time [65].

The importance of EPNs and biological plant protection against harmful organisms was first
established in the USA in the 1930s. In 1923, Glaser and Fox discovered a nematode which
attacked and caused death of the beetle, Popillia japonica Newman [66]. Glaser introduced a
method of growing EPNs in vitro. With such nematodes, he, in 1939, carried out the first field
experiment in New Jersey to suppress the species, P. japonica [67].

When EPNs were first discovered, a hypothesis was proposed that nematodes alone cause
death of the insects being attacked. In 1937, Bovien first hypothesized the possibility of the

Figure 1. Infective juveniles of entomopathogenic nematode Steinernema feltiae (photo: J. Rupnik)
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existence of symbiotic bacteria that live with EPNs in a mutualistic relationship. His hypothesis
was, in 1955, confirmed by Dutky and Weiser [68]. However in 1982, Boemare proved that
nematodes from the genus Steinernema produce toxic substances which negatively influence
the immune system of infected insects and can themselves alone – without the presence of
symbiotic bacteria – cause death of the host. For EPNs from the genus Heterorhabditis, it has
not yet been established that they can alone produce toxic substances that would diminish the
vitality of infected insects [69].

The use of EPNs in biological plant protection was until some years ago still traditionally
connected with suppressing soil-inhabiting insect pests [70]. The research results in the last
two decades indicate they have also potential to suppress aboveground insect pests, but only
in certain circumstances [71, 72]. Lesser efficiency of EPNs in suppression of aboveground
insect pests is primarily due to inappropriate (insufficient) moisture [73], exposure to thermal
extremes [74], and ultraviolet radiation [75]. These factors are of crucial importance for the
survival of nematodes [65]. For this reason nematodes are less efficient against aboveground
insect pests outdoors, though the previous laboratory tests showed much higher efficiency [76].

To lay nematodes on plants, equipments intended for spraying plant protection products,
manuring, or irrigation can be used. Backpack manual or tractor sprayers, sprinklers, and also
planes are suitable for this purpose. IJs can be passed through spray tubes with diameter of at
least 500 μm, capable to withstand pressure up to 2000 kPa [77].

IJs can tolerate short-term exposure (2–24 hours) to many chemical and biological insecticides,
fungicides, herbicides, fertilizers, and growth regulators and can thus be tank-mixed and
applied together [78, 79, 80, 81]. Nematode–chemical combinations in tank-mixes could offer
a cost-effective alternative to foliar integrated pest management (IPM) systems.

Due to the sensitivity of nematodes to ultraviolet radiation, nematodes have to be applied to
plants in the evening, early in the morning, or during a cloudy weather, when the radiation is
not so intense [73]. Nematode survival and efficacy on foliage has also been shown to be
enhanced to varying degrees by addition of various adjuvants to the spray mixture, which
have antidesiccant (e.g., glycerol, various polymers) or UV-protective (brighteners) properties
[82], although additional measures are required to enhance post-application survival. The
greatest potential for using EPNs against foliar pests is almost certain in IPM programs, in
conjunction with other biocontrol agents [83] or selective chemicals [78, 84].

EPNs are considered exceptionally safe biological agents [85]. Because their activity is specific,
their environmental risk is considerably lower than that of chemical agents for plant protection
[86]. Since the first use of EPNs for suppressing beetles of the species P. japonica in the USA [66],
until now, no case of environmental damage due to these biological agents has been docu‐
mented. The use of nematodes is safe for users. EPNs and their bacteria are not harmful for
mammals and plants [87].

4.2. Movement of EPNs

The ability of EPN IJs to disperse actively through soil and locate a host is a key element for
the successful application of some EPN species in pest management [88]. When an EPN locates
its host, it can enter it through natural openings. By excreting its symbiotic bacteria, which
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release toxins into the host’s body, it causes the death of the insect in 24–72 hours after the
infection [55].

EPNs have through the evolution developed different ways of searching for hosts, which is a
species-specific characteristic [89, 90, 91]. The species Heterorhabditis bacteriophora and Steiner‐
nema kraussei actively search for hosts (cruisers). Some species of EPNs wait for a host in an
ambush (ambushers). The passive way of searching for a host is characteristic for the species
S. carpocapsae. Some species (S. feltiae) combine both ways of searching for a host and are
categorized as intermediates [89, 90, 91].

EPN species respond distinctly to cues associated with hosts (insects) or plants, depending
primarily on their foraging strategy [89]. The cruisers spend most of their time searching for
resource-associated cues as they move through their environment [89, 91]. In contrast,
ambushers do not respond as strongly as cruisers and spend little time actively moving and
searching for volatile cues. Ambushers are thought to wait for resources to come to them [10,
89]. Several EPN species adopt both (cruise and ambush) foraging strategies and are classified
as intermediates [89].

EPNs uses chemosensation to find host, avoid noxious conditions, develop appropriately, and
mate. Several authors report that IJs respond to CO2 [89], temperature, changes in pH, bacterial
symbionts [92], electrical field [93], and different plant VOCs [8, 9, 10, 44].

4.3. Indirect defense against soil herbivores

4.3.1. Potato

Here, we describe our study of the chemotactic behavior of Steinernema feltiae (Filipjev),
Steinernema carpocapsae Weiser, Steinernema kraussei (Steiner), and Heterorhabditis bacteriophora
Poinar toward Decanal; Nonanal; Octanal; Undecane; 1,2,4-trimethylbenzene; 2-ethyl-1-
hexanol; and 6-methyl-5-hepten-2-one; compounds released from insect (M. hippocastani
grubs) damaged and undamaged potato tubers (S. tuberosum) [50]. The aims of our research
were (1) to study the effect of different EPN foraging strategies (ambush, intermediate, or
cruise) toward the tested VOCs, (2) to determine whether chemotaxis is species-specific, (3) to
assess whether the VOCs from damaged potato tubers have any behavioral effects on the EPNs
studied, and (4) if VOCs are a part of an indirect plant defense.

The results of our research showed that the movement of EPNs was conditioned by the type
of VOCs excreted by damaged/undamaged potato tubers (see Figures 2 and 3). VOCs Nonanal,
Octanal, and Decanal proved to have a greater influence on the movement of EPNs as other
tested volatiles in our investigation. Nonanal and Decanal are among other indicator substan‐
ces for degradation processes [50]. Decanal is also described to be induced by mechanical and
herbivore damage [46, 94, 95]. [50] reports that damaged potato tubers excrete the substances
Nonanal, Octanal, and Decanal. The results of our research showed that the said substances
acted as attractants in regard to the movement of EPNs. Decanal in our experiment proved as
an attractant for the species H. bacteriophora and S. kraussei at both studied concentrations (pure
concentration and 0.03 ppm concentration) (see Figures 2 and 3). Octanal proved an attractant
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for the species H. bacteriophora and as a weak attractant for the species S. carpocapsae. Nonanal
proved to be a weak attractant for the species S. carpocapsae. Thus we confirm the thesis that
damaged plant roots release into the environment substances that influence the movement of
beneficial organisms – indirect plant defense.

In our investigation two distinct VOC concentrations were used. A pure concentration, which
does not reflect a concentration found near plant roots [96], had a bigger influence on IJ
movement than a concentration of 0.03 ppm, which is the average concentration of volatile
compounds found in soil, 10 cm away from the root system [12]. In our experiment, the
difference in responsiveness of EPNs in regard to the concentration of VOC was most sub‐
stantially expressed in the case of the chemical substance Undecane. At pure concentration,
the said substance proved to be an attractant for the species S. kraussei and as a repellent for
the species S. feltiae. At the concentration 0.03 ppm, the said substance did not have any
influence on the movement of EPNs in our experiment (see Figures 2 and 3). We also found
out that the duration of exposure of an EPN to VOCs is of key importance for perceiving
chemical stimuli. After 24 hours we detected the movement of EPN in 32%, while the move‐
ment after 2 hours was detected only in 3% (see Figures 2 and 3). Similar findings were
produced by our earlier research [10].

The results of our research showed that the movement of EPNs toward the selected VOC is
substantially determined also by their foraging strategy. In regard to the way of searching the
host EPNs fall into three types. Cruisers (H. bacteriophora and S. kraussei) actively move toward
their prey by perceiving stimuli from the environment [97], while the so-called ambushers (S.
carpocapsae) wait for their prey in an ambush [90]. Some species (S. feltiae) combine both ways
of searching for the host and are classified as the so-called intermediates [89]. The VOC Decanal
in our experiment proved to be an attractant for the species H. bacteriophora and S. kraussei (see
Figures 2 and 3), which are classified as the so-called cruisers. We also found out that the
movement of the nematodes classified as cruisers and intermediates was more pronounced
than in the species S. carpocapsae, which proved to be the least mobile species of EPNs in our
research. [98] says that the movement of cruisers at longer distances is conditioned by
perceiving chemical stimuli, which, however, is not characteristic for the nematodes classified
as ambushers. In some related studies the species H. bacteriophora proved to be very susceptible
to perceive chemical stimuli from the environment [97, 99]. This was also confirmed in our
research for the substances Decanal and Octanal, which affected the said species as attractants.
The ambusher S. carpocapsae in comparison with other studied species in our experiment
displayed a high degree of susceptibility to the VOC 6-Methyl-5-hepten-2-one. On the basis of
some of our earlier research [10] and the current one, we conclude that the movement of EPNs
toward the selected VOC is influenced primarily by the species and not so much by the way
of searching the host. Our hypothesis is confirmed with the fact that Octanal acted as an
attractant for the nematode H. bacteriophora, while the nematode S. kraussei, which is also
classified as a cruiser, was not affected by it. Similar conclusions were reached also in the study
by [91] who studied the reaction of EPNs on damaged citrus roots. Susceptibility to perceiving
chemical stimuli from the environment is a species-specific characteristic prevailing over the
foraging strategy [10].
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Figure 2. Effects of time of exposure to VOCs on the chemotactic response of EPN species (A-G), at a concentration of
0.03 ppm. Each data point represents the mean chemotaxis index ± S.E. Bars with the same letter are not significantly
different (P>0.05). The small letters indicate statistically significant differences among different EPN species with the
same time of exposure. The capital letters indicate statistically significant differences among different times of expo‐
sure within the same EPN species. Hb – H. bacteriophora; Sk – S. kraussei; Sf – S. feltiae; Sc – S. carpocapsae. The substan‐
ces in our research were with the chemotaxis indexes divided into the following intervals: >0.2 (attractant); from 0.2 to
0.1 (weak attractant); from 0.1 to -0.1 (no effect); from -0.1 to -0.2 (weak repellent); < -0.2 (repellent) [10]
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Figure 3. Effects of time of exposure to VOCs on the chemotactic response of the EPN species (A-G), at pure concentra‐
tion. Each data point represents the mean chemotaxis index ± S.E. Bars with the same letter are not significantly differ‐
ent (P>0.05). The small letters indicate statistically significant differences among different EPN species at the same time
of exposure. The capital letters indicate statistically significant differences among different times of exposure within
the same EPN species. Hb – H. bacteriophora; Sk – S. kraussei; Sf – S. feltiae; Sc – S. carpocapsae. The substances in our
research were with the chemotaxis indexes divided into the following intervals: >0.2 (attractant); from 0.2 to 0.1 (weak
attractant); from 0.1 to -0.1 (no effect); from -0.1 to -0.2 (weak repellent); < -0.2 (repellent) [10]
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4.3.2. Carrot

Here, we describe our study of the chemotactic behavior of S. feltiae, S. carpocapsae, S. kraussei,
and H. bacteriophora toward α-Pinene, Bornyl acetate, Borneol, 2,4-Di-tetra-butylphenol, 2-
Ethyl-hexanol, and Terpinolene; compounds released from insect (wireworms and grubs)
damaged carrot (Daucus carota ssp. sativus) roots [50, 100]. The aims of our research were (1)
to study the effect of different EPN foraging strategies (ambush, intermediate, or cruise)
toward the tested VOCs, (2) to determine whether chemotaxis is species-specific (3) to assess
whether the VOCs from damaged and undamaged carrot roots have any behavioral effects on
the EPNs studied, and (4) if VOCs are a part of an indirect plant defense.

Our results show that the chemosensation of IJs toward and away from insect-induced carrot
root volatile compounds [50, 100] varied depending on the EPN species, VOC, concentration
of VOC, time of exposure and interaction between EPN species and time of exposure (Figures
4 and 5). Our results indicate that all tested EPN species exhibited attraction (or repulsion) to
volatiles irrespective of their foraging strategy (in our investigation, terpinolene was a
repellent for EPN species classified in all three foraging groups) (Figures 4 and 5). Similar
conclusions were also reported in recent research from [91] in which a cruiser H. indica [89],
ambusher S. carpocapsae [89], and two other species thought to exhibit an intermediate foraging
strategy [89] were all attracted to root weevil Diaprepes abbreviatus-damaged roots of the
Swingle rootstock. Furthermore, [10] reported that responses to different volatile cues are a
strain-specific characteristic rather than a different host-searching strategy. Similar conclu‐
sions were also made by [9, 91]. Our current results suggest that responsiveness to different
volatile cues is a species-specific characteristic.

In our investigation two distinct VOC concentrations were used. A pure concentration, which
does not reflect a concentration found near plant roots [96], had a bigger influence on IJ
movement than a concentration of 0.03 ppm, which is the average concentration of VOCs found
in soil, 10 cm away from the root system) [12]. However, we are aware that such laboratory
studies do not reflect a nematode's true behavior in nature because of exposure to different
conflicting chemical signals [44, 101].

Plant roots emit an incredible variety of compounds, which are known to affect interactions
between plants and other organisms [11]. The active role plants play in recruiting natural
enemies, like belowground herbivores, has been recently demonstrated in a few plant species
[8, 10, 88, 96, 102, 103]. EPN host finding is mediated by both long-range cues that facilitate
root zone finding, as well as shorter-range cues that facilitate host localization within the root
zone [8, 63, 91, 102]. Recently, [53] reported positive chemotaxis of the two EPN species H.
bacteriophora and S. carpocapsae to several VOCs such as methyl salicylate, hexanol, heptanol,
undecyl acetate, and 4,5-dimethylthiazole. Interestingly, they showed that several volatiles
repelled the nematodes. Similar effects of VOCs on the behavior of EPNs were also observed
in our investigation (see Figures 4 and 5). Terpinolene repelled both Steinernema and Hetero‐
rhabditis species in our investigation. [100] reported that terpinolene is a VOC released from
the undamaged roots of cultivated carrots. Our results suggest that healthy plant roots release
specific VOCs into the soil, which signal to natural insect enemies (EPNs) to keep away. Our
findings could support the theory of [91]. [91] suggest that selection of a herbivore-induced
signaling response should be directionally stronger toward channeling resources for produc‐
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tion of a distress signal only when necessary because a constant release would likely carry a
high physiological cost [104, 105]. Our conclusion is also supported by the VOC α-pinene
(released from undamaged carrot roots) [100], which was a weak repellent of S. carpocapsae
and S. kraussei. The other tested VOCs in our investigation (Bornyl acetate, Borneol, 2,4-Di-
tetra-butylphenol, and 2-Ethyl-hexanol) acted inconsistently (as a weak repellents or weak
attractants) (see Figures 4 and 5).

Figure 4. Effects of time of exposure to VOCs on the chemotactic response of EPN species (A-F), at a concentration of
0.03 ppm. Each data point represents the mean chemotaxis index ± S.E. Bars with the same letter are not significantly
different (P>0.05). The small letters indicate statistically significant differences among different EPN species with the
same time of exposure. The capital letters indicate statistically significant differences among different times of expo‐
sure within the same EPN species. Hb – H. bacteriophora; Sk – S. kraussei; Sf – S. feltiae; Sc – S. carpocapsae. The substan‐
ces in our research were with the chemotaxis indexes divided into the following intervals: >0.2 (attractant); from 0.2 to
0.1 (weak attractant); from 0.1 to -0.1 (no effect); from -0.1 to -0.2 (weak repellent); < -0.2 (repellent) [10]
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(released from undamaged carrot roots) [100], which was a weak repellent of S. carpocapsae
and S. kraussei. The other tested VOCs in our investigation (Bornyl acetate, Borneol, 2,4-Di-
tetra-butylphenol, and 2-Ethyl-hexanol) acted inconsistently (as a weak repellents or weak
attractants) (see Figures 4 and 5).

Figure 4. Effects of time of exposure to VOCs on the chemotactic response of EPN species (A-F), at a concentration of
0.03 ppm. Each data point represents the mean chemotaxis index ± S.E. Bars with the same letter are not significantly
different (P>0.05). The small letters indicate statistically significant differences among different EPN species with the
same time of exposure. The capital letters indicate statistically significant differences among different times of expo‐
sure within the same EPN species. Hb – H. bacteriophora; Sk – S. kraussei; Sf – S. feltiae; Sc – S. carpocapsae. The substan‐
ces in our research were with the chemotaxis indexes divided into the following intervals: >0.2 (attractant); from 0.2 to
0.1 (weak attractant); from 0.1 to -0.1 (no effect); from -0.1 to -0.2 (weak repellent); < -0.2 (repellent) [10]
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Figure 5. Effects of time of exposure to VOCs on the chemotactic response of the EPN species (A-F), at pure concentra‐
tion. Each data point represents the mean chemotaxis index ± S.E. Bars with the same letter are not significantly differ‐
ent (P>0.05). The small letters indicate statistically significant differences among different EPN species at the same time
of exposure. The capital letters indicate statistically significant differences among different times of exposure within
the same EPN species. Hb – H. bacteriophora; Sk – S. kraussei; Sf – S. feltiae; Sc – S. carpocapsae. The substances in our
research were with the chemotaxis indexes divided into the following intervals: >0.2 (attractant); from 0.2 to 0.1 (weak
attractant); from 0.1 to -0.1 (no effect); from -0.1 to -0.2 (weak repellent); < -0.2 (repellent) [10]

4.3.3. Maize

Here, we describe our study [10] of the chemotactic behavior of S. feltiae (strain B30, strain C76,
and strain 3162), S. carpocapsae (strain B49, strain C67, and strain C101), S. kraussei (strain C46),
and H. bacteriophora (strain D54) toward linalool, α-caryophyllene, and ß-caryophyllene,
compounds released from the mechanically damaged root systems of different Zea mays
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hybrids [106]. In a related study, [9] reported that mechanically damaged citrus roots attracted
less nematodes than insect-damaged roots. The aims of our research were (1) to study the effect
of different foraging strategies (ambush, intermediate, or cruise) of EPNs to the tested VOCs,
(2) to determine whether chemotaxis is species- and strain-specific, and (3) to assess whether
the VOCs from mechanically damaged maize roots have any behavioral effect on the studied
EPNs.

The results of our current laboratory investigation showed that the movement and chemo‐
sensation of IJs toward and away from damaged maize root VOCs [106] varied depending on
the species, strain, foraging strategy, VOC, and interaction between the EPN strain and volatile
compound (see Figure 6). The intermediate foragers (S. feltiae) proved to be less active in their
movement toward the VOCs in comparison with the ambushers (S. carpocapsae) and cruisers
(S. kraussei and H. bacteriophora); ß-caryophyllene proved to be the most attractive compound
of the three substances tested in our experiment (see Figure 6). The results of our investigation
showed that the cruisers were more attracted to β-caryophyllene than the ambushers and
intermediates. The foraging strategy did not influence the IJ movement toward the other tested
volatile compounds and the control (see Figure 6). Similar conclusions were also reported in
the recent research of [91] in which the ambusher S. carpocapsae [89], the cruiser H. indica [89],
and two species thought to exhibit an intermediate foraging strategy [89] were all attracted to
Diaprepes abbreviatus-damaged roots of Swingle rootstock. Some related studies on the foraging
strategies of EPNs have been conducted in nonsoil systems [107]; however, we are aware that
such studies do not reflect the nematode's true behavior in nature, whereby they are exposed
to a myriad of conflicting chemical signals [44, 63]. In our experiment, pure compounds were
applied to agar [107], which does not reflect the concentration near the roots of plants [96]. [96]
reported that the total sesquiterpene hydrocarbon content in the herbivore-damaged roots of
Zea mays was 81 ng g-1, whereas the control plants contained only 25 ng g-1, and the relative
amount of ß-caryophyllene among several other different terpenes in the maize roots was less
than 5%. Moreover, [9] reported that roots damaged by insect larvae attracted more nematodes
than mechanically damaged roots and sand controls. The speed of the nematode's response to
the chemical stimuli in its natural environment largely depends on the diffusion rate of the
chemical compound and on the soil structural heterogeneity [108]. When a foraging nematode
is confronted with an array of signals originating from the same general area, the response
may depend on the strength and exposure time and on the nature of the stimuli [63].

[89] reviewed the literature on foraging and host recognition in Heterorhabditis and Steinerne‐
ma IJs and proposed that ambusher nematodes respond to host (insect) cues in a hierarchical
order, with the volatile cues only becoming important after the IJ had made contact with the
insect cuticle, whereas remote volatile cues are more important for cruiser nematodes. Several
related studies have also shown that IJs exhibit a preference for different volatile root com‐
pounds [8, 9, 63, 91]. ß-caryophyllene is a common compound and has been identified from
various plant species [8, 44, 106]; however, its function, as for most plant volatiles, remains
unclear. As [8] reported that ß-caryophyllene strongly attracted H. megidis, attraction has been
confirmed for all of the tested species, with the exception of S. feltiae (see Figure 6).
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Figure 6. Effects of time of exposure to VOCs on the chemotactic response of the EPN species (A-C), at pure concentra‐
tion. Each data point represents the mean chemotaxis index ± S.E. The bars with the same letter are not significantly
different (P>0.05). The small letters indicate statistical significant differences among the different EPN strains at the
same time of the exposure. The capital letters indicate statistically significant differences among the different times of
exposure for the same EPN strain. B30, C76, and 3162 = S.feltiae; B49, C67, and C101 = S. carpocapsae; C46 = S. kraussei;
D54 = H. bacteriophora. The substances in our research were with the chemotaxis indexes divided into the following
intervals: >0.2 (attractant); from 0.2 to 0.1 (weak attractant); from 0.1 to -0.1 (no effect); from -0.1 to -0.2 (weak repel‐
lent); <-0.2 (repellent) [10]

Our results suggest that the response to different volatile cues is more a strain-specific
characteristic than a different host-searching strategy. Similar conclusions were also made in
the research of [9, 91]. Indeed, H. bacteriophora and S. carpocapsae strain B49 showed strong
chemotaxis to ß-caryophyllene, whereas the other two isolates of S. carpocapsae hardly reacted
(see Figure 6). A similar conclusion can be made with regard to linalool, with only S. carpo‐
capsae strain B49 showing an attraction to this volatile compound from damaged maize roots
(see Figure 6). One reason for the attraction of S. carpocapsae strain B49 to linalool and ß-
caryophyllene may relate to its origin, as this strain was isolated in a grassland near a maize
field [109], supporting the theory of [110] who concluded the possible genetic adaptation of
EPNs to different biotic and abiotic factors. In related work, [111] reported that specialization
rather than the foraging strategy may better explain the attraction of EPNs to different VOCs.
The EPN strains in our experiment showed only a weak attraction to α-caryophyllene,
suggesting that this compound could not have an important role in the orientation of IJs to the

The Role of Volatile Substances Emitted by Cultivated Plant's Roots in Indirect Defense Against Soil Herbivores
http://dx.doi.org/10.5772/61369

409



damaged roots of maize plants (see Figure 6). S. kraussei showed a retarded reaction to both ß-
caryophyllene and α-caryophyllene in our experiment, suggesting a different host (insect) cue
hierarchical order than the other cruisers (H. bacteriophora), with the volatile cues only becom‐
ing important after a long exposure.

5. Conclusions

The research of VOCs related to plant biotic protection is unequivocally dependent on modern
gas chromatography-mass spectrometry (GC-MS), since only this technique allows detection
and identification of compounds at such low levels. Due to sample complexity (plant tissue,
soil), the use of gas-sampling techniques, which allow sample enrichment, connected with GC-
MS, is thus mandatory [8, 12].

The responsiveness of EPNs, the biotic agents which are used for biotic plant protection, was
tested in some studies [8, 9, 10, 44]. The studies have shown that damaged plant roots release
chemical substances (β-caryophyllene, linalool) which can act as attractants for EPNs. Recent‐
ly, [53] reported positive chemotaxis of two EPN species to different VOCs such as heptanol,
hexanol, methyl salcylate, etc. Interestingly, they showed that several volatiles repelled the
EPNs. Similar effect of VOCs on the behavior of the EPNs was already observed by other
researchers [99, 101].

Most VOCs that are involved in belowground tritrophic interactions remain unknown but an
increasing effort is being made in this field of research. Understanding more of these complex
interactions would not only allow a better understanding of the rhizosphere but could also
offer ecologically sound alternatives in pest management of agricultural systems [44].

Biological control of plants is a way of controlling harmful organisms in agriculture and
forestry by making use of live natural enemies (beneficial organisms). It aims to protect and
stimulate useful organisms in nature, and to introduce targeted organisms outdoors or into
places separated from nature. The application of biotic preparations requires the users to have
considerable knowledge and greater ecological awareness. The preparations made biotically
are ecologically more appropriate, their functioning is more specific, their formulation and
application are important, as is the temporal precision of treatment. Their efficiency, on the
other hand, is often lesser than that of chemical preparations, and such preparations are more
expensive. The difference in price is due primarily to the relatively small market with biotic
agents, which within the entire market of plant protection agents at the moment represent
approximately 6% (according to the data of BCC Research), and is expected to rise at least to
8% until 2019.

The value of the global market of biotic agents was in 2013 assessed at approximately 1.8 billion
$ and it is expected to reach approximately 4.4 billion $ until 2019. Globally, the USA is still
the largest user of biotic agents; it is, however, expected that in the following years the fastest
growing market with biotic agents will be Europe, whose strict legislation on plant protection
products systematically stimulates ecologic production of food and fodder. Statistical data
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have shown that the sales of biotic agents between 2005 and 2015 rose by 44%. The expansion
of the market is undoubtedly also a consequence of the raised awareness of environmental
issues, which are included in the EU directives.

Knowing the communication between plants, herbivores, and their natural enemies is crucial
for more efficient implementation and optimization of biological control in food production
systems. The European Union has set five ambitious goals – in the fields of employment,
innovations, education, social inclusion, and climate/energy – to be reached until 2020. The
market with new, improved biotic agents would contribute to environmental protection, as
well as to the expansion of economic activities.
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Abstract

The chapter presents previous field and laboratory investigations of cabbage flea beetles
(Phyllotreta spp.) and cabbage stink bugs (Eurydema spp.) interactions with different Bras‐
sica crops in Slovenia. The special emphasis is given to an influence of different glucosi‐
nolates on injuries caused by mentioned economically important two genera of insect
pests. In the study, we found out that the content of glucosinolates differs between differ‐
ent Brassica species, as well as between individual plant organs of the same species. The
content of glucosinolates is conditioned also by environmental influences. Among the an‐
alysed glucosinolates, glucobrassicin was presented in all plant species. In almost all
plant species, it inhibited the feeding of cabbage flea beetles, except in oil rape, where it
had stimulative effects. We have established that the influence of individual glucosinolate
on Phyllotreta spp. and Eurydema spp. is not identical as it differs between individual
plant species. Because of the variability of glucosinolates as well as different preferences
of the studied groups of harmful pests in regard to the plant species, one of the options
for diminishing the damage caused by cabbage stink bugs and cabbage flea beetles is the
use of mixed Brassica crops for trapping the pests in the growing season. In the future,
glucosinolates should be employed to a greater extent in environmentally acceptable
ways of food production, one of which is also the use of trap crops in order to reduce
harmful effects of cabbage stink bugs.

Keywords: Cabbage, Eurydema spp, Phyllotreta spp, glucosinolates, Brassica species

1. Introduction

Alternative methods of  suppressing harmful  organisms are gaining ground,  and greater
attention is paid to natural resistance of plants, which is conditioned by morphological and
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chemical factors. By exploiting natural resistance of plants, we can reduce the use of insecti‐
cides and thus avoid the pertaining resistance of harmful insects. Different factors are in‐
volved in defence of Brassicas against harmful organisms. It has been established that more
solid (more compact heads) cabbage [1] and higher content of epicuticular wax [2] diminish the
extent of damage done to cabbage by onion thrips (Thrips tabaci Lindeman). Thicker layer of
epicuticular wax can negatively influence also the feeding of cabbage flea beetles (Phyllotreta
spp.) and cabbage stink bugs (Eurydema spp.) [2].

In our research, whose results are briefly presented on the following pages, we focused on the
study of glucosinolate content in different species of Brassicas and their effects on the target
group of harmful organisms, cabbage flea beetles and cabbage stinkbugs.

Before the research, we made the following hypotheses:

• Different concentrations and ratios of glucosinolates in trap crops influence their different
susceptibility to cabbage stink bugs and cabbage flea beetles. Thus, we think they are of
different suitability for trapping the studied harmful pests.

• We think that glucosinolate content differs in individual organs of the same plant species,
which consequently causes different extent of damage due to feeding of the studied groups
of harmful pests.

• We think the content of secondary metabolites (glucosinolates) in the studied Brassicas is
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main plant species.

• By selecting plant species which differ also in their length of growth period, we want to
influence also the bionomy of the studied groups of harmful pests, Phyllotreta spp. and
Eurydema spp. We expect there are differences in susceptibility to damage also between the
two cultivars of cabbage, which differ in the length of their growth periods.

2. Field and laboratory investigations of interactions of cabbage flea beetles
(Phyllotreta spp.) and cabbage stink bugs (Eurydema spp.) with cabbage
and selected trap Brassica crops

2.1. Association between glucosinolate concentration and injuries caused by cabbage stink
bugs, Eurydema spp. (Heteroptera: Pentatomidae), on different Brassicas

In 2010, our group was involved in determining [3] the content of glucosinolates in different
Brassica species in order to determine their impact on feeding of cabbage stink bugs (Euryde‐
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ma spp.) and the consequent extent of damage caused by feeding. We confirmed that the level
of glucosinolates depends on plant species, plant part and the time of sampling. In these
samples, aliphatic glucosinolates prevailed. Glucobrassicin, an important indolic glucosino‐
late, was detected in all tested Brassica species. Its content was the highest in oil radish samples
during the first assessment (30 DAS), 8.84 ±0.65 μmol g−1 ds, while the oilseed rape samples
displayed lowest concentration during the last assessment (134 DAS), 4.30±0.80 μmol g−1 ds.
Based on these results, we cannot confirm the stimulative activity or negative influence of a
specific glucosinolate on feeding of Eurydema spp. Based on the results of our research, we can
conclude that oil rape was the most adequate trap crop used to allure cabbage stink bugs. In
future, glucosinolates should be employed to a greater extent in environmentally acceptable
ways of food production, one of which is also the use of trap crops in order to reduce harmful
effects of cabbage stinkbugs.

2.2. Glucosinolates as arsenal for defending Brassicas against cabbage flea beetles attack

Feeding of cabbage flea beetles (Figure 1) on various Brassica species can reduce the plant’s
productivity. While progressing towards the goal of reducing the use of synthetic pesticides
and promotion of environmental protection, we wish to exploit plants’ natural resilience [4].
The results of our study carried out in 2010 show that glucosinolate contents vary with plant
species, plant organs and period of growth. Among the indole glucosinolates, all Brassica
species displayed the presence of glucobrassicin, whose influence on cabbage flea beetles
varied according to the plant species.

Figure 1. Injuries caused by cabbage flea beetles (Phyllotreta spp.) on oil radish (photo: T. Bohinc)
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We established that progoitrin (r = 0.51), sinalbin (r = 0.61) and gluconapin (r = 0.67) stimulate
the feeding of flea beetles on oil rape, while the gluconasturtiin content in oil rape negatively
(r = −0.99) influenced the feeding of flea beetles. The oil rape displayed the significantly highest
damage done by the said harmful pest, but no significant influence of gluconasturtin and
glucoiberin influence of flea beetles was detected in this species. Oil radish thus proved to be
the most suitable species as a trap crop for flea beetles. We maintain that the protection of the
Brassica family against flea beetles can efficiently depend on glucosinolates content in
combination with other agrotechnical measures.

2.3. Environmental factors affecting the glucosinolate content in Brassicaceae

This study describes the effects of environmental factors, the average and highest daily
temperatures, the average relative air humidity and the duration of the daily solar radiation
on the glucosinolate content in Brassicaceae [4]. The results of our study indicate that the
content of indole glucosinolate, glucobrassicin, is influenced by the average daily and highest
air temperature. Indole glucosinolates were much more susceptible to environmental factors
than aliphatic or aromatic glucosinolates. Although the impact of the environment on the
groups of aliphatic and aromatic glucosinolates was variable, there was a significant impact
of the environment on specific aliphatic or aromatic glucosinolates. We conclude that climatic
conditions cannot be neglected in the future planning of cropping systems, as our results
showed significant effect of environmental factors on the glucosinolate content in Brassicaceae.

This study describes the effects of environmental factors, the average and highest daily
temperature, the average relative air humidity and the duration of the daily solar radiation on
the glucosinolate content in Brassicaceae. The results of our study indicate that the content of
indole glucosinolate, glucobrassicin, is influenced by the average daily and highest air
temperature. Indole glucosinolates were much more susceptible to environmental factors than
aliphatic or aromatic glucosinolates. Although the impact of the environment on the groups
of aliphatic and aromatic glucosinolates was variable, there was a significant impact of the
environment on specific aliphatic or aromatic glucosinolates. We conclude that climatic
conditions cannot be neglected in the future planning of cropping systems, as the results of
our investigation showed the important effect of environmental factors on the glucosinolate
content in Brassicaceae.

2.4. Trap crops for reducing damage caused by stink bugs (Eurydema spp.) and flea beetles
(Phyllotreta spp.) on white cabbage: Fact of fantasy?

During the years 2009 and 2010, a field experiment was carried out to determine the effect of
three trap crops (oil radish, oil rape and white mustard) as a protection method against cabbage
stink bug (Eurydema spp.) and flea beetle (Phyllotreta spp.) attacks on two hybrids of white
cabbage. The experiment was designed as a randomised complete block with four treatments,
each replicated four times. The damage caused by cabbage stinkbugs and flea beetles was
estimated in 10-day intervals, considering main cash crop and trap crops. Based on statistical
analysis, we can conclude that oil rape was the most effective trap crop against cabbage stink
bugs. Flea beetles have shown specific preference to oil radish as a trap crop in 2010, while
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they did not show specific preference to any of the trap crop tested in 2009. The damage caused
by cabbage stink bugs on cabbage started to increase by the beginning of July, while that caused
by flea beetles started to increase at the end of May.

Figure 2. The field experiment at the laboratory field of the Biotechnical Faculty in Ljubljana (photo: T. Bohinc).

Figure 3. Mating cabbage stink bugs (Eurydema oleracea) on a blossom of white mustard (photo: T. Bohinc).
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2.5. Sowing mixture of Brassica trap crops is recommended to reduce Phyllotreta beetles
injury to cabbage

We studied the extent of damage caused by cabbage flea beetles on four different Brassica
species in a 2-year field experiment (2009–2010) at two locations in Slovenia. The entire
experiment was based on testing oilseed rape, white mustard and oil radish as potential trap
crops to protect cabbage from cabbage flea beetles [5,6]. A significant influence of the Brassi‐
ca species on the feeding by the flea beetles was confirmed at both the locations. The damage
index on oil radish was the highest throughout most of the growth period, whereas oilseed
rape and white mustard were preferred only during a certain growth period. The initial
damage caused by the cabbage flea beetles occurred in the first half of May, whereas the
heaviest damage occurred at the beginning of July. This research shows that the onset of
cabbage flea beetle feeding can be controlled in a medium–late cabbage cultivar using trap
cropping. However, since none of the tested trap crops strongly attracted the flea beetles
throughout the entire growing period of the crop, we recommend sowing mixtures of crops
for cabbage production such that each of three Brassica species would attract phytophagous
insect during a particular part of the cabbage growing season.

3. Results and discussion

Different authors [7,8] reported that glucosinolate content differs in different plant species,
this was confirmed also by our research. In the samples of the studied species of Brassicas we
established the presence of only one glucosinolate, namely glucobrassicin, it was noticed in all
plant species. We found out that the content of glucobrassicin in the samples of oilseed radish
negatively influence the studied group of harmful organisms, both cabbage flea beetles and
cabbage stink bugs. Despite the fact that the connection between the content of glucobrassicin
and the extent of damage by cabbage flea beetles (r = −0.30) and cabbage stink bugs (r = −0.32)
was negative, we cannot talk about identical influence throughout the growth period. This is
consequently conditioned by the fact that glucosinolate content in Brassicas varied both during
the growth period and between individual plant organs. It is also interesting that we found
more glucobrassicin in the blossoms of oilseed radish than in the leaves.

Research has established [9] higher contents of five different glucosinolates in blossoms of
black mustard (Brassica nigra) than in leaves of the said plant species. In our research this
statement holds true for glucobrassicin in glucoraphanin in the samples of oilseed radish and
for sinalbin and epiprogoitrin in the samples of white mustard. Based on research done by [10],
glucosinolate content can vary also within individual genotypes of the same plant species, this
was confirmed also in our research – between the selected hybrids of cabbage we discovered
significant differences in the contents of progoitrin and glucobrassicin. In the samples of the
hybrid ‘Hinova’ we discovered more progoitrin, while a higher share of glucobrassicin was
present in the hybrid ‘Tucana’. Of the nine glucosinolates which were analysed in the main
crops, we confirmed the presence of four (sinalbin, gluconasturtiin, glucoraphanin and
progoitrin) in both hybrids of cabbage, yet only in traces (below detection threshold).
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High concentrations of aliphatic glucosinolates in Brassicas can be an important factor of
resistance for the said plants against harmful organisms [11]. We also found out that progoitrin
in oilseed radish and white mustard was below detection threshold, which enables wider
spectrum of usefulness of these plant species, as the said aliphatic glucosinolate can cause
negative effects for feeding of animals [12].

Despite previously proven nematicide effects of sinigrin [13], in our experiment this glucosi‐
nolate in the mid-late hybrid of cabbage stimulated the feeding of cabbage stink bugs, thus
causing greater extent of damage. Because the content of progoitrin in the samples of oilseed
rape was highest on the date of assessment (31st August), the authors maintain that this
substance can potentially negatively influence cattle if oilseed rape is used as fodder [12].
Marked preference of different harmful pests for oilseed rape (in our case this holds true for
both years of the experiment) is often caused by the fact that farmers do not choose to grow
the said plant species [14].

On the basis of the results of our research, we can conclude that the content of progoitrin in
the hybrids of cabbage could in future represent an important factor when selecting hybrids
for cabbage production in our conditions. A research carried out in the Netherlands [15] found
out that the content of sinigrin and progoitrin influences the taste of Brussels sprouts. Conse‐
quently, great efforts were made to reduce the content of the said glucosinolates or improve
plants [15]. Despite the reports about negative influence of progoitrin in fodder for cattle, we
cannot talk about negative influence of the said glucosinolate and other glucosinolates on
human diet [16]. In the past, there were suspicions also about negative effects of glucosinolates
on human diet [17], but they were later rejected [16, 18].

Potential negative influence of glucobrassicin on feeding of cabbage flea beetles was detected
in all plant species except in oilseed rape. On one hand this glucosinolate has negative influence
on the species from the genus Phyllotreta, on the other hand it has positive (anticarcinogenic)
influence on human health [16]. These are thus »good« properties of this secondary metabolite.
Despite this, glucobrassicin proved to be very susceptible to environmental factors, which will
be dealt with later in our discussion.

We confirmed that glucoraphanin and sinalbin were significantly most present among
aliphatic glucosinolates in the samples of oilseed radish, while among indole glucosinolates
glucobrassicin was present. The content of sinalbin was among the studied plant species of
Brassicas highest in the samples of white mustard (30.12±5.52 μmol/g mass of dry seed) and
oilseed rape (11.16±6,50 μmol/g mass of dry seed). On the basis of the above finding that
glucosinolate content differs between individual species of Brassicas, we believe that there are
also differences between species of Brassicas in regard to their suitability for feeding of cabbage
flea beetles and cabbage stink bugs. While in the hybrids ‘Tucana’ and ‘Hinova’ and in white
mustard and oilseed radish, we noticed negative influence of glucobrassicin on the extent of
damage by cabbage stink bugs, in the samples of oilseed rape we noticed positive influence of
glucobrassicin on the extent of damage. Gluconapin is also one of the glucosinolates which in
our research stimulated feeding of the species from the Eurydema spp.
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The content of secondary metabolites [19] in plants is influenced also by environmental factors,
which was noted by [20], this fact was confirmed also in our research. The knowledge about
the influence of individual parameters of the environment on glucosinolate content in plants
is thus gradually building up. Authors [21] report about positive influence of extreme
temperatures on the content of the said secondary metabolites. Influence of temperatures is
supposed to be more pronounced in indole glucosinolates [22], this was confirmed also in our
research in which we found out that the content of glucobrassicin was conditioned primarily
by the average daily and the highest daily temperature of air.

Yet very little is known about the influence of individual environmental factors on the content
of aliphatic and aromatic glucosinolates. Our research has established that the influence of
environment on individual glucosinolates from the said two groups differs greatly. Thus we
cannot speak about some uniform effects of environment on types of glucosinolates. Experts
suppose that the reason for different responses of glucosinolates to the environment’s activity
can be the fact that the genesis of specific glucosinolates involves specific enzymes, which differ
from the enzymes which are required to produce other glucosinolates [23].

As we have already emphasised, the importance of alternative methods in plant protection is
increasing, and in connection with this we are glad to report that also the trap crop method
studied in our dissertation was successful at both locations of the field experiment. The trap
crops were much more susceptible to damage by cabbage stink bugs (Eurydema spp.) and
cabbage flea beetles (Phyllotreta spp.) than the cabbage. In Gorenjska, oilseed rape was most
susceptible to feeding by cabbage stink bugs, preference of cabbage flea beetles was at the same
location detected in oilseed radish. In Ljubljana in 2009, we established the significantly highest
extent of damage by the species from the genus Eurydema on oilseed rape, while in 2010, we
noticed no difference between the trap crops. We have nevertheless established that suscept‐
ibility of different Brassicas to attacks by the studied harmful insects varies during the growth
period.

In the field in Gorenjska, we noticed in 2009 the highest extent of damage due to cabbage stink
bugs on oilseed rape (the average index of damage 3.38±0.05), in the second year of the
experiment, the most susceptible to damage by cabbage stink bugs was oilseed rape (3.58±0.02).
In white mustard in the first (2.72±0.04) and the second (2.56±0.05) year of the experiment, we
recorded the significantly lowest index of damage by cabbage stink bugs. In the second year
of the experiment, we recorded the highest susceptibility to damage by cabbage flea beetles in
oilseed radish (3.5±2.82), while the extent of damage on white mustard was significantly lowest
(2.82±0.02).

Authors [15] report that glucosinolate content in Brassicas is conditioned also by feeding of
harmful organisms. With their feeding – by damaging the cellular structure – they regulate
glucosinolate content. In our research, we established that the connection between glucosino‐
late content and the content of damage by the species from the genera Phyllotreta or Euryde‐
ma differs between different glucosinolates, as well as that individual glucosinolates differently
influence the extent of damage.

The plant species which were used as trap crops in our research are in Slovenia usually used
as catch crops [24]. Oilseed rape is among the studied trap crops considered a plant species
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which is very susceptible to attacks by harmful organisms and is consequently less popular in
ecological production [14]. If we compare indexes of damage by cabbage stink bugs on different
species of Brassicas, we see that these were the highest on the said plant species. From the point
of view of possible application of Brassicas as trap crop systems in the production of cabbage,
white mustard represents the least suitable species, as it has been confirmed as the least
susceptible to feeding of cabbage flea beetles. White mustard is in the research carried out by
[6] and [25] mentioned as a plant species with very high natural resistance to attacks by flea
beetles. It has been established that epidermis, thickly covered with trichomes, is the main
reason for the resistance of plants, which is confirmed also by the research carried out by [26].

By seeding trap crops among the main plant species, the latter (cabbage) was protected against
early attacks by cabbage flea beetles and cabbage stink bugs. It is known that cabbage flea
beetles which appear in the beginning of May are very harmful for young plants of Brassicas,
which have at that time small surface of leaves [27]. The age of plants is among more important
factors which influence the extent of damage by the species from the genus Phyllotreta. Authors
[28] in their research report successful reduction of the extent of damage on cabbage done by
the species from the genus Phyllotreta by different terms of seeding.

We have found out that there is a negative correlation between the plants of trap crops and
the extent of damage by cabbage flea beetles in the beginning of the developmental stage in
which leaves are developed (BBCH 12-14). On the basis of the results of our research, we can
conclude that adult specimens of cabbage stink bugs in spring appear in the second half of
May or in the beginning of June. In the said period we noticed the first damage interval [6].
Damage was first detected on the trap crops, only later on the main crops. This was the case
at both locations in the experiment.

The hybrid cabbage ‘Hinova’ in all comparisons proved to be much more susceptible to
damage by cabbage stink bugs and cabbage flea beetles [29] – in comparison with the hybrid
‘Tucana’. We have nevertheless found out that susceptibility of Brassicas in individual parts
of the growth period varies between genotypes of cabbage, in some parts of the growth period
we thus noticed pronounced damage also on the hybrid ‘Tucana’. The damage by cabbage flea
beetles on the cultivar ‘Tucana’ were thus more extensive in the beginning of the growth
period, in the phase when plants were developing leaves and opened from 4 to 7 proper leaves.
Greater extent of damage was later recorded on the cultivar ‘Hinova’. The mid-late hybrid
cabbage was not so susceptible to damage by cabbage stink bugs. This finding was established
already in the research by [30]. The connection can be found in the interaction between the
length of the growth period of the hybrid and bionomy of the studied harmful pest. At the
time when the species Eurydema ventrale and Eurydema oleracea only just began to appear
massively, the crops of the early hybrid were already collected.

We have found out that usefulness of the selected alternative methods in plant protection is
conditioned by the selection of an appropriate main crop and appropriate hybrid. The average
crop of cabbage was influenced by the selection of a cultivar, while we did not notice any
pronounced differences in the average crop between individual treatments (species of trap
crops). We also compared the damage by the species from the genera Phyllotreta and Euryde‐
ma on the main crop according to the distance from the trap crop. We found out that cabbage
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stink bugs prefer to appear on plants of cabbage which are farthest from the trap crop, while
the influence of a plant’s distance on damage by cabbage flea beetles was not established.
‘Hinova’ in our conditions of production proved to be the hybrid which yielded a bigger
average crop, the selection of the early hybrid ‘Tucana’ proved as unsuitable. According to the
results of our research we can say this is congruent with the findings of the authors [31–33],
who report that alternative methods (intermediate crops, green covers) did not reach the
desired goals.

By more intensive care for the main crop (watering during the growth period, dressing with
fertilisers...) we could provide bigger crops. It is well known that the trap crop method can be
carried out in several ways. One of these is to collect the trap crops in the middle of the growth
period where we carried out the experiment [34]. At the same time we would risk that the
studied group of harmful pests massively moved to the main crop [34]. We could treat the trap
crop with insecticides and thus provided the so-called dead-end trap crop. Yet by using
insecticides we would bring more damage than benefits [35]. The species which were used as
trap crops were for a part of their growth period also blossoming and thus attracting useful
organisms. The reasons for different susceptibility in the studied species of Brassicas can be
found in natural resistance of plants. Glucosinolates, which are considered by some as an
important factor of plants’ resistance against harmful organisms, and by others as negligible
in this regard, can in the protection of plants act stimulatory or deterring. While gluconasturtiin
in oilseed rape acts as a deterrent (r = −0.99) for feeding by cabbage flea beetles, we cannot
attribute the said glucosinolate the same property in case of white mustard and oilseed radish.
According to the research, we can conclude that the effects of these secondary metabolites on
harmful insects are very complex. We thus cannot talk about some universal influence of the
three groups of glucosinolates on harmful organisms, and the influence of each glucosinolate
should be analysed separately.

Gluconasturtiin in oilseed rape acts negatively on feeding by cabbage flea beetles (r = −0.99)
and cabbage stink bugs (r = −0.98). Feeding by cabbage flea beetles (r = −0.80) and cabbage stink
bugs (r = −0.99) on the said plant species is strongly influenced by epiprogoitrin content.
Glucoiberin content in the samples of oilseed rape negatively influenced the feeding by
cabbage flea beetles (r = −1) and cabbage stink bugs (r = −1), progoitrin in the samples of oilseed
rape stimulated the feeding by cabbage stink bugs (r = 0.51) and cabbage flea beetles (r = 0.51),
while the activity in the samples of ‘Tucana’ negatively influenced the feeding by cabbage stink
bugs (r = −1.0). Gluconapiin is the only glucosinolate which in the plants oilseed rape acts
stimulatory on the feeding by cabbage stink bugs (r = 0.64) and cabbage flea beetles (r = 0.67).
We detected no pronounced influence of the studied glucosinolates on feeding by the species
from the genus Phyllotreta in the samples of oilseed radish. We can conclude that the barely
perceptible presence of gluconasturtiin, glucoiberin and gluconapiin most probably contrib‐
uted to the higher index of damage by cabbage flea beetles on the studied species of Brassicas.

Because of the thus far collected findings that glucosinolate content changes during the growth
period and depends on the plant species, we wanted to compare the extent of damage by
cabbage flea beetles also in regard to the location of the experiments.
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In Slovenia, cabbage flea beetles are most massively present in July [36], this was confirmed
also in our research. The feeding of cabbage flea beetles is influenced also by the average daily
temperature [37], which was also found out in our research; we noticed several such cases
during the growth period in both years of the experiment. In 2010 we thus in the last ten days
of May on the laboratory field of the Biotechnical Faculty in Ljubljana noticed higher average
daily temperatures than on the location of the experiment in Gorenjska.

Indexes of damage due to both groups of harmful pests were in the second year of the
experiment markedly higher, which confirms the fact that using crop rotation is also one of
the principles of successful agricultural practice [38, 39, 40, 41, 42]. We thus in both years of
the experiment detected a higher extent of damage at the laboratory field of the Biotechnical
Faculty and in the field in Gorenjska. The importance of crop rotation was confirmed especially
in Gorenjska, where some years before our experiment in the vicinity there were no larger field
with Brassicas, so the attacks of both groups of harmful pests in the first year of the experiment
were relatively weak. At the laboratory field of the Biotechnical Faculty, Brassicas have been
grown every year for quite some time, consequently, the attacks of cabbage flea beetles and
cabbage stink bugs were strong already in the first year of the experiment. The finding that a
considerably lesser extent of damage by harmful pests is influenced also by crop rotation [42,
43] is confirmed also in our research.

The average daily temperature 17.4 °C at the laboratory field of the Biotechnical Faculty in
Ljubljana thus stimulatory influenced the group of the studied harmful pests, while the
average daily temperature in the same period in Gorenjska was 16.1 °C.

We have found out that white mustard was the first to reach the phase of maturing (BBCH 80–
89) [25], at the same time the susceptibility of this plant species to attacks by the studied harmful
pests was reduced. The low susceptibility of white mustard to damage by the species from the
genus Phyllotreta in the beginning of the growth period was still very pronounced in 2009 in
Gorenjska. We can thus sum up that the developmental phase of plants is one of the more
important factors of feeding by cabbage flea beetles and cabbage stink bugs. In Gorenjska, the
trap crops for cabbage flea beetles were most susceptible at the time of blossoming (BBCH
60-67), at that time the cabbage was entering the phase of developing vegetative parts of plants
suitable for crops (forming heads). Feeding by cabbage flea beetles at the plants’ blossoms was
recorded already in other studies [44].

4. Conclusions

In the years 2009–2010, we were in two field experiments establishing the efficiency of trap
crop methods for reducing the extent of damage by cabbage flea beetles (Phyllotreta spp.) and
cabbage stink bugs (Eurydema spp.) on the main plant species, cabbage. Because the extent of
damage was significantly higher on the trap crops and because the damage was first noticed
on the trap crops, we can say that the chosen alternative method of plant protection proved as
efficient.
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The first appearance of cabbage flea beetles was in our research detected in the beginning of
May, while cabbage stink bugs began appearing in the second half of May. The said findings
are congruent with the results of bionomy of the studied groups of harmful pests in the central
part of Europe. Feeding of cabbage flea beetles and cabbage stink bugs was noticed on all
selected plant species. On the basis of the collected data, we have found out that cabbage stink
bugs display particular preference to feeding on oilseed rape, while cabbage flea beetles were
feeding mostly on oilseed radish, which proved the most attractive host for them.

The trap crop method that we studied in our research will be feasible especially in the systems
of mid-late cabbage production. The average mass of cabbage was influenced primarily by the
selection of a hybrid. Mid-late hybrid ‘Hinova’ in our research proved to be more productive
and consequently more suitable for production in our growth conditions.

On the basis of our research results, which were obtained at two different locations, we can
conclude that air temperature has an important effect on the extent of damage by cabbage flea
beetles on Brassicasas. Rising average daily temperature of air caused higher extent of damage
by cabbage flea beetles on the studied species of Brassicas.

The different preferences of the studied groups of harmful pests are conditioned also by natural
resistance of plants. One of the factors of natural resistance in Brassicas is also glucosinolate
content. Glucosinolates in our research proved to be an important, yet variable factor of natural
resistance of Brassicas to attacks by cabbage flea beetles and cabbage stink bugs. We found out
that variability of glucosinolates was conditioned by plant species, and the content of these
substances differs considerably also between different organs of the same plant species. Our
research also revealed variability in the content of glucosinolates between individual geno‐
types of the same plant species, i.e., between individual genotypes of cabbage. In the samples
of oilseed radish, we detected the largest amount of glucoraphanin (8.66±1.81 μmol/g mass of
dry seed); sinalbin was present in the significantly largest amount in the samples of oilseed
rape and white mustard. Although the analysis confirmed sinalbin as the most frequent
glucosinolate in the samples of white mustard, the further analysis of the data revealed weak
correlation (r = 0.36) between its content versus Brassicas and the content of damage by cabbage
stink bugs on them.

Sampling of different plant parts showed that the content of certain glucosinolates, for example
glucobrassicin and glucoraphanin in blossoms of oilseed radish or sinalbin and epiprogoitrin
in blossoms of white mustard, is much higher than in the leaves of the studied plant species.
We found out that cabbage flea beetles were at the time of blossoming very intensively feeding
on plants of white mustard and oilseed radish.

We have found out that glucosinolate content in plants is influenced primarily by temperature
extremes. The results of past studies concerning activities of these secondary metabolites
support the notion that they act in a manner that is specific for an individual group of these
secondary metabolites. However, we found out that there are differences in their activities also
within individual groups of glucosinolates. Glucobrassicin, the only detectable glucosinolate
in all studied plant species, belongs to indole glucosinolates. We have found out that this
glucosinolate in oilseed radish affects negatively the extent of damage by the species from the
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genera Phyllotreta and Eurydema. The said substance belongs to the group of those which were
most significantly influenced by environmental parameters, primarily the average daily and
highest daily air temperature. Gluconasturtiin and epiprogoitrin in oilseed rape had on both
studied groups of harmful pests negative effects, sinalbin had negative effects on the feeding
of cabbage stink bugs in the samples of oilseed rape, while it stimulated cabbage flea beetles.

The obtained data at the two different locations showed that the extent of damage by cabbage
flea beetles can be successful controlled by using the mixed crops of Brassicas, which were
used in our experiment. The said combination of plant species would be in view of our findings
suitable for both locations at which we were carrying out the experiment as well as for other
Slovenian regions in which cabbage is produced and where producers encounter the harmful
pests studied in our research. By seeding plants trap crops before the main crops in both years
of the experiment, we considerably influenced the fact that damage by the species from the
genera Phyllotreta and Eurydema first appeared on the trap crops.

The selected trap crop method successfully controlled the appearance of the species from the
Phyllotreta spp. and Eurydema spp. on cabbage. Since little or no synthetic preparations are
available for suppressing cabbage flea beetles or cabbage stink bugs, alternative methods is a
potential option. Since agricultural land intended for production of Brassicas has been in recent
years expanding, new methods for protecting crops represent new possibilities for environ‐
mentally acceptable production of cabbage. The said method is useful primarily in ecological
and integral production. Commercial consumption teaches us that we increasingly trust the
locally grown food, if possible without insecticides. It is true that our experiment did not
produce the extent of crops which would be of commercial interest, yet we produced cabbage
without using insecticides, and this will enable us to further arouse the interest of consumers,
who want healthy food. In order to achieve reduction in the population of the species from the
genera Phyllotreta and Eurydema on cabbage, the use of mixed crops of Brassicas seem quite
realistic. As our research shows, the method is more efficient in systems of production where
mid-late genotypes of cabbage are grown. As we found out, due to the spectrum of different
factors (among others also glucosinolate content [45,46]), susceptibility of plants to damage by
harmful organisms during the growth period varies. By using mixed crops as a means to reduce
damage on the main crops, the said method could be used in different regions of Slovenia and
thus override the influence of environmental factors on trap crops as well as the bionomy of
the said harmful species itself [47]. Other species of Brassicas can be used as trap crops, but
that is the subject of another research.
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