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Tropical diseases affect millions of people throughout the world and particularly in 
the developing countries. The millennium development goals had specifically targeted 

HIV/AIDS and Malaria for substantial reduction as well as Tuberculosis while many 
other tropical diseases have been neglected. The new sustainable development goals 
have not made such distinction and have targeted all diseases for elimination for the 
improvement of the quality of life of human beings on earth. The present book was 

developed to provide an update on issues relevant to the treatment of selected tropical 
diseases such as tuberculosis, malaria, leishmaniasis, schistosomiasis and ectoparasites 

such as chiggers which are widely distributed throughout the world. The control of 
these infections has been hampered by the development of drug resistance and the 
lack of the development of new and more effective drugs. The understanding of the 

biochemical processes underlying drug activity is therefore essential for the potential 
elimination of these infections.
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Preface

Changes in the eating habits as well as lifestyle of people have led to the development of non-com‐
municable diseases in most developed countries and have set the tone for an epidemiological transi‐
tion in most developing countries. However, infectious diseases still constitute an important cause
of mortality, particularly in the tropical regions. There have been efforts from the international com‐
munity represented by the World Health Organization (WHO) as well as from many other govern‐
mental and non-governmental organisations to control some of the common diseases in the tropical
regions of the world, while many have been neglected for a long time. Therefore, an overview of the
progress in our understanding of certain tropical diseases is critical.

Tuberculosis and malaria constitute two important tropical diseases, and progress has been made
for the reduction of the prevalence of these infections but more importantly their control through
diagnosis and treatment. The present book has identified a number of tropical diseases in order to
clarify recent advances in the research pertaining to the diagnosis and treatment of these infections.
Other tropical diseases such as leishmaniasis and schistosomiasis have also been discussed in the
book. Of all the amoebas, Dientamoeba fragilis infections have not been well studied, and very little
attention has been paid to this pathogen. However, recent epidemiological studies have shown an
increase in the number of reported cases showing its growing impact in the society, which warrants
further investigations on its role in the production of gastrointestinal symptoms among humans.
Similarly, chiggers are not only confined to developing countries but are being described in some
developed countries as well, where they affect both animals and humans.

This book follows in the footsteps of other books published by InTech on tropical diseases and high‐
lights some infections that have been dealt with intensively such as tuberculosis and malaria but also
some that have not been much researched on and might affect both humans and animals (chiggers)
or mostly animals (dirofilariasis). The chapters have been organised in order starting from the bacte‐
rial disease (tuberculosis) followed by the protozoan diseases (malaria, Dientamoeba fragilis, Leishma‐
nia ), followed by the worms (dirofilariasis and schistosomiasis) and concluding with the arthropod
(shiggers). Many of the chapters discuss issues related to the treatment or control of the diseases
either at the level of treatment or through vector control, except for some that give a complete view
of the disease from epidemiology to control. This by no means is an exhaustive list of tropical diseas‐
es, but the intention is to initiate the discussion on new ways of controlling tropical diseases and to
raise awareness on certain diseases that might not have been at the forefront of research but that are
progressively making an impact on the health of communities around the world.

Prof. Amidou Samie
Department of Microbiology

University of Venda
Limpopo, South Africa





Chapter 1

Emerging Public Health Issues in Drug-Resistant
Tuberculosis

Adeola Orogade

Additional information is available at the end of the chapter

http://dx.doi.org/10.5772/61269

Abstract

Drug Resistance is a major challenge in the control of Tuberculosis which itself re‐
mains a global public health problem. Resistance is commonly encountered as MDR
TB but a subset, XDR TB which has about a comparatively fivefold increase in mortal‐
ity is now identified in 84 countries worldwide and increasing rates are currently re‐
ported from 65 countries. The actual burden of MDR TB is unknown though estimates
have been made based on notification of cases which are usually underreported. More
so there is under diagnosis in non HIV immune suppressed adults and pediatric pop‐
ulations largely due to lack of readily accessible diagnostic tools. In some case series,
MDR TB has been found occurring mostly in newly diagnosed patients or relapse cas‐
es after previous cure and completion of treatment rather than in patients with im‐
properly treated disease. Clinical and laboratory monitoring once therapy has been
instituted have also been a daunting task both from institutional and patient points of
view. The impact of these factors are highlighted and discussed as the world moves
towards attainment of the 2015 global target to halve TB prevalence and death rates
within the context of Millennium Development Goals (MDGs).

Keywords: Tuberculosis, Drug Resistant, Public Health

1. Introduction

The man who moves a mountain begins by carrying away small stones – Confucius.

Drug resistance is a major challenge in the control of Tuberculosis (TB), which itself remains
a global public health problem. Resistance is commonly encountered as Multidrug-Resistant
Tuberculosis (MDR TB), but a subset, Extensively Drug-Resistant Tuberculosis (XDR TB),
which has about a comparatively fivefold increase in mortality, is now identified in 84
countries worldwide and increasing rates are currently reported from 65 countries. The World

© 2015 The Author(s). Licensee InTech. This chapter is distributed under the terms of the Creative Commons
Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use, distribution,
and reproduction in any medium, provided the original work is properly cited.



Health Organization (WHO) has designated 22 countries of the world as high-burden countries
for Tuberculosis (HBCTB) and 27 as high-burden countries for multidrug-resistant Tubercu‐
losis (HBC MDR TB), making a total of 36 countries in either of these categories [1]. The latter
are countries where at least 4,000 cases of MDR TB are identified per year and/or at least 10%
of newly registered TB cases are MDR TB.

MDR TB and XDR TB epidemics are largely driven by transmission and are mainly found in
new cases and patients with TB relapse [2]. Since 1994, WHO has been receiving and analyzing
data on anti-TB drug resistance from countries via its Drug Resistance Surveillance Project,
which depends on continuous data based on rapid molecular diagnostics and drug sensitivity
testing (DST). However, neither is widely or routinely available due to prohibitive costs
involved, especially in low- and middle-income economies that are also high-burden countries.
In these low- and middle-income high TB burden countries, cases of MDR TB are identified
mainly through special surveys rather than continuous surveillance reporting. In 2013, only
11 of the 36 HBCTB/HBC MDRTB had up-to-date data through these drug-resistance surveys.
From these surveys it is clearly understood that the MDR TB burdens attributed to these
countries are only estimates based on notification of cases which in most countries is incom‐
plete and as such may only be the tip of the iceberg (Figures 1 & 2).

Despite these shortfalls in the determination of exact incidences, especially where TB burden
is highest, there have been recent global efforts to bridge the gap between diagnosis and
appropriate therapy with second- and third-line drugs. Treatment after diagnosis of MDR TB
and follow-up of confirmed cases is however bedeviled with unavailability of human resour‐
ces, accessibility to second-line drugs in high MDR TB areas, and logistics. Global treatment
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targets have not been met. but there are concerted efforts to achieve them through restructuring
of programs and Programmatic Management of Drug-Resistant TB (PMDT).

The key to overcoming MDR TB and XDR TB will eventually lie in the balance between prompt
diagnosis and treatment of cases on one hand and prevention of transmission of drug-resistant
bacilli to vulnerable populations with whom they are in contact on the other. Particular
attention needs to be given to unrecognized groups: the pediatric patients in whom a high
degree of clinical skill must be displayed to ensure prompt laboratory diagnosis and the health
care workers whose infection can be prevented through deliberate control methods.

2. Epidemiology of MDR TB

It is estimated that more than 90% of new TB cases and death occur in the high TB burden
developing countries [3]. Multidrug anti-tuberculous therapy had been found effective when
using the Directly Observed Therapy Short Course (DOTS) strategy to improve compliance to
treatment of TB. With the emergence of MDR TB, the DOTS strategy was expanded to
accommodate second-line drugs in the Directly Observed Therapy short course with MDR
diagnosis, management, and treatment (DOTS PLUS) strategy. Treatment failure, however,
can still occur leading to relapse and development of drug-resistant TB strains to second-line
drugs which is the XDR TB [4].

Multidrug-resistant Tuberculosis (MDR TB) is defined as resistance to at least both Isoniazid
and Rifampicin with or without resistance to other first-line drugs. [5]. A subset of this is
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Extensively Drug-Resistant Tuberculosis (XDR TB) where there is also resistance to fluoro‐
quinolones and at least one injectable second-line drug (such as Amikacin, Kanamycin, or
Capreomycin) in addition [6]. XDR TB was first noted in the late 1980s and 1990s and reported
by WHO and Center for Disease Control (CDC), USA, in 2004.

In a survey of some of their National Reference laboratories, it was observed that 20% of
resistant strains tested were MDR TB, while 10% were XDR TB. Asia and Eastern Europe had
the highest rates [7]. From recent reports, about 60% of the global burden of Multidrug-resistant
TB is in China, India and Russia occurring in 3.7% of new TB cases (CI: 2.1-5.2%) and 20% of
previously treated TB cases (CI:13-26%). In countries where there are data available, 9% of
MDR–TB cases have XDR (CI: 6.7-11.2%) and 14.5% have fluoroquinolone resistance (CI:
11.6-17.4%) [8].

According to the WHO, Eastern Europe’s rates of MDR TB are the highest and MDR TB makes
up to 20% of all new TB cases, while in The Union State, it accounts for 28% of new TB cases.
In Africa, reports of MDR TB based on continuous surveillance as in South Africa [9] show
progressively increasing MDR rates despite overall decreasing numbers of TB cases. This is
attributed to improved notification through laboratory surveillance. In developing countries
with limited access to TB drug sensitivity tests, prevalence of MDR TB is dependent on special
national surveys [1] and hospital-based clinical researches as in Nigeria [10-18]. Most of the
hospital-based reports in Nigeria indicate that there is some level of MDR TB, which though
not documented on a regular basis show progressive increase over time. This case scenario
plays out in other developing countries where continuous surveillance or monitoring of MDR
TB is not available. In Nigeria, as well as in other high-burden countries such as South Africa
and India, it has been noted that the increasing TB prevalence may be driven by HIV coinfection
[19]. Most of these reports are, however, based on testing of adult populations.

Pediatric MDR TB has been majorly underreported in continuous surveillance and special
surveys. However, in some countries like South Africa, some modest efforts have been made
to document and monitor progress of disease in these populations. A recent meta-analysis [20]
of WHO data between 1994 and 2011, testing associations between MDR TB and age groups
<15 years, and those >15 years, revealed that MDR TB was positively associated with age
<15years in Germany, Namibia, South Africa, UK, and USA. The data also revealed that similar
proportions of children and adults were diagnosed with MDR TB in many settings. HIV
coinfection was found to be in close association with pediatric MDR TB in South Africa
invariably due to the high prevalence of HIV in this area.

2.1. Genesis of MDR TB

Drug-resistant TB has microbial, clinical, and programmatic causes [21]. It manifests when
there is a selective growth of resistant mutants among the actively multiplying bacillary
population in the presence of drugs, thus making the drug ineffective against mutant bacilli.
Microbiologically, the emergence of drug resistance depends upon the frequency of drug-
resistant mutants in the susceptible bacillary population, the size of the actively multiplying
bacillary population in the lesions, and the antimicrobial quality of the drugs used [22]. The
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frequency of spontaneous mutations that can be developed to each drug are believed to be of
the following magnitude: Streptomycin 1 in 106, Isoniazid 1 in 106, Rifampicin 1 in 108,
Ethambutol 1 in 107, Pyrazinamide 1 in 106, Fluoroquinolones 1 in 106-8 [23]. When these drug-
resistant mutants occur in large bacterial population, they have a tendency to further multiply
depending on the corresponding clinical treatment regimen the patient receives. This varies
from one program to the other and will depend on what drugs are available to a treatment
program and the ease of access the patients have to these drugs.

Administered therapy may be inadequate in the following instances: monotherapy, poor
adherence to treatment protocols, erratic or even interrupted treatment, or low drug quality.
When there is inadequate treatment, resistance develops because bacilli with drug-resistant
mutation proliferate and become the dominant strain in the infected individual. Inadequate
treatment of susceptible TB can lead to drug resistance to first-line drugs (MDR TB), which is
a marker of a failing susceptible TB treatment program. Likewise, inadequate treatment of
MDR TB will lead to drug resistance to second-line drugs (XDR TB), which is a marker of failing
MDR TB treatment programs.

Drug resistance of the Mycobacterium tuberculosis isolated from patients may be categorized
based on length of previous anti-TB drug therapy they had received prior to the diagnosis of
resistance. Acquired drug resistance is described in those who have been inadequately treated
for 1 month or more; Relapse in cases previously completed treatment and reported cured;
while that of patients who have never been treated previously or treated for less than 1 month
is called Primary drug resistance or resistance in new case. The patients grouped as relapse or
as new infections which are found to be drug resistant are grouped together as transmission
cases; 82% of MDR TB are reported to be transmission cases. The other 18% are acquired cases,
which are mostly adult populations. The acquired cases provoke and sustain MDR TB
epidemics in both developed and undeveloped countries [24].

2.2. Epidemics of MDR TB

During the late 1980s and early 1990s, epidemics of MDR TB occurred in North America and
Europe killing about 80% of those who were infected. Today, the greatest number of cases is
in India and China [25-26], although smaller epidemics have been described due to migrations
[27]. The convergence of the following were believed to precipitate MDR TB epidemics
especially that of XDR TB: High TB burden, high HIV prevalence, suboptimal TB control
practices, and introduction of second-line TB drugs into low- and middle-income countries
[28-29]. Among the pediatric age group, there is global paucity of data on MDR TB epidemics.
Most data obtained have been reported from South Africa [30]. Some of the identical issues
that were identified in all these epidemics were that there was delayed diagnosis of MDR TB
cases for over 6 weeks to 6 months due in turn to delayed turnaround time for mycobacterial
culture and DST. This invariably led to very high mortality rates which first called attention
to the need for DST. In the XDR TB epidemic reported in South Africa [29], there was promi‐
nence of associated HIV coinfection in most patients who were transmission cases. Another
feature was poor observance of infection control precautions such as: inadequate patient
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isolation and airflow regulation within wards, which made the wards conducive for trans‐
mission between patients in contact with MDR TB cases. There was also notable direct
transmission from patients to health care workers, which was evident by Tuberculin Skin Test
(TST) conversion as well as later linkage mappings that correlated the strains in the patients’
samples with those of the health workers [29].

2.3. Implications of transmission versus acquired cases

In the high-burden countries, there are reportedly 20-35.2% of new cases and 54-62% of relapse
cases that develop MDR TB, accounting for 82% of all incidences of MDR TB [1]. Thus, high
burdens of MDRTB and XDR TB are eventually perpetuated from direct transmission within
communities. In cases where TB–HIV coinfections are also prevalent, this significantly favors
direct transmissibility [31]. Direct transmission is therefore the most common way drug-
resistant TB is spread and this must be stemmed to arrest the imminent global health threat
from TB.

3. MDR TB diagnosis: Clinical versus laboratory methods

Bacteriological confirmation of TB and Drug sensitivity Testing (DST) of patients presenting
with clinical features of Tuberculosis is targeted as universal standard for patient care in TB
[1]. When this is incorporated into routine clinical care package and results are available for
periodic analysis, it forms a strong database for information about drug resistance in that area.

3.1. Clinical criteria

WHO global TB report [1] revealed that only 2.8 million (58%) of the 4.9 million incident
pulmonary TB patients notified in 2013 were bacteriologically confirmed (smear- or culture-
positive according to a WHO-recommended rapid diagnostic such as Xpert MTB/RIF). The
remaining 42% notifications were diagnosed clinically (symptoms, signs, chest X-ray abnor‐
malities, or suggestive histology). Notifications of new cases are mainly from the high-burden
countries, majority of which are low- and middle-income economies. Their capacity for
confirmatory testing and DST is limited. Although almost half of notified global TB diagnosis
is by clinical methods, this form of diagnosis is attended by poor specificity and false-positive
diagnosis. Low laboratory rates, on the other hand, may suggest underdiagnosis of true TB
cases and contribute to the gap noticed between notified and estimated incident TB cases [1].
The need for skilled health care workers who can make presumptive diagnosis to improve
notification while laboratory methods are being scaled-up, especially in the high-burden
countries cannot be overemphasized.

However, the drawback of clinical criteria alone to make a diagnosis in MDR TB is obvious.
Detection of TB without investigating drug sensitivity potentially can lead to inadequate
treatment and this could lead to spread of MDR TB.
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3.2. Laboratory diagnosis – Screening and confirmatory tools

The field of TB diagnosis has been dynamic, changing constantly with the new challenges
posed by the bacilli: from being fully susceptible to multidrug therapy to the appearance of
MDR TB and now XDR TB. Whereas the need to have accurate bacteriological diagnosis and
appropriate drug sensitivity has not changed, the tools to achieve these have continued to
evolve as newer and hopefully equally or more effective diagnostic technologies are devel‐
oped. Diagnosis of MDR TB requires culture to confirm TB and drug susceptibility testing or
molecular testing. The challenges faced in achieving these include:

• Laboratory challenges with technical capacity, biosafety, cost, slow growth

• Patient challenges in access to adequately testing facilities – communication, transportation
of specimen, and reporting remain critical to success

• Policy challenges in who should be tested and when to test given limited public health
resources

Increasingly, molecular technologies are being incorporated into drug resistance surveys to
simplify logistics. By 2009, the EXPAND –TB (Expanding Access to New Diagnostics for TB)
was launched to accelerate access of MDR TB high-risk populations in high TB burden
countries to sophisticated but rapid diagnostic molecular techniques and provide laboratory
services. The 27 high MDR TB burden countries were equipped with 97 new or refurbished
laboratories and line probe assays (DNA strip test that allows simultaneous molecular
identification of TB and the most common genetic mutations causing resistance to Rifampicin
and Isoniazid) in reference laboratories which can diagnose MDR TB in two days. By December
2010, the WHO issued a policy on the use of another molecular diagnostic test Xpert MTB/RIF
as an initial diagnostic test for cases at risk of MDR TB with negative sputum. The Xpert test,
a cartridge-based automated diagnostic test that can identify Mycobacterium tuberculosis
DNA and resistance to Rifampicin by nucleic acid amplification technique was a sputum only
test for pulmonary TB [32].

A review of WHO policy followed in 2013 that Xpert MTB/RIF should be used rather than
conventional microscopy, culture, and DST as the initial diagnostic test in adults and children
suspected of having MDR TB or HIV associated TB. It may be used for diagnosis of drug-
susceptible TB, smear-negative individuals and cases of extra-pulmonary TB testing using
non-respiratory specimens such as lymph nodes. By the end of June 2014, 108 countries had
benefitted from procurement of Gene Xpert machines. GenoType® MTBDRplus (Hain
Lifescience, Germany) was used in the national survey completed in 2012 in Nigeria and is
currently being used in the national survey in Sudan. In Pakistan, Xpert® MTB/RIF (Cepheid
USA) identified additional cases missed by culture in the national survey completed in 2014.
In ongoing surveys in Papua New Guinea and Senegal, Xpert MTB/RIF is being used to screen
specimens for rifampicin resistance and identify those requiring further testing at national or
supranational TB reference laboratories. Surveys planned in 2014−2015 in Côte d’Ivoire, the
Democratic Republic of the Congo, Indonesia, and Zimbabwe will adopt the same testing
algorithm [1].
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This approach greatly reduces the workload for laboratories and decreases the cost of national
surveys. It may also result in the detection of cases that would otherwise have been missed by
culture and conventional DST, particularly in settings with delays in transporting sputum
samples to laboratories for testing. Although not a complete surrogate for MDR-TB, particu‐
larly in settings where levels of drug resistance are low, rifampicin resistance is the most
important indicator of MDR-TB and has serious clinical implications for affected patients.

It is noteworthy that the supply of these technologically advanced diagnostics though now in
more countries cannot serve the total at-risk populations, because these machines are kept
strategically in reference laboratories. There is a critical need to develop within each country
a framework that would address the accessibility to reference centers. In the Western Pacific
and Eastern Mediterranean regions, it is reported that there was less than one reference center
per 100,000 population. In Nigeria, a high TB burden country and the fourth highest African
country with MDR TB, there are only 9 reference centers which are inadequate for the whole
at-risk population of 170 million.

There is therefore need in the high TB burden areas to still supplement the recent high-tech
diagnostic tools with sputum smear microscopy as an initial screening tool and as such be
placed in such a way that these can be accessible to all. Improvements in microscopy using
fluorescent light emitting diode microscopy, which is more sensitive than light microscopy,
has been proposed and adopted in South Africa, and less so in Mozambique, Bangladesh, and
Nigeria [1].

The other aspect that needs careful attention in laboratory diagnosis is the need for regular
quality assurance of the machines. Likewise, regular capacity training for laboratory personnel
to ensure optimal standards of diagnosis and DST Xpert MT/RIF Newer areas of research for
improved diagnostics is the research for correlates of protective immunity and host biomarkers
of TB that could help determine the potential for susceptibility or protection [33].

4. Unrecognised MDR TB populations

4.1. Pediatric MDR TB

Pediatric TB diagnosis has also been largely based on clinical criteria due to the pauci bacillary
nature of their disease [3, 34-36]. In the cases of TB HIV coinfection, the diagnosis of TB disease
is usually more difficult because the symptom specificity is reduced due to similarity with
chronic HIV-related symptoms, and chest radiograph interpretation is complicated by HIV-
related comorbidity and atypical disease presentation. In this case, diagnosis involves linking
the child with an adult with confirmed pulmonary TB [37]. However, older children producing
sputum can have bacteriological confirmation and where facilities are accessible DST is
performed [8]. To date, there is still widespread under-diagnosis of MDR TB in younger
children. Children are less likely than adults to acquire MDR TB during treatment due to the
lower bacillary load and less-frequent cavity formation [38]. Acquisition of strains of MDR TB
through primary transmission has been shown to be same for children as for adults [39].
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The implication of this is that with increasing adult MDR TB in populations, there would be
increasing incidences of pediatric MDR TB. Once a diagnosis of TB is made, MDR TB should
be carefully considered by review of household source cases for drug-resistant disease [40].
Child contacts of adults with coinfection of TB HIV should particularly be screened for MDR
TB. The recent efforts to improve on MDR diagnostic tests using non-respiratory specimens
should be harnessed for the pediatric age populations so that rapid diagnostic tests become
the first-line diagnostic tool for pediatric MDR TB. Outcomes of MDR TB in children depend
on prompt diagnosis and initiation of appropriate therapy for drug-resistant strain [41].

5. Challenges in MDR TB therapy

The Global target of MDR TB treatment is to achieve 75% treatment success by 2015. To achieve
success in treatment programs, WHO has published a document which contains the guide to
Programmatic Management of Drug-resistant TB (PMDT) which covers all key policies in
MDR TB care and control. The numbers of cases treated are usually reported in cohorts that
commence therapy within a certain year. In this way it is hoped that treatment outcomes would
be clearly understood and modifications where necessary would be implemented. WHO [1]
reports increasing numbers of cases enrolled into treatment programs for MDR TB and XDR
TB of 47% from 2010 to 2013. In specific terms, however, this increase has been achieved mainly
in low TB burden countries. The issue of inadequate notification from weak reporting systems
in most high-burden countries is also thought to contribute to only a modest increase despite
all efforts made at increasing treatment coverage. Notification still plays a crucial part in the
monitoring of treatment outcomes. This depends on systematic record collection, storage, and
retrieval by electronic means. All these processes are not uniformly accessible in all parts of
the same country and also differ significantly from country to country. Adequately trained
personnel to manage this process is crucial and a vital gap.

The treatment target of 75% success outcome has only been reached by 29 out of 126 countries
that have reported outcome. Only five of the 27 MDR TB high-burden countries have reached
70% treatment successes (Figure 3). The success recorded in high-burden countries is closely
related to the implementation of EXPAND TB project and the scale-up of PMDT in these
countries. The identified gaps to achieving treatment include unavailability of second-line TB
drugs whose costs are prohibitive in many high-burden countries. This requires substantial
financial and health care resources [42]. To ameliorate this, the Global Fund facility which
procures TB drugs for the public sector of many countries has increased supply and dropped
prices of some MDR TB drugs by 2009 [43].

5.1. Clinical and laboratory monitoring

Drugs used in the treatment of MDR TB are less effective, more toxic (90% experience side
effects), used for longer duration (usually more than 2 years’ duration), and are more costly
than drugs used in susceptible TB (10-100 times more costly) [44]. In the 27 high-burden
countries, the expenditure for MDR-TB treatment has increased cost of TB care from an
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estimated 1.3 billion USD in 2010 to 4.4 billion USD by 2015 [45]. Some of the common adverse
effects might also require monitoring such as ototoxicity and renal failure. There is also the
need to document improvement by follow-up of bacteriologic cultures. In addition to these,
cases need to be monitored because some MDR TB cases are in advanced stages of disease with
other end-stage organ failures. MDR TB therapy is often characterized by low treatment
completion rates due to death (15%), default (14-23%), and treatment failure (8-9%) [46]. To
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Figure 3. Treatment outcomes for patients diagnosed with MDR TB by WHO region, 2007-2011 cohorts.
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achieve increased access, compliance, effective therapy, and retention in care, there is a need
for close monitoring. This is traditionally done by hospital-based care at MDR TB referral
centers for the initial therapy through health care providers. The model of care involves an
initial hospitalization until sputum culture conversion followed by ambulatory phase of
treatment in the nearest DOTS facility. However, hospital-based care may serve as an obstacle
to access. Ambulatory-based care and community-based care have been proposed in manage‐
ment of MDR TB cases [47]. There have been some successful experiences in some countries
using these methods [1]. There would be need for collaboration between these models of care
especially when dealing with patients with advanced disease who may benefit for some
periods from hospital-based care but would need community- or home-based care for terminal
stages. Community and Ambulatory care also serve to ensure adequate contact tracing for
cases of MDR and XDR TB, which is of great importance given the role of transmission of
disease in spreading the MDR TB epidemic.

When contacts are traced, there is need for DST to identify appropriate second-line drugs.
Currently, the diagnostic tools recommended are molecular-based testings: Line probe Assays
and Xpert MTB/RIF. There is need, however, to establish quality control measures for these
tests to avoid false positives and false negatives. Such tools as would ensure international
standards for reference laboratories and other peripheral centers have been developed in some
countries. Laboratory monitoring also includes structured assessment tools for TB microscopy,
which is shared among laboratory networks.

6. Prevention of MDR TB

To achieve success in the control of MDR TB, there would be a need to strengthen existing TB
DOTS programs. To achieve this, some areas that should be focused on are the creation of
infection control policies both within and outside institutions. Health education of how
transmission of disease occurs from cases to vulnerable groups should be emphasized in
communities. Community-based care should be strengthened with recruitment of staff for
contact tracing of MDR cases, screening of the contacts, treatment administration, and
identification of those who are defaulting on treatment or require institutionalized care. There
should be expansion in the teams with involvement of all relevant health care partners to
strengthen Public–Private Mix initiatives for TB care and control [48-52].

6.1. Infection control

This aims to prevent transmission from cases to other patients or health care workers. The
following means could help to ensure the protection of health care staff: Use of N95 mask by
all staff on medical and TB isolation wards and in the HIV clinics [53]; HIV testing of all staff
with reallocation of those testing positive to lower-risk positions; Annual Chest Xray screening
for TB for all staff [24,54].

Within health care institutions, TB control officers should be hired as well as cough officer in
waiting areas who would identify those that are in hospital for other reasons but who may

Emerging Public Health Issues in Drug-Resistant Tuberculosis
http://dx.doi.org/10.5772/61269

11



require TB screening. The duration of hospital admission and stay should be reduced. There
should be environmental airflow control to ensure maximal ventilation (natural mechanical
ventilation within the ward and the use of outdoor waiting areas for outpatients). MDR TB
isolation wards should be created with attention paid to laminar airflow [55].

Infection control programs should be created with plans for intervention should transmission
be proved.

7. Conclusions

Underdiagnoses of MDR TB and XDR TB cases pose significant challenge for TB control. The
current available means for tracking and monitoring are inadequate since they are reliant on
reported data which are usually incomplete. These data overlook transmission to unrecog‐
nized populations which sustain MDR TB epidemics. There is also a need to make diagnostic
tools more available and accessible for cases and contacts and more reference laboratories
provided. These laboratories should be monitored to assure they maintain international
standards and produce reliable results. Once diagnosis has been made promptly and accu‐
rately, adequate therapy for MDR TB should be instituted. This would require clinical
monitoring of cases through collaboration of hospital, community, and ambulatory care
services. Control programs should also target health care givers to prevent transmission of
MDR TB to them from cases. In essence, routine TB DOTS programs should be strengthened
in collaboration with public–private mix initiatives to enhance MDR TB control.
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Abstract

Mitochondria are organelle, which is found in most eukaryotic cells, and play an im‐
portant roll in production of many biosynthetic intermediates as well as energy trans‐
duction. Recently, it has been reported that mitochondria contribute to cellular stress
responses such as apoptosis and autophagy. These functions of mitochondria are
known to be essential for survival and maintenance of homeostasis. The mitochondria
of malaria parasites are quite different from those of their vertebrate hosts. Because
these differences markedly contribute to drug selectivity, we have focused on the Plas‐
modium mitochondrion to develop antimalarial drugs. Here we summarize recent ad‐
vances in our knowledge of the mitochondria of malaria parasites and discuss future
prospective antimalarial drugs targeting the parasite mitochondrion.

Keywords: malaria, Plasmodium, mitochondria, antimalarial drugs, atovaquone, 5-
aminolevulinic acid

1. Introduction

Malaria is a major global health problem, shortening over 500,000 human lives annually,
mainly children in tropical and subtropical regions [1]. Due to difficulties in developing
antimalarial vaccine, chemotherapy is important for controlling malaria. Parasites causing
malaria, however, can rapidly develop resistance against the available chemotherapies [2].
Thus, new drugs with different modes of action are urgently needed. Malaria parasites are
disseminated by female Anopheles mosquitoes and belong to the Plasmodium genus. Plasmodi‐
um has a complicated life cycle, comprising two major cycles: asexual multiplication in humans
and sexual multiplication in mosquitoes (Figure 1) [3]. The parasites invade the hepatocytes
of their host and mature into merozoites. After release, the merozoites infect red blood cells
(RBCs). In the RBCs, the parasites differentiate into the following stages: ring, trophozoite, and
schizont. Subsequently, the infected RBCs burst and release merozoites, which invade
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uninfected RBCs. These stages are called the erythrocytic stages, where the parasites multiply
asexually. Following the establishment of infection, some parasites differentiate to gameto‐
cytes [4]. The gametocyte stage is essential for subsequent transmission because this is the only
stage where the organism undergoes sexual development in the mosquito vector. Therefore,
Plasmodium has a complex life cycle, which seems to be an adaptation to its host environment
[5]. In addition to the complex life cycle, the malaria parasites have evolved sophisticated
pathways of energy transduction to adapt to their hosts.

Figure 1. Life cycle of the human malaria parasite Plasmodium falciparum.

Mitochondria, an organelle arising from alpha-proteobacterium engulfed by a eukaryotic
progenitor [6], play a key role in energy transduction of eukaryotic cells. In vertebrates, that
can become a host for malaria parasites, mitochondria have been reported to contribute to
cellular responses such as autophagy, apoptosis, and ATP production [7]. The vertebrate
mitochondrion comprises two separate and functionally distinct outer and inner membranes
that form cristae, and it also contains its own circular genome, the mitochondrial genome
(mtDNA). With few exceptions, vertebrate mtDNA is approximately 16 kb in size, encoding
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37 genes: two for ribosomal RNAs (rRNAs), 13 for proteins, and 22 for tRNAs [8]. In contrast
to the vertebrate mitochondrion, the Plasmodium mitochondrion is a single tubular organelle
structure [9] that possesses a 6-kb mtDNA, encoding only three genes for proteins and highly
fragmented rRNA genes [10], and it is the smallest eukaryotic mtDNA. Furthermore, the
erythrocytic stages of the parasite have been considered to mainly rely on glycolysis, with
secretion of end products such as lactate and pyruvate [11, 12]. The mitochondria of malaria
parasites are thus quite different from those of their vertebrate hosts. Because these differences
markedly contribute to drug selectivity, we have focused on the Plasmodium mitochondrion
to develop antimalarial drugs. Here we summarize recent advances in our knowledge of the
mitochondria of malaria parasites and discuss future prospective antimalarial drugs targeting
the parasite mitochondrion.

2. Biochemical functions of malaria parasite mitochondria

2.1. ATP production in canonical eukaryotes

Conventionally, a mitochondrion is the cell’s powerhouse, in which energy stored in chemical
bonds is turned into ATP via oxidative phosphorylation. ATP production can be divided into
three pathways: glycolysis, mitochondrial tricarboxylic acid (TCA) cycle, and mitochondrial
electron transport chain (mtETC). Glycolysis breaks down one molecule of glucose into two
molecules of pyruvate, generating two molecules of ATP. Pyruvate then moves into the
mitochondrion where it is converted to acetyl-CoA and carbon dioxide by pyruvate dehydro‐
genase complex (PDH). Subsequently, acetyl-CoA enters the TCA cycle. The mtETC involves
the passage of electrons from TCA-cycle NADH or from succinate via mtETC complexes to
oxygen, with concomitant translocation of protons into the mitochondrial intermembrane
space. Generally, the mtETC comprises four integral membrane enzyme complexes in the
mitochondrial inner membrane: NADH-ubiquinone oxidoreductase (complex I), succinate-
ubiquinone oxidoreductase (SQR, complex II), ubiquinol-cytochrome c oxidoreductase
(complex III or cytochrome bc1), and cytochrome c oxidase (complex IV). Ubiquinone (Q) and
cytochrome c (complex IV) function as electron carriers and the complexes I, III, and IV function
as sites generating potential. The resultant potential across the mitochondrial inner membrane
is used to drive ATP synthesis.

2.2. ATP production in malaria parasites

Similar to canonical eukaryotes, in the mosquito stages of malaria parasites, the organisms
produce ATP in their mitochondria [13]. In the erythrocytic stages, however, the mitochondrial
energy transduction system for oxidative phosphorylation is downregulated to adapt to host
environments and produce ATP mainly via glycolysis using blood glucose [14, 15]. As a
consequence, in malaria parasite-infected patients, plasma lactate levels tend to be high and
highly variable, ranging from 2 to 26.7 mM [16, 17], compared with plasma lactate levels (0.3-1.3
mM) in normal individuals. Apart from the minor flux of carbon backbone derived from
glucose, TCA metabolism of Plasmodium was believed to involve a branched architecture
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bifurcating from 2-oxoglutarate until recently [18]; however, this report was subsequently
retracted [19]. More recently, the malaria parasites have been reported to use the canonical
oxidative mitochondrial TCA cycle to catabolize host glucose and glutamate (Figure 2) [20],
even during asexual multiplication. The TCA cycle begins with malate generated by anapler‐
otic reactions and 2-oxoglutarate produced from glutamine as well as conversion of acetyl-
CoA to citrate by citrate synthase [20-22]. In general, pyruvate, the end product of glycolysis,
is transported via the monocarboxylate transporter (MCT) family [23]. Plasmodium possesses
two MCT genes (PF3D7_0210300 and PF3D7_0926400) identified in its genome (PlasmoDB
version 11.0, website: http://plasmadb.org/plasma/). Although further evidence is required,
these MCTs are considered to be associated with the transport of pyruvate across the mito‐
chondrial membrane [24]. To convert pyruvate into acetyl-CoA, Plasmodium retains branched
chain ketoacid dehydrogenase (BCKDH), the only enzyme implicated in branched chain
amino acid degradation [22]. PDH complex, linking cytoplasmic glycolysis to the TCA cycle
in canonical eukaryotes, is not localized to the mitochondrion but to a plastid, apicoplast, in
Plasmodium [25]. The function of the Plasmodium PDH complex seems to include the provision
of acetyl-CoA for de novo fatty acid synthesis within the apicoplast.

Figure 2. TCA cycle and oxidative phosphorylation of malaria parasites. The TCA cycle of malaria parasites begins
with malate, 2-oxoglutarate, and citrate [20-22].
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In the Plasmodium TCA cycle, succinate and malate are oxidized by SQR and malate-ubiqui‐
none oxidoreductase (MQO), respectively, with transporting electrons to the matrix [26]
(Figure 2). Similar to SQR of most eukaryotes, the Plasmodium SQR comprises four polypep‐
tides: a flavoprotein (Fp) subunit, iron-sulfur (Ip) subunit [27], and two cytochrome b (cytb)
subunits (CybL and CybS) [28]. Fp and Ip form the catalytic portion of the complex. This
portion acts as a succinate dehydrogenase (SDH), catalyzing the oxidation of succinate by
water-soluble electron acceptors such as phenazine methosulfate in SQR, and is bound to the
matrix side of the mitochondrial inner membrane via the membrane-anchoring proteins CybL
and CybS. Because the mitochondria of erythrocytic stage parasites show both SQR and SDH
activities [27, 29, 30], complex II has been considered to have some role in parasite survival.
These activities, however, are very low, compared with those of the other eukaryotes (Table
1) [31-35]. Furthermore, our previous studies have demonstrated that disruption of the Fp
subunit genes pfsdha and Pbsdha does not affect growth in the erythrocytic stages in vitro [36]
and in vivo [37], respectively. These findings reveal that complex II is not essential for survival
of the erythrocytic stage parasites, and this appears to be associated with relatively low
activities of SQR and SDH in these developmental stages.

*Activity values of P. falciparum, T. cruzi, A. suum, rat liver, bovine heart, and human cell are obtained from references [29,
31, 32, 33, 34], and [35], respectively.

Table 1. Specific activities of succinate-ubiquinone oxidoreductase of various organisms

MQO is an FAD-dependent membrane-associated protein that catalyzes the oxidation of
malate to oxaloacetate [38]. The electrons are donated to quinones of the mtETC, and NAD is
accepted as an electron donor. The MQO has been not observed in mammals but has been
found in Plasmodium [39] and some bacteria [40]. This implies that the Plasmodium MQO could
be a target for drug design. In addition to SQR and MQO in the TCA cycle, Plasmodium
possesses three oxidoreductases in its mitochondrial inner membrane: type II NADH:ubiqui‐
none oxidoreductase (NDH2) [41], dihydroorotate dehydrogenase (DHODH) [42, 43], and
glyceraldehyde-3-phosphate dehydrogenase (G3PDH) [44, 45], all of which can reduce
ubiquinone (Figure 2). Unlike the large multisubunit complex I in most mitochondria, the
Plasmodium NDH2 is a single subunit enzyme, not involved in the direct pumping of protons
across the membrane [46]. The absence of NDH2 in mammalian mitochondria shows that this
enzyme would be a promising target of a novel antimalarial drug. Some antimalarial activities
of NDH2 inhibitors, such as HQNO [47] and 1-hydroxy-2-dodecyl-4(1H) quinolone [48], have
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been reported. However, a recent in vivo study on Plasmodium berghei revealed that the
Plasmodium NDH2 could be deleted by targeted gene disruption, indicating that it is dispen‐
sable in the erythrocytic stages [49]. This disproves that NDH2 is a candidate drug target. Thus,
the potential of targeting NDH2 as an antimalarial drug remains controversial.

The other dehydrogenases (DHODH and G3PDH) transfer electrons from reduced com‐
pounds in the cytosol (Figure 2). In the erythrocytic stages of the parasite, DHODH plays two
roles—a generator of reduced ubiquinone and the fourth enzyme in the pyrimidine biosyn‐
thetic pathway. Since Plasmodium cannot salvage pyrimidine [50], DHODH is essential for its
survival [42]. Therefore, in the erythrocytic stages, the mtETC appears to be essential for the
pyrimidine biosynthetic pathway rather than for contributing to the ATP pool [11].

As presented above, in Plasmodium mitochondria, five mitochondrial dehydrogenases (SQR,
MQO, NDH2, DHODH, and G3PDH) can generate reduced ubiquinone, which in turn is
reoxidized by cytochrome bc1 complex (complex III). Complex III is inhibited by atovaquone
[51], which collapses the mitochondrial membrane potential [52]. As an antimalarial, atova‐
quone is very effective; however, atovaquone-resistant parasites develop easily. Mechanisms
of atovaquone resistance are described in Section 4. Similar to canonical eukaryotes, Plasmo‐
dium utilizes cytochrome c (cytc) as electron carriers and complexes III and IV as sites gener‐
ating potential. The resultant potential across the mitochondrial inner membrane is used to
drive ATP synthesis. Plasmodium ATP synthase is markedly different from that of its host [53]
—it is assembled as a large dimeric complex in the erythrocytic stages. In the ciliates Tetrahy‐
mena thermophila and Paramecium, the structure and arrangement of dimeric ATP synthase have
been suggested to determine the tubular morphology of the mitochondrial cristae [54, 55]. This
could explain how the tubular cristae found in the mitochondria of erythrocytic stages are
generated.

2.3. Mitochondrial energy metabolism: a target of antimalarial drugs

Recently, in addition to the genetic disruptions of SDH and NDH2 described above, it has been
reported that six TCA cycle enzymes can be genetically disrupted in the erythrocytic stage or
sexual development stage [45]. These reports suggest that the TCA cycle would not be essential
for survival in these developmental stages. Hence, to develop an antimalarial drug, promising
mitochondrial targets would be DHODH, which is associated with the pyrimidine biosynthe‐
sis pathway and mtETC, and the mitochondrial complexes III, IV, and V that generate electron
gradients on the mitochondrial inner membrane.

On the other hand, it has been recently demonstrated that parasites derived directly from
infected patients show three distinct gene expression states. One of these states demonstrates
that the expression levels of the TCA cycle- or mtETC-related genes are increased [56].
Furthermore, mice infected with P. berghei or Plasmodium yoelii perform active oxidative
phosphorylation [57], suggesting that, in some physiological conditions, malaria parasites may
produce ATP via the mitochondrial TCA cycle and mtETC. Thus, we cannot exclude the
possibility that all the mitochondrial enzymes are potential targets for antimalarial drugs.
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3. The mitochondrial genome of malaria parasites

Malaria parasites possess a mitochondrial genome in the form of circular and/or tandemly
repeated linear elements of 6 kb, the smallest in size among eukaryotic cells [58]. Copy numbers
for this element are approximately 20-fold and 150-fold of the nuclear genomes in the human
malaria parasite Plasmodium falciparum [58] and the rodent malaria parasite P. yoelii [59],
respectively. These differences in the copy number may reflect differences in oxidative
phosphorylation activities as noted previously (see Section 2.3). The 6-kb element contains
only three mitochondrial protein-coding genes in addition to the large subunit (LSU) and small
subunit (SSU) rRNA genes [60, 61, 62] (Figure 3). The three protein-coding genes are cytc
oxidase subunit 1 (cox1) and subunit 3 (cox3), members of the cytc oxidase complex (complex
IV), and cytb (cob), a member of cytochrome bc1 complex. In all eukaryotic cells possessing
mitochondria, cox1 and cob are encoded by the mitochondrial genome. Because the organisms
possessing mitochondrion-like organelles without its own DNA (e.g., hydrogenosome and
mitosome) do not have cox1 and cob, these two genes appear to be essential for maintenance
of the mtETC.

Figure 3. Mitochondrial (mt) genome structure of malaria parasites. Mt-genome organization is perfectly conserved
among 23 Plasmodium species [63]. Elements within the mt genome of Plasmodium are tandemly repeated, so the desig‐
nation of both termini is arbitrary. Light green and light magenta boxes indicate fragments of LSU and SSU rRNA
genes, respectively.

The two rRNA genes of the Plasmodium mitochondrial genome are highly fragmented [63],
and the fragmentation is the most extreme example of any described rRNA fragmentation.
Recently, transcription of almost all intergenic regions of the Plasmodium mitochondrial
genome has been demonstrated [63]. The results show that 27 small rRNA fragments (12 SSU
rRNAs and 15 LSU rRNAs), ranging from 23 to 190 nt, are present in its mitochondrial genome
(Figure 4). All the rRNAs are predicted to pair with at least one of the other rRNA, creating
interactions that would help maintain the appropriate location and orientation of each rRNA.
Notably, among the Plasmodium genera, the nucleotide sequences of noncoding regions, as
well as fragmented rRNA gene regions, are more conserved when compared with those of the
protein-coding gene regions [10]. It thus appears that these highly conserved sequence regions
code for functional RNAs, including additional fragmented rRNAs.

In addition to the highly fragmented rRNAs, the mitochondria of malaria parasites have a
unique property—transfer RNA (tRNA) is absent; therefore, protein translation in the
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mitochondrion was to date considered as being impossible. However, recently, extramito‐
chondrial phenylalanyl-tRNA synthesis has been found in mitochondria of the erythrocytic
stages, suggesting that the parasite mitochondrion can import tRNAs from the cytoplasmic
tRNA pool [64]. These findings referring to the parasite rRNAs and tRNAs would make the
parasite mitochondrial protein translation a desirable organelle to target as an antimalarial
drug.

In malaria parasites, mtDNA is replicated via rolling circle replication to generate the linear
concatemers, similar to the replication mechanism used by some bacteriophages and plasmids
[58]. This replication manner is remarkably different from that of the vertebrate mtDNA, which
is replicated by a theta mechanism. Furthermore, mitochondrial DNA polymerase, which has
been characterized as a γ-like DNA polymerase, is strongly resistant to 2,3-dideoxythymi‐
dine-5-triphosphate and, in this aspect, differs from its vertebrate homolog [65], suggesting
structural differences between the Plasmodium and vertebrate DNA polymerase. Further
research on translation and replication mechanisms of the parasite mtDNA may help identify
potential targets for drug candidates.

4. Atovaquone resistance in malaria parasites

4.1. Predicted mode of action for atovaquone

Atovaquone (a hydroxy-1,4-naphthoquinone derivative) is a broad-spectrum antiparasitic
agent active against malaria, Pneumocystis carinii pneumonia, toxoplasmosis, and babesiosis
[66]. The mode of action for atovaquone involves selective inhibition of parasite mtETC

Figure 4. Fragmentation of the mitochondrial LSU and SSU rRNA genes of Plasmodium falciparum. Red line indicates
rRNA regions. Purple lines indicate recently identified additional fragmented rRNA candidates[63].
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without affecting the host mitochondrial functions at effective doses, making it the first
member of an entirely new class of antimalarial agents [52]. This drug shares structural
similarity with ubiquinone, a coenzyme involved in mtETC and serves as a point of contact
between energy metabolism and pyrimidine metabolism. Therefore, a potential molecular
target of atovaquone can be the ubiquinol oxidation pocket, Qo site, of the cytochrome bc1

complex [51, 67] because it may have a specific inhibitory effect on the parasite cytochrome bc1

complex. Generally, the cytochrome bc1 complex is a structural and functional homodimer.
The catalytic core comprises three redox active subunits, cyt b with two b-type hemes,
cytochrome c1 (cytc1) with a c-type heme, and Rieske protein with a [2Fe-2S] cluster [68].
Cytb catalyzes the transfer of electron from ubiquinol to cytc1, coupled to the transmembrane
proton translocation across the mitochondrial membrane [69]. There are two distinct catalytic
sites on the cytb protein, which are involved in the proton motive Q cycle and are proposed to
account for the electron transfer and proton translocating activity through the cytochrome bc1

complex: center o (also designated as Qo or center P) on the cytoplasmic site of the mitochon‐
drial inner membrane, where ubiquinol (QH2) oxidation occurs, and center i (Qi or center N)
on the matrix site, where ubiquinone (Q) reduction occurs. Because of its structural similarity
with ubiquinone, atovaquone appears to inhibit the cytochrome bc1 complex by competitive
binding with coenzyme Q for one of these sites.

4.2. Emergence of atovaquone-resistant malaria parasites

Atovaquone is majorly used for treatment and chemoprophylaxis of falciparum malaria for
international travelers [70], but the major problem is rapidity of emergence of drug resistance
when it is used as a single agent. Thus far, proguanil, which inhibits the parasite dihydrofolate
reductase, is combined with atovaquone to prevent the emergence. The combination drug,
registered as Malarone® (GlaxoSmithKline group of companies), is approved for treating
malaria in more than 30 countries and is used for chemoprophylaxis for international travelers.
However, atovaquone-resistant parasites isolated from malaria patients have also been highly
reported [71-73]. These studies demonstrate that atovaquone resistance is associated with point
mutations of the amino acid residue at codon 268 of cytb (Pfcob) constructing the cytochrome
bc1 complex. The mutations Y268S, Y268N, and Y268C have been found in atovaquone-
resistant parasites.

To mimic the situation of emergence of atovaquone-resistant parasites in a clinical setting, we
chose a mouse malaria model using BALB/c mice and the P. berghei ANKA strain. In the first
trial, we administered atovaquone intraperitoneally on seven consecutive days at doses
ranging from 0.4 μg/kg/day to 4.8 mg/kg/day and obtained P. berghei isolates with four genetic
resistance variations in cytb [74] (Table 2). We did not observe the mutation of the amino acid
residue at codon 268, which is observed in P. falciparum. The two mutations, M133I and L144S,
are located in Qo1, and these code amino acids are critical for inhibitor resistance in yeast and
mice [75, 76]. Moreover, in Plasmodium, the M133I and L144S amino acid changes appear to be
structurally significant, altering the conformational structure of the ubiquinone-binding site
and thus lowering the affinity of atovaquone to the Qo1 site. The mutation V284F is located in
the sixth transmembrane domain adjacent to the Qo2 site, and the amino acid change by itself
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confers only an approximately 10-fold resistance to atovaquone. Notably, the mutation V284F
has been found in all atovaquone-resistant clones [74].

Table 2. Mutations in the cytochrome b of Plasmodium berghei with atovaquone resistance

To obtain a better model for the biochemical and genetic studies of mutations found in P.
falciparum, we performed further experiments to obtain P. berghei strains, resistant to atova‐
quone, with mutations in the Qo2 region conferring high degrees of resistance [77]. The
parasite-infected mice were treated intraperitoneally for 3 consecutive days at a dose of 14.4
mg/kg/day, a higher dose than in the previous experiment. The results showed three variations
of the atovaquone-resistant mutation, including mutations at codon 268 (Y268N, Y268C, and
L271/K272R; Table 2). All the mutations were located in the Qo2 region, and these resistance
levels were more than 500 times higher than those of the wild type, although the resistance
levels of the previous isolates were more than 50 times higher. Administered doses of atova‐
quone affected the site of mutation in cytb and the level of drug resistance.

As described above, our group has reported various mutations in the quinone-binding sites
of the cytb gene of P. berghei, such as M133I, L144S, L271V, K272R, Y268C, Y268S, Y268N, and
V284F, using the mouse model with continuous atovaquone pressure. However, no direct
evidence of a relationship between the mutations and resistance has been observed using intact
mitochondria isolated from the malarial parasite, although biochemical analysis of the mutant
has been reported using cell-free extract [78]. To address this point, we have further investi‐
gated the activity of dihydroorotate-cytc reductase (regarding this mitochondrial pathway, see
Section 2) in both atovaquone-resistant and atovaquone-sensitive P. berghei isolates [79]. The
results showed that mutations in the quinone-binding site of the cytb gene resulted in variable
sensitivity to atovaquone and provided direct evidence for the atovaquone inhibitory mech‐
anism in the parasite cytochrome bc1 complex.

4.3. Cytochrome bc1 complex as an antimalarial drug target

Recently, the X-ray crystallographic structure of the mitochondrial cytochrome bc1 complex
from Saccharomyces cerevisiae with atovaquone has been resolved, and it demonstrates atova‐
quone bound in the Qo site [80]. It can therefore explain the molecular basis for the broad
spectrum of the antimalarial drug as well as for the species-specific differences in its effects.
This would allow us to develop a drug targeting cytochrome bc1 that would control the
emergence of resistant parasites. Furthermore, the other group has reported cocrystallization
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of a bovine cytochrome bc1 complex with the 4(1H)-pyridone class of inhibitors [81], which are
potent antimalarial agents in vivo [82, 83]. The X-ray structure demonstrates that these
inhibitors do not bind at the Qo site but rather at the Qi site. Differences in the inhibitor-binding
site to cytochrome bc1 complex would aid the rational drug designing for reducing the
emergence of inhibitor-resistant parasites and increasing selectivity against malaria parasites
toward novel treatments. In the future, in addition to binding site analysis using modalities
such as X-ray crystallography, we need to elucidate the molecular mechanisms explaining how
atovaquone resistance mutation is generated in the parasite mt genome.

5. 5-Aminolevulinic Acid (ALA): A new antimalarial candidate targeting
the mitochondrion

ALA is a precursor used in the biosynthesis of tetrapyrroles such as chlorophyll and heme.
The heme is an iron-containing complex macrocycle that plays a fundamental role in several
cellular processes, including oxygen transport and storage, mitochondrial respiratory chain,
and detoxification [84]. Generally, in mammalian cells, heme biosynthesis begins with ALA
formation by ALA synthase in the mitochondria from glycine and succinyl-CoA [85]. The next
four steps and three final steps occur in the cytosol and mitochondria, respectively. In cancer
cells, the uptake of a high concentration of ALA results in elevated levels of its metabolites,
particularly protoporphyrin IX (PPIX), due to insufficient activity of ferrochelatase [86]. The
PPIX accumulates in the mitochondria and consequently acts as a photosensitizer releasing
singlet oxygen and other reactive oxygen species (ROS), resulting in induction of cell death in
cancer. ALA therefore has been applied to the development of photodynamic diagnosis and
photodynamic therapy (PDT) of various cancers [87, 88].

Recently, all the enzymes of de novo heme-biosynthetic pathway have been characterized in
the human malaria parasite, P. falciparum [89-91]. In contrast to the mammalian enzymes of
heme biosynthesis, the parasite enzymes have unique localizations (Figure 5). The first
enzyme, ALA synthase, and the final two enzymes, protoporphyrinogen IX oxidase and
ferrochelatase (FC), localize to the mitochondrion. The enzymes that catalyze the intermediate
three steps—ALA dehydratase, porphobilinogen deaminase, and uroporphyrinogen decar‐
boxylase (UROD)—localize to the apicoplast, a nonphotosynthetic plastid. The next enzyme,
coproporphyrinogen III oxidase, is cytosolic. In addition, the catalytic efficiency of these
enzymes of the erythrocytic stages differs from that of mammalian enzymes: the enzymes
localizing to the apicoplast have very low catalytic efficacy [92]. Altogether, the properties of
the heme-biosynthetic pathway are remarkably different between malaria parasites and their
hosts. Hence, the heme-biosynthetic pathway has been recognized as a novel chemotherapeu‐
tic target in Plasmodium. Smith and Kain attempted PDT for human malaria parasites by adding
ALA to an in vitro culture [93]. The growth of Plasmodium was completely inhibited by 0.2 mM
ALA, followed by exposure to white light or by a higher concentration (2 mM) of ALA alone
without light exposure. This use of PDT is, unfortunately, clinically unrealistic because white
light cannot illuminate the inside of a malaria-infected patient’s body and the concentration
of 2 mM is extremely high to apply clinically.
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Figure 5. Heme biosynthesis of malaria parasites. The enzymes in the pathway are localized in the mitochondrion, api‐
coplast, and cytosol [89-91].

Our recent study resolved this issue: in the presence of ferrous ion, ALA efficiently inhibited
the in vitro growth of Plasmodium even without light exposure [94]. Because there was a
previous report on protection from malaria by elevated zinc protoporphyrin, which binds to
heme crystals to inhibit further crystallization to form hemozoin [95], we first investigated
effects of metal ions on growth inhibition by ALA using an in vitro culture system of P.
falciparum. Our results showed that treatment with 10 μM sodium ferrous citrate (SFC) and 0.2
mM ALA increased the growth inhibition to more than 50% when compared with that of 0.2
mM ALA alone. Notably, no other metal ions (e.g., zinc, lead, and copper) had such a syner‐
gistic effect, indicating that only ferrous compounds are synergistic with ALA.

Next, to determine heme intermediate, we analyzed the cell extract of the parasite using HPLC.
The extract contained three major intermediates: coproporphyrin I, coproporphyrin III (CPIII),
and PPIX. Unlike in cancer cells, CPIII was majorly accumulated in the apicoplast. Although
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its contribution to the parasite growth inhibition remains unknown, we believe that these
differences are due to the complicated heme-biosynthetic pathway (Figure 5) and life cycle of
Plasmodium (Figure 1). Moreover, PPIX, as is the case with cancer cells, accumulated mainly in
the mitochondrion. In PDT of cancer cells, PPIX acts as a photosensitizer releasing ROS,
resulting in extensive cellular damage and cell death [96]. This suggests that PPIX accumulated
in the parasite mitochondria is a factor contributing to the inhibition of parasite growth. Thus,
the parasite heme-biosynthetic pathway in the mitochondrion and apicoplast may be a
potential target of an antimalarial drug.

Recently, to confirm the efficacy of the combination of ALA and SFC (ALA/SFC) in treating
malaria using an animal model, we performed a preclinical drug evaluation of orally admin‐
istered ALA/SFC for the treatment of mice infected with the malaria parasite. ALA/SFC cured
50% of the Py17XL-infected mice, and the cured mice showed long-lasting humoral immune
responses to the same parasite strain and protection from homologous malarial infections [97].
ALA can be safe compound because a phase I clinical study has been successfully completed.
Considering the safety and mild antimalarial activities of ALA/SFC, a combination with an
available antimalarial drug, such as artemisinin or chloroquine, would be applicable for the
treatment of malaria.

6. Concluding remarks

The energy metabolism of malaria parasites has been considerably elucidated with accumu‐
lating data from several “omics” analyses. These data suggest that enzymes of the mitochon‐
drial TCA cycle and mtETC could be attractive targets for development of antimalarial drugs.
However, activity of these energy transduction pathways in the mitochondrion is considered
to be very low in the erythrocytic stages of the parasite. To address these possibilities, bio‐
chemical assay data are required. However, rigorous biochemical analysis of the parasite
mitochondrion, in which the TCA cycle and mtETC are present, is highly difficult because
intact and pure mitochondria cannot be obtained from the parasites thus far. As a consequence,
the malaria parasite mitochondrion needs to be purified to perform these future biochemical
studies. Biochemical data regarding the Plasmodium mitochondrion would shed light on the
details of mitochondrial enzyme behavior and help in the management of malaria.
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Abstract

Malaria drug discovery is a challenging and difficult task due to the unavailability
of the vaccine and lack of newer drugs. The most potent artemisinin and its deriva‐
tives, widely used in combination therapies for curing malaria worldwide are also
now falling to resistance in some parts of the world. Thus, to combat malaria, new
drugs possessing high therapeutic value, minimal toxicity, rapid efficacy and low
cost are urgently needed. In this chapter, we will provide an integrated overview on
the challenges and opportunities in malaria drug discovery with more emphasis on
synthesis of peroxidic antimalarials.

Keywords: Natural Products, Quinine, Chloroquine, Artemisinin, Trioxane, Tet‐
raoxane, Malaria, Antimalarials

1. Introduction

1.1. History

The chronicle of malaria predating humanity is as ancient as mankind.[1] Malaria continues
to be a persistent menace wreaking havoc especially in tropical and subtropical regions despite
tremendous efforts toward its control and eradication. The unavailability of the vaccine and
the emergence of resistance in the parasite against nearly all existing antimalarial drugs have
attracted attention of researchers to modify the existing antimalarial drugs with improved
efficacy over older therapies and identify new compounds as appropriate clinical candidate.
Mortality from malaria is increasing at an alarming rate despite various renewed efforts and
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eradication campaigns[2] because the parasites (Plasmodium strains) responsible for the
majority of fatal infections have become resistant to the existing drugs. Malaria is also the cause
of poverty and a major hindrance to economic development, especially in sub-Saharan
countries.[3] Mostly, malaria is spread due to local transmission through female anopheles
mosquitoes. Occasionally, it can also be transmitted by exposure to infected blood products
(transfusion malaria) and also through congenital transmission. The major species of Plasmo‐
dium strains that infect humans are P. falciparum, P. vivax, P. ovale, P. malariae, and P. knowlesi.
Among these, P. falciparum causes the most severe form of infection, which could be fatal.

The original picture of the parasitic existence and passage of malaria through historic times
remains blurred. It is uncertain whether the human population settlements preceded the
arrival of malaria within them.[3] The versions may vary from tentative to widely accepted or
even controversial based on the general scientific evidence. However, the effect of malaria
wreaking havoc to the human species is prominent, clear, and unmistakable. There was no
specific treatment for malaria until the 17th century.[4] The discovery of quinine from the bark
of Cinchona calisaya began effective treatment of malaria. Further, the synthesis of chloroquine
by Hans Andersag in 1934 introduced a cheap antimalarial drug and a substitute for quinine.
[5] Until the widespread resistance in 1960, quinoline-related antimalarial drugs played an
important role in the treatment of malaria. Fortunately, in 1972, the Chinese discovered
artemisinin from sweet wormwood plant Artemisia annua.[6] Artemisinin along with its
derivatives artemether, arteether (artemotil), and artesunate are the main treatment for malaria
that is resistant to conventional therapies.

Recent advances in the molecular genetics and biochemical technologies available for the
investigation of malaria parasites within the last half century have enabled us to gain a unique
perspective on the human health and health services in relation to malaria.[7]

1.2. Life cycle of malaria parasite

The life cycle of malaria parasites is very complex. It is completed inside two hosts, including
the humans (asexual) and the mosquitoes (sexual) (Figure 1).[8, 9] Malaria infection begins
when an infected female anopheles mosquito feeding on human blood bites and injects
sporozoites into the bloodstream. The parasites then quickly reach liver to form merozoites by
asexual multiplication. Subsequently, merozoites exit liver with the rupture of hepatic tissues
and enter the bloodstream where they invade and disintegrate red blood cells. Some mero‐
zoites transform into gametocytes, which are then circulated in the bloodstream. When the
second mosquito bites an infected human, it gets infected and intakes gametocytes. The sexual
transformation of gametocytes into ookinetes and ookinetes into oocyst takes place inside the
midgut of mosquito. Finally, sporozoites are developed from oocysts, which eventually burst,
releasing sporozoites into the salivary gland. Continued infection in humans and mosquitoes
alternatively propagates and spreads malaria.

A comparative study with human and rodent parasites revealed the activities of current
antimalarial drugs on the life cycle stages of plasmodium.[10] 8-Aminoquinolones are known
to be active for liver stage. The most currently available antimalarial drugs primarily target
the human blood cell stage. In addition to the asexual blood stage, some drugs (viz., pyronar‐
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idine and atovaquone) can also target both liver and sexual stage. Further, new stable synthetic
endoperoxides can inhibit gamete formation and gametocyte maturation.[10] Furthermore, it
is important to profile the currently available drugs for specific stage in parasite’s life cycle to
combat malaria by eradication and circumventing resistance.

1.3. Status quo

WHO has recommended artemisinin combination therapy (ACT) for the treatment of malaria.
[11] Since 2006, artemisinin-based combination therapies remain as the first-line treatment for
P. falciparum malaria replacing chloroquine and sulfadoxine/pyrimethamine. Combined with
other drugs, its derivatives, such as artesunate and artemether, can clear symptoms of malaria
in three days. However, a rise in demand has led to a shortage of artemisinin. Artemisinin-
based drugs are also more expensive than conventional treatments, in part because large doses
are required. Further, with recent reports on the emergence of resistance to artemisinin,[12] it
can be foreseen that in the near future, new armamentarium will be required to fight against
malaria. Thus, to overcome this problem, there is an urgent need to identify new chemotypes
or reexamining old molecules to transform them into an appropriate clinical candidate.

2. Drug resistance

The greatest challenge to malaria control and eradication is the emergence of malaria parasites
that are resistant to antimalarial drugs.[13] The reemergence of malaria from the areas where

Figure 1. Life cycle of malaria parasite.[9]
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it was eradicated and spread of malaria to new areas is a major threat. The World Health
Organization defined antimalarial drug resistance as the “ability of a parasite strain to survive
and/or multiply despite the administration and absorption of a drug given in doses equal to
or higher than those usually recommended but within tolerance of the subject.”[14] It was
modified later to specify that the drug in question must “gain access to the parasite or the
infected red blood cell for the duration of the time necessary for its normal action.”[15]
Antimalarial drug resistance occurs through spontaneous mutations that reduces the sensi‐
tivity to a given class of drug(s).[16] Only a single point mutation is sufficient to confer
resistance to some drugs, while multiple mutations appear to be required for others.

Sl. no Drug class Drug Resistance Mechanism of action

1.

4-Aminoquinoline

Chloroquine Since 1945
Inhibition of hemozoin

formation
2. Amodiaquine Yes

3. Piperaquine Since 1980s

4. 8-Aminoquinoline Primaquine - Unknown

5.

Aryl-amino alcohol

Quinine Yes

Unknown6. Mefloquine Since 1985

7. Lumefantrine No

8.

Antifolates

Pyrimethamine Since 1967

Inhibition of DHFR
9. Trimethoprim Yes

10. Proguanil Since 2000

11. Sulfonamides Yes

12. Napthoquinone Atovaquone Since 2000 Inhibition cytochrome

13.
Antibiotic

Doxycycline
No

Inhibition of protein
synthesis and apicoplast14. Clindamycin

15.

Artemisinin

Artesunate Yes
Free radical mechanism

Heme alkylation
16. Artemether Since 2001

17. Dihydroartemisinin

Table 1. Status of resistance in antimalarial drugs.

The malaria parasite has developed some level of resistance against nearly all previous
generation antimalarial drugs (Table 1). Recent research has confirmed evidence of artemisinin
resistance.[10] Although it is under investigation, immediate actions are needed to restrict
resistance to artemisinin from spreading to new areas. It is high time that we should fight this
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overwhelming menace with improved tools to aim at controlling the mosquito vector and
develop new armaments; otherwise, the future looks bleak and grim.

3. Mechanism of action

The mechanism of action of antimalarial drugs is based on the extensive studies of selected
drugs. Most drugs available for the treatment were discovered based on the serendipitous
identification of active compounds (natural, synthetic, and semisynthetic).[17] The progress
in the understanding of the biochemistry of malarial parasite has shed light on the mechanism
of action of new as well as older drugs.

It is believed that artemisinin and related drugs are transported to the food vacuole of the
parasite, where they generate free radicals upon interaction with Fe(II)-heme. These free
radical’s interaction with heme generates oxidative stress and kills the parasite.[18] The
mechanism of action of quinoline and related drugs is also well established.[19] It is shown
that the drugs enter the RBC and inhabit the digestive vacuole of parasite by simple diffusion.
The subsequent inhibition of hemozoin biocrystallization leads to the aggregation and
accumulation of cytotoxic heme in food vacuoles resulting in parasite’s death. The commer‐
cially available quinolone antimalarials target the gyrase and inhibit DNA replication. It results
in the delayed death of treated parasites by formation of abnormal apicoplasts.[20]

Based on the mechanism of action, different groups of antimalarials can be classified as follows:

• Artemisinin: binds heme iron and generates oxygen radicals

• Antifolate: inhibits DNA synthesis

• Atovaquone: collapses mitrochondrial membrane potential

• Quinoline: inhibits heme crystallization

• Antibacterial: ribosome and DNA gyrase inhibition

4. Toxicity of the antimalarial drugs

The most important determinant of drug use and its effectiveness is the patient compliance.
The toxicity of the drug must be balanced with the efficacy of the drug and the risk from
malaria, i.e., the drug should cause less harm than the disease itself. The doses given to the
patients should be taken into account in determining the treatment of malaria. The assessment
of the tolerability of many antimalarial drugs is ongoing, but evaluating adverse drug
reactions, events, side effects, and drug-related toxicity is difficult due to the unavailability of
good techniques to measure the side effects.[21]

The most promising naturally occurring sesquiterpene lactone drug and its derivatives
(artemether, arteether, and sodium artesunate) did not show any serious side effects. However,
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insufficient clinical trials to detect the toxicity stopped us from declaring artemisinin 100%
safe. However, they have excellent safety profile and remarkable efficacy. The current
knowledge obtained from the laboratory and clinical study is that the long-term availability
of artemisinins may cause toxicity (rarely produce neurotoxicity and allergic reactions).[22]
The short-term peak concentrations followed by rapid elimination of artemisinins after oral
intake is relatively safe compared to administration by intramuscular injection. Evidently, the
majority of animal experiments showed considerable toxicities in contrast to human studies.

Chloroquine, considered being a safe drug even at higher doses, also causes mild side effects
such as reversible effect on optical accommodation, which can potentially affect eyesight. It
also binds irreversibly to melanin. Hence, the patients with rheumatoid arthritis treated with
the long-term use of high dose chloroquine suffer from accumulation of chloroquine in retinal
melanin. Some reports also suggest that chloroquine administered to patients with light
intolerant disease can aggravate psoriasis.[22] Proguanil is also assumed to be safe at a dose
of 200 mg a day. However, for doses higher than 200 mg, there are reports of reversible alopecia
and aphthous ulceration, nausea, and gastric irritation.[23] These side effects are common with
other antimalarial agents as well. The combination of chloroquine with proguanil has good
tolerability. However, gastrointestinal upset and mouth ulcers are still observed. Sulfadoxine/
pyrimethamine is also well tolerated, but it is no longer used because it causes Stevens–Johnson
syndrome and toxic epidermal necrolysis. Mefloquine is another valuable drug for the
treatment of malaria. Despite good tolerability to most patients, dose-related serious neuro‐
psychiatric toxicity can occur. Cardiovascular or CNS toxicity is rare for quinine but hypogly‐
cemia may occur. Further, due to its potential for cardiotoxicity, halofantrine is unsuitable for
widespread use. Mepacrine, sulfonamides, dapsone, and amodiaquine are also withdrawn
from the use because of the high frequency of adverse side effects.[24]

5. Malaria vaccine

Malaria vaccine development is a challenging and difficult task because of the antigenic
complexity and the complex life cycle of malaria parasite. Research on the development of
malaria vaccine is of prime importance because such a discovery can prevent millions of deaths
worldwide. The currently available tools are insufficient for malaria eradication. Malaria
vaccine could be a transformative tool to help in reduced transmission and future eradication.
Extensive research has been carried out in the last two decades, and several vaccines have
reached clinical trials, but there is none in the clinical practice due to insufficient immunoge‐
nicity. Although parasite vaccines are in development, there is no FDA-approved vaccine for
organisms more complex than viruses and bacteria.[25]

5.1. Scientific challenges

The significant hurdle in the development of malaria vaccine is insufficient knowledge about
the malaria parasite. Understanding the structure and antigenic variation of parasite popula‐
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tion requires lengthy, tedious, and difficult lab and field studies. Antigenic variation and
parasite polymorphism also create a major scientific barrier. Unfortunately, in nature, there
are not many good examples of immunity to malaria, and many vaccine development
programs are based only on naturally acquired immunity. Since the mechanism of immune
protection is still unknown, it is difficult to comprehend why certain people are protected while
others are not. Inadequate animal models and lack of clarity in the definition of desired
outcomes create confusion in choosing the best approach to develop a malaria vaccine. Even
in particular animal model systems with defined outcomes, there is always uncertainty in
translating the success of protection in the model systems with success in humans.[26]

The malaria vaccine development includes recombinant proteins, gene-based (DNA or viral
vector) vaccines, attenuated whole organisms, peptides, and prime-boost strategy, which
involves a combination of different antigen delivery systems encoding the same epitopes or
antigen using various adjuvants. Reports dating back to 1960s[26] demonstrated species-
specific and strain cross-reactive protection on immunization with radiation-attenuated
sporozoites in primate and experimental rodent models. Studies showed optimistic levels of
protective immunity. However, the volunteers immunized against multiple strains of P.
falciparum malaria were not protected against P. vivax. The target antigens were identified from
the sera cells of experimental hosts immunized with attenuated sporozoite vaccine and
protected volunteers. Circumsporozoite protein, the first cloned and sequenced malaria
parasite in P. knowlesi and P. falciparum, is also the first antigen identified by serological
screening. It plays an important role in protection. When the sporozoite was irradiated in the
rodent models, antibody and cells showed different roles in malaria species and different
strains. Although multifaceted cellular responses are observed, the basic mechanism of
immunity is believed to target the intracellular hepatic exoerythrocytic forms by the produc‐
tion of interferon. The antibody eliminates most of the infectious sporozoite inoculum, when
the vaccines prove a multipronged approach. The cellular responses target the rest of the
intracellular exoerythrocytic forms by direct cytotoxicity or inhibitory cytokines.

The understanding of the research related to vaccine development is greatly benefitted by the
lessons learned from discontinued and inactive projects. Recent findings allow us to be
optimistic about the possibility of an effective malaria vaccine. Several malaria vaccine
candidates have entered field trials. It is now possible to impact the host–parasite relationship
using different platforms through vaccine-induced immune responses to multiple antigenic
targets. The field has grown rapidly over the last two decades from the first clinical trials to
the successful conduct of large-scale field studies, and substantial progress has been made in
evaluating many antigens. Despite the daunting task, researchers have produced surprising
progress in several areas. The malaria vaccination program has progressed to an assessment
and clinical evaluation of RTS,S/AS01E in phase 3 trial.[27] The first malaria vaccine may be
considered for licensure in the coming years. Further, there is a possibility of developing more
efficacious second-generation vaccines. Researchers are now better equipped to establish clear
product profiles. The lessons learned in terms of safety, immunogenicity, efficacy, and trial
methodology from malaria vaccine research is summarized in Table 2.
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Parameters Remarks

Safety

⋅ It is often lower in semi-immune populations living in endemic areas than in naïve
populations

⋅ Reactogenicity in young children has not been worse than in adult populations

Immunogenicity ⋅ DNA alone is poorly immunogenic

⋅ Little clinically significant interference is observed between vaccine antigens and the
malarial antigen

Efficacy ⋅ Only RTS,S-based vaccines proved to be effective to reduce morbidity in endemic areas

⋅ Highly polymorphic blood-stage antigens have tended to lead to allele-specific efficacy, but
poor efficacy against the population of circulating strains

Methodology ⋅ In vitro studies and animal studies does not correlate well

⋅ For testing of new malaria vaccines, ethical and methodological issues may arise

⋅ There is a need to make formal trial design for phase trials and sample size calculations.
Epidemiological studies are required to assess the effectiveness of mosquito antigen vaccines
in sexual stage

Table 2. Lessons from two decades of malaria vaccine development research.

6. Antimalarial drugs

Malaria, existing in over 100 countries, is one of the deadliest infectious diseases and major
health problem worldwide. Antimalarial drugs are designed to cure malaria, many of which
are in market.[28] From the 17th century onward quinine had been the drug of choice for the
treatment of malaria. Later on, medication therapies heavily relied on chloroquine, prima‐
quine, mefloquine, etc.4 These drugs especially chloroquine have saved more lives than any
other drugs in history. Recently, artemisinin and its derivatives have emerged as a new
generation of antimalarials (Figure 2).

There is a critical need to develop newer synthetic and more effective drugs that could address
the issues associated with the existing and traditional drug therapies. The availability of
artemisinin also causes supply constraints because artemisinin and its derivatives constitute
an active ingredient of many combination therapy dugs. For example, Coartem contains a fixed
combination of artemether and lumefantrine. In 2012, Ranbaxy also launched a new synthetic
peroxide antimalarial drug SynriamTM in the market in line with the recommendations of the
WHO. It is a fixed dose combination of arterolane maleate and piperaquine phosphate. The
chemical structures are shown below.
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⋅ Little clinically significant interference is observed between vaccine antigens and the
malarial antigen

Efficacy ⋅ Only RTS,S-based vaccines proved to be effective to reduce morbidity in endemic areas

⋅ Highly polymorphic blood-stage antigens have tended to lead to allele-specific efficacy, but
poor efficacy against the population of circulating strains

Methodology ⋅ In vitro studies and animal studies does not correlate well

⋅ For testing of new malaria vaccines, ethical and methodological issues may arise

⋅ There is a need to make formal trial design for phase trials and sample size calculations.
Epidemiological studies are required to assess the effectiveness of mosquito antigen vaccines
in sexual stage

Table 2. Lessons from two decades of malaria vaccine development research.

6. Antimalarial drugs
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are in market.[28] From the 17th century onward quinine had been the drug of choice for the
treatment of malaria. Later on, medication therapies heavily relied on chloroquine, prima‐
quine, mefloquine, etc.4 These drugs especially chloroquine have saved more lives than any
other drugs in history. Recently, artemisinin and its derivatives have emerged as a new
generation of antimalarials (Figure 2).
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the issues associated with the existing and traditional drug therapies. The availability of
artemisinin also causes supply constraints because artemisinin and its derivatives constitute
an active ingredient of many combination therapy dugs. For example, Coartem contains a fixed
combination of artemether and lumefantrine. In 2012, Ranbaxy also launched a new synthetic
peroxide antimalarial drug SynriamTM in the market in line with the recommendations of the
WHO. It is a fixed dose combination of arterolane maleate and piperaquine phosphate. The
chemical structures are shown below.
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Research groups across the world are united in the efforts to discover new chemicals for the
treatment of malaria. Attempts to modify the established drugs are also ongoing. Long-term
hopes are resting on the modification of the synthetic artemisinin-based drugs containing
endoperoxide rings. The following sections will mainly focus on the development of peroxidic
antimalarial agents.

6.1. Natural products

Natural products continue to make an immense contribution to malaria chemotherapy. The
discovery of quinine and artemisinin proves that nature is a rich source of lead compounds
that can provide cure and medicine for malaria. Nature has been extremely generous when it
comes to search of new molecular scaffolds for good malarial activity. These scaffolds later
serve as template for the development of structurally diverse analogues with more potent
activity.[29] For example, quinine a bitter-tasting alkaloid, is one of the earliest natural
compounds that helped man in the fight against malaria. It was isolated from the Cinchona
bark. Later, it also served as a template for the synthesis of more potent and structurally simpler
analogues such as chloroquine, primaquine, mepacrine, and mefloquine (Figure 2). Artemisi‐
nin extracted from Artemesia annua is another example whose diverse pharmacological
potential has attracted the researchers worldwide. Artemisinin also gave rise to the develop‐
ment of dihydroxyartemisinin, artemether, arteether and artesunate. Thus, natural products
such as quinine and artemisinin have demonstrated the enormous potential of nature in
providing lead compounds, which can be further manipulated structurally for the develop‐
ment of more effective antimalarial agents. Many more natural products possessing various
chemical structures, such as alkaloids, steroids, chalcones, terpenes, flavonoids, peptides,
quinones, xanthones, coumarines, naphthopyrones, polyketides, phenols, lignans, chromenes,
etc., have been tested as antimalarial drugs.[30, 33]

6.2. Semisynthetic drugs

The success of the most potent antimalarial drugs, quinine and artemisinin, has brought some
optimism. Due to the widespread emergence of drug-resistant chloroquine, primaquine,
mepacrine, and mefloquine (Figure 2) were developed. Despite the remarkable antimalarial
activity, artemisinin suffers from limited availability, low solubility, high cost, metabolic
stability, short half-life, poor bioavailability, and chemical stability. Thus, there is a need for
new compounds more active than the parent artemisinin. To circumvent some of these
problems, semisynthetic analogs were prepared. The reduction of artemisinin yields dihy‐
droartemisinin, and the lactol group can be further converted to its ether (artemether, arteether,
and artelinic acid) and ester (sodium artesunate) derivatives.[34]

6.3. Synthetic drugs

Artemisinin, a sesquiterpene endoperoxide, has established the role of peroxide ring for
potential antimalarial activity. However, the naturally isolated artemisinin is available in short
supply and expensive to synthesize. As a consequence, extensive research directed towards
the discovery of peroxidic antimalarials inspired researchers to explore structurally simple
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peroxides. Trioxanes, tetraoxanes, and their hybrids were consequently identified as promis‐
ing candidates for the development of next generation antimalarial drugs.

6.3.1. Various synthetic procedures for the synthesis of trioxanes

Trioxanes can be synthesized from inexpensive starting materials, and their scale-up prepa‐
rations are feasible. Most methods reported for the synthesis of trioxanes starts with the
reaction of singlet oxygen with carbonyls in the presence of Lewis acids. Then acid-catalyzed
cyclization of hydroxyperoxides with olefins and reaction of α-peroxy aldehydes with
carbonyl compound yields trioxanes in good yields. Many synthetic strategies were developed
for the synthesis 1,2,4-trioxanes, which are described below.

6.3.1.1. Photooxygenation method

Starting from commercially available cyclohexanediones, tricyclic 1,2,4-trioxanes can be
synthesized by following simple method. Briefly, photooxygenation of the electron-rich allylic
alcohols 1 using singlet oxygen gives β-hydroxyperoxide 2. Further, β-hydroxyperoxide 2 was
condensed with 1,4-cyclohexadiene followed by Lewis acid-mediated cyclization to give keto-
trioxane 3. Amino functionalized trioxanes 4 were also synthesized on reductive amination
with various amines in the presence of sodium triacetoxy borohydride (Scheme 1).[35]

Sheme 1. Photooxygenation method for trioxane synthesis.

In another synthetic procedure, the geranyl acetate was transformed into aldehyde acetate 5,
which is converted into allylic alcohol 6. Photooxygenation of 6 followed by subsequent acid
catalyzed condensation of β-hydroxyhydroperoxides 7 with various ketones resulted in the
formation of new 1,2,4-trioxanes 8 (Scheme 2).[36] The hydroxyl functionalized side chains can
be further manipulated for the synthesize of a diverse library of compounds.
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Sheme 2. Synthesis of Geraniol derived 1,2,4-trioxanes.

6.3.1.2. Epoxidation method

The epoxidation of N-Boc piperidone 9 gives N-Boc spirooxirane 10. Dispiro N-Boc-protected
1,2,4-trioxane can then be synthesized by MoO2(acac)2 catalyzed perhydrolysis of N-Boc
spirooxirane 10, as shown in Scheme 3.[37] Subsequent condensation of the resulting β-
hydroperoxy alcohol 11 with 2-adamantanone gives N-Boc 1,2,4-trioxane 12, which can be
converted into the amine 1,2,4-trioxane hydrochloride salt 13. Further, alkylation may result
in a diversified sulfonamide trioxane derivatives 14.

Sheme 3. Trioxane synthesis using epoxidation method.
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6.3.1.3. Catalytic enantioselective synthesis

Trioxanes can also be synthesized by catalytic enantioselective synthesis. Para-cresol 15 is
converted into p-peroxyquinols 16. The desymmetrization of p-peroxyquinols 16 occurs via an
acetalization/oxa-Michael cascade reaction (Scheme 4).[38] The reaction proceeds via a
dynamic kinetic resolution of a peroxyhemiacetal intermediate. Various derivatized trioxanes
17 can be easily obtained by this method. The use of chiral Brønsted acid catalyst TRIP 18 gave
a single diastereomer trioxane 17 in 86% ee, while using bis-(2,4,6-triisopropylphenyl)spiro‐
biindane phosphoric acid 19 gave 96% ee. The use of thiourea 20 as cocatalyst helped to restore
the reactivity even at lower catalyst loading.

Sheme 4. Enantioselective synthesis of trioxanes.

6.3.1.4. Solid phase synthesis

The solid support synthesis of 1,2,4-trioxanes also needs light mediated oxygenation on
polystyrene polymer support. Wang and Rink amide resins can be used as linkers. The reaction
of resin-bound p-carboxybenzaldehydes 21 with excess of ionone derivatives 22 gave immo‐
bilized dienones 23 in the presence of LiOH in DME (Scheme 5).[39] Resin-bound trioxane 24
was obtained upon irradiation of compound 23 with UV light (354 nm) in toluene yielded.
After cleavage from the solid support, the formation of 25 was confirmed by 13C NMR. Peaks
at 82.4 and 94.4 ppm corresponded to the peroxy-bearing carbon and peroxyketal carbon of
the trioxane ring system.

6.3.2. Various synthetic procedures for the synthesis of tetraoxanes

The chemical modification of artemisinin retaining the crucial endoperoxide ring has resulted
in yet another simplified structure known as 1,2,4,5-tetraoxane. Tetraoxanes show significantly
higher stability and exhibit even higher activity than natural peroxidic drugs for curing malaria
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infections. In 1899, Baeyer and Villiger reported the synthesis of the first dimeric acetone
peroxide upon treatment of acetone and Caro’s acid in ether. Since then, the field has moved
ahead significantly and newer synthetic routes and efficient methodologies were developed.
The synthesis can be carried out by several methods as described below.

6.3.2.1. Peroxidation method

The most commonly and widely used method for tetraoxane synthesis is known as peroxida‐
tion method. In this method, acid-catalyzed cyclocondensation of ketones or aldehydes gives
the gem-dihydroperoxide as an important active intermediate. Generally, the acid-catalyzed
addition of hydrogen peroxide to carbonyl compound 26 produce gem-dihydroperoxide 27,
which on subsequent cyclocondensation in the presence of strong acid such as sulfuric acid,
perchloric acid, or methanesulfuric acid yield more stable symmetrical tetraoxane 28 along
with side product hexaoxane 29, as shown in Scheme 6. It is also known that the trimeric cyclic
peroxide by-product hexaoxonane is formed in the presence of excess hydrogen peroxide.
Dimethyl sulfide and potassium iodide can be used for the removal of hydroperoxide-related
impurities. Hexaoxonanes could be removed by washing the reaction mixture with cold
methanol. [40]

In our lab, we also attempted the synthesis of a new series of tetraoxane by incorporating
nitrogen within the cyclohexyl ring. [41] Methyl 2-(4-oxopiperidin-1-yl)acetate 30 on reaction
with gem-dihydroperoxide 27 may give very small amount of tetraoxane 31 and trimer 29, as
shown in Scheme 7. We characterized hexaoxonane 29 as a main side product by spectroscopy
and x-ray crystallography.

Sheme 5. Solid phase trioxane synthesis.

An Overview of Tropical Diseases52



infections. In 1899, Baeyer and Villiger reported the synthesis of the first dimeric acetone
peroxide upon treatment of acetone and Caro’s acid in ether. Since then, the field has moved
ahead significantly and newer synthetic routes and efficient methodologies were developed.
The synthesis can be carried out by several methods as described below.

6.3.2.1. Peroxidation method

The most commonly and widely used method for tetraoxane synthesis is known as peroxida‐
tion method. In this method, acid-catalyzed cyclocondensation of ketones or aldehydes gives
the gem-dihydroperoxide as an important active intermediate. Generally, the acid-catalyzed
addition of hydrogen peroxide to carbonyl compound 26 produce gem-dihydroperoxide 27,
which on subsequent cyclocondensation in the presence of strong acid such as sulfuric acid,
perchloric acid, or methanesulfuric acid yield more stable symmetrical tetraoxane 28 along
with side product hexaoxane 29, as shown in Scheme 6. It is also known that the trimeric cyclic
peroxide by-product hexaoxonane is formed in the presence of excess hydrogen peroxide.
Dimethyl sulfide and potassium iodide can be used for the removal of hydroperoxide-related
impurities. Hexaoxonanes could be removed by washing the reaction mixture with cold
methanol. [40]

In our lab, we also attempted the synthesis of a new series of tetraoxane by incorporating
nitrogen within the cyclohexyl ring. [41] Methyl 2-(4-oxopiperidin-1-yl)acetate 30 on reaction
with gem-dihydroperoxide 27 may give very small amount of tetraoxane 31 and trimer 29, as
shown in Scheme 7. We characterized hexaoxonane 29 as a main side product by spectroscopy
and x-ray crystallography.

Sheme 5. Solid phase trioxane synthesis.

An Overview of Tropical Diseases52

Sheme 7. Synthesis of piperidinetetraoxane

6.3.2.2. One pot synthesis

Iskara et al.[42] developed the first one-pot synthesis of tetraoxane. Simple carbonyl com‐
pounds 32 in the presence of 30% H2O2, 0.1% MTO, and fluorous alcohols (TFE and HFIP)
selectively gives tetraoxanes 33 (Scheme 8). Fluorous solvents TFE and HFIP activate both
H2O2 and MTO for oxidation reactions. The one-pot synthesis of mixed tetraoxanes begins with
the oxidation of the most reactive carbonyl compound, and then less oxidizable carbonyl
compound is added in the presence of acid. In this reaction, no trimeric product is formed.

Sheme 8. One pot tetraoxane synthesis.

Sheme 6. Acid catalyzed synthesis of tetraoxanes and hexaoxonanes.
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6.3.2.3. Ozonolysis method

The most prolific strategy for the synthesis of tetraoxanes is the ozonolysis of suitable olefins
and oximes. This method has dual advantage over others: (1) the absence of hexaoxonane (a
usual by-product), which is very common in acid catalyzed reactions, and (2) it is useful for
the synthesis of aromatic tetraoxanes, which could not be obtained by other methods. In the
1970s, Keul et al. reported the synthesis of dimeric adamantine peroxide 35 by ozonization of
methyleneadamantane 34 in pentane at –78°C. The ozonolysis of valerophenone oxime o-
methyl ether 36 produces carbonyl oxide 38 via an intermediate ozonoid 37 to give the
crystalline dimeric valerophenone peroxides 39 in the absence of carbonyl compounds or
protic solvents.[43]

Sheme 9. Tetraoxane synthesis by ozonolysis method.

7. Prodrug and combination therapies

The search of newer drugs and the enhancement of antimalarial activity of the existing ones
have led to the development of prodrug and combination therapy approaches. It presents a
good platform for the usage of readily available drugs in combination with other effective
drugs. The potential of drug hybrids, prodrugs, and combination therapy as new approaches
are immense.[44]

Tetraoxaquine 40 contain two covalently linked pharmacophores, i.e., a tetraoxane (a radical
donor) and an aminoquinoline (interferes with hematin polymerization).[45] Moreover,
trioxaquine 41 contains covalently attached trioxane to a 4-aminoquinoline moiety.[46] The
chimeric drug penetrates (enabled by aminoquinoline) into infected erythrocyte and targets
the free heme. The hemoglobin digestion of the schizonts within infected red blood cells
liberates free heme, which is alkylated by the peroxidic part. Trioxaferroquine 42 consists of a
trioxane, a substituted quinoline, and an iron (II) species within a single structure.[47]
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These new chimeric molecules containing two covalently attached moieties can be expected
to possess synergistic therapeutic value, reduce resistance, and toxicity. These strategies offer
a rational drug design approach for the development of next generation drug candidates.
Notwithstanding few selected examples, which are discussed in this section, it explains the
concept and potential applications.
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8. Conclusion and future prospect

The development of new drugs for malaria presents a challenging situation. Lack of alterna‐
tives and increasing ineffectiveness of the existing drugs are the main reasons for increased
mortality. Traditional medicines have provided few drugs, but to combat malaria, new drugs
are urgently needed. These new drugs must ideally possess minimal toxicity, rapid efficacy,
and low cost. However, there is consensus among scientific community that drug combina‐
tions may create optimal control of malaria because the combination therapies are believed to
be additive in potency, provide synergistic activity, and is more advantageous than mono‐
therapies. Unfortunately, these requirements are not met by any combination at the current
window of time. Besides all the challenges, failures, and setbacks, the global importance of
fighting malaria is recognized. Dedicated efforts and academic engagement to discover,
develop, and deliver new, effective, and affordable antimalarials have thus increased dramat‐
ically. Natural products, semisynthetic drugs, and synthetic compounds offer vast opportunity
for the drug development process. Further, assessment and clinical evaluation of RTS,S/AS01E
for malaria vaccination offers hope that we may soon expect some good news. Malaria drug
discovery is undoubtedly challenging, but scientists are optimistic as they also have got various
opportunities too. The status quo seems balanced. However, we believe that we have to provoke
the status quo to gain the upper hand in the battle against this tropical scourge.
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Abstract

Dientamoeba fragilis is an enteric protozoan parasite that remains neglected, probably due
to the misconception that it is uncommon and non-pathogenic. As more information be‐
came available and antimicrobial agents were developed with activity against this para‐
site, it became clear that D. fragilis is responsible of an active infection, associated with
symptoms such as abdominal pain and diarrhea. The clinical presentation of dientamoe‐
biasis varies from asymptomatic carriage to symptoms ranging from altered bowel mo‐
tions, abdominal discomfort, nausea and diarrhea with associated eosinophilia reported
in up to 50% of paediatric and 10% of adult patients. Moreover, controversy exists over
the protective role of the parasite in priming the immune system in a beneficial way such
as in selecting beneficial bacteria, keeping potential harmful microbial intruders at bay or
producing metabolites beneficial to the host. Thus, a number of ambiguities and obscuri‐
ties surrounding D. fragilis infections exist. Moreover, the means by which this parasite is
transmitted has not been fully defined. The diagnostic recognition of this parasite in fecal
examinations requires specific processing and expertise; thus, it is possible that many in‐
fections with D. fragilis may go undiagnosed. A number of studies conducted on small
numbers of case reports have demonstrated parasite clearance, as well as resolution of
clinical symptoms following treatment with various antiparasitic compounds such as pa‐
romomycin, hydroxyquinolines and the 5-nitroimidazoles, including metronidazole and
tinidazole. In addition there is very little in vitro susceptibility data available for the or‐
ganism making some current treatment options questionable. This chapter reviews the
scientific literature relating to Dientamoeba's life cycle, prevalence, diagnosis and patho‐
genicity.

Keywords: Dientamoeba fragilis, epidemiology, diagnosis, treatment, tropical infections

1. Introduction

Dientamoeba fragilis is an enteric protozoan parasite that remains obscure and neglected. While
many infections remain asymptomatic, it is now generally accepted that D. fragilis is account‐
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able for an active infection, concomitant with abdominal symptoms, nausea, and diarrhea.
Moreover, controversy exists over the protective role of the parasite in priming the immune
system in a beneficial way such as in selecting beneficial bacteria, keeping potential harmful
microbial intruders at bay or producing metabolites beneficial to the host. Furthermore, the
parasite’s transmission mode remains a mystery. The microscopic identification and diagnoses
of D. fragilis in stool requires skill and expertise; consequently, it is likely that many infections
may go unidentified. Numerous studies have reported the effectiveness of treatment regimens
using compounds such as paromomycin, hydroxyquinolines, and 5-nitroimidazoles, includ‐
ing metronidazole and tinidazole in the parasite eradication and the resolution of clinical
symptoms. In addition, there is very little in vitro susceptibility data available for this parasite,
making some current treatment options questionable. This chapter reviews the scientific
literature relating to Dientamoeba’s life cycle, prevalence, diagnosis, and pathogenicity.

2. Recognition D. fragilis as a pathogen

D. fragilis is a ubiquitous protozoan parasite found in the gastrointestinal tract of humans.
Electron microscopy [1] and molecular phylogenetic studies of the SSU rRNA gene [2,3] have
recently confirmed the relationship of this parasite to trichomonads (lacking flagella). Al‐
though its pathogenic potential is still controversial, Jepps and Dobell in1918 were the first to
report its pathogenicity when it was found to be the only agent detected in three patients with
gastrointestinal clinical symptoms [5].

Figure 1. Trophozoite of D. fragilis stained by iron hematoxylin stain (Photo by Adnan Al-Hindi, 2005). Photo extracted
from Al-Hindi and Abu Shammala, 2013 [4].

Since then, many investigators have shown that patients infected with D. fragilis generally
presented with bowel disorders with symptoms such as diarrhea, loose stools, and epigastric
abdominal pains [6–12]. Furthermore, mounting evidence is accumulating reinforcing the
pathogenic potential of D. fragilis [13–20]. Lately, irritable bowel syndrome (IBS) has been linked
to D. fragilis infections as a possible cause [21, 22], further underscoring its role in the causa‐
tion of disease. A great deal of controversy exists on the mode of transmission of D. fragilis, and
while Enterobius vermicularis nematode has been accepted to play a role in its transmission, more
recently a report described the discovery of a new cyst stage in its life cycle [23].
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Globally, the prevalence rates of D. fragilis infections vary depending on the identification tool
used [6, 24, 25, 26]. Using the traditional light microscope, the rates of infections oscillate
between 0.4% and 52% [26]. Nevertheless, using indirect immunoflourescent assay, Chan et
al. (1996) reported a prevalence rate of 91% [27]. The application of more sensitive identification
tools such as PCR and culture has the extra advantage of providing accurate prevalence data
[28]. Considered as a pathogen by several researchers, numerous reports have revealed that
D. fragilis elimination with parasitic drugs normally relieves the clinical symptoms in the
absence of other pathogens. However, there is currently no consensus as to the ideal treatment
regimen [20, 29, 30]. The aim of this chapter is to review the recent developments and advances
made on this frequently overlooked parasite and the disease dientamoebiasis.

3. Biology and life cycle of D. fragilis

Ranging in size from 5 to 15 μm in diameter, D. fragilis is a single-celled pleiomorphic troph‐
ozoite containing up to four nuclei [32, 20]. A large proportion of D. fragilis trophozoites are
typically binucleated with a large, fragmented, central karyosome without peripheral chro‐
matin differentiated clearly in stained fecal smears [32,10]. Banik et al. (2012) have recently
extensively described the surface structures and ultrasrtuctural details of D. fragilis popula‐
tions grown in xenic culture [31]. Using the scanning electron microscope, the group reported
the existence of two different trophozoite populations—smooth and ruffled cells. Whether this
represents a significant difference biologically or even in terms of the parasite’s pathogenicity
remains to be elucidated. Using the transmission electron microscope, neither mitochondria
nor peroxisomes were reported [33, 34]. Nevertheless, a conspicuous organelle detected was
the hydrogenosomes. Like many other organisms living in oxygen-deprived or anaerobic
environments, these hydrogenosomes most probably represent the site of anaerobic respira‐
tion and energy production [35–39]. Different activities such as amoeboid movement, phago‐
cytosis, and bacterial adhesion to trophozoite surfaces were also reported by Banik and others
(2012) [31]. Like many other parasitic protozoa such as Trichomonas vaginalis [40, 41, 33], Giardia
[42], and Leishmania [43], virus-like particles (VLPs) have also been reported to be seen in D.
fragilis trophozoites. Many groups have reported an association between the presence of VLPs
within T. vaginalis and variations in protozoa phenotypes, virulence factors, and disease
pathogenesis [44–46]. More details of the ultrastructure of D. fragilis are available in a review
authored by Banik et al. (2012) [31].

The complete life cycle and the mode of transmission of D. fragilis remain ambiguous and
equivocal. The only known stage thus far is the trophozoite (Fig. 2). Dobell (1940) was the first
to predict E. vermicularis egg to act as a vector for the transmission of D. fragilis [47]. Recently,
Roser et al. (2013) have detected D. fragilis DNA inside E. vermicularis eggs agreeing with the
prediction of Dobell in 1940 [48]. While many reports of a higher than anticipated rate of co-
infection between D. fragilis and E. vermicularis led researchers to postulate E. vermicularis as
the probable vector responsible for its transmission [48, 49], other groups have proved no co-
infections with D. fragilis and other worms, suggesting fecal-oral transmission as the possible
mechanism of transmission of D. fragilis [9, 10]. A new study by Munasinghe et al. (2013) using
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rodents and mice infected with human isolates reported the discovery of a new cyst stage in
the life cycle of D. fragilis strongly suggesting oral–fecal transmission as the possible route of
infection [23]. Moreover, Stark et al. (2014) have recently reported a cyst form of D. fragilis from
human clinical samples, further supporting that cysts are likely to be the transmission forms
[50]. The role of animals and zoonotic transmission of the parasite is still ambiguous despite
a recent study reporting pigs and sheep as natural hosts of dientamoebiasis [51]. The reader is
invited to read an excellent review on the topic written by Clark et al. (2014) [52].

4. Epidemiology of dientamoebiasis and its occurrence

Since its hypothetical association with IBS and other bowel disorders, probable pathogenicity,
and the existence of gaps in its life cycle and mode of transmission, many investigators have
become increasingly aware of the importance of D. fragilis. This has led to the development of
more sensitive diagnostic techniques for its proper identification and determination of its
accurate prevalence. It is now recognized as being more prevalent than Giardia [7, 11, 25, 27,
29, 53–65]. Table 1 shows the prevalence rates of D. fragilis ranging between 0.3% and 90% in
many countries worldwide. With the exception of few studies, light microscopy was the tool
used in those studies. The use of more sensitive techniques such as PCR or cultivation may
result in different and more accurate prevalence rates [10, 28, 66]. Unlike many parasitic

Figure 2. Life cycle of D. fragilis. Reproduced from: Centers for Disease Control and Prevention. DPDx: Dientamoeba
fragilis infection. Available at: http://www.cdc.gov/dpdx/dientamoeba/index.html.
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infections, D. fragilis has been shown to have high infection rates in developed countries than

in underprivileged countries [25, 67].

Prevalence Sample source and type Number of
patients

Country/region Reference

36.25% Mental asylum residents; feces 80 Holland [68]

2.4 Patients; feces 14203 USA [69]

20.1% Gastrointestinal tract patients; feces 1114 Israel [70]

Not disclosed Ascaris lumbricoides patients; feces N/A Thailand [71]

About 4.2% Fecal specimens submitted for parasitological
examination

43029 Canada [16]

9.6% Fecal specimens infected with Entamoeba
histolytica/dispar

125 Mexico City, Mexico [72]

1.1% School children; feces 94 Durban, South Africa [73]

52% Adults; feces 81 Los Angeles, USA [53]

21.1% Children attending clinics; feces 104 Los Angeles, USA [74]

8.6% Children in day care centers; feces 900 Toronto, Canada [65]

4 Adults in day care centers; feces 146 Toronto, Canada [65]

1.3% Homosexual men; feces 150 San Francisco, USA [75]

16.8% Intestinal tract patients; feces 125 French’s Forest,
Sydney, Australia

[62]

1.1% Homosexual men; diarrhea 274 Chicago, USA [76]

21% Indigenous individuals; feces 242 Irian Jaya, Indonesia [77]

3% Patients with bowel disorder; feces 1350 Christchurch, New
Zealand

[78]

82.9% Children infected with other gut protozoa; feces123 Germany [64]

3% Children living in rural areas; feces 266 Honduras [79]

2% Fecal specimens with light to moderate
dehydration and diarrhea

100 Dominican Republic [80]

1.5% Patients with diarrhea 260 Brisbane, Australia [81]

25.6% HIV-positive patients with no diarrhea; feces 82 Buenos Aires,
Argentina

[82]

2.3% Children refugees; feces 87 USA [83]

91% Healthy children; sera 189 Canada [27]

Around 8% Patients with bowel symptoms N/A Netherlands [84]
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Prevalence Sample source and type Number of
patients

Country/region Reference

2.1% HIV negative patients; feces 48 San Pedro Sula,
Honduras

[85]

5.1% Routine testing; feces 857 Oman [59]

5.5% Fecal specimens submitted to a university
hospital in Tunisia

27053 Sfax, Tunisia [86]

3% HIV-positive patients; feces 34 North Brazil [87]

11.3% Gastrointestinal tract patients; feces 151 Italy [61]

8.8% Admitted patients; feces 400 Turkey, Celal Bayar
University

[29]

0.9% Diarrhea patients; feces 6750 Sydney, Australia [9]

0.82% Sanitary employees; feces 241 Malatya, Turkey [88]

6.3% Patients infected with a gut parasite; feces 448 Brussels, Belgium [6]

3.7% Gastrointestinal tract patients; feces 3139 Italy [58]

3.4% Gastrointestinal tract patients; feces 1141 Italy [57]

4.1% Gastrointestinal tract patients; feces 1989 Italy [53]

2% Children and neonates patients; feces 350 Surt, Libya [89]

2.7% Aborigines; feces 112 Salta, Argentina [90]

2.7% Feces 770 Turkey [91]

8.9% Patients infected with gut parasites; feces 168 Egypt [24]

29.8% Patients infected with gut parasites; feces 168 Egypt [24]

0.8% HIV negative MSMa; feces 628 Sydney, Australia [92]

0.3% HIV-positive MSM; feces 618 Sydney, Australia

1.1% Non-MSM patients; feces 622 Sydney, Australia

11.7% Patients suspected of infection with gut
parasites; feces

103 Denmark [25]

32% Bowel complaints patients; feces 397 Zwolle, The
Netherlands

[93]

14.6%; 16.9% Individuals attending complimentary health
care practices (2002–2004 and 2005–2007); feces

3719; 2491 British Isles [67]

0.2% School children; feces 2975 Van Province, Turkey [94]

5.2% Bowel complaints; feces 750 Sydney, Australia [11]

1.6% Digestive disorder patients; feces 8313 Catalonia, Spain [95]
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11.7% Patients suspected of infection with gut
parasites; feces

103 Denmark [25]

32% Bowel complaints patients; feces 397 Zwolle, The
Netherlands

[93]

14.6%; 16.9% Individuals attending complimentary health
care practices (2002–2004 and 2005–2007); feces

3719; 2491 British Isles [67]

0.2% School children; feces 2975 Van Province, Turkey [94]

5.2% Bowel complaints; feces 750 Sydney, Australia [11]

1.6% Digestive disorder patients; feces 8313 Catalonia, Spain [95]
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Prevalence Sample source and type Number of
patients

Country/region Reference

21.4% Patients suspected of infection with gut
parasites; feces

491 Parma, Italy [96]

3.5% Irritable bowel syndrome patients with
diarrhea; feces

171 Karachi,
Pakistan

[97]

4% Irritable bowel syndrome patients with
diarrhea; feces

171 Karachi, Pakistan

4% Irritable bowel syndrome patients with
diarrhea; feces

171 Karachi, Pakistan

5.5% Fecal samples submitted to the Department of
Microbiology at St Vincent’s Hospital, Sydney

472 Sydney, Australia [98]

8.8% Patients with clinical symptoms, like diarrhea
and abdominal pain; feces

319 Al-Nuseirate Refugee
Camp Clinic, Gaza
Strip

[4]

0% Fecal samples from different laboratories 1000 Tabriz, Iran []

2.1%b

2.4%

Table adapted from Barratt et al. 2011. With kind permission from Dr. Damien Stark.

aMSM denotes men who have sex with men.

bIn this Tabriz, Iran, study (Sarafraz et al., 2013), 26 samples were reported as suspicious cases in trichrome-stained smears.

Table 1. Global prevalence of D. fragilis infections in stool samples from various sources

Conflicting reports exist regarding the age-group distribution of D. fragilis infections. Two
studies, Danish and Canadian, reported a high infection rate in subjects aged between 16 and
20 years, respectively [25, 60]. On the other hand, despite being statistically insignificant, Rayan
et al. (2007) reported a higher infection rate in individuals aged between 30 and 40 years [24].
In contrast, other investigators reported a higher incidence rate in children and in less than 20
years old [8, 16, 27, 29, 63, 74, 95, 100]. In a recent study by Al-Hindi and Abu Shammala (2013)
in the Gaza strip regarding age, children less than 5 years of age were reported to have a
prevalence of 11.3%, while the age-group 20–26 years had 15.4% [4]. This is in contrast to findings
by Girginkardesler et al. (2003), who reported that D. fragilis infection was higher among children
than adult [29]. No plausible explanation to these variations in age distribution of D. fragilis
incidences is proposed. Nevertheless, hygiene and modest sanitation have been suggested as
likely to prejudice groups to infections with D. fragilis and other intestinal protozoa irrespec‐
tive of age making the fecal oral route as the probable route of transmission [12, 24, 53, 101].
With respect to the association between gender and D. fragilis infections, numerous studies
report dissimilar trends. While several investigators report more infection incidences in females
than males [16, 24, 55, 57, 86, 95], other studies describe a drift towards males in certain age-
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groups [4, 8, 60]. For more details on the subject, the reader is advised to consult the review by
Barratt et al. (2011) [12].

5. Pathogenicity and clinical symptoms of dientamoebiasis

Originally proposed as a pathogen in 1936 by Hakansson, there still remains some reluctance
by many investigators accepting D. fragilis as a pathogen [102, 103]. For example, in a recent
retrospective case-control study in the Netherlands elucidating the clinical importance of D.
fragilis in children with chronic abdominal pain, De Jong et al. (2014) detected D. fragilis in
43.2% of patients with chronic abdominal pain and in 50.6% in the controls (without gastro‐
intestinal symptoms) (p = 0.255) [104]. Thus, there are no significant differences in symptoms
comparing children with and without D. fragilis infection. Furthermore, no relation was found
between clinical and microbiological response after treatment for D. fragilis in the same study,
suggesting that there is no association between chronic abdominal pain D. fragilis infection.
Nevertheless, many current studies have acknowledged and confirmed the pathogenic
potential of D. fragilis. It is often detected in the feces of patients suffering from gastrointestinal
tract disorders and presenting symptoms such as loose stools, diarrhea, urgency to defecate,
vomiting, nausea, anorexia, weight loss, abdominal pain, and fever [6–9, 11, 21, 29, 105, 106].
Many investigators have reported the tendency for this parasite to cause persistent diarrhea
[9, 55]. An example of a study confirming the pathogenic role of D. fragilis is an Italian study
in 2007, where Crotti and D’Annibale found that between 3.4% and 4.1% of patients with
various bowel complaints carried Dientamoeba [55, 57]. Another report corroborating the
pathogenic potential of the organism is an Australian study in which 5.4% (35/650) of patients
with bowel disorders were reported to have Dientamoeba in their stools, with 83.3% of them
suffering from diarrhea [10]. Furthermore, Dientamoeba has been linked it with irritable bowel
syndrome (IBS) [22, 97, 105]. Patients carrying Dientamoeba may also experience eosinophilia
[10, 63, 64, 103, 106, 107].

6. Treatment of D. fragilis infections

While still not recognized as a pathogen, the ability to resolve associated symptoms by
eradicating D. fragilis using different drugs provides some proof for its possible pathogenic
nature [6, 16, 20, 69, 102, 103, 108–110]. There is still no agreement as to the best regimen for
the complete elimination of the organism. Stark et al. (2010b) and Preiss et al. (1990) reported
a treatment ineffectiveness and/or relapse of dientamoebiasis following the use of metronida‐
zole only [11, 64]. In a recent Danish randomized trial, 96 children in Denmark with D.
fragilis infection and chronic gastrointestinal symptoms were treated with a 10-day course of
metronidazole or placebo [111]. Change in gastrointestinal symptoms following treatment did
not differ significantly between the groups. Eradication of D. fragilis was significantly greater
in the metronidazole group as assessed by PCR 2 weeks after completion of therapy, although
PCR positivity rebounded by 8 weeks after completion of therapy to levels comparable with
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those seen in placebo recipients. The eradication of D. fragilis was significantly greater in the
metronidazole group, although it declined rapidly from 62.5% 2 weeks after end of treatment
to 24.9% 8 weeks after end of treatment. The findings of the study did not provide evidence to
support routine metronidazole treatment of D. fragilis-positive children with chronic gastro‐
intestinal symptoms. However, the complete resolution of symptoms and elimination of the
organism were noted following the administration of either iodoquinol, paromomycin, or a
combination of the two [11, 107]. Most recently, Halkjær et al. (2015) described a case history
of a 16-year-old Danish patient who had suffered severe abdominal discomfort and flatulence
through his lifetime following infection with D. fragilis. The patient was treated initially with
a high dose of metronidazole, which eradicated the parasite and kept him without symptoms
for 1 year [112]. However, recurrence of the symptoms and recurrence of the D. fragilis infection
were thereafter treated successfully with paromomycin [112]. Other drugs that are also
reported to effectively eradicate the parasite leading to clinical cure included oxytetracycline,
doxycycline, tinidazole, secnidazole, ornidazole, and erythromycin [29, 30, 64, 102, 113].
Despite the lack of randomized controlled trial data, the literature suggests paromomycin is a
more efficacious agent than metronidazole [6, 11, 114]. New potential therapeutic compounds
are constantly being screened for by investigators. More recently, Stark et al. (2014) have shown
that there is no therapeutic response against dientamoebiasis with benzimidazoles (such as
albendazole and mebendazole) [115].

7. Role of genetic characteristics of the infecting strains in the pathogenesis
of dientamoebiasis

The outcome of an infection may depend on several factors, among which the genetic charac‐
teristics of the specific pathogen have been identified as an important one. The virulence and
disease outcome has been linked to the genotypes of few parasites such as Entamoeba histoly‐
tica and Giardia lamblia [116–124]. Despite its inability to ascertain correlation between geno‐
type and disease outcome, evidence emerged using the ssu rRNA gene of at least two
genetically distinct variants (genotypes 1 and 2) of D. fragilis are in existence [6, 9, 20, 125,
126]. Thus, in the case of D. fragilis infections, the ssu rRNA gene demonstrated inferiority as
a tool for molecular epidemiological studies [127]. Accordingly, new molecular tools were
employed to demonstrate the association between variants and clinical disease outcome. One
such tool is the use of C-profiling in which the cysteine nucleotide pattern is compared between
samples for evidence of genetic variation on the internal transcribed spacer regions (ITS1 and
ITS2) of the ribosomal gene [128]. These regions are noncoding sequences reported to be
suitable for molecular characterization of phylogenetically related organisms [129]. Bart et al.
(2008) and Stark and his group (2009) documented the occurrence in variations of ITS1 in D.
fragilis isolates [21, 130]. Furthermore, a correlation between certain ITS1 variants and disease
outcome was reported [130]. Recently, Barratt et al. (2010) found that the growth of Dienta‐
moeba in certain media formulations varied between different isolates, and while all Dienta‐
moeba isolates described by Barratt and colleagues were from patients with gastrointestinal
complaints, this work indicates that phenotypic diversity exists in Dientamoeba and that the
variation noted is likely to have a genetic basis. Nevertheless, it is still unclear whether the two
genotypes differ in their pathogenicity [131].
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8. Diagnosis of dientamoebiasis

While it is difficult to identify the trophozoites of D. fragilis morphologically, the only diag‐
nostic tool used to detect D. fraglis is microscopy using permanent stained smears. A large
variety of stains have been used for the microscopic examination of E. fragilis. However, the
most commonly used that also give much clearer images of the parasites are the trichrome and
the iron-hematoxylin stains. The sample should be fixed immediately after staining to avoid
degeneration of the trophozoites and staining should also occur sooner [107]. Trophozoites
range in size from 5 to 15 μm in length, from 9 to 12 μm in width, normally with 1–2 fragmented
nuclei with visible holes seen through the nucleus center. Smears may also contain tropho‐
zoites with the typical four nucleated form. No cyst stage has been recovered yet from humans
despite being observed in mice [23]. Even under ideal conditions, with prompt preservation
of stool and evaluation of permanent stained smears by experienced microscopists, Stark et al.
(2010a and 2011) reported a sensitivity of 34% and 38%, respectively, compared to PCR (real-
time and multiplex tandem—PCR) [10, 132]. Despite numerous studies reporting common
occurrence of D. fragilis infection, no clinical antigen-based, molecular, or serologic diagnostics
have been commercially developed to aid with laboratory identification to date, although
current molecular based methods are used for research [133]. The culture of D. fragilis has been
reported and is done in similar conditions as that of E. histolytica. Liquid or diphasic media is
used that can be in xenic or axenic conditions [10]. Another diphasic medium based on the
Loeffler’s slope has also been demonstrated, and Earle’s balanced salt solution (EBSS) has been
successfully used for the growth of D. fragilis [23].

Molecular diagnostic methods have been very instrumental for the improvement of our
understanding of different infections. There has been a significant gain in the development of
molecular methods for the detection of D. fragilis, although compared to other organisms, this
improvement has been much slower [32]. Several PCR protocols have been developed for the
detection of this organism mainly for research laboratories. These protocols vary from
conventional PCR to real-time PCR with increased sensitivity and specificity. Primers based
on the small ribosomal RNA gene have been developed for this purpose [9]. Verweij and
colleagues have developed a real-time PCR protocol using the 5.8S ribosomal RNA gene and
they showed that this method was both specific and sensitive [28]. A variation of PCR based
on the amplification of the internal transcribed spacer 1 region of D. fragilis has also been used
for the molecular characterization of the parasite [130]. The actin gene has also been used as a
target for the molecular characterization of this parasite [128]. Generally, the detection and/or
the molecular characterization of the parasite begin with DNA purification, which is a very
important and critical step in the amplification of the organism. Following DNA purification,
the PCR master mixed is prepared depending on the procedure to be used. In the case of
detection, the PCR protocol is generally sufficient. However, the molecular characterization
often requires a sequencing step with or without the purification of the PCR amplicons. Other
methods that have been used so far for the molecular characterization of D. fragilis include
high-resolution melt curve analysis (HRM) and restriction fragment length polymorphism
after amplification by PCR [9, 22].

Using HRM, Hussein and colleagues found 4 genetic profiles of which the first and most
common profile and the last profile (Profile 4) were more associated with diarrhea compared
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to the two middle profiles [22]. However, the ITS showed two major genotypes although there
were subgenotypes among those main categories. In another study, the ITS-1-5.8S rRNA gene-
ITS-2 region of D. fragilis was found to be highly variable and pyrosequencing method
identified 11 different alleles of the ITS-1 sequence showing the limitation of this gene in the
molecular characterization of the parasite [130]. Briefly, the use of molecular methods has
increased our knowledge on these organisms; much still remains to be discovered for the better
understanding of issues related to pathogenicity, diagnosis, and prognosis.

9. Conclusion

Known for almost a hundred years now, D. fragilis still remains a mysterious organism
although much has been learned. The use of molecular biology has clarified its classification
not as an amoeba but as a trichomonad. However, its pathogenicity as well as its genetic
diversity still remains to be clarified. Diagnosis particularly in developing areas of the world
where it could be common remains difficult because microscopy is not sensitive. This is made
to be even more difficult because of the uncertainty of the existence of a cyst stage, which so
far has only been demonstrated in very limited studies. Real-time PCR has been proven to be
more sensitive compared to all the other diagnostic methods, including conventional PCR,
microscopy, and culture. Further studies are needed, and collaboration between developing
and developed countries will help boost the research capacity on this infection and improve
our understanding of its distribution, pathogenicity, and immunology.
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Abstract

This chapter starts with a brief mention of the Leishmania species and sandflies vectors
that occur in the Neotropical region, especially in the Brazilian Amazon. The main
focus of this chapter is a review of the taxonomic, biologic and epidemiologic studies
conducted in Lutzomyia umbratilis, the main vector of Leishmania guyanensis in the
northern region of Brazil. We associated these data with the population genetics
studies carried out in this sandfly vector by our research team. The genetic studies
were made with six samples of L. umbratilis from the central region of the Brazilian
Amazon, using a large fragment (1,181 bp) of the mitochondrial DNA COI gene. Also,
another study was conducted in these samples using the DNA barcode region. The
results revealed rather high levels of genetic variability for all samples analyzed and
a pronounced genetic differentiation between samples from both banks of the Negro
and Amazon rivers. The degree of differentiation found may reflect the presence of
distinct species within L. umbratilis, suggesting that the Amazon and Negro rivers may
be acting as effective barriers, preventing gene flow between populations living on
the two sides. These findings have important implications for epidemiology,
especially regarding vector competence, which is vital information for surveillance
and vector control strategies. Furthermore, this diversification process of L. umbrati‐
lis represents an interesting example for speciation studies.

Keywords: Sandflies, Brazilian Amazon, Population genetics, Speciation, Cryptic species
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1. Introduction

Phlebotomine sandflies (Diptera: Psychodidae) are insects of medical and veterinary impor‐
tance since they are involved in transmission of various pathogens (bacteria, virus and
protozoa) that cause diseases such as Bartonellosis, Arboviruses and Leishmaniasis. The latter
is caused by trypanosomatids of the genus Leishmania, the pathogenic agent of human
leishmaniasis. Leishmania infection is characterized by a species-specific pathology, varying
from cutaneous lesions to the potentially fatal visceral form [1-3]. The distribution of this
disease encompasses the tropical, subtropical and Mediterranean regions of the world and its
global burden has been estimated to be approximately 500,000 cases of visceral leishmaniasis
(VL) and approximately 1.1-1.5 million cases of cutaneous leishmaniasis (CL) per year (4,5].
Despite its widespread distribution, most of the leishmaniasis cases occur in only a few
countries: more than 90% of the VL cases occur in Bangladesh, Brazil, Ethiopia, India, South
Sudan and Sudan, and most of the CL cases occur in Afghanistan, Algeria, Brazil, Colombia,
Iran, Pakistan, Peru, Saudi Arabia and Syria [5].

In the Americas, CL occurs from southern USA to northern Argentina, but its main focus is
concentrated in South America, especially in Bolivia, Brazil and Peru, with approximately 90%
of the recorded cases of the muco-cutaneous type [5,6]. Yet, in spite of its importance, leish‐
maniasis is one of the most neglected tropical diseases in the world [5].

In Brazil, there has been an expansion of this disease since 1950 [7,8]. Currently, CL has been
reported in all Brazilian states, causing outbreaks in several regions of country [9], especially
in the Brazilian Amazon. This situation has been correlated to several factors, such as defor‐
estation, the construction of highways and dams, implementation of agricultural poles,
migrations of human populations, new mining ventures, the emergence of villages and cities,
the use of forest locations for military training, among other factors [6-8,10-16].

Leishmania displays two main morphological forms, the amastigote and the promastigote,
which are found in close association with vertebrate (mammals) and invertebrate (phleboto‐
mine sandflies) hosts, respectively, comprising the link of several transmission cycles
[13,17,18]. The vertebrate hosts include a large variety of mammals, such as rodents, xenar‐
thrans (armadillo, anteater and sloth), marsupials (opossum), canids and primates, including
humans [19-21].

There are approximately 30 species of Leishmania described in the World and, of these, at least
20 are pathogenic in mammals [22]. In the Neotropical region 22 species were recorded; of
these, 12 were reported in Brazil [23] and seven were found infecting humans in the Brazilian
Amazon region [24]. The studies conducted in Brazil have found a large number of dermo‐
tropic Leishmania species that are proved to infect humans, such as Leishmania amazonensis, Le.
braziliensis, Le. guyanensis, Le. lainsoni, Le. naiffi, Le. shawi and Le. lindenbergi. There are others
species too, but they have been found only in their natural reservoir hosts, as follows: Le.
enriettii, Le. forattinii, Le. deanei and Le. utingensis [18,20,23,25-27]. With the exception of the two
species (Le. enriettii and Le.forattinii), all those listed above were reported in the Brazilian
Amazon, including Leishmania chagasi that causes visceral leishmaniasis and whose main
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vector is Lutzomyia longipalpis [23]. Table 1 presents all species of Leishmania and their respective
proven and suspected sandfly vectors and reservoir hosts reported in Neotropical region.

In addition to those listed in Table 1, other species of sandflies have been observed in the
Brazilian Amazon region, harboring Leishmania spp. such as L. (Lutzomyia) spathotrichia and
L. (Psathyromyia) dendrophyla [18].

The detection and identification of the Leishmania spp. in phlebotomine species are important
to predict the risk of the disease spreading in and around endemic areas, once these species
are the main determinants of the clinical outcome in humans. Currently, the use of molecular
techniques such as polymerase chain reaction (PCR) has increased the sensitivity and specif‐
icity of parasite identification [28]. Based on this technique, L. (Evandromyia) georgii was
reported for the first time to be infected with Leishmania spp. in the Brazilian Amazon region
[29]. Similarly, L. (Trichophoromyia) ubiquitalis and L. (Psychodopygus) davisi were found for the
first time to be infected with Le. lainsoni in the state of Amazonas, Brazil [30]. These sandflies
had already been identified as vectors of Le. lainsoni [31] and Le. brazilienesis [32], respectively,
in the state of Pará (Brazil).

Phlebotomine sandflies are amply distributed in all continents, except in Antarctica. Out of
the six genera belonging to the subfamily Phlebotominae, only Lutzomyia and Phlebotomus
harbor the main vectors of human leishmaniasis. The former is restricted to the Neotropical
and Neartic regions, where approximately 32 out of more than 500 species described [33] are
implicated as vectors, whereas the latter is distributed in all the other regions of the world and
comprises important vectors such as Phlebotomus papatasi in the Old World, which is the main
vector of Leishmania major [34,35]. Genus Lutzomyia includes the subgenera Nyssomyia and
Psychodopygus, which comprise the most important vectors of CL in the Neotropics, in
particular in the Brazilian Amazon region (Table 1; Figures 1 and 2).

Parasites Leishmaniasis
in humans

Sandfly vectors Reservoir host

Species Subgenus Species Subgenus/Group

Leishmania
chagasiBr/A

Leishmania Visceral and
cutaneous*

Lutzomyia longipalpisP

Lutzomyia cruziP

Lutzomyia evansiP

Lutzomyia
Lutzomyia
Group Verrucarum

Canids (Cerdocyon thou,
Speothos venaticus, Canis
familiaris), felines
(Panthera onca, Felis
concolor), marsupials
(Didelphis marsupialis
and D. albiventris)

Leishmania
enriettiiBr

Leishmania Not registered Lutzomyia monticolaS

Lutzomyia correalimaiS

Ungrouped
Group Rupicola

Rodents (Cavia porcellus)

Leishmania
mexicana

Leishmania Cutaneous Lutzomyia olmeca
olmecaP

Lutzomyia diabolicaS

Nyssomyia
Lutzomyia

Rodents (Ototylomys
phyllotis, Nyctomys
sumichrasti, Heteromys
desmarestianus, Sigmodon
hispidus, Neotoma
albigula)
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Parasites Leishmaniasis
in humans

Sandfly vectors Reservoir host

Species Subgenus Species Subgenus/Group

Leishmania pifanoi Leishmania Cutaneous Lutzomyia
flaviscutellataS

Nyssomyia Unknown

Leishmania
amazonensisBr/A

Leishmania Cutaneous Lutzomyia
flaviscutellataP

Lutzomyia o. olmecaP

Lutzomyia reductaP

Nyssomyia
Nyssomyia
Nyssomyia

Rodents (Proechimys
spp.,
Oryzomys spp., Nectomys,
Neacomys, Dasyprocta)
Marsupials (Marmosa,
Metachirus, Didelphis,
Philander),
fox (Cerdocyon thous)

Leishmania
aristidesi

Leishmania Not registered Lutzomyia olmeca
bicolorS

Nyssomyia Marsupials (Marmosa
robinsoni), rodents
(Poechmys semispinosus,
Dasyprocta punctata)

Leishmania
garnhami

Leishmania Cutaneous Lutzomyia youngiS Group Verrucarum Marsupials (Didelphis
marsupialis)

Leishmania
venezuelensis

Leishmania Cutaneous Lutzomyia olmeca
bicolorS

Lutzomyia rangelianaS

Nyssomyia
Ungrouped

Domestic cat

Leishmania
forattiniiBr

Leishmania Not registered Lutzomyia ayrozaiP

Lutzomyia yuilliP

Psychodopygus
Nyssomyia

Rodents (Proechimys
inheringi), marsupials
(Didelphis marsupialis)

Leishmania hertigi Leishmania Not registered Unknown Rondent(Coendou
rothschildi)

Leishmania
deaneiBr/A

Leishmania Not registered Unknown Rondent (Coendou p.
prehensilis)

Leishmania
braziliensisBr/A

Viannia Cutaneous Lutzomyia intermediaP

Lutzomyia whitmaniP

Lutzomyia wellcomeiP

Lutzomyia davisiP

Lutzomyia complexaS

Nyssomyia
Nyssomyia
Psychodopygus
Psychodopygus
Psychodopygus

Rodents (Oryzomys
concolor,
O. capito, O. nigripes,
Akodon arviculoides,
Proechimys
spp., Rattus rattus,
Rhipidomys leucodactylus,
Sigmodon hispidus,
Bolomys lasiurus),
marsupials (Didelphis
marsupialis)

Leishmania
peruviana

Viannia Cutaneous Lutzomyia peruensisS

Lutzomyia
verrucarumS

Helcocyrtomyia
Group Verrucarum

Rodent (Phyllotis
andinum), marsupials
(Didelphis marsupialis)
and domestic dog

An Overview of Tropical Diseases86



Parasites Leishmaniasis
in humans

Sandfly vectors Reservoir host

Species Subgenus Species Subgenus/Group

Leishmania pifanoi Leishmania Cutaneous Lutzomyia
flaviscutellataS

Nyssomyia Unknown

Leishmania
amazonensisBr/A

Leishmania Cutaneous Lutzomyia
flaviscutellataP

Lutzomyia o. olmecaP

Lutzomyia reductaP

Nyssomyia
Nyssomyia
Nyssomyia

Rodents (Proechimys
spp.,
Oryzomys spp., Nectomys,
Neacomys, Dasyprocta)
Marsupials (Marmosa,
Metachirus, Didelphis,
Philander),
fox (Cerdocyon thous)

Leishmania
aristidesi

Leishmania Not registered Lutzomyia olmeca
bicolorS

Nyssomyia Marsupials (Marmosa
robinsoni), rodents
(Poechmys semispinosus,
Dasyprocta punctata)

Leishmania
garnhami

Leishmania Cutaneous Lutzomyia youngiS Group Verrucarum Marsupials (Didelphis
marsupialis)

Leishmania
venezuelensis

Leishmania Cutaneous Lutzomyia olmeca
bicolorS

Lutzomyia rangelianaS

Nyssomyia
Ungrouped

Domestic cat

Leishmania
forattiniiBr

Leishmania Not registered Lutzomyia ayrozaiP

Lutzomyia yuilliP

Psychodopygus
Nyssomyia

Rodents (Proechimys
inheringi), marsupials
(Didelphis marsupialis)

Leishmania hertigi Leishmania Not registered Unknown Rondent(Coendou
rothschildi)

Leishmania
deaneiBr/A

Leishmania Not registered Unknown Rondent (Coendou p.
prehensilis)

Leishmania
braziliensisBr/A

Viannia Cutaneous Lutzomyia intermediaP

Lutzomyia whitmaniP

Lutzomyia wellcomeiP

Lutzomyia davisiP

Lutzomyia complexaS

Nyssomyia
Nyssomyia
Psychodopygus
Psychodopygus
Psychodopygus

Rodents (Oryzomys
concolor,
O. capito, O. nigripes,
Akodon arviculoides,
Proechimys
spp., Rattus rattus,
Rhipidomys leucodactylus,
Sigmodon hispidus,
Bolomys lasiurus),
marsupials (Didelphis
marsupialis)

Leishmania
peruviana

Viannia Cutaneous Lutzomyia peruensisS

Lutzomyia
verrucarumS

Helcocyrtomyia
Group Verrucarum

Rodent (Phyllotis
andinum), marsupials
(Didelphis marsupialis)
and domestic dog

An Overview of Tropical Diseases86

Parasites Leishmaniasis
in humans

Sandfly vectors Reservoir host

Species Subgenus Species Subgenus/Group

Leishmania
guyanensisBr/A

Viannia Cutaneous Lutzomyia umbratilisP

Lutzomyia anduzeiP

Nyssomyia
Nyssomyia

Xenarthrans (Choloepus
didactylus, Tamandua
tetradactyla), rodents and
marsupials

Leishmania
panamensis

Viannia Cutaneous Lutzomyia trapidoiP

Lutzomyia ylephiletorP

Lutzomyia gomeziP

Lutzomyia
panamensisP

Nyssomyia
Nyssomyia
Lutzomyia
Psychodopygus

Xenarthrans (Choloepus
hoffmanni, Bradypus
infuscatus and B. griseus);
racoons (Bassaricyon
gabbi, Nasua nasua, Poto
flavus), primates (Aotus
trivirgatus, Saguinus
geoffroyi), rodents
(Heteromys spp.)

Leishmania
lainsoniBr/A

Viannia Cutaneous Lutzomyia ubiquitalisP

Lutzomyia velascoiS

Trichophoromyia
Trichophoromyia

Rodent (Agouti paca)

Leishmania
naiffiBr/A

Viannia Cutaneous Lutzomyia ayrozaiP

Lutzomyia panamensisP

Lutzomyia
squamiventrisP

Psychodopygus
Psychodopygus
Psychodopygus

Xenarthrans (Dasypus
novemcinctus)

Leishmania
shawiBr/A

Viannia Cutaneous Lutzomyia whitmaniP Nyssomyia Primates (Cebuspaella,
Chiropotes satanas),
xenarthrans (Choloepus
didactylus,Bradypus
tridactylus) and racoon
(Nasua nasua)

Leishmania
colombiensis

Viannia Cutaneous Lutzomyia hartmanniP

Lutzomyia gomeziP

Lutzomyia panamensisP

Helcocyrtomyia
Lutzomyia
Psychodopygus

Xenarthrans(Choloepus
hoffmanni)

Leishmania
equatorensis

Viannia Not registered Lutzomyia hartmanniP Helcocyrtomyia Xenarthrans (Choloepus
hoffmanni) and rodent
(Sciurus grantensis)

Leishmania
lindenbergiBr/A

Viannia Cutaneous Lutzomyia antunesiS Nyssomyia Unknown

Leishmania
utingensisBr/A

Viannia Not registered Lutzomyia tuberculataP Viannamyia Unknown

Br/A=Brazil, including Amazon; Br=Brazil, except Amazon; P=proven vector; S=suspect vector. *In Costa Rica, the
infection occurs mostly as non-ulcerative skin lesions; Honduras and Nicaragua, the infection is much visceral as skin.
Information compiled from Lainson (2010) [23].

Table 1. Leishmania species with their respective proven and suspect vectors (phlebotomine sandflies) and natural
reservoirs (mammals) reported for the Neotropical region.

Speciation in the Leishmania guyanensis Vector Lutzomyia umbratilis (Diptera: Psychodidae) from Northern Brazil…
http://dx.doi.org/10.5772/60921

87



Figure 1. Distribution of the sandfly vectors of Leishmania amazonensis (A), Leishmania braziliensis (B) and Leishmania
guyanensis (C and D). Highlight in green color corresponding to the Brazilian Amazon region. Map modified from
Young and Duncan (1994) [2].
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Figure 2. Distribution of the sandfly vectors of Leishmania lainsoni (A), Leishmania naiffi (B), Leishmania shawi (C) and
Leishmania chagasi (D). Highlight in green color corresponding to the Brazilian Amazon region. Map modified from
Young and Duncan (1994) [2].
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Similar to other insect groups, the Brazilian Amazon hosts a large diversity of sandfly species
likely because of the great variety of ecological niches available [36] which are favorable for
survival and reproduction. For example, in a single hectare of forest 50 sandfly species were
captured [37]. This high level of diversity of insect vectors and also of reservoirs permits the
simultaneous circulation of several species of Leishmania and is particularly interesting for the
dynamic transmission studies of CL in this region [38,39].

In northern South America, in particular in the Brazilian Amazon region, the transmission of
CL is associated to Lutzomyia umbratilis Ward and Fraiha and Lutzomyia anduzei Rozeboom,
implicated as principal and secondary vectors of Le. guyanensis, respectively. The Le. guyanen‐
sis cycle is completed in several species of mammals, especially in xenarthrans, the two-toed
sloth (Choloepus didactylus), considered the main reservoir, and marsupials such as the
opossum (Didelphis marsupialis) (Didelphis marsupialis) [40-43].

2. Distribution, biological aspects and population genetics of Lutzomyia
umbratilis

In the last years, as genetic molecular markers became available, the number of studies on
population genetics and evolutionary genetics in sandfly species has significantly increased
[44-49], and the results have revealed large intra-population genetic variation, genetically
populations structured, genetic lineages and cryptic species complexes. In the case of vector
species, the knowledge of the genetic structure of populations and the processes responsible
for the differentiation distribution is important for the identification of the disease transmission
heterogeneity patterns. Such patterns are often produced by the presence of cryptic species,
structured populations and/or genetic lineages, which may show variation in the degrees of
anthropophily, susceptibility of females to infection by the pathogen, infection rates and
females longevity. The identification of these factors is of paramount importance for devel‐
oping effective management and vector control strategies.

The diversification patterns (structured populations, lineages, complete speciation) observed
in sandfly species have generally been associated to multiple factors, such as climate barriers
(or climate events in the past), geographic distances, differences in latitude or altitude, habitat
modification, landscape fragmentation caused by anthropogenic actions and others, vegeta‐
tion type or geographic barriers (rivers, mountains). These factors can reduce the dispersal
capacity of sandflies, leading them to become isolated populations and causing loss of genetic
diversity and increase of differentiation among the populations, as discussed by Ready et al.
[50] with regard to Lutzomyia whitmani, by Mukhopadhyay et al. [51] for Lutzomyia shannoni,
by Uribe-Soto et al. [52] for L. longipalpis and by Pech-May et al. [45] for Lutzomyia cruciata.
Additionally, the low flight capacity of this group of insects which seldom spread over more
than 1 km, and the breeding soil type are also factors that may contribute even more to the
population isolation and then favor the process of divergence and speciation events.

Lutzomyiaumbratilis, the main vector of Le. guyanensi, that causes Cutaneous Leishmaniasis
(CL), occurs in northern South America, including Bolivia, Brazil, Colombia, French Guyana,
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Peru, Suriname and Venezuela [2,53]. In Brazil, L. umbratilis has been reported in all states of
the northern region, the states of Mato Grosso and Mato Grosso do Sul (Southwest), besides
the state of Maranhão and an isolated population in the state of Pernambuco, both in the
northeastern region [2, 54,55]. Thus, populations of this species are spread over vast areas,
separated by geographic barriers such as the largest rivers, the Amazon and the Negro, in the
Brazilian Amazon region. Additionally, sandfly species have very limited dispersal capabili‐
ties, usually no more than 1 km [56,57], which favors geographic isolation of the populations.
Thus, considering the vast geographic area, with discontinuous distribution, along with the
low flight capacity of this insect group, L. umbratilis populations could be more susceptible to
evolve into differentiated populations, incipient species and, ultimately, reproductively
isolated species.

Lutzomyia umbratilis has been implicated in the transmission of Le. guyanensis in several
countries of northern South America, including northern Brazil, and French Guiana and
Suriname [58-60]. In the Brazilian Amazon, this species has shown to be highly anthropophilic
and has been appointed as the main Le. guyanensis vector in the states of Pará [58-60], Amazonas
[42,61-63] and Amapá [18] and is probably involved in the transmission in the states of Acre
[64] and Rondônia [65]. Moreover, according to the hypothesis of Arias and Freitas [40], the
susceptibility of this vector to Leishmania seems to vary in the central Brazilian Amazon region.
Lutzomyia umbratilis populations naturally infected with Le. guyanensis have been observed
east of the Negro River and north of the Amazonas River; however, there is no report of natural
infections by Leishmania in this species south of the Amazon River system. Arias and Freitas
[40] suggested that the fluvial system formed by the Amazon, Solimões and Negro Rivers may
act as a barrier to the Le. guyanensis transmission cycle, where L. umbratilis populations display
distinct degrees of vector competence between the opposite sides of these rivers, suggesting
that these populations might represent a species complex or incipient speciation event.

Despite its importance as vector and the probable existence of a cryptic species complex, only
few studies have tested the role of the rivers barrier in the genetic subdivision of L. umbratilis.
A biological study conducted with two L. umbratilis populations from Manaus and Manaca‐
puru (left and right banks of the Negro River, respectively) in the Brazilian Amazon region,
revealed significant differences in the life cycle, fecundity, fertility, emergence degree and adult
longevity between these populations, reflecting intrinsic biological differences [66]. Subsequent‐
ly, a study that combined morphology, chromosome and isozymes analyses of four L. umbrati‐
lis populations from this fluvial system showed significant differences in the bristle lengths of
4th instar larvae and in the number and size of the spines of the female genital atrium arma‐
ture [67]. The latter has been a useful marker for distinguishing closely related species of sandflies
[68].  Unfortunately,  polytene chromosome analysis  was not  possible,  but  the metaphase
karyotype was 2n=6. Isozymes did not reveal any differences among the populations [67]. This
result may be due to the slow evolution rate, negative selection and the amino acid codon wobble
effect. Consequently, isozymes are not informative markers for detecting incipient or recently
diverged species. Therefore, the taxonomic status of L. umbratilis remains unclear.

Lutzomyia umbratilis was described by Ward and Fraiha [69], based on specimens captured in
the Jari River region, state of Pará, Brazil. Because of the high morphological similarity between
L. umbratilis and L. anduzei, the former has been wrongly identified as L. anduzei in the past. In
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fact, most of L. anduzei specimens found to be naturally infected with Leishmania before this
date (1977) could actually be L. umbratilis. After this date, it has been possible distinguish L.
umbratilis and L. anduzei morphologically, based on the internal and external genitalia of males
and females [2,70]. Currently, they can also be identified molecularly by using DNA barcode
sequences from COI of mitochondrial DNA [70]. The phylogenetic analysis of this dataset
found two strongly supported monophyletic clades, although the genetic distances between
them, based on the Kimura 2 Parameters (K2P) model, were very small (4.4%), suggesting that
these species are very closely related (sister species) [70]. These species have been found
infected naturally with Le. guyanensis in the Brazilian Amazon, although the studies revealed
much higher infection rates in L. umbratilis than in L. anduzei females, consequently, the former
has been recognized as principal vector of this parasite [18,63,71,72].

L. umbratilis adults are generally found in the rainforest (primary forest) of the Brazilian
Amazon region, with its high humidity and dim light; therefore, the species has been recog‐
nized as ombrophilous, as expressed in its name, L. umbratilis. This species is further recognized
as dendrobatic, because it is associated to tree trunks during the daytime. In the field, its density
may vary, depending on the location and of these characteristics, but it seems to be denser in
the central Amazon region, tending to reduce its density towards the edges of this region
(Alencar, R. B., personal information). L. umbratilis adults are captured using aspirators on the
bases of tree trunks during daytime and with CDC (Center for Disease Control) miniature light
traps at ground level and in the forest canopy at night. These methods have been employed
efficiently throughout Brazilian Amazon region [73].

In addition to the isozyme studies mentioned above, the most recent population genetics
analyses were performed on the six L. umbratilis populations from the two opposite banks of
the Amazon and Negro rivers (Table 2; Figure 3) by using a large fragment (1,181 bp) of the
COI gene (the 3’ end fragment of COI) [48] and the Barcode region (663 bp) [70], both from
mitochondrial DNA. The aim of these analyses was to assess whether the populations of the
opposite banks of these rivers consist of incipient or distinct species. In the study of Scarpassa
and Alencar [48], 111 specimens were sequenced and the results revealed 52 haplotypes,
reflecting a very large genetic variability for most of the samples examined, except one (Rio
Preto da Eva). The genealogical relationships of the haplotypes were accessed using the TCS
program [74] at the 95% confidence level. This analysis showed two haplotype groups
(lineages), separated by ten mutational steps, but all connected in the network (Figure 4).
Similarly, phylogenetic analysis using Bayesian Inference (BI) and inferred under the TIM1+I
model, generated two distinct evolutionary lineages (probably clades), with probability
support from moderate to slightly high (0.64 and 0.77; Figure 5), suggesting two monophyletic
clades. These lineages can be separated by one fixed mutation at position 933 (A ↔  G) of the
dataset, and the estimated sequence divergence between them was 1%. Lineage I consisted of
four samples from the left bank of the Amazon and Negro rivers, whereas lineage II comprised
two samples from the right bank of the Negro river (Figure 3). No haplotypes were shared
between samples of the two lineages. Samples from the same clade (within-clades) exhibited
low to moderate genetic differentiation (FST = -0.0390-0.1841), whereas samples from different
clades (between clades) exhibited extremely high and significant differentiation (FST =
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0.7100-0.8497; P < 0.0001) and fixed differences (Sf = 1 to 7) (Table 3). Curiously, the samples
from Manacapuru versus the samples from the BR-174 Highway, Rio Preto da Eva and Manaus,
which are separated by smaller geographic distances (from 59.43 to 96.01 km), displayed more
fixed differences (Sf = 6 to 7) and no shared polymorphism (Ss = 0), whereas, the samples from
Manacapuru versus the samples from Cachoeira Porteira, which are separated by a larger
geographic distance (449.22 km), exhibited less fixed differences (Sf = 3) and more shared
polymorphisms (Ss = 2). Taken together, the evidence of absence of gene flow associated with
the high levels of genetic differentiation may be an indicator of genetic discontinuity between
these lineages, so they could represent incipient or distinct species. The separation time
calculated between these lineages falls in the middle Pleistocene (0.22 Mya), coinciding with
the more recent formation of the Amazon and Negro rivers [75], appointed as the most
probable evolutionary force. This vicariant event, along with the low dispersal rate of the
sandflies, and the amenable environmental conditions for adaptation and also drift are likely
to have contributed to the great genetic differentiation between the populations of the opposite
banks.

Figure 3. Collection sites of Lutzomyia umbratilis from the Brazilian Amazon. Geographic distribution inferred of line‐
age I (in red color); Geographic distribution inferred of lineage II (in blue color). Map modified from Scarpassa and
Alencar (2013) [70].
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Species Localities, State Co-ordinates N

Latitude; Longitude

L. umbratilis Cachoeira Porteira, Oriximiná, Pará 1° 28’ S; 56° 22’ W 18

BR-174 Highway, Amazonas 2° 36’ S; 60° 02’ W 15

Rio Preto da Eva, Amazonas 2° 43’ S; 59° 47’ W 15

Manaus, Amazonas 3° 04’ S; 59° 57’ W 4

Manacapuru, Amazonas 3° 14’ S; 60° 31’ W 24

Novo Airão, Amazonas 2° 47’ S; 60° 55’ W 35

N: sample size. Source: Scarpassa and Alencar (2012) [48]

Table 2. Collection sites and sample sizes of Lutzomyia umbratilis from the Brazilian Amazon.

Figure 4. Parsimony haplotypes network of the 52 haplotypes observed in Lutzomyia umbratilis. H1 to H52, haplotypes.
The haplotype circle sizes are proportional to number of individuals observed in each haplotype. Clade I is in red col‐
or. Clade II is in blue color. Empty smaller circles represent mutational events. Source: Scarpassa and Alencar (2012)
[48].
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Figure 5. Bayesian Inference (BI) topology tree of the 52 haplotypes of Lutzomyia umbratilis inferred under the TIM1+I
evolutionary model. Numbers above branch represent posterior probabilities obtained in the BI. Lutzomyia anduzei was
used as outgroup. Source: Scarpassa and Alencar (2012) [48].

Speciation in the Leishmania guyanensis Vector Lutzomyia umbratilis (Diptera: Psychodidae) from Northern Brazil…
http://dx.doi.org/10.5772/60921

95



Samples FST (Km) K Dxy Da Ss Sf

Cachoeira Porteira x BR-174 Highway 0.0522 (368.40) 3.52 0.00297 0.00017 4 0

Cachoeira Porteira x Rio Preto da Eva 0.0569*** (353.67) 2.99 0.00248 0.00017 2 0

Cachoeira Porteira x Manaus 0.0230 (394.02) 3.92 0.00332 0.00025 1 0

BR-174 Highway x Rio Preto da Eva 0.0189 (30.46) 1.48 0.00125 0.00002 3 0

BR-174 Highway x Manaus -0.0390 (56.29) 2.20 0.00187 -0.00012 3 0

Rio Preto da Eva x Manaus 0.1841 (45.35) 1.87 0.00158 0.00008 2 0

Manacapuru x Novo Airão 0.0548 (58.74) 1.81 0.00153 0.00008 4 0

Cachoeira Porteira x Manacapuru 0.7100*** (449.22) 10.19 0.00863 0.00599 2 3

BR-174 Highway x Manacapuru 0.8157*** (87.11) 9.78 0.00833 0.00673 0 6

Rio Preto da Eva x Manacapuru 0.8497*** (96.01) 8.98 0.00765 0.00653 0 6

Manaus x Manacapuru 0.8249*** (59.43) 10.42 0.00887 0.00699 0 7

Cachoeira Porteira x Novo Airão 0.7337 *** (477.49) 10.55 0.00899 0.00625 6 1

BR-174 Highway x Novo Airão 0.8197*** (107.97) 10.21 0.00869 0.00705 4 4

Rio Preto da Eva x Novo Airão 0.8439 *** (130.14) 9.43 0.00803 0.00687 1 4

Manaus x Novo Airão 0.8269*** (108.76) 10.84 0.00924 0.00731 2 5

Clade I x Clade II 0.7776*** 9.99 0.00850 0.00660 8 1

FST: pair-wise genetic differentiation; K: average number of nucleotide differences between populations; Dxy: average
number of nucleotide substitutions per site between populations; Da: number of net nucleotide substitutions per site
between populations; Ss: number of shared polymorphisms between pairs of populations; Sf: number of fixed differences
between pairs of populations. The geographic distance (in km) between localities is represented inside the parentheses.
***P = 0.00000 ± 0.0000, after the Bonferroni correction. Source: Scarpassa and Alencar (2012) [48].

Table 3. Genetic differentiation among samples and haplotype clade of Lutzomyia umbratilis.

Another study was conducted subsequently on these L. umbratilis populations, using the
Barcode region (663bp) [70]. In the 72 specimens sequenced, 32 haplotypes were observed. In
line with the results of the previous study [48], no haplotype was shared between lineages I
and II. The genetic distance between the lineages, based on the K2P model, was rather small
(0.009 to 0.010); however, they could be identified by one fixed mutation (T ↔  C transition at
position 21).

The genetic differentiation observed in these studies supports the biological and morpholog‐
ical differences reported by Justiniano [67] and Justiniano et al. [66]. These results strongly
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indicate that L. umbratilis represents a species complex with recent evolutionary history. Taken
together, these findings might explain possible differences in the vector competence of these
sandflies, a hypothesis raised by Arias and Freitas [40]. On the other hand, these results do not
support the isozyme data, which showed genetic homogeneity among populations. These
inconsistencies between markers could be attributed to incomplete lineage sorting, due to
recent divergence between L. umbratilis lineages (or distinct species) and/or distinct evolution
rates of the markers used; for instance, isozymes evolve at a slower rate than mitochondrial
DNA and are not informative markers for detecting incipient or recently diverged species.

Little is known about the natural breeding sites of L. umbratilis and, consequently, about its
biology. This knowledge is important for application in any attempt to create and maintain
colonies in laboratory conditions. The maintenance of L. umbratilis colonies could be the key
to testing the mechanisms of reproductive isolation [66,76,77], as well as the assortative mating
features between populations separated by the Negro and Amazon rivers, hypothesized as
distinct species. It is particularly important because species that have diverged very recently
are expected to share ancestral variation at high proportions, a situation that may confound
their phylogenetic reconstruction. In addition, it is likely that in young species, with a recent
divergence process, there are fixed differences only in genes involved in the speciation process.
The maintenance of L. umbratilis colonies in the laboratory would also be important to assess
the level of vector competence, based on tests of experimental infection between populations
from the opposite river banks.

Another interesting approach could be genomic population studies using multilocus analysis,
especially using loci which are involved in the different biologic aspects of L. umbratilis. This
approach will permit distinguishing the effects of natural selection from those of genetic drift.
The importance of this approach resides in the fact that genomic analyses provide more reliable
information on historic and demographic events. The effect of a specific locus (outlier locus)
helps identifying signs of natural selection in genes involved in the most variable adaptability
process, such as those related to vector competence and (or) vector capacity, thus allowing a
better understanding of vector status in distinct areas from the Brazilian Amazon.

3. Conclusion

The two genetic lineages of L. umbratilis found in these studies may represent an advanced
speciation process, indicating incipient or distinct species. This suggests that the Amazon and
Negro rivers may be acting as effective barriers, as observed in L. cruciata [45], preventing gene
flow between populations of opposite banks. Such findings have important implications for
epidemiology, especially those related to vector competence, which are vital information for
surveillance and vector control strategies in northern Brazil. Furthermore, this information
may also provide a better knowledge of the evolutionary history of this species complex, as
well as L. umbratilis represents an interesting example for speciation studies.

Finally, further studies of these populations using other molecular genetic markers, as well as
additional sampling along the river banks and within interfluves in the Brazilian Amazon, are
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clearly needed to allow a more precise estimate of the differentiation, number of clades or
distinct species. Studies of this kind are currently under way in our laboratory.
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Abstract

Research in the field of vector borne diseases and zoonozes became a topic of interest
in Serbia, during the last decade. Climate changes in the country (and the region) are
evident. Also, significantly is higher frequency of human and animal movement and
travel, especially of dogs, within the European countries, but with overseas countries
as well. The presence of vectors has already been confirmed in the country and all the
surrounding countries. Current research in the domain of infectious diseases in dogs
mostly includes diseases which drastically endanger health and population of dogs.
Some of those infectious diseases, like dirofilariosis and leishmaniasis, which are
found more or less often in dogs, cause clinical symptoms which are not obvious and
therefore they represent a danger for public health with dogs acting as reservoirs of
the infection.

Vectors necessary for the transmission of dirofilariosis are mosquitoes and for
leishmaniasis are sand flies. Vectors of dirofilariosis are mosquitoes. Female mosqui‐
toes which feed on mammals can transfer microfilaria from one infected organism to
another non infected one. Dirofilaria immitis is a nematode, intravascular parasite that
lives in bloodstream of host, usually pulmonary vessels. Prepatent period is at least
6-7 months in definitive hosts. Maturation of organisms in mosquitoes is temperature
dependant and over 14oC is needed. Diagnostic methods for dirofilariosis are many,
but several serological methods can be used: ELISA modified Knott test, immunoem‐
zyme fast test and then molecular method (PCR), etc.

Leishmaniasis is a vector borne zoonotic disease caused by a pathogen of Leishmania
species. For the transmission of the disease, sand flies are needed as vectors from
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Lutzomyia spp. Female sand flies are bloodsucking organisms which can transfer the
pathogen from one host to another during their feeding time. The presence of
Phlebotominae (commonly known as “sand flies”) has been identified in Serbia. The
most certain method for diagnostic is demonstration of the parasite from bone
marrow, splenic or lymph node aspirates, but there are other less invasive methods,
like IFAT (immunofluorescent test) and ELISA (enzyme-linked immunosorbent
assay).

Material for the research were samples from dogs and samples of vectors. In total, 292
samples of mosquitoes were collected and identified and 170 of blood samples from
dogs were examined for dirofilariosis and leishmaniasis. Methods used in the study
were modified Knott test and PCR for dirofilariosis and ELISA test for leismaniasis.
For dirofialriosis a total prevalence of the disease in dogs was found to be 15,29%,
(with different values from 3-22%) for different groups of dogs (hunting and military
dogs, dogs from asylum and pet dogs). Total seroprevalence for all 170 blood samples
was 10,59% for leishmaniasis. Overall, there is acually no difference in seroprevalnce
for leishmaniosis, between different groups of dogs (hunting and military dogs, dogs
from asylum and pet dogs). There is a reasonable doubt that leismaniasis appears as
a disease in the Northern part of Serbia, in region of Vojvodina. The presence of vectors
has been identified (Phlebotomus papatasi, Laroussius tobbi) as well as existing seropre‐
valence in dogs with and without clinical symptoms. All of this suggests that there is
an existence of the reservoirs of infection.

Keywords: dirofilariosis, leishmaniasis, diagnostics, dogs

1. Introduction

Research in the field of vector-borne diseases and zoonozes became a topic of interest in Serbia
during the last decade. Climate changes in the country (and the region) are evident, compared
to the weather conditions from 10 or more years ago in terms of higher temperatures during
the summer, higher humidity in summer, shorter spring and autumn periods, and shorter
period of low temperature during winter. The influence of climate change has already been
highlighted [1]. Also, the frequency of human and animal movement and travel, especially of
dogs, is significantly higher not only in European countries but also in overseas countries. The
importation of dogs is done on a pretty flexible basis with health status analysis only for rabies.
The presence of vectors has already been confirmed in the country and all the surrounding
countries. Current research in the domain of infectious diseases in dogs mostly includes
diseases that drastically endanger health and population of dogs. Some of those infectious
diseases, like dirofilariosis and leishmaniasis, which are found more or less often in dogs, cause
clinical symptoms that are not so characteristic and expressed. These diseases are zoonozes,
and therefore they represent a danger for public health with dogs acting as reservoirs of the
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infection. For a transmission of vector-borne diseases among dogs and from dogs to humans,
vectors are essential because a part of the pathogen’s life cycle takes place in vectors.

Dirofilariosis and leishmaniasis were earlier recognized as Mediterranean vector-borne
diseases. They both have a zoonotic potential. Vectors necessary for the transmission of
dirofilariosis are mosquitoes and for leishmaniasis are sand flies. Today there is evidence of
dirofilariosis in different countries around the world and also evidence of presence of vectors
for dirofilariosis and leishmaniasis in countries other than Mediterranean [2–5].

Dirofilariosis is a vector-borne zoonosis mostly caused by Dirofilaria immitis and Dirofilaria
repens. Even though dirofilariosis was primary known as a disease found in Mediterranean
countries only, it has spread out to the North and West of Europe through the years, so now
clinical cases of dirofilariosis can be found in middle Europe, including Serbia [6–12].

The first published research on dirofilariosis in Serbia (ex, like previously known as Yugosla‐
via) was done during the 1990s, when the first cases were discovered in humans and dogs [13–
16]. Since that time, there is a follow-up on dirofilariosis in several regions of Serbia. Diagnos‐
tics of dirofilariosis in Serbia has started approximately 10 years ago. Since 2004 until nowa‐
days, veterinary services have started a regular, routine check up in dogs for dirofilariosis.
Cases of dirofilariosis (Dirofilaria immitis and Dirofilaria repens) in Serbia have been found so
far both in humans and dogs. Several cases of dirofilariosis in humans have been represented,
and few studies have been done [17–22].

The first cases of dirofilariosis in Serbia, in dogs, were discovered as a side finding during
dissections [43]. The actual first case of canine dirofilariosis in Serbia was considered to be in
a dog imported from USA. A number of studies were done on the outbreaks of dirofilariosis
in dogs and seroprevalence in different regions [23–27]. In the northern part of Serbia,
Vojvodina province, several studies have been done during the previous period on seropre‐
valence and diagnostic methods [28–32]. Some research was also done on seroprevalence to
dirofilariosis in working and military dogs and in pet dogs [33] (Figure 1).

Figure 1. Dirofilaria immitis found in heart at dissection of a dog.
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Vectors  of  dirofilariosis  are  mosquitoes.  Female  mosquitoes  that  feed  on  mammals  can
transfer  microfilaria  from  one  infected  organism  to  another  noninfected  one.  Female
mosquitoes are vectors that can be found in high numbers in Serbia during the warm period
of the year, from May to October. Over 70 mosquito species can be vectors of dirofilario‐
sis out of 3000 mosquito species worldwide. Three of those species can be found in Serbia
—Aedes, Anopheles, and Culex [34].

Dirofilariosis can appear with different severity, from asymptomatic to mild, or it can also
progress to fatal. Definitive hosts of the parasite can be domestic dogs and wild candies, such
as wolfs, coyotes, and foxes. Reservoirs of dirofilariosis in wildlife are raccoons, wolverines,
coyotes, dears, and bears. Dirofilariosis has a zoonotic potential. Humans are not definitive
hosts for Dirofilaria, but occasionally the disease can occur, most usually under the skin or in
the eye.

Dirofilaria immitis is a nematode, intravascular parasite that lives in bloodstream of host,
usually pulmonary vessels. Prepatent period is at least 6–7 months in definitive hosts. The
maturation of organisms in mosquitoes is temperature dependant, and over 14°C is needed.
When mosquitoes feed on the blood of an infected dog, they ingest first-stage (L1) larvae
(microfilariae), which are produced over many years by the mature heartworm in the dog.
Within the mosquito, larvae mature from stage 1 to stage 3. Most of their development takes
place in the malphigian tubes of the mosquito. Once developed to the infective (L3) larval
stage, they migrate through the body to the head cavities of the mosquito, where they wait to
infect another host by leaving the mosquito during the blood meal. The prepatent period
between initial infection of the dog and the maturation of the worms into adults living in the
heart takes 6 to 7 months in dogs. The (L3) larvae of heartworms deposited by the mosquito
into dog’s skin grow for a week or two and then molt to the next larval stage (L4) under the
skin at the site of the mosquito bite. Then they migrate to the muscles of the chest and abdomen,
and 45 to 60 days after infection, they molt to the next larval stage (L5). Between 75 and 120
days after infection, these immature heartworms then enter the bloodstream and are carried
through the heart to reside in the pulmonary artery. Over the next 3 to 4 months, they increase
in size. Seven months after infection, the adult worms have mated, which has a consequence
of the appearance of microfilariae in the blood stream of the host. Microfilariae may circulate
in the bloodstream for up to 2 years, waiting for a bloodsucking mosquito. The extrinsic
incubation period required to reach the stage when microfilariae become transmittable to
another host can vary from 2 to 6 weeks, depending on the temperature. It is possible that there
are no evident clinical symptoms in a host for even a year after infection. In humans, Dirofilaria
immitis never reaches the adult stage, and they can never be found in the heart of humans
because humans are accidental hosts [34] (Figure 2).

Dirofilariosis in dogs is most frequently located in the right side of the heart, pulmonal arteries,
and rarely in the lungs. Clinical symptoms in dogs are unspecific: lethargy, weakness, fatigue,
exercise intolerance, dyspnea, cough, anorexia, weight loss, vomiting, diarrhea, collapse,
seizures, and sudden death.
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Diagnostic methods for dirofilariosis are many, but several serological methods can be used:
ELISA modified Knott test, immunoenzyme fast test, and then molecular method (PCR).
Antibodies formed against the antigens of Dirofilaria sp. can be detected by ELISA method.

ELISA is a very sensitive and specific test, easy to perform, but it has to be done in a laboratory.
There can be a false-positive reaction if there is a cross reaction with another antigen. Also,
there can be a false-negative finding, if the analysis is performed too early after the infection
and the dog still does not have a level of antibodies high enough (Figure 3).

Figure 3. ELISA method for diagnostics—positive and negative control and positive and negative samples.

Figure 2. Dirofilaria immitis taken out from the heart of a dog.
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Antibodies formed against Dirofilria sp. can also be detected by an immunoenzyme test,
usually called “fast” or “snap” tests. It is a user-friendly one- or two-step test that can be
performed anywhere. No laboratory conditions are needed for the performance of the test, so
it can be done at veterinary practice or even in the field. The results of the tests are ready to be
read within 10–15 minutes, and the sensitivity and specificity of fast tests is good compared
to the other available tests (Figure 4).

Figure 4. Immunoenzyme fast test—positive (two dots) and negative (one dot) findings.

The most “popular” and most used diagnostic test for dirofilariosis among veterinarians is the
modified Knott test. With this test, circulating microfilaria from the blood stream can be found,
colored, and seen with a microscope. The procedure is not complex but requires some
laboratory equipment; time and skills are also needed, with a good knowledge of microfilarial
morphology. This method is highly specific and sensitive in dogs, and microfilariae belonging
to different species can be determined [35].

PCR is a molecular method with which DNA of Dirofilaria immitis is detected. This is a sensitive
and accurate method to discriminate microfilariae from other different filarial worms in dogs.
It is a good conformation test and a research tool. If dirofilariosis is detected by snap tests,
ELISA, or modified Knott test, the presence of the DNA of pathogen can be confirmed by PCR
method [36].

Leishmaniasis is a vector-borne zoonotic disease caused by a pathogen of Leishmania species.
For the transmission of the disease, sand flies are needed as vectors from Lutzomyia spp. Female
sand flies are bloodsucking organisms that can transfer the pathogen from one host to another
during their feeding time. In the overview of human leishmaniasis from 2009, in Europe there
are cases described in Greece, Cyprus, France, Italy, Malta, Portugal, Spain, FYROM, and
Albania [5]. Later on, there are data published on cases of leishmaniasis in humans in Bulgaria
[37], in dogs in Romania [38], and in dogs in Hungary [39].

In Serbia, leishmaniasis is considered, so far, an imported disease, and there is no official data
that the disease exists as an autochthonous infection in humans or in animals. There are cases
of humans with leishmaniasis in Serbia, but all of them were imported from Montenegro,
FYOM (Former Yugoslavia Republic of Macedonia), or Greece during holiday season [40].
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There were some notifications about leishmaniasis in dogs during the last several years. Three
separate cases of dogs were found with clinical symptoms that could indicate leishmaniasis,
and they were found seropositive to leishmaniasis. After therapy, their condition has improved
[41, 42].

The presence of Phlebotominae (commonly known as “sand flies”) has been identified in the
southern part of Serbia a long time ago, and these vectors are known in Mediterranean
countries as vectors of leishmaniasis. During the late 1950s and early 1960s, studies were done
on the presence of Phlebotominae in the southern part of Serbia, but after that period, nothing
else was published [43]. During a previous period, several dogs were found in the region, as
clinical cases suspicious to leishmaniasis (epistaxis, cachexia, pale mucosa, skin problems,
blindness, and lethargy), with seropositive findings for this disease [42].

Figure 5. Bitch with skin lesions, positive serological finding for leishmaniasis.

Figure 6. Dog with skin lesions, positive serological finding for leishmaniasis.
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The first clinical cases of leishmaniasis in humans and dogs in Serbia were infections coming
from abroad (Montenegro, Greece, Former Yugoslavia Republic of Macedonia, and Croatia),
mostly after summer holidays. Within the last 3 years, positive findings were identified in dogs
that have never left their homes in Serbia (Figures 5 and 6) [41, 42].

Domestic and wild canines are the main host species for leishmaniasis, but the domestic dog
is the only epidemiologically important reservoir. Causative organisms are protozoa Leishma‐
nia donovani (in Asia, Middle East, and Africa) and Leishmania infantum (in Asia, Middle East,
Europe, and South America). The transmission of the disease occurs via sand fly bites, and
dogs are the reservoir hosts. Humans are accidental hosts. Transmission of the disease between
dogs and humans directly is not possible.

Clinical symptoms of leishmaniasis in dogs are nonspecific. They can be as fever, weakness,
lethargy, weight loss, muscle wasting, lymphadenopathy, pallor, anemia, thrombocytopenia,
conjunctivitis and eye problems, skin lesions and alopecia, etc.

Diagnostic procedures for leishmaniasis are several. The most certain method is the demon‐
stration of the parasite from bone marrow, splenic, or lymph node aspirates, but there are other
less invasive methods too. Serologic tests are most commonly immunofluorescent test (IFAT)
and enzyme-linked immunosorbent assay (ELISA) [44].

2. Materials and methods

Materials for the research were samples from dogs and samples of vectors. The research was
planed as serological examination of dog blood samples for dirofilariosis and leishmaniasis.
The vectors (mosquitoes) were collected, identified, and analyzed for the presence of causative
agents of dirofilariosis in the northern part of Serbia.

During spring and summer of 2014 (May–September), 292 samples of mosquitoes were
collected and identified. Collecting was done with lamps with dry ice. The identification of
mosquitoes (for gender and species) was done at Faculty of Agriculture, University of Novi
Sad. Vector identification was done with microscopic observation. The analysis of vectors for
the presence of causative agent for dirofilariosis was done by a molecular method (PCR). PCR
analysis were performed at the Scientific Veterinary Institute of “Novi Sad.” The samples were
pooled as 20 mosquitoes into one pool. In collected mosquitoes, a molecular method of PCR
was performed. DNA extraction was done with commercial kits from Quiagen (QIAmp),
during a 2-day protocol. PCR was done according to the prescription of Rishniw et al. [36].
Primers used for PCR analysis were primers 5′–3′, forward: DIDR-F1_for AGTGCGAATTG‐
CAGACGCATTGAG and reverse: DIDR-R1_rev AGCGGGTAATCACGACTGAGTTGA.
Determination was done based on 542 bp for D. immitis.

In total, 170 of blood samples from dogs were examined for dirofilariosis and leishmaniasis.
Serological analysis for dirofilariosis and leishmaniasis were done from blood samples of dogs
obtained by venous punctation. The blood samples were divided into three groups, according
to the way of life of the dogs:

• Group of hunting and military dogs (79 samples)—in this group, samples were analyzed
from dogs that are actively used for hunting. They had their owners, and they mostly did
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not receive any preventive treatment against parasites. Not one of these dogs has ever left
Serbia.

• Group of dogs from asylum for homeless dogs (64 samples)—in this group were dogs kept
in the asylum, but for a long time, and they have all received preventive treatment against
parasites annually. Not one of these dogs has ever left Serbia since they were in asylum, but
for many of them, the history of their previous life and origin is unknown.

• Group of pet dogs (27 samples)—in this group were dogs that came to veterinary practice
for numerous reasons, with nonspecific clinical symptoms, or no clinical symptoms at all.
Not one of the owners thought that their dog has dirofilariosis or leishmaniasis. Some of the
dogs have received antiparasitic prevention and some did not. Even the ones which did
receive preventive treatment did not receive it annually, only during spring and summer.
Not one of these dogs has ever left Serbia.

Methods used in the study were the following: modified Knott test and PCR for dirofilariosis
and ELISA test for leishmaniasis.

Analysis for dirofilariosis was done with the modified Knott test for the detection of microfi‐
laria in circulation. Analysis for all the samples was done on the same day of sampling or the
next day. Samples were taken with anticoagulant. The procedure of the modified Knott test
was performed according to the instructions of Genchi et al. [35]. The modified Knott test was
done in all the samples—from dogs with clinical symptoms as well as from dogs without any
clinical symptoms for dirofilariosis. Positive samples found by the modified Knott test were
then selected for molecular analysis to be done by PCR. DNA extraction was done with QIAmp
commercial kits for DNA extraction (Quiagen, by the instructions of the producer). After that,
a PCR was performed according to the protocol from Rishniw et al. [36]. The same primers
were used in the protocol of Dirofilaria DNA detection in blood samples as in mosquito samples
(primers 5′–3′):

Forward: DIDR-F1_for AGTGCGAATTGCAGACGCATTGAG and

Reverse: DIDR-R1_rev AGCGGGTAATCACGACTGAGTTGA.

Determination was done based on 542 bp for Dirofilaria immitis.

For diagnostics of leishmaniasis, same blood samples were used taken from the same dogs.
Analysis for leishmaniasis was done by ELISA method (commercial kit by Ingenaza, done by
the prescription of the producer). From blood samples, sera samples were obtained by
centrifugation. After that, blood sera samples were kept on –20°C until ELISA was performed.

3. Results and discussion

3.1. Dirofilariosis

Analysis of vectors for dirofilariosis: In total, 292 samples of mosquitoes were collected. After
determination, it was found that they belong to Culex (Culex pipiens and Culex culex) and Aedes
species. The samples were collected as random samples from different locations of the northern
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part of Serbia. In 292 mosquitoes randomly collected, the presence of DNA of causative agent
for dirofilariosis (Dirofilaria immitis) was not found. Mosquitoes were collected randomly, and
weather conditions during the collection of samples were not favorable. Weather conditions
were bad for the lamps and the collection process because there was a lot of wind and often
rain during the time of collection. Also, the outside temperature was lower than usual for that
the time of the year. The results found after the analysis of mosquito samples indicate that
sampling was perhaps not done in the best way. The samples should have been collected at
the residence of positive dogs and not from several randomly chosen locations. Also, the
weather conditions may have influenced the development of L3 larval stage of microfilariae
in the mosquito because the temperature for many days was not too much above 14°C. All of
these may have influenced the absence of Dirofilaria sp. DNA in mosquito samples.

The results of analysis of blood samples from three groups of dogs (170 samples in total) to
dirofilariosis by the modified Knott test are shown in Table 1.

Group of dogs
Total number of examined

dogs
Number of positive dogs

Percentage of positive
dogs

Hunting and military dogs 79 18 22.78

Dogs from asylum for
homeless dogs

64 2 3.12

Pet dogs 27 6 22

Total 170 26 15.29

Table 1. Results of the analysis of blood samples from three groups of dogs to dirofilariosis

In the group of hunting and military dogs, a seroprevalence for dirofilariosis was found to be
22.78%. In the group of dogs from asylum, a lower seroprevalence for dirofilariosis was found
—3.12% and in the group of pet dogs, and seroprevalence for dirofilariosis was found to be
22%. In the case of dirofilariosis, the seroprevalence of the disease in different groups was
different. It depended on the received prevention treatment against parasites and the lifestyle
of dogs. Seroprevalence was the lowest (3.12%) in dogs living in asylum with regular preven‐
tion care. These dogs received preventive treatment monthly during the whole period when
mosquitoes can be found (March/April–October). It is important to highlight that even two
positive dogs found in asylum were new dogs that came from another place, less than 1 month
previously to the sampling. The highest seroprevalence (22.78%) was found in hunting dogs
with no prevention treatment in most of the cases. Seroprevalence found in pet dogs was not
much different than the one found in hunting dogs. This would refer to the fact that not many
pet dogs are under preventive treatment, or even if they are, it is not being repeated enough
times. Most of the pet owners are not aware enough of the existence of dirofilariosis as a disease
in dogs, and so they believe that it is enough if they give the preventive treatment to their pet
dogs once or rarely twice during the whole period of the year when mosquitoes are present
(March/April–September). Also, the fact that there are no clinical symptoms in dogs usually
for a long time after infection makes the owners believe that their dog is healthy.
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During a 2-year period, 170 dog blood samples were analyzed. Most of the dogs did not have
any clinical symptoms. Only several dogs had clinical symptoms such as cough, lethargy,
tiredness, and heart failure symptoms. The modified Knott test gives us a direct overview into
the existence of larvae of Dirofilaria (microfilaria) in dogs’ circulation. A total average sero‐
prevalence for the whole three groups of dogs was found to be 15.29%, but the highest
seroprevalence was found to be in hunting and military dogs, followed very closely by pet
dogs. Hunting and military dogs live in most cases outside in backyards and are in constant
contact with vectors. They have a long time of outside activities in the regions where vectors
can be found. Also, quite a lot of dogs from this group is not protected constantly with
preventive ectoantiparasitic treatment.

The modified Knott test is a fast and reliable diagnostic tool recognized in the world as a
method for the detection of microfilaria in circulation of dogs. In veterinary practices, fast tests
can be used for routine checkup of patients. However, in the case of positive finding or if there
are recognizable clinical symptoms in a dog, a confirmation of diagnosis has to be done with
the modified Knott test. With this test, an identification of Dirofilaria can be done with
distinction between Dirofilaria immitis and Dirofilaria repens [35] (Figure 7).

Figure 7. Diagnostics of dirofilariosis by the modified Knott test.

After positive samples were found by the modified Knott test, a PCR analysis was done for
the conformation of Dirofilaria immitis. PCR analysis was done from blood samples of dogs in
which microfilariae were found (26 samples). The isolation of Dirofilaria’s DNA from 200 μl of
blood samples was done with QIAmp set kit (Quiagen). PCR procedure was done as described
by Rishniw et al. [36]. PCR is a very sensitive, specific, and accurate method with which
determination of Dirofilaria species is possible. It is more a research tool than a diagnostic tool
because it is a demanding procedure in equipment and skills. From 26 blood samples from
dogs in which Dirofilaria was found by the modified Knott test, a positive result was found by
the PCR method in 24 samples (92.3%) (Figure 8).
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Figure 8. PCR reaction for Dirofilaria immitis in blood samples of dogs positive to dirofilariosis by the modified Knott
test, determination based on 542 bp.

These data can be compared to the data collected during the last several years in the same
region by the same authors, shown in Table 2. The first official acknowledgment of dirofilar‐
iosis in Serbia was published by Dimitrijevic in 1999 [43]. After that time, several authors have
been following the development of this disease in dogs in different regions of Serbia. For the
northern part of Serbia, data have been collected for more than 10 years now.

Year Percentage of positive dog samples

2003–2004 5.9–7

2006–2007, dogs with no clinical symptoms 10–11

2006–2007, dogs with clinical symptoms 80

2010 14

2010, only pet dogs 11

2011–2013 5 human cases

2013–2014 hunting and military dogs, dogs from asylum
and pet dogs

15.29

Table 2. An overview of data collection during a 10-year period on the seroprevalence of dirofilariosis in dogs in
northern Serbia

By comparing the data during the last decade, it can be stated that there is a constant increase
of seroprevalence for dirofilariosis in dogs in Serbia over the years. After these findings were
published, diagnostic methods for dirofilariosis were introduced into the routine checkup of
dogs in veterinary practices—modified Knott test, fast test, and ELISA test. Also, fast tests
became available to the practitioners and became the mostly used diagnostic tool in veterinary
practices. Preventive treatment is present and offered to the owners, but the awareness of the
owners is not quite high enough. Further research on the presence of causative pathogen
(Dirofilaria immitis) must be done in vectors so that a risk estimation can be made. Definitely,
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dirofilariosis is present in the northern part of Serbia in the percentage that justifies the fact
that this disease should always be considered when looking at a patient in veterinary practice.
Also, there are already human cases in the region, so attention should be paid to this disease
in the meaning of “One Health” point of view.

Clinical cases of canine dirofilariosis in Serbia are still often found after dissections, and still
mostly as a side finding (Figure 9).

Figure 9. Dirofilariosis in one of the military dogs from the survey.

It appears that dirofilariosis is a disease more and more frequent in dogs, so there is more
demand for control of health status for dirofilariosis within a routine checkup in dogs. The
owners are not enough aware that disease can occur without any clinical symptoms for a
certain period of time. During the period of our study, seropositive findings for dirofilariosis
were present all the time in dogs, which makes therapy and prevention necessary in the region.

The awareness of the fact that dirofilariosis is a zoonotic disease is higher over the time, and
this makes the disease a danger for public health. Cases of human dirofilariosis are also present
in the northern part of Serbia but are still neglected within diagnostic procedure. Medical
doctors are still not completely aware of the diagnostics of dirofilariosis in humans, and there
are still no reliable, noninvasive diagnostic methods on the market [21].

Apart from the modified Knott test done from the blood samples of dogs, an identification of
the pathogen has been confirmed by PCR method too. Positive finding were gained by PCR
method, at the matching rate of 92.3% with the modified Knott test.

3.2. Leishmaniasis

During the same period of study, 170 blood samples were examined for leishmaniasis from
dogs that did or did not have clinical symptoms of the disease. After serological testing of the
samples, positive findings for leishmaniasis were gained. Blood samples were analyzed for
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the presence of specific antibodies against Leishmania sp. with the ELISA method (Ingezim
Leishmania, Ingenasa, 1.5.LSH.K.1). From total number of samples, in 10.59% of samples, the
presence of specific antibodies against Leishmania infantum was found. It is important to
highlight that not one of the examined dogs has ever left their dwelling place. In 18 dogs,
positive serological findings for leishmaniasis were obtained. Three of the examined dogs had
skin lesions that would not heal and bad skin condition in general.

The findings after the analysis of blood samples from three groups of dogs (170 samples in
total) for leishmaniasis with ELISA test are shown in Table 3.

Group of dogs
Total number of examined

dogs
Number of positive dogs

Percentage of positive
dogs

Hunting and military dogs 79 8 10.12

Dogs from asylum for
homeless dogs

64 7 10.33

Pet dogs 27 3 11.11

Total 170 18 10.59

Table 3. Results of the analysis of blood samples from three groups of dogs for leishmaniasis

In the group of hunting and military dogs, a seroprevalence for leishmaniasis was found to be
10.12%. In the group of dogs from asylum, seroprevalence was found to be 10.33%, and in the
group of pet dogs, seroprevalence for leishmaniasis was 11.11%. The total seroprevalence for
all 170 blood samples was 10.59% for leishmaniasis. Overall, there is actually no difference in
seroprevalence for leishmaniasis between different groups of dogs. There is a similar seropre‐
valence in all three groups of dogs, unlike the seroprevalence to dirofilariosis. There is a
constant presence of causative pathogen among the dog population in the northern part of
Serbia. There is a reasonable doubt that leishmaniasis appears as a disease in the northern part
of Serbia, in Vojvodina. The presence of vectors has been identified (Phlebotomus papatasi and
Laroussius tobbi) (Vaselek, unpublished data), as well as the existing seroprevalence in dogs
with and without clinical symptoms. All of this suggests that there is an existence of the
reservoirs of infection. Leishmaniasis in humans has been identified so far only in people who
have traveled to Mediterranean countries and not as an autochthonous infection. Due to
climate changes, summer temperatures and conditions in the northern part of Serbia are more
and more in favor of the life cycle of vectors—sand flies.

In our history, there is evidence of leishmaniasis in humans and in dogs in Serbia, but over 60
years ago. The first autochthonous cases of visceral leishmaniasis were found in the southern
part of Serbia (region around city of Nis) back in 1945. During the period of 1946–1949, there
were 350 registered cases of human visceral leishmaniasis in Serbia, and some cases were even
registered around city of Belgrade [45]. At that same time, about 2% of dogs in the region
around city of Nis were found to have asymptomatic leishmaniasis, and dogs were identified
as main reservoir of infection [45]. During the period from 1968 to 1969, rare cases of autoch‐
thonous visceral leishmaniasis were reported in the southern part of Serbia. At that time, the
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vectors of leishmaniasis were detected: P. major, P. simici, and P. perfiliewi [46]. In the northern
part of Serbia, the disease or vectors have never been identified before. After this period of
studies and interest of public into leishmaniasis, no more data were found, and no research
has been done until now. No vectors have been identified any more, or they were just not
looked for until 50 years later. There is a question on the existence of leishmaniasis in Serbia,
but at the moment, there is evidence of the existence of vectors and clinical disease in dogs,
with serological conformation of the disease and successful therapy. Today, Serbia is sur‐
rounded with several countries that have leishmaniasis for sure (Croatia, Montenegro, and
FYROM), countries where vectors are identified so far (Hungary), and countries in which there
is also a reasonable doubt that leishmaniasis exists in dogs (Romania). More research has to
be done, especially on vectors and reservoirs of the infection, with a precise identification of
the pathogen.
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Abstract

Schistosoma infection is a poverty-related parasitic infection, being the second most
important neglected tropical disease in the world after malaria. Schistosomiasis is
caused by five distinct Schistosoma species distributed in tropical and subtropical
areas. But, imported cases can also be seen in non - endemic areas. Human popula‐
tions acquire infection after exposure to contaminated water collections. Schistosoma
infection falls on a large spectrum of clinical manifestations that ranges from absence
of signs and symptoms to severe forms of disease. Although morbidity and mortality
have been reduced along the years after use of mass drug administration (MDA) in
endemic areas, large populations are still at risk of disability-related outcomes on dai‐
ly basis. Recently, a great deal of debate has been done over two main issues in schis‐
tosomiasis management in endemic and non-endemic areas: how to accurately
diagnosis Schistosoma infections pre and post-therapy in addition to assess morbidity
level. Adoption of promising new diagnostic tools and development of new markers
of disease progression might change the current scenario by improving schistosomia‐
sis clinical management in both community and institutional settings.

Keywords: schistosomiasis, diagnostic tests, markers of therapy response, morbidity,
community settings, institutional settings

1. Introduction

Schistosoma infection is a poverty-related parasitic infection, being the second most important
neglected tropical disease in the world after malaria. Schistosomiasis is a blood-fluke-induced
infection, which may present with acute and chronic disease forms. Schistosomiasis is caused
by five distinct Schistosoma species distributed in tropical and subtropical areas. However,
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imported cases can also been seen in nonendemic areas. Human populations acquire infection
after exposure to contaminated fresh water sources like dams, rivers, canals, lakes, and
streams. Schistosoma infection falls on a large spectrum of clinical manifestations that ranges
from absence of signs and symptoms to severe forms of disease. Although morbidity and
mortality have been reduced along the years after use of mass drug administration (MDA) in
endemic areas, large populations are still at risk of disability-related outcomes on a daily basis.
A broad spectrum of clinical manifestations and also asymptomatic infections are observed [1,
2]. Three major species, Schistosoma haematobium, Schistosoma japonicum, and Schistosoma
mansoni, and another two minor species, Schistosoma mekongi and Schistosoma intercalatum, are
recognized as the mainly pathogenic Schistosoma species that infect human populations [3, 4].
Parasite transmission occurs after contamination of water collections with Schistosoma eggs
eliminated by infected individuals, which further develop in the infective form called cercariae
in freshwater snails. The release of Schistosoma cercariae from snails is followed by skin
penetration of the definitive hosts (human and nonhuman species like buffalos in the case of
S. japonicum or rodents in the case of S. mansoni infection). In the latter, Schistosoma immature
forms evolve to adults that lay eggs, which are spread in the definitive hosts and/or eliminated
in the environment through excreta, like urine in the case of S. haematobium and stool for the
other species. In some areas, nonhuman definitive hosts are also essential to maintain
Schistosoma life cycle, such as buffalos for S. japonicum and rodents for S. mansoni [5, 6].
Schistosomiasis world distribution is essentially in tropical and subtropical areas, with more
than 90% of infected individuals living in sub-Saharan Africa [7, 8]. However, imported cases
of schistosomiasis are also becoming increasingly frequent in nonendemic areas such as
Europe. Spotlights were thrown on schistosomiasis in the recent years since elimination is
believed to be a reachable goal for some endemic regions on the globe. Education, sanitation
policies, and hygiene awareness proved to promote a high impact on infection transmission
[9]. Also, field work in different transmission areas shows that chemotherapy plays an evident
role in decreasing prevalence, parasite burden, and late morbidity [10].

Recently, a great deal of debate has been done over two main issues in schistosomiasis
management in endemic and nonendemic areas: how to accurately diagnosis Schistosoma
infections before and after therapy in addition to assess morbidity level. The adoption of
promising new diagnostic tools and the development of new markers of disease progression
might change the current scenario by improving schistosomiasis clinical management in both
community and institutional settings.

The diagnosis of active Schistosoma infection is based on the demonstration of egg excretion
by parasitological methods such as Kato-Katz (K-K), which has a low cost and can be per‐
formed in field studies. Direct egg detection achieves 100% specificity and high sensitivities
parallel with high parasite burden. However, in individuals with less than 100 eggs per gram
(epg), parasitological method loses sensitivity. Non-egg excretors are usually underdiagnosed.
Furthermore, the assessment of cure rate is unreliable postchemotherapy use [11, 12]. More‐
over, the evaluation of the effectiveness of schistosomiasis control or eradication programs
after (mass) chemotherapy is distorted. New approaches have been developed and proposed
as complementary or in substitution to K-K. New approaches such as DNA detection assays
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after (mass) chemotherapy is distorted. New approaches have been developed and proposed
as complementary or in substitution to K-K. New approaches such as DNA detection assays
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and rapid tests have evolved in the last years [13]. The accurate assessment of schistosomiasis
diagnosis, morbidity determination, and therapy response through new technologies became
suitable for use in both institutional as well as community settings. The upgrade of diagnostic
technology that encompasses the detection of active infection before chemotherapy and
monitoring of treatment response will permit advances in public health policies as well as in
individual clinical management [14, 15]. Moreover, the assessment of clinical presentation, the
disease stage, and the prognosis have been the object of progresses that go side by side with
the development of new image diagnostic apparatus. Also, biochemical, immunological, and
molecular markers have been tested for the evaluation of fibrosis, vascular damage, and even
cancer [16]. The present review aims to discuss the new surveillance strategies and their impact
on schistosomiasis clinical management.

2. New diagnostic tools in both community and institutional settings

The laboratory investigation of Schistosoma infection consists of different techniques, including
parasitological, immunological, and molecular biology methods [17-19]. Frequently, diagnos‐
tic approaches are also applied on the monitoring of drug response. In addition, the assessment
of morbidity levels can be achieved by using image tests and biochemical markers [20-22].
However, the diagnosis of active Schistosoma infection and the monitoring of therapy response
as well as the determination of morbidity levels are distinctively assessed at community and
institutional settings (Figure 1). Furthermore, in community settings, conventional or investi‐
gational tools aim to assess the efficiency of national control programs in the morbidity control
and/or elimination of transmission by measuring the prevalence and intensity of infection in
intermediary and definitive hosts [23-25]. In contrast, in institutional settings, diagnostic
approaches aim to improve clinical management of individual cases.

Traditionally, egg detection by microscopy is the major criteria for active Schistosoma infection
[24, 26]. Egg excretion can be detected by parasitological methods such as urine filtration and
centrifugation methods in the case of S. haematobium. Since S. japonicum, S. mansoni, S. mekon‐
gi, and S. intercalatum eggs are shed in the feces, egg patent infection is detected in fecal samples
by parasitological methods such as Kato-Katz test (K-K). The principal characteristics of K-K
are as follows: an easy-to-do technique, low cost, reliability, and accurate identification of eggs
in the case of Schistosoma species. Also, parasitological methods are quantitative. As a result,
parasite load can be estimated. Egg counts correlate with the intensity of being <100 eggs per
gram (epg), >100-399 epg, and >400 epg designated as light, moderate, and severe infection,
respectively, according to WHO guidelines. Furthermore, the assessment of morbidity levels
can also be roughly determined. Based on findings in high endemic areas, the elevated number
of eggs was associated with severe forms of disease. Both urine filtration and Kato-Katz test
have been applied for diagnosis and monitoring therapy response and used in field studies in
areas of transmission as well as in institutional settings. Although Kato-Katz are affordable
and suitable for low-income areas with individuals presenting with heavy to moderate
infections, Schistosoma infection diagnosis can be quite tricky to detect in individuals with acute
schistosomiasis or light infection living in nonendemic and low-endemic areas when based
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solely on microscopy [27]. Lack of egg shedding, one gender-induced infection, and daily
variability are some of the causes that directly interfere with the sensitivity of microscopy, thus
compromising the detection of Schistosoma infection and resulting in the underestimation of
“real prevalence” [15, 28]. Moreover, the erratic elimination of Schistosoma eggs makes the
determination of therapy response uncertain. In addition, some patients may present with
severe forms of disease such as neuroschistosomiasis or genital schistosomiasis without any
egg excretion detectable [13]. Strategies to overcome the lack of sensitivity of urine filtration
and Kato-Katz test include testing replicate samples of urine or stool samples and/or aug‐
menting the number of Kato-Katz slides/sample [29].

Other parasitological methods such as sedimentation, centrifugation, flotation techniques, and
miracidium hatching were developed and had improved the diagnosis of light infections by
increasing sensitivity [26, 32]. In institutional settings, tissue biopsy such as rectal snips and
liver biopsy are largely used to diagnose active infection in non-egg excretors despite its
invasiveness [31]. Eventually, surgical specimens reveal previously undiagnosed schistoso‐

Figure 1. Schistosomiasis flowchart for clinical management in community and institutional settings. Conventional
and new tools to diagnosis, determination of response to therapy, and morbidity assessment are indicated under com‐
munity and institutional settings in hierarchic order. Bellow conventional tests, new tools were depicted according to
the strength of literature evidence (red boxes). Approaches still under investigation and/or diagnostic platforms that
show debatable results are inside the gray boxes. PM: parasitological method; US: ultrasonography; PCR: polymerase
chain reaction; RDT: rapid test (POC-CCA /POC-CAA); FOB: fecal occult blood; CT: computed tomography; MRI:
magnetic resonance imaging.
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miasis. Except for rectal snips, histological examination is not quantitative, lack of information
on parasite burden does not preclude clinical assistance.

Albeit the availability of diverse parasitological methods and tissue biopsies as alternatives to
the reference test (Kato-Katz), nonparasitological methods were also developed to overcome
microscopy false-negative results. This is the case of immunological tests, which have become
more useful for showing active infections in recently exposed individuals, such as travelers or
chronically infected immigrants residing in nonendemic areas [32]. In areas of transmission,
immunodiagnosis is a suitable tool for surveillance in low endemic areas [29]. Several immu‐
nodiagnostic tests were developed, but currently the ELISA-based assays using egg antigen,
cercarial, or adult worm antigens have been extensively used [33]. In addition, recombinant
proteins and peptides have been potential targets [34-36]. Despite its infrequent use in National
Programs for Schistosomiasis Control, serology is a potent auxiliary diagnostic approach that
permits the diagnosis of non-egg excretors. However, the presence of active infection may be
undermined by persistent reactivity despite successful treatment [13, 29]. Although immu‐
noreactivity does not correlate with the intensity of infection, data have demonstrated that
isotypic immunoresponse may reflect morbidity levels [37, 38].

Moreover, rapid tests (RDT) for the detection of Schistosoma antigens like circulating cathodic
(CCA) and anodic (CAA) antigens and DNA detection assays have proven to be an advanced
and feasible strategy for diagnosing Schistosoma infection despite the absence of their use as
routine diagnostic approaches [13, 39]. See detailed comments in Table 1. During active
infection, gut-produced Schistosoma glycoproteins - POC-CCA and POC-CAA - are detectable
in the blood, urine, and stool. At individual level, results revealed that both CAA and CCA
ELISA-based assays can be quite sensitive to detect active infection early after exposure in
travelers even in the cases of light infections. Also, the tests allow a quantitative assessment of
antigen levels, which correlates with the intensity of infection [40]. Point-of-care platforms
(POC) have been applied to estimate infection prevalence with high accuracy in field studies
in high and moderate endemic areas [41, 42]. Although research groups claim that CCA and
CAA might be a suitable substitute for Kato-Katz test, its performance is still debatable in low
endemic areas [43, 44]. RDT for hematuria (urogenital schistosomiasis), fecal occult blood
(FOB), and calprotectin detection (entero-schistosomiasis) are also point-of-care approaches,
which have been shown to have fair association with egg-patent infections with dual use as
diagnostic tools and markers of morbidity [25, 45]. Although strong evidences support the
usage of hematuria detection by RDTs, larger studies are still necessary to establish the
usefulness of FOB and/or calprotectin detection in cases of light infection commonly found in
low endemic areas.

3. Assessment of morbidity and drug response in community and
institutional settings

Sanitation and community health education in addition to chemotherapeutic intervention are
measures that effectively contribute to the control and/or elimination of Schistosoma infection
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in several endemic areas and the resolution or attenuation of progressive forms of disease at
individual level [10, 46, 47]. However, the determination of the effects of these measures, in
particular, drug intervention, still presents as a challenge (Table 1). Tests like microscopy have
low sensitivity and underestimate cure rates especially in non-egg excretors. Day-to-day
variations in egg excretion contribute to the misdiagnosis of schistosomiasis elimination after
treatment [15]. The evaluation of drug response in individuals previously diagnosed by tissue
biopsies is also troubled since the procedures might be invasive like brain or spinal cord
biopsies in neuroschistosomiasis [48]. In immunoreactive egg and non-egg excretors submitted
to PZQ treatment, it was shown that reactivity against several proteins mostly related to
parasite musculature or glycolytic metabolism is enhanced after therapy [49]. Immunoreac‐
tivity might persist for long periods of time despite effective drug response, although sero‐
conversion may occur in some individuals. Nonetheless, in low-endemic areas,
immunodiagnosis has proven to be a valuable tool for schistosomiasis surveillance [50].
Changes in immunoreactivity in controlled areas can be used as an indicator of maintained
transmission and/or active infection in community settings [51]. Therefore, the assessment of
drug response is a hot topic in the schistosomiasis and development of new tools became an
urgent matter (Table 1). Investigations have shown a potential role in drug response assess‐
ment with the use of rapid tests and DNA detection assays [14, 52].

Traditional Tools Investigational Tools

Community
Settings

Tests Characteristics/Observations Tests Characteristics / Observations

Vector control Light Exposure
Test
(Cercarial
shedding
detection)

For determination of
transmission control,
elimination or erradication.
Inaccurate. no species
identification; Test does not
detect prepatent infections; no
assessment of early post-control
measures in snail infection rates.

Antigen
Detection

Detection in 2nd week post-infection
(pi); secretion by live larvae; group
specific. Not commercially available
assays.

DNA- based
assays

Detection in 1st week pi; quantitation
of parasite load (real -time PCR;
specie-specific identification.
Mapping foci of vector snails and
monitoring transmission. In house
assays.

Non-human
Hosts

Parasitological
Methods
(Egg detection)

Traditional methods which are
simple, cheap and effective for
Schistosoma detection.

CCA-dipsticks
(urine lateral
flow test)
Serology (IgG/
IgM)

Detection of active infection
independent of patent egg-excretion
in primate non-humans. Only
determination of genus but not
species.
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Traditional Tools Investigational Tools

Community
Settings

Tests Characteristics/Observations Tests Characteristics / Observations

Defines exposure to Schistosoma. In
chimpanzee populations serology
present high sensitivity but reactivity
may persist for years after infection
has been cleared.
Comercial available test.

Humans Hosts
Sanitation /
Education

Questionaries
Parasitological
Methods
(Egg detection)
Serology

Questionnaries are applied to
identify high - risk populations
and permits assessment of
Schistosoma infection
Parasitological tests are
quantitative methods. Low price
per test. Used for Screening
sentinel populations like school
children.See more comments
below.

DNA- based
assays1

Identification and mapping of
Schistosoma endemic areas.
DNA based assays are powerful
tools for detection of Schistosoma
active infections. DNA detection
show better performance even in
light infection (low parasite loads)
or despite absence of egg excretion.
Mostly tested in “small” studies.

Chemotherapy Parasitological
Methods
(Egg detection)

Microscopy is highly sensitive
and specific to detect egg-patent
infections. Day-to-day
variations on egg excretion is a
limitation. Absence of egg
excretion post-treatment may
not represent response to
therapy. Cure rates determined
in different S. mansoni and
S.haematobium infections are
variable (49.2 to 98.40%) [53, 54].
Understimates reinfection and
also incomplete cure.

DNA-based
assays1

DNA detection has higher
sensitivity after use of
chemotherapy. Persistent DNA
amplification in both egg excretors
and non-egg excretors strongly
suggest no response to therapy.
Presents good performance
compared to parasitological
methods to determine effect of
MDA. Cure rates calculated by
different DNA - based assays in
distinct populations and by different
Schistosoma species may varie from
21.1 - 30.7 to 75.6% [55, 15].
Persistence of DNA amplification
until 6 months and post- 6 months
after treatment might suggest
incomplete infection and reinfection,
respectively DNA-based assays for
Schistosoma infection detection are
not currently commercially
available.

Serology Loss of sensitivity of
microscopy has been replaced in

Rapid Test POC-CCA maintains higher
sensitivity than parasitological
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Traditional Tools Investigational Tools

Community
Settings

Tests Characteristics/Observations Tests Characteristics / Observations

some control programs by
serology which may remain
reactive for extended periods
post effective drug use. In areas
submitted to several rounds of
chemotherapy, low and/or
absence of reactivity might
represent control of
infection.Long periods of
obsevation are necessary to
determine Schistosoma infection
“real status”. Reinfection or
incomplete cure may not be
assessed.

methods after PZQ use. However,
specificity may be compromised by
the presence of persistent low
reactivity ( trace positive samples)
post-chemotherapy.Cure rates may
vary from 23.3 - 26.1 to 40.7- 47.8%
[42, 54]

Institutional
Settings

Chemotherapy Parasitological
Methods
(Egg detection)

Assessment of post-therapy
response by parasitological
methods in clinical wards has
similar advantages and
limitations as in community
settings. In immigrants (long
gone from endemic areas) and
recently exposed travelers,
absence of egg excretion pre-
therapy represent an obstacle.
Ova detection is inappropriate
to determine therapy response
in these groups. See above other
coments.

DNA-based
assays1

DNA-based assays are a reliable tool
to detect response to therapy in
distinct clinical specimens. Absence
of DNA amplification correlates
with response to therapy in
individuals treated in Travel
Medicine Clinics
[56].In case of therapy failure,
maintained DNA amplification
correlate with persistence of clinical
signs, symptoms and pathological
abnormalities associated to therapy
failure [57]. Usefulness of DNA-
based assays to detect past infection
incomplete cure for non re-exposed
individuals has to be established
with large studies [58].

Tissue Biopsy No viable eggs in rectal snips
show good correlation with
response to therapy. However,
tissue biopsy (rectal snips, liver
biopsies) are invasive
procedures. And, lack of ova
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Traditional Tools Investigational Tools

Community
Settings

Tests Characteristics/Observations Tests Characteristics / Observations

detection may not represent
absence of active infection [59].

Serology Immunoreactivity persistence
for years after effective therapy
is the major limitation. Negative
seroconversion representes
response to therapy and it is
observed in some individuals
[56]. But, assessment of therapy
failure is mostly difficult [59].

Transplant Tissue Biopsy Donnor and organ-recipients
from endemic areas with /
without transaminase
alterations can be screened by
tissue biopsy [60]. But, negative
tissue samples do not rule out
active infection.

DNA- based
assays1

Further studies are necessary.

1DNA based assay - conventional PCR, real-time PCR and LAMP (Loop-mediated isothermal amplification)

Table 1. Effectiveness of interventions in surveillance programs and monitoring therapy response in clinical
management: use of traditional and investigational tools.

RDTs for antigen detection have been largely used for population studies to evaluate post‐
therapy response and efficacy [42, 43]. In areas of moderate and high endemicity, therapy
response represented by decrease or disappearance of antigen detection may represent cure.
However, in light infections, rapid test accuracy is reduced with maintained antigen detection
in individuals without infection. The use of antigen detection assays is a debatable matter to
measure posttherapy response. In contrast, DNA assays seem to be a suitable marker of drug
response. Cure is determined by the absence of DNA amplification postchemotherapy use,
while persistent DNA amplification correlates with nonresponse to therapy [15].

Schistosomiasis presents as a large spectrum of manifestations and disease severity during
acute and chronic phases. Usually, imaging tests and/or biological markers are required to
confirm diagnosis, to assess morbidity, and to stage disease progression [21, 22]. Image tests
such as ultrasonography became revolutionary to assess urogenital S. haematobium infection
and S. mansoni liver disease [61]. In both community and institutional settings, conventional
ultrasound (US) examination is a well-standardized test to assess bladder and liver fibrosis,
which is the hallmark of disease progression in urinary and intestinal schistosomiasis,
respectively [62-65]. US predicts disease prevalence rates and is a reliable noninvasive
indicator of morbidity levels which aloud disease staging [64, 66]. However, morbidity
measurement in a multivariate clinical manifestation infection like schistosomiasis is no easy
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task. Targeting one compartment to measure schistosomiasis morbidity might not be enough
since some clinical presentations can affect a single compartment like in neuroschistosomiasis
and others. In intestinal Schistosoma infection, independent hepatosplenic forms are the most
common clinical presentation after asymptomatic S. mansoni infection. However, in contrast
to hepatic schistosomiasis, the study of disease progression by using image and/or biochemical
markers is still poorly developed [21]. Promising new approaches such as capsule endoscopy
have been introduced, but large-scale studies are still necessary to evaluate the usefulness of
the method [67]. In hepatosplenic forms, vascular gastropathy and colopathy can be indicators
of portal hypertension severity [68]. The assessment of vascular alterations in superior
gastrointestinal tract are used to determine schistosomiasis levels of morbidity through the
use of upper digestive endoscopy in association with conventional ultrasonography and
Doppler imaging [66]. In institutional settings, transient elastography, magnetic resonance,
and computerized tomography might give supplementary information regarding fibrosis
progression and vascular status, although standardization is necessary especially for disease
staging [22, 69]

4. Conclusion

In community settings, concerns have been increasing on the effectiveness of schistosomiasis
control interventions like MDA over the years. The low accuracy of the reference test to detect
active Schistosoma infection and the improper estimates of cure rates jeopardize the truthful
analysis of drug intervention, which compromises the effectiveness of surveillance systems.
In clinical settings, underdiagnosed schistosomiasis and inadequate morbidity assessment also
increase the burden on public and private health systems. In order to change this scenario,
new diagnostic tools, markers of treatment response, and morbidity assessment have been
developed over the years showing promising results. Nonetheless, efforts still have to be made
to find a single cheap and easy-to-do approach that is suitable and reliable for diagnosis,
treatment evaluation, and disease staging in community and institutional settings.
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Abstract

Schistosomiasis is a debilitating disease caused by trematode worms of the genus
Schistosoma. Three members Schistosoma mansoni, Schistosoma haematobium, and
Schistosoma japonicum are responsible for the great majority of human infections.
Schistosomiasis is widespread in sub-Saharan Africa, several countries of the Mid‐
dle East, South America, and South-East Asia. Vaccination against the infection
would be the most reliable way to combat the infection and decrease or interrupt its
transmission, but a commercial vaccine is still unavailable. Praziquantel (PZQ) is
the only drug considered for schistosomiasis treatment as it is effective against the
major human schistosomes, commercially available, cost-affordable, and elicits lim‐
ited side-effects. Several reports documented the highly significant PZQ efficacy in
treatment of light infections in areas of low S. mansoni and S. haematobium endemici‐
ty and PZQ use. Chemotherapy with PZQ alone of patients residing in regions of
high schistosome endemicity and afflicted with light, moderate, or heavy infection
is not efficacious. Accordingly, we propose implementation of cost-affordable
arachidonic acid (ARA), a polyunsaturated omega-6 fatty acid and efficacious in vi‐
tro and in vivo schistosomicide, for oral therapy of children with Schistosoma manso‐
ni and Schistosoma haematobium light infection, as adjunct to PZQ for cure of
children with moderate and heavy infections, and for counteracting schistosome re‐
sistance to PZQ that arises in endemic areas exposed to repeated and intense PZQ
mass treatment campaigns.

Keywords: Praziquantel, Arachidonic acid, Schistosomiasis, Chemotherapy, Com‐
bination chemotherapy
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1. Introduction

Schistosomiasis is a debilitating disease caused by dioecious (having separate sex) trematode
worms of the genus Schistosoma. Three members, Schistosoma mansoni, Schistosoma haematobi‐
um, and Schistosoma japonicum, are responsible for the great majority of human infections.
Schistosomiasis is also called snail fever as the schistosomes' life cycle comprises asexual
reproduction in an appropriate, fresh water snail. Actually, it is the presence of the specific
snail vector that determines the prevalence of the disease, as infection is exclusively caused by
the larvae (termed cercariae) shed by infected snails. The cercariae of S. mansoni, S. haematobi‐
um, and S. japonicum swim in fresh water and soon die if they fail to land on the skin of humans
or other suitable mammalian hosts. The cercariae then penetrate the epidermis, linger there
for one (S. japonicum) to three (S. mansoni, S. haematobium) days or more until extensive
biochemical changes end by setting a protective, outer double-lipid bilayer armor. The larvae,
now termed schistosomula, exit to the dermis and then make their way into dermal venous
capillaries, en route to the lung and then liver. There the parasites start to feed and rapidly
grow and mature, and the male carrying the female into its ventral gynecophoric groove or
"schist" migrate to permanent residence in the inferior mesenteric (S. mansoni, S. japonicum) or
the peri-vesical (S. haematobium) venous plexus. Until then, the worms are nearly innocuous
causing very limited harm, especially in endemic regions. With the onset of female parasite
egg deposition, harm starts and progresses into overt diseases [1-5].

To continue the life cycle, the ova must egress the mammalian host vasculature to the exterior
to locate the intermediate snail host where asexual reproduction takes place. The parasite
dwelling is nearest to the outlets of the lower colon and rectum via feces and the urinary
bladder with urine. Eggs release proteolytic and other hydrolytic enzymes to transit the blood
capillaries, and thereafter the large intestine (or urinary bladder) wall into the lumen. Besides
releasing host matrix digestive enzymes, S. mansoni and S. haematobium additionally depend
on the sharp, lateral and terminal spine, respectively. The massive daily egg migration,
trapping, and calcification lead to edema, congestion, ulcers, lesions, petechial hemorrhage,
necrosis, hyperplastic and hypertrophic changes, fibrosis, and excessive nodules and polyps
formation in the intestine, symptoms collectively known as intestinal schistosomiasis [1, 2].
Continuous egg transit via the wall of the lower urinary tract to the lumen causes even more
damage to the urinary tract and bladder, the severe symptoms of urinary schistosomiasis [3].
Beside the egg-induced overt mechanical injury and lesions, the presence of parasite molecules
within the extracellular matrix signals danger and expectedly contributes to intense and
prolonged generation of inflammatory mediators [4].

The "plat de resistance" is still away, as the most severe injury does not result from the eggs
that escape to the exterior but from the eggs that fail to do so. Eggs trapped in the wall of the
intestine or urinary tract drift and eventually accumulate in tissues of other organs, namely
the liver, where they remain viable for approximately three weeks, and release soluble egg
antigens (SEA) via their microscopic pores. The host responds to these insults through vigorous
immunologic reactions. These intense immunological reactions are injurious to the host, not
the egg that remains unscathed, until its viability becomes exhausted. Lymphocytes, eosino‐
phils, basophils, and macrophages accumulate around the egg in attempt to prevent its
contents from seeping and disseminating, thus forming large granulomas. The granulomas
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gradually begin to encompass the entire organ, progressing to fibrosis with excessive accu‐
mulation of collagen and extracellular matrix proteins, obstructive vascular lesions, vascular
hypertension, neo angiogenesis, splenomegaly, esophageal varices, and signs of hepatocellular
(S. mansoni) or kidney (S. haematobium) failure [1-3, 5].

The transiting eggs-induced mechanical injury and the immunological reactions to the
entrapped eggs manifest into colitis, diarrhea, blood in stool or urine, abdominal discomfort
and pain, urodynamic abnormalities, fatigue, lower exercise and work tolerance, impaired
cognitive capacities, and retarded development. Chronic infection leads to organ dysfunction,
intense vascular complications, and additionally, predisposes to other even more severe viral
and bacterial infections, cancer development, and ultimately death [1-3, 5].

Detection of eggs in stool specimens is the gold standard for diagnosis of the infection. In
chronic infections, i.e., in adults residing in endemic areas, continuous egg deposition and
migration via the wall of the lower intestine and the urinary bladder and tracts generate fibrosis
in the submucosa and hypertrophy in the muscularis mucosa, and consequently, a barrier is
raised to the usual route of ova transit from the surrounding veins to the lumen of the gut or
urinary bladder [2, 3]. Expectedly, the gold standard method of egg detection is entirely
unreliable in chronic infections. Diagnostic methods based on serological detection of anti‐
bodies to the parasite antigens do not lack sensitivity, but lack specificity and additionally may
not be used to monitor the outcome of therapy or to differentiate between present and past
infection. Diagnostic methods based on antigen detection in serum, urine or stool, and saliva
lack both sensitivity and specificity and together with the methods based on molecular biology
advances are cumbersome, costly, and none has been adapted for routine screening in endemic
regions, all situated in the developing world [5 and references therein, 6]. Epidemiological
surveys are costly and require thorough scientific and political involvement, both often failing
in developing countries. Based on the above, it may be foreseen that the figures on the
prevalence of schistosomiasis, namely 252 million infected, are a gross underestimate. Yet, it
is certain that the figures of 800 million persons, namely children, residing in rural areas are
at risk of the infection, and yearly deaths as high as 200,000 are correct [6-9]. Schistosomiasis
is widespread in sub-Saharan Africa, several countries of the Middle East, South America, and
South-East Asia [6-10]. Vaccination against the infection would be the most reliable way to
combat the infection and decrease or interrupt its transmission, but a commercial vaccine is
still an unmet clinical need. Praziquantel is the only drug considered for schistosomiasis
treatment as it is effective against the major human schistosomes, commercially available, cost-
affordable, and elicits limited side-effects [reviewed in 5, 11, 12].

2. Chemotherapy

2.1. Praziquantel

2.1.1. Structure and schistosomicidal effects in vitro and in experimental animals

Praziquantel (PZQ), C19H24N2O2 (2-cyclohexylcarbonyl-4-oxo-1,2,3,6,7,11b-hexahydro-4H-
pyrazino[2,1-a]iso-quinolin-4-one) (Figure 1) is a hydrophobic molecule of molecular weight
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312.4 g/mole, for all this lengthy formula, smaller than the molecular weight of cholesterol
386.6 g/mole), which schistosomes cannot synthesize de novo and rely on absorption from the
host via the tegument [13].

Figure 1. Structure of praziquantel.

Because of its small molecular weight and hydrophobic nature, PZQ may access and interact
with the schistosome outer lipid bilayer, expectedly causing disruption, degeneration, and
disintegration. Adult S. mansoni were exposed in vitro to 1, 10, or 100 μg/ml PZQ for 5, 15, 30,
or 60 minutes, and examined by light and electron microscopy. Severe body contraction and
complete cessation of movement were associated with the appearance of numerous small areas
of vacuolization and vesicle formation distributed all over the parasite surface, their number
increasing with PZQ concentration and exposure time and eliciting disruption of the apical
tegumental layer [14, 15].

Mice orally treated with 500 mg/kg PZQ seven weeks following infection with S. mansoni
showed dislodgment of the worms from the veins of the intestine to the portal circulation, and
pronounced vacuolization of the tegument as early as one hour after treatment, indicating that
in vitro and in vivo likewise, PZQ suddenly and abruptly affects the worm physiology. Soon
after, neutrophils and eosinophils attached to the bleb-like vacuoles and succeeded in infil‐
trating the interior of the worms leading to progressive internal lysis and eventually total
disintegration [15]. Yet, several reports indicated that 21- and 28-day worms are less sensitive
to PZQ action in vivo [16, 17].

Lung-stage schistosomula were recovered one hour after treatment of 6-day S. mansoni-
infected mice with 0 or 200 mg/kg PZQ, and examined by indirect membrane immunofluor‐
escence using chronic infection serum. Larvae recovered from untreated mice were entirely
negative, a finding we repeatedly confirmed decades later [11, 12 and references therein].
Larvae harvested from PZQ-treated hosts revealed exposure of hitherto hidden surface
membrane molecules, likely consequent to interaction of PZQ with the lung-stage schistoso‐
mula apical lipid bilayer [18]. Proven PZQ-mediated exposure of larval and adult S. mansoni
surface membrane antigens to hitherto barred antibody access suggested that PZQ in vivo
action is due to the synergy between its direct effect on the worm and host-immune effectors,
principally antibody-dependent cell- and complement-mediated cytotoxicity and granulo‐
cytes cytolytic action [19-22].
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Praziquantel was shown to be equally effective against S. haematobium and S. japonicum in vitro
and in vivo, inducing spastic paralysis, tegumental vacuolation and disruption, and surface
membrane exposure to host antibodies and other immune effectors [23-25].

2.1.2. Mechanism of action

The pyrazino-isoquinoline ring system of PZQ represents a completely novel structure in anti-
helminthic chemotherapy, and additionally, its schistosomicidal mode of action is not
intuitively clear [26]. The most immediate PZQ effect, at least in vitro, is dramatic parasite
contraction and spastic paralysis, followed by outer membrane vacuolation, blebbing, and
disruption. Thus, one hypothesis to explain PZQ mode of action is that the drug inserts itself
in the membrane, destabilizes the double lipid bilayer [27-29], and subsequently interacts with
muscle filaments. Due to its size and hydrophobic nature, PZQ likely intercalates within the
phospholipid molecules of the worm apical lipid leaflets, undergoes hop diffusion in the
plasma membrane, and permeates to access tegumental actin, myosin, and/or tropomyosin
[27-30]. Adult worms' surface spines are crystalline structures consisting of filaments of actin
that interact directly with the apical and basal membranes [31, 32]. Actin is present in the
surface membrane tubercles and in the tegument [33]. More importantly, actin molecules are
known to form a mesh or fence underneath surface plasma membranes [30, 34, 35]. Putative
interaction of PZQ with actin in spines, tubercles, and tegument would affect its polymeriza‐
tion status, leading to surface membrane disruption. Pre-incubation of parasites in the presence
30 mM magnesium before exposure to PZQ prevented contraction and tegumental disinte‐
gration in all worms [36]. This finding, coupled with the recent report showing magnesium-
dependent modulation of myosin and actin functions, [37] may be construed to indicate that
PZQ directly interacts with the parasite myosin and actin.

We have taken advantage of the Claisen Condensation Reaction to irreversibly bind the
otherwise inert PZQ to cellulose acetate membrane and thus use affinity chromatography to
isolate the parasite surface membrane molecule(s) that most selectively bind to PZQ. Amino
acid microsequencing and immunogenicity studies indicated that PZQ preferably binds to
schistosome actin at the exclusion of other adult worm surface membrane antigens. We have
proposed that PZQ accesses actin of schistosomes and induces its polymerization, with
subsequent parasite contraction and tegument disruption [38, 39]. Cytochalasin B disrupts
actin polymerization by capping the fast-growing end of actin filaments. Pre-treatment of adult
S. mansoni with cytochalasin B did not entirely prevent worm contraction and immobility, yet
rendered the parasites refractory to killing by even exceedingly high PZQ concentrations. The
results may easily be construed to indicate that PZQ-mediated actin polymerization is the
major mechanism of PZQ killing [40]. Ramaswamy and colleagues expressed the cDNA library
of S. mansoni on the surface of T7 bacteriophages and screened the displayed proteins with
labeled PZQ. The results indicated PZQ binds to the N-terminal end of myosin light chain and
to actin, and further revealed that S. mansoni myosin light chain is phosphorylated in vivo
upon binding to PZQ [41].

The second major PZQ effect is abnormal calcium influx in the worm, leading to hypothesizing
that voltage-gated calcium channel(s) on the surface of the worm is the elusive target of PZQ
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action [42-46]. However, Cioli and colleagues failed to detect the correlation between PZQ-
induced intra-worm calcium influx and parasite death [47]. In support, incubation of S.
mansoni worms in the presence of seven different calcium channel blockers gave insignificant
protection against PZQ lethal action except for nicardipine and nifedipine, which nevertheless
did not prevent the spastic paralysis observed in worms observed in schistosomes exposed to
PZQ, and allowed 50% of the worms to be killed by 3 μM PZQ. In contrast, all worm survived
exposure to 36 μM PZQ following pre-treatment with the actin depolymerizing agent,
cytochalasin B [40].

2.1.3. Safety and efficacy

Extensive use of PZQ for treatment and control of schistosomiasis requires a comprehensive
understanding of efficacy and safety:

a. Of various doses for different Schistosoma species. PZQ is active against all schistosome
species that infect humans. A multicenter, randomized, controlled trial of the efficacy and
safety of single-dose PZQ at 40 mg/kg versus 60 mg/kg for treating intestinal schistoso‐
miasis in the Philippines (S. japonicum), Mauritania, Tanzania, and Brazil (S. mansoni)
enrolled 856 patients, aged 10-19 years and with ≥  100 eggs per gram of feces (epg). A
total of 666 (78%) reported adverse reactions, mostly abdominal pain, at 4 hours after
administration with no highly significant differences between doses. Both doses were
highly effective, as in Day 21 cure rates were 91.7% (86.6%-98% at individual sites) with
40 mg/kg and 92.8% (88%-97%) with 60 mg/kg, suggesting there is no significant efficacy
advantage of the 60 versus standard 40 mg/kg for therapy of intestinal schistosomiasis.
Of note, there were no differences in efficacy outcomes with variations in transmission
and infection intensities across the sites [48]. A meta-analysis of comparative and non-
comparative clinical trials on PZQ clinical efficacy and tolerability for intestinal and
urinary schistosomiasis, involved 19,500 patients, largely children, in 24 countries and 82
sites. Again, approximately 60% of the subjects receiving 40 mg/kg PZQ reported adverse
reactions, namely abdominal pain. The WHO-recommended dose of PZQ 40 mg/kg
achieved within 8 weeks cure rates of 94.7% (92.2-98.0) for S. japonicum, 77.1% (68.4-85.1)
for S. haematobium, 76.7% (71.9-81.2) for S. mansoni, and 63.5% (48.2-77.0) for mixed S.
haematobium/S. mansoni infections; the data revealed efficacy in some sites was signifi‐
cantly lower than expected [49].

b. For low, moderate, and heavy infections. In a study performed in 2009-2010, PZQ-
mediated cure rates in 588 school-age children of S. mansoni endemic El Rouse village in
Kafr El Sheikh at 4 weeks after a single PZQ dose of 40 mg/kg were 83%, 76%, and 54%
for light (<100 epg), moderate (100-400 epg), and heavy (>400 epg) infection, respectively,
indicating that pre-treatment intensity of infection has a great influence on PZQ efficacy
[50]. Decrease of cure rates with increasing pre-treatment egg counts was also observed
among 611 S. mansoni-infected schoolchildren from three schools in northeast Ethiopia.
Side-effects and symptoms, especially abdominal cramps, vomiting, diarrhea, and
dizziness were reported by 91% of the children and were more pronounced in those with
high pre-treatment egg excretion [51]. Among 253 S. mansoni-infected children in western
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Côte d'Ivoire treated with 60 mg/kg PZQ, there was a significant (P<0.01) association
between cure rate and intensity of infection prior to treatment with highest cure rates
observed in light infections [reviewed in 52]. Highest cure rates against S. haematobium
infection among 675 primary schoolchildren in Zimbabwe were observed in those with
light baseline infection; yet, a wide range of observed mild and transient side effects were
not associated with egg intensity [53]. The remarkably low cure rates obtained from people
with heavy S. mansoni or S. haematobium infections led King et al. [54] to advocate the
repeat of PZQ treatment 2-8 weeks after the first dose. We have recently performed a study
involving 260 S. mansoni-infected schoolchildren in Kafr El Sheikh, Egypt. Cure rates 6
weeks after a single dose of 40 mg/kg PZQ were 60%, 42%, and 20% for light, moderate,
and heavy infections, respectively [55], fully supporting the observation that PZQ efficacy
greatly decreases with the increase of baseline infection levels.

c. In areas of low endemicity/limited PZQ treatment versus areas of high endemicity and
massive, repeated PZQ administration. In our recent study involving 66 school-age
children in low S. mansoni endemicity villages of Menoufiya, Egypt, PZQ cure rates at 4
weeks following treatment with a single dose of 40 mg/kg PZQ, were 87% and 83% for
light and moderate infections, respectively, significantly higher than cure rates achieved
in the high S. mansoni endemicity villages of Kafr El Sheikh [55, 56]. Our findings fully
support the observations of King et al. [54] who reported that for subjects with S. manso‐
ni or S. haematobium infection, cure rates were higher in communities having lower initial
prevalence. Indeed, in Cameroon regions with low prevalence of schistosomiasis, and in
Senbete Town, northeast of Ethiopia, treatment of schoolchildren with a single dose of 40
mg/kg body weight resulted into cure rates of 80-95%, with the majority of children
reporting drug-related symptoms and malaise as late as 24 hours after treatment [57, 58].
Conversely, a single oral dose at 40 mg/kg body weight induced only approximately 60%
reduction in prevalence and epg in <10-14 year-old schoolchildren In Wondo Genet,
southern Ethiopia, region with school age children prevalence rate of 75%, i.e., high-risk
communities. Approximately 83% of S. mansoni-infected children complained of head‐
ache, nausea, abdominal pain, bloody stool, vomiting, and fever at 24 hour post-treatment.
These symptoms were associated with age (P<0.001) and pre-treatment intensity of
infection (P<0.05) [59].

A study was performed along the high endemicity shores of Lake Victoria after 12.5 years of
massive and repeated PZQ use involving 178 S. mansoni-infected men. The overall cure rate
after a single PZQ dose was 66% ranging from 36% to 82%. Of note, treatments administered
in 2006 were significantly more likely to result in cure failures than treatments administered
in 2004, the year in which PZQ efficacy was highest [60]. Similar observation was also reported
for S. mansoni-infected schoolchildren in Kafr El Sheikh, Egypt. Thus, in a study performed in
2009-2010, PZQ-mediated cure rates in school-age children of S. mansoni high endemicity El
Rouse village in Kafr El Sheikh were 83%, 76%, and 54% for light, moderate, and heavy
infection, respectively, 4 weeks after a single PZQ dose of 40 mg/kg [50]. These cure rates were
distinctly higher than those obtained in in the same areas at 6 weeks after PZQ therapy,
suggesting reduction in PZQ efficacy 3 years later, following intense and repeated PZQ
administration [55].
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2.1.4. Evidence for worm resistance to PZQ

Twenty years after its introduction, PZQ remains the drug of choice despite treatment failures
and emergence of resistance being reported.

First indications on worm resistance to PZQ appeared in the Senegal River Basin, whereby 117
out of 130 selected subjects (87%) were infected with S. mansoni with overall geometric mean
epg of 478. The overall cure rate 4 weeks after treatment with single standard PZQ dose was
only 42%. However, cure rate after a second round of treatment rose to 76%, suggesting the
low cure rate observed after one treatment was probably the result of a combination of high
infection intensity and the maturation of pre-existing pre-patent S. mansoni infections [61].
Exceedingly low cure rates but similar conclusions were reached by Gryseels et al. [62],
advocating there is no convincing evidence for emergence of PZQ-resistant S. mansoni in
Senegal, and that the exceptionally low cure rates can be attributed to high initial worm loads
and intense transmission in this area. However, low PZQ cures were again reported in children
living in villages in Senegal River Basin with intense S. mansoni and S. haematobium transmis‐
sion. Additionally, high prevalence and high infection intensity of S. mansoni and S. haema‐
tobium were still evident despite multiple rounds of chemotherapy, leading to the
recommendation of new treatment regimens to control schistosomiasis in the school-age
population [63].

Evidence for some degree of S. mansoni resistance to PZQ has been obtained using parasites
taken from treated, but uncured human patients in Egypt and Senegal and in a laboratory
isolate of S. mansoni subjected to successive passages under drug pressure, raising the need
for alternative drugs to treat PZQ-resistant schistosomiasis [64-66]. Yet, there was no increase
in drug failure, despite 10 years of therapeutic pressure in some Nile Delta villages where there
had been resistant infections and worms with decreased response to PZQ [67]. In contrast to
this optimistic note, a British traveler returning from East Africa failed to be cured despite
several rounds of standard PZQ doses and no opportunity for re-infection [68]. In addition,
there are several schistosomiasis cases caused by S. haematobium infections in which repeated
standard treatment failed to clear the infection [69]. Isolates of S. mansoni obtained from
patients from Kisumu, Kenya continuously exposed to infection as a consequence of their
occupations as car washers or sand harvesters showed reduced PZQ susceptibility that was
associated with previous PZQ treatment of the patient [70]. Recently, miracidia were hatched
from eggs obtained from seven Kenyan car washers and used to infect snails. Shed cercariae
were used to establish in mice a laboratory S. mansoni strain with significantly reduced PZQ
sensitivity that was achieved within only 5 generations by administering increasing PZQ doses
to the infected mice; the parasites were eventually able to withstand a normally lethal dose [71].

2.1.5. Proposed mechanism(s) for PZQ resistance

Resistance to a drug is defined as "genetically transmitted loss of sensitivity in a parasite
population that was previously sensitive to the drug". Schistosomicidal action of oxamniquine
(OXA) and hycanthone is dependent on activation by sulfotransferase enzymatic esterification
and this ultimately results in the production of an electrophilic moiety capable of alkylating
DNA [72, 73]. Resistance of S. mansoni to OXA was attributed to loss-of-function mutations in
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a gene on chromosome 6 that was found to be encoding the enzyme, sulfotransferase [74].
Unlike OXA and hycanthone, there is no evidence PZQ interacts with schistosome DNA,
inducing mutation(s) responsible for the drug inefficacy. It was then proposed that massive
use of the drug would select for parasites harboring "genes" that confer resistance to the drug
[75]. The presence of gene(s) that confer resistance to PZQ is not excluded, especially that a
proportion of adult worms consistently survive treatment, and the drug is ineffective against
immature worms. Yet, PZQ-resistant and susceptible worms did not show differences at 15
microsatellite genotypic markers [76].

Voltage-gated calcium channels that have been implicated in PZQ action did not show
differences in the encoding cDNA sequence or expression levels among PZQ-susceptible and
PZQ-resistant isolates [42-46, 77]. Adenosine triphosphate binding cassette (ABC) multi-drug
transporters, especially the P glycoprotein, which shows selectivity for hydrophobic mole‐
cules, are predominantly localized in schistosome excretory system. Evidence for association
between schistosome multi-drug transporters and PZQ resistance has been recently presented
[78-81 and references therein].

On the other hand, Botros et al. [82] reported that laboratory-maintained S. mansoni isolates
obtained from Egyptian patients resistant to PZQ cure failed to display PZQ-induced tegu‐
mental damage, implying changes in tegument characteristics in PZQ-unresponsive worms.
Changes in parasite tegument properties in PZQ-resistant S. mansoni isolates were associated
with decreased stability, reproductive fitness, and immunogenicity [65]. We recently proposed
that the decrease in PZQ efficacy may be explained if repeated and intensive PZQ use selects
for the worms with tighter outer lipid bilayer shield consequent to higher percentage of
cholesterol and sphingomyelin (SM) and/or less active tegument-associated neutral sphingo‐
myelinase (nSMase) [83]. The result would be worm progeny, able to prevent or decrease access
of even molecules of 312 Da such as PZQ [55]. Schistosomes showing PZQ insusceptibility
were documented to incur serious biological costs [65, 78], a strong support to our assumption.

2.2. Arachidonic acid

2.2.1. Structure, biological sources, and functions

Arachidonic acid (ARA) is a polyunsaturated fatty acid, i.e., the 20 carbon-chain contains more
(#4) than one double bond, the first starting at position 6 from the last = omega carbon (methyl
terminus opposite the COOH end). The formula is C20H32O2, 20:4(ω-6). All double bonds are
in a cis position (hydrogen atoms are on the same side of the double bonds) and, hence, ARA
is also termed all-cis-5,8,11,14-eicosatetraenoic acid (Figure 2). ARA has an average mass of
304.467 Da and adopts a dominant hairpin conformation [84].

ARA is present throughout the body and comprises the greatest % weight of total fatty acids
among long chain poly-unsaturated fatty acids (LC-PUFAs). It is present as a structural
component in animal and human cell membrane phospholipids, especially phosphatidyle‐
thanolamine, phosphatidylcholine, and phophatidylinositol. It is particularly abundant in
skeletal muscles, the brain, and liver. ARA nutrition appears to serve various important roles
throughout the human (and mammalian) life-cycle. Throughout pregnancy, ARA, along with
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other fats and nutrients, originates from the maternal diet and is supplied via the placenta to
support the development of the growing fetus.

Between the third trimester of pregnancy and second year of neonatal life, the human brain
undergoes a remarkable increase in the rate of growth. During this period, mass and volume
increase more than 10-fold, and achieve >40% of the average-sized adult brain. These changes
in size are mirrored by the accumulation of ARA in the brain [85, 86]. A major hallmark of
mammalian birth is the sudden transition, following partuition, from the placenta as the source
of prenatal nutrition, onto mother's milk as the main source from which to acquire nutrients.
On average, ARA comprises 0.47±0.13% of total fatty acids in human milk [87]. The concen‐
tration of ARA in human milk varies between individuals and populations due, at least in part,
to the presence of polymorphisms in the genes involved in the endogenous synthesis of LC-
PUFAs [88].

The amount of LC-PUFA intake by infants has been estimated based upon the assumptions
that the fat content in human milk is 3.8 g/dL, and that average daily intake is 780 mL/day [89].
Using these values, average daily intake of ARA can be estimated to be approximately 140 mg.
In addition, it is possible to compare the estimated average intake levels by infants to those of
post-weaned individuals, due to the availability in the U.S. of annually collected data from
dietary surveys [90].

The results from such a comparison reveal an interesting trend related to the levels of ARA
consumed as individuals advance from pre- to post-weaning stages of human development.
The average amount of dietary intake by toddler and preschool-age children (2-5 years) is
approximately 80 mg. A modest increase in the absolute level of intake of approximately 20%
occurs by school-age (6-11 years). Intake then decreases by adolescence (12-19 years), and once
again approximates the average levels obtained through nursing. These differences in the
amount of ARA consumed in the diet may initially seem to be marginal, until they are
considered on a per weight basis. A change of approximately 20-fold in body mass occurs as
humans develop from infancy to adulthood (i.e., ~3 kg to ~60 kg). Therefore, on a per weight
basis, the amount of preformed ARA consumed daily by mid-adolescence is ≤ 5% relative to
the estimated amount per kg of intake for infants.

Figure 2. Structure of arachidonic acid.
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Although ARA is synthesized endogenously by the desaturation and elongation of linoleic
acid (18:2n-6), results from experimental efforts consistently point to a need for ARA availa‐
bility through dietary sources in order to elevate ARA in plasma and other tissues. In addition,
associations between experimentally-defined endpoints and changes in the status of ARA
reported in numerous investigations support the notion of a minimum required threshold in
the concentrations of esterified and/or unesterified ARA in tissues or circulating pools [91].

The importance of preformed dietary ARA in supporting healthy immune functions has been
demonstrated by investigations comparing the effects of supplementation using refined,
microbial-derived ARA as triglycerides (TG) or unsupplemented formula and human milk on
immune ability in pre-term and term infants. In an investigation involving infants born before
37 weeks of gestation, infants were provided with a control formula, or that same formula
supplemented with 0.49% (wt/wt) of ARA, in addition to DHA [92-94]. After a period of 4
weeks, immunologic parameters were assessed from both groups and the results compared
to those obtained from human milk-fed infants. The status of ARA in phospholipids was
equivalent in the human milk-fed and LC-PUFA+formula-fed infants, and in both cases,
significantly greater compared to infants fed with the control formula. In addition, effects on
lymphocyte populations, cytokine production, and antibody maturation in formula-fed
infants supplemented with LCPUFAs were consistent with those observed for human milk-
fed infants.

More recently, healthy full-term, formula-fed infants supplemented with ≤ 190 mg/day ARA
for a period of at least 8 weeks, showed fewer incidence of symptoms commonly associated
with infections of the upper respiratory tract, in addition to fewer incidents of diarrhea.
Importantly, the combined results from these investigations provide a clear example of the
utility of preformed LC-PUFA in the diet to support the ability of infants to respond to immune
challenges. In each case, the availability of preformed LC-PUFAs in the diet was associated
with a preferred response to immune challenges, in contrast to results obtained from the use
of formulations that contained adequate (i.e., 16% wt/wt) 18:2n-6 [95].

Animal models have also been used to explore possible roles and functions of LC-PUFAs,
including ARA, in immune-related activities. In piglets fed with formula enriched with supra-
physiological levels of ARA resulted in maximal enrichment of intestinal mucosal within 8
days of initiating treatment. In addition, enrichment showed a dose-dependent response of
intestinal mucosal phospholipid ARA concentration to dietary ARA in formula [96].

These results along with data from the human studies indicate that dietary intake of microbial-
derived ARA supports enrichment of ARA phospholipids in tissues. In addition, intake of
sufficient levels of dietary ARA may support mucosal immunity against pathogenic agents,
during periods of rapid growth and development in humans and other mammals. Overall,
these and other results may not be surprising considering the large number of metabolic
pathways and signaling cascades in which ARA is involved.

Arachidonic acid is essentially incorporated into cell phospholipids; in humans, approximate‐
ly 10% of phopholipids in liver and plasma contain ARA [97-100]. N-arachidonoyl-phospha‐
tidylethanol- amine leads via multiple pathways to anandamide, an endogenous cannabinoid
neurotransmitter [101]. Arachidonic acid is liberated from phospholipids by the action of
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phospholipase A2, and then produces eicosanoids, prostaglandins, leukotrienes, and other
essential bioactive products via the action of three types of oxygenases, cyclooxygenase (COX),
lipoxygenase (LOX), and cytochrome P450. There is evidence that exogenous, plasma unes‐
terified ARA may effectively compete with endogenous ARA for these enzymes, predomi‐
nantly located on the nuclear and endoplasmic reticulum membrane. Some resultant
eicosanoids are pro-inflammatory and vasoconstrictive, such as prostaglandin E2, thrombox‐
ane A2, and leukotriene B4, and some are anti-inflammatory and anti-aggregatory such as
prostacyclin and lipoxin A4 [97-100]. Indeed, shortly after inflammation is initiated, neutro‐
phils that enter the tissue promote the switch of arachidonic acid-derived prostaglandins and
leukotrienes to lipoxins, which induce resolution of the inflammation via termination of
neutrophil recruitment and release of reparatory cytokines, such as transforming growth
factor-beta [102].

2.2.2. Dietary intake in humans

In humans ARA is acquired directly from the diet or is derived by desaturation-elongation of
linoleic acid (10-20 g daily) in the liver and in extra-hepatic tissues. ARA preference for
acylation and transacylation reactions favors its partition in tissue phospholipids rather than
adipose tissue and plasma triglycerides. Absorption of ingested ARA occurs in the endothe‐
lium of the intestinal lumen of the small intestine. Absorbed ARA is transported to various
tissues and cells throughout the body by lipoproteins and acylated into sn-2 position of
unesterified lysophospholipids, where it may remain until released by the enzymatic activa‐
tion of phospholipase A2.

There  is  considerable  evidence  of  the  importance  of  ARA nutrition  during  early  child‐
hood development. ARA levels in circulation correlate positively with length to weight ratio
and head circumference in neonates [91, 103]. In addition, the rate of ARA accretion by the
brain increases exponentially during the brain growth-spurt,  during the last trimester of
pregnancy and into the first year of neonatal growth [85, 86]. Tissue lipid data indicate that
a 70 kg human contains 50-100 g ARA distributed between cell cytosolic and membrane
compartments. It was estimated that on average, Australian diet provides ARA intake of
130 mg/day for males and 96 mg/day for females.  Survey data for the intake of  dietary
ARA indicates a range of 80 to 190 mg/day. Intake of ARA provided by a typical Japa‐
nese diet was calculated to be 300 mg/day, respectively [104 and references therein]. To my
knowledge, there is no information on the amounts of ARA diets in poor rural areas provide
to children and pregnant women, but values are expectedly far less than those reported
above. That is of concern as ARA is known to be essential for proper development of the
brain and muscles in the fetus and in infants [91, 93, 105].

2.2.3. Safety/adverse effects

We recently conducted clinical trials on the safety of ARA intake in 20 and 90 Egyptian school-
age children of Menoufiya and Kafr El Sheikh Governorate, respectively. Arachidonic acid oral
capsules, containing 396 mg ARA (ARASCO®) per capsule, were provided by DSM (DSM
Nutritional Products, Columbia, MD). Children were given10 mg/kg/day (approximately 400
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mg daily) for 15 days over 3 weeks, i.e., 5 days per week. Not a single child reported the slighted
malaise or adverse reaction during, and 6 weeks after, treatment. A panel of analyses indicated
that biochemical profiles were either unchanged or ameliorated following ARA therapy in all
children [55, 56]. These results fully confirm the reports on safety of ARA in athletes supple‐
mented with 1,000 mg for 50 days [106]. Regarding immunological analyses, intake of
approximately 400 mg ARA/day for 15 days led to significant (P<0.0001) decrease of S.
mansoni-infected Egyptian schoolchildren plasma levels of interleukin (IL)-10 and interferon-
gamma (IFN-γ), thus rendering the plasma cytokine profile of the treated children nearer to
normal [55, 56]. Our findings are consistent with the observational studies showing that higher
ARA intake was associated with lower levels of inflammatory markers and sequelae [107, 108].

The most serious adverse reaction reported for ARA was causing platelet aggregation in adults
given 6 g ARA/day for 2 to 3 weeks [109]. However, approximately 0.5 g ARA daily intake for
15 days over 3 weeks did not alter platelet counts or blood coagulation parameters in S.
mansoni-infected schoolchildren [55, 56], and healthy adults given 1.7 g ARA daily for 50
consecutive days [106]. In a double-blind, placebo-controlled study, supplementation of
Japanese healthy adults with 838 mg/day ARA for 2 weeks led to no changes in platelet
aggregation [104].

2.2.4. Schistosomicidal effects in vitro and in experimental animals

The first indication on ARA schistosomicidal action was evident as we exposed ex vivo lung-
stage larvae of S. mansoni and S. haematobium to 0-500 μM ARA. Incubation in the presence of
10-20 μM ARA for 30 minutes induced exposure of otherwise hidden parasite surface mem‐
brane antigens to specific antibody binding. Higher ARA concentration or exposure time led
to irreversible death of the larvae and destruction of their surface membrane. The mono-
unsaturated omega-9 fatty acid, oleic acid (the major, 78.6%, fatty acid in olive oil) alone or in
conjunction with linoleic acid (as in corn oil), were able to expose the larval surface mem‐
brane antigens to antibody binding but did not induce attrition or membrane disruption. The
study suggested that ARA is a schistosomicide for young larvae, with S. haematobium being
more sensitive than S. mansoni [110]. Experiments with inhibitors and activators of neutral
sphingomyelinase (nSMase) further indicated that ARA schistosomicidal effect is due, at least
in part,  to its  ability to activate the parasite tegument-associated,  magnesium-dependent
nSMase [83].

Developing and adult S. mansoni and S. haematobium worms were also susceptible to in vitro
schistosomicidal action whereby 2.5 and 5 mM ARA elicited irreversible killing of ex vivo 4-,
5-, and 6-week-old S. mansoni and 9-, 10-, and 12-week-old S. haematobium worms, within 3-4
hours, depending on the parasite age, even when worms were maintained in up to 50% fetal
calf serum. Juvenile (3-week-old) S. mansoni were more sensitive to ARA as 100% irreversible
attrition was noted 1 hour after exposure to 2.5 and 5 mM concentration of ARA. Of note, ARA-
mediated worm attrition was prevented by concurrent incubation with nSMase inhibitors such
as CaCl2 or GW4869, providing another evidence for the mechanism of ARA schistosomicidal
action. Scanning and transmission electron microscopy revealed that ARA-mediated adult
worm killing was associated with spine destruction, membrane blebbing, and disorganization
of the apical membrane structure [111]. Expectedly, otherwise sequestered adult worm surface

Praziquantel and Arachidonic Acid Combination — An Innovative Approach to the Treatment of Schistosomiasis
http://dx.doi.org/10.5772/61185

157



membrane antigens were accessible to specific antibody binding as judged by indirect
membrane immunofluorescence. Additionally, addition of serum antibodies and peripheral
blood mononuclear cells from patently infected hosts significantly enhanced ARA-mediated
adult S. mansoni and S. haematobium attrition in vitro, suggesting that immune effectors
strongly enhance ARA-mediated schistosomicidal effect [112].

Schistosomicidal activity of ARA was evident in vivo as a single oral dose of 500 and 1000 mg/
kg pure ARA administered to mice 7 and 35 days after S. mansoni infection, respectively elicited
significant (P<0.01) reduction of approximately 40% in worm burden, documenting the ARA
susceptibility of larval and adult worms. Schistosoma haematobium appeared even more
sensitive as a single oral dose of 1000 mg/kg ARA administered 70 days after infection induced
highly significant (P=0.003) reduction of 57.5% in worm burden evaluated 20 days later. Oral
administration of mice with 300 mg/kg ARA incorporated in infant formula for 15 successive
days led to even more highly significant (P<0.0005) reduction of approximately 60% and 80%
S. mansoni and S. haematobium worm burden, respectively [111]. These results were extended
and entirely confirmed in hamster hosts where a series of 4 experiments for S. mansoni and S.
haematobium indicated that ARA oral administration after patency led to highly significant
(P<0.02-<0.001) reduction in worm burden accompanied with significant (P<0.05) decrease in
worm egg load [112]. No adverse reactions were noted in any treated mouse or hamster.
Additionally, no significant differences were noted among schistosome-infected and ARA-
treated hamsters regarding serum total triglycerides and cholesterol levels, fatty acids relative
percentages, erythrocytes and platelet count, and prothrombin and partial thromboplastin
time, all evaluated in blood samples obtained 2 hours after ARA administration [112].

2.2.5. Mechanism of schistosomicidal action

We have previously shown that sphingomyelin (SM) in the schistosome apical lipid bilayer is
the major responsible for the sieving properties of the outer membrane, which readily allows
entry of nutrient molecules of <600 Da such as water, sugars, fatty acids, and cholesterol, while
it prevents access of larger molecules, namely host antibodies (>150,000 Da), via interacting
with surrounding water molecules to form a tight hydrogen barrier [83]. We have been able
to use quasi-elastic neutron scattering to formally demonstrate the existence of the hydrogen
barrier around schistosomes, and shown it is stronger in lung-stage larvae than adult worms
and S. mansoni than S. haematobium. We have also shown that the hydrogen barrier collapses
following nSMase activation and SM hydrolysis [113, 114].

We have predicted, and provided evidence for, the existence of schistosome tegument-
associated magnesium-dependent nSMase as early as 2006 [83]. The existence of the enzyme
was formally demonstrated in 2009 following the analysis of S. mansoni complete genome
[115]. The enzyme nucleotide and amino acid (aa) sequences were later fine-tuned [116]. We
succeeded in cloning and sequencing 836 bp near the 5’ end of S. haematobium nSMase-
encoding mRNA. The predicted amino acid sequences corresponded to aa18- aa277 in the S.
mansoni counterpart with 96% identities and 98% positives, and contained the conserved
domains characterizing the exonuclease-endonuclease-phosphatase (EEP) superfamily [12,
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significant (P<0.01) reduction of approximately 40% in worm burden, documenting the ARA
susceptibility of larval and adult worms. Schistosoma haematobium appeared even more
sensitive as a single oral dose of 1000 mg/kg ARA administered 70 days after infection induced
highly significant (P=0.003) reduction of 57.5% in worm burden evaluated 20 days later. Oral
administration of mice with 300 mg/kg ARA incorporated in infant formula for 15 successive
days led to even more highly significant (P<0.0005) reduction of approximately 60% and 80%
S. mansoni and S. haematobium worm burden, respectively [111]. These results were extended
and entirely confirmed in hamster hosts where a series of 4 experiments for S. mansoni and S.
haematobium indicated that ARA oral administration after patency led to highly significant
(P<0.02-<0.001) reduction in worm burden accompanied with significant (P<0.05) decrease in
worm egg load [112]. No adverse reactions were noted in any treated mouse or hamster.
Additionally, no significant differences were noted among schistosome-infected and ARA-
treated hamsters regarding serum total triglycerides and cholesterol levels, fatty acids relative
percentages, erythrocytes and platelet count, and prothrombin and partial thromboplastin
time, all evaluated in blood samples obtained 2 hours after ARA administration [112].

2.2.5. Mechanism of schistosomicidal action

We have previously shown that sphingomyelin (SM) in the schistosome apical lipid bilayer is
the major responsible for the sieving properties of the outer membrane, which readily allows
entry of nutrient molecules of <600 Da such as water, sugars, fatty acids, and cholesterol, while
it prevents access of larger molecules, namely host antibodies (>150,000 Da), via interacting
with surrounding water molecules to form a tight hydrogen barrier [83]. We have been able
to use quasi-elastic neutron scattering to formally demonstrate the existence of the hydrogen
barrier around schistosomes, and shown it is stronger in lung-stage larvae than adult worms
and S. mansoni than S. haematobium. We have also shown that the hydrogen barrier collapses
following nSMase activation and SM hydrolysis [113, 114].

We have predicted, and provided evidence for, the existence of schistosome tegument-
associated magnesium-dependent nSMase as early as 2006 [83]. The existence of the enzyme
was formally demonstrated in 2009 following the analysis of S. mansoni complete genome
[115]. The enzyme nucleotide and amino acid (aa) sequences were later fine-tuned [116]. We
succeeded in cloning and sequencing 836 bp near the 5’ end of S. haematobium nSMase-
encoding mRNA. The predicted amino acid sequences corresponded to aa18- aa277 in the S.
mansoni counterpart with 96% identities and 98% positives, and contained the conserved
domains characterizing the exonuclease-endonuclease-phosphatase (EEP) superfamily [12,
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117]. The complete S. haematobium genome and the complete sequence of the nSMase were
published by Young et al. in 2012 [118].

We have been able to demonstrate the presence of nSMase in the tegument of adult S.
mansoni and S. haematobium using enzymatic, immunologic, and immune-histochemical
assays, and further shown that ARA was particularly potent in stimulating nSMase enzymatic
activity, entirely supporting our previous findings using larvae and adult worms [12, 83,
110-114, 117, and references therein].

2.2.6. Efficacy in school-age children

In Menoufiya villages of low S. mansoni prevalence, efficacy of ARA in treatment of school-
age children with <100 epg was highly comparable to that of PZQ + Placebo (Pbo) with percent
cure of 78% (11/14) and 85% (12/14), respectively, and similar levels of reduction in geometric
mean egg counts (GMEC) in uncured patients. However, the efficacy of ARA in treatment of
schoolchildren with 100-400 epg was significantly (P<0.0001) lower than for PZQ regarding
cure rate (44% and 83%, respectively) and reduction in GMEC in uncured children, suggesting
that ARA is indicated for treatment of light S. mansoni infection in children. In Kafr El Sheikh
villages of high S. mansoni endemicity and where intensive mass PZQ treatment campaigns
were implemented for 10 consecutive years, the efficacy of ARA in the treatment of school
children with light infection (<100 epg) was highly comparable to that of PZQ + Pbo with
percent cure of 50% and 60%, respectively. Efficacy of ARA and PZQ was again comparable
in school-age children with heavy infection (800-1000 epg) leading to 21% and 20% cure rate,
and 64% and 81% reduction in GMEC in uncured children, respectively. The results indicated
that either PZQ or ARA are moderately efficacious for treatment of light S. mansoni infection
in regions of elevated schistosomiasis prevalence, and neither should be used alone for
treatment of children with heavy infections, especially those residing in regions of intense
endemicity [55, 56].

It is important to assess the efficacy of ARA for treatment of S. haematobium. We expect high
cure rates as larval and adult S. haematobium worms are shown in in vitro, and in vivo
experiments in mice and hamsters to be more susceptible to ARA than S. mansoni [12, 83,
110-114-117].

2.3. PZQ and arachidonic acid combination for treatment of human schistosomiasis

2.3.1. Evidence for safety and efficacy in children

Intake of PZQ + ARA was as safe as for PZQ or ARA alone regarding metabolic panels or
immunological parameters of S. mansoni-infected schoolchildren. Regarding efficacy, ARA
and PZQ synergized for a spectacular cure of all lightly- and moderately-infected children
residing in the low endemicity villages of Menoufiya, Egypt. In the high endemicity areas of
Kafr El Sheikh, combining ARA and PZQ resulted into higher cure rates than mono-therapies
for light, moderate, and heavy infection. For light infection, mono-therapy cure rate of 50-60%
was increased to 83% with the ARA + PZQ regimen. For the children with heavy infection,
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PZQ and ARA mono-therapy induced 20% cure rates, while cure rate of 78% was achieved
with the drug combination [55, 56].

Combination of PZQ-oxamniquine (OXA) was assayed in randomized, non-blinded, dose-
ranging trials in treatment of Malawi and Zimbabwe schoolchildren with low, moderate, and
heavy infection. Cure rates were not available for Malawi children, while it reached 89% with
the higher dose (20 and 10 mg/kg for PZQ and OXA, respectively) for children in Zimbabwe.
No direct comparisons were reported for PZQ and OXA mono-therapy, and accordingly,
synergistic effect was not documented [119-121]. Additionally, opposite to PZQ and ARA,
OXA is effective against S. mansoni but not S. haematobium [121].

PZQ and artemether or artesunate in combination resulted in a protection rate of about 80%,
slightly higher than PZQ mono-therapy for treatment of schistosomiasis haematobium and
japonicum in two field trials [122, 123]. In a field trial in high S. mansoni endemicity Senegalese
villages, 1- to 60-year-old (median=18 years) patients with moderate S. mansoni infection were
treated with PZQ, artesunate, or both drugs in combination (35-39 individuals per study arm).
Cure rates were 44% for PZQ, 23% for artesunate, and 69% for the drugs combined. Combi‐
nation of PZQ and artesunate appeared clearly synergistic, but the efficacy was obviously
lower than for PZQ + ARA [123, 124]. This study revealed that efficacy of artemisinin derivative
alone against S. mansoni is not evident and, furthermore, was not observed in S. haematobium
infections [122]. Most importantly, artemether, and artemisin derivatives are used for malaria
therapy; artemisinin resistance in Plasmodium falciparum is now prevalent across mainland
Southeast Asia, and poses a threat to the control and elimination of malaria [125].

2.3.2. Molecular basis for efficacy

There were no reduction in efficacy of artemether and artesunate in killing PZQ-resistant and
PZQ-susceptible S. japonicum worms in mice treated 7 and 8 or 35 and 36 days post-infection
[126]. Opposite findings were observed regarding ARA, as its efficacy was as low as that of
PZQ in treating schoolchildren with heavy S. mansoni infection, residing in areas where
massive PZQ campaigns were applied for 10 consecutive years [55]. This finding implies that
S. mansoni worms were resistant to mono-therapy with either PZQ or ARA. That has led us to
propose that resistance to PZQ and ARA is attributed to continuous PZQ use, eliciting selection
for worms with tight upper lipid bilayer, consequent to excessive SM synthesis and content or
lower nSMase activity. Progeny of these worms would prevent access of even the 312 Da PZQ
molecules, and would be less susceptible to ARA-mediated nSMase activation. Exposure of
such worms to PZQ would not lead to their demise, yet likely facilitate ARA-mediated nSMase
activation, SM hydrolysis and worm attrition. Exposure of these worms to ARA would lead
to nSMase activation that is not lethal, yet sufficient to now allow entry of PZQ to perform its
schistosomicidal action. Our proposition was supported by the considerable increase in cure
rates in all children treated with PZQ + ARA versus the drugs' mono-therapy. The increase in
cure rates was most highly significant (P<0.0001) for children with heavy infections were cure
rates with either PZQ or ARA alone were 20% and attained 78% with the drugs combined.

We shall test this hypothesis via evaluation of the cholesterol/SM content and nSMase activity
in worms derived from cercariae obtained from communities of low prevalence/low PZQ use
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and high endemicity/intense PZQ administration. For documenting hypothesized mechanism
for ARA counteraction of worm resistance to PZQ, larvae and worms that are progeny of
entirely PZQ susceptible and strongly resistant breeds will be incubated with micromolar
concentrations of ARA and then evaluated for responsiveness to PZQ, cholesterol/SM content,
and nSMase activity.

3. Conclusions and recommendations

We may conclude that PZQ or ARA treatment shows considerable efficacy uniquely in the
treatment of light infections in areas of low S. mansoni endemicity and PZQ use. Even then,
efficacy never reaches 100%, except when PZQ and ARA are combined. Chemotherapy with
PZQ alone for patients residing in regions of high S. mansoni endemicity and afflicted with
light, moderate, or heavy infection is not efficacious. Hence, it is recommended to implement
optimal treatment regimens with PZQ in conjunction with ARA.
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Abstract

Trombiculid mites (Acari: Trombiculidae) are distributed worldwide ectoparasites of a
wide range of vertebrates. More than 50 species are known to bite humans, and about 20
have medical importance. The larval stages (chiggers) of the genus Leptotrombidium are
vectors of Orientia tsutsugamushi, causative agent of scrub typhus. This life-threatening
disease is widely endemic in Asian Pacific regions where more than one billion people
are at risk of acquiring the infection and around one million new cases are estimated to
occur annually. In addition, although underreported and often misdiagnosed, trombicu‐
liasis, defined as a dermatitis caused by the salivary secretion of biting chiggers, is
present in America and Europe.

Keywords: Chiggers, Orientia tsutsugamushi, dermatitis, vectors

1. Introduction

This chapter includes a thorough description of the main characteristics, life cycle, and
distribution of chiggers. Moreover, a comprehensive review of the responsibility of chiggers
as infectious disease vectors and agents of troublesome dermatitis is given. The following
pages cover, for the first time in a unique chapter, the current knowledge of chigger mites.

1.1. Taxonomy and distribution

Trombiculid mites (Acari: Trombiculidae) are widespread ectoparasites of a wide range of
vertebrates. More than 50 species have been recorded attacking humans, and about 20 of them
are considered to be medically important because they cause dermatitis or due to their role as
vectors of human pathogens. The most relevant species are Eutrombicula alfreddugesi in North
and South America, Neotrombicula autumnalis in Europe, and Leptotrombidium spp. in Asia [1].

© 2015 The Author(s). Licensee InTech. This chapter is distributed under the terms of the Creative Commons
Attribution License (http://creativecommons.org/licenses/by/3.0), which permits unrestricted use, distribution,
and reproduction in any medium, provided the original work is properly cited.



Trombiculidae is one of the largest families in the Acari group, including more than 3,000
species [2]. Table 1 shows the taxonomic position of these mites.

Phylum Arthropoda

Subphylum Chelicerata

Class Arachnida

Subclass Acari

Superorder Acariformes

Order Trombidiformes

Suborder Prostigmata

Superfamily Trombiculoidea

Family Trombiculidae

Table 1. Taxonomic classification of the family Trombiculidae.

Trombiculids are distributed worldwide, but they show their greatest diversity in the sub‐
tropical, tropical and southern temperate zones [3]. Table 2 shows the main trombiculid species
and their geographical distribution.

Species Distribution Disease

Blankaartia acuscutellaris Hungary, Spain, Moldova, Ukraine,
Russia, Sumatra, Malaysia, and Africa

Trombiculiasis

Eushoengastia koreaensis Korea Scrub typhusa

Euschoengastia xerothermobia Europe Trombiculiasis

Eutrombicula alfreddugesi Canada, South of United States
(except for the southwest), South and
Central America (including West
Indies)

Trombiculiasis

Eutrombicula batatas Bolivia, Mexico, Central and South
America, southwestern and
southeastern United States

Trombiculiasis

Eutrombicula lipovskyi United States: from Alabama and
Tennessee West to Arkansas,
Oklahoma and Kansas

Trombiculiasis

Eutrombicula sarcina Southeast Asia, Australia and the
Pacific Islands

Trombiculiasis

Eutrombicula splendens Eastern United States (from the Gulf
Coast North to Massachusetts,
Minnesota) and Ontario

Trombiculiasis
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Species Distribution Disease

Eutrombicula wichmanni Japan, Southeast Asia, Australia, and
Pacific Islands

Trombiculiasis

Kepkatrombicula desaleri Italia, Austria, and Bulgaria Trombiculiasis

Leptotrombidium akamushi Japan, China, Southeast Asia,
Indonesia, Philippines, and New
Guinea

Scrub typhus

Leptotrombidium arenicola Malaysia, Indonesia, and Thailand Scrub typhus

Leptotrombidium chiangraiensis Thailand Scrub typhus

Leptotrombidium deliense China, Taiwan, Sri Lanka, Nepal,
Bangladesh, India, Myanmar,
Vietnam, Cambodia, Thailand,
Singapore, Brunei, Malaysia,
Indonesia, Philippines, New Guinea,
southwestern Pacific Islands, northern
Australia, Pakistan, Kazakhstan,
Uzbekistan, and Afghanistan

Scrub typhus

Leptotrombidium fletcheri Southeast Asia, Malaysia, New
Guinea, Philippines, Indonesia, and
Melanesia

Scrub typhus

Leptotrombidium fuji Japan Scrub typhusa

Leptotrombidium gaohuensis China Scrub typhus

Leptotrombidium imphalum Thailand Scrub typhus

Leptotrombidium intermedium Japan Scrub typhusa

Leptotrombidium kitasatoi Japan Scrub typhusa

Leptotrombidium orientale Japan, Korea, and Primorye region of
Russia

Scrub typhusa

Leptotrombidium pallidum Japan, Korea, and Primorye region of
Russia

Scrub typhus

Leptotrombidium palpale Japan, Korea, and Primorye region of
Russia

Scrub typhusa

Leptotrombidium pavlovsky Siberia and Primorye region of Russia Scrub typhus

Leptotrombidium scutellare Japan, northern China, Korea,
Thailand, and Malaysia

Scrub typhus
Hantavirusa

Leptotrombidium subquadratum South Africa Trombiculiasis

Neotrombicula autumnalis Europe (including British Isles,
excluding Norway, Sweden, Finland,
and northern Russia), Turkey, and
Turkmenistan

Trombiculiasis

The Role of Chiggers as Human Pathogens
http://dx.doi.org/10.5772/61978

175



Species Distribution Disease

Neotrombicula inopinata Spain, Czech Republic, England,
Austria, Germany, Bulgaria, France,
states of former Yugoslavia, Ukraine,
Russia, Romania, Hungary, Slovakia,
and Poland

Trombiculiasis

Neotrombicula japonica Korea, Europe Scrub typhusa

Trombiculiasis

Neotrombicula nagayoi Japan, China, and Russia Trombiculiasis

Neotrombicula zachvatkini Europe Trombiculiasis

Odontacarus spp. Southeast Asia, Australia, and the
Pacific Islands

Trombiculiasis

Shoengastia hanmyaensis Japan Scrub typhusa

Schoengastia spp. Southeast Asia, Australia, and the
Pacific Islands

Trombiculiasis

Trombicula toldti Austria Trombiculiasis

aNot confirmed.

Table 2. Distribution and diseases transmitted by the main trombiculid mite species [1,4–15].

Members of this family are known by several names depending on their distribution (Table
3). They are often confused with other mites or insects and are mistakenly named as Mower’s
mites [common name of Leptus autumnalis (Acari: Erythraeidae)] [16,17] or jigger, chigoe, and
niguas [common names of Tunga penetrans (Insecta: Siphonaptera)] [18,19].

Common names Places

Harvest bug, harvest mite, harvest lice, red bug, red mite, berry mite,
scrub-itch mite

North-America, Asia

Harvest mite Europe

Aoutats, rouget, bête rouge France

Orange tawny Ireland

Augustelingen Germany

Bicho colorado, coloradilla, ácaro rojo South America

Isango Peru

Tlazahuate Mexico

Coloradita, chivacoa Venezuela

Table 3. Common names given to trombiculid mites worldwide. [2,4,10,16,17,20–22]
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1.2. Life cycle

Trombiculid mites undergo seven stages in their life cycle: egg, deutovum, larva, protonymph,
deutonymph, tritonymph, and adult (Figure 1). This cycle is characterized by alternating active
and inactive instars, being the larva, deutonymph, and adult the active ones. Active postlarval
stages are soil dwellers that prey on various arthropods and their eggs. Deutonymphs look
almost identical to adult mites. Both present eight legs, but deutonymphs are slightly smaller.
Sexual dimorphism is not apparently evident [23]. Larvae parasitize all groups of vertebrates,
except fishes, whereas the small mammals and birds are the main hosts [1,5,19,24]. There are
just a few reports of chiggers feeding on invertebrates [3]. Humans are only accidental hosts.
However, the question of the host specificity of trombiculids still arises. Most likely, trombi‐
culids are associated with specific habitats and attack and feed on the first available animal
within their favorite habitat, although they can have preference for a particular host among
the available ones [23,25].

Figure 1. Schematic description of the trombiculids’ life cycle. (Adapted from Takahashi et al., 2003 with the permis‐
sion of the author.)

During their life cycle, eggs are laid in well-drained soil, and six-legged larvae emerge from
them. The general term “chigger” refers to the parasitic larval stage, and this is the name
commonly given to trombiculid mites due to the importance of this instar. Chiggers are usually
reddish but can vary between yellow and orange [1,26]. These tiny larvae (about 200 μm) climb
onto low vegetation, where they aggregate into clusters to wait for a suitable host. On the host,
chiggers mainly move to areas where the skin is especially thin and feed on lymph and tissue
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fluids of the dermal layer (but not blood). Ears, head, armpits, abdomen, genitalia, and the
area around the tail are preferred in animals [4,27]. In humans, bites occur mainly in body
exposed areas and at sites where the clothing constricts [17,28]. Once engorged (development
to subsequent stage cannot take place unless larvae have fed on the host), larvae fall to the
ground and develop to the nymphal stages and subsequently to adults (900–1,200 μm).

Trombiculid mites live in moist  soil  covered with vegetation such as grassy and weedy
areas.  In general,  optimal living conditions require a relative air humidity of 80% (what
explains  that  chiggers  are  not  typically  found on  vegetation  higher  than  30  cm off  the
ground) and neutral to slightly alkaline soil.  The optimum activity of chiggers occurs at
temperatures of 25–30°C [26,29].

Trombiculid mites often form localized “mite islands” (or “mite focus”, “larvae focus”) in
suitable areas inhabited by potential hosts [30]. Therefore, chiggers have a patchy distribution
on the vegetation. Mite islands are quite clearly defined, and larvae could not be detected in
their immediate vicinity [26,31]. A possible explanation for this focalization may be that
chiggers apparently do not move more than a few meters from where they hatched. Chiggers
would temporarily disperse if a host approached. On the contrary, if physical contact were not
managed or if the host were not close enough for them to drop on it, chiggers would invariably
and promptly return to the cluster and would continue waiting [32].

The life cycle of trombiculid mites has been mainly studied in the laboratory. The most
outstanding feature of the life cycle is the constant duration of quiescent periods and the
variable duration of active stages. Trombiculid mites usually have one generation per year,
but with overlapping generations, each well synchronized with the seasons because they can
overwinter in most stages (egg, larva, deutonynph, and adult) and because the adult mites
have a long life span [33]. In boreal species, an egg-to-egg cycle ranges from 150 to 400 days,
but it is shorter in tropical species [23]. In nature, the life cycle is supposed to be completed in
2–12 months or longer, depending on the species and environmental conditions. In temperate
areas, there may be 1 to 3 generations per year, whereas in tropical regions the life cycle is
shorter and continuous throughout the year [1]. In Europe, the duration has been estimated
in five to seven months under favorable conditions [26].

As mentioned above, trombiculid mites only act as parasites during their larval stage. Thus,
the greatest attention has been paid to chiggers. In addition, adults and deutonymphs of the
majority of trombiculid species have never been observed on the soil surface (in fact, their
habitats are mostly unknown). Therefore, the taxonomy of trombiculid mites is based solely
on their larvae [34]. It is estimated that only the postlarval stage of less than 10% of the total
of Trombiculidae species are known [7]. This is the case of some tropical species in contrast to
the difficulty of finding active postlarval instars in northern countries [23].

1.3. Feeding process

It is well known that when feeding on hosts, chiggers develop a characteristic feeding tube
(stylostome) in the host’s skin. The stylostome is mostly formed of the larval salivary secretions
solidifying in the host’s epidermis [7]. Larva cuts the stratum corneum with its rather short
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As mentioned above, trombiculid mites only act as parasites during their larval stage. Thus,
the greatest attention has been paid to chiggers. In addition, adults and deutonymphs of the
majority of trombiculid species have never been observed on the soil surface (in fact, their
habitats are mostly unknown). Therefore, the taxonomy of trombiculid mites is based solely
on their larvae [34]. It is estimated that only the postlarval stage of less than 10% of the total
of Trombiculidae species are known [7]. This is the case of some tropical species in contrast to
the difficulty of finding active postlarval instars in northern countries [23].

1.3. Feeding process

It is well known that when feeding on hosts, chiggers develop a characteristic feeding tube
(stylostome) in the host’s skin. The stylostome is mostly formed of the larval salivary secretions
solidifying in the host’s epidermis [7]. Larva cuts the stratum corneum with its rather short
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chelicerae and stylostome allows chigger to reach the underlying connective tissue layer from
which it obtains nutrients. The host’s tissues around the stylostome are destroyed and
necrotized. Beneath the distal end of the stylostome, an interstitial food cavity containing
lymphoid and epithelioid cellular liquid elements is formed [23]. The feeding period in animal
host, both in nature and reared in the laboratory, usually lasts 3–6 days [26,35]. However,
feeding on humans may typically vary from 3 - 8 h to 1–2 days for most non-infectious chiggers,
but 2–10 days for scrub typhus vectors [1,29,36,37]. It is supposed that more than 6 h are
required for the transmission of the bacterium [14]. During this period, the larva remains on
the skin surface. For this reason, most trombiculid larvae can be classified as ectoparasites.
Larvae of some genera, however, can partly or even entirely embed within the skin of different
body cavities frequently forming various types of capsules during feeding on amphibians and
mammals [23]. In such cases, the feeding time is prolonged up to several weeks or even months.
In lizards, specific adaptive structures of skin, known as “mite pockets”, may evolve to
decrease the possible damage from mite feeding [38]. It is generally thought that the organi‐
zation and location of stylostome is species specific in trombiculid larvae, irrespectively of the
host species and of the particular feeding site on the host, whereas the length of the stylostome
is mostly a result of the width of the epidermal layer and the presence or absence of scabs at
the attachment site [39].

2. Chiggers as vectors of infectious diseases

Although different microorganisms have been detected in different species of chiggers, their
role as vectors of infectious diseases has been only demonstrated for scrub typhus.

2.1. Scrub typhus

Scrub typhus or tsutsugamushi disease [from Japanese words meaning disease (tsutsuga) mite
(mushi) is a life-threatening arthropod-borne bacterial infection that presents as an acute
undifferentiated febrile illness widely endemic in Asian Pacific regions. The disease is
transmitted to humans by chiggers of Leptotrombidium spp. and is caused by the bacterium
Orientia tsutsugamushi. Noteworthy are the reported cases that suggest other Orientia species
as etiological agents of scrub typhus-like disease.

The  disease  was  widely  reported  in  soldiers  during  World  War  II  [40]  and  now is  an
important  illness  for  travelers  to  the  endemic  regions [41].  More than half  (55%) of  the
world population lives in areas where scrub typhus is endemic, so over one billion people
are at risk of acquiring the infection [42]. Approximately one million new cases have been
estimated  to  occur  annually  [43].  However,  this  is  surely  an  underestimation  because
recognition of the disease is difficult due to its overlapping clinical spectrum with other
common causes of fever in this population, the lack of awareness among affected people,
and the limitations of current diagnostic methods [44].
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2.1.1. Etiology and epidemiology

The etiological agent of scrub typhus, O. tsutsugamushi (previously known as Rickettsia
orientalis or Rickettsia tsutsugamushi), is an α-proteobacteria that was reclassified as a new genus
separate from Rickettsia based on phenotypic and genotypic differences [45]. Orientia differs
from Rickettsia in the structure of the cell wall, antigenic profile, and genome size, which is
almost twice the size of the Rickettsia genome.

There are three prototype strains: Gilliam, Karp, and Kato; however, more than 20 antigenically
distinct serotypes are present in endemic areas [46], and currently over 70 strains of O.
tsutsugamushi are known [47]. As chigger mites are habitat specific, O. tsutsugamushi strains
could have evolved mostly in separate biotopes, resulting in different serotypes depending on
their location [48]. The general course and the prognosis of the disease is determined by the
strain of O. tsutsugamushi implicated [49], although multiple factors such as the patient’s age,
genetic factors, and previous immunity are also involved [50]. It is very likely that chiggers,
as it is assumed for ticks [51], have potential immunomodulatory effects in their saliva that
could affect the pathogenesis, immunity, and outcome of the disease [47].

Chiggers act as reservoir and vector of O. tsutsugamushi, being wild rodents the main hosts.
Infected mites maintain the infection through the trombiculids’ life cycle by transstadial and
transovarial transmission [52]. Reverse transfer from infected animals to chiggers occurs
infrequently, and the bacteria transmitted in this manner are not usually passed on to the next
generation [53]. Chiggers cofeeding on rodents seems to be more relevant for effective mouse-
to-mite transmission of Orientia than feeding on rickettsemic hosts [54]. Nevertheless, the
disease can only be transmitted to humans by chiggers already transovarially infected by O.
tsutsugamushi [49].

Endemic regions are characterized by rice fields, scrubland, and the presence of primary
deforestation [55,56]. Chiggers harboring the bacterium bite exposed individuals in vulnerable
niches such as forests and infested undergrowth during occupational or recreational activities.
Leptotrombidium chiggers feed on lymph and tissue fluids of the dermal layer for a period of
2–4 days [57]. Following the bite, the pathogen multiplies at the site of inoculation and
subsequently induces local (eschar) and systemic manifestations of infection [58].

Several studies suggest the evidence of human infection with more than one strain of O.
tsutsugamushi [59]. It could be explained by bites from different chiggers, each one infected
with one strain or, alternatively, by the bite of individual chiggers infected with multiple
strains [60].

Seasonal occurrence of scrub typhus is determined by the time of appearance of chiggers
because humans are infected through bites of the larva. In temperate zones, scrub typhus
season is observed mainly in the autumn but also in the spring [61]. More than 45 species of
trombiculid mites are known to be infected with O. tsutsugamushi in nature, but only Lepto‐
trombidium pallidum, Leptotrombidium akamushi, Leptotrombidium scutellare, Leptotrombidium
deliense, Leptotrombidium arenicola, Leptotrombidium imphalum, Leptotrombidium chiangraiensis,
Leptotrombidium fletcheri, Leptotrombidium gaohuensis, and Leptotrombidium pavlovsky are proven
to transmit scrub typhus [1,13,14]. Principal vector species differ according to endemic areas
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(Table 2): L. akamushi, L. pallidum, and L. scutellare mediate scrub typhus in temperate zones,
such as Japan and Korea, whereas L. deliense and L. arenicola are the principal vectors in tropical
and subtropical regions or Southeast Asia and the Southwest Pacific [49] (Figure 2).

Figure 2. Leptotrombidium intermedium (left) and Leptotrombidium pallidum (right). Provided by Dr. Shatrov.

Scrub typhus is confined to a 13,000,000-km2 definite geographic region, the “tsutsugamushi
triangle,” where it is widely distributed (Figure 3). It extends from northern Japan, Korea, and
far-eastern Russia in the North, to northern Australia in the South and to Pakistan and
Afghanistan in the West, as well as the islands of the western Pacific and Indian Oceans,
including Taiwan, Philippines, New Guinea, Indonesia, and Sri Lanka [62].

Figure 3. Tsutsugamushi triangle.
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Several reports of scrub cases typhus-like infections have been described in unusual areas,
indicating that a wider geographic distribution should be taken into account [47]. Thus, the
recent isolation of Orientia chuto in a febrile patient who acquired the infection in the United
Arab Emirates, the detection of another divergent Orientia sp. in a patient in Chile, and the
serologic diagnoses of scrub typhus acquired in Africa reveal that the geographical range
accepted until now may be an underrepresentation [63,64]. To date, the genetic diversity of
the genus Orientia is being reviewed because until recently O. tsutsugamushi has been consid‐
ered the sole species of the genus. Apart from Leptotrombidium spp., other trombiculid mites
such as Neotrombicula japonica and Eushoengastia koreaensis have also been implicated as
possible vectors of this disease [15,65].

The disease is considered rural, and the risk of infection is closely related to occupation. In
areas where scrub typhus is prevalent, most cases are acquired through agricultural exposure.
Most travel acquired cases of scrub typhus are associated with outdoor activities such as
camping, rafting, or trekking in endemic areas [50]. Outbreaks related to military operations
have been reported [66]. The impact of scrub typhus in pregnancy is less explored. Acute scrub
typhus can be transmitted vertically but congenital malformation due to infection per se has
not been demonstrated [67].

2.1.2. Clinical features and pathogenesis

Scrub typhus ranges in severity from mild and self-limiting to fatal depending on the duration
of the illness, the strain of O. tsutsugamushi, the immune status, and other factors of the patients
[14]. After an incubation period of 10–12 days (can vary between 5 and 20 days), the onset of
the disease is characterized by an eschar and regional lymphadenopathy followed subse‐
quently by fever, general malaise, headache, and myalgia. The disease is characterized by focal
or disseminated vasculitis and perivasculitis, which may involve the lungs, heart, liver, spleen,
and central nervous system [68]. Progression of scrub typhus is accompanied by generalized
lymphadenopathy, rash, cough, and interstitial pneumonia, acute respiratory distress syn‐
drome, gastrointestinal symptoms, meningoencephalomyelitis, myocarditis, acute renal
failure, hypotensive shock, and disseminated intravascular coagulation may occur in severe
cases [14,47,69].

The fever appears abruptly frequently accompanied by headache, myalgia, and malaise, with
peaks on the 3rd–4th day of the disease and persists for more than 3 weeks in untreated cases.
About a week after the onset of the symptoms, the eschar, which is not always present, is
developed. It represents localized cutaneous necrosis at the site of mite feeding and is a typical
scrub typhus marker, which is considered almost diagnostic [67]. It starts as a small papule
that enlarges and subsequently undergoes central necrosis, and it eventually acquires a
blackened crust with an erythematous halo that resembles a cigarette burn (Figure 4).

The common sites for finding an eschar are trunk, arms, and legs, but it also appears on the
scalp, axilla, genitalia, waist, and other exposed parts of the body [14,49]. The prevalence of
eschars in patients diagnosed by scrub typhus ranges from 7% to 97% [67,70]. These differences
may be may be due to the difficulty in detecting small eschars in dark-skinned individuals and
atypical appearance of eschars in areas of damp and moist skin. Multiple eschars have been
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reported in 0.6% to 2.2% of patients with confirmed scrub typhus [70]. Uncommonly, a
maculopapular rash with centrifugal distribution may appear a week after the onset of these
symptoms, starting on the chest, abdomen, or whole trunk and spreading to the limbs. Rash
lasts a few days to a week [13,71]. Regional lymphadenopathy, characterized by tenderness
and enlargement of the draining lymph node around the primary eschar, arises at the end of
the first week after the disease onset [13]. Generalized lymphadenopathy appears 2–3 days
later in some cases [72].

From the second week onwards, a proportion of patients (especially those untreated) will
evidence of severe systemic infection. The extended vasculitis helps to explain the great
diversity of clinical manifestations that have been described [49]. Respiratory symptoms,
including interstitial pneumonia, acute respiratory distress, and pulmonary edema, are
frequent. In fact, about 40% of scrub typhus patients complain of cough at the time of admis‐
sion. Gastrointestinal symptoms comprise nausea, vomiting, abdominal pain, diarrhea, or
gastrointestinal bleeding. Alterations in liver function and pancreatitis are also common. The
central nervous system (CNS) is frequently affected. Indeed, O. tsutsugamushi is detected in
the cerebrospinal fluid of 24% of the patients with no clinical signs of CNS involvement.
Transient hearing loss, eye manifestations, confusion, neck stiffness, delirium, and mental
changes occur frequently. Patients usually suffered from acute diffuse encephalomyelitis,
encephalopathy, meningitis, or meningoencephalitis. Regarding the cardiovascular system,
myocarditis, vasculitis, pericarditis, and rhythm abnormalities are often seen, but congestive
heart failure is rare. Acute renal failure develops frequently in severe cases but may also occur
in mild cases [13,14,61,62,67,69]. The case fatality rate in untreated patients is estimated in
appropriately 10%, ranging from 0% to 30% [67].

At the beginning of the infection, O. tsutsugamushi mainly infects dendritic cells in the eschar
[58]. The systemic dissemination of O. tsutsugamushi is suggested to be lymphogenous to the
regional lymph nodes, followed by spread to target organs via the blood. This pathway was
suggested based on the early development of lymphadenopathy in the regional drainage of
the eschar as well as on animal experiments and clinical observations [14,47]. Once O. tsutsu‐

Figure 4. Eschar and erythema on the fifth day of illness in the left arm of a patient of a 36-year-old patient (photo
provided by Dr. Takahashi).
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gamushi infection progresses, the main target cells are vascular endothelial cells and macro‐
phages of the reticuloendothelial system, although cardiac myocytes can also been infected
[14]. The endothelial cells seem to have a central role in the systemic inflammation because in
vitro-infected human dermal microvascular endothelial cells are activated to express interleu‐
kin (IL)-8 and monocyte chemoattractant protein just after the infection. Moreover, soluble
endothelial cell-specific adhesion molecules (sE-selectin) are highly concentrated in serum at
the early stage of the disease.

The basic histopathologic findings reveal multiplication of O. tsutsugamushi in the endothelial
cells lining the small blood vessels, perivasculitis and focal interstitial mononuclear cell
infiltrations, and edema. Perivasculitis may involve the lung, heart, brain, kidneys, gastroin‐
testinal tract, liver, spleen, and lymph node [73].

2.1.3. Diagnosis and treatment

Due to the severity of Orientia infection, treatment has to be started as soon as possible, even
before having a conclusive microbiological diagnosis.

As in other infectious diseases, the gold standard of the diagnosis of scrub typhus is the
isolation of the etiological agent by culture. Isolation of O. tsutsugamushi can be done in cell
culture or in inoculated mice. Yolk sacs of 5- to 7-day-olds have been widely used in the past,
but it was replaced by cell culture systems [74]. Currently, culture in HeLa, Vero, BHK, L929,
ECV304, and HMEC-1 cell lines is the reference method for isolating O. tsutsugamushi from
clinical samples [45,49,75,76]. These techniques are restricted to biosafety level 3 facilities and
personnel with extensive experience. A positive result is given in an average time of 28 days,
being inappropriate for the routine diagnosis of the disease. The shell-vial culture technique
makes the detection of the microorganism possible in 48–72 h, allowing an early diagnosis
before seroconversion [74,77]. O. tsutsugamushi can also be isolated by inoculating patient
blood into mice, but results are not available in time to guide clinical management [78]. Mouse
inoculation remains helpful when isolation of the organism from postmortem tissues is
required [74].

The mainstay in scrub typhus diagnostics remains serology [79,80]. Nevertheless, despite their
widespread use, all currently available serologic tests have limitations. The Weil–Felix OX-K
agglutination reaction was the earliest serological tests used for clinical diagnosis of scrub
typhus. It is inexpensive, easy to perform, and results are available overnight; however, it lacks
specificity and sensitivity [46]. To date, the gold standard assay for the serologic detection of
scrub typhus antibodies is the indirect immunofluorescence assay (IFA) [79]. Most frequently,
IFA uses antigen from serotypes Karp, Kato, and Gilliam [46]. IFA is sensitive, and results are
available in a couple of hours. Although it is accepted that a ≥4-fold increase in antibody titer
between two consecutive samples (acute and convalescent-phase) is diagnostic, this is a
retrospective diagnosis and cannot guide initial treatment [79]. Anyway, IFA is expensive and
requires a level of technical expertise and equipment that may not be available in rural areas.
Indirect immunoperoxidase is an alternative that eliminates the expense of a fluorescent
microscope by substituting peroxidase for fluorescein [80].
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The development of PCR amplification-based approaches have been incorporated to the
diagnoses of infectious diseases even in nonreference laboratories. PCR has potential benefits
in detecting Orientia-DNA before antibody response occurs. However, the high resource costs
and training required for this technique make them impractical in many areas where scrub
typhus is endemic. Moreover, the most appropriate specimen to use remains unclear. The PCR
of eschar material yields more sensitive results than blood and remains positive even after the
initiation of treatment. However, eschar-based PCR would diagnose a small amount of the
cases in a scenario with a prevalence of eschars as few as 7%. Buffy coat could improve
sensitivity compared with whole blood, but the use of blood-based assays is limited to the time
window of rickettsemia [81,82]. Moreover, low copy numbers is an important handicap of
DNA-based approaches. The optimal PCR target for diagnosing scrub typhus stays also
uncertain. A target gene enabling specific but sensitive detection as well as sufficiently broad
coverage of genotypes of O. tsutsugamushi is needed. A nested-PCR assay targeting the 56-kDa
gene is highly specific, but sequence variability of this gene may affect primer annealing and,
therefore, test sensitivity [83]. 16S rDNA-based Orientia-specific PCR may show a broader
detection spectrum than an assay based on a more variable species-specific target, such as the
56-kDa gene [47]. Real-time PCR assays targeting the 47-kDa outer membrane protein and the
groEL genes of O. tsutsugamushi are also very sensitive tools for the diagnosis of scrub typhus
[78,84]. Recently, loop-mediated isothermal PCR assay (LAMP) targeting the groEL gene has
shown diagnostic accuracy similar to real-time and nested conventional PCR assays [84]. This
assay is simple and less expensive and can be considered a valid molecular method for the
early diagnosis of scrub typhus.

The diagnosis and subsequently the antibiotic treatment are often missed or made late due to
the lack of effective commercially available diagnostic tests and the lack of specificity of the
early clinical presentation. It is important to remark that treatment must begin whenever scrub
typhus is clinically suspected, without waiting for microbiological confirmation. It is well
known that delayed treatment leads to complications such as adult respiratory distress
syndrome, disseminated intravascular coagulation, acute renal failure, meningitis, menin‐
goencephalitis, and gastrointestinal tract bleeding [57]. Bacterial proliferation and the time of
antibiotic treatment are very important predictors of lethality.

The clinical discrimination of scrub typhus from other undifferentiated fevers is often very
difficult because the clinical symptoms are similar. In patients presenting an eschar and/or
rash, and generalized or regional lymphadenopathy in a endemic area, scrub typhus should
be considered in the differential diagnosis along with rickettsialpox, Mediterranean spotted
fever, dengue, leptospirosis, and murine typhus [55,71].

Mortality in the pre-antibiotic era was variable and in some series approached 60%, but specific
and effective antimicrobial chemotherapy is now available [80]. Doxycycline and chloram‐
phenicol are both effective oral or intravenous agents against scrub typhus, dissipating fever
in 24 h in most patients [71]. Although the disease can be treated effectively with these
antibiotics, reinfection and relapse frequently occur due to the wide variety of antigenically
distinct serotypes [85]. Azithromycin and rifampicin are alternative drugs [61].
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Currently, effective chemoprophylaxis or vaccination approaches for dealing with O. tsutsu‐
gamushi infection are still not available [42]. A prophylactic vaccine to scrub typhus is a public
health priority because of its high incidence, high mortality, nonspecific clinical presentation,
lack of sensitive diagnostic tests, and emergence of antibiotic resistance. The development of
an effective and safe vaccine has to be strongly focused on T cell-mediated immunity, empirical
testing of the immunogenicity of proteins encoded by conserved genes, and assessment of
protection in relevant animal models that truly mimic human scrub typhus resistance [57].
Therefore, prevention of scrub typhus is based mainly on avoiding the chigger bites and the
use of repellents during travel in rural areas of endemic countries [61]. Wearing protective
clothing and self-examination after visiting arthropod-vector infested areas are also recom‐
mended [86].

2.2. Other chigger-borne infectious diseases

Nowadays, O. tsutsugamushi remains as the unique agent whose transmission by chigger bites
has been confirmed. Nevertheless, trombiculid mites inhabit areas where the presence of
several arthropod-borne microorganisms, their vectors, and reservoirs has been demonstrated.
Thus, the vector competence of chiggers has long been investigated worldwide.

There are a lot of references in the old scientific literature that associate chiggers with the
transmission of several pathogens, being N. autumnalis the most reported species. However,
the majority of them correspond to secondary anecdotal information and present poor or no
details [87]. In the 2000s, Anaplasma phagocytophilum-DNA was detected in unfed N. autumna‐
lis chiggers collected on vegetation in a mountainous area from the North of Spain [88]. This
finding remains doubtful taking into consideration that the infection occurred in unfed larvae,
so chiggers are speculated to be true carriers of the bacteria and inherited it through transo‐
varial transmission. The presence of rickettsiae was also investigated in chiggers of the same
mountainous area of Spain. Amplicons compatible with infection by Rickettsia spp. were
detected by molecular techniques in Neotrombicula inopinata collected over vegetation [89]. Up
to date, these results remain unconfirmed. The vector competence of N. autumnalis chiggers
for the transmission of Borrelia burgdorferi sensu lato (s.l.) has been also investigated. This
bacterium was screened by PCR and further DNA hybridization in questing larvae collected
on vegetation and feeding larvae removed from trapped micromammals in Germany [87].
Borrelial DNA was amplified in chiggers from 1 larva feeding on a white-toothed shrew
(Crocidura russula), from a pool of 4 larvae feeding on a Borrelia garinii-infected laboratory
mouse, and from 1 nymph that had previously fed as a larva on a Borrelia afzelii-positive
laboratory gerbil. Therefore, the vector competence of N. autumnalis remains unclear. The
presence of B. burgdorferi s.l. and A. phagocytophilum DNA was also been investigated by PCR
and reverse line blotting in chiggers found on wild birds captured in the western Carpathian
Mountains (Czech Republic) [24]. B. garinii and B. valaisiana were found in a pool of 5 chiggers
from the genus Neotrombicula collected from a Eurasian Blackcap (Sylvia atricapilla). Regarding
A. phagocytophilum, DNA was detected in none of the samples [87]. Trombiculid mites have
also been associated to Bartonella spp. A new strain of Bartonella sp. was isolated from the gray
squirrels Sciurus carolinensis in Georgia [90]. Then this bacterium was studied in ectoparasites
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removed from gray squirrels by PCR. None of the mites tested (Eutrombicula splendens,
Myiatrombicula cynos, and Neotrombicula whartoniy) were positive, whereas 6 Bartonella spp.
strains were detected, 2 in fleas and 4 in lice [91]. Furthermore, Leptotrombidium mites have
been reported as carriers of Bartonella tamiae [92], species isolated from patients from Thailand
[93].

Several rickettsiae previously found in humans as Rickettsia akari, Rickettsia japonica, Rickettsia
conorii, Rickettsia felis, Rickettsia typhi, and Rickettsia sp. closely related to TwKM02, Rickettsia
australis, and Cf15 were detected using molecular methods in trombiculid mites removed from
wild rodents collected in Korea [94]. Although the rickettsial DNA was detected in mites, it
has yet to be determined whether the DNA was amplified from the meal of an infected animal
or from the mite tissue itself. Tsui et al., (2007), identified TwKM02 and TwKM03 closely related
to R. australis and R. felis URRWXCal2, respectively, in Leptotrombidium chiggers collected in
Taiwan [95].

Chiggers are also suspected to be vectors of viral diseases [96]. The role of L. scutellare as
possible vector of a Hantavirus causing epidemic hemorrhagic fever with renal syndrome
(HFRS) in China was hypothesized [97]. The authors suggested that this mite could be
naturally infected by HFRS virus and transmitted to vertebrates by biting and to its offspring
via transovarian transmission. On the other hand, although the spread of Hantavirus had been
thought to be exclusively by rodent excrement and urine, Hantavirus-RNA was detected in
Leptotrombidium mites from Texas (2 larvae and 1 free-living predatory stage), suggesting a
possible role in the transmission of Hantavirus pulmonary syndrome [98].

3. Chiggers and dermatitis

“Trombiculiasis,” also called “trombiculosis,” “trombidiosis,” “chigger dermatitis,” “scrub
itch,” or “seasonal dermatitis” is defined as an skin allergic reaction (dermatitis) caused by the
salivary secretion of biting chiggers [1,99]. In our experience, as well as it is described in the
literature, trombiculiasis is a common but underreported ectoparasitosis that is probably often
misdiagnosed [100]. In many cases, trombiculiasis was primarily confused with a plant allergy
[29], as it was the case in our country. The better understanding of trombiculid mites’ life cycle
and their interaction with humans have made possible a proper knowledge of this disease.

3.1. Etiology and epidemiology

Although not often reported in the literature, trombiculiasis is prevalent all over the world,
except for the Arctic region [20]. However, it can be easily missed because it is normally
transient and no systemic signs are present.

In nontropical areas, bites are particularly common in the late summer and early autumn, when
outdoor activities are maximal and the peak of abundance of chiggers occurs [19,20,26,28,101].
Thus, trombiculiasis is also an important threat to travelers that visit infested areas being
unaware of chiggers [37].
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Mite islands are usually found in cleared land and scrub bush with grassy vegetation, warm
soil temperatures, and high humidity. Suitable habitats also require the presence of potential
hosts [31]. Trombiculids are also found in parks, gardens, lawns, and moist areas alongside
lakes and streams [1]. Clusters of chiggers are usually waiting at elevated points of the ground-
level vegetation, such as the end of grass stalk or on dried tree branches, until an animal or
human passes by [8] (Figure 5).

Figure 5. Cluster of unfed chiggers. Original contribution.

People are usually bitten during outdoor activities for recreational or professional purposes
such as hunting, hiking, mushroom picking, forestry work, etc. [8,28,101]. Although the rate
of people bitten is very high, apparently some persons are preferred by the chiggers, resulting
in massive parasitization, while others remain unmolested even in highly infested areas
[26,28].

More than 3,000 species of chiggers are known, but about 15 frequently bite humans and
domestic animals causing cutaneous reactions [102] (Table 2). Species currently considered as
the most frequent cause of trombiculiasis are E. alfreddugesi in the Americas, N. autumnalis in
Europe, Eutrombicula batatas in South America, and Eutrombicula wichmanni in Southeast Asia,
Australia, and the Pacific Islands [4,28,37,103].

E. alfreddugesi is the most common and widespread trombiculiasis-producing species in the
New World. The larvae are present in the late summer and early autumn in temperate regions
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of its geographical range and throughout the year in the tropics and subtropics. It is particularly
common in areas of secondary growth, along margins of swamps, and ecotones between
woodlands and open fields or grasslands [1]. E. splendens is the second most common chigger
attacking human in North America. This species is especially abundant in moist habitats such
as swamps, bogs, and low-lying areas with rotting stumps and fallen trees. The seasonality is
similar to E. alfreddugesi ones [1]. In addition, another mite causing trombiculiasis in the United
States is Eutrombicula lipovsky. It is present in moist habitats, generally characterized by an
abundance of decaying logs and stumps bordering swamps and streams [1].

E. alfreddugesi and E. batatas are the main species implicated in South-America. However,
trombiculiasis attributed to N. autumnalis (isango) is well-known in Peru [21]. Recently, a
“pest” called “Qhapa,” with the same clinical features than trombiculiasis, has been associated
with E. batatas in Bolivia [104]. In Venezuela, it is possible that a high percentage of the
diagnosed scabies may actually be trombiculiasis [22]. Recently, E. alfreddugesi was implicated
in a case of trombiculiasis in a tourist after a vacation in Brazil [20].

Seven chigger species are proven to cause trombiculiasis in Europe: N. japonica, Neotrombicula
zachvatkini, Euschoengastia xerothermobia, N. autumnalis, Kepkatrombicula desaleri, Blankaartia
acuscutellaris, and Trombicula toldti [6,29,105]. Recently, N. inopinata has been reported as a
possible causative agent of trombiculiasis in Spain [8]. As stated above, it is generally accepted
that N. autumnalis is the most common cause of trombiculiasis in Europe and the British Islands
[1]. However, in many cases, the role of “harvest mite” has been attributed to N. autumnalis
without enough taxonomic criteria. Therefore, other species may be causative agents of
trombiculiasis, as occurred with N. inopinata in Spain [8] (Figure 6).

Figure 6. Neotrombicula inopinata (photo provided by Dr. Stekolnikov).

Although well known in many European regions, the scientific description of trombiculiasis
cases have been only reported from Italy [36] and Spain [28]. Moreover, four different cases
suspected of trombiculiasis caused by N. autumnalis were described in Croatia [106], and one
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case attributed to harvest mites was informed in the United Kingdom [107]. In Europe,
trombiculiasis is associated with the late summer and early autumn [26,28,36,101]. In fact, N.
autumnalis is known as the “European harvest mite” due to the seasonality of the disease [87].
Nevertheless, in the last years, trombiculiasis-like skin reactions have been reported in
Germany not only in summer and autumn but also in early spring and in winter [31].

In Southeast Asia, Australia, and the Pacific Islands, the main involved mite is E. wichmanni.
Nevertheless, E. sarcina and species of genera Odontacarus and Schoengastia are also causative
agents of trombiculiasis [4]. In addition, Neotrombicula nagayoi was involved in human
trombiculiasis in Japan [5].

A single case of trombiculiasis has been reported in Africa. L. subquadratum was described as
a cause of severe itching and dermatitis in humans and dogs in South Africa [108].

It is generally accepted that to suffer from trombiculiasis, the antecedent of direct contact with
vegetation is required. Nevertheless, it is important to remark that one of the patients reported
in Guarneri et al., 2005 [36] was not in contact with vegetation but presented similar clinical
features than the one that was hunting with the dogs. The authors speculated that trombicu‐
liasis was transmitted by direct contact with the infected dogs. The hypothesis is supported in
the fact that the dogs were frequently allowed to sit on the legs of the patients, and the patient’s
lesions were concentrated on the abdomen and thighs. Dogs can be affected by chigger bites
and suffer neurological and digestive forms that may be fatal. In our experience, massive
infections are more frequents, and untreated dogs finally die. Dogs usually began with
diarrhea, irritation, and ataxia. The precedent of visiting infested areas and the presence of
“red points” in the dog’s eyes are essential clues to guide the diagnosis [25]

Another example of disease caused by chiggers but without direct contact to vegetation is also
a case of conjunctivitis induced by N. autumnalis, reported in a patient with no history of
travelling, hill walking, gardening, or contact with vegetation [109]. There, the authors
suggested mite infestation occurred by direct contact with the patient’s cat. Nevertheless, there
is no data about the cat in the manuscript. These cases suggested that close human contact
with infected pets should be considered as an unusual route of trombiculiasis, so chigger
transmission is possible without direct contact with infested soil or vegetation [36,109].

Previously, patients were rarely referred for dermatologist review unless symptoms were
severe. Over the last 15 years, cases of severe trombiculiasis have increased in western
Germany and in the United Kingdom [31,107]. The influence of climate and environmental
variations, changes in leisure habits, and broader environmental awareness in the population
have been speculated as possible explanations of this increase [26].

3.2. Clinical manifestation

Chigger bites are initially painless, and frequently the only sign of exposure is a severe itching.
Then small, red bite like lesions appears on the skin [1,19]. Typical 1–2 mm diameter, pruritic,
erythematous papules appear at the sites of the bites 3–24 h after exposure (Figure 7).
[10,28,37,101,103].
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Figure 7. Typical papules of trombiculiasis in a patient bitten in La Rioja, Spain. Original contribution.

The presence of papulovesicles, which may gradually progress to pustules, crusty, scabby,
eczematous, and ulcerated confluent forms of skin lesions, has also been described [17,26,103].
The pruritus is very intense, especially at night in bed. Although the chigger is not present,
the papules and discomfort may persist up to 2–3 weeks, but regression of localized itching is
generally observed in 1 week [26]. Since trombiculid mites share habitat with hard ticks, people
may result coinfested. In fact, a patient suffering from trombiculiasis and having an “erythema
migrans” (related to Lyme disease) was treated in our hospital. Furthermore, during an
episode of trombiculiasis, two affected people and their dog had R. felis infection, possibly
transmitted by fleas [110].

Chiggers usually “attack” in large numbers due to the clustering phenomenon, resulting in
multiple grouped bites on infested hosts [32]. Given their preference for attaching where the
skin is thin or in tighter contact with clothes, the bites tend to be concentrated around the knees,
antecubital fossae, and ankles, thighs, axillary region, groins and genitalia, and wrists, and in
areas constricted by clothing, such as along the belt line or the elastic borders or undergarments
[1,17,26,28,101].

Trombiculiasis-causing chiggers do not survive more than 1–2 days feeding on humans due
to the adverse host reaction and because they are remove by scratching [1,23]. The irritant effect
of chiggers’ saliva seems to induce both dermal inflammatory reaction of moderate intensity
and an adaptive immune response. These salivary components generally reveal relatively
moderate lytic properties and weak immunological characters [111]. The type of skin inflam‐
matory response during the feeding of trombiculid larvae is determined by concomitant factors
such as the site of the parasite localization, condition of the host’s skin, among others [39].
Repeated exposures result in a more rapid and intense adaptive immune response [102].
Anyway, permanent or long-term human residents in an infested area increase their immunity
as a result of continued bites, and some people can develop a high degree of tolerance to the
antigenic substances injected by chiggers. However, the occurrence of unusual outbreaks of
urticaria, increasingly severe pruritus or bulla formation, are indications of hypersensitivity
to such antigenic substances [5]. It is clear that the natural hosts of trombiculids have to be
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sensitized with respect to parasites that may lead the development of the strong specific
inflammatory response [39, 111].

3.3. Diagnosis and treatment

Diagnosis is based on the clinical manifestations, taking into consideration the history of being
in contact with vegetation and the seasonality. As the etiological agent of the trombiculiasis is
rarely found in the skin of the patients, these reactions are often misinterpreted and has been
wrongly associated to plant allergies, flea or mosquito bites, or even scabies [26]. Cutaneous
findings are nonspecific, so clinical examination would probably lead to a wrong diagnosis of
a nonspecific itchy dermatitis, leading to use inadequate or needless medications. Then an
accurate anamnesis is essential for making such challenging diagnosis. Chigger bites should
be considered whenever any unexplained skin eruption is presented to the physician.

Chiggers are not easily seen on human’s skin with the naked eye, and common magnification
lenses and even dermoscopy (×10 magnifications) have some limitations. Recently, videoder‐
matoscopy (×150 magnification) has been used to diagnose trombiculiasis caused by N.
autumnalis in a man with a well-documented diagnosis of scabies [100].

Differential diagnosis includes infestations with other mite species (e.g., the itch mite Sarcoptes
scabiei), or blood-sucking ectoparasites, such as bed bugs, fleas, ticks, and mosquitoes. Also,
hypersensitivity to chemical substances or photoallergic skin reaction to contact with a plant
(Meadow dermatitis) should be taken into consideration [26].

Treatment is primarily symptomatic and consists of antipruritics, antihistamines, and topical
corticosteroids [112]. In our medical consultation, supportive measures such as oatmeal baths
are also highly recommended. Antibiotics might be needed in case bacterial superinfection
resulting from repeated scratching occurs.

After being in known areas of chigger activity, the dermatitis can be minimized, and the
recovery time can be significantly shortened, by taking a hot soapy shower or bath and washing
clothes with soap and hot water. These good practices are recommended immediately after
exposure, in order to remove both unattached and attached chiggers, before they have firmly
anchored to the skin (generally within 3–6 h following attachment) [1,26]. Once the papules
are present, scratching should be avoided in order to prevent to excoriate the lesions and the
infection.

Patients should be advised on preventive measures, including avoidance of high-risk areas
when larvae are active. Since in many cases these results are unreasonable and contact with
trombiculid mites is unavoidable, chigger infestation may be minimized by wearing protective
clothing and soaking socks and trouser legs with insect repellents [112]. Usually, the use of
repellent sprays and lotions containing benzyl benzoate or diethyltoluamide has been
recommended [29]. Permethrin was successfully used as a clothing treatment for personal
protection against chigger mites [113]. However, the active ingredient is no longer available
for this purpose in the European Union [10,26].
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Although better than before, our contemporary knowledge on the biology and ecology of these
mites is still extremely limited. Currently, no reliable recommendations for the control of mites,
except from personal protection, can be given [26].

4. Other human diseases associated to chiggers

Apart from trombiculiasis, chiggers are responsible for other less frequent conditions. The
summer penile syndrome is a seasonal acute hypersensitivity reaction attributed to chigger
bites [114,115]. It occurs in young boys with a history of bites or outdoor exposure, and it is
characterized by the rapid onset of edema and pruritus of the penile skin. It has been described
most commonly in the spring and summer in different regions of United States [114,115].
Another example is the unique case of conjunctivitis induced by N. autumnalis, reported in
United Kingdom [109]. The patient had a 2-week history of a painful, gritty, red left eye, which
failed to improve with a liquid paraffin eye ointment. On examination, her conjunctiva was
found to be mildly red and she had normal visual acuity. On close inspection, a live mite was
identified in contact with the left upper eyelid margin.

5. Conclusions

Chiggers are worldwide distributed ectoparasites that have to be taken into account as human
pathogens. Their medical importance is based on their role as vectors of scrub typhus and as
causative agents of trombiculiasis.

Scrub typhus remains as one of the most life-threatening infection in Asian Pacific regions. The
development of a prophylactic vaccine against O. tsutsugamushi is of great interest in endemic
regions. In addition, special attention should be paid on recent reports of scrub cases typhus-
like infections in unusual areas, and on reviewing the genetic diversity of the genus Orientia.

More research studies are necessary in order to clarify the relationship of chiggers with other
bacterial or viral infections.

Trombiculiasis is an extended but underreported condition that should be considered when
pruritic dermatitis in people exposed to vegetation occurs. In risky areas, personal protection
is the unique recommendation to reduce the parasitation. A deeper understanding of chiggers’
life cycle, epidemiology and seasonality of trombiculiasis is required for a correct management
of this annoying dermatitis.
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