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Preface

Diptera, also called true flies, are soft-bodied, delicate, and usually small-sized 
insects. They comprise one of the major insect orders with rich species diversity. To 
date, more than 152,000 species of flies have been described within more than 188 
recognized families. It is estimated that more than 1,000,000 species probably exist 
today that need to be explored and recognized.

Diptera are abundant throughout the world. They are reported to be prevalent in 
the tropics and sub-Arctic regions, at sea level, on beaches, and even on mountains. 
Only the cold Arctic and Antarctic ice caps are without these flies. Because of their 
ubiquitous presence in diverse habitats, dipteran flies are of considerable economic 
importance. They play a valuable and varied role in the ecosystem and human life. 
These tiny organisms are widely known for their role as model research organisms, 
ecological indicators, scavengers, pollinators, food for predators, and control agents 
of insect pests such as parasitoids and predators. The pestiferous groups can, however, 
also transmit serious ailments to humans and animals, and can significantly affect 
agriculture and forestry.

This book highlights advances in dipteran biology, their development, pest status and 
management. Conventional management strategies using chemical and biorational 
products, their bio-efficacy, and mode of action are covered, along with innovative 
and advanced control interventions in the form of mechanical devices, physiological 
disruptors, and those acting at biochemical and molecular levels.

The five chapters, arranged in three sections, each cover a different and novel aspect 
of the field of diptera. Section 1, ‘Physiology of Diapause in Dipterans’, covers research 
progress on the diapause of dipteran insects, a physiological process that enables 
them to survive in a natural environment otherwise unconducive to their survival. 
The phenomenon provides an adaptive advantage for flies, ensuring that their life 
cycle is synchronized for optimal growth, development, and reproduction. Diapause 
is categorized according to the requirement, the development stages of flies, and the 
steps in the process. Chapter 1 also elaborates on the environmental signals inducing 
and regulating diapause onset, sensitive insect states of diapause conditions, the 
endogenous molecular mechanism of diapause, and previous research results. The 
diapause process and intrinsic mechanisms in dipteran insects are analyzed in terms 
of endogenous changes in hormones, metabolism, genes and proteins, etc.

Chapters 2 and 3 under Section 2, ‘Conventional and Advanced Strategies for Mosquito 
Management’, focus on mosquitoes, the medically significant dipterans responsible 
for transmitting a number of serious diseases including dengue, Chikungunya and 
Zika viruses, malaria, encephalitis, filariasis and yellow fever. Chapter 2 illustrates the 
biology and diversity of the three main mosquito genera, Anopheles, Aedes, and Culex. 
Several traditional measures are discussed, such as use of biological agents – larvivorous 
fishes and crustaceans – and the application of chemical and plant-based toxicants in the 
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larval habitat. Physical and behavioral processes, such as the frequent use of mosquito 
nets, repellents derived from plants, electrical traps and attractant traps in mosquito 
management, are described at length along with challenges in the implementation of 
these initiatives.

Chapter 3 discusses advances in mosquito control interventions devised to induce 
genetic, physical and behavioral modifications in mosquitoes. Strategies examined 
range from the sterile insect technique (SIT) inducing male sterility to reduce vector 
population, developing flightless females by the release of insects carrying a domi-
nant lethal (RIDL), creating transgenics with abnormal and lethal genes, using gene 
drive technology to genetically modify mosquitoes and reduce their transmission 
competency, reducing the vectorial capacity by Wolbachia infection, and attracting 
and killing mosquitoes via application of attractive toxic sugar baits (ATSB). The use 
of lasers and light detectors to investigate mosquitoes’ behavior, and enhance their 
trap and kill through high-power lasers are also described.

Section 3 is titled ‘Biology and Management of Dipteran Pests’. Chapter 4 discusses 
dipteran pests that damage different parts of garlic and onion plants and cause exten-
sive crop losses. The biology, life cycle, and pest status of the two most significant 
dipterans, Delia platura and Delia antiqua, are described, with cultural, biological 
and chemical control interventions for integrated management of these pests. The 
importance and management of minor pests such as leaf miners are also discussed.

Chapter 5 discusses the most significant walnut pest, the walnut husk fly (Rhagoletis 
completa Cresson), which causes crop losses of up to 80% in many growing regions, 
including the United States and Europe. The chapter describes the geographic distribu-
tion of this pest, its bionomics and infestation symptoms, and its effect on yield quantity 
and quality. New and traditional monitoring and control methods are reviewed; biotic 
protection and the possible role of phenolic compounds in cultivar resistance to walnut 
husk flies are emphasized.

I hope that this book will serve as a useful handbook for students, researchers and 
practitioners associated with the field of insects, and that the potential research 
directions it indicates will inspire future research ideas.

Sarita Kumar
Department of Zoology,

Acharya Narendra Dev College,
New Delhi, India
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Chapter 1

Research Progress on Diapause in 
Flies (Diptera)
Haibin Han, Yanyan Li, Bo Zhang, Kejian Lin, Shujing Gao, 
Linbo Xu, Ning Wang, Wenchang Duan and Wenyuan Niu

Abstract

Diapause is a physiological process in which insects can survive in a natural 
environment that is not conducive to their survival, which is the result of long-term 
adaptation to environmental conditions. It provides a great adaptive advantage for 
insects, allowing insects to survive in unsuitable seasonal environments to synchro-
nize their life cycles with those suitable for growth, development, and reproduction. 
The process of regulating insect diapause is a complex process interacting with 
multiple mechanisms. In this chapter, a review is given of the current knowledge of 
diapause types, environmental inducing factors, sensitive states, and the endogenous 
molecular mechanism associated with diapause in flies (Diptera). Research regarding 
both the diapause process and intrinsic mechanism is reviewed.

Keywords: diapause, stages of diapause, biotic and abiotic factors, molecular 
mechanisms, Diptera

1. Introduction

Diapause is a state in which insects suspend or arrest the development in response 
to unfavorable environmental cues. It is an adaptive mechanism with a genetic 
basis, regulated by the external and internal environment factors, and occurs in 
a specific stage during the life cycle of an insect such as embryonic, larval, pupal, 
and active adult stage. Once induced, diapause cannot be immediately terminated 
even if unfavorable conditions disappear, unless a certain break period has been 
experienced. Diapause is terminated with the return of appropriate environmental 
conditions (temperature, light, moisture, etc.), and physical and chemical conditions 
[1]. Diapause provides an adaptive advantage for insects, allowing them to continue 
surviving in unfavorable seasonal environments and ensuring that their life cycle is 
synchronized with conditions suitable for growth, development, and reproduction.

There are two types of diapause, obligatory diapause and facultative diapause. 
Obligatory diapause, also known as absolute diapause, means that insects have 
to enter diapause to complete their life cycle, regardless of environmental condi-
tions. It is most found in univoltine insects (one generation per year). For example, 
Anthocharis cardamines is a univoltine butterfly species that has an obligate pupal dia-
pause in United Kingdom [2]. Facultative diapause, also known as random diapause, 
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means that insects start this process only when environmental conditions become 
adverse. It is most commonly seen in bivoltine (two generations per year) or multivol-
tine insects (more than two generations per year). For example, the bivoltine strain 
of the silkworm, Bombyx mori, has a facultative embryonic diapause in Japan [3]. The 
generation of diapause is variable, but the life stage in which diapause occurs is fixed. 
Thus, photoperiod, together with temperature and other environmental factors, leads 
to a facultative diapause in insects. For insects, the significance of diapause is not only 
to enable them to survive the adverse environmental conditions, but also to make the 
population as uniform as possible, which greatly increases the possibility of male and 
female mating and thus ensures the reproduction of the population. To meet energetic 
costs, insects use two methods that are metabolic depression and energy storage. By 
reducing their metabolic consumption, insects can accelerate the accumulate energy 
to enhance their resistance to adverse environments [4]. In recent years, the research 
results on diapause of the order of Diptera have increased. This chapter classifies the 
research progress of diapause in Diptera, including the main groups, types, stages, 
parental effects, diapause-inducing factors, and mechanisms of molecular regulation. 
It provides theoretical support for population control of Diptera pests and effective 
biocontrol using natural enemies [5].

2. Taxa of diapause

Diptera is the fourth largest order after Coleoptera, Lepidoptera, and 
Hymenoptera. In terms of diapause research, 85 species of Diptera have been studied, 
including Tephritidae, Culicidae, Calliphoridae, Agromyzidae, Oestridae, Muscidae, 
Anthomyiidae, Tachinidae, Drosophilidae, and Cecidomyidae (Figure 1).

Figure 1. 
Taxa of dipause in Diptera.
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3. Types of diapause

Diapause can be categorized according to life stages as an egg (embryonic), larval, 
nymphal, or adult diapause (Table 1). Based on the hereditary feature, there are two 
types of diapause, one mandatory (obligate diapause) and one optional (facultative 
diapause) (Table 1).

Insects with obligate diapause enter diapause at a fixed developmental stage on 
schedule no matter how the external environmental conditions are, while those with 
facultative diapause can be induced into diapause at a certain stage but uncertain 
generation. Diapause is mainly affected by the changes in external environmental 
conditions. When the environmental conditions are unfavorable, insects enter 
the diapause, otherwise they continue to develop. Flies also experience diapause 
in the pupal stage (quiescent stage), during which the activity is extremely weak. 
Sarcophaga similis and Haematobia irritans have a pupal diapause [6], with the pupal 
diapause of the parasitoid fly Exorista civilis occurring within the insect host. Pupal 
diapause, common in other Diptera, is conspicuously absent in the Culicidae, whose 
members may pass through diapause as eggs, larvae, or adults. Aedes albopictus 
overwinters as diapausing eggs in temperate climates [7]. For Chlorops oryzae, dia-
pause occurs as larvae, triggered by conditions experienced by the egg [8]. Diapause 
of Procontarinia mangifera is observed in larvae [9], Adult reproductive diapause 
occurs in Drosophila suzukii and Protophormia terraenovae [10]. The third-instar lar-
vae of Eurosta solidaginis show obvious hibernation (winter diapause) characteristics 
[11]. Once Lucilia sericata reaches the third instar, larvae stop feeding and then enter 
diapause [12]. Sitodiplosis mosellana undergoes diapause as larvae in the soil [13].

Classification Characteristics

Diapause induction stage Embryonic diapause occurs at any stage of insect embryo 
development; regulated by the 
brain-hypopharyngeal gland-
diapause hormone endocrine system

Larval diapause occurs at any instar of larval larvae, 
but mostly occurs at the late larval 
stage

Nymphal diapause commonly happen in Diptera and 
Lepidoptera, which is regulated by 
brain-prothoracic-corpora allata 
interaction

Adult diapause commonly occurs in Coleoptera, 
Lepidoptera, Hemiptera, Diptera, 
Homoptera, and Orthoptera, and is 
regulated by the islet- corpora allata

Hereditary feature Obligatory diapause insects have no choice but to enter 
this process at some stage in their 
life.

Facultative diapause insects will start this process only 
when environmental conditions 
become adverse

Table 1. 
Types of diapause.
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4. Incidence of diapause

The diapause process can be divided into three phases: pre-diapause, diapause, 
and post-diapause. Pre-diapause occurs before the beginning of unfavorable 
environmental cues. Insects in this phase forecast an impending transformation in 
certain environmental stimuli in a special way, and change their internal neuro-
endocrine system and metabolism level to enter diapause. At this stage, insects 
maintain normal development, which include induction and preparation stage 
[14]. The induction stage happens before the beginning of unfavorable environ-
mental cues. Insects receive these specific environmental stimuli called “token 
stimuli” such as photoperiod, temperature, humidity, and food, to regulate their 
development and decide whether to enter diapause or not. Larvae of S. mosellana 
enter diapause at a long day length [15]. The preparation phase is followed by 
the induction phase, during which insects accumulate energy substances such 
as lipids, sugars, and amino acids. Lipids provide a large amount of nutrition 
for insects in diapause and prevent heat loss and mechanical damage [16]. 
Saccharides such as glycogen and trehalose, as instant sources of energy, play a 
crucial role in dealing with abiotic stresses [17]. Amino acids reserve help in both 
providing raw materials for protein synthesis of diapause insects and resistance 
to cold and desiccation. Amino acids are stored prior to diapause, but they help in 
maintaining life activities during diapause and post-diapause [16]. Previous stud-
ies of diapause in Culex pipiens demonstrated that during the diapause, mosquito 
accumulated more sugar than non-diapause mosquitoes [18].

Because of frequent observations of changing responses to various environmental 
conditions, diapause is divided into three eco-physiological sub-phases: initiation, 
maintenance, and termination [14]. The incidence of diapause is affected by a variety 
of factors. Many insects enter diapause at any stage of their life cycle, but for some 
species, the diapause stage is fixed, which can be judged by observing the color, 
appearance, and cocoon making of insect bodies [14, 19–21]. The maintenance phase 
refers to the period in which the insect remains undeveloped even under favorable 
developmental conditions, and the respiration and metabolic rates are at low levels. 
The diapause maintenance period of different insects varies greatly, ranging from 
a few weeks to several months or even several years. With the return of favorable 
environmental conditions, the intensity of diapause gradually decreases and enters 
the diapause termination. At this stage, insects are sensitive to temperature factors, 
especially low temperatures. In addition, photoperiod can induce diapause termi-
nation. Application of exogenous substances can also break insect diapause. For 
example, exogenous ecdysterone can terminate the diapause of Bactrocera minax [22].

In the termination phase, insects enter the next inactivity period if the environ-
mental conditions are still unfavorable; however, they start resuming their physi-
ological development [14].

5. Parental effects on diapause

Parents exhibit a greater effect on the diapause phenotype of their offspring, which 
defines as parental effect [23]. Parental effect is subject to natural selection, and it 
is the response mechanism of phenotypes to environmental heterogeneity [24, 25]. 
Among the parental effects, the female parent exhibits a greater influence than the 
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male parent, so maternal inheritance is considered to be a short form of non-Mende-
lian parental effect (including maternal and paternal inheritance). For insects, female 
effects on offspring are relatively common. The parental effect of diapause in Diptera 
is mainly affected by environmental conditions such as diapause duration, photope-
riod, temperature, and parental factors. Ordinarily, parents produce more diapausing 
progeny if they experience short-day length, limited resources, or low temperature 
[26]. In the study of A. albopictus, maternal photoperiod has a direct influence on egg 
size and embryogenesis [27].

Larval diapause in the blow fly Calliphora vicina is induced by their mothers to 
cope with short-day photoperiods. Due to the various photoperiod and temperature 
of the parents, the process of C. vicina larval diapause can vary in duration, indicat-
ing that the accumulations of diapause stimuli by parents significantly influence 
the intensity and incidence of progeny diapause [28]. The incidence of diapause 
is completely under maternal control and is not affected by the male [29]. Lucilia 
sericata has a facultative diapause in the third larval instar after cessation of feeding. 
Induction of the diapause is influenced by the photoperiod and temperature condi-
tions experienced by insects in the parental generation as well as those experienced 
by the larvae themselves [30]. In Sarcophaga bullata, a maternal effect blocks the 
programming of diapause in progeny of females reared in short-day length that have 
experienced pupal diapause [31].

6. Environmental cues for diapause induction

Insect diapause is a complex process in which many mechanisms interact with each 
other. The major environmental signals regulating diapause onset in insects include 
temperature, photoperiod, food, and population density. Studies on insect diapause 
show that the primary cause and state of diapause can be identified and insects could 
be induced into diapause by artificially simulating diapause conditions in the field. 
Environmental cues, mostly temperature and photoperiod, control reproductive 
diapause in flies (Diptera), which regulate the induction, maintenance, and termina-
tion of diapause.

Seasonal change in photoperiod is the most reliable information to detect the 
time of year and is the major environmental signal regulating diapause onset 
in most insects. Photoperiod refers the period of time in a day that an organism 
is exposed to light or, more simply, day length. Photoperiodism is a biological 
response to a change in the proportions of light and dark in a daily (24 h) cycle, 
and the average number of daylight hours that cause insect diapause is known as 
“critical photoperiod.” When insects respond to changes in light intensity through 
the brain or compound eyes, the internal “timer” automatically evaluates the 
length of day or night and regulates the insects to enter the diapause [32]. Usually, 
the diapause of Diptera is caused by short-day length. A. albopictus enters diapause 
with short-day length. The photoperiodic diapause is a crucial ecophysiological 
adaptation of A. albopictus to climate change in North America and strongly affects 
seasonal population dynamics, thus affecting the transmission potential of arbovi-
ruses [33]. Chlorops oryzae enters summer diapause under long day length, but the 
critical photoperiod is shortened with the increased temperature [34]. In C. oryzae, 
winter diapause in the first larval stage is induced by short-day length in the egg 
stage and maintained by short days in the larval stage [35]. D. suzukii is shown to be 



Advances in Diptera - Insight, Challenges and Management Tools

8

a typical of short-day length diapause species [9], and also, S. similis enters pupal 
diapause under short-day conditions [36].

Temperature is another major environmental signal regulating diapause, espe-
cially for Diptera. Linothele sericata can be stored at 7.5°C for several months and is 
seen as a potential replacement for honeybees, whose diapause is mainly affected by 
low temperatures in winter [37, 38]. The Chinese citrus fruit fly, B. minax, exhibits 
pupal diapause in the soil from November to March in the next year, and the pupal 
period increases with pupal weight. Temperature before entering diapause is a reason-
able index to predict overwintering individuals [11]. P. terraenovae adults do not enter 
diapause at 30°C in either long-day or short-day conditions; however, between 17.5 
and 27.5°C, the insect shows a long-day photoperiodic response, indicating that the 
diapause is mainly induced by low temperature [39].

Diapause in some species of flies is subject to both photoperiod and temperature; 
for example, the dominant diapause cues of M. autumnalis and H. irritans are prob-
ably both photoperiod and temperature [40]. The critical day length for Aphidoletes 
aphidimyza diapause induction is determined to be 12.7 h at 20°C. Diapause incidence 
is completely prevented at 30°C even though the photoperiod used is 11 L–13D. In 
addition, diapause induction is 100% under changing temperature conditions while 
maintaining the critical day length (12.7 L–11.3D), and diapause incidence is 100% 
in both field and greenhouse conditions under alternating temperatures of 20/16 or 
25/16°C [41]. Winter diapause of Delia antiqua is completed under constant diapause-
inducing conditions of 15°C and 12 L–12D, and the pupal period is shortened sig-
nificantly [42]. The critical photoperiod for inducing diapause of E. civilis is between 
11.8 and 11.9 h, while it can be induced into diapause at longer day lengths when the 
temperature is lower [43]. The incidence of E. civilis diapause is also influenced by the 
temperature and photoperiod. It is found that lower temperature prolongs the larval 
diapause period, and the diapause rate decreases under the high temperatures. All 
larvae enter diapause at 17°C, whereas the larvae become sluggish and stiff when tem-
perature is lower than 17°C and death increases. The diapause rate is negatively cor-
related with light duration at 21°C. Diapause cannot be induced by short-day lengths 
at 25°C. Low temperature and short photoperiod are the most important prerequisites 
for inducing E. civilis diapause, among which temperature is the dominant factor, and 
photoperiod affects diapause induction only at certain temperatures.

7. Molecular mechanisms of diapause

7.1 Hormonal and metabolic regulation

Endogenous regulatory factors of insect diapause mainly focused on neuroen-
docrine systems, hormone signaling pathways, and energy metabolism pathways. 
Studies on Drosophila show that when insulin-like signals are disrupted, fruit flies 
stop reproducing, and their energy reserves increase [44]. Inhibiting FOXO and 
insulin-like polypeptide-1 (ILP-1) change many diapause phenotypes of C. pipiens 
such as increase stress resistance, fat accumulation, and delayed development [45]. 
Therefore, insulin signaling is thought to be an important candidate pathway to study 
differential regulation of diapause metabolism.

Juvenile hormone (JH), a sesquiterpenoid hormone produced by the corpus 
allatum (CA) of insects, is one of the most important hormones in insects and plays a 
key role in preventing larval metamorphosis, maintaining larval state, and regulating 
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adult developmental and physiological process. It also plays a crucial role in the 
expression of vitellogenin, oocyte maturation, and development. The interaction 
between genes associated with juvenile hormone pathway is complex, which means 
genes directly or indirectly participate in the regulation of JH signaling pathway. 
Studies on the fly Melinda pusilla have reported that the application of exogenous 
juvenile hormone can temporarily terminate diapause [46]. Diapause in C. pipiens 
adult stage is characterized by a pause in reproduction, such as stagnation of the 
ovaries and male accessory glands, as well as reduced mating activity. The cessation 
of JH production delays ovarian development, and increases stress resistance, fat, 
and sugar storage [47]. When C. pipiens females are held in diapause conditions for 
22 weeks, follicles gradually grow longer. When 21-day-old diapausing mosquitoes are 
moved to a long daylight of 16:8(L:H) at 26°C, juvenile hormone synthesis increases 
rapidly and peaks 5 days later, while follicles grow to a quiescent stage. Allatectomy of 
young diapausing females prevents follicle growth and blood feeding when diapause 
is terminated prematurely, demonstrating that the physiological events are associated 
with juvenile hormone biosynthesis [48].

During diapause, there are a lot of significant changes that occur in energy and 
metabolism due to the organism need to maintain life activities under extreme 
environmental conditions. Expression of the trehalase gene expression and enzyme 
activity of D. antiqua in summer- and winter diapause are lower at the initial phase 
but increase gradually and peak in the maintenance phase [49]. The contents of glyco-
gen and trehalose in E. civilis during diapause increase significantly with an increase 
in the diapause induction period.

7.2 Diapause-associated changes in genes

With the development of high-throughput sequencing technology, the sequenc-
ing and annotation of Drosophila melanogaster genome were first published in 2000 
[50]. However, not all Dipteran insects have been sequenced. To simplify the genome 
sequencing research strategy, transcriptome sequencing can be used to study insects 
with or without a reference genome available. Transcriptome sequencing technol-
ogy is rapid, efficient, and low-cost, and currently has been widely used in genetic 
research, which can carry out transcriptome analysis of a tissue or organelle in a more 
comprehensive way [51]. Transcriptomes would not only facilitate a better under-
standing of how individual genes have evolved in biological processes, but would also 
help to reflect what gene expression changes more precisely [52]. The transcriptome 
refers to the collection of all gene transcription products in a cell or tissue under 
certain state or physiological condition, including messenger RNA, ribosomal RNA, 
transport RNA, and non-coding RNA. Transcriptomics, as an important means to 
study cell function, can be used to investigate the amount of active gene expression at 
the RNA level. In recent years, with the development of second- and third-generation 
molecular sequencing technology, the single-cell genomics is advancing rapidly. 
Transcriptome based on whole-genome analysis represents the average level of all cell 
signals, ignoring the variation between cells [53]. Compared with traditional sequenc-
ing technology, single-cell technologies have the advantages of detecting the differ-
ences in gene expression among individual cells. At present, single-cell sequencing 
has been used in Drosophila and mosquitoes. New cell types, mechanisms of devel-
opment and aging, genes controlling neural regulation, and connection have been 
found in Drosophila by single-cell RNA sequencing analysis [54]. However, single-cell 
sequencing has not been done to study diapause of Dipteran insects.



Advances in Diptera - Insight, Challenges and Management Tools

10

The use of RNA-Seq to determine genes with distinct levels of expression between 
diapause and non-diapause has been confined to flies, and Kyoto Encyclopedia of 
Genes (KEGG) analysis is performed to identify the pathways that are significantly 
enriched in diapause. A high-throughput RNA-Seq analysis from non-diapause and 
summer diapause pupae of D. antiqua revealed variation of cuticular and cytoskeletal 
components [55]. Significantly differentially regulated transcripts are identified 
in summer diapause (SD) and non-diapause (ND)-sensitive larvae of D. antiqua. 
Several functional terms related to lipid, carbohydrate, and energy metabolism, 
environmental adaption, immune response, and aging are enriched during the most 
sensitive SD induction period. There is much more variation of circadian clock genes 
in the period of ND than SD-destined larvae, which indicates that it is a key driver of 
integrating environmental signals to summer diapause [56]. The diapause-associated 
traits identified in S. mosellana appear to be involved in rapid spread and outbreaks. 
Transcriptomic sequencing performed on diapause and non-diapause larvae shows 
that various genes-coding metabolic enzymes are crucial for diapause [57]. The 
molecular mechanisms of obligatory diapause induction in B. minax are investigated 
by using high-throughput RNA-Seq data from second-instar larva, third-instar larva, 
and pupa stages. The cluster co-expression patterns of the differentially expressed 
genes reveal that significantly differentially expressed genes in the pupal stage are 
predicted to be related to diapause induction. All differentially expressed genes are 
investigated by GO functional and KEGG pathway analysis, and the results show 
that genes involved in processes such as 20-hydroxyecdysone (20E) biosynthesis, cell 
cycle, and metabolic pathways are likely related to obligatory diapause induction in B. 
minax [58]. The diapause-associated genes in E. civilis are related to be involved in the 
pathway of signal transduction, endocrine system, and carbohydrate metabolism by 
KEGG pathway enrichment analysis [59].

Based on transcriptome sequencing, some candidate diapause-related genes have 
been further studied in Diptera. For example, heat shock proteins (HSPs) have been 
studied in S. mosellana, Sarcophaga crassipalpis, and Rhagoletis mendax. Hsp90 is 
downregulated in S. crassipalpis diapause pupae and returns to pre-diapause level 
after diapause termination. The expression of Hsp90 is increased by heat shock 
or cold shock during diapause. It is showed that Hsp90 is regulated differently in 
diapause and diapause pupae response to heat injury [60]. DaTrypsin is a serine pro-
tease gene and is the first upregulated gene during winter and summer diapause. It 
may be involved in host immune defense or maintain the developmental of diapause 
pupae [61].

7.3 Diapause-associated changes in proteins

Proteins are complex molecules that play a central role in biological processes. 
Proteomics is used to elucidate the expression and function of protein on the basis of 
genome research. Changes in protein expression during diapause can be explored by 
two-dimensional gel electrophoresis and mass spectrometry. Isobaric tag for relative 
and absolute quantitation (iTRAQ ) can quantitatively analyze proteins from different 
sources in a single assay, and is used to study quantitative changes in the proteome 
by tandem mass spectrometry. Due to its high efficiency and sensitivity, iTRAQ has 
the potential to further advance the study of molecular mechanisms involved in 
diapause. Proteomic analysis of Diptera has also been reported. A proteomic approach 
was used to investigate the proteins extracted from larvae of S. mosellana at differ-
ent developmental stages, which include pre-diapause, over-summering diapause, 
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over-wintering diapause, and post-diapause. The results showed that two small Hsps 
play key roles in stress tolerance during diapause [62]. Proteins synthesized by pupal 
brains of the flesh fly S. crassipalpis were examined during diapause and non-diapause 
using pulse labeling and two-dimensional electrophoresis, and it was found that a 
cluster of about 15 brain proteins appears to be specific to diapausing pupae [63]. 
Ninety-five differently expressed proteins were identified in the diapause of E. civilis 
by using iTRAQ proteomics, and Hsps were found to be the key diapause-associated 
proteins. These proteins are mainly involved in material and energy metabolism [64]. 
Proteomic changes are studied in diapausing versus non-diapausing D. antiqua using 
two-dimensional differential gel electrophoresis, and it is found that some identified 
differential proteins may play an important role in physiological processes such as 
heat resistance, chromosome separation, and folic acid metabolism [65].

7.4 Diapause-associated changes in metabolite profiles

Metabolome refers to a collection of small molecular compounds that participate 
in the metabolism of an organism or cell with a relative molecular weight of less 
than 1000 DA in a specific physiological period. Metabolomics is a new discipline 
that simultaneously conducts qualitative and quantitative analysis of small molecule 
metabolite. It can be used to investigate how metabolites change with time when the 
organism is stimulated [66]. The cellular activities of living organisms are jointly 
undertaken by genes, proteins, and small molecule. The metabolic level can reflect 
the functional changes of macromolecules and amplify the small changes in gene 
expression. Various techniques are widely used to determine metabolic phenotypes, 
including liquid chromatography-mass spectrometry (LC-MS), gas chromatography-
mass spectrometry (GC/MS), and nuclear magnetic resonance (NMR). LC-MS 
analysis does not require sample volatileness and thermal stability, and is suitable 
for compounds with high boiling points, strong polarity, and poor thermal stability. 
Most metabolites involved in life science have these qualities, so LC-MS has broad 
application. In recent years, metabolomics has been applied in the area of medicine 
and microbiology, but there are still relatively few studies on insect diapause. The 
metabolic profiles of diapause and non-diapause B. minax pupae show that proline, 
trehalose, N-acetylglutamate, and alanine significantly contribute to cold tolerance 
during diapause [67]. In the metabolomics analysis of diapause and non-diapause 
pupae of E. civilis, L-proline, L-phenylalanine, L-histidine, and L-tyrosine are 
significantly different, which provides a foundation for mechanistic follow-up studies 
in insect diapause [68].

8. Conclusion

Knowledge of diapause in Diptera is essential for the development of effective 
pest management strategies and to increase the shelf-life of parasitoids used in the 
biological control industry. This chapter summarizes the recent progress on diapause 
of Diptera. We do believe that further studies should be investigated in the diapause 
of Diptera. Current research studies suggest that histone modification, DNA meth-
ylation, RNA methylation, and small noncoding RNAs all may be involved in the 
regulation of diapause in Diptera. However, it remains unclear whether they regulate 
the hormonal and physiological changes associated with diapause of Diptera; research 
has primarily focused on physiological changes associated with pre-diapause with 
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limited attention given to post-diapause. Studies showed that the indices of insects, 
such as oviposition quantity, oviposition duration, and life span, increased positively 
during post-diapause phase. The accumulation and consumption of energy storage 
substances in pre-diapause and diapause will affect the biological characteristics in 
post-diapause phase. Combined with biological characteristics in post-diapause, 
studies on development rate, feeding, individual size, diapause maintain environmen-
tal conditions, and nutritional supplements after the diapause are necessary. Existing 
studies on diapause in Diptera are mainly based on single omics, and studies using 
multi-omics are still vacant. Therefore, for a deeper understanding of the complex 
molecular landscape of diapause in Diptera, all the available omics data should be 
utilized in combination rather than treating them individually.
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Abstract

As the global human and animal population increases, deadly pathogens and 
parasites may be transmitted by arthropods. There are a number of vectors that pose a 
threat to human health due to their role in transmitting dangerous pathogens, includ-
ing mosquitoes (Diptera: Culicidae). The most important drawback of these products 
is the incidence of insecticide resistance, which has increased rapidly in recent 
years. New approaches and vector-control tools targeting aquatic stages and adults 
are urgently needed. The three main mosquito genera, Anopheles, Aedes, and Culex, 
transmit the causative agents of numerous important diseases to humans as well as 
animals. A technique that involves the use of genetically modified (GM) mosquitoes 
for the purpose of vector control is another potential option. Other best ways to 
control the mosquito are by chemical, biological and genetic means.

Keywords: populations, pandemic, pathogens, approaches, causative

1. Introduction

There are several causes that contribute to the close relationship between fauna and 
flora in the globe today, including population expansion and the development of trans-
portation networks. These variables break down biogeographic boundaries and lead to 
the initial occurrence of species in new environments [1]. Damage caused by these spe-
cies in the Americas is estimated to be in the neighborhood of $120 billion each year [2]. 
Arthropods may spread deadly infections and parasites [3]. Epidemics and pandemics 
present a risk to the world’s growing human and animal populations [4]. It is important 
to note that mosquitoes (Diptera: Culicidae) are considered the most harmful vector 
because of their involvement in the transfer of deadly infections [5]. As a result of com-
merce and travel, essential mosquito species are being introduced to new environments 
[6, 7]. Commercially accessible chemical compounds, employed for mosquito manage-
ment, are often toxic to human beings imparting major skin and nervous system issues, 
such as rashes, swelling, or eye irritation [8]. Since pesticide resistance has been on the 
rise in recent years [9], treating mosquito breeding is exceedingly difficult or impossible, 
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as these products pose a serious problem. Thus, the need for new vector control tech-
niques and instruments that target aquatic stages and adults is critical [10]. Currently 
available information about mosquito-borne illnesses, as well as the most recent statis-
tics on their reappearance, are discussed in this chapter, along with the strengths and 
weaknesses of the management methods currently in practice. For biological control of 
mosquito-borne illnesses, new inventive alternatives are recognized but seldom used, 
others that are not employed at all, and rest are in the test or design phase.

Mosquitoes of the three major genera Anopheles, Aedes, and Culex spread the 
pathogens that cause a wide range of serious illnesses in both people and animals [11]. 
There has been an increase in the number of mosquito-borne diseases that have a 
significant influence on human health.

As the most common parasite illness of humans, malaria, transmitted by Anopheles 
sp. is prevalent in more than 80 countries, with the majority of cases and fatalities 
occurring in sub-Saharan Africa, where more than 85 percent of cases and 90 percent 
of deaths occur, largely in children under 5 years old (Figure 1). There have been 
228 million cases of malaria at the globe level, with 93% of them occurring in Africa 
alone, and recent epidemics have decimated several places [12].

Many mosquito species transmit Wuchereria bancrofti and Brugia spp., leading to 
lymphatic filariasis which produce diverse clinical symptoms (25 million men with 
hydrocele and over 15 million individuals with lymphoedema), and at least 36 mil-
lion people continue to have these long-lasting illness manifestations. It is apparent, 
however, that eradicating lymphatic filariasis is not achievable without managing the 
vectors of this disease.

Likewise, Aedes aegypti and Aedes albopictus (Figure 2) transmit dengue, yellow 
fever, Chikungunya Zika, etc. in human beings. The dengue virus (DENV), contain-
ing four unique serotypes, belong to the Family Flaviviridae [13]. With 3.6 billion 
people living in places at risk of transmission and hundreds of millions of cases of 
dengue fever recorded each year [14], it is now the most common arthropod-borne 
viral illness affecting humans [15].

Figure 1. 
Anopheles gambiae: (A) larvae, (B) pupa, and (C) adult.
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Zika virus (ZIKV) also belonging to Flaviviridae causes frequent disease outbreaks 
in numerous Latin American and Pacific nations (Figure 3) [16]. A. albopictus is the 
major and secondary vectors of ZIKV epidemics [17]. In addition, a number of other 
species are also implicated in the fast spread of this virus. It is now regarded as one of 
the most significant public health threats [18, 19].

Antalgic stance gait and acute articular pain are hallmarks of chikungunya fever 
(CHIF) caused by the Chikungunya virus (CHIKV) (Figure 3). The 1.4 percent to 90 
percent of infected individuals often progress to the chronic stage (52 percent in the 
American continent). Several nations have lately had outbreaks of the disease [20].

Figure 2. 
Aedes albopictus: (A) larvae, (B) pupa, and (C) adult.

Figure 3. 
Cartography of significant resurgences of mosquito-borne diseases worldwide (until September 2019). It presents 
outbreaks and cases of malaria, dengue fever, yellow fever, chikungunya fever, and Zika fever between 2017 and 
2019. The figure clearly illustrates their resurgence in most tropical countries. There are several northern countries 
where the competent vector has become established, which may allow local transmission.
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Apart from these diseases, the hemorrhagic and possibly deadly RNA virus, 
Flaviviridae [21], causes more diseases and generates more epidemics in various coun-
tries, particularly in unprotected populations [21]. A new epidemic usually appears 
every 7–10 years or so [22]. More than half the YFV (Yellow Fever Virus)-endemic 
nations in the world are located in Africa, according to the World Health Organization 
(WHO). Numerous outbreaks have been reported, with a death rate of up to 33.6% 
[23]. Roughly 70 to 90 million doses of vaccines are manufactured each year across 
the globe, making it the most cost-effective and safe method of preventing YF.

According to the World Health Organization, around 67,000 people per year are 
infected with Culex-borne Japanese encephalitis, 20 percent to 30 percent of whom 
die, and 30 to 50 percent of those who survive have major neurological consequences. 
As previously mentioned, new strains that are genetically similar to those implicated 
in prior epidemics have been discovered [24]. Louis encephalitis virus was the pri-
mary arbovirus cause of epidemic encephalitis in the United States [25]. Numerous 
people have been struck down by it in the last few years [26].

Similar to humans, horses are the domesticated animal most frequently infected 
by the West Nile virus transmitted by Culex (Figure 4). Eighty percent of cases are 
asymptomatic, neurological signs are the most frequently reported symptom, and 
90 percent of those infected with the virus go on to develop clinical symptoms. The 
mortality rate for infected horses may reach 30 percent [24]. In spite of this, recent 
cases of human epidemics have been documented [25].

It is common to find different harmful blood-borne bacteria in mosquitoes [27]. It 
is not yet known whether the existence of these bacteria in mosquitoes may be attrib-
uted to their infrequent consumption of blood meals or environmental acquisition, 
or if they can grow and ultimately transmit during blood meals. Various pathogenic 
alpha-proteobacteria, such as Anaplasma species, Ehrlich species, Candidatus neoehrlich 
species, Bartonella species, and Rickettsia species, have been discovered in adult mosqui-
toes (xeno-monitoring studies) [28]. More intriguingly, laboratory tests have shown 

Figure 4. 
Culex pipiens: (A) larvae, (B) pupa, and (C) adult.
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that the agent of febrile rickettsiosis, Rickettsia felis, may be transmitted by Anopheles 
mosquitoes [29]. Francisella tularensis is the first known mosquito-borne bacteria 
since it is also transmitted by mosquitoes (Aedes), the primary vector in Sweden and 
Finland [30].

Inadequate vector-control efforts, limited access to quality healthcare, rapid and 
unplanned urbanization of tropical regions coupled with unsanitary conditions, 
a deterioration of public health infrastructures, and a number of complex factors, 
including population growth, globalisation of the economy, international travel 
(recreational, business, and military), may explain the spread of these diseases in 
the region. All of these factors are connected to climate change [31]. The misuse of 
insecticides and the development of resistance, however, continue to be the primary 
contributing causes.

2. Mosquito control

Controlling the mosquito vectors that spread the major diseases is an important 
part of global initiatives to get rid of and control diseases. If these initiatives are 
successful, they can lead to a huge drop in the number of diseases around the world. 
However, various problems are associated with the vector control measures, which are 
discussed below.

The prevalence of pesticide resistance among vectors is a major obstacle that 
prevents the proper implementation of vector control measures [32]. Adult vec-
tor mosquitoes may be particularly difficult to manage if insecticides are no longer 
effective, leading to serious implications for human health. Another issue is the wide 
range of mosquito susceptibilities to various pesticides [33]. Malaria has been reduced 
by the use of ITNs (Insecticide-treated bed nets) and IRS (Indoor Residual Sprays) 
but insecticide resistance and the inability to maintain these treatments might have 
the inverse effect. Some ITNs and IRS approaches have shown potential in malaria 
control, but are restricted in dengue control because of the ecology of Anopheles and 
Aedes mosquitoes. The enormous variety of vectors and the changing behavior of 
mosquitoes are a few more obstacles to overcome. In addition, rising urbanization and 
climate change [24] might have an unanticipated and significant effect on the distri-
bution of vectors, creating new challenges for vector management strategies [34–36].

In addition to this, other challenges in the implementations of vector control 
initiatives include issues arising in prevention strategies such as a limited amount 
of funds or fair distribution of funds for vector control. These are just some of the 
challenges that are associated with the implementation of vector control programs. 
It is also possible for the vector control interventions to be weakened if there is a lack 
of effective monitoring methods relevant to pesticide resistance and the behavior of 
vectors. In addition, the absence of cooperation between governmental and non-
governmental groups may have an impact on the vector control operations that are 
carried out. Migration of both people and products presents difficulties in terms of 
both disease emergence and vector control [37].

Although the approaches to eradicate mosquito-breeding places are very success-
ful, they are not practicable in locations with intermittent water supply and if these 
methods are not applied at the grass-root level, the efficiency of these strategies is 
impaired [38]. For example, kerosene oil and chemical larvicides are excellent in 
killing larvae, but this method has a big drawback of being harmful to the environ-
ment. Similarly, application of the soil bacteria Bacillus thuringiensis israelensis (Bti) 
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though effective, but works only on the larval stages and therefore using Bti is not a 
viable option for controlling larval populations. Further, Bti has been proven to have 
an influence on food chains and led to other environmental consequences in recent 
research [39, 40]. Likewise, the introduction of Tilapia and mosquito fish into the 
ecosystems without the use of a controlled ecosystem might potentially result in 
harmful environmental impacts.

The harmful effects of these chemical larvicides necessitate that the World Health 
Organization (WHO) understands and assesses the development of new vector 
control products before they are used in the field. Consequently, a variety of various 
vector control tactics and research are addressed below, such as the release of sterile 
insects by irradiation, the use of Wolbachia and gene-drive technologies, etc. Public 
acceptance and regulatory approval need a detailed risk assessment and significant 
stakeholder input.

While using genetically modified organisms, these kinds of hurdles are obviously 
far greater than they are for purely biological control methods like use of Wolbachia. 
Second, the implementation of these treatments will put enormous selection pres-
sures, which might lead to the development of resistance in either the target pathogen 
(in the case of Wolbachia or vector competence gene drive constructs) or the vector 
(for population suppression genetic constructs and possibly Wolbachia). In addition, 
the long-term phenotypic stability of Wolbachia in Ae. aegypti is yet unclear at this 
time [41].

A technique that involves the use of genetically modified (GM) mosquitoes for 
the purpose of vector control is another potential option. This method has vari-
ous benefits, such as the fact that it is non-toxic and prevents the use of chemical 
pesticides. However, the use of genetically modified mosquitoes raises a number 
of ethical difficulties. In addition to this, it is necessary to take into mind the pos-
sible influence that these creatures may have on the surrounding ecosystem [42]. In 
addition, the process of creating genetically modified mosquitoes is highly pricey 
and may not be feasible for economically disadvantaged endemic nations. Thus, 
the World Health Organization (WHO) advises and urges more field tests and risk 
assessments to determine how effective this method is in preventing the spread of 
disease [43].

Recently, the environmentally friendly production of nanoparticles has developed 
as an approach for vector control that is both easy and efficient in its use. The large-
scale synthesis and its potential effects on the environment are, however, subject to a 
number of restrictions. In addition, there is a significant divide between the implica-
tions that may be theoretically drawn from this technology and those that can be 
drawn from its actual use. In addition, there is a very limited amount of data available 
about the effect that these nanoparticles have on other aquatic creatures [44]. A good 
number of these nanoparticles have been subjected to acute toxicity testing on non-
target creatures or on other aquatic organisms that live in the same biological niche as 
vector mosquitoes.

The presence of high-transmission hotspots and heterogeneity both make the task 
of mosquito management more difficult; yet, it is possible that the task of control in 
low-transmission regions will be simpler than was originally anticipated based on 
geographically inaccurate transmission intensity forecasts [45].

Making the most of limited resources (especially in low-income regions) in order 
to achieve the greatest possible improvement in public health is going to be another 
one of the most challenging tasks. Extrapolation of clinical trial data to forecast popu-
lation effect of each intervention in a wider variety of contexts and in conjunction 
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with other control methods would require rigorous epidemiological research and 
mathematical modelling to ensure such optimal deployment. In addition, stringent 
monitoring and evaluation are necessary in order to determine whether therapies are 
beneficial in actual practice [36]. Meanwhile, the political commitment and imple-
mentation of collaborative vector control techniques are the keys to achieving the 
aim of vector control and, as a result, lowering the risk of disease transmission and 
making a contribution to the elimination of disease.

3. Alternative strategies for mosquito control

As many as 4 billion people are at danger of dengue virus transmission alone, 
despite our best attempts to manage vector-borne disease outbreaks using present 
intervention strategies. Because of this, new tactics for mosquito vector manage-
ment must be devised in light of the current situation. With the fast rise in pesticide 
resistance and its harmful effects on non-target species, new methods for mosquito 
control are needed.

3.1 Repellents of the physical environment

To prevent interaction between people and the vector, the repellent compounds 
function in the vapor phase to make the area undesirable for the insect. Using this 
strategy, mosquitoes will be diverted to non-human hosts, reducing the damaging 
effects of pesticides on people and other non-target organisms, as a result. Instead of 
killing the insect, the repellents aim to keep it from biting humans [46]. New active 
chemical components can be used to change the typical behavior of the vectors and 
boost this method’s effectiveness. Currently, there is no indication that this practice 
has any effect on the population. However, many hurdles must be overcome before 
spatial repellents may be used as a tool in vector management, as they cost too much 
money. Also, these repellents need the usage of power, which makes them unsuitable 
for places with a high transmission rate in less developed areas. If these deterrents are 
to be easily included into vector control programs, their cost must be comparable to 
that of IRS or LLINs (Long lasting insecticidal nets) [47].

Allethrin (Therma CELL) and metofluthrin (OFF! clip-ons or lamps) emanators 
have been tested in several early field trials for their efficiency as spatial repellents 
and have been found to provide more than 70% protection [48]. In push-pull systems, 
the application of these deterrents eventually aids in the mosquito’s push towards the 
baited traps. Some of these trials involved the use of various repellents like as PMD, 
catnip oil, and delta-undecalactone.

3.2 Use of repellents derived from plants

Plant-based “natural” smelling insect repellents are now extensively used over the 
world since they are considered safe and effective. Many plant volatiles are effective 
insect deterrents and repellents due to their high vapor toxicity. Compounds present 
in most plants protect them from phytophagous (plant-eating) insects from being 
eaten. Among the compounds utilized are repellents, growth regulators, poisons, and 
feeding deterrents [49]. Alkaloids, terpenoids, proteinase inhibitors and phenolic 
compounds are among the greatest examples of secondary metabolites in plants 
which defend the plants. Currently, the volatile components produced by herbivory 
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are well known for their capacity to repel mosquitoes and other biting pests. Insects 
detect volatile scents with the help of sensory neurons (ORNs), which are typically 
located on the antennae and maxillary palps of insects, and are equipped with odor-
ant receptor (OR) proteins [50].

Many people have known for millennia that lemon eucalyptus has insect repellent 
properties. Essential oils containing 85 percent citronellal are far more effective than 
water in keeping mosquitoes away for long periods. The low vapor pressure of one of 
its ingredients, para-menthane-3, 8-diol, on the other hand, provides great protection 
against a wide range of insect vectors over an extended length of time. Eucalyptus 
extracts have recently been given fresh life by advances in nanotechnology [51]. As a 
repellent, citronella and vanillin are found in quantities of 5–10 percent in lemongrass 
extract and essential oil extract (5 percent). Using citronella oil in a nano-emulsion, 
stable droplets may be formed that help retain the oil and postpone its release. The 
efficacy of neem-based treatments has also been proven in various field studies in 
India [52].

3.3 Traps

Traps can be used to catch adult mosquitoes. The carbon dioxide that is released 
on conversion of propane into water can work as an attractant. Warm water vapors 
with carbon dioxide attract mosquitoes. As a result, mosquitoes may be lured up to 30 
meters away from the trap using the pesticide octenol, or 1-octen-3-ol. This attractant 
mostly attracts zoophagous mosquitoes. In certain traps, a dim light is employed to 
attract the mosquitoes which are then into a collection chamber or bag using a fan. It 
is common in some mosquito traps, such as CDC light trap. This trap will catch many 
other flying insects, such as flies and bumblebees.

UV/visible light mosquito traps draw not only mosquitoes, but also helpful in 
catching pollinating insects, resulting in unintended injury. A larvicide pharma-
ceutical package is discharged to avoid the death of undesired insects; nevertheless, 
attracted insects may provide falsely optimistic image processing results. It is also 
possible to reduce power consumption by eliminating active traps that need actuators 
[42]. In order for a trap to be effective, it has to be set up, maintained, and operated 
correctly. Their effectiveness may be affected by the wind. An awkward location for 
a mosquito trap may lead to more attacks. To counter this problem, one might try 
setting up traps around their property [53].

3.4 Sterile insect technique (SIT)

The SIT is a pest control method that uses mass-reared sterile males to control an 
insect population in a certain region. When wild sterile males mate with wild females, 
no offspring are produced [54]. The target wild insect population is reduced over time 
by introducing sterile males in a systematic and repeated method. Various nations, 
including Brazil, Cuba, Italy, Mauritius, Mexico, and Germany, have tested the SIT 
on a small scale in partnership with the Food and Agriculture Organization (FAO) of 
the United Nations. The IAEA, TDR (Special Programme for Research and Training 
in Tropical Diseases), and WHO collaboration are planning larger-scale pilot releases 
as a part of research and technical cooperation activities, as well as test releases in 
connection with epidemiological investigations. There are two types of mosquitoes: 
those that bite and transfer diseases, and those that do not bite and do not constitute a 
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threat to humans. Because sterile mosquitoes are unable to breed, their numbers will 
not rise in the wild. Normally, sterile mosquitoes are dispersed by land, but the IAEA, 
in partnership with the FAO and others, has achieved promising results in Brazil 
utilizing a drone release approach [51].

Tsetse flies, melon fruit fly, pink bollworm and the New World screwworm have 
all been eradicated using this method. Sterilization and genetic sexing, the develop-
ment of superior strains for mass manufacturing and release, as well as the identifica-
tion of molecular markers for detecting the released sterile insects in the field, can all 
help to increase the effectiveness of this procedure. To evaluate the SIT programme, it 
is critical to distinguish between sterile and wild insects that have been released [55]. 
A luminous transformation marker incorporated into a transgenic bug might make 
releasing insects easier to identify. Anopheles gambiae and Aedes aegypti mosquito 
species have evolved fluorescent sperm marking systems [51].

4. Management control of mosquitoes

Malaria, Mayaro fever, dengue, Chikungunya, yellow fever, filariasis, Zika, are just 
a few of the diseases that mosquitoes potentially spread. With the use of insecticides, 
larvicidal agents and bed nets, along with the use of medications as chemoprevention 
and treatment of the sick, these vectors can be control effectively.

Figure 5 represents the chemical, genetic and biological control techniques for 
mosquitoes which are discussed below.

Figure 5. 
Chemical, biological and genetic control of mosquitoes.
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4.1 Chemical control

Mosquitoes are responsible for the death of millions of people each year from 
diseases transmitted by vectors. There is currently no vaccine available for viral 
illnesses and malaria transmitted by mosquitoes. As a result, mosquito and vector 
species management is critical if epidemics like malaria and dengue fever are to be 
kept in check.

Control strategies based on chemical, biological and physical elements have all 
been implemented to prevent the spread of mosquito-borne disease as the most 
typical and conventional method of regulating mosquito populations. Among these, 
chemical control is the most productive, but it damages the environment and threat-
ens non-target individuals as well. Despite their well-known negative effects, chemi-
cal insecticides combined with personal protection techniques are currently the most 
frequently applied strategy for mosquito control [56].

Chemicals with mosquitocidal qualities are known as insecticides. These chemicals 
include organochlorines, organophosphorus, carbamates, pyrethroids, pyrroles, 
and phenyl pyrazole. These substances are employed in sprays for public health 
purposes. The application of chemical pesticides as principal agents in excessive 
amounts without limit, without interference, without discriminatory treatment, and 
on a continuous basis result in warranted toxic or lethal effects on non-target organ-
isms, resistance in mosquitos and most importantly the potential for toxic effects 
on environment and adverse effects on health, posing a great threat to life and the 
environment [57].

Pyrethroid pesticides are neurotoxic because they interfere with voltage-gated 
sensitive sodium channels (VSSC). Pyrethroids have a greater effect on insect sodium 
channels than on vertebrate sodium channels [58]. Pyrethroids are mixed with water or 
oil and applied as an ultra-low volume spray to kill flying adult mosquitoes by skilled 
mosquito control services. Toxic effects of pyrethroids are attributed to their ability to 
delay the activation of the voltage-sensitive sodium channel, which leads to immobility 
and eventually death of the insect, an effect known as “knockdown” [59]. Pesticides 
incorporating pyrethroids are most often used in the various countries to suppress 
dengue virus vectors Aedes albopictus (Skuse) and Aedes aegypti [60].

In the programmes, actively combating malaria and reducing the lifespan of 
gravid female mosquitoes, DDT (dichlorodiphenyltrichloroethane) may have been 
the most frequently employed man-made organic pesticide during the twentieth cen-
tury. Water-based larvicides are used to control the number of larvae in the environ-
ment. Adult mosquito populations can be managed with adulticides and synergists, 
which disguise and spray adult mosquitoes. There are numerous insect development 
regulators, including pyriproxyfen, diflubenzuron, and methoprene, which can be 
used as larvicides and adulticides, along with ovicidal attributes, in mosquito control 
techniques worldwide [61].

In chemical control, the most obvious issues are growing pesticide resistance, 
human health hazard and the pollutants that has a detrimental effect on wildlife 
and the environment. Propoxur, permethrin, malathion, deltamethrin and lambda-
cyhalothrin have been linked to behavioral changes in Culex quinquefasciatus and 
A. aegypti after exposure to sub-lethal concentrations of these organic chemicals, 
which belong to the three primary chemical classes; pyrethroids, carbamates, and 
organophosphates. Females of A. aegypti and C. quinquefasciatus species avoided 
feeding during the WHO tunnel experiments that used treated bed nets after a single 
sub-lethal pesticide exposure. The ability of mosquitos to change and resist towards 
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insecticides has been shown to have a major influence on the effectiveness of these 
interventions [62]. As a result, there is an urgent need for further viable supply to 
synthetic insecticides over the world.

4.2 Biological control

Biological control has evolved from a specialized technique to a broader one over 
time. As a consequence, the number and variety of biocontrol agents used to treat 
pests and mosquito transmission has increased tremendously in recent decades [63].

Numerous studies have shown that a number of environmentally safe natural 
substances have insecticidal properties, including bioactive peptides, essential oils 
[64], nanomaterials [65] and polyphenolic extracts. Both natural enemies of the 
target mosquitoes and biotoxins are used in biological control tactics. Invertebrate 
predators, nematodes (such as Romanomermis culicivorax), larvivorous fish (such as 
Gambusia affinis), some fungi (like Lagenidium giganteum), and protozoa are included 
in this regard [66].

Shrimps of the species Macrobrachium brasiliense, Macrobrachium amazonicum, 
M. pantanalense, and Macrobrachium jelskii can be used to suppress A. aegypti, 
C. quinquefasciatus and Anopheles darlingi larvae [67].

As a result of the management of vectors, biocontrol approaches have also already 
contributed in reducing the mosquito number. As a biocontrol agent, bacteria such as 
Bacillus thuringiensis, Bacillus sphaericus and Streptomyces avermitilis have been shown 
to be safe for the environment and a feasible approach for reducing mosquitoes. One 
of the insecticidal protein families found in B. thuringiensis subsp. israelensis, the Cyt 
(cytolysins), as well as the Cry (crystal delta)–(endotoxins), have been proven to be 
efficient in mosquito control [68].

In specific African regions, some fungi are capable of attacking A. aegypti, which 
can be exploited as cost effective and ecofriendly for controlling flavivirus pandemics 
in North as well as South America [69]. Microsporidia coelomomyces is virulent and is 
known as the most varied parasitic fungus groups against mosquitos [70].

The use of larvivorous fish as a biological and self-reproducing adversary of 
insects through the process of predation is not only an extremely cost-effective 
approach of regulating mosquito populations, but it also has a mosquito control 
effect that is maintained over the long term. One of the fishes that is being employed 
the most often as a biocontrol agent is Gambusia [71]. It is clear that mosquito fish 
biocontrol has many benefits over traditional pesticide mosquito control mechanisms. 
Furthermore, employing exotic mosquito fish presents a problem because they might 
affect native species and local ecosystems. As a result, extreme care must be exercised 
while using them [72].

Toxorhynchites splendens is a mosquito genus well known for its larvae’s capacity 
to feed on mosquito species such as C. quinquefasciatus, A. darlingi and A. aegypti 
as well as other aquatic animals living in naturally or artificially created habitats. 
Toxorhynchites mosquito is thought to be a potential biological control tool for mosqui-
tos residing in a variety of habitats [73].

Insects that live in water, such as the Lethocerus americanus, have the potential to 
consume mosquitoes throughout various stages of their development [74]. Frogs, 
tadpoles, and toads can feed on the larvae of A. darlingi, C. quinquefasciatus, and 
A. aegypti.

Rhabditidae and Heterorhabditidae worms are known to either directly or indi-
rectly cause death in their hosts. Nematodes can infect their hosts in one of four ways: 
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by entering the body while the host is just being fed by a mosquito; by penetrating 
the cuticle; by entering through the anus or spiracle; or by entering during mosquito 
feeding [75].

The plant extract-based larvicidal pesticides are a promising class because of their 
low toxicity, low environmental impact, and lack of harm to non-targeted species 
[76]. Mosquitocidal activity of different plants is combined with the microbicide 
capabilities of silver nanoparticles (Ag–NPs), leading to an improved nanoscale 
(1–100 nm) effectiveness due to the increased A/v of nanoparticles. Because of these 
attributes, Ag–NPs are remarkably efficient against vector larvae even at extremely 
low concentrations [77].

4.3 Genetic control

The number of disease-carrying mosquitoes can also be controlled by genetic 
methods that can target both the adults and the larvae [78]. For gene functional 
analysis and pest control, genome editing is essential. Orco (odorant receptor co-
receptor) is a critical modulator of several olfactory-driven behaviors throughout 
the Anopheles sinensis life cycle, emphasizing the role of Orco as a potential molecular 
target for malaria control [79].

As an alternative to sterilizing males for the purpose of insect population control, 
genetic engineering is often used to introduce a gene into mosquito vectors that causes 
them to die off on their own [80]. It was discovered that OX513A males in Malaysia 
had similar lifespans [81] and spreading capacities, however the most recent produc-
tion of OX513A males in Brazil ended in a large drop of the target wild population.

LA513A, an A. aegypti strain modified to possess a non-sex specific, dominant, 
complicated late acting lethal genetic process that leads to death during the pupal 
stage rather than larval maturation, avoids density dependent effects on larval stage 
in natural populations. Despite the fact that without tetracycline, the vast majority 
(95–97 percent) of LA513A insertion carrying larvae dies during the pupal stage, they 
grow properly without it [82].

Release of Insects Carrying a Dominant Lethal Gene (RIDL) is a concept that was 
introduced by the British biotech company Oxitec. Tetracycline, an antidote, can 
suppress the deadly gene so that mosquitoes can be raised to adulthood in breeding 
locations before being released into the wild as males, where they mate with wild 
females and produce offspring that die at the larval stage [83].

The first successful gene knockout and transgenesis experiment was performed 
on mosquitoes. Instinct biological control methods based on population modifica-
tion of vector mosquitoes have shown incredible potential in the struggle against 
mosquito-borne illnesses. These strategies include the genetics based sterile insect 
technique (SIT), CRISPR/Cas9 mediated gene drive, and population-replacement 
methodologies [84].

The development of innovative nanotechnology-based formulations for natural 
and synthetic repellents is a necessary aspect towards more efficient techniques with 
fewer adverse side effects.

5. Conclusions

In recent years, a number of new diseases that are transmitted by mosquito vectors 
have evolved as a consequence of climate change, dramatic population increase, 
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degradation and increased resistance to pesticides. However, the use of pesticides 
can have a negative impact on other forms of life, which can then lead to an imbal-
ance in the ecosystem. As a result, it is of the utmost importance to focus on finding 
novel and effective strategies that are environmentally friendly, easy to handle, safe, 
and inexpensive with no negative impact on populations that are not being targeted. 
Control strategies based on chemical, biological, and physical elements have all been 
implemented to prevent the spread of mosquito-borne diseases as the conventional 
methods of regulating mosquito populations. Due to the innovation and latest 
research scientist are able to explore the non-conventional methods of mosquito man-
agement based on genetic modification, nanotechnology, etc. Harmonious utilization 
of various control methods is the best way to manage the mosquito population.
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Chapter 3

Advances in Mosquito Control: A 
Comprehensive Review
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Abstract

Mosquitoes are the important global vectors transmitting diseases of human 
concern such as dengue, Chikungunya, Malaria, encephalitis and yellow fever, etc. 
Management of mosquito-borne diseases largely relies on the vector management 
because of the lack of effective medication and vaccination. Several strategies have 
been formulated and applied in the fields to control mosquitoes; yet there is a contin-
ued rise in mosquito-borne diseases leading to sufferings and morbidities. Presently, 
chemical interventions are the most preferred methods which has impacted human 
health and the environment negatively. These issues have created a demand to devise 
novel approaches which can be used safely and effectively for mosquito management. 
Thus, several innovative mosquito control interventions have been devised based on 
genetic, physical and behavioral modifications in mosquitoes. These strategies span 
from Sterile Insect Technique (SIT) Release of Insects Carrying a Dominant Lethal 
(RIDL), creating transgenics with abnormal and lethal genes, gene drive technology, 
reducing the vectorial capacity by Wolbachia infection and application of attractive 
toxic sugar baits (ATSB), or by lasers and light detectors to investigate their behavior, 
and enhance their trap and kill. This Chapter gives a comprehensive overview of the 
conventional, and novel and innovative techniques devised for the control of mos-
quito vectors.

Keywords: Mosquito control, SIT, Wolbachia, ATSB, Transgenics, Gene drive, RIDL, 
Laser, Conventional strategies

1. Introduction

Mosquitoes, Aedes, Culex and Anopheles sp., are the global vectors of public health 
importance. These are widely distributed throughout the world and are responsible 
for transmitting several diseases of human concern such as dengue, Chikungunya, 
Zika, Malaria, encephalitis and yellow fever, etc. The continuous rise in these diseases 
has created a worldwide concern. According to the World Health Organization [1], an 
estimated 241 million global cases of malaria were recorded in 2020 in comparison to 
the 227 million cases in 2019. Among these, India accounts for 3% of global malaria 
cases and 2% of malaria deaths across the globe [2]. Likewise, dengue cases have 
increased intensely leading to about 50% global population at risk of dengue trans-
mission and approximately 100–400 million annual infections [3].
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Aedes is a known vector of dengue, Chikungunya, Yellow fever and Zika. According to 
the reports, the most common urban species, Ae. aegypti, was originated as Ae. aegypti for-
mosus in the wilds of Sub-Saharan Africa and gradually established globally, more specifi-
cally in the tropical and subtropical regions of the world [4–6]. Likewise, Ae. albopictus, 
the peri-urban and rural vector, a native zoophilic species of Southeast Asia, Western 
Pacific and islands of Indian Ocean, has expanded globally via human activities and active 
transportations [7–9]. It is believed that Aedes could spread and establish into new regions 
because of climatic changes, elevated carbon emissions and global warming leading to the 
global appearance and expansion of several Aedes-borne arboviral diseases [10–12]. Aedes 
is currently distributed throughout the tropics including Africa (from where it originates) 
and a number of subtropical regions such as South-Eastern United States, the Middle 
East, Southeast Asia, the Pacific and Indian Islands, and Northern Australia (Figure 1).

Among Culex, the Cx. pipiens is the most widely distributed species responsible 
for the transmission of encephalitis, West Nile Fever, St. Louis encephalitis, etc. The 
Cx. pipiens pipiens, an old word taxon, is prevalent in temperate regions dispersed 
from Northern Europe to the highlands of South Africa while Cx. p. pallens is distrib-
uted throughout temperate Asia and Cx. p. fatigans is prevalent in the tropical regions. 
Another common species, Cx. quinquefasciatus is present throughout the tropical and 
warm temperate regions (Figure 2). Presumed to be the native of lowlands of West 
Africa, it has spread to the New World via slave ships dispersing gradually to Asia and 
other tropical and temperate parts of the world [14].

Figure 1. 
Predicted distribution of Aedes aegypti (A) and Aedes albopictus (B) [6] (CC-BY-4.0).
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Like other mosquito vectors, Anopheles species is also extensively distributed 
throughout the world, specifically in the tropical areas though with variability in the 
complexity (Figure 3). In Africa, the hardest hit, An. gambiae, An. arabiensis and 
An. funestus are the most common species, whereas in Indian region, An. culicifacies, 
An. stephensi and An. fluviatilis are the most prevalent. Figure 4 depicts the status of 

Figure 2. 
Global distribution of Culex quinquefasciatus. Red areas represent the most suitable areas, yellow areas as 
potentially suitable while blue areas as unsuitable areas [13] (CC-BY-4.0).

Figure 3. 
Global distribution of Anopheles mosquito [15] (CC-BY-2.0).
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malaria cases in these regions. China and El Salvador were declared malaria-free in 
2021 by WHO as no malaria cases were reported in these countries for 4 consecutive 
years [16]. In addition, Islamic Republic of Iran and Malaysia have been reported to 
eliminate malaria with zero indigenous cases for 3 consecutive years (Figure 4).

2. Management of mosquitoes: Conventional strategies

Management of mosquito-borne diseases largely relies on the vector management 
because of the lack of effective medication and vaccination. Though, a few vaccines; 
such as dengvaxia is approved in some countries against dengue fever, 17D against 
yellow fever and RTS, S/AS01 against malaria; the use of these vaccines is associ-
ated with some constraints. For example, dengvaxia is considered effective only 
for 9–16 years old children and only when they have been previously infected with 
dengue and are living in areas where dengue is common [17]. Similarly, the WHO has 
endorsed RTS, S/AS01 vaccine against malaria but just for children and in regions 
with moderate to high P. falciparum malaria transmission [18].

Since olden times, several conventional strategies have been used to control mosquito 
vectors. Measures such as elimination of mosquito breeding sites and use of net screens 
on windows and doors to prevent entry of mosquitoes, etc. were commonly employed. 
During nineteenth century, the progress in science led to the formulation of DDT (an 
organochlorine) which was used as Indoor Residual Spray (IRS) during the Global 
Malaria Eradication Campaign (1955–1969) [19]. Gradually, other conventional synthetic 
insecticides – organophosphates, carbamates, pyrethroids; and Insect growth regulators, 
like JH analogues – Methoprene, Fenoxycarb, etc.; Chitin Synthesis Inhibitors – Dimiln, 
Penfluron, etc., were formulated which changed the direction of mosquito control [20]. 
These chemicals were used as active ingredients in the form of various formulations, 
sprays, dust, granules, and in mosquito repellents and bed nets, etc.

Figure 4. 
Indigenous case status of malaria in 2020 [16].
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These interventions, devised for mosquito management, can be categorized into 
environmental interferences, chemical-based approaches, and biological control 
methods. Environmental management strategies include - sanitation, elimination 
of the mosquito breeding sites, avoid water stagnation, emptying water containers, 
covering all water-filled containers and waste management. Chemical interventions 
are based on the use of insecticides such as Temephos, Malathion and pyrethroids. 
Biological methods use agents such as copepods, larvivorous fish, Bacillus sphaericus, 
dragon fly naiads, may fly naiads, etc. A few measures to control Aedes-borne arbovi-
ral transmission have been depicted in Figure 5.

The use of insecticide-treated door curtains and bed nets (ITN), residual sprays in 
peri-domestic spaces, indoor residual spraying (IRS) and the control of larval breed-
ing by Temephos and diflubenzuron, etc. are other commonly used approaches for 
mosquito management. In fact, use of IRS, ITNs (Insecticide-treated Nets) and LLINs 
(Long Lasting Insecticide-treated Nets) could reduce the malaria incidence in 21st 
century. Consequently, mass campaigns were held to distribute LLINs in countries 
with disease epidemics. However, the associated constrains; primarily development 
of insecticide resistance in mosquitoes and involved operational costs; limit the 
effectiveness of these approaches. Thus, efforts have been made to impregnate nets 
with synergized insecticides in order to reduce or reverse the resistance. Nevertheless. 
despite all efforts, the mosquito-borne diseases are continuing to rise in the world 
causing illness and morbidities at the global level.

Currently, majority of the mosquito control strategies are reliant on chemical-
based interventions. However, use of these toxicants frequently and extensively has 
increased the problem of environmental pollution and led to widespread develop-
ment of insecticide resistance in disease vectors. In addition, bioaccumulation of 
these chemicals in the environment has caused their biological magnification through 
the ecosystem. It is hypothesized that the vector control can be achieved fast with 
the implementation of new vector control interventions which can complement 
long-lasting insecticidal nets and indoor residual spraying. Thus, these issues have 
highlighted and necessitated the need to manage resistance, prevent resurgence of 
mosquito-borne diseases and maintain the drive towards disease elimination using 
biorational, effective and other novel approaches.

Figure 5. 
Measures to control Aedes-borne arboviral transmission [21] (CC-BY-4.0).
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3. Management of mosquitoes: Novel strategies

Successful control of mosquitoes requires a comprehensive approach. Since last 
few decades, several innovative mosquito control interventions and management 
approaches have been devised including genetic, physical and behavioral approaches. 
A brief and systematic review of these interventions has been discussed below.

3.1 Sterile insect technique

The use of sterile insects for insect pest management was first described in 1950’s 
by E. F. Knipling. Though this innovative idea of paradigm shift in control interven-
tions was initially used to eradicate screwworm flies, fruit flies etc., the use of SIT 
approach against mosquitoes has been conceived recently.

The SIT is a 4-step approach: mass production of mosquitoes, sorting males from 
females, irradiate male mosquitoes to make them sterile and mass release of sterile 
male mosquitoes into the target area (Figure 6). The objective behind the approach 
is that once released, sterile male mosquitoes compete with the wild males to mate 
with wild females. As SIT males are sterile, the mating does not produce any offspring 
and over time, the number of the targeted mosquito species in the area is reduced. 
The uniqueness of the SIT is that as the pest population reduces, the efficacy of the 
approach increases. Consequently, continued release of sterile mosquitoes reduces 
the vector population gradually over generations. Nonetheless, the approach can 
be successful in isolated population of mosquitoes and when the released male SIT 
mosquitoes are more numerous than the wild males.

The earlier attempts, however, had mixed success because it was highly problem-
atic to rear and produce enough number of sterile males to suppress natural popula-
tions [23]. Further, sex separation in mosquitoes has been formerly based on the 
mechanical sorting according to the size dimorphism between male and female pupae 

Figure 6. 
Principle of sterile insect technique [22] (CC-BY-4.0).
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as according to the reports, the pupal size-based sex separation could consistently 
give an essentially male-only population [24]. Nevertheless, irradiation at pupal stage 
used to often damage the insects in comparison to the irradiation at the adult stage 
which was, but, operationally much more difficult [25].

As a result, now, novel transgenic approaches have been created which help to 
develop and release required number of mosquitoes in the fields. Such approaches 
have been used for An. gambiae [26], Ae. aegypti [27], and Ae. albopictus [28]. Using 
these techniques, transgenic sterile Ae. aegypti have been released in the Grand 
Cayman and have demonstrated an effective reduction of these mosquitoes [29].

It is recommended that novel genetic methods using sex-linked markers may 
enhance the accuracy and efficiency of sex-sorting. For instance, the specificity of 
the homing endonuclease I-PpoI (Intron encoded endonuclease) of An. gambiae was 
exploited to distort sex ratio by producing only male offspring. The endonuclease 
selectively cleaved the ribosomal gene sequences located on the X chromosome 
(Figure 7). Slicing of the X chromosome prevents its transmission to the next genera-
tion and produced >95% male offspring [26].

The SIT technique is often used as a complement to other approaches as it is ecologi-
cally benign and insect-specific. The major limitation of SIT is that it is non-persistent 
in the environment because of inability of SIT mosquitoes to reproduce. Thus, once the 
release of these mosquitoes is stopped, the targeted mosquito species can return to nor-
mal. Hence, the technique demands regular release of irradiated males to be successful. 
Other constraints include – heavy expenditure to set up rearing and irradiation facility, 
complications in segregation of male mosquitoes, transportation issues, probable 
overdose of radiation which might affect vitals, and release of mosquitoes in isolated 
areas to avoid immigration of wild males and gravid females. The approach requires 
planning and commitment for long-term implementation due to its slow action as 
unlike fast-acting chemical interventions with immediate actions, it compromises the 
hereditary machinery of insect pest population by affecting next generation.

3.2 Release of insects carrying a dominant lethal (RIDL)

The limitations and issues associated with SIT could also be alleviated by the use of 
transgenic strains carrying specific novel traits, such as conditional genetic sterilization 
or lethality. The approach is based on the concept that transgenic strains of mosquitoes 
carrying a female-specific lethal gene could be used to remove females prior to release in 
the fields. It will remove the need for irradiation of males to manage vector population.

The RIDL approach acts late in the development and thus, it prevents mosquitoes 
from becoming adults. It was reported that introduction of LA 513 transposons into 
the mosquito’s DNA produced offspring that die in the larval stage. The approach has 
been recommended in Malaysia as a control measure of Ae. aegypti [30].

Figure 7. 
Distortion of the sex ratio model in mosquitoes towards males based on meiotic X shredding [26] 
(CC-BY-NC-SA-3.0).
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In another study, the “flightless female” Ae. aegypti has been developed by the 
genetic engineering of synthetic phenotypes [31]. The gene present in the strain 
encodes a toxin which destroys the wing muscles of females because of which the they 
are unable to fly, mate or search their food and oviposition sites. In Ae. albopictus, 
the gene Actin-4 has been isolated to drive a dominant lethal gene in the indirect 
flight muscles leading to the development of a conditional female-specific flightless 
 phenotype [28].

3.3 Male determining factor

The scientific advancement has discovered the male determining factor (M factor) 
in mosquitoes located within a Y chromosome–like highly repetitive M locus. These 
include Nix in Ae. aegypti [32], gYG2/Yob in An. gambiae [33, 34] and Guy1 in An. 
stephensi [35]. A dominant male-determining locus (M-locus) establishes the male sex 
(M/m) in the yellow fever mosquito, Ae. aegypti.

It was discovered that knocking out the Nix gene results in feminized males 
while ectopic expression gave masculinized females with male genitalia [32]. 
Demonstration that M locus determines the male sex in Ae. aegypti and is thus inher-
ited by only male mosquitoes has been carried out [36]. In case, the Nix gene inserted 
into a chromosomal region is inherited by the female Ae. aegypti, the mosquitoes can 
convert into non-biting males. They recommended that female-to-male sex conver-
sion by Nix can complement SIT that requires only non-biting males and can help in 
reducing vector population to a great extent.

A myo-sex gene, need for flight, has also been discovered in the M-locus of male Ae. 
aegypti [36]. They demonstrated that the non-biting males converted from females 
lack this gene and thus were unable to fly for mating. They could not fold their wings 
completely but could walk and sometimes jump.

3.4 Wolbachia-based control

Wolbachia, an intracellular bacterium, is found in more than 50% of insect species 
and is transmitted vertically [37]. Mosquitoes do not possess Wolbachia but it can be 
introduced in the mosquito through trans-infections. The first Wolbachia strain (wPip 
- Wolbachia pipientis) was discovered in Cx. pipiens [38]. Later, other strains, wAlbA 
and wAlbB were found in Ae. albopictus [39].

The bacterium has been used to manage mosquito population, especially Aedes. 
It is reported that Wolbachia-based control techniques can not only disrupt replica-
tion and transmission of arbovirus; but the bacterium can also suppress the vector 
population [40]. Wolbachia-based mosquito control strategy involves two kinds of 
approaches – either replacement or suppression of the population [41]. In the popula-
tion replacement strategy, the female mosquitoes infected with Wolbachia are released 
in the fields. The offspring of these mosquitoes are viable, whether they mate with 
Wolbachia-infected males or uninfected males. This allows the spread of Wolbachia in 
the field population. Consequently, though the total number of mosquitoes remains 
unchanged the individuals are less competent (Figure 8). On the other hand, in 
population suppression strategy, Wolbachia-infected males are released in the fields. 
These, when mate with the wild females, do not produce viable offspring. Thus, this 
strategy reduces the total number of mosquitoes instead of affecting their competency 
(Figure 8).
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The studies have revealed that the Wolbachia trans-infection may decrease the 
fitness of Aedes leading to the population reduction and could halve its life-span  
[42, 43]. The study also showed that the mortality in Wolbachia-infected (wMel, 
wAlbB, wMelPop) mosquitoes was significantly higher in comparison to their wilds 
counterparts. In northern Australia, a wAlbB2-F4 strain has been generated which 
showed incompatibility with the wild strain as well as wMel-Wolbachia Ae. aegypti 
[44]. The strain was mass reared and sexes were sorted in order to release only males in 
the field. They released 3 million males in 600 houses, approximately 50 males/house, 
3 times a week for 20 weeks and recorded 80% decline in population in comparison to 
the control.

Research has shown that Wolbachia-infected strains have a competitive benefit 
over their wild counterparts. Mating between Wolbachia-infected male Ae. aegypti 
and wild female mosquitoes results in sterile eggs due to unidirectional cytoplasmic 
incompatibility [45]. In addition, the mating between male and female infected with 
different Wolbachia strains could also produce non-viable offspring (bidirectional 
incompatibility) [46]. Hence, in SIT, if Wolbachia-infected males are used and 
released regularly, the vector population can reduce drastically.

In addition, the Wolbachia has the capacity to block the transmission of dengue 
and Zika viruses by Aedes species. Studies have suggested that Wolbachia-infected 
Ae. aegypti might fix in the target population [47, 48]. In Kuala Lumpur, Malaysia, by 
18 months of Wolbachia-host coevolution in the field, it was observed that blocking 
of dengue virus transmission and unidirectional cytoplasmic incompatibility were 
not compromised in a field-adapted wAlbB-carrying Ae. aegypti strain [49]. Thus, 
Wolbachia-based control can be three-pronged approach; release of Wolbachia-
infected male mosquitoes along with uninfected female mosquitoes resulting in 
sterile offspring due to CI; introduction of Wolbachia strain causing fitness cost 
by reducing the life-span; and invasion of Wolbachia strain that inhibits virus 
 transmission (Figure 9).

Figure 8. 
Wolbachia-based mosquito control strategy [41] (CC-BY-4.0).
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3.5 Gene drive

CRISPR-based gene drives are selfish genetic elements that can be used to modify 
entire populations of the mosquito for sustainable vector control [51]. Using gene 
drive technology, a genetic modification can spread through a population at higher 
inheritance rates than the normal. These technologies have been investigated in An. 
gambiae, An. stephensi and other mosquito species. The approach can either suppress a 
wild mosquito population or reduce its transmission competency by spreading genes 
that interfere with parasite development.

A highly effective and autonomous CRISPR-associated protein 9 (Cas9)-
mediated gene-drive system has been developed in An. stephensi which resulted in 

Figure 9. 
Vertical transmission of Wolbachia and its role in reducing fitness of Aedes sp. and inhibition of dengue virus 
transmission. Red colored mosquitoes are infected with Wolbachia while green colored mosquitoes are uninfected 
[50] (CC-BY-4.0).
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progeny derived from transgenic males exhibiting a high frequency of germ-line 
gene conversion [52]. Earlier, it was used in An. gambiae for knocking out the genes 
responsible for female fertility exhibiting the potential to pass through consecutive 
generations [53].

3.6 Attractive toxic sugar bait (ATSB)

Attractive-toxic sugar baits are considered a new vector control paradigm based on 
“attract and kill” approach. The approach is based on the natural behavior of the mos-
quitoes to feed on plant sugars as an energy source immediately after emergence and 
intermittently during their life history. It is a known fact that the successful feeding 
by mosquito adults helps in high survival rate and reproductive fitness of mosquito. 
Though it is an old-age known fact, yet this behavior of mosquitoes was not tapped 
till recent times. Nowadays, the sugar feeding behavior of mosquito is being tapped to 
formulate ATSBs by combining a concentrated sugar-based food source, an olfaction 
stimulant to lure mosquitoes and a systemic insecticide to kill them. It is believed that 
development of ATSBs may contribute to their localized control.

ATSB approach has been favored as mosquito control strategy since use of a safe 
systemic toxin, such as boric acid, targets the sugar-seeking behavior of mosquitoes 
and can evade problems conventionally associated with the indiscriminate use of 
contact insecticides [54]. This method is suitable to be combined with any type of 
low-risk gut toxin, which makes it a potential and plausible tool to fight rising resis-
tance against conventional contact pesticides [55].

Application of mosquito sugar-feeding behavior as a control strategy was first 
observed successfully in Ae. aegypti adults which when fed upon a paper incorporated 
with malathion-sugar solution exhibited 85.2% mortality [56]. Likewise, Bacillus 
sphaericus spores incorporated with the sucrose/dye solutions resulted in effective 
mortality in Cx. pipiens [57]. Now, researchers are exploring diverse toxic sugar baits 
containing fruit or flower juice as an attractant and different types and concentrations 
of toxic active ingredients against mosquito vectors.

The aim of using the attractant in the formulation is to manipulate mosquito 
behavior moving them away from their natural sugar sources, attracting towards bait 
and encourage feeding. The baits can be applied to the foliage, or kept in a simple trap, 
such as plastic bottles (bait stations) to lure and kill, capitalizing on resting and sugar 
seeking mosquitoes. The approach offers an exceptional tool of pesticide delivery. The 
concentrated sugar source prompts a natural feeding response in mosquitoes. The 
mosquitoes, then ingest the bait and receive the active toxic ingredients integrated 
with the bait [58]. The researchers are attempting to use contact insecticides too along 
with which can enter the mosquito body during their visit to the bait.

As mosquitoes spend most of their time in particular outdoor microhabitats, 
there is a high probability that mosquitoes ingest ATSB solution at their resting sites. 
Application of a dyed sucrose-spinosad solution on the tree flowers at desert areas 
had resulted in a substantial reduction in the feral mosquitoes as compared to that 
at the control locations [59]. The ATSB trials were held against An. sergentii and An. 
gambiae in an arid habitat of Israel with relatively little sugar source vegetation which 
proved to be highly successful [60]. The approach resulted in over 98% reduction in 
the sugar-poor sites. Interestingly, over 95% population reduced even in the sugar-
rich sites. Likewise, a dramatic reduction of daily survival rates and malaria vectorial 
capacity was observed in An. gambiae, from 11.2 to 0.0 in sugar-poor sites and from 
79.0 to 0.3 in sugar-rich sites. Similarly, about 90% of mosquitoes emerged from 
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cisterns and wells were found to feed on ASB which suggested that applications of 
ATSB could be successful in storm drain systems [61].

A few successful ATSB field trials have also controlled Cx. quinquefasciatus from storm 
drains in Florida, USA and An. gambiae in Mali, West Africa reducing the population by 
90% [62]. The ATSB treatments in Mali also reduced the longevity of older mosquitoes 
which had completed three or more gonotrophic cycles and decreased the mosquito 
prevalence from 37% pre-treatment to 6% post treatment in a month’s time [63].

Application of a TSB containing 5% sucrose solution and 1% boric acid in the 
habitat of Ae. taeniorhynchus larvae could significantly reduce the landing rate counts 
of adults [64]. The application of 0.4% microencapsulated garlic-oil to local vegeta-
tion as the oral toxin component of ATSB for controlling An. sergentii populations 
inhabiting desert-surrounded wetlands in Israel reduced the biting-pressure by 97.5% 
[65]. Different juices and bait prototypes were investigated in laboratory and field-
simulated conditions to control An. arabiensis [66]. The preference of mosquitoes was 
found for orange, watermelon and commercial guava juice over tomato, mango and 
banana. The results elucidated that the design of the sugar bait can influence feeding 
rates and, therefore, efficacy. Sugar baits that offered a resting surface were found 
more efficient and feeding on the sugar baits was maximized when these were placed 
close to peri-domestic vegetation.

In a laboratory study, 48 h exposure of Ae. albopictus, Ae. taeniorhynchus and Cx. 
nigripalpus to the non-flowering Rhaphiolepis indica (L.) plants sprayed with TSB 
containing 5% sucrose solution and 1% boric acid resulted in >96% mortality in all 
mosquito species [67]. Sugar baits formulated with boric acid, deltamethrin and 
dinotefuran tested against Cx. quinquefasciatus showed higher efficacy of boric acid and 
dinotefuran baits against resistant populations while that of deltamethrin bait against 
susceptible population [68]. The carbamate-resistant strain of Cx. quinquefasciatus has 
also been found significantly more affected by dinotefuran than the susceptible strain 
suggesting that toxicity of dinotefuran against mosquitoes is not strongly affected 
by the presence of common resistance mechanism, i.e., kdr mutation and insensitive 
acetylcholinesterase [69]. Indoor trials conducted with ATSB bait station, contain-
ing guava juice-bait mixed with chlorfenapyr (0.5%), boric acid (2%), oxazolamide 
(1%) in experimental huts (Figure 10) as well as window traps (Figure 11), could also 

Figure 10. 
ATSB station positioning in experimental huts [70] (CC-BY-4.0).
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successfully attract and kill Cx. quinquefasciatus [70]. Use of aqueous sugar solutions in 
bait stations containing boric acid, fipronil, or spinosad resulted in significant reduc-
tions of local mosquito populations [59, 71].

Nevertheless, the selection of the toxicant to be included in an ATSB has remained 
a scientific concern as non-target species may be affected and also children may be 
attracted given the sweet nature of the substrate [72]. A comprehensive review of 
the advancements in the attractive toxic sugar baits for the mosquito control has 
highlighted their effects on the mosquito larvae and non-target insects, as well as has 
discussed future applications of ATSB methodologies [73]. The possible efficacy of 
TSBs and ATSBs in mosquito management recommends their integration into mos-
quito abatement programs.

3.7 Optical approaches

Various physical management strategies have been devised which use devices, such 
as microphones, sensors, lasers and light detectors to identify mosquitoes and detect, 
monitor, and investigate their behavior. The method aims to reduce energy consump-
tion, and enhance trapping and killing of specific insects.

Lowell Wood, an astrophysicist invented a laser-based device to kill mosquitoes. 
The “Mosquito Laser” uses an imaging CCD Camera along with a LED and a retro-
flective material to detect mosquitoes. A high-power laser is then released on the 
detected target which kills it by physical disintegration. It is a very novel technique 
which is still in the prototype stage. However, this approach can be dangerous for 
humans as well as the environment.

The short (<25 ms) laser pulses have been used to kill/disable An. stephensi females 
(Figure 12). The researchers reported the higher efficacy of green and far-infrared 

Figure 11. 
ATSB station positioning near windows [70] (CC-BY-4.0).
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wavelengths in comparison to near- and mid-infrared wavelengths [74]. They recom-
mended the use of cheap, robust lasers with sufficient beam quality so that they can 
be focused over a long range to kill mosquitoes. Earlier, efficacy of low power blue 
light to disable mosquitoes has been shown on exposure for several hours to days [75].

4. Conclusions

Prevention and control of mosquito-borne diseases, currently rely on the vector 
control due to the lack of effective medication and vaccines. The mosquito control 
has become a global challenge due to its widespread occurrence and transmission of 
diseases at a rapid rate. Despite the use of diverse conventional strategies; chemicals-
based interventions, environmental management, human-vector interaction control, 
use of biological agents, etc.; the world is facing continual rise in these diseases.  
Thus, there is a need for the adequate implementation of these control strategies. 
Presently, mosquito control is based on the use of chemical insecticides. However, 
the recurrent and unsystematic use of these toxicants have caused harm to the human 
health, non-targets and the environment. Hence, researchers are incessantly explor-
ing the alternate innovative strategies. The interventions which are covered in this 
Chapter can supplement the existing strategies and help to alleviate the mosquito 

Figure 12. 
Laser-induced killing of Anopheles stephensi (a) the current dosing laser co-aligned axially with an imaging 
camera; (b) anesthetized mosquitoes arranged in a 12 by 7 grid (c) view from the camera; (d) areas hit by the two 
typical beam diameters indicated by the circles; (e, f) Images from CCD beam (e) without and (f) with a subject 
[74] (CC-BY-4.0).
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population. Nevertheless, implementation of any new measure requires monitoring 
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control strategy.
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Chapter 4

Harmful Diptera Pests in Garlic and 
Onion and Their Management
Pervin Erdogan and Zemran Mustafa

Abstract

Garlic (Allium sativum) is a hardy perennial member of the onion family 
 presumably native to Central Asia; however, it has long been naturalized in southern 
Europe and throughout the world. Onion, on the other hand, is used all over the 
world, and its consumption depends mostly on the income level of consumers. It is 
an indispensable vegetable in the kitchen of many homes. Onions take third place 
in vegetable production after potato and tomato in Turkey. Mites, nematodes, and 
insect species cause damage to these plants, reducing considerably their yield. Among 
these pests, the most destructive are Delia platura Meigen (Diptera: Anthomyiidae) 
and Delia antiqua Meigen (Diptera: Anthomyiidae). The crop losses can sometimes 
reach up to 100%, depending on the crop and density of the pest. There are different 
methods to control these pests that vary by the pest type and the crop being applied. 
D. platura eat the contents of newly planted seeds, leaving empty seed shells and 
preventing germination. Also, D. antiqua. Young onions are particularly vulnerable. 
When the hide and bulb become entangled in the damaged plant, development stops, 
the plant turns yellow, and it breaks. Both pests are controlled using biological and 
chemical methods.

Keywords: onion, garlic, pests, biology, management

1. Introduction

Garlic (Allium sativum) is a hardy perennial onion family member most likely 
native to Central Asia, but it has been adopted in southern Europe and many other 
cuisines. It is one of the oldest cultivated vegetables used for its edible parts and as 
traditional medicine. As it is with onions, garlic is not used alone in cooking. It is one 
of the indispensable vegetables of the kitchens due to its taste and flavoring proper-
ties. Garlic teeth and leaves have appetizing, diuretic, antibacterial, respiratory and 
digestive tract antiseptic, and antithyroid effects. In addition, garlic has the properties 
of purifying bile, lowering blood sugar and lipids, cough suppressant, blood pressure 
lowering, anti-infective, and curative [1].

Onion is used all over the world, and its consumption depends mostly on the 
income level of consumers. It is an indispensable vegetable in the kitchen of many 
homes giving flavor and taste to the dishes. It regulates metabolism and strengthens 
the immune system against microbial diseases. It is known as a beneficial food for 
breastfeeding mothers due to its stimulating milk-production properties. In addition, 
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onion is recommended to be included in the nutrition programs for children growth 
as it is an important energy source and a medicinal plant whose use dates back to 
ancient years [2].

There are different methods to control these pests that vary by the pest type and 
the crop being applied. Delia antiqua Meigen (Diptera: Anthomyiidae), Delia pla-
tura Meigen (Diptera: Anthomyiidae), Thrips tabaci L. (Thysanoptera: Thripidae), 
Frankliniella occidentalis (Pergande) (Thysanoptera: Thripidae), Rhyzoglyphus 
spp., (Acari: Acaridae), Tyrophagus spp. (Acari: Acaridae), Aceria tulipae (Keifer) 
(Acari: Eriophyoidea) reduce the production of garlic. Previous studies carried 
out in Turkey reported garlic pests as Bactericera tremblayi Wagner (Hemiptera: 
Psylloidea), T. tabaci, F. occidentalis (Thysanoptera: Thripidae), Acrolepiopsis 
assectella (Zeller) (Lepidoptera: Acrolepiidae), Agriotes spp. (Coleoptera: 
Elateridae), Liriomyza spp. (Diptera: Agromyzidae), and Ditylenchus dipsaci (Kühn) 
(Tylenchida: Anguinidae) in garlic cultivation areas [3]. However, in recent years, 
garlic producers have complained about side effects of the pest on garlic produc-
tion. The pests have been common and caused significant loss of garlic yield. Some 
producers have even maintained that they did not get any yields. The most impor-
tant of these are D. antiqua Meigen (Diptera: Anthomyiidae and D. platura Meigen 
(Diptera: Anthomyiidae). Product loss as high as 35% on average is caused when no 
control is applied. The crop loss may sometimes reach up to 100%, depending on the 
crop and density of the pests. There are different pest control methods that vary by 
pest type. Besides chemical control for D. platura and D. antiqua, environmentally 
friendly practices such as yellow sticky traps are utilized for successful control of 
the Diptera pests [4].

2. Harmful Diptera species in garlic and onion

2.1 Seedcorn maggots (D. platura)

Seedcorn maggot or the bean seed fly, D. platura is a small dipterous insect. This 
fly is almost identical to the cabbage maggot (Delia radicum) and onion maggot (D. 
antiqua). In previous studies, this fly was named Hylemia platura, Hylemia cana, 
Hylemia cilicrura, and Hylemia similis [5]. Although D. platura was first reported in 
Germany, it is now spread all over the world [6].

The adult is about 6 mm long, gray in color, its body is covered with black hairs, 
and the wings are held crossed on the abdomen at rest. The egg is white in color, 
0.6–0.7 mm long, and 0.2 mm wide. The larva is ivory-colored, thin on the front, wide 
on the back, and 5–6 mm in length. Pupa is barrel-shaped (Figure 1a–d).

There is no mandatory diapause. After the adult emerges from the pupa, it feeds 
on flowers and other sweet substances and lays its eggs for 10–18 days. Usually, seed-
corn is found in newly plowed and irrigated fields. D. platura lays its eggs singly or in 
groups. It also lays eggs on degraded organic material in soil cracks and especially in 
manure piles. The hatched larvae immediately go under the soil and begin to feed on 
organic materials. Meanwhile, the larva searches for germinating seeds in seed beds 
and quarries. It feeds on the stems and cotyledons of young seedlings. Total larval 
development time is 8–11 days depending on temperature. D. platura has three larval 
stages. When the larva completes its development, it leaves the plant it feeds on and 
becomes a pupa at a depth of 5–6 cm in the soil. Pupation period is 10 days at 20°C. 
A female lays 40–50 eggs in her lifetime. Male flies live 20–25 days, while females 



67

Harmful Diptera Pests in Garlic and Onion and Their Management
DOI: http://dx.doi.org/10.5772/intechopen.106862

live 30–35 days. The development period from egg to adult is 35 days at 10°C and 
16–17 days at 25°C. D. platura produces 3–4 generations per year [7].

The seedcorn maggot is a polyphagous pest that attacks over 40 different host 
plants [8]. Allium species have been reported to host D. platura [9, 10]. The larvae 
feed by opening galleries in the stems and newly formed cotyledons of seeds germi-
nating in seed beds or quarries such as squash, melon, cucumber, beans, garlic, and 
other vegetables [11]. When the seedling emerges from the soil, only the cotyledons 
attract attention because the shoot tip is eaten. During the seedling stage, plants turn 
yellow, and dry. D. platura is the most destructive in garlic. Seedcorn maggots, accord-
ing to Bessin [12], damage newly planted seeds by feeding on seed contents, often 

Figure 1. 
Delia platura, (a) adult (wikipedia), (b) egg (Kilic, T), (c) pupae (Kilic, T.), (d) larva, (Erdogan, P), (e, f) 
damage (Erdogan, P).
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leaving empty seed shells and preventing germination (Figure 1e and f). Seedlings 
that germinate despite the damage are spindly and have few leaves, and they die 
before maturing. Seedcorn maggots can sometimes be found tunneling within stems 
and germinating seeds [13]. Early planting dates, heavy cover crops, and cool-wet 
weather all contribute to seedcorn maggot damage [12]. D. platura also feeds in garlic. 
D. platura is the most harmful species in garlic fields, and it was spread throughout 
the entire area with the rate of harmful infestation increasing to 41% in some areas 
in Turkey [14]. In Ecuador, seedling losses of more than 60% have been reported 
2 weeks after sowing. Plants that survive are weaker and less resistant to subsequent 
pest and pathogen attacks [15].

2.1.1 Management

2.1.1.1 Cultural control

• Planting in highly organic soils, wet soils, or during wet weather periods should 
be avoided as much as possible, as this frequently leads to increased risks.

• Manure should be allowed to age and be thoroughly incorporated into the soil 
before using.

• During seeding, dragging a chain behind the planter removes the seed row 
moisture gradient, which attracts oviposition by adult flies. This practice reduces 
seedcorn maggot damage significantly.

• Sanitation practices such as removing flowering weeds from outlying areas 
to eliminate nearby food sources for adult flies and removing sweet-smelling 
substances reduce an area’s attractiveness to these flies.

• There have been isolated reports of spider and bird predation on adults, as well 
as fungus diseases on larvae. However, none of these predators are thought to be 
effective at controlling seedcorn maggot populations.

• Because they spend so much of their life underground, seedcorn maggots do not 
appear to have many natural enemies [16].

Kessing and Mau [11] suggested reusing manure and thoroughly incorporating 
it into the soil before planting. Planting when the soil and weather conditions favor 
rapid germination is a preventive measure against seed corn maggot infestation. 
According to Basin [12] planting, shallow planting, higher seeding rates, a well-
prepared seedbed, and turning the cover early are all preventative measures for seed 
corn maggots (which renders the field less attractive to egg laying by flies). In another 
study, it was discovered that no-till fields are less likely to have seedcorn maggot 
problems because germinating seeds alone do not attract large populations of egg-
laying females [17].

2.1.1.2 Biological control

Seedcorn maggots do not appear to have many natural enemies because they 
spend much of their life cycle underground. Isolated incidences of predation by 



69

Harmful Diptera Pests in Garlic and Onion and Their Management
DOI: http://dx.doi.org/10.5772/intechopen.106862

spiders, ants, and birds upon adults and of fungal diseases infecting larvae have 
been reported, but none of these predators or pathogens is considered significant in 
controlling the population of seedcorn maggots [16]. There are some studies on the 
biological control of D. platura. Ellis and Scatcherd [4] revealed that two nematode 
parasitic species, Steinernema feltiae and S. krausseri, can be used to control seed fly 
and onion fly. The same study determined that S. feltiae reduced numbers of bean 
seed fly larvae by about 50%. Moreover, onion seedlings treated with the entomo-
pathogenic fungus Beauveria bassiana (strain ANT-03) based insecticides were less 
attacked by the pest [18]. Recently, entomopathogenic nematodes (EPNs) have been 
proposed as a potential control method for Delia species [19, 20].

2.1.1.3 Chemical control

In problematic areas, seed spraying should be performed or seed beds should be 
sprayed before planting seeds. If seedlings are infected after planting, spraying should 
be done to prevent new contamination [11]. Before planting, the seeds should be 
sprayed with drugs containing active substances Imidacloprid, Thiamethoxam, and 
Acetamiprid. If there is a need to spray during the green period, a chemical pesticide 
containing cyromazine as active ingredient can be applied.

2.2 Onion fly (Delia antiqua)

Onion maggot, D. antiqua, is a major underground agricultural pest, found 
throughout Asia, Europe, and North America due to its high and low temperature 
tolerance [21, 22].

Adult of D. antiqua is similar to adult houseflies but slightly smaller. The adult 
is 6 mm long and gray in color. There are five dark bands on the thorax of the 
adults. Wings of adults are transparent and unblemished; legs and antennae are 
black. D. antiqua eggs are matte, white in color, 1.5 mm long, and banana-shaped. 
There are 12 longitudinal lines on the egg [23]. Larva is white and legless. The head 
of the body is narrow and shaped like a carrot that widens toward the end. Mature 
larva is 6–8 mm. D. antiqua pupae are reddish, 6 mm long, and barrel-shaped 
(Figure 2a–d).

Adults begin to appear in mid-March and early April, depending on climatic 
conditions. Adults emerge gradually throughout the following month. Temperature 
affects the length of the preoviposition period. Flies kept at 25°C laid eggs in 
10–24 days, with a 15-day average. Adults lay their eggs in groups of 10–20 or singly, 
usually in the place where they meet with the onion, on leaves, tuber bark, and cracks 
in the soil, within 10–20 days following emergence. Flies in captivity lay up to 123 
eggs at the rate of 1–45 per day. Eggs hatch in 3–6 days, depending on temperature 
and proportional humidity. The emerging larvae enter from the junction of the onion 
and the beet and move toward the inside of the onion. The larval period is 15–20 days. 
The mature larvae pupate in the soil near the onion plant [24]. The pupal period is 
10–15 days. In addition to the damage it causes by feeding on the plant tissue, the larva 
causes decay with various bacteria it carries. The damage is especially greater in young 
onions. In the damaged plant, the development stops, the plant turns yellow, and 
it breaks when the hide and bulb are caught. Since the shallots that come out of the 
onion seeds planted for the purpose of growing shallots are frequent, the damage is 
more common (Figure 2e and f) [25]. The seed value of shallots is lost, and they rot. 
Onions, garlic, and bulbous flowers are their hosts [26, 27].
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2.2.1 Management

2.2.1.1 Cultural control

There are numerous non-chemical approaches to D. antiqua management. Crop 
rotation, crop sanitation, delayed planting, protective barrier installation, biological 
control, and sterile insect technique are examples of these.

• Crop rotation can considerably reduce damage by D. antiqua.

• Crop sanitation, including the removal of cull and volunteer onions, proper 
disposal of culls and volunteers, and avoiding damaging bulbs in the field is an 
important facet of D. antiqua management.

Figure 2. 
Delia antiqua, (a) adult (Pest and diseases image library, (b) egg (Pest and diseases image library), (c) larva 
(Rasbak), (d) pupa (Rasbak), (e, f) damage (wikipedia.org).
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• Delayed planting can help as D. antiqua flies preferentially oviposit on larger 
onions.

• While onion plant varieties show little susceptibility to D. antiqua, garlic variet-
ies have greater sensitivity.

• Since D. antiqua oviposits on or at the base of onion plants, the use of  physical 
barriers to exclude flies has been considered; row covers effectively reduce 
infestations of both D. platura [28–31].

2.2.1.2 Biological control

Pests of Delia spp. are vulnerable to a variety of natural enemies and biocontrol 
agents. Many (60–100) species of staphylinid and carabid ground beetles, generalists 
that feed on eggs and early instars, prey on Delia spp. [32]. In addition to feeding on 
eggs, some staphylinid beetles, such as Aleochara bilineata Gyllenhal (Figure 3a) and A. 
bipustulata Linnaeus, parasitize Delia pupae [32]. Aphaereta pallipes Say (Figure 3b) 
is a braconid fly, which has a diverse host range and successfully parasitizes D. anti-
qua. Moreover, other biocontrol agents of Delia include predators and parasitoids as 
well as entomopathogenic fungi (EPFs) and nematodes (EPNs). Entomophthora mus-
cae (Figure 3c), Metarhizium anisopliae (Figure 3d), and B. bassiana (Figure 3e) have 
all been found to be capable of infecting and killing Delia sp. pests in EPF screenings 
[33–35]. Similarly, EPNs, including commercially (Nemaplus, Biotem, Larvanem, 
Capsanem, etc.) available species such as S. feltiae (Figure 3f) and Heterorhabditis 
bacteriophora (Figure 3g) infect D. antiqua [36].

2.2.1.3 Sterile insect technique

Sterile insect technique (SIT) is a pest management technique that involves rearing 
and sterilizing large numbers of a pest before releasing them into the wild popula-
tion. Sterile males compete with fertile males for the opportunity to mate with fertile 
females, reducing the number of viable offspring [37].

2.2.1.4 Chemical management

Growers rely heavily on chemical management tactics due to the practical and 
economic limitations of non-chemical management tools. Currently, Delia antiqua 
is managed principally with insecticides applied as seed treatments and in-furrow 
applications of chlorpyrifos at planting [38]. Because flies move and disperse during 
the day, sprays targeting flies are unlikely to contact the pest and are not recom-
mended for fly management, although some growers continue to use them [29].

2.3 Leaf miners (Liriomyza spp.)

Adults are 1–2 mm long, gray-black in color. Larvae are up to 3 mm, white yellow 
in color, and clear (Figure 4a–d). Adults are on all leaves of the plant, and larvae are 
gallery life miner adults and live 25–30 days. A female lays about 400 eggs between 
two epidermises of the leaf. Larvae that emerge from egg feed by opening various gal-
leries in the leaf epidermis. The mature larva, which has completed its development, 
leaves itself the soil to become pupae [39].
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Figure 3. 
(a) Aphaereta pallipes, (b) Aleochara bilineata, (c) Entomophthora muscae, (d) Metarhizium anispliae,  
(e) Beauveria bassiana, (f) Steinernema feltiae, (g) Heterorhabditis bacteriophora (wikipedia.org).



73

Harmful Diptera Pests in Garlic and Onion and Their Management
DOI: http://dx.doi.org/10.5772/intechopen.106862

The females inflict small wounds on leaves, feed on the sap that comes out of it, 
and cause cell disruption. Feeding causes loss of healthy leaf tissue, so that plant can-
not capture enough sunlight and often becomes infected with disease. Plants often fail 
to grow or produce crops. Then damaged areas turn yellow and dry and the leaves fall 
(Figure 4e and f). They delay development in young plants and seedlings. They cause 
quality and yield loss. They are harmful to tomatoes, eggplant, peppers, beans, peas, 
broad beans, lettuce, zucchini, cucumbers, spinach, onions, and leeks [39].

2.3.1 Management

2.3.1.1 Cultural control

• The soil is plowed at a depth of 10 cm, and the pupae in the soil are destroyed.

• Contaminated plant waste should be disposed.

Figure 4. 
Liriomyza spp. (a) Adult, (b) egg, (c) larva, (d) pupa (Payne J.A.), (e, f) damage (wikivand.com).
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2.3.1.2 Biotechnical control

It can be used as yellow sticky traps to control adults of Liriomyza spp.

3. Conclusions

Garlic and onion foods have been known for their health benefits since ancient 
times and are frequently used for both health promotion and flavor purposes. The 
positive effects of garlic and onion also called a natural antibiotic among people 
are innumerable, and new benefits continue to be discovered every day. Both play a 
huge role in the health of people, such as reducing the risk of various types of cancer, 
improving mood, and maintaining skin and hair health. There are many pests that 
limit the production of these plants. For example, D. platura, Delia antiqua, Liriomyza 
spp., and Ditylenchus dipsaci. Especially, D. platura, D. antiqua cause a high rate of 
product loss when these two pests are not controlled. In order to prevent product loss 
caused by D. platura and D. antiqua, correct control methods must be applied. Onion 
and garlic farmers should be informed about these pests and their control.

© 2022 The Author(s). Licensee IntechOpen. This chapter is distributed under the terms of 
the Creative Commons Attribution License (http://creativecommons.org/licenses/by/3.0), 
which permits unrestricted use, distribution, and reproduction in any medium, provided 
the original work is properly cited. 
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Abstract

The walnut husk fly (Rhagoletis completa Cresson) is the most important pest of 
walnuts (Juglans regia L.). It causes economically significant crop losses (up to 80% 
yield loss) in many growing regions, including the United States and most European 
walnut-producing countries. This chapter describes the impact of pest infestation on 
yield quantity and quality along with the current geographic distribution of the pest. 
Its bionomy and infestation symptoms are described in detail. An overview of moni-
toring and control methods used is also provided, and new methods that may prove 
useful for walnut husk fly control are listed. Monitoring the occurrence of the pest is 
the most important part of controlling the walnut husk fly, as only with an effective 
monitoring system can insecticides be applied at the appropriate time. Emphasis is 
placed on biotic protection and the possible role of phenolic compounds in cultivar 
resistance to walnut husk fly. Other control methods (non-chemical, mechanical, and 
biological control) are also gaining importance in pest management as more and more 
active substances in pesticides are regulated or phased out each year. Mechanical con-
trol methods are more or less only suitable for walnuts grown in the protected areas.

Keywords: biotic protection, phenolic compounds, cultivar resistance, yield quality, 
yield quantity, bionomy, control methods

1. Introduction

The walnut husk fly (Rhagoletis completa Cresson) belongs to the group of fruit 
flies (Diptera: Tephritidae), which are the most important pests worldwide [1]. Fruit 
flies are considered one of the most important pests in the world due to the large eco-
nomic impact and strict quarantine restrictions imposed by several countries. Larval 
feeding and oviposition by females render fruits or vegetables unusable and inedible 
[2], and losses can be as high as 80% of the yield [1]. Apart from the economic level, 
the fruit fly is also important at the ecological level, as it can displace native species or 
compete with them for resources [2].
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Rhagoletis is a genus of Tephritidae fruit flies, which includes about 60 species. The 
walnut husk fly is the most destructive pest of the genus Rhagoletis, along with the 
European cherry fruit fly (Rhagoletis cerasi Loew) and the apple maggot (Rhagoletis 
pomonella Walsh) [1]. Fruit flies of the genus Rhagoletis have a specific combination 
of wing patterns consisting of pointed black or yellow postocular setae, four or five 
transverse bands, and posteroapical lobe along the anal vein. The male specimens have 
a long, saber-like surstyli genital, whereas the female specimens have a terminalia with 
a short oviscape that forms a soft, desclerotized T-shaped area at the apex [3]. Flies of 
the genus Rhagoletis are distributed throughout North and South America, Europe, and 
parts of Eurasia [4]. Rhagoletis species are usually found in temperate, mesic environ-
ments where rainfall is abundant. Most Rhagoletis species are univoltine, and only a 
few are multivoltine, producing a small second generation. Most species spend 8 to 
10 months in the soil under host trees, from where they emerge from pupae between 
May and August (Northern Hemisphere). The female specimens emerge before the 
males. After emerging, they mate within 1 to 2 weeks on or near the fruit of their host 
plants. Both sexes are opportunistic feeders as their foods include fruit juice, exudates 
from extrafloral nectaries, plant leachates, bird excretions, homopteran honeydew, 
and possibly yeasts and bacteria. Male specimens are territorial and wait on host fruits, 
which they defend against other males, for the arrival of female specimens to mate with 
them. Rhagoletis species do not exhibit true courtship, as there are no predictable or 
elaborate behaviors that lead to mating and mounting. To mate, males simply attempt 
to hump the back of females. Males attempt to mate with females that are oviposition-
ing. The females then individually deposit the eggs directly under or on the skin of the 
fruit. In addition to depositing the eggs, females also mark the fruit with pheromones 
that prevent further oviposition and thus competition for resources within the species. 
After the larvae hatch from the eggs, they begin to feed on the pulp of the fruit, causing 
the fruit to rot and become unmarketable and inedible. There are three larval stages in 
Rhagoletis species. The final larval stage usually leaves the damaged fruit and burrows 
into the soil, where it pupates. It is believed that adults can survive up to 1 month in the 
wild, while the duration of the stage from egg to pupation depends on temperature and 
usually lasts between 4 and 10 weeks [5–9].

1.1 Hosts, origin, and distribution

Walnut husk fly belongs to the suavis species group. It has been classified there 
along with Rhagoletis suavis Loew, Rhagoletis juglandis Cresson, Rhagoletis boycei 
Cresson, Rhagoletis ramosae Hernández-Ortiz, and Rhagoletis zoqui Bush [9, 10]. Ten 
plants have been identified as hosts for the walnut husk fly. English or Persian walnut 
(Juglans regia L.) is the most commercially important, while black walnut (Juglans 
nigra L.) is the native host and is of lesser commercial importance. Other hosts 
include little or Texas walnut (Juglans microcarpa Berlandier), Arizona walnut (Juglans 
major (Torrey) Heller), Nuevo León walnut (Juglans hirsuta Manning), Hinds’ black 
walnut (Juglans hindii Rehder), California black walnut (Juglans californica S. Watson) 
[6, 9], and Mexican walnut (Juglans mollis Engelm) [11]. Walnut husk fly has also been 
reported to infrequently attack peach (Prunus persica L. Batsch) [12], and Midland or 
English hawthorn (Crataegus laevigata (Poir.) DC.) [13].

The walnut husk fly is native to North America, to be more precise Midwestern USA 
and northeastern Mexico [9, 10]. It was first described and characterized by Cresson in 
the late 1920s [14]. From its native region in the Midwestern United States (Iowa, Kansas, 
Oklahoma, Minnesota, and Texas), it gradually spread to the other regions. In 1922, it 
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was reported in California [12], from where it spread to the southern areas of California 
and northward to Washington State [15] and later to southern British Columbia 
(Canada) [5]. In Mexico, however, it is still restricted to the northeast, particularly to 
the states of Tamaulipas, Nuevo León, and Coahuila. In Nuevo León, walnut husk fly is 
restricted to Janirella hirsuta in higher-elevation areas within the canyons of the Sierra 
Madre Oriental [16], whereas in Tamaulipas and Coahuila it is infesting J. mollis [11].

It is believed that walnut husk fly spread from North America to Europe via 
global trade routes. In 1988, the walnut husk fly was documented for the first time 
in Europe, in Switzerland in the Ticino region [1, 17]. Later, the fly subsequently 
spread to neighboring countries. In 1991, it was reported near Venice and in the Friuli 
region [18], from where it rapidly spread throughout Italy. By 1992, it was confirmed 
in Milano, Novara, Varese, Pavia, and Sondrio [19]. From Italy, the walnut husk fly 
then spread across walnut-growing areas in Italy, and in 1997, the walnut husk fly 
was documented for the first time in Slovenia near Nova Gorica [20]. Documented 
observations of the walnut husk fly then increased each year: Croatia (2004), France 
(2007), Austria and Germany (2008), Albania (2010), Hungary (2011), Bosnia and 
Herzegovina, and Spain (2013) [1, 21–23]. Lacking natural predators, the walnut husk 
fly is expected to spread to all walnut-growing areas in Europe and Asia in the next 
few years, severely affecting walnut production [1].

1.2 Biology

To determine the species morphologically, a binocular microscope is recom-
mended for diagnosis. Magnification for adult specimens is x10 and for larvae and 
aculeus x200. Only adult specimens can be reliably identified, while identification 
of eggs, larvae, and pupae is not reliable. Morphological identification of adult 
specimens can be done according to the EPPO (European and Mediterranean Plant 
Protection Organization) protocol [24], and that of larvae according to the protocol 
for the identification of larvae (third instar stage) [25]. The walnut husk fly life cycle, 
along with the damage caused can be seen in Figure 1.

Similar to other species of Tephritidae, the adult specimen of walnut husk fly is 
small, reaching a length of 4.0–6.5 mm. Both female and male specimens are of about 
the same size. The head of the walnut husk fly is completely yellow. It has a yellow dot 
on the posterior base of the thorax. Its wings are transparent and have three charac-
teristic dark brown stripes. The last stripe is an elongated L that begins at the leading 
edge of the wing. Female specimens can be distinguished from males by a pointed 
abdomen with an ovipositor and by the color of the first leg segment. On males, the 
first leg segment is brown to black, whereas on females, it is pale yellow [9, 24]. A 
detailed morphology to distinguish Rhagoletis species is available at EPPO [24].

The walnut husk fly is univoltine (has only one generation per year). It usually 
overwinters in the soil under or near the host tree, as a pupa, however in years of 
high population density, individual specimens migrate elsewhere. Passive dispersal 
(wind, transport vehicles, etc.) is also likely. The life span of adult specimens is 
similar to other Rhagoletis species and is up to 40 days. Adult specimens emerge from 
the ground from mid-July to late September. Peak emergence is between late July 
and late August. In the host tree, they usually stay in the shaded part of the canopy 
where there are plenty of fruit. As previously seen with other Rhagoletis species, 
male specimens are territorial. They wait on the host fruit, for the arrival of the 
female specimens to mate with them. Mating occurs within 6 to 8 days after emer-
gence from the soil. Females begin laying eggs 10 days after emerging from the soil. 
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A female can lay between 300 and 400 eggs in her lifetime. They usually lay eggs 
in groups of 15 to 20 per fruit. As with other Rhagoletis species, female specimens 
release a pheromone after laying eggs that prevents other females from laying eggs 
on the same fruit (walnut husk), which thus reduce larval competition for resources. 
One female can infest up to 20 fruits per season. After the females lay eggs on the 
fruit, the larvae hatch from the eggs in 3 to 10 days, depending on climatic condi-
tions, especially temperature. The larvae are dirty white in color and have neither 
head nor legs. They reach a length of 8–10 mm. Once the larvae hatch, they bore into 
the walnut husk, where they make burrows and feed on the flashy pericarp (inner 
husk). Larval development takes between 30 and 40 days, during which they strip 
twice. Once they reach the last strip and are fully mature, they drop out of the husk 
onto the ground. They berry into the soil and pupate at a depth of a few centimeters. 
The pupation allows them to overwinter. The following year, more than 90% of the 
adults emerge from the soil and repeat this cycle again, while less than 10% of the 
pupae spend another season in diapause [1, 9, 26–29].

1.3 Economic damage

Economic damage is caused by the larvae of the walnut husk fly when they feed 
on the pericarp. This softens and blackens the husk, making it soft, sticky, and black. 
Once the damaged husk dries, it sticks to the endocarp (maturing nut) and is very dif-
ficult to remove or wash off. In severe infestations, the larvae may completely destroy 
the pericarp, leaving only the withered black exocarp around the shell [1]. Infestation 
causes the release of tannins from the damaged husks, resulting in black spots on the 

Figure 1. 
Adult specimen of walnut husk fly (A), early signs of larvae damage (early: Bottom left, late: Bottom right, 
uninfested fruit: Above) (B), larvae (C), life cycle of walnut husk fly (D), and damage to shells and kernels 
(healthy left and damaged right) (E). *Photo of pupae provided by AGES/A. Egartner.
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shells and reducing their commercial value. Apart from the damaged shell, infestation 
alters the internal quality of the nut, affecting its flavor and metabolic composition, 
making it bitter and thus reducing its commercial value [30, 31]. In early infestations, 
kernel (seed) development is severely inhibited as larvae attack the conductive tissues 
of the fruit stalk, resulting in malnutrition of the fruit. As a result, these fruits fall off 
before they reach maturity, or they do not fall off the tree at all and remain on the tree 
through the winter. Heavily infested fruit can also facilitate the entry of pathogens 
into the edible interior of the nut, particularly the bacterium Xanthomonas campestris 
pv. juglandis (Pierce (Dye)) and the fungus Marssonina juglandis (Lib.). This causes 
the kernel to shrink, lose weight, rot, mold, and deform the kernel, resulting in 
significant or total yield loss [30–33]. For this reason, the early emergence (mid-
July to mid-August) of the walnut husk fly is the most dangerous, whereas the later 
emergences are not as dangerous because the nuts ripen before the larvae complete 
their development and cause serious damage. Because the larvae do not complete 
their development, fewer tannins are released from the husk that would blacken the 
shell or affect the internal quality of the nuts [30, 31]. Although late infestation usu-
ally does not damage the kernel, it interferes with the natural separation of the pulp 
from the nutshell, making marketing cumbersome and impractical. In addition, black 
stains must be removed from the shell with high water pressure or the nuts must be 
bleached because consumers are unwilling to buy stained nuts [4, 32]. In years when 
vegetation is delayed by cold spring temperatures, the walnut husk fly also reaches 
its peak attacks later, even in the first days of September. In these cases, even the 
September emergence of the walnut husk fly causes major damage, especially to late 
ripening cultivars.

In orchards where walnut husk fly is present, and if left uncontrolled, the damage 
can be visible on 74 to 91% of the husks [27] and yield loss can be as high as 80% [1]. 
However, yield losses vary between cultivars.

2. Influence of walnut cultivar on resistance to the walnut husk fly

Some cultivars were found to be more tolerant to walnut husk fly attacks, with 
first studies reaching in the 1930s, just after the emergence of the pest in California 
[34]. At the start of the research and with the lack of analyzing equipment that is 
available nowadays, cultivar resistance was believed to be depended on the hardi-
ness of walnut husk at the time of oviposition activity of the fly [34]. Later on, it 
was found that walnut husk flies prefer cultivars that produce larger and heavier 
fruit. Overall, fruit weight was also correlated with the pupal weight and diapause 
length, as offspring that developed in larger fruit likely accrued fitness advantages 
over offspring that developed in smaller fruit. Adult fly longevity was reported 
to be influenced by cultivars and not any particular physical fruit characteristic 
[35]. Fruit weight has also been documented to influence infestation rates in other 
Tephritidae species [36, 37]. There are, however, inconsistent and contradicting 
results between various authors that were comparing the same cultivars across dif-
ferent orchards and years [35, 38]; therefore, no clear conclusion on which cultivar 
is more or less susceptible to walnut husk fly attack could be drawn. It was, however, 
suggested that environmental conditions (soil moisture levels, favorable tempera-
tures, etc.) could affect infestation patterns, by simultaneously influencing fly 
development rate (delaying or accelerating sexual patterns) or walnut growth (delay 
in the phenophases) [33, 35, 38, 39].



Advances in Diptera - Insight, Challenges and Management Tools

84

One possibility of cultivar resistance could be the content and composition of phe-
nolic compounds in the husk at the time of infestation. Phenolic compounds are sec-
ondary metabolites found in all plant tissues, as they play a major role in physiological 
processes, growth, and durability of the plant. Their key role in the plant is related to 
plant defense against biotic and abiotic stresses [40]. In the past, higher total phenolic 
content was associated with higher stress tolerance in plants [41, 42]. However, in 
recent years, increasing attention has been focused on individual phenolic compounds 
and groups as more and more studies [40, 43–45] show that plants respond to patho-
gens with only selected individual phenolic compounds and groups. It is hypothesized 
that some individual phenolic compounds and groups respond more rapidly and are 
better adapted to short-term stress conditions, whereas others require more time to 
form and are better adapted to long-term stress conditions. In addition, there is a 
possibility that plant/cultivar resistance is not related to the total phenolic compound 
content, but rather is due to the reaction time of the plant and the speed with which 
it recognizes the pathogen and responds quickly to infection containing it while it 
has not yet spread. Cultivar resistance could be due to the composition of phenolic 
compounds or to the reaction time of the plant to the infection, as already observed in 
walnut anthracnose (Ophiognomonia leptostyla) [43] and walnut blight (X. campestris 
pv. juglandis), where flavonols, flavanols, and naphthoquinones were observed to have 
the biggest role in walnuts defense mechanisms [40]. Unfortunately, to date, there 
have been no investigations of this claim, only studies examining the effects of walnut 
husk fly infestation on kernel quality and its composition [30, 31].

Because cultivar resistance is usually associated with a higher total phenolic con-
tent or the phenolic content of certain groups, breeding and selection of new cultivars 
usually involves breeding cultivars with a higher content of phenolic compounds. 
Since breeding is a long-term process that can take more than 20 years for walnuts, 
and farmers cannot tolerate the damage caused by the walnut husk fly for that long 
duration, the use of pesticides and other technical measures is crucial and necessary. 
Since walnut husk fly causes up to 80% yield loss, we cannot imagine walnut cultiva-
tion without these measures. However, yield losses vary between cultivars.

3. Walnut husk fly control

Governments, agencies, and policymakers in the agricultural sector are constantly 
faced with the risk of epidemics and pest outbreaks. In the context of global climate 
change and world trade, there is growing concern about the environmental and 
economic impacts of non-indigenous invasive species of parasites and pathogens on 
crops. With globalization and the growing number of trade routes, the problem is 
increasing every year. Alien insect species have become an increasing problem world-
wide due to their significant ecological and economic impacts [1]. According to some 
estimates, invasive species cause around €19.64 billion in damage and losses each 
year in Europe alone [46]. Strict regulations and quarantines are in place to prevent 
these outbreaks, but ultimately the pathogen finds its way across national borders. 
At the same time, scientific advances and growing public concern about human 
and environmental health are prompting legislators and policymakers to enact and 
enforce pest control regulations [1, 4]. Every year, more and more active substances in 
the plant protection products are regulated or withdrawn from use. And in the event 
of an outbreak of an invasive pathogen, the effective response can be very limited. 
To respond effectively to pathogen outbreaks, alternative plant protection methods 
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must be applied. To be successful, accurate data on the pathogen itself (persistence, 
overwintering, developmental stages, timing of infestation and extent of damage, 
reproduction, etc.) are required in addition to varietal resistance. Only with all this 
detailed information can we successfully control the pathogen and its damage [1].

3.1 Monitoring methods

Walnut husk fly control is primally based on successful monitoring of the patho-
gen to adapt phytosanitary treatments to the occurrence of the pest. Occurrence of 
the walnut husk fly is usually determined by capturing the adults, but larvae can also 
be detected. Monitoring of the adult walnut husk fly begins in mid-July. At this time, 
yellow sticky traps must be suspended in the tree canopy. According to field observa-
tions, the efficiency of observations is better when the traps are suspended higher in 
the tree canopy [1]. There are a number of different traps from different vendors that 
can be used. Typically, yellow rectangular PVC sticky traps are used that have been 
shown to be effective in capturing a range of dipterans [27]. The yellow sticky traps 
are used alone or in combination with attractant, which has been shown to be more 
effective [27]. Yellow sticky traps were first used in the 1980s in the U.S. and were 
proven successful in monitoring walnut husk fly populations [47]. Traps are baited 
with 3 g of ammonium carbonate to increase trap attraction (Figure 2) [27].

For an orchard of 1 ha, one to two yellow sticky traps have proven sufficient. It 
is recommended to place one of the two traps 2 m above the ground and the sec-
ond 5–6 m above the ground in the canopy. The traps are visually inspected twice 
a week or every 3 days for the presence of the pest. It is important to remove the 
trapped flies and re-coat the sticky layer or change the attractant according to the 
manufacturer’s instructions. Normally, the traps are renewed every 3 weeks, while 
ammonium carbonate is added every week. When the first adult specimens are 
observed on the traps, it is important to begin the phytosanitary treatments. After 
the first insecticide application, the pests must be removed from the traps and the 
traps monitored once a week for further pest occurrence [27, 48]. Monitoring costs 
associated with walnut husk fly are estimated to be about €75 per hectare, including 
labor and materials [27, 48].

Larvae can also be detected, but the method is not as reliable and the major 
initial infestations that cause the most damage are missed because the larvae are 
already developing in the husk. To detect the larvae, you must visually inspect the 

Figure 2. 
Two types of traps that are typically in use, PHEROCON® Trécé trap (A), and REBELL® Amarillo trap (B).
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fruit surface and locate the damage where the adult females have poked the holes 
and laid the eggs in the husk. These holes are not easy to see and can be easily 
missed. Later observation may be easier as the husk begins to blacken from larval 
feeding activity [1].

3.2 Control methods

3.2.1 Insecticide use

Following the detection of the first walnut husk fly specimens, walnut producers 
must begin chemical control. Commercially available insecticides containing the 
active ingredients dimethoate and fenitrothion are considered efficient in controlling 
the walnut husk fly. Their efficacy is comparable and both showed efficacy when 
applied at 1500 g of active ingredient per hectare. Apart from the two mentioned, 
imidacloprid, cyclaniliprole, thiacloprid, zeta-cypermethrin, chlorpyrifos, spinosad, 
fosmet, and bifenthrin as active ingredients are considered successful in walnut husk 
fly control. Considering nut prices, average yields, and insecticide application costs, 
1 to 2 insecticide treatments are considered economically viable. When pesticides 
are sprayed at the right time, two applications are considered sufficient to maintain 
infestations at acceptable levels. However, effective timing of pesticide application 
can only be achieved with the effective monitoring techniques. A single insecticide 
application can save about 50% of production in orchards [27]. Current guidelines 
assume that an attractant (protein bait) is added to insecticide applications to 
improve their effectiveness. In the canopy, walnut husk flies feed on the protein baits 
and also ingest the insecticide. Wider nozzles are recommended for easier application 
because they form larger droplets. Because of the difficulty of applying insecticides 
to walnuts, it is currently recommended that only 1/3 of the tree canopy from the 
north to east sides be sprayed with the insecticide and attractant combination. If 
walnut husk fly is observed again in the yellow sticky traps after the first insecticide 
application, the insecticide application may be repeated up to two times depending 
on country guidelines. The last application must be made at least 3 weeks before the 
walnuts ripen to avoid residues of the insecticide [48]. Because insecticide applica-
tion to walnut trees is difficult, research is being conducted on different application 
techniques: special nozzles, drone application, direct trunk injection. One of these 
is direct trunk injection of abamectin, which has recently been shown to be a viable 
method of controlling walnut pests [49].

In addition to traditional insecticidal crop protection methods, a walnut husk fly 
trap has recently become available. It contains an attractant and an insecticide that 
first attracts the pathogen, and once in the trap, the insecticide kills the pathogen. The 
lure is hung in the canopy, after the presence of the walnut husk fly is confirmed with 
the yellow tapes. The traps are a closed system where the insecticide is impregnated 
on the inside of the lid, while a bag containing the attractant is in the lower container. 
However, this method is more suitable for gardeners or protection of individual 
plants, as 50 to 100 traps are needed for a 1-hectare orchard [48].

3.2.2 Non-chemical control methods

With the absence of registered phytosanitary products for walnut husk fly control, 
more and more alternative methods are being tested. In addition to chemical ones, 
there are also some non-chemical control methods that are particularly useful in 
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protected areas, urban areas, and areas where the use of insecticides is not appropri-
ate or the use of pesticides is not considered a safe and viable option.

In organic orchards, the use of clay (calcinated kaolinite) has proven effective 
as it physically protects the fruit. However, even in low-rainfall regions, four to five 
applications per year are required. In addition, the application is only suitable for 
small walnut trees, as it is not possible for larger walnut trees [1].

One of the most efficient methods is ground cover under the canopy. This prevents 
adult specimens from emerging from the ground and thus prevents further oviposi-
tion on the husk. However, this method is considered effective only when the entire 
ground under the tree is covered; otherwise, females from neighboring trees will 
disperse to these trees [48, 50].

To control walnut husk fly populations, regular removal and burning of infected 
fallen fruit along with shallow tillage in the spring and fall under tree canopies may 
be effective. In the fall, shallow tillage of the soil must be done immediately after 
collecting walnuts. This will destroy the larvae before they can crawl into the soil and 
pupate. In the spring, it is recommended that the soil be tilled in April to destroy the 
pupae before the adult emerge. Tillage in the fall must be done 5 to 10 cm deep in the 
soil and 10 to 15 cm in the spring [48, 50].

3.2.3 Biological control

Among other methods, biotic methods of walnut husk fly control are also an 
option. Studies have shown that two entomopathogenic fungi are available to control 
adult specimens of the genus Rhagoletis, one is Beauveria bassiana and the other is 
Metarhizium anisopliae [51, 52]. The effect of entomopathogenic fungi on larvae and 
pupae is limited, but they prove effective against adult specimens. To date, no studies 
of walnut husk fly control with entomopathogenic fungi are known. However, there 
are some data on the control of cherry fruit fly (Rhagoletis cerasi) with the entomo-
pathogenic fungus Beauveria bassiana. Application of Beauveria bassiana has been 
shown to reduce cherry fruit damage by 25–30% when applied to larvae and pupae 
and by up to 65% when applied to walnut husk fly adults foliar [53]. In addition 
to entomopathogenic fungi, the use of entomopathogenic nematodes of the genus 
Steinernema in Heterorhabditis has also been mentioned as a successful biotic agent 
in the control of various insects [54]. As with entomopathogenic fungi, the effect 
of entomopathogenic nematodes on walnut husk fly control has not been studied. 
However, there were some studies on the effect of entomopathogenic nematodes 
of the genus Steinernema on the control of species related to the walnut husk fly, 
Rhagoletis indifferens. The results showed that entomopathogenic nematodes of the 
genus Steinernema were considered successful biotic agents in controlling larvae (up 
to 80% mortality) and adults (up to 50% mortality), whereas no effect was obtained 
on pupae [55]. The first optimal time to apply biotic agents against walnut husk fly 
would be when the walnut husk fly begins to molt from pupae and fly out of the 
ground (late spring). To determine the proper time to apply biotic agents, the walnut 
husk fly must be monitored using the yellow sticky panels. The second effective time 
to apply biotic agents to walnut husk fly would be when the larvae begin to move 
into the soil (fall) to pupate [1, 56]. Recent work has shown that entomopathogenic 
nematodes are compatible with insecticides, so combining the two methods could 
improve efficiency in controlling walnut husk fly [56].

Previously, the possibility of a natural predator, the parasitic wasp Coptera occiden-
talis Muesebeck (Hymenoptera: Diapriidae), was considered. C. occidentalis is native 
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to California, USA, and parasitizes the pupae of some species of the genus Rhagoletis 
[57]. C. occidentalis has been reported to parasitize the walnut husk fly, along with 
Rhagoletis cingulata, R. indifferens, and Ceratitis capitata. In the late 1970s, a massive 
propagation of C. occidentalis began in California to control the walnut husk fly. In the 
1980s, the parasitoid was released into the wild for the first time. Although C. occi-
dentalis has been continuously released for 30 years, its efficacy in controlling walnut 
husk fly is considered insufficient [58]. This is thought to be due to the particular 
bionomy of C. occidentalis, as it is a parasitic predator that parasitizes pupae in the 
soil. Due to the insufficient concentration of attractants (kairomones) emitted from 
the soil by the pupae, the results are not optimistic [54, 59]. However, the species has 
been introduced in Slovakia as a biotic agent for control of R. cerasi [59]. The second 
parasitic wasp-parasitizing species of the genus Rhagoletis is Diachasmimorpha jug-
landis Muesebeck (Hymenoptera: Braconidae). A solitary parasitoid that parasitizes 
the pupae and larvae of the genus Rhagoletis. Dorcaschema juglandis finds its prey by 
sensing the volatile compounds released by infested fruit. However, D. juglandis has 
not been included in the biotic protection program for walnut husk fly control [60]. 
Close monitoring of native parasitoids in regions where walnuts are grown has been 
suggested. The species of natural enemies (Coptera occidentalis, Diachasmimorpha 
juglandis) of the walnut husk fly could be considered as sufficient alternatives to the 
use of insecticides in the control of walnut husk fly [54].

4. Conclusions

The walnut husk fly is not a new pest in the United States, but it is fairly new to 
Europe (1988). Since the introduction of this invasive species, it has spread to almost 
all walnut-growing areas. Where it is not currently present, it will most likely emerge 
in the next few years. In the absence of natural predators, it reproduces at a very high 
rate and causes very high yield losses (80%) in orchards. Monitoring the occurrence 
of the pest is the most important part of controlling the walnut husk fly. Only with 
an effective monitoring system, we can apply insecticides at the appropriate time. 
Since the application of these insecticides is very difficult for adult walnut trees, new 
methods for insecticide application are being researched (drone application, special 
nozzles, trunk injection, etc.). As more and more active substances in pesticides are 
regulated or phased out each year, other control methods are also gaining importance 
in the pest management. Mechanical control methods are more or less only suitable 
for walnuts grown in the protected areas, in urban areas and in areas where the use 
of insecticides is not appropriate or the use of pesticides is not considered a safe and 
viable option. The use of biotic control agents needs to be further investigated as it 
may also be an option, especially in organically managed orchards. In addition, the 
role of phenolic compounds needs further investigation, as little or no research has 
been conducted. The implications of this research would greatly benefit our under-
standing of pathogen control, as well as benefit breeders who could easily determine 
which walnut cultivars have the ability to resist walnut husk fly attacks.
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